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Abstract of the Dissertation 

 
Biofunctional surface chemistry for high-resolution  
imaging and manipulation of single DNA molecules  

 
by 

 
Gary Robert Abel, Jr. 

 
Doctor of Philosophy in Chemistry and Chemical Biology 

 
University of California, Merced, 2016 

 
Committee Chair: Professor Christine Isborn 

 
One of the key innovations in biomolecular science over the past 50 years has 
been the ability to directly observe and measure single molecules. Single 
molecule experiments have revealed a wealth of information that has not 
been accessible to ensemble measurements, and have helped shed light on 
biological processes as diverse as RNA transcription, DNA replication, 
protein synthesis, membrane pore channel modulation, motor protein 
translocation, and protein folding. Among the tools available, atomic force 
microscopy (AFM) is uniquely powerful in its ability to directly image and 
manipulate single biomolecules and biomolecular complexes with nanometer 
precision. A large research effort has been focused on improved 
instrumentation to expand the capabilities of AFM, such as high-resolution 
non-contact mode, force mapping, and high-speed imaging. In contrast, there 
has been a lack of similar progress in the development of improved surface 
chemistry for immobilizing single biomolecules, a key step for in situ 
imaging. Indeed the standard approach for AFM imaging of nucleic acids, 
adsorption on mica, has been in use for over twenty years and has seen 
relatively few changes. There is a potential for a more dynamic surface to 
provide active control over the molecule-surface interactions, in turn enabling 
more complex measurements of biomolecules in their native states. This 
would help to address a longstanding challenge in AFM imaging: molecules 
adsorbed on a static surface for imaging are unlikely to retain their native 
properties. 
 
In this dissertation I describe a number of novel surface chemistry tools that 
I have developed toward this end, and I demonstrate their use in AFM 
studies of single DNA molecules that would be impossible with previously 
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existing substrates. Chapter 1 provides the background and historical context 
of the imaging and manipulation of DNA with scanning probe microscopy, 
with a special focus on the role of the surfaces being used. In Chapter 2 I 
describe dynamic, switchable surface chemistry that overcomes the challenge 
inherent in using a static surface for AFM imaging, and I demonstrate its use 
in studying the hybridization kinetics of single DNA molecules at the 
solid/liquid interface. In Chapter 3 I present a method for covalently and 
sequence-specifically tethering long DNA molecules to the switchable surface 
for AFM imaging or force spectroscopy measurements. Then, in Chapter 4, I 
describe a strategy for measuring and suppressing the oxidative damage that 
occurs during copper-catalyzed bioconjugation reactions such as the surface-
tethering reaction that was described in the previous chapter. In Chapter 5 I 
demonstrate how the switchable surface chemistry can be used to study the 
self-assembly kinetics of a synthetic DNA tile. And finally, in Chapter 6 I 
summarize the work presented in this dissertation, and I also discuss its 
potential utility in studying other biomolecular processes, including 
transcription, replication, and DNA packaging and repair. 
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Chapter 1 
 
 

Introduction and background: 
Atomic force microscopy of DNA 
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Looking at single molecules 
 The development of the optical microscope in the 17th century 
revolutionized the life sciences, giving biologists the power to peer into living 
organisms and witness a microscopic world that had previously remained 
hidden. Roughly three centuries later, the invention of scanning probe 
microscopy ushered in a similar transformation in biomolecular science, 
where the capability of directly observing single molecules and biochemical 
processes promised to address some of the most difficult unresolved questions 
in the field. The impact that scanning probe microscopy would have in biology 
was foreshadowed twenty years before its invention, during a famous talk 
given by Richard Feynman titled There’s plenty of room at the bottom. 1  
During the course of the talk, Feynman imagined achieving the technological 
capability of manipulating matter at the atomic level, and hypothesized that 
given such nanoscopic precision, all of the knowledge of mankind could be 
stored on a piece of material the size of a speck of dust. He went on to suggest 
that the power to see and manipulate individual atoms would have the 
potential to transform biology: 
 

“It is very easy to answer many of these fundamental biological 
questions; you just look at the thing! You will see the order of 
bases in the chain; you will see the structure of the microsome. 
Unfortunately, the present microscope sees at a scale which is just 
a bit too crude. Make the microscope one hundred times more 
powerful, and many of the problems of biology would be made very 
much easier.” 

 
While the electron microscope has provided significantly enhanced resolution, 
its utility in studying biomolecules has been limited by the damage caused by 
electron irradiation. Feynman’s vision of atomic resolution of biomolecules 
would instead be realized two decades later with the advent of scanning 
probe microscopy. And though it was eventually the atomic force microscope 
that proved to be better suited for studying biologically relevant problems, its 
technological predecessor, the scanning tunneling microscope, was the first to 
capture the excitement of researchers over the possibility of seeing and 
manipulating single biomolecules.  
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The invention of the scanning tunneling microscope  
 In 1982, Binnig and Rohrer et al demonstrated that controlled electron 
tunneling through vacuum could be used to stabilize a tungsten tip several 
angstroms (Å) above a platinum surface with a precision of 0.2Å. 2  They went 
on to develop, refine and adapt this novel technique, culminating in the 
inception of a microscope with unprecedented imaging resolution, which they 
called the scanning tunneling microscope (STM). 3  The basic working 
principle of the STM is that an extremely sharp metal tip, typically a 
tungsten or platinum/iridium wire that is specially cut or etched to achieve 
an atomically sharp apex, is scanned back and forth across a conducting 
surface under the positional control of a piezoelectric tube. Using a carefully 
designed feedback loop, the height of the tip above the surface is continually 
adjusted in order to maintain a constant tunneling current as it moves across 
the sample. Because of the exponential dependence of the tunneling current 
on the tip-sample distance, the feedback is sensitive enough to detect atomic-
scale surface features. Furthermore, if the entire surface is electronically 
uniform, the height trace will directly correspond to the true topography of 
the surface. More generally, however, the height will be a convolution of the 
physical surface topography and the local density of electronic states. Thus 
an STM image is usually not a true topographical map of the surface. Despite 
this limitation, however, STM would go on to generate images of atomic and 
molecular surface structure with a resolution that was unmatched by any 
other microscopy technique. 
 In their initial proof of principle, Binnig & Rohrer et al published the first 
STM images, 3  which showed individual atomic steps in a CaIrSn4 (110) 
substrate, along with scans of a gold (110) surface acquired both at room 
temperature and at 300°C, again showing discrete atomic steps. Although 
there was much initial skepticism and debate over the validity of the 
measurement technique, the very next year the same researchers solved an 
outstanding problem in surface science—the structure of the 7x7 
reconstruction on the silicon (111) surface 4 —and it began to gain serious 
traction in the field of surface science. They soon showed that it was also 
capable of yielding work function topographies of surfaces and performing 
tunneling spectroscopy with sub-nanometer spatial resolution. 5  Over the 
next few years the STM would firmly establish its place in the toolbox of 
surface scientists in a number of groundbreaking publications, including the 
determination that the reconstructed gold (110) surface consists of narrow 
strips of (111) facets, 6  the atomic resolution imaging of the silicon (001) 
surface revealing atomic dimer structures, 7  and even the first direct 
observation of the diffusion of individual atoms on a nickel surface. 8  
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Early STM imaging of DNA 
 In the mean time, interest quickly arose in the possibility of using STM to 
image biomolecular structures with atomic resolution. In particular, there 
was excitement about the prospect of peering directly into the genome by 
imaging DNA. Binnig and Rohrer published a brief account of the first 
successful STM images of bare DNA, 9  which they accomplished by 
depositing the molecules from solution onto a magnesium-treated carbon film 
and imaging in vacuum. Interestingly, the DNA appeared in the topography 
as depressions rather than protrusions, which the authors interpreted as a 
shrinking of the tunneling distance over the DNA compared to the 
background substrate. 9 In 1987, Travaglini et al reported successful STM 
imaging of complexes of DNA with the bacterial recombination protein RecA, 
which were deposited on glow discharge-treated highly-ordered pyrolitic 
graphite (HOPG) substrates and dried. 10  Unfortunately, some degradation 
occurred during the lengthy process of locating the molecular features on the 
surface, and so only fragments of RecA-DNA filaments were observed. In 
contrast, when RecA-DNA complexes were deposited onto HOPG and then 
freeze-dried and coated with platinum-carbon by rotary shadowing, intact 
RecA-DNA filaments were apparent in the STM images. Resolution was 
sufficient to observe individual RecA monomers in clusters of parallel-aligned 
filaments. While high-resolution imaging of uncoated DNA samples would 
require further advances, this work stood out as the first STM imaging of 
DNA-protein complexes.  
 In the following year, Amrein et al published the first clean, high-
resolution STM images of RecA-DNA filaments, which were freeze-dried and 
coated with a thin film of platinum-iridium-carbon. 11  By performing both 
TEM and STM imaging on the same surface, the authors confirmed that the 
features observed by STM were indeed the RecA-DNA filaments and not 
imaging artifacts, and helped verify the reliability of the instrument for 
imaging biomolecules. Furthermore, direct comparisons of the TEM and STM 
images showed that the resolution achieved by STM could exceed that of 
conventional TEM, and thus demonstrated the power of STM in probing 
biomolecular structure at the sub-nanometer scale. The same group later 
showed that RecA-DNA complexes could be imaged without the metal coating 
and with comparable resolution. 12 In the same year, Beebe et al used STM to 
image calf thymus DNA that was deposited onto graphite from a salt 
solution. 13  They achieved sufficient resolution to identify the major and 
minor grooves as well as measure the helical pitch, and they observed 
elongation of the molecules compared to known dimensions in solution, which 
they attributed to surface forces and dehydration. However, the measured 
width of 6nm was three times the expected diameter, and the measured 
helical pitch ranged from 27-63 Å, making it difficult to support any definite 
conclusion about the conformational state of the molecules. 
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 Around the same time, Lee et al also reported successful STM imaging of 
both double-stranded DNA and poly(rA)-poly(rU) RNA molecules. 14  From the 
images they extracted measurements of helical pitch and major and minor 
groove spacing, and found the measured helix pitch to be somewhat smaller 
than the expected dimensions of hydrated A-form RNA and B-form DNA, 
which they attributed to the dehydration of the molecules that occurs during 
air-drying. Later that year, Arscott et al published the first STM images of Z-
form DNA, which was deposited onto a HOPG substrate. 15  They found that 
measurements of helical pitch and groove spacing from the images agreed 
well with previous values taken from X-ray diffraction measurements, 
although some shrinkage of the molecules was apparent and was again 
attributed to drying. This highlights a major drawback of imaging molecules 
that are dried onto surfaces, since dehydration makes it unlikely that they 
retain their native solution conformation. 
 In the following year, Driscoll et al for the first time demonstrated atomic 
resolution STM imaging of double-stranded DNA. 16  Using a custom-built 
STM to image uncoated DNA on graphite under ultra-high vacuum (UHV), 
the authors clearly resolved sub-molecular features in the double-helix, 
including base pairs and atomic-scale substructure in the backbone. Line 
profiles extracted from the images showed outstanding agreement with the 
locations of atoms on the surface of a van der Waals model of A-form DNA, 
and the dimensions of the molecules closely matched those extracted from X-
ray crystallography. Although native DNA is expected to exist predominately 
in the B-form under physiological conditions, it was again suggested that the 
structural transition from B- to A-form could have occurred during drying of 
the sample under UHV. The authors concluded that their improved 
resolution over previously published images could be due to a combination of 
imaging under UHV, high image pixel-density, slow scanning, and an 
exceptionally sharp tip. In a follow-up paper, the authors reexamined the 
data and proposed that the contrast mechanism in the images actually arose 
from an adsorbate-substrate interaction that modulates the underlying 
density of states. 17  Although further work would be needed to make atomic 
resolution imaging routine, the authors predicted that such imaging could 
enable direct single-molecule DNA sequencing by STM. 
 
 
Problems with graphite, and the need for alternative substrates 
 As it has been with so many other groundbreaking research areas, the 
early years of biomolecular STM imaging were not without their share of 
controversy. In 1991, Clemmer and Beebe drew attention to a major flaw 
with the use of HOPG as a substrate for STM imaging of DNA and other 
biomolecules. 18  They presented a series of STM images that were carefully 
acquired on clean HOPG, yet that showed features that could easily be 
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mistaken for DNA or other biomolecules. Given that there were no 
biomolecules deposited on the substrate, the authors concluded that the 
features were actually artifacts caused by the substrate itself. Such features 
included surface steps and edges at disrupted regions of the substrate, some 
of which appeared to meander across the surface. The authors noted 
periodicity in the surface electronic structure of some of these features that 
closely matched the periodicity of DNA. There were also a number of 
amorphous features, attributed to HOPG flakes, which varied in size and 
shape and might resemble proteins adsorbed on the surface. Based on these 
findings, the authors cautioned against the continued use of graphite as a 
substrate for biomolecular imaging with STM, implicitly calling into question 
some previously published images on this substrate. Although the previous 
results were never disproved, the work by Clemmer and Beebe had cast a 
shadow of doubt, and the community began to look toward alternative 
substrates for STM imaging of DNA. 
 In the early 1990s there was a growing need for an alternative STM 
substrate that could replace HOPG and yield more reliable images of DNA 
without the concern for imaging artifacts associated with graphite. Given the 
nature of STM imaging, there were two fundamental requirements: the 
substrate had to be both atomically flat and conductive. High resolution 
imaging of DNA presented another challenge, which was that the molecules 
had to be strongly adsorbed onto the substrate in order to be resolved by the 
tip. Single crystal gold substrates represented an attractive option, given 
their relative ease of preparation, stability towards oxidation, and the 
possibility of chemical functionalization of the surface. In 1988-89, Lindsay 
and coworkers showed that DNA could be electrochemically deposited onto a 
flat gold substrate from a phosphate buffer solution. 19,20  During STM 
imaging they observed mostly large aggregates of DNA, and were unable to 
resolve individual, isolated molecules, although images acquired under water 
had sufficient resolution that the grooves of the double helix were observable. 
Later in the same year, Cricenti et al reported the immobilization of DNA 
onto gold substrates from a solution containing tris(1-aziridinyl)phosphine 
(TAPO), which served to fix the molecules to the metal surface. They 
achieved high-resolution STM images of the molecules in air, and helical 
pitch and diameter measurements that were in better agreement with 
solution dimensions than previous measurements on other substrates.  21  
Although the molecules were still trapped on a surface, this was a notable 
step towards imaging DNA in a native-like environment. 
 While bare gold proved to be a useful alternative to graphite, the real 
advantage of using gold was in the ability to easily alter the chemical 
functionality of the surface with self-assembled monolayer chemistry. In 
particular, monolayers of alkanethiols and alkyl disulfides on gold are 
popular in a number of surface science applications because they enable the 
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interfacial properties of the surface to be tailored by using thiols with 
different terminal groups. 22  Pursuing this strategy, in 1992 Bottomley et al 
published an STM study of DNA adsorption onto monolayer surfaces on gold. 
23  Specifically, they studied the adsorption kinetics of plasmid DNA onto gold 
terminated by a monolayer of dimethylaminoethanethiol, which 
electrostatically captured the DNA from solution. They found that both the 
adsorption rate and the final surface coverage were significantly higher than 
on bare gold, and that the binding was strong enough to enable reproducible 
imaging with STM. The following year, the same group showed that this 
approach could be used to reproducibly image complete, genetically 
functional plasmid DNA molecules with STM. 24  Even with repeated 
scanning, the DNA-surface attraction was sufficiently strong to prevent 
displacement of the molecules by interactions with the tip. Although it did 
not become widely adopted for STM imaging of DNA, alkanethiol/gold 
monolayer chemistry represented a potentially versatile solution to the 
challenge of imaging biomolecules in more native states. This is an idea that 
we will return to in a later section.  
 
 
The development of AFM: A more biocompatible microscope 
 While STM has certainly proven its utility in high resolution imaging of 
biomolecules, it has a few major limitations. One of the primary drawbacks is 
the requirement for a conductive sample, given that many biologically 
interesting samples are insulating. In 1986 Binnig, Quate and Gerber 
published a paper describing a closely related instrument, the atomic force 
microscope (AFM), which overcame many of the limitations of its predecessor. 
25  Borrowing much of the same hardware from the STM, the AFM utilizes 
sensitive feedback to control the height of a sharp probe (or tip) via a 
piezoelectric tube as the tip is scanned across a sample surface. With AFM, 
however, the feedback is based not on tunneling current, but on the vertical 
deflection of the tip as it encounters features on the surface. By mounting the 
tip on the end of a stiff but flexible cantilever and monitoring its deflection, 
the tip height can be adjusted during scanning to maintain a nearly constant 
deflection, and thus a topographical map of the surface can be constructed. 
Since the feedback no longer relies on a current through the substrate, AFM 
can image insulating samples, which was crucially important for biological 
applications. 
 After the invention of AFM, several publications followed that 
demonstrated its utility in surface science, including atomic resolution 
imaging of graphite, 26  along with the first images of atoms on an insulating 
surface, acquired on boron nitride. 27  During the initial years there were also 
a number of improvements in the instrumentation. In the original design, the 
cantilever deflection was actually monitored by a tunneling gap current via 
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an internal STM, but in 1988 Meyer and Amer published an alternative 
method that used a position-sensitive detector (PSD) to monitor the deflection 
of a laser beam that was reflected off the back of the cantilever. 28  This 
method of optical monitoring increased both the height range as well as the 
accessible range of cantilever frequencies, and for this reason became widely 
adopted. Around the same time there were also reports of using optical 
interferometry to monitor cantilever deflection, 29,30  which could be used for 
simultaneous imaging and spatially resolved force mapping of the surface by 
monitoring changes in the oscillation amplitude of the cantilever during 
scanning. 29   
 
 
Early AFM imaging of DNA 
 Given the initial successes in imaging nonconductive surfaces, excitement 
was generated around the prospect of using AFM to overcome the limitations 
of STM in imaging biomolecules. In an initial step, Gould et al produced 
molecular resolution images of the surface of an amino acid crystal, which 
were likely the first published AFM images of a biomolecule. 31 Then, in 1989 
Lindsay et al published the first successful account of using AFM to image 
DNA. 32  They initially used STM under liquid to image double-stranded 
nucleosomal calf thymus DNA that was electrochemically deposited onto a 
gold substrate, and noted apparent kinks in the DNA molecules, something 
that had been predicted a decade earlier but not directly observed. 33  Then, 
using AFM to image the DNA on a glass substrate under water, they found 
similarly kinked structures, helping to verify that it was not an artifact 
caused by the DNA-gold interaction. This groundbreaking report served as an 
important demonstration, not only that AFM could resolve single 
biomolecules, but also that it could be done under liquid. Two years later in 
1991, Weisenhorn et al demonstrated the use of AFM to image single-
stranded DNA that was bound to Langmuir-Blodgett films of lipids in water, 
although the resolution was relatively poor. 34  Around the same time, 
Hansma et al demonstrated that under the right conditions, AFM imaging 
could distinguish individual nucleotides in single-stranded DNA that was 
covalently cross-linked to a lipid monolayer and imaged under aqueous 
buffer. 35  Although the imaging resolution was somewhat inconsistent, the 
better images revealed sufficient detail to identify the individual bases, 
pointing towards potential applications in single-molecule sequencing. In the 
same paper the authors also showed that DNA could be deposited onto mica, 
a silicate mineral that cleaves into exceptionally flat sheets, and imaged 
under ethanol. Owing to its low roughness and relative ease of preparation, 
mica was soon adopted as the default substrate for AFM imaging of DNA, 
eventually becoming the workhorse of the field.  
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Improvements in imaging: Humidity and solvent 
 Over the next several years there was a major effort to understand and 
control the DNA/mica surface interaction in order to improve the resolution 
and obtain more reproducible images. In 1992, Vesenka et al published a 
method for reproducible AFM imaging of DNA in air. 36  Their method 
consisted of exposing mica to divalent magnesium ions in order to 
electrostatically immobilize the DNA. They used relatively sharp tips (radius 
of curvature ~10 nm) and careful control of the humidity to achieve 
reproducible imaging of circular plasmid DNA on mica. They also showed 
that the DNA could be mechanically altered by the AFM tip by increasing the 
applied imaging force beyond a certain threshold. This was an early example 
of using AFM to physically manipulate single DNA molecules.  
 In the same year, Bustamante et al published a systematic study on the 
conditions used to image circular plasmid DNA on mica in air. 37  They 
emphasized the importance of tuning the DNA-substrate interaction to 
achieve stable binding during the immobilization step. As in the previous 
report, they observed a pronounced effect of the relative humidity on the 
stability of the images. They also used specially modified tips with small radii 
of curvature, which served to shrink the liquid-air interfacial region at the 
point of contact and minimize lateral distortion caused by finite tip size, 
further improving the image resolution. In the same publication, they also 
produced the first AFM images of the E. coli RNA polymerase enzyme bound 
to a DNA template. This opened the door to a highly productive research 
direction of studying DNA-protein interactions with AFM.  
 Another breakthrough was published in 1992 by Hansma et al, who 
reported that reproducible, high resolution images of untreated plasmid DNA 
on mica could be acquired by imaging under n-propanol, which prevented 
DNA diffusion on the surface due to the poor solubility of DNA in the organic 
solvent. 38  Furthermore, they demonstrated that DNA could be precisely and 
reproducibly dissected along the scan direction by increasing the imaging 
force to 5 nN during scanning. This was possible both in air and under n-
propanol, although dissection was easiest under a 4:1 mixture of 
propanol:water. By making sequential, staggered cuts in the DNA, the 
authors could even mechanically excise a small segment of the molecule, 
although they were unable to recover it for further biochemical analysis.  
 Around the same time there were a number of examples of using AFM to 
observe DNA-protein complexes. In 1993 Allen et al published the first AFM 
images of chromatin fibers. 39  Using AFM imaging in air, the authors 
observed the expected ‘beads-on-a-string’ structure of DNA wrapped around 
the histone cores, and could make precise measurements of both the histone 
spacing and the total length of the molecules. In the same year, Rees et al 
published an AFM study of conformational changes exhibited by DNA upon 
binding of the RNA polymerase (RNAP) enzyme. 40  After forming the 
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DNA/RNAP transcription complexes in solution and then drying them onto 
mica and imaging in air, the authors observed the DNA to be systematically 
bent. A few years later, Garcia et al used a combination of AFM imaging and 
a gel shift assay to study changes in DNA conformation induced by the 
sequence-specific binding of two different DNA methyltransferase enzymes. 41  
The ability to directly observe conformational changes in DNA caused by 
protein binding established AFM as a powerful tool in structural biology.  
 
 
A major breakthrough: Imaging under aqueous environments 
 In spite of early progress, a major challenge still existed for AFM imaging 
of native biomolecules. In order for the molecules to remain adhered to the 
substrate during scanning it had been necessary to image in air or under a 
poor solvent (such as propanol), but the process of drying undoubtedly 
perturbed the molecules from their native conformation. In response to this 
challenge, in 1993 Lyubchenko et al reported an alternative approach of 
binding DNA to chemically modified mica that led to exceptionally stable 
noncovalent attachment to the surface. 42  Through modification of mica with 
3-aminopropyltriethoxysilane (APTES), followed by methylation and 
hydrolysis of the surface groups, they demonstrated exceptionally strong 
adsorption of unmodified DNA to the positively charged surface, presumably 
due to electrostatic interactions. This resulted in generally improved image 
quality in air, but the key finding was the ability for the first time to image 
DNA under water without desorption of the molecules. Surprisingly, the 
immobilized DNA could be continuously scanned for more than half an hour 
without any apparent disturbance of the molecules. They also noted an 
increase in both the resolution and contrast when imaging in water as 
opposed to air. This strategy for electrostatically binding DNA to APTES-
treated mica became an important technique in the growing toolbox of 
biomolecular surface scientists.  
 In the early years, there continued to be some competition between AFM 
and STM in high-resolution imaging of biomolecular samples. In 1992, Delain 
et al published a direct comparison of the two techniques, along with their 
predecessor, the transmission electron microscope (TEM), for imaging both 
double-stranded DNA and filamentous actin molecules. 43  The most obvious 
result was that the imaging resolution of TEM was significantly lower than 
that achieved by either of the scanning probe techniques. Despite this, the 
authors still found TEM useful for optimizing the conditions for depositing 
DNA on the mica substrate, thanks to its higher image acquisition rate. In 
their studies, both AFM and STM routinely resolved molecular details of the 
structure of DNA, though the apparent width of the molecules in both types 
of images was greater than the expected width, owing to finite probe size. 
Interestingly, the molecular resolution in STM images was often slightly 
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higher than that achieved in the best AFM images. The main drawback of 
STM, however, was that it required the DNA to be coated with a thin metallic 
layer after adsorption on the mica, while AFM could be used to image the 
uncoated molecules both in air and under liquid. The best AFM images were 
acquired under propanol or water using so-called ‘tapping mode,’ in which the 
tip is vertically oscillated as it is scanned across the sample in order to 
minimize tip-sample forces. The authors concluded that all three of the 
instruments were useful for imaging DNA, and though the resolution of both 
AFM and STM was clearly better, the tradeoff was a much slower imaging 
throughput. Ultimately, the major advantage of AFM over the other 
microscopy techniques would prove to be its unique ability to image 
biomolecules under physiologically relevant conditions. 
 As AFM imaging of DNA under an aqueous environment became more 
reproducible, researchers began to shift their focus toward using AFM to 
solve outstanding problems in structural biology. 44  In 1993, Samori et al 
used AFM imaging of supercoiled plasmid DNA on mica to directly determine 
the chirality of supercoiling. 45  By performing a stratigraphic analysis of 
topographical images of the molecules, the authors were able to 
unambiguously determine which part of the molecule was on top at any given 
crossover point, and thus could assign the local chirality of each coiled 
molecule. In all cases, right-handed (negatively) supercoiled molecules were 
observed, consistent with expectations based on previous ensemble studies.  
 
 
Imaging single-molecule reactions with AFM 
 Another major advance came when researchers demonstrated the 
capability of using AFM imaging to directly monitor biochemical reactions at 
the single molecule level. In 1994, Guthold et al published the first example 
of using AFM to observe the assembly of individual RNAP/DNA transcription 
complexes in situ. 46  They first deposited the template DNA onto mica and 
then, after imaging it under buffer, they paused to inject a solution 
containing the RNAP holoenzyme and immediately resumed imaging. During 
the imaging process they were able to follow the binding of the RNAP to the 
adsorbed DNA molecules and the formation of the DNA/RNAP complex. 
Importantly, no diffusion of the RNAP molecules along the length of the DNA 
was observed, suggesting that substrate interactions were strong enough to 
inhibit the sliding of the enzyme along the double helix. The authors noted 
that while some of the enzyme molecules were bound at the expected position 
of the promoter site, the majority were bound nonspecifically to the DNA, 
likely owing to the large excess of nonspecific binding sites combined with the 
inability of the enzyme to search the DNA for the recognition sequence via 
one-dimensional diffusion. This again highlighted a limitation of AFM 
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imaging on mica, which was that stable adsorption on the surface could lead 
to undesired perturbations of the biomolecules.  
 Around the same time, Bezanilla et al showed that AFM could be used to 
monitor the enzymatic degradation of individual DNA molecules bound to a 
mica substrate. 47  The DNA molecules were initially exposed to the mica in a 
buffer containing low concentrations of both Mg2+ and Ni2+ ions, promoting 
loose but stable adsorption on the surface, and were imaged under liquid with 
AFM. When the Dnase I enzymes were injected into the liquid cell while the 
DNA was continually monitored with AFM, the authors observed the binding 
of the enzymes to DNA, followed by the progressive cleavage of the molecules 
within a timescale of minutes. They hypothesized that the divalent cations 
formed a stable salt bridge between the DNA and the surface, preventing 
desorption, but still permitting enough flexibility for the enzyme to bind. An 
important finding of this work was that the use of tapping mode AFM 
resulted in a reduction in the lateral forces applied to the molecules by the tip 
during imaging, allowing clear visualization of the DNA even when it was not 
tightly bound to the substrate. A few years later, Kasas et al used tapping 
mode imaging in liquid to directly monitor RNA transcription from a DNA 
template by the RNAP enzyme. 48  In this case the authors observed that 
while some DNA molecules did not move or dissociated from the substrate 
entirely, others were pulled through the RNAP enzymes at rates ranging 
from ~0.5-2.0 bases per second, which is roughly 20-50 times slower than 
observed in ensemble measurements in solution. 49 Although the RNA 
transcripts themselves were not clearly resolved under liquid, they became 
apparent once the sample was dried and imaged in air, confirming that the 
polymerase was successfully transcribing on the surface. The dramatic 
reduction in transcription rate relative to solution, along with the failure of 
some molecules to transcribe, suggests a strong perturbation from the 
surface. As with other in situ AFM studies of biochemical reactions, a key 
challenge is to control the DNA-surface interaction in order to provide 
adequate conformational freedom while still retaining the ability to resolve 
the molecules with the AFM tip. 
 In 1997, Argaman et al described a unique approach to imaging mobile 
DNA molecules with AFM. 50  The DNA molecules were imaged on mica using 
tapping mode under a buffer containing a mixture of both Mg2+ and Co2+, 
which increased their mobility on the surface and made them difficult to 
track in the height images. However, the phase images showed clearly 
resolved molecules, even at higher scan rates and lower imaging forces. The 
authors used this phase imaging approach to track RNAP/DNA complexes as 
they diffused on the surface. Additionally, they were able to monitor the 
replication process of the ΦX-174 viron, showing the progressive formation of 
double-stranded DNA from the single-stranded template. This served as an 
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important demonstration of the advantages of alternate imaging modes over 
traditional height imaging, particularly for monitoring dynamic processes.  
 In 1999 Maeda et al published another example of high-resolution 
imaging achieved via an alternate imaging mode, using non-contact (NC-
AFM) to image both single- and double-stranded DNA on mica under 
vacuum. 51  NC-AFM had been introduced four years earlier by Giessibl, who 
used it to produce the first true atomic resolution AFM images of a surface, in 
this case the historically important 7x7 reconstruction of silicon (111). 52  The 
NC-AFM technique was an adaptation of the earlier frequency-modulation 
AFM (FM-AFM), which used the frequency shift in the oscillation of the 
cantilever as the feedback parameter to achieve a dramatically higher 
sensitivity. 53  In NC-AFM, the probe is maintained several angstroms away 
from the surface while scanning and thus is typically in the attractive regime. 
This is in contrast to tapping mode AFM, in which tip-sample repulsion 
dominates the interaction. Because of this, deformation of the sample by the 
tip in non-contact mode is minimized, allowing fine structure to be resolved. 
Over a decade later, Ido et al would use NC-AFM to image plasmid DNA on 
mica under aqueous buffer, producing some of the highest resolution images 
of native DNA to date. 54  
 
 
Understanding why DNA sticks to mica 
 Toward the end of the 20th century there was a major effort aimed at 
developing a theoretical understanding of the interaction between DNA and 
mica, 55,56  backed up by a growing body of experimental work. 57,58  The 
challenge was to explain why DNA, a negatively charged polymer, would be 
attracted to mica, a negatively charged surface, in the presence of divalent 
cations such as Mg2+ and Ni2+. In a seminal paper in 1996, Hansma and 
Laney systematically studied the binding of DNA to mica under a variety of 
divalent metal cations, and discovered that the strength of binding was 
inversely correlated with the radius of the cation. 59  The authors 
hypothesized that this size-dependent binding could be due to the ability of 
the smaller ions to fit into hexagonal cavities on the mica surface that 
contain recessed hydroxyl groups, facilitating tight DNA binding to the 
surface. This idea was supported by an earlier electrokinetic study that 
concluded that only cations whose bare size is smaller than the mica cavities 
are able to irreversibly adsorb. 57  Interestingly, the trend in DNA/surface 
binding observed by Hansma and Laney for transition metal cations was not 
obeyed by Mg2+, which is able to bind DNA only weakly to mica. They 
proposed that this difference could be a chemical effect, since the transition 
metal ions can form a much wider range of complexes in water than can 
Mg2+, owing to the outer d-orbital electrons. The mechanism of DNA 
adsorption onto mica in the presence of divalent cations is now thought to be 
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primarily due to correlation in the positions of the ions between DNA and the 
surface, 60,61  although there continues to be some debate regarding the 
details. 62,63  
 The work by Hansma and Laney was followed up in the same year by 
Thomson et al, who demonstrated the ability to modulate the DNA-surface 
interaction on mica by changing the buffer composition. 64  They found that 
imaging of a DNA/RNAP complex under low millimolar concentrations of Zn2+ 
ions resulted in stable adhesion of DNA to the substrate, allowing clear 
images in which the DNA molecules did not move. By using a flow cell to 
exchange the buffer during imaging, the authors could observe the 
disappearance of DNA from the surface when the Zn2+ ions were removed, as 
well as its reappearance once the Zn2+ buffer was replaced. This active control 
over the DNA-surface interaction represented a significant improvement over 
previous, irreversible adsorption of DNA to the surface. However, it still had 
not completely solved the problem— even when loosely bound, the molecules 
were still confined to the substrate, and thus could not completely relax into 
their solution conformations.  
 In a creative approach to probing the DNA-mica interaction, Rivetti et al 
used statistical polymer chain analysis of DNA in AFM images to probe the 
kinetics of DNA adsorption onto a mica substrate. 65  To obtain the images the 
authors tested various mica pretreatment protocols, then deposited DNA 
molecules of different lengths and imaged them with AFM. First, from kinetic 
experiments they determined that adsorption of the DNA on the surface was 
controlled by diffusion, and that the adsorption process was irreversible. Next 
they performed statistical analysis of the molecular conformations in the 
images, and compared the distributions of end-to-end distances to those 
predicted by a simple polymer chain model. What they found was 
fascinating– molecules that were deposited onto freshly cleaved mica were 
apparently able to equilibrate in two dimensions during the adsorption 
process, suggesting a relatively weak binding, and thus exhibited 
conformations expected for two-dimensional chains. In contrast, molecules 
deposited onto glow-discharged or H+-exchanged mica appeared as surface 
projections of their 3D conformations, indicating that they were kinetically 
trapped and unable to equilibrate once adsorbed. Their results suggested a 
significantly stronger surface interaction on both of the treated mica surfaces, 
and also demonstrated that meaningful quantitative information on 
molecular conformations could be extracted from AFM images. 
 Two years later, Rivetti et al used a similar strategy to analyze DNA 
flexibility based on statistical analysis of molecular conformations in AFM 
images. 66  They studied the flexibility of double-stranded DNA containing 
either a single stranded segment or regions with sequence-induced bending, 
and their analysis showed that the worm-like chain model could be extended 
to describe such stiff polymers with flexible internal regions. From the 
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images they were able to determine a persistence length for single-stranded 
DNA of 1.3 nm, which was the first such measurement obtained directly from 
analysis of images. The authors suggested that this approach would also be 
useful in the study of DNA bending caused by interaction with proteins.  
 
 
Recent progress: Advances in AFM imaging of DNA  
 The 21st century has witnessed the continued utilization of AFM as a 
powerful tool to directly observe the structure and even dynamics of single 
DNA molecules and biomolecular complexes. A few key innovations, 
including high-speed imaging, single molecule force spectroscopy, and AFM-
based nanolithography, have further expanded the scope of biological 
problems that can be studied with AFM. The field has grown far too broad to 
permit an exhaustive review, but these final sections will highlight some of 
the recent progress in AFM imaging and manipulation of DNA in different 
areas over the past fifteen years. At the same time they will also draw 
attention to a number of challenges in the field that remain to be solved.  
 Right at the turn of the century, one of the promising new research 
directions was the use of high-resolution AFM imaging to study DNA damage 
and repair at the single molecule level. Previously a number of methods 
existed for studying the mechanisms of DNA damage, including chemical 
labeling and immunochemical assays, mass spectrometry, electrochemical 
detection, gel electrophoresis, and enzymatic methods. 67,68  However, only 
electron microscopy could detect lesions that occurred in single DNA 
molecules, and even then the samples required staining and chemical 
fixation, and the resolution was not sufficient to resolve structural details. 69  
In contrast, AFM, with the capability of high-resolution imaging of 
unmodified DNA, had the potential to reveal information about DNA damage 
that was not accessible with existing methods. In the first published example, 
Murakami et al used AFM to study the damage that occurred in both linear 
and circular plasmid DNA after controlled irradiation with gamma rays, and 
compared their results to gel electrophoresis data. 70  They observed a new 
type of structural alteration, evidenced by a change in the DNA length, which 
was not apparent in gel experiments. AFM imaging has also been used to 
study damage to DNA resulting from exposure to ultraviolet light, 71,72  heavy 
ion radiation, 73,74  and reactive oxygen species (ROS) produced by transition 
metal chemistry, 75  including radiation-induced damage to chromosomal 
structure. 73  In particular, in 2014 Berg et al demonstrated a novel method to 
quantify the damage by performing a detailed height analysis of DNA 
molecules in AFM images after exposure to oxygen radicals, both in the 
presence and absence of an ROS scavenger. 75 Although these methods can 
readily identify instances of damage that alter the structure of DNA, the 
resolution is typically not high enough to directly image some types of 
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damage that do not cause significant structural distortions in the double 
helix (e.g. base modifications).     
 
 
Observing intermolecular interactions with DNA 
 AFM imaging has also proven to be useful in studying how the 
conformation and flexibility of DNA is affected by its local chemical 
environment, including the binding of small molecules or proteins. Wiggins et 
al used high-resolution images combined with image analysis to reveal an 
unusually high level of local flexibility in double-stranded DNA molecules 
adsorbed on mica, which was not predicted by the commonly used worm-like 
chain model. 76 More recently, Japaridze et al used AFM imaging to study 
how the binding of three commonly used fluorescent dyes influences the 
flexibility, structure and morphology of double-stranded DNA. 77  In addition 
to linear DNA, AFM imaging has also been used to study the conformations 
of branched 78  and triplex 79  molecules, as well as changes in the structure 
and stability of supercoiled DNA. 80-82  It is worth pointing out that although 
the DNA-surface interaction is expected to alter the conformations of the 
molecules, 65  it has generally been poorly characterized in these types of 
studies, and so the extent of perturbation by the surface is rarely known.  
 Another area where understanding the surface interaction is important is 
in AFM studies of the recognition and binding of DNA by proteins. While 
several optical techniques have also been developed to allow observation of 
DNA-protein binding at the single molecule level, 83  AFM has the distinct 
advantage of superior spatial resolution, as well as the ability to image 
molecules that are unlabeled and have not been artificially extended. A 
tradeoff, however, is the requirement that the molecules are immobilized on a 
surface for AFM imaging, and it is generally unknown to what extent the 
surface affects the DNA-protein interaction. Sorel et al attempted to address 
this issue by using the binding of the EcoRI restriction enzyme to DNA as a 
model system to probe the influence of the surface. 84  By quantifying the 
protein binding on the surface as a function of salt concentration and 
comparing to an electrophoretic mobility assay, the authors determined that 
binding on the surface could closely match binding in solution, but only at 
sufficiently high ionic strength. In a related study, Pastré et al used AFM 
imaging to monitor the binding of restriction enzymes to their corresponding 
recognition sites in order to probe the accessibility of surface-bound DNA to 
proteins. 85  The authors observed that changing the monovalent and divalent 
salt concentrations caused a change in the accessibility of the DNA to the 
enzyme, and that it correlated with the strength of DNA adsorption on the 
substrate. They found that efficient enzymatic cleavage was possible on the 
surface, but only under conditions where the DNA was weakly bound to the 
substrate and was close to desorbing. This highlights the delicate balance 
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between conformational freedom of the DNA and stable adsorption on the 
substrate that is crucial for such studies to be successful. Aside from 
restriction enzymes, AFM imaging has also been used to study the bending of 
DNA in response to binding by the bacterial protein integration host factor, 86  
the unwinding of double-stranded DNA by a helicase enzyme, 87  the 
recognition of single base substitutions by a mismatch repair protein, 88  and 
transcription by the RNA polymerase enzyme, 89  among many others. In a 
recent example, Josephs et al used high-resolution AFM imaging and 
detailed image analysis to investigate the sequence-specific binding of the 
CRISPR-associated Cas9 endonuclease, finding evidence for a conformational 
gating mechanism of sequence specificity. 90  In spite these and many other 
examples, there is still no method that allows for unimpeded DNA-protein 
interactions at the surface while also permitting high-resolution AFM 
imaging. This points to a major limitation of using mica as a substrate for 
these studies.   
 AFM imaging also has potential utility in the study of hybridization 
between short, single-stranded DNA ‘probe’ molecules that are tethered to a 
substrate, and their complementary ‘target’ molecules in solution. This 
subject is important from a technological standpoint, as surface hybridization 
is being increasingly used in microarrays for genetic profiling, and in 
biosensors for detecting specific disease markers and pathogens. 91  Initially it 
proved to be challenging to directly observe surface hybridization with AFM, 
not only because the probes are much smaller than the long, double-stranded 
DNA molecules that are usually imaged, but also because the probe surfaces 
are often passivated to resist nonspecific adsorption, resulting in poor DNA-
surface adhesion. The combination of these factors represents a considerable 
barrier to imaging the hybridization of single probe molecules. Early on, 
Holmberg et al used AFM to monitor changes in the topography of a 
monolayer of 25 nucleotide (nt) DNA probes upon exposure to the 
complementary DNA targets in solution. 92  They observed both an increase in 
thickness and a decrease in roughness after hybridization with the targets, 
although individual probe molecules were not resolved. Several years later, 
Husale et al. made a significant improvement when they used an AFM 
stiffness mapping approach to detect individual hybridization events on a 
probe surface. 93  By using stiffness rather than topography, this approach 
overcame the limitation of poor DNA-surface adhesion; however, the 
resolution was still relatively low, with hybridized probes appearing as 50nm 
spots, and unhybridized probes remaining invisible. More recently, 
Spampinato et al published a quantitative analysis of the changes in 
topography of a DNA probe layer after hybridization to the complementary 
targets. 94  However, as with the earlier study, they were unable to resolve 
individual probes. Once again this issue is can be traced to the lack of a 
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substrate that is compatible with both unimpeded hybridization and high-
resolution AFM imaging.  
 
 
Improving temporal resolution: High-speed AFM imaging 
 Another challenging but increasingly productive research area is the 
direct observation of DNA molecules undergoing dynamic processes with 
AFM imaging. This has proven especially difficult, given the slow raster-
scanning nature of AFM, which typically has excellent spatial resolution but 
poor temporal resolution. In addition, the requirement that molecules remain 
bound to a substrate for imaging has made it difficult to observe dynamic 
processes, which usually require mobility or conformational freedom of the 
molecules. Early studies used time-lapse imaging to monitor dynamic 
processes, including the binding of a tumor suppressor protein to DNA 95  and 
the formation of nucleosome cores. 96  With the invention of high-speed AFM 
imaging at the beginning of the century, it became possible to monitor 
biomolecular motion at nearly video frame rates, dramatically increasing the 
time resolution of conventional AFM. 97  Since then, high-speed AFM has been 
used to study a range of dynamic biomolecular processes, often revealing 
details that are not accessible with other methods. 98-100  In all cases a major 
challenge lies in achieving control over the DNA-surface interaction in order 
to balance molecular mobility with imaging requirements, 101  and it is 
apparent from the continued use of mica as a substrate that this aspect of the 
research still has room for improvement.  
 
 
Manipulating single molecules: Force spectroscopy and 
nanolithography 
 Aside from imaging, AFM also offers the capability of precisely measuring 
the interaction forces of single molecules. In force spectroscopy, the deflection 
of the cantilever is monitored as the tip is approached towards and retracted 
from a sample. If the spring constant of the cantilever is known, the 
deflection can be converted to force, which can then be plotted as a function of 
tip-sample distance. Attaching single biomolecules such as DNA to the tip or 
the surface then allows their interaction forces to be directly measured. Early 
on this was used to measure the elastic properties of both single- and double-
stranded nucleic acid molecules. 102,103  It has also been used to monitor force-
induced slippage along duplex DNA, 104  to discriminate the DNA-binding 
modes of small molecules such as dyes and anti-cancer drugs, 105  and to 
monitor changes in the structural and mechanical properties of DNA upon 
binding of RNA polymerase and other enzymes. 106,107  In an interesting 
application, Kim et al recently showed that single DNA molecules could be 
sequenced using force spectroscopy by taking advantage of the distinct force 
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signature of each base at the active site of a DNA polymerase enzyme. 108  A 
significant limitation of the method was an inability to read more than about 
7 bases, which the authors attributed to damage of the AFM tip and/or the 
enzyme during the thousands of approaches necessary to achieve a reliable 
reading. It’s likely that if the number of required force measurements per 
base could be reduced, a greater number bases could be read.  
 Finally, over the last fifteen years a number of publications have 
demonstrated the capability of using AFM to create nanoscale patterns of 
DNA molecules on surfaces. Early on in the history of scanning probe 
microscopy, researchers were excited about the possibility of using the probe 
not only to image single atoms and molecules, but also to precisely position 
them, as proposed in Feynman’s original vision of nanoscience. The earliest 
realization of this idea came with STM, including the transfer of a single 
germanium atom from tip to substrate, 109  the tip-induced pinning of organic 
molecules to graphite, 110  and the now infamous use of an STM tip by Eigler 
and Schweizer to position single xenon atoms on a nickel surface, spelling out 
the letters ‘IBM’. 111  Extending this idea to biomolecules, Allen et al 
demonstrated that the STM tip could pick up and deposit small DNA 
molecules onto a graphite substrate using a voltage pulse that ionized the 
molecules before ejecting them. 112  Over time AFM has proven to be more 
useful in manipulating DNA, as it can operate easily under physiological 
conditions and without the need to ionize the molecules. In 2002, Liu et al 
reported that well-defined patterns of short, end-tethered oligonucleotides 
could be produced by AFM in a process called ‘nanografting.’ 113  In their 
approach the AFM tip was used to selectively scratch away regions of a self-
assembled monolayer on a gold substrate, which were then filled in by 
thiolated DNA. In the following year, Zhou et al demonstrated that 
nanografted patterns of single-stranded DNA could successfully hybridize to 
their complements from solution, and that the hybridization resulted in a 
measurable change in topography. 114  More recently, other members of our 
lab used nanografting to create precise arrays of single DNA molecules on 
gold. 115  In an alternative approach termed ‘cut and paste assembly,’ Kufer et 
al used the AFM tip to sequentially pick up and deposit single DNA 
oligonucleotides on a surface, generating well-defined patterns of DNA. 116  In 
an extension of this, Erdmann et al demonstrated two years later that 
individual DNA molecules could be transferred from an AFM tip onto bare 
gold by applying a potential to the substrate, which induced bonding to the 
gold through the primary amine groups in the DNA. 117  These methods for 
precise positioning and specific attachment of DNA to surfaces are the first 
steps towards the goal of creating DNA nanoarrays.  
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Summary and outlook 
 In summary, AFM has established itself as a powerful and versatile tool 
for observing and manipulating biomolecules at interfaces. It’s ability to 
image single DNA molecules with nanometer resolution and without any 
labeling has allowed it to access structural details that are not available to 
more conventional optical microscopy techniques. And unlike electron 
microscopy, the ability of AFM to operate under liquid with minimal damage 
to the sample has given it the distinct ability to directly image single 
biomolecules under physiologically relevant conditions. In the three decades 
since its invention, AFM has made major contributions to the fields of 
molecular, structural and surface biology, and has given researchers a unique 
way to observe biomolecular processes in action.  
 Despite the impressive progress that has been made, a few important 
challenges for AFM imaging of DNA remain unresolved. The requirement for 
molecules to be immobilized on a substrate during imaging makes it difficult 
to study DNA or proteins in a truly native state, and often the extent of 
perturbation caused by the substrate interaction is poorly characterized or 
simply unknown. This limitation forces researchers to strike a delicate 
balance between ensuring sufficiently strong immobilization for imaging, and 
maintaining adequate conformational freedom to allow uninhibited 
intermolecular interactions. 48  This is particularly important when studying 
dynamic processes such as hybridization, transcription, replication, or the 
self-assembly of more complex structures. Thus a major challenge going 
forward will be to better understand and actively control the molecule/surface 
interaction in order to minimize the perturbation caused by the surface.  
 Out of all the possible substrates, mica has received the most extensive 
use for AFM imaging of DNA, primarily due to its reproducibility and ease of 
preparation. However, the DNA/mica surface interaction is still not 
completely understood, 60-63  and attempts to tune the interaction to gain 
conformational freedom of the molecules have met with limited success. 
64,84,85,101,118  Moreover, mica is a complex mineral and the surface can be 
heterogeneous in chemical composition, 119  leading to some spatial variation 
in the DNA/mica interaction across the surface. 120  Mica also does not offer 
the chemical tunability of other substrates, such as alkanethiol monolayers 
on gold. 121-123  For these reasons, the continued use of mica as the default 
substrate may limit the application of AFM imaging in some of the more 
challenging biomolecular problems. One promising alternative is to utilize 
dynamic surface interactions that are more capable of satisfying the often-
conflicting requirements of AFM. The following chapter will explore this 
strategy in more detail. 
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Switchable surface chemistry enables  
high-resolution AFM imaging of DNA hybridization 
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Abstract: In this chapter I describe switchable surface chemistry that 
enables direct visualization of dynamic biomolecular processes with high-
resolution atomic force microscopy. The surface consists of a carboxylic acid-
terminated alkanethiol self-assembled monolayer on a gold substrate. The 
surface satisfies the contradictory requirements for high-resolution imaging 
and molecular mobility by switching between a strongly bound, ‘frozen’ state 
in the presence of divalent cations, and a mobile, ‘free’ state in the presence of 
monovalent cations. I describe the use of this novel surface chemistry to study 
the hybridization of individual DNA probes that are covalently anchored to 
the monolayer, which represents a model DNA sensor surface. Through 
statistical image analysis I show that the hybridization rate is strongly 
impacted by local molecular crowding of the probes. In addition to being useful 
for fundamental studies of biomolecular interactions, this approach may also 
serve as a readout mechanism for DNA nanoarrays.  
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The challenge of imaging DNA hybridization  
  The hybridization between DNA molecules immobilized on a solid support 
and complementary nucleic acid targets underlies a wide spectrum of nucleic 
acid sensors and microarray technologies. 1-6  The affinity, selectivity and 
kinetics of surface hybridization are profoundly impacted by the nanoscale 
arrangement of immobilized DNA molecules (probes) on the sensor/microarray 
surfaces. 1,3-5  However, the lack of a tool that can visualize hybridization at 
the sub-10 nm scale and single molecule level is a critical bottleneck in 
understanding and optimizing the capture of complementary nucleic acids 
(targets) through hybridization. This is because the inter-probe interactions 
become significant when the probes are separated by < 10 nm, 5  and the 
heterogeneity on sensor surfaces makes it difficult to interpret results from 
ensemble measurements that average over many molecules. Atomic force 
microscopy would seem an ideal technique to address this issue, but as 
described in the previous chapter, single-molecule AFM imaging of DNA is 
mostly limited to nucleic acids immobilized on mica. 7-9  While such studies 
have provided a wealth of insight into the conformation and surface 
interactions of DNA, they are of limited relevance to surface hybridization 
because the targets and probes experience local interactions that are very 
different from those on mica. The nanoscale visualization of hybridization 
reactions has proven to be significantly more challenging, 10-16  owing to an 
apparent paradox: 4,17  to achieve a high imaging resolution with AFM, the 
biomolecule must be strongly bound to the surface and remain stationary as 
the tip traverses over it; however, to allow for hybridization or other reactions, 
the interaction with the surface must be minimized, usually achieved by 
passivating the surface with inert molecules that reduce nonspecific 
interactions. 18  Due to the rapid fluctuation of surface-anchored DNA probes, 
11,16,19  most AFM studies rely on contrast changes of bundles of DNA on 
patterned surfaces. 10,12,13  Individual molecules in the patterns could not be 
resolved in these studies. In an exception to this, Yan et al. was able to resolve 
the hybridization of individual molecules immobilized on DNA origami tiles. 14  
However, this approach is not broadly applicable to commercial DNA sensors 
and microarrays as the interactions on DNA tiles are expected to depart from 
those on solid surfaces, and additionally the tiles are unstable when subjected 
to the annealing that is typically needed to improve the specificity of 
hybridization. 20  Shortly after, Husale et al. used a stiffness mapping 
approach to achieve label-free AFM detection of the hybridization of single 
molecules on a solid surface for the first time. 15  However, the spatial 
resolution of the method (∼30−50 nm) remains inadequate for fundamental 
studies of surface hybridization at relevant probe densities, 21  or for single-
molecule readout on nanoarrays, in which the probe molecules of a single 
sequence are localized to spots as small as a few hundred nanometers. 10   
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The solution: a switchable surface interaction 
  Here I demonstrate that the hybridization of individual DNA molecules 
can be visualized with an unprecedented imaging resolution (as high as 3 nm) 
on a novel switchable surface. The self-assembled monolayer (SAM) surface 
allows us to satisfy the contradictory demands for facile hybridization and 
high-resolution imaging. Nonspecific adsorption on the surface is negligible 
due to the short-range repulsive interactions that are present in the ‘free’ 
state. In the ‘frozen’ state, the exceptionally strong DNA/surface interaction 
permits high-resolution imaging of individual DNA molecules, and allowed us 
to study how the kinetics of hybridization are affected by local molecular 
crowding on a model DNA sensor surface. The capture-probe surface consists 
of short (<100 nt) single-stranded DNA probes that are covalently anchored at 
one end to a carboxyl-terminated SAM on gold (Figure 2.1). Under a saline 
Tris-acetate-EDTA (STAE) hybridization buffer (pH 8), the surface carboxyl 
groups are ionized, 22  and the negative surface charges are expected to lift the 
tethered probes away from the surface23  and allow them to bind to targets 
with minimal nonspecific adsorption (Figure 2.1a). Under these conditions, 
the electrostatic repulsion by the surface is confined to within a few Debye 
lengths (0.3 nm), and is not expected to significantly hinder hybridization. 
Upon addition of divalent cations such as Ni2+, the DNA becomes strongly 
adsorbed on the surface and can be repeatedly imaged by AFM (Figure 2.1c). 
Thus the surface interaction can be switched on demand simply by changing 
the buffer. Hybridization is carried out under STAE, when the surface has 
short-range repulsive interactions with DNA, and imaging is carried out in 
the presence of Ni2+, which functions as a salt bridge that pins the DNA to the 
surface. 
  To test our hypothesis that the Ni2+ ions may function as salt bridges that 
immobilize the DNA on the carboxylate SAM surface in a fashion similar to 
immobilization of DNA on mica, 7,24  we imaged a capture-probe surface that 
had been exposed to 372 bp double-stranded targets possessing a single-
stranded 24 nt sticky-end that is complementary to the probes. The static 
chain-like features show that the DNA molecules are effectively immobilized 
by Ni2+ with the long axes parallel to the surface (Figure 2.1e). In contrast, 
when the same areas of the surface were imaged under STAE, only point 
protrusions were observed (Figure 2.1f). In order for a molecule such as DNA 
to be resolved by AFM, it must remain immobile when the tip traverses over 
the feature. 18,23  Previous studies from our lab showed that when an anchored 
DNA molecule is lifted off a weakly interacting surface, only the segment close 
to the surface anchor contributes to AFM topography, and the rest of the 
molecule is too mobile to resolve. 18,23  In addition, AFM images acquired under 
Ni2+ show that the molecular features rotate around fixed points if the surface 
is rinsed with STAE between the two sequential images (Figure 2.2). These 
results provide clear evidence that the anchored targets are mobile in STAE 
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buffer due to reduced interactions with the negatively charged surface, and 
that the interactions can be turned on with Ni2+ to allow for imaging.  
 
Imaging DNA hybridization on a model sensor surface 
  Next we tested whether the switchable surface interaction could be used 
to monitor the specific hybridization between the surface probes and the 372 
bp DNA targets. To track the hybridization process, we exposed the capture-
probe surface to a solution containing a known concentration of targets, and 
periodically stopped the hybridization by rinsing the surface with STAE buffer 
and imaged the same areas after adding Ni2+. The number of the captured 
long DNA strands grew with increasing hybridization time, and the captured 
DNA was observed to change conformation while remaining bound to the 
surface (Figure 2.3). To verify that the DNA was indeed held to the surface by 
specific base-pairing interactions, we next exposed the captured DNA to 
formamide, which is known to disrupt base-pairing interactions and denature 
duplex DNA. 25  After rinsing with formamide and imaging again under Ni2+, 
the chain-like molecular features completely disappeared (Figure 2.3d). In a 
control experiment with an identical surface that did not have any probes, no 
chain-like features were observed under Ni2+ after hybridization with the 
targets (Figure 2.4) The complete dissociation of targets under formamide, the 
rotation of molecules around fixed points, and the absence of captured targets 
observed when DNA probes were omitted all support the hypothesis that only 
the targets that hybridize with probes remain on the surface after rinsing 
with STAE. The remarkably low nonspecific adsorption is attributed to the 
repulsive interactions between DNA and the negatively charged carboxylate 
surface.  
  In addition to longer, double-stranded DNA targets, the hybridization of 
short, single-stranded targets on the surface is more relevant to DNA sensor 
and microarray applications. 15  Next we sought to study the surface 
hybridization between surface probes and complementary 50 nt single-
stranded targets. Figure 2.5a shows that at high resolution, the individual 24 
nt probes appeared as protrusions that are ∼0.6 nm high. The features were 
elongated, and the contour lengths were about several nanometers. Short, 
single-stranded DNAs are more challenging to image with AFM due to their 
higher mobility on the surface. 7  Even in the few studies that detected single 
hybridization events with AFM imaging, 14,15  the probes could not be resolved. 
The effective immobilization on our SAM surface allows us to resolve probes 
separated by a distance as small as 3−5 nm, which is useful for understanding 
how the inter-probe interactions impact hybridization. After hybridization 
with the single-stranded targets, some of the features increased in height to 
∼1.2 nm (Figure 2.5b). The fraction of the higher features clearly grows with 
increased hybridization time (Figure 2.6). Hence, these higher protrusions are 
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attributed to target-probe duplexes, and lower protrusions are probes that 
have not captured a target. In different images, the average height of 
unhybridized probes was observed to vary from ~0.6-0.8 nm, depending on the 
AFM tip used. Despite the variability, within the same image hybridized 
probes display apparent heights that are slightly more than twice the 
apparent heights of unhybridized probes, and hence can be easily 
distinguished.  
 
Measuring hybridization kinetics on the surface 
  Next we used the switchable surface to measure the kinetics of the surface 
hybridization process. Surface hybridization typically involves DNA probes at 
much higher local concentrations, as compared to hybridization in solution. 1,5  
Surfaces with very low probe densities are model systems that offer unique 
insights into intrinsic hybridization kinetics as the inter-probe interactions 
are eliminated and the impact of target transport is lessened. 1,5  Most existing 
ensemble methods1,3,5  do not have the sensitivity to study surface 
hybridization with probe densities much lower than 1012/cm2, a density that 
still leads to significant inter-probe interactions. 5  This AFM study allows us 
to investigate the hybridization kinetics on a surface with negligible inter-
probe interactions, i.e., with a probe surface density of 1010−1011/cm2 or even 
lower. By exposing fresh probe surfaces to the DNA targets and systematically 
varying the exposure time and target concentration, we were able to use AFM 
imaging to measure the hybridization kinetics on the surface (Figure 2.7). We 
found that both the time-dependence and target concentration-dependence of 
hybridization can be described well by a Langmuir model of irreversible 
adsorption, with each target (T) binding to a single probe (P) to form a 
target/probe duplex (TP):1  

T+ P
!!   TP 

The rate constant of hybridization, kh, on our DNA probe surface was found to 
be (2.47 ± 0.15) × 104 M−1 s−1, which is similar to that previously measured 
with surface plasmon resonance for thiolated DNA probes on gold (∼1 × 104 
M−1 s−1). 1  Even without optimization of the conditions, we were able to detect 
targets at the pM level (Figure 2.7). Additional optimization of surface 
interactions, probe densities, 1  and probe design20  could likely improve target 
capture and allow detection at the fM level. 15   
 
Quantifying the effect of crowding on the hybridization rate 
  Finally, while extracting average quantities from the images helps to 
understand the system, single-molecule images can provide additional insight 
that is not available with ensemble measurements. High-resolution AFM 
images can not only determine which probes have captured a target, but also 
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precisely measure spatial parameters of each probe, such as nearest neighbor 
distance or number of other probes within a certain distance. This is especially 
important on surfaces that have significant heterogeneity in the spatial 
distribution of probes, 26  in which case the effects of molecular crowding could 
be more important than suggested by the average surface density of probes. In 
our system we often observed such heterogeneity, where some probes were 
fairly isolated while others were clustered together (Figure 2.8a,b). In order to 
quantify the extent of crowding for each probe, we used a spatial parameter 
called the Local Crowding Index (LCI), which is defined as the number of 
other probe molecules within a given distance d of a probe. 26  Figure 2.8c 
shows the same data from Figure 2.7b plotted both as a function of both time 
and LCI. While the average value of the fraction hybridized increased with 
time as expected, once the data was separated by LCI, an interesting trend 
emerged. As seen in Figure 2.8c, probes with a low LCI displayed 
hybridization kinetics that were significantly faster than the average. As the 
LCI increased, the hybridization rate decreased dramatically, and for probes 
with LCI > 4, hybridization was negligible within the 180 min time period. 
This dependence of the hybridization rate on probe crowding is something that 
was known from ensemble studies,1,4,27 but had not previously been observed 
at the single molecule level. While it is likely that inter-probe interactions and 
electrostatic repulsion serve to inhibit hybridization to some extent,5,27 we 
cannot rule out the possibility that surface diffusion of the targets prior to 
capture, which has previously been implicated in other systems,21,28,29 is 
partially blocked by neighboring molecules, impeding hybridization for highly 
crowded probes. Follow-up studies that vary the surface-density of probes and 
the strength of the DNA/surface interaction will help to further illuminate the 
observed effect of crowding on the hybridization kinetics. 
 
Conclusion and outlook 
  In summary, I have described a switchable surface that allows facile 
hybridization between short, surface-anchored DNA probes and their 
complementary targets in solution, with negligible nonspecific adsorption. 
Switching the surface interaction enables high-resolution AFM imaging of the 
DNA probes and targets on the same surface. Using this switchable surface 
chemistry, we measured the kinetics of hybridization at the interface, and 
showed that the rate of hybridization is strongly impacted by local probe 
crowding. Further measurements of hybridization kinetics at varying probe 
surface-densities will be important for developing a detailed kinetic model of 
hybridization that accounts for the role played by the surface itself. 21,29   
  From a practical standpoint, the switchable DNA surface is simple to 
prepare, and reproducibly allows AFM to achieve high-resolution imaging 
under liquid with the ubiquitous tapping mode and a typical commercial AFM 
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probe. Novel imaging modes30  or smaller AFM cantilevers31  may be used in 
conjunction with our approach to additionally enhance the resolution and 
reduce assay time. By enabling single-molecule visualization of closely spaced 
DNA probes on a model DNA sensor surface, this system promises to be a 
powerful tool for understanding how the spatial distribution of probes impacts 
surface hybridization.1,3-5 This approach could potentially also be used for 
nanoarray detection, which is currently hampered by the lack of a sensitive, 
label-free, and quantitative readout mechanism.10,13,32  
 
Experimental methods 
For a description of experimental methods and a list of DNA sequences used 
in this chapter, refer to Section A2 in the Appendix. 
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Figure 2.1. Schematic illustrations and AFM images of the switchable 
surface. (a) The surface, consisting of DNA probes (blue) covalently anchored 
to a carboxyl-terminated SAM on gold, is exposed to complementary single-
stranded DNA targets (purple) in an STAE buffer. Under this condition, the 
monolayer is negatively charged, minimizing nonspecific surface interactions. 
(b) After a predetermined period of time, the surface is rinsed with STAE to 
remove any unbound targets and (c) placed under a buffer containing Ni2+. In 
the presence of Ni2+, the DNA is strongly bound to the surface and can be 
imaged by the AFM. (d) The probe is covalently coupled to a MHDA (16-
mercaptohexadecanoic acid) monolayer by an amide bond and a six-carbon 
spacer at its 3′-terminus. (e) In an alternative approach, the probe is 
attached at the defects of a MUDA (11-mercaptoundecanoic acid) monolayer 
by a thiol group and linker at its 3′-terminus. (f) AFM image of captured 396 
bp dsDNA targets under a buffer containing Ni2+. (g) Image of the same area 
after switching to STAE buffer. Scale bar is 100 nm. 
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Figure 2.2. Conformational mobility of long surface-tethered DNA. AFM 
images acquired under Ni2+ imaging buffer show the same 500 nm area 
containing 400 bp dsDNA targets hybridized to 24 nt surface probes both 
before (a) and after (b) rinsing the surface with an STAE buffer solution 
that did not contain DNA. During the rinsing step, the DNA strands are no 
longer electrostatically bound to the surface and are free to rotate around the 
end that is hybridized to the surface probes. When the Ni2+ buffer is replaced, 
the DNA readsorb on the surface in new conformations. Scale bar is 50 nm. 
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Figure 2.3. Single-molecule AFM detection of hybridization between 24 nt 
DNA surface probes and solution-phase DNA targets that consist of both a 
372 bp double-stranded region and a 24 nt single-stranded segment 
complementary to the probe. (a,b,c) At specified times, hybridization was 
stopped and AFM images were acquired under a buffer containing Ni2+. The 
number of distinct chain-like DNA features increased over time, and the 
observed chain length is in agreement with the contour length of dsDNA (135 
nm). Additionally, the hybridized target molecules were found to rotate 
around fixed points (green circles) during the hybridization periods. Note that 
the point features in these images are significantly taller than typical probes 
and likely represent surface contaminants rather than DNA probes. (d) Final 
image shows the same surface after it was exposed to formamide and imaged 
under the Ni2+ buffer. All of the targets have dissociated from the surface. 
Scale bar is 200 nm. 
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Figure 2.4. Hybridization control experiment—no probes. Both images are 
representative of an MHDA surface without any DNA probes after it has 
been exposed to a 10 nM concentration of 50 nt ssDNA targets in 
hybridization buffer for 10 minutes. The almost total lack of molecular-sized 
surface features indicates that nonspecific adsorption of DNA is negligible. 
Scale bar is 50 nm. 
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Figure 2.5. AFM images of the same area of the capture probe surface (a) 
before and (b) after hybridization with 50 nt single-stranded targets. 
Individual DNA probes initially appear as ∼0.6 nm tall protrusions. Some of 
the probes (green arrows) are seen to increase significantly in height to ∼1.2 
nm after exposure to the target DNA, indicating that they have hybridized. 
Other probes (blue arrows) show little or no height change, indicating that 
they did not capture a target. Shown below are representative AFM images 
and height profiles of DNA capture probe surfaces (c) prior to probe 
attachment, (d) after probe attachment, and (e) after exposure to DNA 
targets. Scale bars are 50 nm. 
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Figure 2.6. Representative AFM images from the data sets used to extract 
fractional coverages in Figure 2.5b. The DNA capture probe surfaces were 
exposed to a 10 nM solution of 50 nt ssDNA targets in the hybridization 
buffer. Images show different surfaces after exposure times of (a) 6 min, (b) 
12 min, (c) 30 min, (d) 60 min, (e) 90 min, and (f) 180 min. All scale bars are 
50 nm. 
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Figure 2.7. Results from hybridization kinetics study. (a) Histograms 
showing topographical heights of single- molecule features in the AFM 
images at three different hybridization times. (b) Plot of the fractional 
coverage of DNA probes that have hybridized with a target, i.e., the ratio of 
the number of hybridized probes to the total number of probes, as a function 
of hybridization time. A surface functionalized with 24 nt probes was exposed 
to a hybridization buffer solution containing 10 nM of 50 nt single-stranded 
DNA targets. Once the designated time was reached, the surface was rinsed 
with STAE buffer and imaged by AFM under an aqueous Ni2+ solution. Note 
that unlike Figure 2.2, a fresh surface was used for each data point. Each 
data point was determined by analyzing multiple images of the same surface, 
representing at least N = 750 probes; red diamonds are the fractional 
coverages of hybridized probes, Γ, extracted from the AFM images. The solid 
line represents a best-fit to an irreversible Langmuir adsorption model, 6   Γ = 
1 − e−ka[T]t, where t is hybridization time, [T] is target concentration, and ka = 
(2.47 ± 0.15) × 104 M−1 s−1 is the second-order rate constant. (c) Plot of 
fractional coverage of hybridized probes as a function of target concentration 
at a fixed hybridization time of t = 180 min. The dots were the observed 
fractions. The Γ of the solid curve was calculated using the same equation Γ = 
1 − e−ka[T]t, where ka = 2.47 × 104 M−1 s−1 and t = 10800 s. 
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Figure 2.8. The effect of local crowding on hybridization kinetics.              
(a) Cartoon depicting how hybridization can be inhibited by steric and 
electrostatic effects as well as intermolecular interactions when probes 
become crowded. (b) AFM image of the probe surface showing both isolated 
DNA probes and probe clusters. Scale bar is 100nm. (c) 2D histogram 
showing the fraction of probes that captured a target both as a function of 
time (left to right) and the Local Crowding Index (top to bottom). The average 
over all probe molecules is shown across the top. 
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Abstract: In this chapter I describe a novel method for covalently and 
sequence-specifically tethering long DNA molecules to a surface that is also 
compatible with high-resolution AFM imaging. The method uses DNA base-
pairing to selectively capture the long DNA from solution, followed by DNA-
templated click chemistry to form a covalent cross-link to the surface. 
Samples prepared with this approach are ideally suited for performing 
biophysical experiments on single DNA molecules. 
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Background on DNA surface-attachment chemistry 
 Techniques that probe DNA at the single molecule level have provided 
unique insight into fundamental biological processes, such as gene expression 
and DNA-protein binding. For many techniques, including AFM force 
spectroscopy, 1  optical tweezers, 2  and single molecule fluorescence, 3  it is 
necessary for a long DNA molecule (>100 bp) to be attached at one end to a 
solid support. The prevalence of surface-tethering in such measurements can 
be attributed to the following factors: tethering restricts the diffusion of the 
molecule, allowing for extended observation; it isolates the molecule, 
preventing unwanted interactions with neighboring molecules; and it 
provides a convenient handle with which the molecule can be manipulated. 
Going beyond existing approaches, the capability of attaching long DNA 
molecules with different sequences to specific locations on the surface would 
potentially allow researchers to perform high throughput, multiplexed single 
molecule measurements on spatially addressable nanoarrays. 4  Among the 
existing strategies to tether DNA to a solid support, such as biotin–avidin 
recognition, 2,3  amide coupling, 1  and gold–thiol chemistry, 5  several 
limitations remain. Although covalent attachment methods are effective at 
tethering relatively short DNA to a surface, they become significantly slower 
for longer DNA due to orientational constraints and diffusion limitation of the 
reaction. 6  Existing covalent attachment chemistries are also not sequence 
specific, i.e., cannot selectively tether molecules with different sequences, 
which is important for nanoarrays. Often the surface has significant 
heterogeneity in topography and chemical functionality, resulting in 
nonspecific interactions that introduce artefacts into measurements. Very 
little is known about the heterogeneity in the local environment of the 
immobilized molecules, as the surfaces are generally not compatible with 
high-resolution AFM imaging, the only technique that is potentially capable 
of characterizing these surfaces with sub-10 nm resolution.  7,8  Typically, the 
surface interactions are either too strong to allow for the conformational 
freedom that is needed for unperturbed reactions, or too weak to immobilize 
the molecules for imaging. 7,8  Existing AFM studies have relied on 
exchanging the buffer solution to switch the binding affinities between DNA 
and a mica substrate to allow for conformational freedom in a weakly bound 
state and imaging in a strongly bound state.  9,10  However, the biochemical 
reactions are still perturbed by surface interactions even in the weakly bound 
state, as there must be sufficient surface interactions to prevent irreversible 
desorption of DNA.10  
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DNA-templated click chemistry 
 Here I demonstrate that long DNA can be covalently and sequence-
specifically tethered to a surface that is compatible with both high-resolution 
single molecule imaging and unimpeded biomolecular interactions. This is 
accomplished by attaching short DNA ‘anchor’ strands that bear an alkyne 
group to a surface that can switch DNA/surface interactions on demand, 
allowing the anchor strands to capture long ‘target’ DNA with a 
complementary sequence, and then covalently cross-linking the strands via 
Cu(I)-catalyzed azide-alkyne cycloaddition (CuAAC) (Figure 3.1). Base-
pairing interactions have been previously used to bring reactive groups into 
close proximity to facilitate reactions in a homogeneous solution phase. 11,12  
Likewise, our method uses the specificity and greater efficiency of the base-
pairing process to guide the covalent attachment of long DNA strands to a 
switchable surface. This novel approach may have broad utility in single 
molecule techniques that require surface-tethering of long DNA, and may 
enable the production of nanoarrays of single long DNA molecules. 
 We employed the CuAAC reaction to cross-link the DNA strands because 
it is efficient and orthogonal to a wide range of biochemical reactions. 13  Prior 
to performing the reaction on the surface, we tested the approach by cross-
linking two short, complementary DNA strands in solution. This step was 
useful not only for studying how the conditions affected the reaction yield, 
but also for assessing the extent of damage to the DNA by the presence of 
copper. It has been shown that the in situ generation of Cu(I) catalyst by 
ascorbate reduction of Cu(II) can damage DNA by generating reactive oxygen 
species,14 an issue that I will revisit in the following chapter. Protective Cu-
binding ligands are typically used in CuAAC bioconjugation reactions to 
minimize the oxidative damage, 15  and it was found previously that the 
structure of the ligand can profoundly affect both the reactivity and 
biocompatibility of the Cu catalyst. 16  We compared the performance of TBTA 
(tris(benzyltriazolylmethyl)amine), a ligand commonly used in the literature, 
with two alternative ligands that show improved aqueous solubility and an 
increased reaction rate (Figure 3.2). To perform the coupling reaction in 
solution, the two strands were first hybridized by heating to 70°C and slowly 
cooling to room temperature in a hybridization buffer. Next the Cu(I) solution 
was added to initiate the reaction, and aliquots of the solution were removed 
at predetermined time points and added diluted in a quenching buffer to stop 
the reaction. The yield at different time points was assessed by denaturing 
polyacrylamide gel electrophoresis (d-PAGE). As shown in Figure 3.2, the 
reactants appeared as two separate bands due to different mobilities in the 
gel. The product, corresponding to the cross-linked DNA, appeared as a third, 
slower moving band, and was easily distinguished from the reactant bands. 
By using the normalized intensity of the product band we were able to 
quantify the yield of the cross-linking reaction.  d-PAGE was also useful for 
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monitoring the extent of damage due to reactive oxygen species, which led to 
a smearing of bands in the gel and a decrease in the product band intensity 
(Figure 3.2). By varying conditions such as Cu(II) and ascorbate 
concentrations, solvent, ligand type, and ligand:Cu ratio, and measuring the 
resulting reaction yield, we identified a set of conditions in which the reaction 
was apparently complete within 5 minutes with minimal degradation of the 
DNA. 
 
Testing the cross-linking reaction on the surface 
 After determining suitable reaction conditions in solution, we tested 
whether the coupling reaction could be used to covalently and sequence-
specifically cross-link long DNA to the surface. As shown in Figure 3.3, our 
method consists of a simple three-step approach in which the long target 
DNA strand binds to, and then reacts with, a short, complementary anchor 
oligonucleotide on the surface. First the thiolated anchor strands are inserted 
into surface defects of a self-assembled monolayer (SAM) on a gold substrate, 
as described in the previous chapter. 8  Next the anchor surface is exposed to 
a solution containing the target DNA strands, which will hybridize with the 
surface anchors only if they contain a single-stranded tail with the 
complementary sequence. Finally, after hybridization the surface is rinsed 
and exposed to a Cu(I) catalyst solution. At this point the target strands will 
covalently cross-link to the surface via formation of the triazole product. 
 High-resolution AFM imaging would be a powerful means to directly 
measure the conformation and spatial distribution of individual biomolecules 
attached to surfaces, as well as the molecular scale morphology of their local 
environments. However, high-resolution imaging has not been possible on 
most existing biofunctional surfaces due to the weak surface interaction that 
is required to allow unimpeded biomolecular reactions and prevent 
nonspecific adsorption. Building on the results from the previous chapter, we 
overcame this challenge by covalently attaching the DNA to a carboxyl-
terminated SAM. 8  The covalent anchoring and precise SAM surface 
chemistry allow us to use electrostatic repulsion to lift up the anchored DNA 
into a solution-like environment. In contrast to previous studies on mica, this 
surface satisfies the conflicting requirements of minimizing the surface 
interaction to allow reactions and ensuring sufficient binding to prevent 
irreversible desorption. 9  Imaging was performed in a divalent cation buffer 
that strongly immobilizes the DNA due to salt bridging interactions. 8  As 
shown in Figure 3.3, after hybridizing with the surface anchor strands, the 
396 bp DNA target strands appeared as 2 nm-tall worm-like features with 
the expected contour length of ~120 nm. The surface was then exposed to a 
catalyst solution containing Cu(II), the sodium ascorbate reducing agent, and 
a Cu(I)-binding ligand. The kinetics of the surface reaction are slower 
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compared to a homogeneous solution, and an increased reaction time of 25 
minutes was used to ensure a good yield. AFM imaging revealed that the 
DNA was still present on the surface after the reaction (Figure 3.4). To verify 
covalent cross-linking, the surface was next exposed to an alkaline NaOH 
solution (pH 12), which is known to disrupt the hydrogen bonds in base pairs 
and denature double-stranded DNA. 17  The majority of the molecules 
remained bound to the surface, consistent with the DNA being linked to the 
surface through a covalent bond in addition to base pairing. By counting 
molecules over a large area before and after denaturation, we determined the 
yield of the cross-linking reaction to be ~83%. Note that the denaturing pH 
was selected such that the base pairing between the single-stranded tail and 
the anchor strand is melted (Figure 3.3c), but the double-stranded segment of 
the target DNA is left intact due to its higher melting temperature. When a 
higher pH was used, the cross-linked target strands were completely melted 
into single-stranded DNA, which nevertheless remained tethered to the 
surface (Figure 3.5). In control experiments where either the azide (Figure 
3.6) or alkyne group (Figure 3.7) is excluded, the targets indeed hybridized 
with the surface anchors, and were still present on the surface after exposure 
to the Cu(I) catalyst. However, after exposure to denaturing conditions, >99% 
of the DNA molecules were rinsed away, confirming that base-pairing alone is 
not sufficient for stable attachment to the surface under these conditions. 
Finally, to verify the sequence-specificity, we repeated the experiment using 
sequence-mismatched DNA anchors and target strands containing the alkyne 
and azide groups. None of the mismatched DNA was found on the surface 
after hybridization, confirming that the cross-linking reaction can be directed 
by the base sequence (Figure 3.8).  
 
A note on potential DNA damage during the reaction 
 Since the reaction time was extended for the surface-coupling reaction, 
increased oxidative damage to DNA during the reaction is a concern. In order 
to estimate the degree of oxidative damage to the DNA backbone caused by 
reactive oxygen species during the reaction step, we carried out statistical 
analysis of the chain conformations in the images before and after exposure 
to the Cu catalyst. 18  To extract conformational statistics from the AFM 
images, the contour of each molecule on the surface was digitized in a semi-
automated fashion using a published algorithm (Figure 3.9). 19  The resulting 
set of coordinates representing the digitized paths of the DNA molecules 
within each image were then used to determine contour lengths, end-to-end 
distances, and bending angle distributions for the molecules. In our system, a 
double-stranded break in the surface-tethered DNA would lead to cleavage 
and release of part of the molecule from the surface; this would result in a 
shortening of the contour length Lc of the molecule. We analyzed the 
coordinates of a total of 243 molecules and found no significant change in the 
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average measured contour length <Lc> after the reaction step, indicating that 
the occurrence of double-stranded breaks was negligible (Figure 3.10). On the 
other hand, single-stranded breaks (or ‘nicks’) in the backbone are more 
difficult to directly identify due to the limited resolution of the AFM images. 
20,21  Such nicking is expected to occur at random sites along the DNA 
backbone, also making it difficult to detect by analyzing the bend angles 
along the molecule. In contrast, introduction of a nick has a pronounced effect 
on the distribution of end-to-end distances, causing both a shift in the peak to 
shorter distances as well as a broadening of the distribution. 22  Given that we 
observed no significant change in the mean or the standard deviation of end-
to-end distances after the reaction step, any single-stranded breaks must be 
limited to a small minority of molecules (Figure 3.10). This suggests that 
oxidative damage of the DNA during the reaction was not extensive enough 
to measurably affect the flexibility of the DNA, although it’s still possible that 
other types of oxidative modification occurred during the reaction. This is an 
issue that I will return to in the following chapter. 
 
Conclusion and outlook 
 In conclusion, I have described a method that uses DNA-templated click 
chemistry to selectively tether long DNA molecules to a surface through a 
covalent bond. The method combines the specificity of base-pairing with the 
efficiency of CuAAC click chemistry. Using this strategy, we have 
successfully attached both single- and double-stranded DNA to the surface. 
This new method of cross-linking long DNA molecules to highly ordered 
SAMs will help to enable AFM studies of biochemical reactions that are 
difficult on traditional mica substrates. In addition, it potentially has broad 
utility in other single molecule techniques2,3  because it can reduce 
measurement artifacts that are caused by nonspecific surface interactions 
and heterogeneity in the local environment. Moreover, the method allows 
long DNA molecules that are difficult to pattern directly to be cross-linked to 
short anchor strands that are readily patterned with existing techniques. 23-25  
Therefore, it will pave the way for spatially addressable nanoarrays that can 
allow the parallel measurement of a large number of single molecules. 
 

Experimental methods 
For a description of experimental methods and a list of DNA sequences used 
in this chapter, refer to Section A3 in the Appendix. 
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Figure 3.1. Schematic illustration of the DNA-templated surface coupling 
reaction. (a) The thiolated anchor strands bearing alkyne groups (purple) are 
inserted into the defects of a self-assembled monolayer on a gold substrate. 
7,26,27  The surface is then exposed to the target strand (blue) containing a 
complementary single-stranded tail (red) with a terminal azide group. (b) 
Upon hybridization of the target and anchor strands, the azide and alkyne 
groups are placed in close proximity. (c) Cu(I) catalyzes the cross-linking 
reaction, leaving the target DNA covalently tethered to the surface. (d) AFM 
image of a 3679 bp DNA strand that has been attached using this approach. 
Scale bar is 100 nm. 
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Figure 3.2. Use of denaturing polyacrylamide gel electrophoresis (d-PAGE) 
to quantify the DNA-templated cross-linking reaction yield in solution. (a) 
Cartoon depicting the process by which the DNA is hybridized, exposed to the 
Cu(I) catalyst, and then denatured in the gel. DNA that has not successfully 
reacted is separated into two different bands in the denaturing gel, while 
DNA that has reacted is cross-linked by the triazole product and migrates as 
a single, slower-moving band. (b) Sample gel image. Lanes 1 and 2 are the 
target and anchor strands, respectively. Lanes 3–7 are a series of time points 
from a mixture of both strands after hybridization and reaction with the 
Cu(I) catalyst under one set of conditions tested. Lane 8 is a control where 
the Cu(I) catalyst was omitted. (c) Reaction yield with three copper-chelating 
ligands as a function of time. The decrease in yield at longer times can be 
attributed to oxidative degradation of the DNA. We found that degradation 
could be significantly reduced by minimizing the amount of oxygen present 
and by using an excess of the ligand. 
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Figure 3.3. Using AFM to monitor the progress of the DNA-templated 
surface-coupling reaction. (a) The azide-labeled DNA targets are hybridized 
with surface anchor strands containing an alkyne group. (b) Next the surface 
is exposed to Cu(I), catalyzing the formation of the triazole product. (c) To 
verify that the DNA is covalently cross-linked, the surface is exposed to 
alkaline conditions so that any unreacted DNA is denatured and rinsed away. 
(d–f) The same hybridization, reaction, and denaturation steps, respectively, 
but with the azide group omitted. In this case, >99% of the DNA was removed 
after denaturing. Scale bar is 100 nm. 
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Figure 3.4. Representative AFM images taken after each step of the DNA-
templated surface coupling reaction. In this experiment, the 396 bp azide-
modified DNA targets were hybridized with alkyne-modified anchor DNA 
strands (left). The surface was then exposed to the Cu(I) catalyst solution for 
25 min, and imaged again after the reaction (middle). Finally, the surface 
was exposed to a denaturing alkaline solution for 5 min, and then imaged 
(right). The measured yield in this experiment was >80%, as determined 
from a total area of 14 µm2. The height scale is the same as in Figure 3.3, and 
the image size is 1.0 µm2 for all images. 
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Figure 3.5.  Selective denaturation of surface-tethered DNA. (a) The 396 
bp azide-modified target DNA was hybridized and coupled to the surface, as 
before. (b) For this experiment, the NaOH concentration was increased to 
30mM (pH 12.5) for the denaturation step. This was sufficient to fully 
denature the entire 396 bp DNA, leaving only ssDNA attached. (c) Height 
profile from line drawn across the image in (b). After denaturation, the 
2.0nm-tall worm-like features were replaced by small, globular features 
containing regions with heights varying from 0.75nm to 2.0nm. These heights 
are consistent with regions of both single- and double-stranded DNA. 8  (d) 
and (e) show images after the reaction and denaturation steps, respectively, 
from a repeated trial of the same experiment. The surface density of the 
globular features observed after denaturation was found to correlate with the 
surface density of long DNA before denaturation, further supporting the 
assertion that the features correspond to the same DNA that has been fully 
denatured. (f) Results of a thermodynamic analysis of the minimum free 
energy secondary structure of the 396-base DNA strand, as determined using 
the online Nucliec Acid Package tool (www.nupack.org). 28 The color scale 
gives the equilibrium probability of forming intramolecular base-pairs at 
23°C. Notice that under these conditions, the DNA strand is expected to 
contain both single-stranded and double-stranded regions, consistent with 
what is observed in the AFM images. The height scale is the same as in 
Figure 3.3, and the image size is 0.25 µm2 for all images. 
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Figure 3.6. Representative AFM images from a control experiment in which 
the 396 bp DNA targets did not contain azide groups. The targets were 
hybridized with alkyne-modified anchor DNA strands and then imaged 
(left). The surface was then exposed to the Cu(I) catalyst solution for 25 min, 
and imaged again after the reaction (middle). Finally, the surface was 
exposed to a denaturing alkaline solution for 5 min, and then imaged 
(right). The measured yield in this control experiment was < 1%. The height 
scale is the same as in Figure 3.3, and the image size is 1.0 µm2 for all 
images. 
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Figure 3.7. Representative AFM images from a control experiment in which 
the 396 bp DNA targets contained azide groups, but the anchor strands did 
not contain alkyne groups. The targets were hybridized with the anchor DNA 
strands and then imaged (left). The surface was then exposed to the Cu(I) 
catalyst solution for 25 min, and imaged again after the reaction (middle). 
Finally, the surface was exposed to a denaturing alkaline solution for 5 min, 
and then imaged (right). The measured yield in this control experiment was 
< 1%. The height scale is the same as in Figure 3.3, and the image size is 1.0 
µm2 for all images. 
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Figure 3.8. Representative AFM images from a control experiment in which 
the sequence was mismatched between the alkyne-modified anchor strands 
and the azide-modified 396 bp DNA targets. After the hybridization step, no 
target DNA was observed on the surface for a total area of >10 µm2 that was 
surveyed. The height scale is the same as in Figure 3.3, and the image size is 
1.0 µm2 for all images. 
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Figure 3.9. Semi-automated digital tracing of DNA conformations. Shown 
on the left is a sample 1.0 µm2 image, and on the right is a plot of the 
digitized coordinates of the DNA molecules obtained using a previously 
described tracing algorithm.19  
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Figure 3.10. Chain conformation statistics extracted from AFM images. 
Histograms of the measured contour length LC (left) and end-to-end 
distance D (right) are shown for molecules before (top) and after (bottom) 
exposure to the Cu(I) catalyst. The mean value ± one standard deviation is 
displayed on each graph. The vertical axes show the count. 
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Abstract: Copper-catalyzed click chemistry has emerged as a premier tool 
for bioconjugation, but reactive oxygen species generated by the Cu(I) 
catalyst can potentially be damaging to biomolecules. In this chapter I 
describe a method to measure the extent of oxidative DNA damage under 
varying reaction conditions used for click chemistry. Using quantitative 
polymerase chain reaction (qPCR), we systematically studied how the 
damage depends on a number of key reaction parameters, including the 
amounts of copper, reducing agent, and ligand used, and found that the 
damage is significant under nearly all conditions tested, including those 
commonly used for bioconjugation. Furthermore, we discovered that the 
addition of dimethylsulfoxide (DMSO), a known radical scavenger, into the 
aqueous mixture dramatically suppresses DNA damage during the reaction. 
We also measured the efficiency of cross-linking two short synthetic 
oligonucleotides via click chemistry, and found that the reaction could 
proceed reasonably efficiently even with DMSO present. This approach for 
screening both DNA damage and reactivity under a range of reaction 
conditions will be valuable for improving the biocompatibility of click 
chemistry, and should help to extend this powerful synthetic tool for both in 
vitro and in vivo applications. 
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Background: oxidative damage during click chemistry 
 The Cu(I)-catalyzed azide-alkyne cycloaddition (CuAAC) has become 
widely adopted as a robust means of functionalizing biomolecules, due 
primarily to its biocompatibility and facile reaction kinetics. 1-3  As an 
example, in the previous chapter I presented a method to covalently attach 
long DNA molecules to surfaces using DNA-templated CuAAC chemistry. 4  
However, the toxicity of the copper catalyst has been a persistent impediment 
to carrying out bioconjugation in settings that are susceptible to oxidative 
damage. 5-9  The most commonly utilized reaction conditions involve 
generation of the catalytically active Cu(I) species via in situ reduction of 
Cu(II) by ascorbate, which occurs with the concomitant generation of reactive 
oxygen species (ROS) that are damaging to biomolecules. 10  Significant 
efforts have been focused on the discovery and optimization of Cu(I)-
stabilizing ligands that can improve reactivity and suppress oxidative 
damage. Finn, 7,11  Wu8  and Pezacki12  and coworkers have developed water-
soluble ligands that can stabilize the Cu(I) catalyst and also function as 
sacrificial reagents that intercept ROS. However, even with protective 
ligands, the damage is often extensive enough to affect cell viability. 7,8,12  
More recently, azides that chelate with copper13  have been found to 
accelerate the reaction and allow the use of lower copper concentrations to 
reduce oxidative damage. 9,14  Despite the progress made so far, the concern of 
toxicity in CuAAC-based bioconjugation has not been eliminated. As a result, 
copper-free alternatives such as strain-promoted azide-alkyne cycloaddition, 
which have slower kinetics and lower specificity, remain preferred over 
CuAAC in applications that are more sensitive to oxidative damage. 3,15-17    
 Here we focus on a gap in the development of effective CuAAC protocols: 
the methods used to monitor oxidative damage during CuAAC are not 
sufficiently sensitive for applications that are highly susceptible to damage. 
While ROS generated during CuAAC are detrimental to a variety of 
biological molecules, of particular concern is the oxidative damage to DNA, 
including base modifications and scission of the phosphodiester backbone in 
one or both strands. 18-21  Such damage can have deleterious genotoxic and 
mutagenic consequences for living organisms,  20,22,23  particularly when the 
high levels of oxidative stress overwhelm cellular DNA repair mechanisms. 
24,25  In relation to health, oxidative DNA damage has been implicated in 
cancer and other aging-related diseases. 18,20,26,27  Anticipating this issue, 
many CuAAC bioconjugation studies have evaluated cell viability or 
proliferation. 7,8,12,28  However, these assays do not provide chemical insight 
into the kinetics of oxidative damage, which is needed for rationally 
minimizing the cytotoxicity of CuAAC. In addition, a large portion of genetic 
mutations do not observably impact cell viability, 29  and thus it is likely that 
much of the damage goes undetected by these methods. Some other studies 
have measured oxidation kinetics of proteins30  as well as proxy molecules, 
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such as histidine and short oligonucleotides, using high performance liquid 
chromatography (HPLC) and gel electrophoresis. 11  However, because of their 
relatively low sensitivity, these methods cannot detect very low levels of 
damage that, while sporadic, are detrimental for most in vivo chemical 
biology applications.  Such damage may also be a concern for a number of 
methods that use click chemistry to prepare DNA bioconjugates31  for sensing, 
32,33  diagnostics, 34  sequencing, 35  and gene synthesis. 36-38  Therefore, owing 
to the biological and technological importance of maintaining genomic 
integrity, a highly sensitive method for directly measuring the damage to 
DNA would be valuable for improving the biocompatibility of CuAAC 
chemistry.  
 
Measuring oxidative DNA damage with qPCR 
 In this work we have used a qPCR-based analytical method to study the 
oxidative damage to a long double-stranded DNA molecule (3.5 kbp) under 
varying conditions used for CuAAC bioconjugation. This method is capable of 
measuring the frequency of oxidatively induced strand lesions (base 
modifications or strand scission) in double-stranded DNA as low as 1 per 105 
nucleotides. The order-of-magnitude higher sensitivity has afforded us new 
insight into how the damage rate is influenced by key reaction parameters, 
including the type of Cu(I)-stabilizing ligand used and the concentrations of 
copper, ascorbate, and the ligand, at a relevant time scale. This improved 
measurement capability has led us to discover that the addition to the 
aqueous reaction of up to 10% DMSO, a commonly used component for 
bioconjugation solvent mixtures, reduces the rate of oxidative damage by as 
much as two orders of magnitude. Moreover, our measurements of the 
efficiency of CuAAC in cross-linking two short synthetic oligonucleotides 
showed only a relatively modest reduction in reaction rate attributed to the 
inclusion of DMSO. The strategy presented here is complementary to the 
existing efforts in improving the biocompatibility of CuAAC through 
engineering the ligand and reactants, 7-9,11,12  and allows for rationally 
minimizing the oxidative damage of CuAAC for both in vitro and in vivo 
bioconjugation.   
 The qPCR technique is a facile, parallel and highly sensitive method for 
quantifying the frequency of lesions in DNA. 39,40  As illustrated in Figure 4.1, 
the 3.5 kbp DNA strand is first exposed to the CuAAC reaction mixture for a 
predetermined amount of time before being quenched by dilution in TAE 
buffer on ice. Next, the DNA is used as a template for PCR amplification. 
During the extension step of PCR, lesions in either strand of the template 
inhibit the polymerase from generating a full complement of that strand, and 
thus only intact strands contribute to the exponential amplification of the 
product DNA. By monitoring the total amount of DNA using an intercalating 
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dye and comparing to an untreated control, the relative fraction of intact 
DNA present in the sample can be quantitatively determined. In order to 
calculate the DNA damage frequency (lesions per base) from the intact DNA 
fraction φ, we assumed that the damage occurs in a random and sequence-
independent fashion, an approximation that is often used for long genomic 
DNA. 40  Then the lesions can be described by a Poisson distribution f(k, λ), 
such that the probability P of a DNA strand containing k lesions is given by 
the following equation: 

P k = f(k, λ) =
λ!𝑒!!

𝑘!  

where λ is the mean number of lesions per single strand. Then, equating the 
probability P(0) of k = 0 lesions with the intact DNA fraction φ gives the 
following: 

φ = P 0 =
λ!𝑒!!

0! = 𝑒!! 

which can be rearranged to give the mean number of lesions per DNA strand: 

λ = −ln  (φ) 

Finally, dividing λ by the number of bases n in each strand gives the mean 
number of lesions per base:  

damage  frequency   lesions  per  base =
λ
𝑛 =

−ln φ
𝑛  

We used this equation to determine the frequency of damage to a 3.5 kbp 
DNA strand after exposure to varying catalytic conditions, with the goal of 
understanding the factors affecting the extent of damage. For most 
bioconjugation applications, the catalyst consists of three key components: 
the copper source, typically a Cu(II) salt; a reducing agent such as ascorbate, 
which is needed to generate and maintain the catalytically active Cu(I) 
species; and finally a protective ligand, which is used to stabilize copper in 
the +1 oxidation state. For this study we chose to use Cu(II) sulfate and 
sodium ascorbate, along with the commonly used tris-(3-
hydroxypropyltriazolylmethyl)amine (THPTA) ligand, 11  which served as a 
model catalytic system.  In order to investigate the effects of the catalyst 
composition on the DNA damage, we systematically varied the concentration 
of copper, the ascorbate:copper ratio (Asc:Cu), and the ligand:copper ratio 
(L:Cu) during the reaction, and measured both the fraction of DNA remaining 
intact and the corresponding DNA damage frequency after a timed exposure 
to the catalyst, as compared to an untreated control.  
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Factors affecting the oxidative damage of DNA 
 The results of our DNA damage measurements are shown in Figure 4.2. 
When the Cu concentration was increased while the Asc:Cu and L:Cu ratios 
were held constant, we observed a decrease in the fraction of DNA remaining 
intact, which indicates an increasing frequency of damage (Figure 4.2a). The 
degradation was extremely rapid for Cu concentrations of 50 µM or higher, 
with less than 1 in 5,000 DNA molecules remaining intact after only 2 
minutes of reaction time. A number of transition metals are known to 
generate ROS in the presence of ascorbate via Fenton chemistry: 

AH2 + O2  à  A + H2O2 

Cu+ + H2O2  à  �OH + OH− + Cu2+ 

where AH2 is ascorbic acid, A is dehydroascorbic acid, and �OH is the hydroxyl 
radical. 41  Thus increasing the copper concentration increases the rate of 
ROS production. Our results corroborate previous in vitro and in vivo studies 
that showed more extensive oxidative damage with increasing copper 
concentration during CuAAC. 7,8  The role of ascorbate, however, is more 
complex. From the above chemical equations, it is apparent that increasing 
the ascorbate concentration also accelerates ROS generation, and this has 
been observed experimentally. 42  However, ascorbate is also known to 
scavenge oxygen radicals, meaning that it can simultaneously function as 
both an antioxidant and a pro-oxidant. 10,43  Note that when the reaction is 
performed under ambient conditions that oxidize Cu(I), excess ascorbate is 
needed to maintain the copper in the +1 oxidation state. When we varied the 
ratio of ascorbate to copper in the catalyst, we generally observed a decrease 
in the damage with increasing Asc:Cu, particularly for very high 
concentrations of ascorbate (Figure 4.2b). This data suggests that for the 
conditions used here, the antioxidant activity of ascorbate more than 
compensates for its ability to generate ROS. A similar trend was observed in 
plasmid relaxation studies of DNA damage by ascorbate and copper. 10  
Finally, we tested the effect of varying the ratio of the THPTA ligand to 
copper. In addition to stabilizing the catalytically active Cu(I) species, such 
ligands can also act as sacrificial agents that intercept and react with the 
ROS generated, 44  and previous reports have found that using excess ligand 
relative to copper can have a protective effect on molecules both in vitro11  
and inside cells. 7  Indeed, we observed that increasing the L:Cu ratio from 2:1 
to 10:1 reduces the damage frequency by more than a factor of two (Figure 
4.2c). However, even in the presence of tenfold excess ligand, damage to the 
relatively long DNA is substantial— after 2 minutes, roughly 98% of the DNA 
has been damaged. The extensive DNA damage observed in our qPCR 
experiments is consistent with previous studies that found a decrease in cell 
viability or proliferation rate after exposure to the Cu/Asc/THPTA catalyst. 
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8,12  This problem is not specific to the THPTA ligand, as we observed 
similarly high levels of damage when we tested alternative Cu-binding 
ligands (Figure 4.3). More generally, we found that the frequency of damage 
is a complex function of both the catalyst composition (copper, ascorbate and 
ligand) and the reaction time, and cannot be easily predicted. This highlights 
the importance of directly measuring the oxidative damage under the 
conditions being used, in order to optimize the reactivity while minimizing 
the damage.  
 
Suppressing the DNA damage with antioxidants 
 A ubiquitous strategy used by biological systems to reduce and mediate 
oxidative stress is the production of cellular antioxidants. 45  However, a 
general challenge in adopting this strategy for CuAAC is that many 
antioxidants, such as TCEP (tris(2-carboxyethyl)phosphine, a sacrificial 
reducing agent) and catalase (an enzymatic catalyst for H2O2 decomposition) 
are likely to inhibit the reaction by adversely affecting the concentration or 
coordination environment of the catalytically active Cu(I) ions. 11  Our trials 
with small molecule ROS scavengers, including trolox46  and histidine, 12  
found that although the damage was suppressed, the inhibition of CuAAC 
reaction was similarly too excessive for these additives to be useful. 
 In order to improve the biocompatibility of CuAAC, we sought an 
alternative antioxidant that could suppress the oxidative damage without 
significantly inhibiting the reaction. DMSO is a promising candidate, based 
on its established use as a solvent for CuAAC and its known capacity as an 
oxygen radical scavenger. 47,48  To test how DMSO would affect the kinetics of 
DNA damage during CuAAC, we measured the time-dependence of 
degradation for three different copper concentrations, in both aqueous buffer 
and 10% DMSO. As shown in Figure 4.4a, without DMSO the DNA was 
rapidly damaged, with less than 0.1% of the DNA remaining intact after just 
5 minutes for all three copper concentrations. In contrast, with the addition 
of 10% DMSO, the majority of the DNA was still intact after 5 minutes, and 
even after 25 minutes as much as one third of the DNA remained 
undamaged. We also varied the amount of DMSO in the reaction mixture 
(Figure 4.4b), and found it to be inversely correlated to the measured damage 
frequency (Figure 4.4c). This suggests that DMSO can indeed scavenge ROS 
that are produced during the reaction. DMSO is known to react with �OH, a 
key mediator of DNA damage that is generated during CuAAC, to produce 
the methyl radical, 49,50  which can dimerize to form ethane, thus avoiding the 
otherwise damaging effects of �OH on DNA. What is notable is that the 
addition of DMSO leads to a much more pronounced reduction in the damage 
rate (up to one hundred fold, Figure 4.4) than varying other reaction 
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parameters, such as copper concentration or the L:Cu ratio, within commonly 
used ranges (Figure 4.2).    
 
The effect of the antioxidant on reaction kinetics 
 For an additive to be useful in CuAAC bioconjugation, it must suppress 
the oxidative damage without strongly inhibiting the reaction itself. To 
determine the impact of DMSO on CuAAC bioconjugation, we compared the 
yield of cross-linking two short synthetic oligonucleotides (24 bases) in both 
water and 10% DMSO. As illustrated in Figure 4.5a, the 24-base strand 
bearing an azide group was hybridized with a complimentary 16-base strand 
modified with an octadiynyl-deoxyuracil base. After exposure to the catalyst 
mixture, the reactions were quenched and analyzed by denaturing 
polyacrylamide gel electrophoresis (d-PAGE), which separates the cross-
linked products from the unreacted DNA. 4,51  As shown in Figure 4.5b, we 
found that DMSO did modestly reduce the rate of cross-linking, possibly due 
to weak coordination to copper; 52  however, even with 10% DMSO, the 
reaction proceeded reasonably efficiently, reaching nearly the same yield 
after 50 minutes. From a practical standpoint, it would make sense to 
compare the amount of damage measured at time points that give a 
comparable reaction yield with and without DMSO. For example, reactions 
with the same copper concentration reach a comparable yield after 25 
minutes with the DMSO/water mixture, as compared to 5 minutes in the 
aqueous solution, but they have 102-103 times more intact DNA than their 
aqueous counterparts. This corresponds to a five- to tenfold decrease in the 
frequency of DNA damage at comparable yield. Thus the damage suppression 
by DMSO more than offsets the reduction in rate of the bioconjugation 
reaction, and represents a significant improvement over the standard CuAAC 
bioconjugation protocols.  
 
Measuring DNA damage during surface-coupling reaction 
 In addition to solution phase reactions, we have also adapted this 
approach for CuAAC-based surface immobilization of DNA, 53  during which 
the extent of oxidative damage is unknown. In the previous chapter I 
described a method for sequence-specific and covalent tethering of long DNA 
to a solid surface using click chemistry. 4  This method uses short DNA 
‘anchor’ strands that are attached to a self-assembled monolayer surface to 
capture much longer DNA target strands with a complementary sequence; 
then CuAAC is used to cross-link the anchor strand and the target DNA. 
Here we used qPCR to measure the amount of oxidative damage to surface-
bound DNA during the CuAAC reaction. A major challenge to adapting qPCR 
analysis to quantify damage on surface-bound DNA is the requirement for a 
control sample with an identical initial DNA quantity in order to carry out 
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relative quantification. In practice, sample-to-sample variation in surface 
coverage is difficult to avoid. To account for variation in the total amount of 
DNA on the surface, we have normalized the DNA quantity to an internal 
standard, a shorter 200 bp product that is amplified from a segment within 
the same template strand (Figure 4.6). This dual-amplification method allows 
the shorter product to serve as a reference that, due to its much smaller 
footprint, is unlikely to be cleaved except in severely damaging conditions. 
40,54  To assess the damage sustained by surface-bound DNA, we first 
hybridized the long DNA template strands with short, single-stranded anchor 
strands that were attached to an alkanethiol self-assembled monolayer on 
gold. Next, the surface-bound DNA was exposed to the CuAAC reaction 
mixture, after which the DNA was released from the surface by rinsing with 
a denaturing alkaline buffer, collected, and analyzed by qPCR. In order to 
permit collection of the DNA by chemical denaturation, we omitted the azide 
and alkyne groups that are normally used to cross-link the DNA to the 
surface. AFM imaging was used to monitor hybridization of the DNA 
template to the surface anchor strands, as well as to confirm the release of 
over 99% of the DNA after denaturation. AFM images of the surface acquired 
after the reaction and denaturation steps are shown in Figures 4.7a and 4.7b, 
respectively. Dual amplification qPCR was then used to determine the 
fraction of intact DNA (Figure 4.7c) and corresponding damage frequency 
(Figure 4.7d) after a 5-minute reaction with varying concentrations of copper 
in 10% DMSO. Notably, the damage frequency on the surface is two to three 
times higher than that measured for the same reaction conditions in solution. 
These results show that the kinetics of oxidative damage may diverge from 
that in the solution phase, which may be due to a possible increase in the 
local concentration of copper ions near the surface carboxylate groups. 
Additionally, the weak dependence of the damage on copper concentration 
also suggests that the copper ions binding to the surface may mediate the 
damage, and that the surface coverage of copper ions depends only weakly on 
bulk concentration; however, further studies are needed to elucidate this 
surface effect. Unfortunately the damage rate of the surface DNA in the 
absence of DMSO was too high to permit accurate quantification using this 
method, which requires that the 200 bp reference be mostly intact. Despite 
this difficulty, the results confirm that the damage during the surface 
reaction is also considerably suppressed by the inclusion of DMSO.  
 
Conclusion and outlook 
 In conclusion, I have described a method that uses qPCR to measure the 
extent of oxidative damage to a 3.5 kbp DNA molecule under varying 
catalytic reaction conditions for CuAAC. Combining high-throughput and 
direct quantification of DNA damage with measurement of coupling kinetics, 
our approach will broaden the utility of CuAAC for bioconjugation in both 
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solution phase and on solid surfaces. 4,55  For example, CuAAC bioconjugation 
has been utilized in a number of sensing and diagnostic applications, 32-34,53  
and the results presented here may lead to increased specificity by reducing 
the extent of unintended modification of the probe molecules. Because the 
qPCR-based assay is also applicable to live cells and organisms, 39,40  our 
approach to optimizing CuAAC, which is informed by quantitative 
information concerning DNA damage, may help to improve the 
biocompatibility of CuAAC for in vivo applications. Our discovery that DMSO 
can suppress the rate of oxidative damage by two orders of magnitude has 
practical implications for in vitro bioconjugation with CuAAC, given that 
DMSO/water mixtures are popular solvents for in vitro bioconjugation.  In 
addition, as DMSO has previously been shown to have low toxicity50,56  and 
protect cells from radical-mediated damage, 57-59  it may prove to be a viable 
strategy for protecting live cells during CuAAC bioconjugation as well. 
 
Experimental methods 
For a description of experimental methods and a list of DNA sequences used 
in this chapter, refer to Section A4 in the Appendix. 
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Figure 4.1. Illustration of the use of qPCR to determine the fraction of DNA 
damaged during a reaction. First, the DNA template strand is exposed to the 
reaction for a predetermined amount of time before being quenched in TAE 
(Tris-Acetate-EDTA) buffer on ice. Next, the DNA is subjected to PCR 
amplification. During the extension step of PCR, oxidative lesions in either 
strand of the template obstruct the progress of the polymerase enzyme, 
preventing it from generating a full complement of that strand. Thus, as the 
cycle is repeated only intact strands contribute to the exponential 
amplification of the DNA template. By monitoring the fluorescence of an 
intercalating dye and comparing to an untreated control sample, the relative 
fraction of intact DNA present in the initial sample can be quantitatively 
determined. 
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Figure 4.2. Results from systematically varying the reaction conditions and 
measuring the percentage of intact DNA and the DNA damage frequency 
(lesions per kilobase) after a 2 min reaction time. (a) Percentage of intact 
DNA (purple) and corresponding DNA damage frequency (red) as a function 
of copper concentration ([Cu]). The ratios of ascorbate to copper (Asc:Cu) and 
THPTA ligand to copper (L:Cu) were held constant at 10:1 and 2:1, 
respectively. (b) Intact DNA percentage and damage frequency as a function 
of Asc:Cu, for constant [Cu] = 100 µM and L:Cu = 2:1. (c) Intact DNA 
percentage and damage frequency as a function of L:Cu, for constant [Cu] = 
100 µM and Asc:Cu = 10:1. The error bars represent ± one standard deviation 
(σ) calculated from at least four identical qPCR replicates. 
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Figure 4.3. Results from qPCR measurements of oxidative DNA damage 
during the CuAAC reaction using the HLTA ligand. The percentage of intact 
DNA (a) and the corresponding DNA damage frequency (b) are plotted as a 
function of copper concentration, both with (blue) and without (red) 10% 
DMSO included in the reaction. For all reactions, Asc:Cu = 10:1 and L:Cu = 
2:1, and the reaction time was 5 minutes. Error bars represent ± the standard 
deviation of at least four identical qPCR replicates. 
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Figure 4.4. Suppression of oxidative DNA damage by DMSO during 
CuAAC. (a) Time dependence of the degradation of DNA for a range of Cu 
concentrations, both with (blue) and without (red) 10% DMSO included in the 
reaction. Inset shows early time points, scaled for clarity. (b) Percentage of 
intact DNA remaining after a 5 min reaction as a function of DMSO volume 
percentage. (c) DNA damage frequency as a function of DMSO volume 
percentage, as calculated from the data in (b). For reference, the damage 
without DMSO is ∼2.5 kb−1. For all reactions, Asc:Cu = 10:1 and L:Cu = 2:1. 
Error bars represent ± one standard deviation. 

 



 83 

 

Figure 4.5. Measuring the time-dependent reaction yield for the cross-
linking of two short DNA oligonucleotides by CuAAC. (a) Schematic 
illustration of the method used to determine the yield of the DNA cross-
linking reaction. Inset shows an example denaturing PAGE image, where the 
uppermost band corresponds to the product. Lanes 1−5 are increasing time 
points for the reaction, while lane 6 is a control sample that did not contain 
any Cu catalyst. (b) Time- dependent normalized reaction yield of the DNA-
templated CuAAC cross-linking reaction for a range of Cu concentrations, 
shown both without (red) and with (blue) 10% DMSO. Trend lines are added 
for clarity. 
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Figure 4.6. Schematic illustration of the dual-amplification qPCR method. 
Using the same template sample, the method separately amplifies both a full-
length product (3.5 kbp, green), and a short region (200 bp, orange) that is 
unlikely to be damaged. As in Figure 4.1, the amount of damage is 
determined from the relative amount of the long product that is generated, as 
compared to an untreated control. In this case, normalizing to the quantity of 
the short product accounts for differences in total amount of starting DNA 
from one sample to the next.40,54  
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Figure 4.7. Measuring the oxidative damage to DNA during the CuAAC 
surface-coupling reaction. (a) Atomic force microscopy (AFM) image of the 3.5 
kbp DNA template after hybridization with short anchor DNA strands on a 
self-assembled monolayer surface and exposure to the catalyst. (b) AFM 
image of the same surface after denaturation and collection of the DNA for 
qPCR analysis. Scale bar is 200 nm. (c) Measured percentage of DNA 
remaining intact after the surface reaction as a function of copper 
concentration. (d) DNA damage frequency as a function of [Cu], as calculated 
from the data in (c). Reaction times were 5 min, and all reactions included 
10% DMSO, along with Asc:Cu = 10:1 and L:Cu = 2:1. Error bars represent ± 
one standard deviation. 
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Observing the self-assembly kinetics 

of a DNA origami tile with AFM 
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Abstract: In this chapter I present a strategy for using AFM to directly 
observe the folding trajectory of individual DNA origami tiles that are 
tethered to a switchable surface. The DNA tile precursor strand is first 
tethered to the surface using the chemistry described in the previous 
chapters, and folding is carried out under conditions that minimize the 
DNA/surface interaction. By switching to an imaging buffer that immobilizes 
the DNA, the partially folded intermediate structures can be recorded with 
AFM. Continuing this process enables repeated imaging of the same tiles 
throughout the folding process, providing for the first time direct 
measurements of the folding kinetics of individual DNA nanostructures. This 
will help to determine how the folding pathway affects both the kinetics and 
the final outcome of self-assembly, which will be crucial in developing an 
accurate kinetic model of the folding. Furthermore it may help to identify 
design rules to improve the yield of larger, more complex DNA 
nanostructures. 
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Background: Self-assembling DNA nanostructures 
 Since it’s conception over three decades ago by Ned Seeman, 1  the field of 
structural DNA nanotechnology has gradually matured into a versatile 
synthetic approach for organizing nanomaterials with DNA. 2-4  The 
underlying concept takes advantage of the specificity and predictability of the 
base-pairing interaction, utilizing DNA as a programmable building block for 
self-assembling two- and three-dimensional nanostructures. A particularly 
effective strategy that has emerged more recently is the DNA origami 
method, in which a long, single-stranded DNA ‘scaffold’ is folded into a 
predetermined shape by a set of short, complementary ‘staple’ 
oligonucleotides. 5 Owing to their unique sequences, the staple strands also 
serve as specifically addressable handles that allow for the precise 
attachment of functional molecular components such as fluorophores, 
aptamers, proteins, and nanoparticles. Over the past decade there have been 
numerous demonstrations of the utility of DNA origami in fields ranging from 
nanoscience 6-9  to plasmonics 10-13  to medicine, 14-18  among many others. 19 

The real advantage of this technique over other nanofabrication methods lies 
in a combination of factors: the relative ease with which arbitrary structures 
can be designed in a straightforward and robust manner using computer 
software, the commercial availability of inexpensive synthetic DNA, and a 
simple and relatively reliable self-assembly procedure that requires only 
mixing and brief thermal annealing.  
 Recently, more demanding applications of the DNA origami method have 
called for the assembly of increasingly complex nanostructures. However, 
attempts to construct larger, more complex DNA origami structures have met 
with a number of challenges, 3,20  including slow assembly kinetics, a high 
error rate and low overall yield. Overcoming these challenges will depend in 
part on improving our understanding of the self-assembly process itself, in 
order to guide the design process 21-23  and optimize the annealing protocols 
21,24  to minimize defects and increase the yield of well-formed structures. 
Drawing an analogy to protein folding, the self-assembly of DNA origami can 
be described as the folding of the scaffold strand into a well-defined three-
dimensional structure, which represents the global minimum on a potential 
energy surface. 21  The difference with DNA origami is that the folding is 
driven by intermolecular base-pairing with the staple strands, rather than by 
intramolecular contacts (as in protein folding). There are a number of open 
questions regarding this process, including the extent of cooperativity during 
folding, 25-29  the effect of scaffold topology and staple pattern, 5,21,22,26,27,29  and 
the relationship between the folding pathway and the formation of defects. 
22,28,29  Thus a recent research effort has been aimed at studying how DNA 
origami structures fold in order to develop accurate thermodynamic and 
kinetic models of the process. 21-29   
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 AFM is an ideally suited tool for studying the self-assembly of DNA 
origami, due to its ability to image biomolecules with high spatial resolution. 
Indeed, from the beginning 5 it has been the default technique for 
characterizing DNA origami structures, as evidenced by the inclusion of AFM 
images in nearly every publication on the topic. However, in most cases AFM 
is simply used to characterize the final products. The ability of AFM to probe 
the folding of DNA origami has been hindered by the same paradox that 
limits AFM studies of other dynamic biomolecular processes: 30  the molecules 
must be immobilized on a surface for imaging, yet folding requires adequate 
conformational freedom. For DNA origami this problem may be even more 
pronounced, since the folding process likely involves extensive conformational 
rearrangement of the scaffold strand, which is likely to be constrained by the 
adsorption. To date there are only a few examples in the literature of using 
AFM to study the folding of DNA origami. Arbona and co-workers used AFM 
to image partially folded tiles that had been quenched and deposited on mica, 
and compared the results to a thermodynamic model that they developed. 26  
Extending this approach, Wah and co-workers imaged hundreds of tiles that 
were assembled at different temperatures, identifying distinct structural 
intermediates that gave information about the folding pathway. 23  It should 
be noted that because the deposition of DNA on mica surfaces require at least 
minutes, the approach can only resolve structures that are equilibrated at 
particular temperatures (i.e., thermodynamically controlled products). In an 
alternative strategy, Song et al. achieved direct AFM imaging of the partial 
unfolding and refolding of DNA origami tiles that were adsorbed on a 
temperature-controlled mica substrate. 25  Although this represented a major 
improvement, the tiles were trapped on the surface during heating and thus 
could not fully unfold. Due to the significant alteration of the folding pathway 
by surface interactions, results from such a system cannot inform the 
intrinsic folding pathways of DNA origami structures in solution. More 
recently, Dunn et al. reported a unique DNA tile that could fold into a 
number of energetically equivalent structures, and used AFM to characterize 
the product distribution and confirm the existence of preferred folding 
pathways. 22  Although these studies have provided valuable information 
about the self-assembly process, none have been capable of directly 
monitoring the folding kinetics of individual DNA tiles without restricting 
them to lie flat on a substrate during the process.  
 
Using AFM imaging to observe the folding of a DNA tile 
 Here I describe a novel strategy for directly imaging the folding of 
individual surface-tethered DNA origami tiles. This method builds on the 
biofunctional surface chemistry that was described in the previous chapters 
and adapts it to study a complex, dynamic system that has proven difficult to 
access with AFM. The experimental approach is outlined in Figure 5.1. First, 
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the scaffold strand is covalently cross-linked to short DNA ‘anchor’ strands 
tethered to a self-assembled monolayer on gold. Tethering the scaffold to the 
surface at one end prevents it from diffusing away, permitting repeated 
observation of the same molecules with AFM, while still retaining sufficient 
conformational freedom to allow folding to proceed in a solution-like 
environment (Figure 5.1a). Next, folding of the tile is initiated by the addition 
of an STAE folding buffer containing the complementary DNA staple strands, 
along with a high concentration of sodium chloride (Figure 5.1b). The high 
ionic strength of the folding buffer serves both to minimize interactions 
between DNA and the charged surface, 31  and to stabilize the highly charged 
DNA tile structure as it assembles. 32  By carrying out the folding reaction in 
a temperature-controlled liquid cell, the sample can be maintained at a 
constant elevated temperature. 21  Then, at specific time points, the reaction 
can be paused by rapidly exchanging the folding buffer for an imaging buffer 
that contains Ni2+ cations, which immobilize the partially folded tiles on the 
surface (Figure 5.1c). In this paused state the intermediate tile structures can 
be characterized by AFM imaging. Next, the imaging buffer is removed and 
the folding buffer is replaced, allowing the self-assembly to resume (Figure 
5.1d). By repeating these last two steps, the same tiles can be monitored by 
AFM imaging throughout the self-assembly process, without restricting them 
to lie flat on the surface during folding. It is important to note that because 
the tiles are tethered to a surface, the folding reaction can be interrupted via 
rapid exchange of the solution, which provides can trap kinetic intermediates 
that have been inaccessible with previous methods. 
 
Conformational mobility of the tethered DNA scaffold 
 Tethering the scaffold strand to the switchable surface provides a 
compromise between the typical folding process in bulk solution, which is 
impossible to follow with AFM, and folding of the scaffold strand while it is 
confined to the surface plane, which limits conformational freedom and alters 
the folding pathway. 25  Surface-tethering allows the DNA origami tiles to fold 
in a solution-like environment, with minimal perturbation from the surface, 
while still localizing them to specific points on the surface so that individual 
tiles can be repeatedly imaged. An important hypothesis underlying this 
approach is that the DNA-surface interaction is weak enough under the 
STAE buffer that the molecules are sufficiently free for folding to proceed 
unimpeded by the surface. To test the this hypothesis, we tethered the 
scaffold strand to the surface and used AFM to observe conformational 
changes when the surface interaction was switched between attractive and 
repulsive states. First the DNA scaffold was covalently attached using the 
DNA-templated CuAAC cross-linking reaction, as described in Chapter 3. 33  
Then, the tethered DNA strands were monitored via imaging throughout 
repeated cycling between the STAE buffer and the the Ni2+ imaging buffer. 
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As illustrated in Figure 5.2a-b, the DNA is pinned down during imaging 
under the Ni2+ buffer, but is expected to relax and lift away from the surface 
under the STAE buffer, allowing it to change conformations. Figure 5.2c-f 
shows a representative image series of the same 3.6 kbp molecule throughout 
four consecutive buffer cycles. The pattern of atomic steps in the gold 
substrate provides a useful landmark for identifying the same tethered 
molecules. As seen in the images, the free end of the molecule undergoes 
large fluctuations in position between frames, while the tethered end remains 
localized to a small (~100 nm) region on the surface. Interestingly, there is 
some lateral displacement of the tethered end, which we attribute to surface-
diffusion of the alkanethiol tether within the monolayer. 34  In all such image 
sets the observed molecules exhibited similar conformational changes, always 
with one end remaining relatively fixed. The fact that the molecules are seen 
to cross themselves at different points in consecutive images suggests that 
the chain is undergoing diffusion in three dimensions, rather than just two. 
Taken together, these observations serve as evidence that the molecules are 
end-tethered while still retaining conformational freedom under the STAE 
buffer, consistent with previous results on this surface. 31  
 
Folding of a surface-tethered DNA tile 
 Next we tested whether the folding of the surface-tethered DNA scaffold 
into a tile structure could be observed with AFM. For this experiment we 
used a a flat, rectangular ~40 × 75 nm2 DNA origami tile that folds from a 3.6 
kbp segment of the M13mp18 plasmid, which was generated by PCR. Since 
folding the tile requires the scaffold to be single-stranded, we used a 
combination of elevated temperature and alkaline conditions to denature the 
double-stranded DNA after cross-linking to the surface. 35  Because only one 
half of the duplex is covalently linked to the surface, the complementary 
strand diffuses away once it is denatured, leaving a single-stranded scaffold 
attached to the surface. 33 Next, to initiate folding, we heated the sample to 
50°C under the STAE folding buffer and added the set of complementary 
DNA staples (Figure 5.3a). Although DNA origami tiles are typically 
assembled in the presence of Mg2+ ions, in our system the divalent cations 
can promote unwanted interaction between DNA and the surface, and so 
instead we used a high concentration of monovalent Na+ ions to stabilize the 
highly charged DNA structures. 32  Using agarose gel electrophoresis 21  we 
had previously determined that the tiles can assemble in solution under 2.0 
M NaCl at a constant temperature of 50°C (data not shown). We adopted 
these conditions for the surface folding reaction, using a concentration of 10 
nM for each of the 192 DNA staple strands. After a folding time of 30 min, 
the staples were removed and the sample was briefly rinsed with STAE and 
placed under the imaging buffer to immobilize the tiles (Figure 5.3b).  
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 Shown in Figure 5.3c are representative AFM images of some of the DNA 
tiles that were formed during the surface-tethered folding reaction. We 
observed a variety of partially-folded tile structures, with only a few tiles that 
appeared to be nearly complete. Given the complex nature of the folding 
process, a distribution of structural intermediates is expected. 23,26  One 
common feature was that in many structures, some regions of the tile 
appeared to be completely folded while other regions were unfolded. This 
suggests a hierarchical folding process in which different regions of the tile 
can fold independently before coming together. 23,26  In order to quantify the 
folding progress it will be useful to devise one or more order parameters, 
based for example on the number of contacts made between different regions 
of the scaffold. A similar approach is sometimes used to quantify the folding 
of proteins in simulations. 36  After collecting more data with this method, we 
plan to use image analysis to extract order parameters directly from AFM 
images of the intermediate structures. By analyzing image sets collected at 
different time points we can determine how the structures evolve over time, 
providing direct access to the folding kinetics. Furthermore, by comparing 
sequential images of the same tiles throughout the folding reaction (in 
analogy with Figure 2), we can track how individual structures evolve 
throughout the folding process. This will provide samples of the folding 
trajectories of a large number of individual tiles, which will be valuable in 
understanding how the energy landscape determines the final outcome of 
self-assembly. 22,23  
 One issue that must be addressed is the failure of most of the DNA 
strands to fold into completely formed tiles. Even when the reaction time was 
extended, complete tiles were only rarely observed on the surface. It’s 
possible that the kinetics of folding on the surface are significantly slower 
than in solution, which may be attributed to a number of possible factors. 
First, the folded state may be destabilized near the surface, owing to 
electrostatic repulsion by the negatively charged surface groups. This effect 
should be minimized in our system, however, given that electrostatic 
interactions will be screened out over short distances under the high ionic 
strength of the folding buffer. A previous study found that surface-tethered 
folding of a simpler DNA structure was destabilized only at salt 
concentrations less than ~150 mM. 37  Second, a major difference from folding 
in solution is that the position of one end of the surface-tethered DNA 
scaffold strand is held fixed at an impenetrable surface. This boundary 
condition will reduce the total number of conformations that are accessible, 
effectively limiting the conformational space that it can explore. Although 
this excluded volume may affect the folding process itself, it is also likely to 
energetically stabilize the folded state, since the tethered scaffold strand will 
initially be reduced in entropy relative to the same strand in solution. 37  
Moreover, single-molecule force-spectroscopy or fluorescence studies of 
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ribozyme folding also rely on surface-tethering of RNA at one or both ends, 
and such tethering was not found to significantly alter the folding pathway, 
so long as non-specific interactions are minimized. 38,39  Finally, although we 
observed that the scaffold strand is mobile under STAE, it’s possible that 
there may be some weak interactions with the surface that could transiently 
trap the partially folded tile and impede further folding, owing to its greater 
surface area compared with the scaffold strand. 40  
 
Surface-capture of a fully folded DNA tile 
 To test whether the tiles become irreversibly adsorbed when tethered to 
the surface, we studied the behavior of DNA tiles that were first assembled in 
solution, then captured by DNA anchor strands on the surface. As illustrated 
in Figure 5.4a, we used a slightly larger (~70 × 90 nm2) flat, rectangular DNA 
origami tile with a short linker strand incorporated into one of the edge 
staples to allow hybridization with the surface anchor strand. As mentioned 
in the original publication, 5  there is a region of the 7250 nt M13 scaffold 
strand that forms a particularly stable secondary structure, resembling a 
large hairpin. To avoid this interfering with the tile assembly, our design 
excludes from the tile a ~400 nt segment containing the hairpin, which also 
serves as a visible marker for determining the tile orientation in AFM 
images. After assembly and purification, the tiles were exposed to the DNA 
anchor surface in an STAE buffer in order to hybridize with the surface 
anchors. Although the tiles required a high ionic strength during the 
assembly step (2.0 M NaCl), they appeared to be stable under the reduced 
salt concentration (0.8 M NaCl) used during the hybridization step. After 
hybridization the surface was rinsed with STAE to remove any unbound tiles 
before adding the Ni2+ imaging buffer (Figure 5.4b). In AFM images the 
captured tiles appeared as ~70 × 90 nm2 rectangles, with the hairpin 
represented by a ~20 nm lobe protruding from one edge of the tile (Figure 
5.4c). In high-resolution images, the linker strand was sometimes visible as a 
short arm protruding from the edge opposite the hairpin, consistent with the 
design. Nearly all of the tiles appeared to be intact, indicating that they were 
not significantly deformed when they were captured by the surface anchors. 
 To verify conformational freedom of the surface-tethered DNA tiles, we 
used AFM to monitor changes in orientation when the surface interaction 
was switched off and back on. Figure 5.5 shows representative images of the 
same tiles before (a) and after (b) rinsing the surface with an STAE buffer, 
which should release the tiles from the surface and allow them to rotate 
freely around the anchor strand. Due to the presence of the linker strand, 
nearly all of the tiles remained localized to same region of the surface during 
the STAE rinse step, with the exception of a small fraction that apparently 
dissociated from the anchor. Using the hairpin lobe as a marker, we were 
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able to identify which edge of the tile was tethered to the surface. As is 
evident from the images, the majority of the tiles were observed to rotate 
around a fixed point on the surface corresponding to the tether position. To 
quantify this change in orientation, we used image analysis to measure both 
the angular displacement Δθ  and the lateral displacement d  of the tile center 
for each tile during the rinse step (Figure 5.5c). Based on geometric 
considerations, the lateral displacement of the center of a tethered rectangle 
is expected to have a sinusoidal dependance on the angular displacement: 

𝑑 = ℎ ∙ 𝑠𝑖𝑛
𝚫θ
2  

where h is the height of the tile. Figure 5.5d shows a plot of the measured d  
versus Δθ  for nearly 200 individual tiles that were imaged in a 64 µm2 area. 
The data shows relatively good agreement with the expected sin(Δθ /2) 
dependence, especially considering that the surface-diffusion of the anchor 
strand within the monolayer (as observed in Figure 5.2) has not been taken 
into account. It is worth noting that a significant fraction of the tiles 
exhibited little or no displacement during the rinse step. It’s possible that 
some of the tiles were nonspecifically adsorbed on the surface rather than 
being specifically captured by the anchor strand through base-pairing. To 
rule this out, we performed a control experiment where we exposed the DNA 
tiles to an identical surface that did not contain any DNA anchors (data not 
shown). After rinsing and switching to the imaging buffer, very few tiles were 
observed on the surface, suggesting that nonspecific adsorption is minimal 
with this surface. A more plausible explanation is that the desorption of the 
tiles from the surface during the rinse step is slow, owing to their relatively 
large surface area, which may inhibit the release of trapped Ni2+ cations from 
the surface. In a preliminary test experiment, we increased the STAE rinse 
time and found a corresponding increase in the fraction of tiles that changed 
orientation. This supports the idea that the failure of some tiles to reorient 
may actually be due to slow desorption kinetics and a weak interaction with 
the surface, although further measurements are needed to confirm this 
hypothesis. The fact that the majority of the tiles could rotate under STAE 
suggests that they retain some conformational freedom even when tethered 
at one edge to the surface. Based on these results, it cannot be ruled out that 
the surface-tethered scaffold DNA may be failing to fold into complete tiles 
due to nonspecific interactions with the surface under high ionic strength 
(Figure 5.3). It’s possible that there are significant van der Waals attractive 
interactions between the carboxyl terminated monolayer and the DNA in the 
presence of monovalent cations, as has been observed for mica. 41,42 Future 
work will explore alternative self-assembled monolayer chemistry, including 
zwitterionic surface groups that show improved resistance to nonspecific 
adsorption of biomolecules. 43-45  
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Conclusion and remaining challenges 
 In conclusion, we have presented a strategy for directly observing the 
folding of a model DNA origami tile with high-resolution AFM. By tethering 
the DNA scaffold strand to a surface with a switchable interaction, this 
method can localize specific molecules for extended observation, while still 
retaining sufficient conformational freedom to permit folding in an 
environment resembling bulk solution. The ability to rapidly exchange the 
buffer in order to pause the reaction and immobilize the partially folded 
structures offers the possibility of directly observing the folding kinetics of 
DNA origami structures for the first time with AFM. Preliminary results 
suggest that folding proceeds in a hierarchical manner, with separate sub-
structures folding independently, although more data is needed in order to 
draw any quantitative conclusions. The failure of most of the tethered DNA 
to form complete tiles suggests that the folding kinetics on the surface may be 
inhibited, possibly due to nonspecific interactions with the surface under high 
ionic strength. We are currently exploring alternative self-assembled 
monolayer surface chemistry that replaces the anionic carboxylate terminal 
groups with zwitterionic groups that can further reduce the surface 
interaction during folding. 43-45  A major challenge going forward with this 
project will be to extract from AFM images quantitative information about 
the folding trajectory of the tiles. Since individual molecules can be imaged at 
different points during assembly, it should be possible to identify nucleation 
points in the assembly as well as distinct folding pathways, and furthermore 
to recognize unproductive pathways that lead to kinetically trapped, defective 
structures. 23  This will also provide a method to directly test how changes in 
the design of the structure influence the folding process, 22  which will be 
crucial when designing more complex, dynamic structures. 
 
Experimental methods 
For a description of experimental methods and a list of DNA sequences used 
in this chapter, refer to Section A5 in the Appendix. 
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Figure 5.1. Experimental scheme for observing the surface-tethered folding 
of a DNA origami tile. (a) The DNA scaffold strand (purple) is hybridized and 
covalently cross-linked to a short anchor strand (blue) on the surface, 
followed by chemical denaturation to convert it to the single-stranded form. 
(b) The folding reaction is initiated by the addition of a set of short, 
complementary staple strands in an STAE folding buffer while the sample is 
held at 50°C. (c) To pause the folding reaction, the DNA staples are rapidly 
exchanged for an imaging buffer containing Ni2+ ions, which immobilize the 
partially folded DNA tiles on the surface for AFM imaging. (d) Switching 
back to the STAE folding buffer releases the tiles from the surface and allows 
the folding to continue. Alternating between steps (c) and (d) allows the 
same tiles to be repeatedly imaged throughout the folding process.  
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Figure 5.2. Observing conformational changes of the surface-tethered DNA 
scaffold strand with AFM. (a) Under the STAE buffer, the tethered DNA is 
free to change conformation. (b) Switching to the Ni2+ imaging buffer 
temporarily immobilizes the DNA on the substrate. (c-f) Representative 
images of the same molecule after repeatedly switching between the STAE 
buffer and the imaging buffer. The tethered end of the scaffold, indicated by 
the dashed circle in (c), remains localized to a small (~100 nm) region of the 
surface. Scale bar is 200 nm. 
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Figure 5.3. Surface-tethered folding of a DNA origami tile. (a) Self-
assembly of the tile proceeds under the STAE buffer, which minimizes the 
DNA/surface interaction and permits folding in a solution-like environment. 
(b) The self-assembly can be paused by switching to the Ni2+ imaging buffer, 
which immobilizes the partially folded tiles on the surface for AFM imaging. 
(c) Representative AFM images of the partially folded intermediate 
structures for a ~40 × 75 nm2 DNA tile. Scale bar is 50 nm. 
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Figure 5.4. Capture of DNA origami tile by DNA anchor strands on the 
surface. (a) Schematic illustration of the tile design, including a ~400 nt 
unfolded region (top) and a short, single-stranded linker (bottom). (b) The 
linker allows the tiles to be captured by DNA anchor strands on the surface, 
where they can be immobilized and imaged by AFM. (c) High resolution AFM 
image of a captured DNA tile. The hairpin-containing region is visible as a    
~ 20 nm lobe protruding from one edge, and the linker appears as a short arm 
on the opposite edge. Scale bar is 20 nm. 
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Figure 5.5. Conformational switching of captured DNA tiles on the surface. 
(a) Representative AFM images of several DNA tiles after hybridization with 
the surface anchors. The tether points are indicated by dashed circles. (b) 
Images of the same areas after rinsing the sample with the STAE buffer, 
which releases the tiles from the surface and allows them to freely rotate 
around the tether. (c) Cartoon depicting an example of a tile position before 
(gray) and after (black) rinsing with STAE. The lateral displacement d  and 
angular displacement Δθ  of the center of each tile were extracted by analysis 
of the images. (d) Plot of measured d  as a function of Δθ  for nearly 200 tiles 
(red markers). The purple curve shows a plot of the expected distribution, 
given by d = h �sin(Δθ /2), where h = 70 nm is the tile height. Scale bar is 200 
nm.  
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Summary and conclusion 
  The ability to perform measurements on single biomolecules has given 
researchers a powerful method of insight into the machinery of living cells. 
Single-molecule experiments can identify and probe heterogeneous sub-
populations and rare molecular states or events that are averaged out in more 
conventional ensemble techniques. Of the available techniques, AFM provides 
a unique ability to both image and manipulate single molecules with 
nanometer resolution under physiological conditions. Previously a major 
limitation of AFM imaging of biomolecules, and DNA in particular, was that 
the immobilization required for imaging would interfere with observation of 
biomolecular processes that require conformational mobility. 1  The surface 
chemistry that I have presented in this dissertation offers a means to 
overcome this limitation by satisfying the conflicting requirements of 
immobilization and conformational freedom: by tethering the DNA molecules 
to a switchable monolayer surface, the DNA/surface interaction can be 
alternated between a ‘free’ state under neutral buffer and a ‘frozen’ state in 
the presence of divalent cations. Reactions can be carried out in the free state 
to minimize the perturbation caused by the surface, while imaging of the same 
molecules can be performed in the frozen state.  
  Using this strategy I have carried out AFM studies of single DNA 
molecules that were impossible with previously existing surface chemistry. In 
the first case, I used high-resolution in situ AFM to image individual DNA 
probes on a biosensor surface, both before and after hybridization with their 
complementary target sequences. Measuring hybridization on the surface at 
different time points and target concentrations allowed us to extract 
information about the hybridization kinetics. Furthermore, statistical image 
analysis revealed a significant crowding effect, in which the molecules with a 
higher local probe density displayed slower binding kinetics. Follow-up work 
in this direction will seek to develop a kinetic model that can explain the 
mechanism behind the observed crowding effect. The model will likely need to 
account for the possibility of transient adsorption and surface-diffusion of the 
targets, which would lead to an alternate hybridization pathway that may be 
suppressed for very crowded probes. 2  Ultimately this work provides a more 
detailed understanding of DNA hybridization at the solid-liquid interface, 
which is valuable for designing more sensitive and reliable DNA sensor and 
microarray surfaces. 
  In the second example, I demonstrated that this strategy can also be used 
to observe the self-assembly or ‘folding’ kinetics of an artificial DNA origami 
tile. To enable AFM imaging of the same tiles throughout the folding process, I 
used DNA-templated click chemistry to covalently tether the long DNA 
scaffold strand to the switchable surface. Folding proceeds in the free state in 
the presence of the complementary DNA staple oligonucleotides. At any time 
the folding reaction can be paused by removing the staple strands and 
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switching to the frozen state, allowing the partially folded DNA tiles to be 
imaged with AFM. Repeating this process provides snapshots of the same tile 
structures at different points in the folding process, which will be crucial in 
developing a model of the folding pathway. Previous methods could only 
provide information about equilibrium structures under different conditions; 3-

5  in contrast, the technique I developed can rapidly immobilize surface-
tethered structures, and thus is potentially capable of directly measuring the 
folding kinetics, which is important in understanding how misfolding occurs. 
This detailed information will help understand how to rationally design the 
folding pathway in order to minimize the formation of defects and improve the 
yield of self-assembly, which is a critical step towards increasing the 
complexity of functional DNA nanostructures. 6  Future work in this direction 
should focus on optimizing the surface chemistry to reduce any nonspecific 
interactions with the DNA tile structures during folding.  
 
Directions for future research 
  Beyond the two examples described here, this strategy has potential 
applications for observing other dynamic biomolecular processes with high-
resolution AFM imaging. For example, AFM imaging has been used to study 
the interaction between nucleic acids and several different classes of enzymes, 
including RNA polymerase, 7,8  helicase, 9  and various restriction 
endonucleases. 10-12  While AFM imaging is ideal for measuring static 
properties, such as the location or distribution of binding sites or changes in 
DNA conformation upon binding, it has been limited in its ability to observe 
dynamic processes that require full conformational freedom of the molecules. 
The magnitude of the perturbation caused by surface interactions can be 
significant, 11  and often is not directly measured.  
  The surface chemistry presented in this dissertation could be used to 
address this challenge. In the free state the tethered DNA retains its 
conformational freedom and can still interact with enzymes that are present 
in solution. By switching to the frozen state the DNA/enzyme complexes can 
be rapidly immobilized and imaged, essentially taking a snapshot of the 
enzymatic process. As an example, I have used this approach to image the 
stalled transcription complex formed by the binding of T7 RNA polymerase to 
the promoter site of a DNA template. Shown in Figure 6.1 are preliminary 
results from this study. In this case the DNA template was tethered to the 
switchable surface using the DNA-templated click chemistry described in 
Chapter 3 (Figure 6.1a). Then the RNAP enzyme was introduced, along with 3 
out of the 4 rNTP’s required for transcription. This allows the enzyme to 
search for and bind to the promoter site, and to initiate transcription of the 
RNA product (Figure 6.1b). Transcription then proceeds until the enzyme 
encounters a base that is complementary to the missing rNTP, at which point 
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transcription stalls out. At this point the stalled, surface-tethered RNAP/DNA 
complex was immobilized by exchanging the transcription buffer for an 
imaging buffer (Figure 6.1c). Representative AFM images show the enzyme 
molecules bound approximately 30 nm from one end of the DNA template, 
consistent with the expected stall site 100 bp away from the 5’-terminus of the 
template strand and 13 bases downstream from the +1 position of the 
promoter site (Figure 6.1d). This demonstrates that the RNAP enzyme can 
indeed bind to the tethered DNA template in the free state, that it can 
recognize the promoter site, and that transcription can proceed under these 
conditions. Although these initial results are promising, there are still some 
RNAP molecules adsorbed on the background, indicating that nonspecific 
interactions between the enzyme and the surface are present under the 
transcription buffer. In order to study the native transcription process it will 
be necessary to eliminate such interactions, as they may compete with specific 
RNAP/DNA binding or hinder movement of the enzyme along the DNA. 
Looking forward, this approach could be used to study the search process 
itself, since it is capable of precisely mapping enzyme position along the DNA 
template, and could identify transient structures such as loops in the template 
formed during intersegment transfer. A major advantage is that unlike other 
single-molecule methods that are used to study transcription and promoter 
search, such as optical trapping 13  or the ‘DNA curtain’ assay, 14  this approach 
does not require stretching or application of a pulling force to the DNA, which 
will limit the conformational freedom and may perturb the process. 
Additionally, this may be useful for observing cotranscriptional events such as 
the formation of RNA secondary structure, which can play important roles in 
gene regulation. 15  More generally I anticipate that this strategy could be used 
to study a wide range of dynamic biomolecular processes that are typically 
difficult to access with AFM, including transcription, replication, and DNA 
packaging and repair. 
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Figure 6.1. Imaging RNA transcription with AFM. (a) The DNA template is 
tethered to the switchable surface using DNA-templated click chemistry. 
Then the RNAP enzyme is introduced under neutral buffer, so that the DNA 
is in the free state and the enzyme can search for and bind to the promoter 
region. (b) Transcription of RNA can proceed with the addition of free rNTP’s 
to the buffer. (c) At any point the reaction can be paused by quickly 
exchanging the transcription buffer for the imaging buffer, which immobilizes 
the DNA, RNAP, and any nascent RNA transcript onto the surface for AFM 
imaging. (d) Representative AFM images of stalled, surface-tethered 
DNA/RNAP transcription complexes. In this topography color scheme, the 
RNAP enzymes appear as yellow globular features corresponding to a height 
of ~3-4 nm. The enzymes were typically observed to be bound approximately 
30 nm from one end of the DNA template, consistent with the expected stall 
site 100 bp away from the 5’-terminus of the template strand and 13 bases 
downstream from the +1 position of the promoter site. Scale bar is 50 nm. 
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Appendix Section A1—General methods 
Preparation of single-crystal gold bead substrates: Single-crystal 
gold bead substrates were prepared in house following an established 
protocol.1 Briefly, a ~3 cm length of high-purity 1.0 mm Au wire was cut 
(99.99% purity, Scientific Instrument Services, NJ, USA). The end of the wire 
was bent into a rough sphere, which was then carefully melted using a H2 
flame and allowed to slowly recrystallize into a spherical bead with a 
diameter of ~5 mm (see Figure A1). In order to obtain a flat (111) crystal 
facet on the side of the bead it was necessary to remove any remaining 
impurities. This was achieved by briefly submerging the bead in hot (~50°C) 
aqua regia (3:1 HCl:HNO3), rinsing with water and ethanol (to dissolve the 
outer layer of gold oxide), remelting, and slowly recrystallizing. During the 
melting step, the solid/liquid phase boundary was brought nearly up to the 
neck of the bead and held there for several seconds before being slowly 
lowered back down to the bottom of the bead. Impurities in the gold were 
usually visible as bright specks floating up to the top during this stage, and 
could then be removed by submerging again in hot aqua regia. After 
repeating the cycle of melt, anneal, and aqua regia for several rounds, a 
number of small, flat crystal facets were typically visible on the sides of the 
bead when viewed under a microscope (Figure A1, d-f). Finally, the opposite 
end of the wire was mounted on a small piece of Pt/Ir foil for handling. 

Preparation of self-assembled monolayer surfaces: The Au bead 
substrate was cleaned by thorough rinsing with organic solvents and then 
ultrapure water, followed by immersion in hot nitric acid for ~20 min. Then it 
was then rinsed with pure water, blown dry, and briefly annealed under a 
hydrogen flame (without melting). After cooling under a stream of N2 gas, it 
was then placed into a ~0.5-1.0 mM solution of either MUDA (11-
mercaptoundecanoic acid) or MHDA (16-mercaptohexadecanoic acid) in 9:1 
ethanol:acetic acid. The container was then backfilled with N2 gas, sealed 
with parafilm, and kept in the dark at room temperature to minimize thiol 
oxidation during monolayer assembly. Typical assembly times were 16-20 hr 
(overnight), although shorter times (~20-120 min) were sometimes used to 
intentionally increase the density of defects in the monolayer. After 
assembly, the sample was removed from the growth solution, rinsed with a 
9:1 ethanol:acetic acid solution, briefly sonicated (10 s) in the same solution, 
rinsed with pure ethanol, and gently blow-dried with filtered air. Samples 
were placed into a custom-built PTFE (polytetrafluoroethylene) fluid cell for 
AFM imaging.  

AFM imaging: All imaging was carried out using an NTEGRA Vita Atomic 
Force Microscope, manufactured by NT-MDT (Moscow, Russia). Images were 
acquired while operating in semi-contact (tapping) mode under an aqueous 
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nickel(II) imaging buffer (5mM NiAc2, 0.1X TAE), using silicon tips mounted 
on silicon nitride cantilevers with a nominal spring constant of ~0.3 N/m and 
a resonant frequency of approximately 16 kHz in liquid (model SNL-10, 
manufactured by Bruker, CA, USA).  

A note on cleanliness: In order to resolve individual molecules with AFM, 
special care was necessary to prevent contamination at every stage of each 
experiment. All glassware, teflon fluid cells, and ceramic-tipped tweezers 
were rinsed with organic solvents and water, then cleaned in piranha 
solution and rinsed again thoroughly with water prior to use. (Piranha is a 
3:1 mixture of H2SO4:H2O2 . CAUTION— piranha is highly corrosive and 
reacts violently with organics). 
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Appendix Section A2—Chapter 2 methods 
DNA probe preparation 

 Synthetic DNA oligonucleotides were custom-ordered from Integrated 
DNA Technologies (IA, USA). The thiolated oligonucleotides were shipped in 
their oxidized (disulfide) form. Prior to use they were reduced to form free 
thiol-DNA by incubation overnight in 100 mM DTT (dithiothreitol) reducing 
agent, followed by purification with an Illustra NAP-5 column (GE 
Healthcare Life Sciences, Pennsylvania, USA). The reduced and purified 
alkanethiol-DNA was stable for weeks if stored in TAE buffer (1X = 40mM 
Tris(hydroxymethyl)aminomethaneacetate, 1 mM 
Ethylenediaminetetraacetic acid, pH 8.3) in the dark at −20°C under N2 gas.  

Generating double-stranded DNA targets by PCR 

 To form a template for PCR, double-stranded circular M13mp18 RF I 
DNA (New England Biolabs Inc, MA, USA) was linearized using EcoRI 
restriction enzyme (New England Biolabs Inc.), and purified using a 
QIAquick PCR Purification Kit (Qiagen, Hilden, Germany).  To produce 
double-stranded targets, 50 pg of linearized M13 was combined with OneTaq 
PCR MasterMix with Standard Buffer (1X, New England Biolabs Inc.), and 
200 nM each of the appropriate forward and reverse primers (see Table A2), 
in a 250 µL PCR tube on ice. Ultrapure water produced by a Barnstead 
Nanopure Diamond water purification system (Thermo Scientific, NC, USA) 
was used to bring the solution up to a volume of 50 µL.  Solutions were 
incubated through the following program in a benchtop thermal cycler: an 
initial melting step of 94°C for 2 minutes, followed by 35 cycles of melting at 
94°C for 30 s, annealing at 48-55°C for 45 s, and extension at 68°C for 30-240 
s, followed by a final cycle with an extension of 2-5 minutes (times and 
temperatures were individually optimized for each pair of primers used).  
Primers and enzymes were removed using the same QIAquick PCR 
Purification Kit.  Purified DNA targets were kept in TAE buffer at 4°C for 
short-term, and −20°C for long-term storage. Note that use of primers 
containing a 3’-tail region connected by a propyl linker results in double-
stranded PCR products with a short, single-stranded tail, as illustrated in 
Figure A2.  

Attaching short DNA probes to the surface  

For the experiments described in Chapter 2, we have used two 
different methods to anchor single-stranded DNA probes to the SAM surface.   

Method 1—amide coupling:  For amide coupling, amine-labeled DNA 
oligonucleotides were coupled to a carboxylic acid-terminated monolayer 
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(MUDA or MHDA) using carbodiimide coupling chemistry. After overnight 
assembly of the monolayer, (as described in section A1), the SAM/Au bead 
sample was placed in a fluid cell and rinsed several times with 1X PBS 
(phosphate-buffered saline: 100 mM NaCl, 50 mM phosphate buffer, pH 7). 
The sample was then immersed in an aqueous solution containing 20 mM 
EDC activator (1-ethyl-3-(3-dimethylaminopropyl) carbodiimide), 20 nM 
amino-modified DNA (SF-ProbeAm), and 0.1X PBS for a reaction time of 5-10 
min. The probe coverage was found to increase roughly linearly with reaction 
time in this range. Following the coupling reaction, the surfaces were 
repeatedly rinsed with PBS, then TAE (1X = 40mM Tris acetate, 1 mM 
EDTA, pH 8.3). 

Method 2—thiol insertion:  For thiol insertion, alkanethiol-modified 
DNA oligonucleotides were attached directly to the SAM/Au bead substrate 
by utilizing defects in the monolayer. The monolayer was assembled following 
the same protocol as described in section A1, but the assembly was shortened 
to 10-50 min in order to increase the density of defects in the monolayer. 
After assembly the SAM/Au bead sample was placed in a fluid cell and rinsed 
several times with a TAE buffer. It was then immersed in an aqueous TAE 
buffer solution containing 1-2 µM thiolated DNA (SF-ProbeThio), 50 mM 
NaCl, and 1 mM TCEP for times ranging from 20 to 30 min. Following 
insertion, the surface was repeatedly rinsed with TAE to remove any 
unbound DNA. Note that with this method, the DNA coverage depends on a 
number of factors. Reducing the monolayer assembly time tends to increase 
the DNA coverage by increasing the density of defects in the surface layer. 
Increasing either the DNA concentration or reaction time during insertion 
also increases the coverage. Additionally, it was found that a mismatch 
between the length of the alkanethiol tether on the DNA and the alkanethiol 
monolayer could reduce the efficiency of the insertion step, requiring longer 
reaction times and shorter monolayer assembly times to achieve the a 
desirable DNA coverage. Finally, both the coverage and the spacing between 
the DNA molecules on the surface showed a strong dependence on the ionic 
strength during insertion, with high ionic strength (~1 M) leading to 
clustering of the DNA on the surface. The addition of a small amount of Mg2+ 
ions (~2 mM) during insertion dramatically increased the efficiency of 
attachment, likely by increasing the concentration of DNA near the surface, 
and was sometimes used when the DNA tether was mismatched with the 
monolayer (e.g. undecanethiol-DNA inserting into MHDA monolayer). 

Comparison of methods: Method 1 (amide coupling) was used primarily 
to attach DNA probes for the surface hybridization kinetics studies described 
in Chapter 2, as the overnight assembly step results in a stable, well-ordered 
monolayer. However, it should be noted that this method is complicated by 
the possibility of nonspecific reactions between the activated carboxylate 
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surface and amines in the DNA bases, 2  as well as other unwanted side 
reactions that can alter the surface. 3  For this reason, Method 2 (thiol 
insertion) was found to be generally more reliable, and was used for the 
experiments in Chapters 3, 4, 5 and 6. 

DNA surface hybridization 

 Prior to all hybridization experiments, the monolayer surface was 
repeatedly rinsed with an STAE buffer (saline Tris-acetate-EDTA: 200 mM 
NaCl, 40 mM Tris acetate, 1 mM EDTA, pH 8.3) to remove any Ni2+ ions that 
remained bound to the surface from the imaging buffer. The sample was then 
exposed to the DNA targets in a hybridization buffer containing 1.0 M NaCl, 
1X TAE, and 1.0 mM SDS (sodium dodecyl sulfate) for a predetermined 
amount of time, after which the substrate was gently rinsed three times with 
STAE. Note that for longer DNA (>100 bp), the NaCl concentration in the 
hybridization buffer was reduced to 0.2 M in order to reduce the likelihood of 
nonspecific adsorption of DNA.  

AFM image analysis 

 Heights of individual DNA molecules were obtained after first flattening 
AFM images line by line, then highlighting molecules using Gwyddion image 
analysis software (http://gwyddion.net/).  The molecular features were 
identified and selected in a semi-automated procedure using Gwyddion as 
follows. After flattening the image line-by-line, a mask was generated of all 
features that are over a minimum height threshold. Prior to mask 
generation, a median filter was applied to the image in order to filter out 
single-pixel noise; however, this filtered image was used only to create the 
mask, and the unfiltered image was used for actual height analysis. We 
found it necessary to perform some minor editing of the mask by hand in 
order to separate closely-spaced or overlapping features that could clearly be 
identified as discrete objects.  At the relatively low probe surface coverage 
observed in these studies (~ 5×1010 – 1×1011 cm−2), the fraction of closely 
spaced probes that are difficult to distinguish is estimated to be less than 
1.2%.  

 The maximum heights of the individual probes, z, were recorded relative 
to the mean height of a ten pixel halo immediately surrounding that molecule 
obtained using a custom MATLAB script (The Mathworks, Inc., MA, USA)) 
for features between 0.4 and 2.4 nm tall.  The finite width of the height 
histogram is likely the result of several factors. First, the DNA molecules 
likely adopt slightly different conformations on the monolayer surface, 
leading to small variations in the feature heights. Second, changes in the 
imaging set point during imaging will vary the magnitude of the tip-sample 
interaction, which may cause minor changes in the apparent heights of 
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features in different images. Finally, the feature height is measured relative 
to the average height of a ten pixel halo surrounding the feature, and some 
variability in the background height is expected due to nanoscale 
inhomogeneity, such as gold adatoms and molecular defects within the 
monolayer, atomic steps in the gold substrate, and counterion condensation 
at the interface. 

 To determine Γ, the fraction of probes that had hybridized with a target at 
a given time point, the molecule heights from all images for each time point 
were aggregated, and a threshold height was set such that any molecule 
whose height exceeded the threshold was considered to be hybridized at that 
time, and any remaining molecules were considered to be unhybridized. This 
analysis was applied to a minimum of N = 750 molecules for each time point 
to determine Γ(t). The time points were then plotted, and the second-order 
rate constant ka was determined by the best fit to the equation describing an 
irreversible Langmuir adsorption model: 4  Γ = 1 − e−ka[T]t, where t is 
hybridization time and [T] is target concentration. 

 The above approach likely results in some error in Γ due to the incorrect 
assignment of some molecules whose height is close to the threshold. 
Therefore, an alternative approach that utilizes a maximum likelihood 
estimate was also used to ascertain the level of error. 5  To assign the 
probability that an observed molecule was hybridized, two Gaussian curves, 
Nt(z) with taller mean and Ns(z) with shorter mean, were fit to the histogram 
of the heights of the probes observed for each time or concentration value;  
probes with height above the mean of  Nt(z) were labeled as hybridized 
(hybridization probability ph = 1), probes with height shorter than the mean 
of Ns(z) were labeled unhybridized (ph = 0), and probes with height h between 
the means of the two Gaussians were given hybridization probability  ph = 
Nt(z)/(Nt(z) + Ns(z)). Hybridization was assumed to behave as an irreversible 
Poisson process (probability of a probe remaining unhybridized at time t S(t) 
= e−kt)), and the hybridization rates obtained by minimizing the negative log-
likelihood function −logℒ(𝑘 Θ  with MATLAB given data Θ (for each 
observed probe i with hybridization probability ph,i at the time the probe was 
observed ti) for rate k: 

−logℒ(𝑘 Θ =    1− p!,!    kt!  
! − p!,! log(1− exp −kt! ). 

When this second approach was applied to a large subset of the data, the rate 
constant found was nearly identical to the constant found using the first 
approach.  

 

 



 124 

Table A2—Synthetic DNA sequences used in Chapter 2 

Name DNA sequence / (modifications) Purpose 
Sf-
Target50 

cgtactgactgctcacgaggtagctctgaactgtttaaagcatttgag
gg 50 nt ssDNA target 

Sf-
Prime105 tttagactggatagcgtccaatactg reverse primer (105 bp 

target) 
Sf-
Prime204 aacactatcataaccctcgtttacca reverse primer (204 bp 

target) 
Sf-
Prime396 accttatgcgattttaagaactgg reverse primer (396 bp 

target) 
Sf-
Prime3679 tccttgaaaacatagcgatagcttag reverse primer (3679 bp 

target) 

Sf-78 cgtactgactgctcacgaggtagc/(C3)/ 
tctgaactgtttaaagcatttgaggg 

forward primer with 
ssDNA tail 

Sf-
ProbeAm gctacctcgtgagcagtcagtacgttttt/(Am)/ amino-modified DNA 

probe 

Sf-
ProbeThio gctacctcgtgagcagtcagtacgttttt/(TEG)/(C3-SS)/ disulfide-modified DNA 

probe 

 

Abbreviations for DNA modifications: Am = amine; TEG = triethylene 
glycol spacer; C3-SS = propyl disulfide; C3 = propyl spacer 

 

 

 

 

 

 

 

 

 

 

 

 



 125 

Appendix Section A3—Chapter 3 methods 
Synthetic DNA 

Synthetic oligonucleotides were purchased from either Integrated DNA 
Technologies or from Biosearch Technologies, Inc. (Petaluma, CA, USA). The 
purity of the oligonucleotides was verified by the manufacturers using mass 
spectrometry, and the DNA was used without further purification. DNA was 
stored long-term at −20°C and short-term at 4°C in either TAE buffer or 
phosphate buffer (PB, 20 mM sodium phosphate, pH 7).  

 The thiolated oligonucleotides were shipped in their oxidized (disulfide) form, 
and were reduced to form free thiol-DNA by incubation in 1 mM TCEP (tris(2-
carboxyethyl)phosphine) reducing agent for 10 minutes, followed by 
purification with a QIAquick Nucleotide Removal Kit (Qiagen). The reduced 
and purified alkanethiol-DNA was stable for several weeks if stored in TAE 
buffer (1X = 40 mM Tris(hydroxymethyl)aminomethaneacetate, 1 mM 
Ethylenediaminetetraacetic acid, pH 8.3) in the dark at −20°C under N2 gas. 
Note that any thiol-DNA bearing an alkyne group was reduced, purified, and 
used immediately to prevent unwanted reaction between the thiol and alkyne 
groups. 6   

Preparation of DNA anchor strands 

The alkyne-modified DNA anchor strands were prepared by attaching the 3’-
amino-modified precursor oligonucleotides (SF-47, -57, -77) to a carboxyl-
terminated alkyl disulfide via amide coupling chemistry. The precursor strand 
(20 µM) was mixed with a 50-fold molar excess of bis(10-carboxydecyl)disulfide 
along with 10 mM each of EDC and NHS (N-Hydroxysuccinimide) activators 
and 20 mM sodium phosphate buffer (pH 6.5) in 1:1 aqueous isopropanol, in a 
total volume of 250 µL. The reaction tubes were backfilled with nitrogen gas 
and kept in the dark to react for 3 hours. The reaction mixtures were then 
purified using Illustra NAP-5 columns (GE Healthcare Life Sciences), using 
0.025X TAE (0.1 mM TrisAc, 2.5 µM EDTA) as the elution buffer (low-salt 
buffer was necessary for a downstream purification step). After purification, 
the disulfide-modified DNA was stored at 4°C for up to two weeks. In order to 
minimize the possibility of an unwanted thiol-yne reaction between the 
strands, the disulfide was not reduced to a thiol until immediately prior to 
use, as described in a later section. The undecyl disulfide-modified anchor 
strands were characterized with electrospray ionization mass spectrometry by 
the Campus Mass Spectrometry Facilities at the University of California, 
Davis (Figure A3). 
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Preparation of DNA target strands 

 DNA target strands were prepared with the procedure described in section 
A2, using the appropriate forward and reverse primers. 

Preparation of the Cu-binding ligands 

The molecular structures Cu-binding ligands are shown in Figure A4. 

TBTA: The tris[(1-benzyl-1H-1,2,3-triazol-4-yl)methyl]amine ligand was 
purchased as a 1:1 Cu(II) complex in 55% aqueous DMSO from Lumiprobe 
Corporation (FL, USA). 

TTTA: The tris(1-t-butyl)tris(t-butyltriazolylmethyl)amine ligand was 
synthesized following an established protocol.7  

HLTA: The 3-(4-((bis((1-cyclopentyl-1H-1,2,3-triazol-4-
yl)methyl)amino)methyl)-1H-1,2,3-triazol-1-yl)propan-1-ol ligand was 
synthesized with the following protocol. 

 
Sodium azide (7.2 g, 111 mmol) was dissolved in DMSO (200 mL). The 
solution was then treated with bromocyclopentane (15 g, 101 mmol), and 
stirred overnight. The reaction was quenched with water (1 L) and extracted 
with diethyl ether (3 × 100 mL). The organic layers were combined and 
washed with brine solution (200 mL). This was then dried with MgSO4 
filtered and concentrated under reduced pressure to give azidocyclopentane 
(10.5g, 94%) as a clear oil. 

 
Azidocyclopentane (2.9 g, 26.1 mmol) was dissolved in acetonitrile (52 ml), 
treated with Cu(II)(OAc)2 (0.237 g, 1.305 mmol) and the mixture was stirred 
until homogeneous. 3,3-diethoxyprop-1-yne (3.34 g, 26.1 mmol) was 
subsequently added. The solution was treated with DIPEA (0.456 ml, 2.61 
mmol) and allowed to stir overnight. Solvent was evaporated under vacuum 
to give crude material which was purified by flash chromatography (4: 1 - 
Hexanes: Ethyl Acetate) to yield 1-cyclopentyl-4-(diethoxymethyl)-1H-1,2,3-
triazole (5.69g, 91%). 
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1-cyclopentyl-4-(diethoxymethyl)-1H-1,2,3-triazole (1 g, 4.18 mmol) was 
dissolved in a mixture of DCM (6 ml) water (3 ml) and TFA (0.4 ml). The 
mixture was allowed to stir overnight and then EtOAc (100 ml) was added. 
The mixture was washed with NaHCO3 solution (3 × 40 mL) and finally with 
brine (40 ml). The organic phase was dried with MgSO4 filtered and then 
concentrated under reduced pressure to yield 1-cyclopentyl-1H-1,2,3-triazole-
4-carbaldehyde (0.566g, 82%) as a low melting solid. 

 
1-cyclopentyl-1H-1,2,3-triazole-4-carbaldehyde (0.6616 g, 4.01 mmol) was 
dissolved in DCM (16.02 ml) and treated with prop-2-yn-1-amine (0.096 ml, 
1.602 mmol). Sodium triacetoxyborohydride (0.747 g, 3.52 mmol) is then 
added to the mixture, and the reaction was stirred overnight. The completion 
of the reaction was monitored by LCMS. Sample was washed with 2M NaOH 
solution (~5 ml) and extracted with DCM (3 × 4 mL). The combined organic 
layers were dried with Na2SO4 and then concentrated under vacuum to give 
N,N-bis((1-cyclopentyl-1H-1,2,3-triazol-4-yl)methyl)prop-2-yn-1-amine (0.5g, 
88%) 

 
N,N-bis((1-cyclopentyl-1H-1,2,3-triazol-4-yl)methyl)prop-2-yn-1-amine (1.35 
g, 3.82 mmol) was dissolved in MeCN (20 ml). 3-azidopropan-1-ol (0.463 g, 
4.58 mmol) was added dropwise to the reaction followed by Cu(II)(OAc)2 
(0.035 g, 0.191 mmol). The reaction was stirred for 24 h, then the solvent was 
evaporated under vacuum. The residue was taken up in MeOH and passed 
through a small plug of activated alumina. Fractions from the column were 
combined and then evaporated under vacuum. The residue was suspended in 
MTBE (~15mL) and a minimum of MeCN was added dropwise while 
vigorously stirring. This produced a white powder, which was triturated with 
MTBE to yield 3-(4-((bis((1-cyclopentyl-1H-1,2,3-triazol-4-
yl)methyl)amino)methyl)-1H-1,2,3-triazol-1-yl)propan-1-ol as a white powder 
(1.2g, 2.64 mmol, 69%).  
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The final product was characterized by nuclear magnetic resonance 
spectroscopy (NMR). 1H NMR (400 MHz, Chloroform-d) δ 8.00 (d, J = 16.8 Hz, 
3H), 4.91 (t, J = 7.0 Hz, 2H), 4.53 (t, J = 6.5 Hz, 2H), 3.95 (s, 6H), 3.55 (t, J = 
4.8 Hz, 2H), 2.52 (s, 1H), 2.28 – 2.19 (m, 4H), 2.14 – 1.98 (m, 6H), 1.95 – 1.66 
(m, 7H). (see Figure A5). 

Testing the DNA-templated coupling reaction in solution 

Prior to the surface-coupling experiments, the reaction conditions were 
optimized by performing the coupling reaction in solution and measuring the 
yield with denaturing polyacrylamide gel electrophoresis (d-PAGE).  

Hybridization and reaction with copper: First the single-stranded 
DNA anchor and target strands (SF-47 and SF-88, respectively) were 
hybridized by mixing in a 1:1 molar ratio in 1.0M NaCl, 20 mM PB, pH7, 
heating briefly to 70°C, and cooling from 65°C to 22°C at a rate of 0.75°C/min. 
The copper solutions were prepared by dissolving Cu(II) sulfate in water and 
mixing with the appropriate ligand (TBTA, TTTA, or HLTA) in an aqueous 
organic solvent mixture containing phosphate buffer (pH 7) and 200 mM 
NaCl. Nitrogen gas was bubbled through the copper solutions for 10 min 
prior to use to remove dissolved oxygen. Then the sodium ascorbate reducing 
agent was added to the copper solution, which was mixed. After a 30 sec 
delay, the hybridized DNA was added to the copper solution in a 0.2 mL PCR 
tube, and the tube was backfilled with nitrogen gas and capped. The final 
DNA concentration was 1.25 µM, and the Cu(II), ligand, and ascorbate 
concentrations were all systematically varied. At predetermined time points, 
a 4µL aliquot of the reaction mixture was removed and added to 16µL of 
1.25X quenching buffer (1X QB = 3:1 formamide:water, 20mM Tris acetate, 
2.5 mM EDTA, 0.15X gel loading dye). The quenched reaction aliquot was 
immediately placed on ice and transferred to the freezer (−20°C) until loading 
into the gel. 

Denaturing polyacrylamide gel electrophoresis: Polyacrylamide gels 
were prepared with a polyacrylamide/bisacrylamide (29:1) concentration of 9-
12%, and contained 8.3 M urea in order to denature the DNA while running 
the gel. After casting the gel and setting for at least 30 min, the wells were 
rinsed with 0.5X TBE running buffer (1X =  89 mM Tris base, 89 mM boric 
acid, 2 mM EDTA, pH 8.3). The gel was then pre-run in 0.5X TBE for at least 
45 min at 150 V in an Enduro vertical gel electrophoresis system (Labnet 
International, Inc, NJ, USA). Prior to loading the gel, the samples were 
removed from the freezer and heated to 80°C in QB for at least 4 min to 
completely denature the DNA. They were then immediately loaded into the 
gel and run for 60-90 min at a voltage of 150 V. Gels were then removed and 
stained by soaking in 0.5X TBE containing a 1X concentration of Sybr Green 
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II dye (Life Technologies, CA, USA) for 10 min. The gels were then visualized 
and imaged on an Enduro Gel Documentation System (Labnet) or on a UV 
lamp with a handheld camera.  

Determination of reaction yield from gel images: It has been 
demonstrated previously that the efficiency of DNA cross-linking reactions 
can be estimated by comparing band intensity from denaturing PAGE. 8  Due 
to the urea content of the gel and the elevated temperatures during running, 
the DNA remains denatured as it runs through the gel. 9  Any hybridized 
DNA that has successfully reacted will be cross-linked by the triazole 
product, and thus will migrate as a single, slower-moving product band, while 
any DNA that has not reacted will be separated into two different faster-
moving bands. We estimated the yield of the reaction at different time points 
using a custom MATLAB script, as follows. First, each product band was 
selected by the user and cropped out from the gel image. The average 
background pixel intensity was subtracted, and the total pixel intensity in 
the band area was then integrated. Finally, this integrated band intensity 
was normalized to that of a standard reference band on the same gel. This 
normalized intensity was plotted as the estimated yield (in arbitrary units) as 
a function of time, as shown in Figure 3.2 (Chapter 3). It is worth noting that 
any of the product DNA that has been degraded during the reaction is 
expected to run faster than the intact product band due to a smaller size, and 
thus DNA degradation over time should also lead to a reduction in the 
apparent yield.  

Surface-coupling reaction and denaturation 

Preparation of DNA anchor surface: The MUDA monolayer was 
prepared on an Au bead substrate as described in section A1, using an 
assembly time of ~ 1 hr. After monolayer assembly, the bead was placed in a 
fluid cell and rinsed several times with a TAE buffer. Immediately prior to 
use, the alkyl disulfide-modified anchor DNA strands were reduced with 
TCEP and purified, as described above. The thiolated DNA anchors were 
then inserted into defects in the monolayer by immersing the MUDA/Au 
substrate in an aqueous TAE buffer solution containing approximately 1.0 
µM thiolated DNA, 2mM TCEP, and 50 mM NaCl for 20-40 minutes in the 
dark. Following the insertion step, the surface was repeatedly rinsed with 
TAE buffer to remove any unbound DNA. 

Hybridization with the target DNA: The purified target DNA (PCR 
product) was diluted 10 times to ~ 2 nM in hybridization buffer (HB, 200 mM 
NaCl, 40 mM Tris acetate, 1 mM EDTA, 1.0 mM sodium dodecyl sulfate, pH 
8.3), and was incubated with the anchor DNA-functionalized surface for 30-
60 minutes. After hybridization, the surface was rinsed repeatedly with HB. 
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Reaction with Cu(I): The Cu(I) catalyst solution was prepared as follows. 
Cu(II) sulfate was dissolved in water, and was mixed with the HLTA ligand 
in a 4:1 ligand:Cu(II) molar ratio in an aqueous PBS solution (pH 7) 
containing 5% DMSO by volume. The final Cu(II) concentration was 200 µM. 
N2 gas was bubbled through the solution for 10 min prior to use to remove 
dissolved oxygen. Immediately prior to the surface reaction, the surface was 
rinsed three times with PBS to thoroughly remove any Tris or EDTA, which 
both inhibit the reaction. 10  Then the sodium ascorbate reducing agent was 
added to the Cu(II) solution to  a final concentration of 2.0 mM. After a 30 sec 
delay, the surface was exposed to the Cu(I) solution and was placed in a 
sealed chamber that was purged with nitrogen gas to help minimize the 
presence of oxygen. After a reaction time of 25 min, the surface was rinsed 
repeatedly with STAE. We found that although rigorous oxygen exclusion 
was not necessary, running the reaction in air for extended periods resulted 
in noticeable degradation of the DNA. 

Denaturation of unreacted DNA: The surface-bound DNA was 
denatured using alkaline conditions, which disrupt the hydrogen bonds in the 
base pairs and remove any DNA that is not covalently tethered to the 
surface. The surface was rinsed and left under an aqueous solution of 10 mM 
NaOH and 330 µM EDTA (pH 12) for 5 minutes. It was then rinsed with the 
same solution to remove any free DNA. 

AFM image analysis 

Determination of reaction yield from AFM images: To estimate a 
yield for the surface coupling reaction, the surface was imaged both before 
and after carrying out the denaturation step. An average surface density 
(molecules/area) of target DNA molecules was determined by counting the 
number of corresponding features in images over an area of at least 10 µm2 
(>200 molecules). Any molecules that were not at least halfway inside the 
boundary of the image were excluded. The yield was then defined as the 
average density of molecules after the denaturation step divided by the 
average density before denaturation. 

Semi-automated digital tracing of DNA contours: In order to extract 
conformational statistics from the AFM images, the contour of each molecule 
on the surface was digitized in a semi-automated fashion using a published 
algorithm. 11  The result was a set of coordinates representing the digitized 
paths of the DNA molecules within each image, as shown in Figure 3.9 
(Chapter 3). These coordinates were then used to determine contour lengths, 
end-to-end distances, and bending angle distributions for the molecules. For 
this purpose, 1.0 µm2  images at 256 x 256 pixel resolution were used, and 
only molecules that were fully within the image boundary were measured.  
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Table A3—Synthetic DNA sequences used in Chapter 3 

Name DNA sequence / (modifications) Purpose 

SF-17 gctacctcgtgagcagtcagtacgttttt/(C11-SS) anchor strand control (no 
alkyne) 

SF-47 gctacctcgtgagcagtcagtacg/(Oct-dU)/ttttt/(Am) precursor to anchor 
strand 

SF-57 ccagacatccgacacatactgaac/(Oct-dU)/ttttt/(Am) 
precursor to anchor 
strand control (sequence 
mismatch) 

SF-77 gctacctcgtgagcagtcagtacgttttt/(Am) precursor to anchor 
strand control (no alkyne) 

SF-27 gctacctcgtgagcagtcagtacg/Oct-dU/ttttt/(TEG)/(C3-
SS) 

anchor strand 
(alternative spacer) 

SF-88 (Az)/cgtactgactgctcacgaggtagc target strand (+ azide) 

Sf-18 cgtactgactgctcacgaggtagc target strand control (no 
azide) 

SF-28 (Az)/cgtactgactgctcacgaggtagc/(C3)/tctgaactgtttaa
agcatttgaggg 

forward primer with 
ssDNA tail (+ azide) 

SF-78 cgtactgactgctcacgaggtagc/C3/tctgaactgtttaaagcattt
gaggg 

forward primer with 
ssDNA tail (no azide) 

SF-58 (Am)/tctgaactgtttaaagcatttgaggg forward primer (+ amine) 
SF-
Prime396 accttatgcgattttaagaactgg reverse primer (396 bp 

target) 
SF-
Prime3679 tccttgaaaacatagcgatagcttag reverse primer (3679 bp 

target) 
 

Abbreviations for DNA modifications: C11-SS = undecyl disulfide; Oct-
dU = octadiynyl deoxyuracil; Am = amine; TEG = triethylene glycol spacer;  
C3-SS = propyl disulfide; Az = azide; C3 = propyl spacer 
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Appendix Section A4—Chapter 4 methods 
Synthetic DNA 

Synthetic oligonucleotides were purchased from either Integrated DNA 
Technologies or from Biosearch Technologies, Inc. The purity of the 
oligonucleotides was verified by the manufacturers using mass spectrometry, 
and the DNA was used without further purification. DNA was stored long-
term at −20°C and short-term at 4°C in phosphate buffer (PB, 20 mM sodium 
phosphate, pH 7).  

Preparation of DNA template strands 

DNA templates for qPCR: DNA template strands were prepared by 
conventional PCR amplification from the M13 bacteriophage genome. To 
serve as a template for PCR, M13mp18 RF I DNA (New England Biolabs Inc, 
Massachusetts, USA) was linearized using the EcoRI restriction enzyme 
(New England Biolabs) and purified by agarose gel electrophoresis using a 
QIAquick gel extraction kit (Qiagen). For the PCR reaction, 50 pg of 
linearized M13 DNA was combined with Taq DNA polymerase master mix 
(Bioexpress, UT, USA), along with 200 nM each of the forward (SF-08) and 
reverse (SF-Prime3679) primers in a 250 µL PCR tube. Ultrapure water was 
used to bring the solution up to a volume of 50 µL.  Solutions were incubated 
through the following program on a thermal cycler: an initial melting step of 
94°C for 2 min, followed by 30 cycles of melting at 94°C for 30 sec, annealing 
at 49°C for 45 sec, and extension at 70°C for 120 sec, followed by a final cycle 
with an extension of 5 minutes.  Remaining primers and enzymes were 
removed using a QIAquick PCR Purification Kit (QIAGEN).  Purified DNA 
templates were kept in TAE buffer at 4°C for short-term, and −20°C for long-
term storage. 

DNA templates with single-stranded tail for surface 
hybridization: In order to hybridize with the surface anchor strands, the 
double-stranded DNA targets contain a terminal 24-base single-stranded 
DNA tail segment that is complementary to the anchor strand sequence. The 
target strands are generated via PCR with a forward primer that is 
connected to the 24-base tail by a propyl spacer group, as described in section 
A2. PCR was carried out with the same protocol that was described in the 
previous step, using the SF-78/ SF-Prime3679 primer pair. 
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Copper catalysts 

THPTA: The tris(3-hydroxypropyltriazolylmethyl)amine ligand was 
purchased as a solid from Sigma Aldrich (St. Louis, MO, USA). 

Preparation of catalyst stock solutions: The copper/ligand catalyst 
solutions were prepared at 2X working concentration by dissolving Cu(II) 
sulfate in water and mixing with a 2:1 molar ratio of the appropriate ligand 
(THPTA or HLTA) in either water or a water/DMSO mixture containing 40 
mM phosphate buffer (pH 7) and 400 mM NaCl. Cu(II)/ligand solutions were 
stored at 4°C until use. 

Measuring DNA damage during the CuAAC reaction 

DNA exposure to the Cu catalyst: The method for quantifying single-
stranded DNA lesions that occurred during the CuAAC reaction was as 
follows. First, 10 µL of the 2X Cu(II)/ligand solution was combined with 5.0 
µL of the DNA template (4 ng/uL stock) in a 200 µL PCR tube. Next, 5.0 µL of 
a 4X-concentrated solution of sodium ascorbate was added to initiate the 
reaction, and the solution was mixed and immediately capped. After the 
desired reaction time, a 2.0 µL aliquot of the reaction was quenched by 
diluting in 1.0 mL in 0.1X TAE buffer (4 mM Tris acetate, 0.1 mM EDTA, pH 
~8) on ice. Note that no effort was made to exclude oxygen during the 
reaction step, aside from capping the tube. 

Quantitative polymerase chain reaction (qPCR): All qPCR reactions 
were prepared with at least 3 technical replicates. Each 20 uL reaction 
contained the following: 1X Genemate Taq DNA polymerase Master Mix 
(BioExpress, Utah, USA), 200 nM each of the forward (DCD-05) and reverse 
(DCD-02) primers, 0.15X Sybr Green I fluorescent dye (Life Technologies), 
and 5.0 µL of the diluted, quenched DNA/Cu reaction (see DNA exposure 
step, above). Reactions were prepared on ice in 0.1 mL clear plastic PCR tube 
strips (Qiagen). Quantitative PCR was carried out on a Rotorgene Q real-time 
PCR cycler (Qiagen), using a minimum of 32 cycles of the following 
temperature profile: denature at 95°C for 30 sec, anneal at 55°C for 20 sec, 
and extend at 71°C for 120 sec. Following completion of cycling, a melt 
analysis was performed by slowly ramping the temperature up to 95°C and 
continuously monitoring the fluorescence. 

qPCR data analysis: For each qPCR reaction a threshold quantification 
cycle (Cq) was defined as the fractional cycle at which the measured 
fluorescence intensity crosses a threshold value, which is chosen to 
correspond to a region in which the PCR is in the exponential amplification 
phase. For each sample, the relative DNA quantity φ, as compared to the 
reference sample, was determined by evaluating the following equation: 
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φ =
[𝐷𝑁𝐴]
[𝐷𝑁𝐴]!"#

= 2!!!! =   2!(!!!!!.!"#) 

where Cq and Cq.ref correspond to the sample and reference quantification 
cycles, respectively. The values reported are average values of at least three 
identical replicates for each sample. 

Measuring DNA damage during the surface-coupling reaction 

Preparation of DNA anchor surface: Carboxyl-terminated alkanethiol 
self-assembled monolayers containing short, thiolated DNA anchor strands 
(SF17) were prepared on an Au bead substrate, as described in section A3. 

Hybridization with the DNA template: The purified DNA template 
(PCR product) was diluted to approximately 1 ng/µL in hybridization buffer 
(HB, 200 mM NaCl, 40 mM Tris acetate, 1.0 mM EDTA, 1.0 mM sodium 
dodecyl sulfate, pH 8.3), and was incubated with the DNA anchor surface for 
20-30 minutes. After hybridization, the surface was rinsed repeatedly with 
STAE to remove any unbound DNA. 

DNA surface exposure to the Cu catalyst: Prior to the surface reaction, 
the surface was rinsed with PBS to thoroughly remove Tris and EDTA, both 
of which inhibit the reaction. 10  Then the 2X Cu(II)/ligand catalyst stock 
solution was diluted to a 1X concentration with the addition of the sodium 
ascorbate reducing agent, and then the surface was immediately exposed to 
the resulting mixture. After the desired reaction time, the surface was rinsed 
repeatedly with STAE. Note that no effort was made to exclude oxygen 
during this step. 

Denaturation and collection of DNA: After exposure to the catalyst 
solution, the surface-bound DNA was denatured and released from the 
surface using alkaline conditions. The surface was exposed to a 70 µL 
aqueous solution of 10 mM NaOH and 330 µM EDTA (pH 12) for 5 minutes, 
which was then collected and neutralized by diluting 4:1 in TAE and stored 
at −20°C. The surface was then rinsed with additional alkaline solution to 
remove any free DNA. 

qPCR of surface DNA: The protocol for qPCR with the collected surface 
DNA is the same as described above (see quantitative polymerase chain 
reaction). The collected, neutralized surface DNA sample was further diluted 
9:1 in water, and was then used as the template for qPCR.  

Dual-amplification qPCR: Relative quantification requires comparison of 
Cq values to an untreated reference containing the same initial DNA 
quantity; however, the amount of DNA bound to the surface can vary from 



 135 

sample to sample. To compensate for the variation, qPCR was used for each 
sample to separately amplify both the full-length 3.5 kbp product (primer 
pair DCD-05/ DCD-02), and a shorter 200 bp product (primer pair DCD-05/ 
DCD-16) from within the same template, as illustrated in Figure 4.6 
(Chapter 4). Because of its much smaller footprint, the 200 bp region is 
unlikely to be cleaved under conditions with a modest damage frequency, 
allowing the shorter product to serve as an internal reference. 12,13  After 
qPCR, the amount of intact DNA was normalized to the total amount of DNA 
present in the sample, as determined using a standard calibration curve with 
the 200bp product. This allowed for direct comparison between different 
samples and the untreated control. Note that the requirement for modestly 
damaging conditions prevented accurate quantification of surface DNA under 
conditions that caused extensive damage. In this case, the total amount of 
DNA would need to be carefully determined using an alternative method.  

Testing the DNA-templated cross-linking reaction  

The efficiency of the CuAAC reaction for cross-linking two complementary 
DNA oligonucleotides was measured by carrying out the coupling reaction in 
solution, quenching the reaction at specified time points, and measuring the 
yield at each time point with denaturing polyacrylamide gel electrophoresis 
(d-PAGE), as described below.  

Hybridization and reaction with copper: First the single-stranded, 
azide- and alkyne-modified DNA strands (SF-88 and SF-89, respectively) 
were hybridized by mixing in a 1:1 molar ratio in 0.8 M NaCl, 20 mM PB (pH 
7), heating briefly to 70°C, and cooling from 65°C to 22°C at a rate of 
0.75°C/min. Then 7.5 µL of the hybridized DNA was added to 15 µL of the 2X 
Cu(II)/ligand stock solution. Finally, 7.5 µL of a 4X-concentrated solution of 
sodium ascorbate was added to initiate the reaction, and the solution was 
mixed and immediately capped. The final volume was 30 µL, and the final 
DNA concentration was 1.25 µM. At specified time points, a 4.0 µL aliquot of 
the reaction mixture was removed and added to 16 µL of 1.25X quenching 
buffer (1X QB = 3:1 formamide:water, 20 mM Tris acetate, 2.5 mM EDTA, 
0.15X gel loading dye). The quenched reaction aliquot was immediately 
placed on ice and transferred to the freezer (−20°C) until being denatured 
and loaded into the gel. 

Denaturing polyacrylamide gel electrophoresis: Denaturing 
polyacrylamide gels were prepared with a concentration of 12-14%, as 
described in section A3. After casting, the gel was pre-run in 0.5X TBE for at 
least 40 min at 150V in an Enduro vertical gel electrophoresis system 
(Labnet International, Inc). Prior to loading the gel, the samples were 
removed from the freezer and heated > 90°C in QB for 5 min to completely 
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denature the DNA. They were then immediately loaded into the gel and run 
for 120 minutes at a voltage of 150V. An ice pack was included in the outer 
buffer chamber to reduce overheating, which causes distortion of the gel 
bands. After the run, the gels were removed and stained by soaking in 0.5X 
TBE containing a 1X concentration of Sybr Green II dye (Life Technologies) 
for 20 min under gentle agitation. The gels were visualized and imaged on an 
Enduro Gel Documentation System (Labnet). 

Determination of reaction yield from gel images: The cross-linking 
yield was determined by analyzing the gel images using a custom MATLAB 
script, as described in section A3. 
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Table A4—Synthetic DNA sequences used in Chapter 4 

Name DNA sequence / (modifications) Purpose 
DCD-05 catttgagggggattcaatg qPCR forward primer 

DCD-02 ttgaaataccgaccgtgtga qPCR reverse primer 
(3414 bp product) 

DCD-16 taccacattcaactaatgcag qPCR reverse primer 
(225 bp product) 

SF-08 tctgaactgtttaaagcatttgaggg forward primer 

SF-78 cgtactgactgctcacgaggtagc/(C3)/tctgaactgtttaaagcat
ttgaggg 

forward primer with 
ssDNA tail 

SF-
Prime3679 tccttgaaaacatagcgatagcttag reverse primer (3679 bp 

product) 
SF-88 (Az)/cgtactgactgctcacgaggtagc azide-modified oligo 
SF-89 gtgagcagtcagtacg/(Oct-dU) alkyne-modified oligo  

SF-17 gctacctcgtgagcagtcagtacgttttt/(C11-SS) disulfide-modified anchor 
strand 

 

Abbreviations for DNA modifications: (Oct-dU) = octadiynyl 
deoxyuracil; (Az) = azide; (C3) = propyl spacer; (C11-SS) = undecyl disulfide;  
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Appendix Section A5—Chapter 5 methods 
Synthetic DNA 

Synthetic oligonucleotides were purchased from either Integrated DNA 
Technologies or from Biosearch Technologies, Inc. The purity of the 
oligonucleotides was verified by the manufacturers using mass spectrometry, 
and the DNA was used without further purification. DNA was stored long-
term at −20°C and short-term at 4°C in phosphate buffer (PB, 20 mM sodium 
phosphate, pH 7).  

Surface-tethered folding of DNA origami tiles 

DNA origami tile design: The DNA origami tiles were designed using the 
caDNAno software package (http://cadnano.org). 14  The routing of the scaffold 
strand and the staple crossover pattern for the 40 × 75 nm2 tile used for 
surface-tethered folding are shown schematically in Figure A6. As described 
previously, 15  the crossover spacing of 16 bp for every 1.5 turns (10.66 bp/turn) 
is slightly overwound compared to the native helical pitch of B-DNA (10.5 
bp/turn), leading to some global strain in the structure. To reduce the 
crossover spacing and alleviate the strain, a few base pairs were deleted 
periodically throughout the structure, and are indicated with red X’s in the 
diagram (see Figure A6). The full list of DNA staple sequences for both tile 
structures is given in Table A5.   

Preparation of DNA anchor surface: Self-assembled monolayers of 
MHDA containing short, thiolated DNA anchor strands (SF-87) were prepared 
on an Au bead substrate, as described in section A3. The samples were placed 
into a custom-made PTFE fluid cell with a built-in thermoelectric 
heating/cooling element (NT-MDT).  

Attaching the DNA scaffold strand to the surface: Double-stranded 
DNA scaffold strands with a single-stranded tail bearing an azide group were 
prepared via PCR, following the procedure described in section A2. The 
scaffold strand was covalently attached to anchor strands on the MHDA 
monolayer via DNA-templated click chemistry, as described in section A3. The 
catalyst conditions used were the following: 0.2 mM CuSO4, 0.4 mM THPTA 
ligand, 20 mM sodium phosphate buffer (pH 7), and 200 mM NaCl, in 9:1 
H2O:DMSO. The ascorbate reducing agent (1.0 mM) was added immediately 
prior to exposing the surface to the catalyst. The reaction time used was 10 
min. 

Denaturing the scaffold strand: After covalently cross-linking the 
scaffold strand to the surface, the DNA was denatured using elevated 
temperature and alkaline conditions to yield the single-stranded form of the 
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scaffold. After rinsing with TAE, the sample was immersed in an alkaline 
buffer (30 mM NaOH, 1 mM EDTA, pH ~12.5) and the temperature was 
increased to 35°C using the temperature-controlled fluid cell. After 2 min at 
35°C, the sample was rinsed with TAE and returned to room temperature. 

DNA origami tile folding: The surface-tethered, single-stranded DNA 
scaffold was self-assembled into the DNA tile as follows. First the sample was 
heated to 50°C in STAE using the temperature-controlled fluid cell. Next the 
folding solution (10 nM of each staple DNA strand, 2.0 M NaCl, 1X TAE, and 
0.1 mM SDS) was pre-heated to ~60°C in a hot water bath, and was added to 
the sample to initiate folding. The sample was held at a constant temperature 
of 50°C for 30 min, then was cooled to 40°C at a rate of −0.5°C/min, and finally 
was cooled to room temperature. During the folding step, the fluid cell was 
sealed to prevent evaporation. Afterwards the sample was rinsed with STAE 
to remove any unbound staple DNA strands, and was placed under the 
imaging buffer (5mM NiAc2, 0.1X TAE) to immobilize the DNA for AFM 
imaging. 

Surface-capture of fully folded DNA tiles 

Folding DNA origami tiles in solution: DNA origami tile structures 
were self-assembled in solution based on a previously established approach. 
16,17   Single-stranded M13mp18 scaffold DNA was purchased from New 
England Biolabs. The scaffold DNA was mixed with a 10:1 molar excess of the 
staple oligonucleotides 2.0 M NaCl and 1X TAE, to a final concentration of 2.5 
nM scaffold strand and 25 nM of each staple strand. The mixture was then 
thermally annealed with the following temperature profile: heat to 80°C for 5 
min, cool from 70 to 60°C at −1.0°C/min, cool from 60 to 50°C at −0.25°C/min, 
hold at 50°C for 30 min, cool from 50 to 40°C at −2.0°C/min, then rapidly cool 
to 4°C. After assembly, tiles were spin-purified using Amicon Ultra 
microcentrifugal filter columns with a 100 kDa molecular weight cut-off (EMD 
Millipore, CA, USA), using a total of six rinse steps to remove excess staples. 
Tiles were characterized by AFM and agarose gel electrophoresis, as described 
previously.16,17 Note that we found it necessary to omit the staple strands at 
the side edges of the tile structure (indicated by an asterisk [*] in Table A5), in 
order to prevent aggregation of the tiles due to base-stacking at the edges. 18   

Preparation of DNA anchor surface: Self-assembled monolayers of 
MHDA containing short, thiolated DNA anchor strands (SF-17) were prepared 
on an Au bead substrate, as described in section A3. 

Capturing DNA tiles on the surface: The DNA anchor surface was used 
to capture the previously folded DNA tiles by exposing the surface to a 
hybridization buffer containing 0.5 nM DNA tiles, 0.8 M NaCl, 1X TAE, and 
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0.2 mM SDS. Hybridization times were typically 30-40 min. Afterwards the 
surface was rinsed three times with STAE to remove any unbound DNA tiles. 

AFM image analysis 

Measuring the lateral and angular displacement of DNA tiles: The 
lateral and angular displacement of tethered DNA tiles were measured in the 
AFM images relative to stationary background features using a custom 
MATLAB script, as follows. First, for each tile in the image, the position and 
tilt of a rectangular box was adjusted to maximize the overlap between the tile 
and the box. The top of the box was taken to be side of the tile that displayed a 
small protruding lobe, corresponding to the hairpin-containing region of the 
scaffold. Then the relative position and tilt angle of the rectangular box was 
recorded for each tile. Any tiles that were overlapping other tiles or the 
boundary of the image were excluded. Next we calculated the angular 
displacement of each tile as the difference in the tilt angles of the same tile in 
sequential image pairs (taken before and after the buffer exchange). Similarly, 
we calculated the lateral displacement of each tile as the difference in the 
center position of the same tile in sequential image pairs. To compensate for 
lateral drift during imaging, we determined the average displacement in the 
x- and y-directions of a number of stationary surface features in each image 
pair, then subtracted this from the measured x and y displacement for each 
tile. The results of these measurements are shown in Figure 5.5d (Chapter 5), 
which plots the lateral displacement as a function of angular displacement for 
nearly 200 individual tiles.  
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Table A5—Synthetic DNA sequences used in Chapter 5 

Name DNA sequence / (modifications) Purpose 

SF-17 gctacctcgtgagcagtcagtacgttttt/(C11-SS) anchor strand 

SF-87 gctacctcgtgagcagtcagtacg/(Oct-dU)/ttttt/(C11-SS) anchor strand (+ 
alkyne) 

SF-28 (Az)/cgtactgactgctcacgaggtagc/(C3)/tctgaactgtttaaa
gcatttgaggg 

forward primer with 
ssDNA tail (+ azide) 

SF-
Prime3679 tccttgaaaacatagcgatagcttag reverse primer (3679 

bp product) 

Below—DNA staple sequences used to fold the 40 ×  75 nm2 DNA origami tile 

7[96]R TATCTTAGGCATGATTAAGACTACCGATTG staple (40x75 nm tile) 

3[160]R ACTGGCTCGAATTACCTTATGCGAAACCAAGT staple (40x75 nm tile) 

3[128]R TTATCATTCATCGAGAACAAGCAAAATTTGCC staple (40x75 nm tile) 

1[96]R TTAGTATTAGGCAGAGGCATTTCGAGCATG staple (40x75 nm tile) 

8[79]R CGCAGTATAAGAAACAATGAAATATTACAGAG staple (40x75 nm tile) 

0[143]R CTACCTTTTTAACCTCCGGCTTAGATTCTTAC staple (40x75 nm tile) 

1[160]R AGGCATAGTACATAACGCCAAAAGTAGGGCTT staple (40x75 nm tile) 

7[64]R ATAAGAGCGTTAGCAAACGTAGAATACCAGCG staple (40x75 nm tile) 

1[128]R CAGTATAAATCGCCATATTTAACAGTCTTTCC staple (40x75 nm tile) 

0[47]R TTCAAATATATTTTAGTTAATTTACCGACCG staple (40x75 nm tile) 

1[32]R TGTGATATTCTGTCCAGACGACCGCGCCTG staple (40x75 nm tile) 

7[32]R ATAACCCTGGCAACATATAAAATTGTCACA staple (40x75 nm tile) 

8[143]R ACCGAGGAGCCGAACAAAGTTACCTAAATTGT staple (40x75 nm tile) 

2[79]R GTAATAAGTCATAATTACTAGAAATGCAAATC staple (40x75 nm tile) 

5[160]R AGAACCGGCCTTCATCAAGAGTAAATTTATCC staple (40x75 nm tile) 

4[79]R AATAGCAAATCCCATCCTAATTTATCGAGCCA staple (40x75 nm tile) 
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2[111]R ATGTAATTCATATGCGTTATACAAGTTGGGTT staple (40x75 nm tile) 

7[128]R AGCAGATAAACGCAATAATAACGGGGAAATTA staple (40x75 nm tile) 

0[79]R CAATCGCAAGACAAAGAACGCGAGAGAATAAA staple (40x75 nm tile) 

10[15]R GCCTTTAGTTTTACGGAATAAGTTTATTGAAAC
GCA staple (40x75 nm tile) 

4[111]R TATTTTCACAATCAATAATCGGCTACGCCAAC staple (40x75 nm tile) 

4[47]R CCGGTATTACAATAGATAAGTCCTACAAAAGG staple (40x75 nm tile) 

1[64]R CACCGGAAAGAATATAAAGTACCGGAACAAGA staple (40x75 nm tile) 

6[143]R CAATCCAAAATAAACAGCCATATTTCTTGACA staple (40x75 nm tile) 

6[111]R GTCAAAAACGTCTTTCCAGAGCCTGCCGTTTT staple (40x75 nm tile) 

5[32]R TTAAATCTTAACTGAACACCCTTCAGAGAG staple (40x75 nm tile) 

2[15]R ACAACATGTTTTTTTAATGGTTTGAAATCATCT
TCTGACCTAAATTTT staple (40x75 nm tile) 

4[143]R ACCGCACTCCAAGAACGGGTATTATTTTAAGA staple (40x75 nm tile) 

5[96]R TAACGAGTGAAAATAGCAGCCTGCAATAGC staple (40x75 nm tile) 

3[96]R TAGAAACTCGTAGGAATCATTAACCAACGC staple (40x75 nm tile) 

8[15]R AAGACACCTTTTTAATTGAGCGCTAATAGAACA
AAG staple (40x75 nm tile) 

6[15]R TCAGAGGGTTTTCGACTTGCGGGAGGTTGTTT
TAGC staple (40x75 nm tile) 

0[111]R ATATAACTATATGTAAATGCTGAAAGCCTGT staple (40x75 nm tile) 

8[111]R AAAGAACTCCGAAGCCCTTTTTAATGTTTAAC staple (40x75 nm tile) 

4[15]R GAACCTCCTTTTTTCAGCTAATGCAGAAGACAA
TAA staple (40x75 nm tile) 

2[47]R TAAAGTAAAATAAGGCGTTAAATAAAAACTTT staple (40x75 nm tile) 

5[64]R AGCTACAAATAAAAACAGGGAAGCGCCCAATA staple (40x75 nm tile) 

6[47]R CGGGAGAAAAGATTAGTTGCTATTAGGCTTAT staple (40x75 nm tile) 
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3[64]R AAAATAATGCAAATCAGATATAGATTGCACCC staple (40x75 nm tile) 

8[47]R CATAAAGGACAAGAATTGAGTTAAGCATTAGA staple (40x75 nm tile) 

5[128]R AGTTACAAATAAGAAACGATTTTTGAAAAGTA staple (40x75 nm tile) 

3[32]R TTTATCACTAAGAACGCGAGGCTTGAAGCC staple (40x75 nm tile) 

2[143]R AATTGAGAAGCCAACGCTCAACAGCTGAGAGA staple (40x75 nm tile) 

6[79]R AGAATAACTTTTATCCTGAATCTTCCGCGCCC staple (40x75 nm tile) 

9[32]U ATCAATATCAGTAGCGACAGAAGTTTTCAT staple (40x75 nm tile) 

13[32]U CAGTAAGGGTTGATATAAGTATGGTTTAGT staple (40x75 nm tile) 

9[64]U CCAAAGACCACCAATGAAACCATCTTATTAGC staple (40x75 nm tile) 

14[15]U ATAGGTGTTTTTGCGCAGTCTCTGAATTAAAGC
CAG staple (40x75 nm tile) 

9[96]U AGGGAGGGCACCATTACCATTAATCACCGG staple (40x75 nm tile) 

15[128]U CCGTAACACTGAGTTTCGTCACCAGTACAAAC staple (40x75 nm tile) 

15[8]U TTTTATCACCGTACTCAGGAAGCCCGGA staple (40x75 nm tile) 

12[143]U AGCCACCACACCCTCAGAACCGCCACCATCGC staple (40x75 nm tile) 

10[111]U CACCAGTAGAAGGTAAATATTGACAATACCCA staple (40x75 nm tile) 

11[96]U AACCAGAGCCGCCGCCAGCATTTAACGGGG staple (40x75 nm tile) 

12[15]U AATGGAAATTTTCGTCAGACTGTAGCGCTCAA
GTTT staple (40x75 nm tile) 

11[64]U GTTTGCCAAGGTCAGACGATTGGCTGATGATA staple (40x75 nm tile) 

14[143]U TTATTCTGGCCCCCTGCCTATTTCAACAACTA staple (40x75 nm tile) 

11[160]U CCACGCATGCCGACAATGACAACAACCCTCAG staple (40x75 nm tile) 

12[47]U TCACAAACTTCGGTCATAGCCCCCGATAGCAG staple (40x75 nm tile) 

11[32]U CGGCATTAAATAAATCCTCATTTACCGTTC staple (40x75 nm tile) 
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9[160]U CATTAAACAAGACTTTTTCATGAGTCACCGAC staple (40x75 nm tile) 

12[79]U GTTGAGGCTCTTTTCATAATCAAAGCAAGGCC staple (40x75 nm tile) 

13[160]U AAGGAATTAGTGAGAATAGAAAGGGGAACCTA staple (40x75 nm tile) 

13[128]U CAGTTAATAAACATGAAAGTATTACCCATGTA staple (40x75 nm tile) 

13[64]U CAGGAGTGCTCAGTACCAGGCGGACCTCAGAA staple (40x75 nm tile) 

15[96]U AGGGATAGCAAGCCCAATAGGAAAGAGGCTG staple (40x75 nm tile) 

15[32]U ACCGCCACCCTCAGAACCGCCACTAAGTGCC staple (40x75 nm tile) 

10[143]U TTGAGCCAAGGTGAATTATCACCGGAAGTTTC staple (40x75 nm tile) 

9[128]U TTCATTAATTTGGGAATTAGAGCCCCTCCCTC staple (40x75 nm tile) 

10[79]U GGAAACGTAAAAGGGCGACATTCACCTTATTA staple (40x75 nm tile) 

10[47]U CACCGTAAGAAAATTCATATGGTTAATACATA staple (40x75 nm tile) 

14[47]U GTCGAGAGCGTCATACATGGCTTTCTTGATAT staple (40x75 nm tile) 

14[111]U AGACTCCTCTTGAGTAACAGTGCCCAGAACCA staple (40x75 nm tile) 

7[160]U GTCGAAATTTGTATCATCGCCTGAAGAAGGAA staple (40x75 nm tile) 

14[79]U GGGTTTTGTACTGGTAATAAGTTTGACAGGAG staple (40x75 nm tile) 

12[111]U CCACCAGAGCCACCACCGGAACCGAGCAAAAT staple (40x75 nm tile) 

15[64]U CCGCCACCCTCAGAGCCACCACCCGATTAGCG staple (40x75 nm tile) 

13[96]U TCAGTGCCAAGAGAAGGATTAGTCATTTTC staple (40x75 nm tile) 

11[128]U AGAGCCGCCCCTCAGAGCCGCCACCGTATAAA staple (40x75 nm tile) 

11[224]Y2 ATCGTCACTTTTTGTATCGGTTTATCAGAAAAG
GAG staple (40x75 nm tile) 

13[192]Y2 GAAAATCTTTTGCTAAACAACTTTGACAGCCC staple (40x75 nm tile) 

13[224]Y2 CCTTTAATTTTTAGACGTTAGTAAATGAGTTTT
GTCGTCTTTCC staple (40x75 nm tile) 
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7[192]Y1 AGCCGGAATACCAAGCGCGAAACATGCCACTA staple (40x75 nm tile) 

12[175]Y2 ATAGTTGCAACCGATATATTCGGAGGCTTT staple (40x75 nm tile) 

12[207]Y2 CGAGGTGAGGAGTTAAAGGCCGCTCAGCATCG staple (40x75 nm tile) 

10[207]Y1 GAACGAGGCCAACCTAAAACGAAATGACCCCC staple (40x75 nm tile) 

9[224]Y2 AGAATACATTTTCCTCAGCAGCGAAAGATTTGC
GGG staple (40x75 nm tile) 

15[192]Y2 TCATAGTTAGCGTAACGATCTAAAATTTTCTG staple (40x75 nm tile) 

14[175]Y2 TTCAGCGGGCGAATAATAATTTTGATACCG staple (40x75 nm tile) 

10[175]Y1 GAGGACTAGGGTAAAATACGTAAAAGTACA staple (40x75 nm tile) 

11[192]Y2 GCTTGCAGATTTCTTAAACAGCTTTTCACGTT staple (40x75 nm tile) 

15[160]Y2 TACAACGCCTGTAGCATTCCACACAACAGT staple (40x75 nm tile) 

7[224]Y1 GGGAACCGTTTTCTAAAACACTCATCTTGAGG
CAAA staple (40x75 nm tile) 

14[207]Y2 TATGGGATCCAAAAAAAAGGCTCCCTTGCTTT staple (40x75 nm tile) 

9[192]Y2 CGAAGGCAGTAGCAACGGCTACAGTCGCTGAG staple (40x75 nm tile) 

8[207]Y1 AGCGATTACGAGGCGCAGACGGTCAAGAGGAC staple (40x75 nm tile) 

8[175]Y1 ACGGAGATCCGCGACCTGCTCCAGCATAGG staple (40x75 nm tile) 

2[175]G AATGCAGATAAGAGCAACACTATACTGGAT staple (40x75 nm tile) 

4[207]G TTGGGCTTTCTACGTTAATAAAACAGATTCAT staple (40x75 nm tile) 

0[207]G AGGGGGTAATAGTAAAATGTTTAGCATAACCC staple (40x75 nm tile) 

3[192]G AAGAAAAAGAGATGGTTTAATTTCATCAACGT staple (40x75 nm tile) 

1[192]G TCGTTTACATTTAGGAATACCACAACGTTGGG staple (40x75 nm tile) 

3[224]G GGAACAACTTTTAGAAACACCAGAACGAAAGG
CTTG staple (40x75 nm tile) 

2[207]G CAGTTGAGCAGACGACGATAAAAATTTGCCAG staple (40x75 nm tile) 
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6[207]G AGATGAACTGCTCATTCAGTGAATGTAGTAAA staple (40x75 nm tile) 

0[231]G TTTTCTTTTGCAAAAGAAGTCCAAAATA staple (40x75 nm tile) 

1[224]G GCGAGAGGTTTTATTATTACAGGTAGAAGAAC
TAAC staple (40x75 nm tile) 

6[175]G CTGGCTGAATATTCATTACCCAAAACTTTA staple (40x75 nm tile) 

4[175]G ATCATTGTATTATACCAGTCAGGTTCAACT staple (40x75 nm tile) 

5[192]G AACAAAGCGGTGTACAGACCAGGCTGTTACTT staple (40x75 nm tile) 

5[224]G CCCTGACGTTTTAACTGACCAACTTTGAAATCA
TAA staple (40x75 nm tile) 

0[175]G AGCGTCCAATACTGCGGAATCGTCGAATTACG staple (40x75 nm tile) 

Below—DNA staple sequences used to fold the 70 ×  90 nm2 DNA origami tile 

0[175] CGTACTGACTGCTCACGAGGTAGCTTTTTATTC
TGAAACATGAAAGTATTAAGAGGCTGA 

staple (70x90 nm tile) 
+ linker 

1[96] CCGTAACACAGACGTTAGTAAATGCAGCTTGC staple (70x90 nm tile) 

13[64] CAATTCTGAGAATTAGCAAAATTAAAGGATAA staple (70x90 nm tile) 

3[96] TTTCGAGGCAGGGAGTTAAAGGCCCGAAAGAG staple (70x90 nm tile) 

18[47] GTCGGATTACCCCGGTTGATAATCAGGTCATT staple (70x90 nm tile) 

23[64] GACGGGCAACAGCTGATTGCCCTAATTGCGT staple (70x90 nm tile) 

11[256] AACATGTTCATAATTACTAGAAAATCTTCTGA staple (70x90 nm tile) 

16[47] GCCTGAGAGCCTTTATTTCAACGCAGCAATAA staple (70x90 nm tile) 

1[224] CACAAACACACCACCGGAACCGCCATAGCAGC staple (70x90 nm tile) 

0[111] GGTTTTGCTCAGTACCAGGCGGATCCCATGTA staple (70x90 nm tile) 

0[239] CAGTGCCTTGAGTAACAGTGCCCGTTGATATT staple (70x90 nm tile) 

22[175] CTACATTTATTGGCAGATTCACCACAGTGCCA staple (70x90 nm tile) 

7[160] TCAAAAATTAAGAAACGATTTTTTCAGAACGA staple (70x90 nm tile) 
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9[128] TCATAACCATAGCGAGAGGCTTTTACTTCAAA staple (70x90 nm tile) 

5[192] CAGTATGTCCGAACAAAGTTACCAACAGAGAG staple (70x90 nm tile) 

1[256] TGGAAAGCCTTTTCATAATCAAAAAAGTTTGC staple (70x90 nm tile) 

19[224] AACAGTTGAGAAGATAAAACAGAGGGCCAACA staple (70x90 nm tile) 

6[207] CAGATAGTAGCAAACGTAGAAAAAATTATT staple (70x90 nm tile) 

21[224] GAGATAGATCCAGAACAATATTACAGTGTTTT staple (70x90 nm tile) 

17[128] TTCGCATTCCAATAGGAACGCCATCGGCACCG staple (70x90 nm tile) 

18[111] ATTCGCGTGTAAACGTTAATATTTGTTCTAGC staple (70x90 nm tile) 

10[111] AGTTTTGCCGAGGCATAGTAAGAGTTTAATTT staple (70x90 nm tile) 

13[192] ATCGCAAGATCAAAATCATAGGTCACAAACAT staple (70x90 nm tile) 

15[32] CGGGAGAAGTCTGGAGCAAACAAGCATGTCAA staple (70x90 nm tile) 

1[192] TGAGGCAGACCCTCAGAACCGCCAAAGGCCGG staple (70x90 nm tile) 

22[47] CCTGTCGTCATGCCTGCAGGTCGACTGCAAGG staple (70x90 nm tile) 

14[271] TTCCCTTTAATGGTTTGAAATAAATAAACA staple (70x90 nm tile) 

3[192] AAACGTCAGGTGAATTATCACCGTTTATTACG staple (70x90 nm tile) 

12[271] CCGGAATCAGCTAATGCAGAACACAAGAAA staple (70x90 nm tile) 

20[111] GGGCGATCACTCCAGCCAGCTTTCCAAAAATA staple (70x90 nm tile) 

16[143] CACCATCAGAAAGGCCGGAGACTTTCAATT staple (70x90 nm tile) 

23[224] TATAATCAGTGAGGCCACCGAGTAGGCCTTGC staple (70x90 nm tile) 

9[256] ACCTCCCGTCCCATCCTAATTTACCAATAAAC staple (70x90 nm tile) 

6[239] ATCTTACCGGCAACATATAAAAGACCGATTGA staple (70x90 nm tile) 

3[160] ACCAGTAGTTGGGAATTAGAGCCAACAACCAT staple (70x90 nm tile) 
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3[256] CTTTAGCGAAAGGGCGACATTCAAAACGCAAA staple (70x90 nm tile) 

17[32] TCATATGTCTCCGTGGGAACAAACTTGGTGTA staple (70x90 nm tile) 

10[271] AATAATAACTTGCGGGAGGTTTGCACCCAG staple (70x90 nm tile) 

0[271] GGAGTGTACTGGTAATAAGTTTTAGCCAGAA staple (70x90 nm tile) 

9[224] CGGTATTCATCAATAATCGGCTGTCAAAAGGT staple (70x90 nm tile) 

20[79] CCAGCTGACGACGACAGTATCGCAGCTTTC staple (70x90 nm tile) 

14[239] GCTTAGATATTTTAGTTAATTTCAAGCCTGTT staple (70x90 nm tile) 

5[160] AAGAACTGACGCAATAATAACGGAGAAACAAA staple (70x90 nm tile) 

7[192] AATAACATATAAACAGCCATATTAGCGCCCAA staple (70x90 nm tile) 

12[239] TAGTATCATCTGTCCAGACGACGAGAGCATGT staple (70x90 nm tile) 

22[79] TGCGCTCGGTACCGAGCTCGAACTATTACG staple (70x90 nm tile) 

20[271] TAAAACATTAGGAGCACTAACAATTTGAGG staple (70x90 nm tile) 

2[47] TTTCAGCGCTCAGAGCCACCACCCGCCCGGAA staple (70x90 nm tile) 

16[271] GGTTTAATCAATATATGTGAGTAATTAATT staple (70x90 nm tile) 

9[160] ATTTTCATATCGAGAACAAGCAAGACGATAAA staple (70x90 nm tile) 

4[47] ATCGGAACCTCCAAAAAAAAGGCTTTCAACAG staple (70x90 nm tile) 

5[64] ACTACGAACCGGAACGAGGCGCAGAGAGTAAT staple (70x90 nm tile) 

15[64] AAATTTTTATCTACAAAGGCTATCAGAAAAGC staple (70x90 nm tile) 

22[111] CTAATGAGTAGCTGTTTCCTGTGTGTTGGGAA staple (70x90 nm tile) 

4[79] GGGATCGATTGTATCGGTTTATAATTTTCT staple (70x90 nm tile) 

23[160] ACAGGAGGCCGATTAAAGGGATTTGGAAATAC staple (70x90 nm tile) 

13[160] TATAACTATAACCTCCGGCTTAGGGGCGCGAG staple (70x90 nm tile) 
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6[47] TCATAAGGTAAACGGGTAAAATACAAGACAGC staple (70x90 nm tile) 

11[192] AATAAGAGGCCAACGCTCAACAGTCAAATCCA staple (70x90 nm tile) 

18[239] GACAACTCTACTTCTGAATAATGGAGTAACAG staple (70x90 nm tile) 

0[47] TAGGTGTATCACCGTACTCAGGAGCCTCAGAA staple (70x90 nm tile) 

21[128] TATCCGCTCATAAAGTGTAAAGCCCGGTCCAC staple (70x90 nm tile) 

11[224] AAAGTAATTATGCGTTATACAAATAAACTTTT staple (70x90 nm tile) 

7[256] AGAGGGTATTTATCCTGAATCTTATTTAGCGA staple (70x90 nm tile) 

23[96] TGGCCCTGAGAGAGTTGCAGCAAGTGGGGTGC staple (70x90 nm tile) 

13[256] CCTAAATTAGAATCCTTGAAAACAGGAAACAG staple (70x90 nm tile) 

19[32] GATGGGCGTTGGGTAACGCCAGGGGCCAGTGC staple (70x90 nm tile) 

9[32] AAAGATTCTATTCATTGAATCCCCGAATGACC staple (70x90 nm tile) 

10[47] GTCATAAAATCAGTTGAGATTTAGCAGTCAGG staple (70x90 nm tile) 

19[192] CCTCAATCTTAACACCGCCTGCAAGTCACACG staple (70x90 nm tile) 

2[239] ACCAGAGCAATAAATCCTCATTAAAACGGGGT staple (70x90 nm tile) 

6[111] AATTGTGTATACACTAAAACACTCCGGTCGCT staple (70x90 nm tile) 

23[128] GCTGGTTTGCCCCAGCAGGCGAAGGAGCTAA staple (70x90 nm tile) 

18[207] TATTAATTTCATCAATATAATCTAACGGAT staple (70x90 nm tile) 

16[239] TACCTTTTAATTACCTTTTTTAATTAGCGATA staple (70x90 nm tile) 

4[207] CATTAAACCAATGAAACCATCGTCCCTCAG staple (70x90 nm tile) 

8[111] CAACTTTAACAAAGCTGCTCATTCGCCTGATA staple (70x90 nm tile) 

6[143] GTACAACGATTATACCAAGCGCATACCCAA staple (70x90 nm tile) 

4[111] GAGGCTTGTGAATTTCTTAAACAGAGTTTTGT staple (70x90 nm tile) 
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6[79] TACTTAGGGCACCAACCTAAAAGCTTTTGC staple (70x90 nm tile) 

4[143] CGCCCACGCGCCGACAATGACAGCAAAATC staple (70x90 nm tile) 

19[64] TTGAGGGGGCGAAAGGGGGATGTGCTCTAGAG staple (70x90 nm tile) 

8[271] CTACAATATTGAGCGCTAATATCCAATAAT staple (70x90 nm tile) 

15[96] CAATGCCTTAATGCCGGAGAGGGTAGCAAATA staple (70x90 nm tile) 

21[64] GATCCCCGACTGCCCGCTTTCCAGACCAGTGA staple (70x90 nm tile) 

12[47] TAATTGCTAAAATCAGGTCTTTACGCGGAATC staple (70x90 nm tile) 

22[143] CCGGAAGCACAATTCCACACAAGAAATGGA staple (70x90 nm tile) 

0[79] TCGAGAGGGTTGATATAAGTATATCATTTTC staple (70x90 nm tile) 

0[207] GTTAATGCCCCCTGCCTATTTCGCAGGAGGT staple (70x90 nm tile) 

14[47] AGCCTCAGTCATTCCATATAACAGTTAGAGCT staple (70x90 nm tile) 

5[32] GTTTCCATGAACCGAACTGACCAAGACCAGGC staple (70x90 nm tile) 

23[256] TGTCCATCACGCAAATTAACCGTCACTTGCC staple (70x90 nm tile) 

19[128] CTTCTGGTTTCAGGCTGCGCAACTGAAATTGT staple (70x90 nm tile) 

19[96] AAGATCGCGGTGCGGGCCTCTTCGTTCGTAAT staple (70x90 nm tile) 

10[79] TAGACTGTAATGCAGATACATATTATGCGA staple (70x90 nm tile) 

3[32] TTGAAAATGAGGGTAGCAACGGCTATGAGGAA staple (70x90 nm tile) 

2[143] TCATAGTCTGTAGCATTCCACAAGAACCAC staple (70x90 nm tile) 

13[32] TGGAAGTTAGCATAAAGCTAAATCTACTTTTG staple (70x90 nm tile) 

3[64] AGCCTTTATCACCCTCAGCAGCGAGTAATGCC staple (70x90 nm tile) 

2[79] GTATGGGCAAGCCCAATAGGAAAAGTGCCG staple (70x90 nm tile) 

1[32] CCGCCACCGAGTGAGAATAGAAAGTTTTCACG staple (70x90 nm tile) 
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12[79] AAGAGGTAGAAGCAAAGCGGATAAAATGTT staple (70x90 nm tile) 

20[175] CGCTGAGACTTGCTGAACCTCAAAACATTATC staple (70x90 nm tile) 

5[96] GCAAAAGACGAAATCCGCGACCTGTACCCAAA staple (70x90 nm tile) 

16[175] AATCGCGCAAAAGAAGATGATGAATGAGAGAC staple (70x90 nm tile) 

18[175] ATTTTGCGTCATCATATTCCTGATAGTTACAA staple (70x90 nm tile) 

21[256] AATACGTGAAGAACTCAAACTATCAAAGAGTC staple (70x90 nm tile) 

14[79] AAGGCAACGAACGAGTAGATTTCTTTTGAT staple (70x90 nm tile) 

18[271] ATTTAGACATATCAAAATTATTGATTTTCA staple (70x90 nm tile) 

10[143] AACCAAACTCGTTTACCAGACGCCGTTTTT staple (70x90 nm tile) 

7[32] GCATAGGCAAGAAAAATCTACGTTACAGGTAG staple (70x90 nm tile) 

8[79] TTTTAAGGAACCGGATATTCATCTCCATGT staple (70x90 nm tile) 

20[207] GTCAGTAAATATCTGGTCAGTTCCGAACGT staple (70x90 nm tile) 

13[96] CATTAGATTAACATCCAATAAATCTTTAAATG staple (70x90 nm tile) 

1[128] TACAACGCTAGCGTAACGATCTAACTTGATAC staple (70x90 nm tile) 

23[32] GGCGCCAGGGTGGTTTTTCTTTTCTCGGGAAA staple (70x90 nm tile) 

23[192] AACGGTACGCCAGAATCCTGAGACGCCAGCC staple (70x90 nm tile) 

17[64] CCCAAAAATTAAATGTGAGCGAGTCTGCCAGT staple (70x90 nm tile) 

20[143] TTCGCCAGCCGGAAACCAGGCAAAATCTAA staple (70x90 nm tile) 

12[111] ATTAGAGAAGAGGAAGCCCGAAAGGCAAAAGA staple (70x90 nm tile) 

2[207] AGCCGCCGTCAGACGATTGGCCTATAAACA staple (70x90 nm tile) 

17[224] TTGGATTAGTATTAAATCCTTTGCGGCAAATC staple (70x90 nm tile) 

21[192] ACCAGTAACAGGAAAAACGCTCATTAGACAGG staple (70x90 nm tile) 
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7[128] AGGCTTGCATTGGGCTTGAGATGGCAACACTA staple (70x90 nm tile) 

7[64] CTTGACAAAACTGGCTCATTATACGAATACCA staple (70x90 nm tile) 

16[207] TCGCCTGCAAAATTAATTACATGTCAATAG staple (70x90 nm tile) 

17[192] GATGGCAATTTAAAAGTTTGAGTATATCAAAC staple (70x90 nm tile) 

9[64] CATTCAACGATAGCGTCCAATACTCCTGACTA staple (70x90 nm tile) 

4[175] TGAGCCATCACCATTACCATTAGCCCCTCAGA staple (70x90 nm tile) 

15[224] TTCATTTGACATCGGGAGAAACAACTGATTGT staple (70x90 nm tile) 

3[224] ACCGTAATAGGTAAATATTGACGGATACATAC staple (70x90 nm tile) 

9[96] AGGAATTACAGAGGGGGTAATAGTTGCATCAA staple (70x90 nm tile) 

0[143] GACTCCTCAAGAGAAGGATTAGGGTACAAAC staple (70x90 nm tile) 

13[224] TCAAATATTAAGACGCTGAGAAGATTAACAAT staple (70x90 nm tile) 

14[175] TACCTTTTTATGTAAATGCTGATGAGGGCTTA staple (70x90 nm tile) 

6[175] CCGAGGAAGCATGATTAAGACTCCCACCGACT staple (70x90 nm tile) 

2[111] CGTCTTTCCTGAGTTTCGTCACCAATTAGCGG staple (70x90 nm tile) 

2[175] GCCACCACCCGCCGCCAGCATTGAGAACCTAT staple (70x90 nm tile) 

1[64] AGGGATAGATTTTGCTAAACAACTCCAAAAGG staple (70x90 nm tile) 

2[271] TTGCCATGCAGTCTCTGAATTTATGATACA staple (70x90 nm tile) 

12[175] ATTGAGAAAGGCAGAGGCATTTTCACCAAGTA staple (70x90 nm tile) 

21[160] TTATTTACTGACGCTCAATCGTCTCATACGAG staple (70x90 nm tile) 

6[271] AAGAGCAGGAATAAGTTTATTTCCAGCGCC staple (70x90 nm tile) 

20[239] CCACCAGCAAAGGAATTGAGGAAGAACAATTC staple (70x90 nm tile) 

8[47] ACGTTGGGTGGCTGACCTTCATCAACGGTCAA staple (70x90 nm tile) 
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3[128] CGATAGTTGCATAACCGATATATTATCTTTGA staple (70x90 nm tile) 

1[160] CACCAGAGCCTCAGAGCCGCCACCGACAGCCC staple (70x90 nm tile) 

22[207] ATTGCAATAAAAGGGACATTCTGTGAGGCG staple (70x90 nm tile) 

5[256] GACACCACAGAAACAATGAAATAGACAAAGTC staple (70x90 nm tile) 

11[32] ATAAATCAGAATATAATGCTGTAGACGGTGTC staple (70x90 nm tile) 

18[143] TTTTTAAAAATTTTTGTTAAATAGAAGGAG staple (70x90 nm tile) 

15[256] TACATAAACGTCAGATGAATATACAAGGGTTA staple (70x90 nm tile) 

8[239] AACGAGCGTAACTGAACACCCTGACAATAGCT staple (70x90 nm tile) 

7[224] GGGAGAATTCTTTCCAGAGCCTAAGGCTTATC staple (70x90 nm tile) 

11[64] TTATAGTCCATTTTTGCGGATGGCTTGATTCC staple (70x90 nm tile) 

16[79] TTGAGAGAGAACCCTCATATATATACAGGC staple (70x90 nm tile) 

4[239] GGGAGGGACAGTAGCGACAGAATCTCACCGGA staple (70x90 nm tile) 

22[271] TGAGTAGGCACAGACAATATTTGATAGCCC staple (70x90 nm tile) 

21[96] CATGGTCATGAGCTAACTCACATTTCACCGCC staple (70x90 nm tile) 

19[160] AGCATCACGCCAGCAGCAAATGAAAAGCGCCA staple (70x90 nm tile) 

8[207] TTACAAAAAAAACAGGGAAGCGAAAGTAAG staple (70x90 nm tile) 

4[271] AAAGACATCAGACTGTAGCGCGATTAGCGT staple (70x90 nm tile) 

18[79] ATCAACACAGGAAGATTGTATAAGCTATTT staple (70x90 nm tile) 

5[128] CCCCCAGCGGAGATTTGTATCATCAGTGAATA staple (70x90 nm tile) 

10[207] ATCATTCAAATCAGATATAGAATTTGCCAG staple (70x90 nm tile) 

17[256] GAACCTACAGTATTAGACTTTACAGTTATCTA staple (70x90 nm tile) 

15[192] CAAGAAAAATTGCTTTGAATACCATATCAGAT staple (70x90 nm tile) 
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17[96] TTTAAATTCTGGCCTTCCTGTAGCGCCTCAGG staple (70x90 nm tile) 

21[32] CAAGCTTGGCCAGCTGCATTAATGGCGTATTG staple (70x90 nm tile) 

20[47] CGATTAAGCATCGTAACCGTGCATAACAACCC staple (70x90 nm tile) 

19[256] AAATATCTTCGCCATTAAAAATACAGCGTAAG staple (70x90 nm tile) 

10[239] AGAAACCATAAGAACGCGAGGCGTCCAACGCT staple (70x90 nm tile) 

5[224] ATAAAGGTGAAGCCCTTTTTAAGACATTAGAC staple (70x90 nm tile) 

11[128] TATCGCGTGGAAGCAAACTCCAACCAATAACC staple (70x90 nm tile) 

22[239] TGGTAATAACCCTTCTGACCTGAACGAACGAA staple (70x90 nm tile) 

13[128] TGTTTAGCGGTGGCATCAATTCTAAAGATTCA staple (70x90 nm tile) 

7[96] TCAACGTAATCATTGTGAATTACCACGCCAAA staple (70x90 nm tile) 

14[143] CTGAAAATATATTTTCATTTGGTTGGGTTA staple (70x90 nm tile) 

11[160] TGTAATTTTCGCCATATTTAACAAAAAGCGAA staple (70x90 nm tile) 

12[143] CCAGACCTTTAATTCGAGCTTCCGCCAACA staple (70x90 nm tile) 

11[96] AAAGATTAGTACCTTTAATTGCTCAGTTTGAC staple (70x90 nm tile) 

12[207] GTATAAAAATATAAAGTACCGACTTTCCTT staple (70x90 nm tile) 

9[192] TAGCAAGCCAAGAACGGGTATTAAGAGCCAGT staple (70x90 nm tile) 

14[207] TGAATTTACAAAGAACGCGAGATCTTACCA staple (70x90 nm tile) 

14[111] AGTAGCATACATTTCGCAAATGGTAGGTCAGG staple (70x90 nm tile) 

16[111] TGATAAATGAGTAATGTGTAGGTACTAATAGT staple (70x90 nm tile) 

15[160] ACCTGAGCAGAGGCGAATTATTCAAGTCAAAT staple (70x90 nm tile) 

15[128] AAAGGGTGAATATGATATTCAACCTGTTAAAA staple (70x90 nm tile) 

17[160] CGGAATTAGAACAAAGAAACCACCCAGCTCAT staple (70x90 nm tile) 
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8[143] GTAGTAACCTGACGAGAAACACGTTTAACG staple (70x90 nm tile) 

8[175] AATCCAAAGAAAATAGCAGCCTTTGAAGGAAA staple (70x90 nm tile) 

10[175] CCGCACTCCGTAGGAATCATTACCTTTATCCC staple (70x90 nm tile) 

19[288]* ATTAGAGCttttCTTTAATGCGCGAACTTTGAAT
GG staple (70x90 nm tile) 

1[288]* AGTAAGCGttttCGGTCATAGCCCCCTTTTTTCA
TC staple (70x90 nm tile) 

5[288]* TCAATAGAttttAAGAATTGAGTTAAGCCAGAGA
GA staple (70x90 nm tile) 

11[288]* TTATCAACttttTAAGGCGTTAAATAAGCCGACC
GT staple (70x90 nm tile) 

7[288]* TAACCCACttttGATTAGTTGCTATTTTTGAAGCC
T staple (70x90 nm tile) 

17[288]* AAACAGAAttttCGTCAATAGATAATACACTAAT
AG staple (70x90 nm tile) 

15[288]* TTGCTTCTttttATAAAGAAATTGCGTATGCACG
TA staple (70x90 nm tile) 

9[288]* TAAATCAAttttAATAGATAAGTCCTGAGCGCCT
GT staple (70x90 nm tile) 

3[288]* GGCATTTTttttAAATTCATATGGTTTATGTCACA
A staple (70x90 nm tile) 

13[288]* GTGATAAAttttGTAAATCGTCGCTATTGAATAA
CC staple (70x90 nm tile) 

14[15]* CAAAAACttttATATGCAACTAAAGTCTCAACAT staple (70x90 nm tile) 

8[15]* GAACTAAttttGATGAACGGTGTACACTTTGAAA staple (70x90 nm tile) 

6[15]* GAGGACAttttACTAAAGACTTTTTCACAGAGGC staple (70x90 nm tile) 

4[15]* TTTGAGGttttTTGCGAATAATAATTGAACAACT staple (70x90 nm tile) 

22[15]* AACGCGCttttCGTTGTAAAACGACGTTTTCCCA staple (70x90 nm tile) 

12[15]* GTTTTAAttttCAGTTCAGAAAACGACTCAAATG staple (70x90 nm tile) 

16[15]* TGAACGGttttATTATGACCCTGTAAGGTTGTAC staple (70x90 nm tile) 

10[15]* CTTTAAAttttCGGAACAACATTATTAATAAAAC staple (70x90 nm tile) 

18[15]* GACCGTAttttTAATCGTAAAACTAGAGAATCGA staple (70x90 nm tile) 
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20[15]* GTCACGAttttATGGGATAGGTCACGGGCGGATT staple (70x90 nm tile) 

2[15]* AAAGGAAttttCCTCAGAACCGCCACGTTTAGTA
CCGCCAC staple (70x90 nm tile) 

21[288]* CTATTAGTttttTGATTAGTAATAACATTGTAGCA
ATACTTCTT staple (70x90 nm tile) 

23[8]* GGGGAGAGGCGGTTTAATCGGCC staple (70x90 nm tile) 

0[295]* TCATACATGGCTTTTGACCGTTCC staple (70x90 nm tile) 

 

Abbreviations for DNA modifications: (Oct-dU) = octadiynyl 
deoxyuracil; (Az) = azide; (C3) = propyl spacer; (C11-SS) = undecyl disulfide;  
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Figure A1. Melting gold wire into a single-crystal Au bead substrate. First 
the Au wire is bent into a spherical shape (a), which is then melted into a 
spherical bead (b). The bead is repeatedly cleaned in aqua regia, re-melted, 
and annealed in a hydrogen flame (c) until a crystal facet is obtained. Shown 
on the right (d-f) are example microscope images of (111) Au bead facets 
obtained using this method. 
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Figure A2. Schematic illustration of the PCR method for generating the 
DNA targets. One of the two primers (shown in orange) contains a single-
stranded region connected at the 5’-terminus by a propyl linker, which 
prevents the polymerase enzyme from copying over the tail region. This 
results in a long, double-stranded molecule containing a short, single-
stranded tail, as shown on the right. 
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Figure A3. Electrospray ionization mass spectrum of the undecyl disulfide-
modified DNA anchor strands. 
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Figure A4: Molecular structures of the Cu-binding ligands: TBTA (tris[(1-
benzyl-1H-1,2,3-triazol-4-yl)methyl]amine), TTTA (tris(1-t-butyl)tris(t-
butyltriazolylmethyl)amine), THPTA (tris(3-
hydroxypropyltriazolylmethyl)amine), and HLTA (3-(4-((bis((1-cyclopentyl-
1H-1,2,3-triazol-4- yl)methyl)amino)methyl)-1H-1,2,3-triazol-1-yl)propan-1-
ol). 
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Figure A5. 1H nuclear magnetic resonance spectrum of the HLTA ligand. 
1H NMR (400 MHz, Chloroform-d) δ 8.00 (d, J = 16.8 Hz, 3H), 4.91 (t, J = 7.0 
Hz, 2H), 4.53 (t, J = 6.5 Hz, 2H), 3.95 (s, 6H), 3.55 (t, J = 4.8 Hz, 2H), 2.52 (s, 
1H), 2.28 – 2.19 (m, 4H), 2.14 – 1.98 (m, 6H), 1.95 – 1.66 (m, 7H). 

 

 

 

 

 

 

 

 

 

���������������	
�����
�������

��

�

�

�

�

�

�

�

	




�

��

��

�����������
��������������������������


 ���

!��

��"�
�!��

��"�
�!��

#���
�!��

$���
�!��

%���
�!
�

&�'�
�!��

��"�
�!��

(�'�
�!��

�
!	
�

�
!�



�
!�
�

�
!�
	

�
!�



�
!�
�

�
!�



�
!�
�

�
!�
�

�
!	
�

�
!	
�

�
!	
�

�
!	
�

�
!	
�

�
!	
�

�
!

	

�
!




�
!




�
!

�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
	

�
!�
	

�
!�
	

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
	

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!�



�
!�
�

�
!�
�

�
!�
�

�
!�
�

�
!

	

�
!

�

�
!�
�

�
!�
�

�
!�
�

	!
�





!�
�

�
�

��

�

�

�

�

�
	

�



�
��

��

�
��

�
��

�
��

��

�
��

�
��

�
�	

�


��

��
��

�
��

��

��
��

��

�	

�


��

��

��

��



 162 

 

Figure A6: Structural diagram of the 40 × 75 nm2 rectangular DNA origami 
tile used for the surface-tethered folding experiment. The arrows denote the 
3’-termini of the DNA scaffold (black) and DNA staples (blue). The crossover 
spacing is 16 bp for every 1.5 turns, or 10.66 bp/turn, although some base 
pairs (indicated by red X’s) were periodically deleted to reduce the strain, as 
described previously. 15  Created using the caDNAno software package 
(http://cadnano.org). 
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“Because the history of evolution is that life escapes all barriers. Life breaks 
free. Life expands to new territories. Painfully, perhaps even dangerously. 

But life finds a way.”  
 

― Michael Crichton, Jurassic Park 
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