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Accurate Sizing of Nanoparticles Using a High-Throughput 
Charge Detection Mass Spectrometer without Energy Selection

Conner C. Harper†, Zachary M. Miller†, Matthew S. McPartlan†, Jacob S. Jordan†, Randall E. 
Pedder‡, Evan R. Williams†,*

†Department of Chemistry, University of California, Berkeley, California, 94720-1460, United 
States

‡Ardara Technologies LP, Ardara, Pennsylvania, 15615, United States

Abstract

The sizes and shapes of nanoparticles play a critical role in their chemical and material 

properties. Common sizing methods based on light scattering or mobility lack individual particle 

specificity and microscopy-based methods often require cumbersome sample preparation and 

image analysis. A promising alternative method for the rapid and accurate characterization of 

nanoparticle size is charge detection mass spectrometry (CDMS), an emerging technique that 

measures the masses of individual ions. A recently constructed CDMS instrument designed 

specifically for high acquisition speed, efficiency, and accuracy is described. This instrument 

does not rely on an ion energy filter or estimates of ion energy that have been previously 

required for mass determination, but instead uses direct, in situ measurements. A standardized 

sample of ~100 nm diameter polystyrene nanoparticles and ~50 nm polystyrene nanoparticles 

with amine-functionalized surfaces are characterized using CDMS and transmission electron 

microscopy (TEM). Individual nanoparticle masses measured by CDMS are transformed to 

diameters and these size distributions are in close agreement with distributions measured by 

TEM. CDMS analysis also reveals dimerization of ~100 nm nanoparticles in solution that cannot 

be determined by TEM due to the tendency of nanoparticles to agglomerate when dried onto a 

surface. Comparing the acquisition and analysis times of CDMS and TEM shows particle sizing 

rates up to ~80 times faster are possible using CDMS, even when samples ~50x more dilute 

were used. The combination of both high accuracy individual nanoparticle measurements and fast 

acquisition rates by CDMS represents an important advance in nanoparticle analysis capabilities.
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Introduction

Nanoparticles are used in a broad range of chemical and biological applications, including 

catalysis,1 drug delivery,2 and as materials in electronics and manufacturing.3,4 The size, 

shape, and composition of nanoparticles are important in determining their functionality 

in each of these applications.5 There are many different methods to accurately determine 

nanoparticle size distributions. Methods such dynamic light scattering (DLS) and small-

angle x-ray scattering (SAXS), use photon scattering to infer nanoparticle properties. 

Microscopy-based methods, such as transmission electron microscopy (TEM), scanning 

electron microscopy (SEM), scanning tunneling electron microscopy (STEM), and atomic 

force microscopy (AFM), directly image nanoparticles. Scattering-based methods can 

be performed directly and non-destructively on nanoparticles in solution, which can be 

an advantageous.6,7 In the case of SAXS, some information about the shape of the 

nanoparticles can also be determined.7 However, because these techniques rely on an 

ensemble measurement, they provide only average properties and typically require pure 

samples for an accurate size determination. This highlights a key advantage of microscopy-

based methods for nanoparticle characterization—the ability to resolve and measure 

individual nanoparticles with high precision and accuracy. Microscopy techniques can also 

be more readily applied to less “clean” samples containing irregular or multiple distributions 

of nanoparticles. However, microscopy techniques require significant sample preparation, 

including drying/affixing the sample onto a measurement substrate. This process can 

lead to aggregation that is not indicative of solution-phase properties.8 The analysis of 

individual nanoparticles in microscopy is also resource intensive because 1,000+ individual 

measurements can be required to produce a statistically meaningful size distribution.9 

Automated image analysis methods to size nanoparticles are an active area of research 

that can help reduce the time cost of compiling the necessary number of individual 

measurements, but these methods require careful parameterization and monitoring to avoid 

the inclusion of erroneous measurements or spurious data in the analysis.9
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Another method used to size nanoparticle distributions is differential mobility analysis 

(DMA).10–14 With this method, particles are aerosolized via electrospray ionization 

(ESI)10–13 or by pneumatic atomization,14 charge reduced to a single charge, and are 

subsequently analyzed by their relative mobility. Mobilities are related to particle size and 

shape. Information about these properties is inferred from the measured mobility. Similar to 

scattering-based methods, DMA experiments are ensemble measurements that are relatively 

fast, requiring anywhere from a few seconds to a few minutes.15,16 The resolution is limited, 

with typical experimental mobility errors of ±5%,15,16 although some optimized versions 

have achieved as low as ±1%.17 DMA experiments are often coupled with secondary 

analysis techniques, such as inductively coupled plasma mass spectrometry13 and aerosol 

particle mass analysis,14 which can provide complementary information to the mobilities 

determined by DMA.

Charge detection mass spectrometry (CDMS) is an alternative method for measuring the 

size distributions of nanoparticles. In CDMS, molecules or particles are aerosolized and 

ionized using ESI, as is often done with DMA. However, CDMS provides a direct and 

accurate measurement of the masses of individual particles from which mass distributions of 

the sample can be obtained. Conventional mass spectrometry methods for large molecules, 

which rely on m/z measurements of ensembles of ions, lead to spectral congestion and loss 

of information when the sample is heterogeneous and high in mass. In contrast, masses of 

individual ions are determined in CDMS via independent, simultaneous measurements of 

both m/z and charge, making it possible to eliminate spectral congestion.18–21 Similar to 

microscopy-based sizing methods, many individual ion measurements are compiled to yield 

a mass histogram that is representative of the range of molecules, molecular complexes, 

or particles in the sample. This approach to weighing ions makes it possible to measure 

mass distributions even when mixtures or other intrinsically heterogenous samples are 

analyzed.18,22–24 CDMS has been used to characterize a wide variety of large biomolecular 

assemblies, such as viruses and virus-like particles.22,25–28 CDMS has also been used to 

analyze polymer-based nanoparticles, but these studies had significant instrumentation-based 

limitations in either mass accuracy or the speed of data acquisition.18,23

Recent developments in CDMS methodology, including methods to simultaneously analyze 

multiple ions,29 determine individual ion energies during the measurement process in situ,30 

and determine signal amplitudes with greater fidelity,31 has prompted the design of CDMS 

instrumentation aimed at maximizing acquisition speed while retaining high accuracy 

mass measurement capabilities. For state-of-the-art CDMS instruments that incorporate 

electrostatic ion traps to make accurate charge and m/z measurements, ion energies must 

be known.30,32 Previous CDMS instruments have incorporated energy filtering ion optics 

to define a narrow band of ion energies to be analyzed, with the centerline of the 

energy passband used as the assumed energy for calculating the mass of each ion from 

its oscillation frequency.33,34 However, the use of an energy filter decreases sensitivity 

because fewer ions are allowed to reach the detection stage. For higher performance mass 

measurements, the energy bandpass of the filter must be reduced and individual ion trapping 

times increased,32 meaning that there is a direct trade-off between high performance and 

high throughput measurements. The recently developed capability to measure the energies 

of individual ions in situ has made energy filtering optics unnecessary.22,30 Moreover, 
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the simultaneous trapping and mass analysis of multiple ions have greatly improved the 

acquisition speed for this type of CDMS instrument.22,29

The recently constructed CDMS instrument used in this work does not incorporate an ion 

energy filter and instead relies on completely in situ ion energy measurements to determine 

the mass of each analyzed ion. This departure from previous CDMS instruments that 

incorporate energy filters along with other design optimizations yields increased sensitivity 

and overall acquisition speed that is demonstrated in this work. Two types of spherical 

polystyrene nanoparticles with diameters of ~50 nm and ~100 nm were used to evaluate the 

performance of this instrument. CDMS mass measurements are transformed into diameters 

via the known density and sphericality of the nanoparticles. These data are compared to 

the distributions of diameters derived from analysis of TEM images, including analysis of 

peak values, distribution shapes, and method biases. Because throughput is also an important 

consideration in the evaluation of a nanoparticle measurement technique, the time required 

to perform the respective TEM and CDMS experiments and subsequent analyses are also 

compared.

Results and Discussion

CDMS for Accurate Nanoparticle Size Characterization.

To evaluate the capabilities of the recently constructed CDMS instrument for accurate 

quantification of both the mass and diameter distributions of nanoparticles, a sample of 

Nanosphere™ size standard polystyrene spheres was analyzed using both TEM and with 

this CDMS instrument. The relatively low polydispersity and spherical shape of these 

nanoparticles make it an ideal standard for comparing the accuracy of diameters computed 

from individual ion CDMS mass data to those determined from TEM. With CDMS, the 

masses of 2,509 individual ions were measured in ~50 min, yielding the mass histogram 

shown in Figure 1a. There are three main peaks; a low mass peak at ~32 MDa that tails 

to higher mass, a main peak at ~354 MDa that tails to lower mass, and a minor peak at 

~705 MDa that also tails to lower mass. Because the distributions are non-normal, peak 

values were determined by smoothing the mass histogram using a Savitzsky-Golay filter 

and picking the local bin maxima (bin width = 0.5 MDa). The lower mass peak likely 

corresponds to malformed and/or undersized spheres. It is worth noting that because ions 

are counted individually in CDMS analysis, the relatively high counts for the low mass peak 

are exaggerated relative to the overall mass of the nanoparticles in a sample. In this case, 

ions with masses <50 MDa only account for a small portion (0.8%) of the overall mass of 

the measured ions. The minor peak at 705 MDa is approximately double the mass of the 

main particle distribution at 354 MDa and is therefore likely due to dimers of nanospheres. 

Because charge is measured independently of mass in CDMS analysis, a two-dimensional 

mass vs. charge histogram (Figure 1b) can be generated. In addition to being approximately 

double the mass of the main peak, the charge states measured for individual ions in the 

705 MDa distribution are significantly higher than expected for spherical nanoparticles of 

similar mass. Figure 1b shows that the main ion distribution centered at ~354 MDa have 

charge states that are on average 85% of the Rayleigh limit calculated for aqueous spherical 

droplets (blue dashed line, details provided in the Supporting Information). This extent of 
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charging is consistent with other approximately spherical analytes measured using ESI.28,35 

In contrast, the ions corresponding to the 705 MDa peak have higher charge states relative 

to the Rayleigh charging limit. On average, these ions were charged to 103% of Rayleigh 

limit, strongly indicating that these ions have a non-spherical geometry, such as that of 

two conjoined spheres. Charges can be more highly dispersed in this geometry, which 

lowers Coulomb interactions and leads to higher charging. Although the stochastic nature 

of particle charging inherently leads to fairly the broad charge distributions, the width of a 

charge distribution within a particular mass range in CDMS analysis of nanoparticles can 

also provide useful information about the extent of morphological homogeneity in a sample. 

A bimodal charging distribution has been observed previously in the CDMS analysis of 

tobacco mosaic virus disk complexes where two disks linked in an edge-on conformation 

exhibited a charge state distribution above the Rayleigh limit while a more compact stack 

of two disks exhibited charge states lower than the Rayleigh limit.24 It is worth noting that 

measuring both mass and charge directly using CDMS makes identification of nanoparticle 

dimers straightforward. In contrast, identification of dimers by scattering or mobility-based 

methods is more challenging because the signals from dimers are indistinguishable from 

those of larger single particles.

It is important to consider the origin of the dimer species observed in this sample. Non-

specific aggregation of analytes is common in ESI of smaller analytes and can exaggerate 

the abundances of oligomeric species in solution. However, this only occurs if the initial 

droplets generated by the ESI emitter are sufficiently large to contain multiple analytes at 

a given concentration.36–38 The low concentration of sample analyzed here (0.002% w/v, 

~60 picomolar (pM) based on the peak mass of 354 MDa), combined with the ESI emitter 

diameter of ~5 – 6 μm makes it extremely unlikely that two independent nanospheres 

occupy the same initially formed nanodrop. Previous work by Davidson et al.38 and Susa et 

al.39 has shown that droplets generated using comparable emitters have an initial diameter 

of ~1/14 – 1/20 of the diameter of the emitter tip. Using an estimate of 1/17, the 5 – 

6 μm emitter tip diameters used in this work should yield initial droplets ~300 – 350 

nm in diameter. The known concentration, density, and mean diameter (101 nm) of the 

nanoparticles analyzed were used along with this initial droplet size estimate to calculate 

average nanoparticle occupancy of a single droplet at ~0.0005 – 0.0008. Thus, fewer 

than one in a million droplets should contain more than one independent nanoparticle. 

Non-specific aggregation inside the evaporating ESI nanodrops is extremely unlikely to 

occur because the overwhelming majority of droplets contain either one or no analyte 

particles. However, dimers are ~10% of the total observed ion count. This indicates that the 

dimers observed here exist in the aqueous sample suspension and enter the initially formed 

nanodrops as dimers.

Because mass is directly proportional to volume, a sample that is normally distributed in 

the diameter domain should yield a non-normal distribution in the mass domain. Such 

a distribution should tail to high mass in a manner similar to a Boltzmann distribution. 

However, the opposite distribution shape is observed in the mass data of Figure 1a, with 

tailing to lower masses. To find the distribution of diameters expected from the data of 

Figure 1a, masses were transformed into the diameter domain assuming sphericality and 

using the bulk density of polystyrene (1.05 g/mL).40 These data are shown in Figure 1d. The 
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main distribution has a peak value of 101.7 nm and full width at half maximum (FWHM) 

of ~6 nm, in excellent agreement with manufacturer-certified mean value of 101 nm ± 3 nm 

and reported standard deviation of 6.2 nm. The apparent peak at ~127 nm corresponding to 

the dimer distribution can be disregarded due to the non-spherical shape of the dimers.

The diameter distribution measured using CDMS was compared to diameters obtained from 

TEM images of this sample. A representative image is shown in Figure 1c. Relatively wide-

field images (2 – 3 μm) were obtained in order to increase counts for statistical purposes. 

Images were analyzed using a FIJI/ImageJ plugin41 utilizing the Hough circle transform42 

to identify and determine the diameters of 976 nanoparticles. These results were compiled 

into the histogram shown in Figure 1e. Due to the natural tendency of nanoparticles to 

agglomerate when dried on a TEM grid, it is difficult to differentiate aggregates from 

actual suspended dimers using TEM images without additional sample preparation steps.8 

However, nanoparticles are analyzed directly from their working suspensions in the CDMS 

analysis, making it possible to quantify the extent of oligomerization that exists in the 

original solution. The capability of CDMS to provide this information can be useful in 

gauging the quality of nanoparticle samples and their chemical functionality.

The distribution of diameters determined from the TEM images in Figure 1e has a peak 

at 98.5 nm, ~3 nm lower than measured by CDMS and the manufacturer certified value. 

However, the TEM peak width (~6 nm FWHM) and overall peak shape match well with 

the CDMS data, with significant tailing of particle diameters toward lower values. The TEM 

distribution does not tail to as low particle diameters as CDMS distribution. It is possible 

that the lower masses detected by CDMS do not correspond to well-formed spherical 

particles and therefore are excluded by the automated image analysis method used in the 

TEM analysis. Several different factors could contribute to the ~3 nm difference in the peak 

values determined by the two methods. The mass uncertainty for an individual ion with 

the average charge of a non-dimerized particle (1190 e) is ~1.5%, which, when propagated 

into the diameter domain, is an uncertainty of only ~0.5%. Thus, the mass uncertainty in 

the CDMS measurements cannot account for all the observed difference between the two 

techniques. Solvent, surfactants, or salts can adduct onto ions, increasing their mass and 

hence apparent diameter. Nonspecific adduction during electrospray has been reported to 

add as much as ~1% to the nominal mass of analytes near 1 MDa in size43 and it is feasible 

that the extent of adduction could be higher for the ~350 MDa nanoparticles measured here. 

However, even if 3% of the measured mass is due to nonspecific adduction, the reported 

diameter would only be too high by 1%. Thus, adduction is unlikely to fully account for the 

small difference in diameters obtained from TEM and CDMS measurements.

The relatively large number of measurements made using CDMS (2,509) and TEM (976) 

makes statistical variance an unlikely explanation for the slightly different diameters 

obtained with these methods, but the non-normal distribution of diameters makes particle 

counting statistics more difficult to quantify. A potentially significant contributor to the 

observed difference in peak diameters is the TEM instrument calibration and image 

resolution (0.51 nm/pixel), as well as the automated particle sizing method used here.41,42 It 

is worth noting that the intended use of the Nanosphere™ size standards measured here (with 

a certified mean diameter of 101 nm ± 3 nm) is to calibrate electron microscopy instruments.
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To test the capabilities of the recently constructed CDMS instrument for the analysis of 

less homogeneous nanoparticles, CDMS and TEM measurements of a highly polydisperse 

sample of amine-functionalized polystyrene spheres with ~50 nm nominal diameters were 

performed. In the CDMS analysis, the masses of 14,455 individual ions were measured over 

a period of ~17 min and compiled into the mass histogram shown in Figure 2a. For these 

nanoparticles, there is a single broad distribution spanning 10 – 70 MDa centered at ~37.0 

MDa. The distribution in the mass domain is non-normal and tails toward higher masses. Ion 

masses were transformed into the diameter domain using the same process described above 

for the ~100 nm nanoparticles, and the resultant diameter histogram is shown in Figure 

2b. The mass-based diameter distribution ranges from ~30 – 60 nm with a peak at 47.5 

nm and tails toward lower diameters. TEM images of this nanoparticle sample were also 

analyzed, and a representative image is shown in Figure 2d. Diameters were measured for 

1,291 individual particles in the TEM images and compiled into the histogram of Figure 2c. 

The diameters measured with TEM have a similar distribution shape to those measured by 

CDMS (Figure 2b) but have a slightly lower range (25 – 55 nm) and peak value (42 nm).

The difference in peak diameter values obtained from TEM and CDMS measurements may 

be due to a combination of adduction in the ESI process, calibration and measurement 

errors, or statistical variance, but the larger difference between the results of the two 

methods for the ~50 nm sample than the ~100 nm standard nanoparticles indicates that 

another factor may play a role. For these nanoparticles, their smaller overall size and 

potential fluidity and flexibility in the amine-functionalized surfaces may cause the particle 

diameters to be underestimated in the TEM image analysis. It is interesting to note 

that no dimers are observed in the CDMS analysis of the amine-functionalized ~50 nm 

nanoparticles compared to the clear dimer peak observed for the unfunctionalized ~100 

nm nanoparticles. Dimers of lower mass nanoparticles could be concealed by the width of 

the mass distribution, but the mass vs. charge plot of the ~50 nm particles (Figure S1), 

shows charge states that are normally distributed across the entire mass range. A bimodal 

distribution would be expected if a non-spherical population existed. Thus, we conclude that 

no significant dimerization occurs for these particles. These results indicate that the amine 

functionalization is effective at eliminating particle aggregation.

Disparities of a few nanometers in the measured diameters for nanoparticles are common 

when comparing different sizing techniques such as TEM, SEM, STEM, AFM, DLS, and 

SAXS and these differences have been well documented elsewhere.44 The overall qualitative 

and very close quantitative matches of the distribution shapes and size between the two 

methods used in this work for both the ~50 nm particles (Figure 2) and ~100 nm size 

standards (Figure 1) indicate that CDMS is a viable nanoparticle sizing method capable of 

high-precision mass and diameter measurements.

Rapid Nanoparticle Characterization by CDMS.

Rapid analysis of nanoparticles would be useful to both the development of automated 

nanoparticle synthesis workflows and quality assurance of large-scale production. However, 

due to the polydispersity inherent to most nanoparticle samples, hundreds or even 

thousands of individual particle size measurements are required to attain a meaningful 
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representation of the size distribution. Sizing individual nanoparticles using microscopy 

image-based methods can be a time-consuming process.9 Choosing the proper concentration 

to avoid oversaturating the measurement substrate while still depositing a single layer of 

nanoparticles with sufficient area coverage for good counting statistics can require multiple 

imaging iterations. For the ~50 nm and ~100 nm nanoparticle samples analyzed by TEM 

in this work, dilution factors were optimized at 100 and 40, respectively. Preparing the 

sample and acquiring multiple images with independent fields of view required ~1 hr for 

each type of nanoparticle. Methods to process images and extract size information from 

each individual particle can also be time consuming. The automated Hough circle transform-

based method used here41,42 required ~3 – 4 s per particle using a desktop computer. 

Analysis of the 1,291 and 976 particles for the ~50 nm and ~100 nm nanoparticle samples, 

respectively, required ~1 hr each. Thus, the total combined experiment and analysis time 

required for each type of nanoparticle in these TEM analyses was ~2 hr. Software-assisted 

manual diameter measurement, a method still commonly used to size nanoparticles in 

microscopy images, can add even more to the time and effort required.44

The recently constructed CDMS instrument presented in this work is designed to maximize 

sensitivity and reduce the total acquisition time required to meaningfully quantify MDa-

sized analytes on an individual particle basis. In contrast to the TEM analyses, CDMS 

experiments measuring 14,455 and 2,509 ions took ~17 min and ~50 min respectively, from 

the ~50 nm and ~100 nm nanoparticle samples. The difference in count rates for the two 

samples is partially due to their differing dilution factors and average molecular masses. 

The initial 2.5% w/v ~50 nm sample, with an average mass of 37.0 MDa, was diluted 

by a factor of 5000, yielding a concentration of ~140 pM, whereas the ~100 nm sample 

(1% w/v, average mass of 354 MDa) has a concentration of ~60 pM. The difference in 

counting rate between the ~50 nm and ~100 nm samples may be also result of the different 

surfaces of the two nanoparticle types. The ~50 nm particles are functionalized with amine 

groups whereas the ~100 nm spheres are unfunctionalized polystyrene. The presence of the 

amine groups may promote a higher ionization efficiency in the ESI process, leading to 

the observed difference. Electrophoretic enrichment45 of the amine-functionalized particles 

in the electrospray could contribute to this difference. However, there was no significant 

variation in ion counts measured over time, even when nearly all the sample solution had 

been exhausted from the emitter capillary. This indicates that any electrophoretic enrichment 

that may occur does not lead to a measurable change in signal. It is also possible the larger, 

much more massive ~100 nm particles are not as efficiently transmitted and confined in the 

early stages of the CDMS instrument due to their large masses and aerodynamic acceleration 

effects that have been explored in other work.18 However, regardless of the number of 

particles, recent advances in CDMS data analysis methods31 have made it possible to 

measure and plot the masses of individual ions in real-time using a desktop computer (the 

same computer used for the automated TEM image analysis method) such that no significant 

time cost outside of the experiment duration was incurred for data processing.

To compare the time necessary for TEM and CDMS measurements, the time needed to 

obtain and analyze data was normalized to take into account the different particle counts, 

experiment times, and processing times to obtain a particle per minute (particles/min) 

acquisition rate for each method. The CDMS analysis method has rates of 850 and 50 
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particles/min for the ~50 nm and ~100 nm samples, respectively. The TEM method yielded 

rates of 11 and 8 particles/min for the ~50 nm and ~100 nm samples, respectively. Thus, 

CDMS analysis acquisition rates are ~6 – 80x faster than the TEM imaging method used in 

this work. It is worth noting that while the electrospray emitter tips used in this work were 

filled manually, sizing nanoparticles by CDMS is a process highly amenable to automation 

using auto-sampling techniques that are commonly used in other types of ESI-MS-based 

workflows.46

The greater degree of dilution (CDMS dilution factors of 5000 and 500, compared to 

TEM dilution factors of 100 and 40 for the ~50 nm and ~100 nm samples, respectively) 

used for the CDMS analysis is an additional advantage of the technique. Nanoparticles 

with poor solubilities or that are available only in small quantities that would preclude 

analysis by less sensitive techniques can still be analyzed by CDMS, rendering the main 

advantage of non-destructive analysis methods moot. The high degree of sample dilution 

also demonstrates the high sensitivity and detection efficiency enabled by the CDMS 

instrument design detailed here. Because the average mass, total ion count, and volume 

of expended sample were measured, and the sample concentration is known, it is possible 

to calculate the fraction of total particles expended in the analysis that were counted, i.e., a 

detection efficiency. For the ~50 nm and ~100 nm particles, the detection efficiencies were 

2.22 × 10−4 (~1/4500) and 3.65 × 10−5 (~1/27400), respectively. The detection efficiency for 

the ~100 nm spheres is comparable to the best detection efficiency (4.4 × 10−5 for ~4 MDa 

hepatitis B virus capsids) previously demonstrated by CDMS,47 despite the nanoparticles 

having ~100x higher masses. The detection efficiency for the ~50 nm nanoparticles is ~5 

times higher than the previous best demonstrated by CDMS,47 despite the relatively high 

and broad mass range spanned by the sample. The higher detection efficiency of the current 

instrument may be due to several factors, but it is likely that elimination of an ion energy 

filter that inherently reduces transmission plays an important role. The high acquisition 

speed and detection efficiency demonstrated here are important advances in the analysis of 

nanoparticles (and other analytes), both for quality control and research purposes.

Conclusions

Accurate size characterization of nanoparticles has primarily been done using methods 

capable of imaging individual particles at these small sizes, such as TEM, which report 

the diameters of individual particles. The number of particles necessary to characterize a 

size distribution varies but increases substantially with sample heterogeneity, leading to 

relative long analysis times that can involve both optimization of the sample preparation and 

the actual analysis of the resulting data. CDMS is an alternative method for determining 

particle size and has the advantage of high accuracy and speed for measuring the masses of 

individual particles. Total measurement and analysis time can be up to 80x less per particle 

compared to TEM, making it practical to acquire many more individual ion measurements 

and more accurately determine particle size distributions. Equally important is the ability to 

deduce the extent of aggregation that exists in solution from the preservation of aggregates 

though the measurement process. A mass accuracy of ~2% or better is readily achievable, 

which corresponds to a diameter accuracy of ~0.7% for spherical particles.

Harper et al. Page 9

ACS Nano. Author manuscript; available in PMC 2024 April 25.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



CDMS mass measurements can be applied to nanoparticles of nearly any type. The mass 

of a particle is a fundamental property that does not depend on shape. The accurate 

measurement of mass distributions of nanoparticles enabled by CDMS has many potential 

advantages in the characterization of nanoparticles. For nanoparticles of known shape, such 

as the spherical nanoparticles analyzed here, masses can be transformed directly into particle 

dimensions. For nanoparticles of unknown or mixed morphologies, some information about 

particle shape can be determined from the extent of particle charging. Alternatively, limited 

TEM measurements could provide sufficient information about shape and enable subsequent 

fast, high accuracy CDMS determination of the distribution of nanoparticle dimensions.

Although only aqueous nanoparticle suspensions were analyzed in this work, ESI is 

regularly performed using many different solvents and solvent mixtures. Thus, this 

technique is applicable to a broad range of nanoparticle types, including nanoparticles 

prone to aggregation in oxidative environments, such as some types of quantum dots.48,49 

The minimal sample preparation (typically dilution) and introduction through electrospray 

ionization that can be readily automated makes this a potentially powerful method for 

automated particle size characterization. CDMS analysis could be combined with high-

throughput chemical synthetic methods to analyze data in real time and provide feedback 

about particle sizes in automated synthetic workflows. Further improvements to this 

instrument to increase data acquisition rates and mass measuring accuracy are ongoing.

Methods

CDMS Instrument Description.

A CDMS instrument that does not incorporate ion optics for energy filtration was designed 

and constructed. Ion energies are measured directly from the duty cycle of ion oscillation 

within an electrostatic ion trap making it possible to introduce and measure the masses of 

ions with a wide range of energies. This method for ion energy measurements has been 

demonstrated on previous instrumentation and has been shown to be in good agreement 

with energy filter-based determinations of ion energies.30 In addition to simplifying the 

design of CDMS instruments, a key advantage of this configuration is that no ions are lost 

to an energy filter, resulting in improved sensitivity at low sample concentrations. Energy 

based mass biases stemming from the differing extents of aerodynamic acceleration for 

nanoparticles with different cross-sections entering a vacuum system18 are mitigated by the 

removal of energy filter. This recently constructed instrument also includes several other 

design optimizations aimed at maximizing the sensitivity, analyte mass range, and speed 

of individual ion analyses. The entire assembly, including a mounting cart and all power 

supplies and electronics needed for operation, has dimensions of 160 × 56 × 122 cm (L × W 

× H), excluding mechanical backing pumps. Figure 3 shows a schematic of the instrument 

divided into several main regions that are described in more detail below. Approximate DC 

potentials that ions experience as they transit the various ion optics is also provided in Figure 

3 below the corresponding regions of the instrument.

An ESI source, drying tube, ion funnel, and gate valve are contained in the first region 

highlighted in red in Figure 3. A nanoelectrospray source is used in all experiments 

performed in this work. Briefly, an electrospray emitter is mounted to a block and is 
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connected to a ±4 kV power supply (Ardara Technologies) through a platinum wire that is 

in contact with the sample solution. ESI voltages between +1.3–1.7 kV relative to the inlet 

capillary were used and currents of ~50–100 nA were typically observed. These voltages 

and currents correspond to the onset of electrospray and were not increased further during 

the course of the experiments. Borosilicate capillaries pulled to tip diameters of 5 – 6 μm are 

placed ~5 mm from the instrument inlet.50 ESI-generated droplets enter the instrument via 

a heated metal capillary that is 11.4 cm long with an inner diameter of 0.5 mm. The heated 

capillary serves to evaporate solution from the nanodrops in order to produce “bare” or 

unsolvated ions. This drying capillary is equipped with an isolated cartridge heater and PID 

temperature controller and can be heated to temperatures between 25 and 200 °C. A drying 

capillary temperature of 140 °C was used in this work. The drying capillary is maintained at 

a voltage of ~250 – 350 V.

Ions exiting the drying capillary enter a vacuum pumped region containing an ion funnel 

at ~1.7 Torr. The ion funnel is 11.4 cm long and has 57 discrete (0.6 mm thick) lens 

elements. These elements are spaced by 2.54 mm between centers in the upstream portion 

of the funnel; this spacing decreases to 1.27 mm between centers in the last ~23 mm of 

the funnel where the element orifices have their smallest diameters. The funnel elements 

are resistively connected to form a DC gradient across the length of the funnel between 

setpoints supplied to the furthest upstream and downstream elements. In typical operation, 

a “downhill” gradient of 20 – 80 V across the length of the ion funnel is used, starting at 

the voltage of drying capillary. 180° out of phase RF potentials of up to ~300 Vpp are also 

applied on alternating lens elements of the funnel to confine and assist in thermalization of 

the ions. The RF potential is supplied by a Broad-Head broadband RF power supply (Ardara 

Technologies) that can produce the required 300 Vpp output voltages at frequencies between 

10 and 500 kHz. A frequency of 200 kHz for the ion funnel RF was used in this work. At the 

downstream exit of the ion funnel, ions pass through a conductance limiting orifice (2.0 mm) 

and a thin gate valve region (Ardara Technologies) with a single tube lens with potentials a 

few volts below that of the downstream end of the ion funnel.

After transiting the gate valve region, ions enter a region (highlighted in yellow) containing 

three sets of rectilinear quadrupole ion guides (Ardara Technologies) with RF potentials 

provided by Broad-Head RF supplies (Ardara Technologies) with typical operating values 

of 600–1000 Vpp and adjustable DC offset voltages. The frequencies and amplitudes of the 

applied RF potentials can be selected to provide optimal containment of ions in a desired 

m/z range. Typical operating frequencies were between 70–200 kHz.

The chamber design and associated split-flow turbomolecular pump results in three 

differentially pumped regions with operating pressures of ~100 mTorr, ~3 mTorr, and ~0.1 

mTorr (pumping stages represented by gray arrows). The first rectilinear quadrupole has an 

inscribed diameter of 5.0 mm; the second and third quadrupoles have inscribed diameters 

of 8.0 mm. All three quadrupoles are equipped with asymptotic field shaping electrodes 

(Ardara Technologies), which provide gentle z-axis acceleration to prevent stalling of ions. 

An axial view of these electrodes relative to the quadrupole ion guides is shown inset in 

Figure 3. The electrodes are closer to the center of the quadrupole on the upstream side 

and further away on the downstream side. When the potential of these electrodes is set to a 
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value greater than the DC offset of the quadrupole rods, this geometry generates a potential 

gradient along the centerlines of the guides. A gentle gradient of ~5 V along the length 

of the quadrupole rods helps to move ions through this region and, when operating any of 

these guides as an ion accumulation region, concentrates ions near the downstream ‘exit’ 

of the quadrupole rods to facilitate more efficient extraction. The downstream quadrupole is 

capped with an exit lens with 5.0 mm aperture.

To facilitate accumulation and gated extraction of ions prior to the final analyzer stage, 

a custom MOSFET-based (2SK1835) switch can change the DC offset potential of the 

appropriate quadrupole section or downstream exit lens with <1 μs rise times. In this work, 

this switching is applied exclusively to the downstream exit lens and the approximate extent 

potential change is shown in Figure 3 by a black dotted line at point G1. The timings of this 

MOSFET switch and an additional identical switch used to control the DC potential of the 

upstream cone electrode (G2 in Figure 3) in the analyzer stage are controlled by computer 

via a NI PCIe-6612 counter/timer device and SCB-68A connector block that provide the 5 V 

switching signals to the gates of the MOSFETs with ~10 ns precision. This precise control 

of voltage switching and timing is necessary to ensure that a gated pulse of ions exiting 

from the last rectilinear quadrupole ion guide (at point G1) reaches the electrostatic trap 

containing the detection electrode at times when the trap is in an “open” voltage state (red 

solid line) immediately prior to entering the “closed” state (black dotted line) when ions are 

confined and measured. In this work, this ion time-of-flight delay was varied in even steps 

across a narrow range of delay times (~1 ms) centered around the delay time of optimal ion 

current for the sample being analyzed.

After extraction from the quadrupole region, ion pass through two sets of custom-built ion 

accelerators in two differentially pumped regions (highlighted in blue in Figure 3) separated 

by a 5 mm aperture. Each region is pumped by an Edwards EXT250 turbomolecular pump 

(Edwards Vacuum), yielding pressures of ~2 × 10−6 Torr and ~1 × 10−7 Torr in the upstream 

and downstream regions, respectively. The ion accelerators are composed of 31 and 43 

discrete lens elements (19 mm i.d.) for the upstream and downstream units, respectively. 

Potentials are supplied to the first upstream lens and the final downstream lens in each set. 

The internal lenses are connected resistively to form a non-focusing linear potential gradient 

along the length of the lens set. At the end of the second ion acceleration region, there is a 

conductance-limiting aperture (5.0 mm diameter) into the final vacuum chamber.

The final region of the instrument contains the electrostatic ion trap and detection cylinder 

(highlighted in purple in Figure 3). Upon entering the final vacuum chamber, ions must pass 

through a ‘collimator’, a 2.54 cm thick plate with a 0.5 mm aperture that is aligned with 

the center of the electrostatic ion trap. This effectively produces a thin beam of collimated 

ions because ions that are successful in transiting this aperture must have a relatively narrow 

angular and spatial spread. While this restriction results in ion losses, it ensures that ions 

entering the electrostatic trap have initial trajectories that are conducive to long-term, stable 

trapping.

The electrostatic ion trap is modeled after the original ‘conetrap’ design of Schmidt et al.51 

and has the same dimensions as a trap used for CDMS that was reported previously for a 
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different instrument,33 with one key difference. The dimensions of the detection cylinder (14 

mm length, 3.5 mm O. D. in this work) are half that of the previous CDMS instrument33 

and the positions of the cone electrodes and shielding plates were adjusted accordingly to 

maintain the same spacing as in the previous design. SIMION modeling of ion trajectories 

shows that decreasing the length of the detection cylinder increases the width of the ion 

energy per charge distribution that can be stably trapped at a given trapping voltage. At 

the 330 V trapping potential used both in this work and previous CDMS work, the range 

of stably trappable ion energies is ~184–273 eV/z compared to 193–253 eV/z reported for 

previous instrumentation.33 The shorter length of the detection cylinder also yields higher 

ion oscillation frequencies that increase S/N by reducing effects of 1/f noise and increasing 

the number of passes through the detector electrode. The trap is operated in a similar way to 

previous CDMS instruments,33 with the upstream cone potential reduced to 0 V (red line at 

point G2 in Figure 3) for a brief period of <1 ms to allow ions to enter the trap followed by 

a fast (<1 μs rise time) return to the full trapping potential (330 V in this work, shown by 

the black dotted line at point G2 in Figure 3). Ions in the process of transiting the detector 

tube or turning around in the downstream cone electrode region when the upstream cone 

returns to the full trapping potential are trapped. After trapping, ions can be retained for a 

user-selected length of time. A 100 ms trapping period was used for all experiments carried 

out in this work and only ions trapped for the full 100 ms period (>95% of all trapped ions) 

were included in the data analysis.

Data Measurement and Analysis.

Trapped ions oscillate between the cone electrodes and induce a current on the detection 

cylinder on each pass. This induced current is passed into the input of a charge-sensitive 

pre-amplifier (Amptek A250 CoolFET) with a Peltier-cooled JFET inside a shielded 

box within the vacuum chamber. The induced current is converted into a voltage signal 

with pulse amplitudes proportional to the charge of the ion. The signal is then routed 

outside of the vacuum chamber and passes through a custom bandpass filter with a flat 

(<0.11% ripple) passband from ~1 kHz to ~300 kHz with an overall gain of ~10. The 

signal is subsequently digitized at 1 MHz (AlazarTech ATS9120) and analyzed using 

a Python program implementing short-time Fourier transform (STFT)-based methods.29 

Peaks corresponding to individual ion signals within the STFT are traced and fit with their 

characteristic functions to avoid error due to scalloping and sampling artifacts in the FT and 

ensure amplitudes (and therefore charge) and frequency are measured with high accuracy. 

This method, which also uses custom-built Python software, has been described in detail 

elsewhere.31 The individually traced ion frequencies and amplitudes are then converted to 

measurements of m/z, charge, and ion energy.29,30,33,52,53 Calibration values used to convert 

frequency to m/z and convert harmonic amplitude ratios (HARs) to ion energies were 

determined from SIMION simulations of the instrument trap geometry.30 Calibration values 

used to convert fundamental amplitude to charge were determined using standards of known 

mass and a trap-specific SIMION simulation-based correction of raw amplitudes based on 

ion energies.53
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Materials.

A sample of Nanosphere™ size standard polystyrene spheres (1% w/v in aqueous 

suspension) with a calibrated mean diameter of 101 nm ± 3 nm and a standard deviation 

of 6.2 nm was obtained from the manufacturer (Thermo Scientific, catalog #: 3100/3100A) 

and diluted by a factor of 500 into 0.5% aqueous acetic acid. The calibrated mean diameter 

(certified batch #: 3100–009) is certified by the manufacturer via transfer by TEM from 

National Institute of Standards and Technology certified microspheres. A ~50 nm surface 

amine-functionalized polystyrene sphere sample (≥2.5% w/v aqueous suspension) was 

obtained from the manufacturer (Sigma Aldrich, product #: L0780) and diluted by a factor 

of 5,000 into 0.5% acetic acid. The manufacturer reported mean diameter range for this 

sample is 45–55 nm. The density of polystyrene is 1.0502 g/mL;40 this value is used in all 

calculations of diameter determined from measured masses.

Transmission Electron Microscopy (TEM).

Prior to TEM analysis, both the ~50 nm and ~100 nm polystyrene nanoparticle samples 

were diluted in pure water by factors of ~100 and ~40, respectively. Formvar/carbon coated 

300 mesh copper grids (Ted Pella Inc.) were made hydrophilic with an easiGlow (Pelco) 

benchtop glow discharge unit. 5 μL of sample were placed on each grid for 5 min before 

being manually dried using clean filter paper. Sample coated grids were imaged using a 

Tecnai 12 120 kV transmission electron microscope (FEI). Images were recorded using a 

Rio 16 CMOS with DigitalMicrograph software (Gatan Inc.). The resulting TEM images 

were analyzed using FIJI/ImageJ version 1.53v.54 Tiff-formatted files were converted to 

binary and contrast was enhanced using the Outline and Dilate features. Noise was removed 

using Despeckle. Circle radii were obtained using the Hough Circle Transform (HCT) 

plugin by University of California, Berkeley Vision Sciences with a radius search increment 

of 1 pixel and a Hough score threshold of 0.5 (more details on this plugin can be found here: 

https://imagej.net/plugins/hough-circle-transform).41,42 TEM images with a resolution of 

~0.5 nm/pixel were analyzed to generate a diameter and mass distribution for each sample. 

In total, 976 and 1291 particles were analyzed to generate the data shown for the ~50 nm 

and ~100 nm diameter nanosphere samples, respectively.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Figure 1. 
CDMS and TEM data for ~100 nm standardized nanoparticles. A mass histogram composed 

of 2,509 individual ions is shown in (a), with peaks at ~32 MDa, ~354 MDa, and ~705 MDa, 

corresponding to contaminants, the ~100 nm standardized nanoparticles, and nanoparticle 

dimers, respectively. The non-spherical shape of the dimer species is confirmed in (b), a 

two-dimensional mass v. charge histogram. The blue dashed line is the Rayleigh charging 

limit of spherical droplets as a function of mass. Spherical molecules, such as the ~100 

nm nanoparticles at ~354 MDa, are typically charged to less than ~100% of the Rayleigh 

limit, but non-spherical molecules, such as the dimers at ~705 MDa, can charge above 

this value because to their larger relative surface area allows charge to be spread out and 

reduces Columbic interactions. A representative TEM image of the ~100 nm standard 

nanoparticles is shown in (c). Diameters derived from the CDMS mass data are shown in 

(d) and can be compared with the diameters measured using TEM images shown in (e). 
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The main distribution in the CDMS-determined diameters has a peak value of 101.5 nm 

compared to the 98.5 nm determined from TEM. The CDMS-determined diameters in (d) 

exhibit a spurious peak at ~127 nm originating from the non-spherical dimer masses, but the 

similarity in peak shape and peak values between the main distributions of both (d) and (e) 

demonstrate indicate good agreement between the two methods for sizing nanoparticles.
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Figure 2. 
CDMS and TEM data for ~50 nm amine-functionalized nanoparticles. A mass histogram 

composed of 14,455 individual ions is shown in (a), with a single broad peak centered at ~37 

MDa. Diameters derived from the CDMS mass data are shown in (b) and can be compared 

with the diameters measured using TEM shown in (c). The CDMS diameters have a peak 

centered at 47.5 nm compared to 42 nm for the TEM data. Despite this difference, both 

size distributions have approximately the same shape, indicating a relative systematic error 

between the two methods that may originate from the amine-functionalized surface of these 

nanoparticles. A representative TEM image of the nanoparticles is shown in (d).
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Figure 3. 
A schematic of the recently constructed CDMS instrument used in this work and the DC 

ion optics potentials experienced by an ion as it transits the instrument. The instrument 

is divided into four main regions: an initial drying and funnel stage (red), a quadrupole 

thermalization and accumulation stage (yellow), an ion acceleration stage (blue), and the 

electrostatic ion trap stage (purple) where the induced current of ions oscillating within the 

trap is used to measure ion masses. The black dashed lines at points G1 and G2 indicate 

potentials experienced by ions during the “closed” accumulation and trapping state while the 

red line indicates potentials during the “open” state.
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