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ABSTRACT OF THE DISSERTATION
Petroleum-Degrading Bacteria Community Response to Limiting Nutrients in Marine
Sediment and Desert Soil
by
Lindsey A. Saum
Doctor of Philosophy, Graduate Program in Environmental Sciences
University of California, Riverside, August 2016
Dr. David E. Crowley, Chairperson

Though humans have over a century of experience with catastrophic marine and
terrestrial oil spills, response plans and cleanup techniques are still active areas of
research and development. This work evaluated the oil degradation potential and changes
in the microbial community following nutrient additions in polluted marine sediment and
desert soil.
Biostimulation experiments on Alaskan beach sediment still contaminated by the
Exxon Valdez tanker oil spill demonstrated that ambient air and hydrogen peroxide both
serve as suitable sources of oxygen to stimulate aerobic microbial degradation of the oil.
The addition of oxygen to the oil-contaminated sediment stimulated the growth of
Proteobacteria, which made up 77-92% of the population in the presence of ambient
oxygen and 76-88% with hydrogen peroxide. These experiments also revealed that
sediment samples collected from a non-contaminated portion of the beach also contained
a large fraction of microbial species that are known oil degraders.
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A phytoremediation experiment using mesquite trees in motor-oil-contaminated
desert soil indicated that the use of compost as a soil amendment enhanced oil
degradation, while biochar hindered degradation activity.
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Chapter 1

Introduction
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1.1!

Oil Spills

1.1.1! Marine
As a result of the consistent increase in demand for fuel and petroleum products,
billions of gallons of oil are discharged into oceans and seas around the world during oil
extraction, transport, and use. Such massive influxes of oil into marine environments
cripple the local ecosystems and pose a threat to human health and the economy. While
oil seeping out of cracks in the ocean floor is overall the greatest influx of oil into marine
systems, anthropogenic oil pollution causes more drastic environmental damage due to
the large quantities of oil being emitted in a short period of time.
Ocean and wind currents, gravitational settling, and diffusion spread oil slicks
horizontally and vertically through the water column, magnifying the problem over time
(Figure 1.1). Contact with the oil is hazardous to all types of marine wildlife and can
cause short term effects such as suffocation of creatures with lungs, inhibited insulating
ability of mammalian fur and bird plumage leading to hypothermia in cold regions, skin
lesions, and acute toxicity through ingestion. Oil spills often lead to long term
environmental damage as well due to habitat destruction, compromised food webs, and
long term health effects such as organ damage and ulcers due to prolonged exposure to
toxic petroleum chemicals (Engelhardt 1983). Of course, the amount of environmental
damage depends on numerous factors such as the type and volume of petroleum spilled,
how the petroleum was released, weather conditions, proximity to natural oil seeps, and
contact with shorelines (Fingas 2010).
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Figure 1.1 Fate of surface oil spills (International Tanker Owners Pollution Federation
Ltd. 2002).
While humans rarely suffer loss of life resulting from marine oil spills, the
resulting economic burden can be devastating to the affected region. Loss of tourism and
a suppressed fishing industry can cripple local economies for years following a major oil
spill. For example, the 2010 Deepwater Horizon oil rig spill led to estimated losses of
$3.8 billion from tourism and $4.36 billion from the fishing industry in the Gulf states
during the year of the spill (Smith et al. 2011).
1.1.2! Terrestrial
Although marine spills receive a tremendous amount of media attention,
terrestrial spills take place much more frequently. Of the roughly 10,000 reported oil
spills that occur in the United States every year, 88% happen on land and account for
90% of total volume of petroleum released into the environment (Fingas 2012). The
amount of petroleum spilled on land is expected to increase as the U.S. continues to shift
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from overseas suppliers to domestic and Canadian sources. Spills at loading and
unloading facilities and pipeline leaks comprise 80% of the oil spilled on land in the U.S.
(Fingas 2012).
Factors such as petroleum type, volume spilled, proximity to surface water and
groundwater, and ecological sensitivity of the affected site influence the amount of
environmental damage an oil spill can cause. Typically, the majority of the animals
impacted by an oil spill on land are limited to those that could not escape the spill path
(Nelson-Smith 1979). Habitat destruction, altered food webs due to loss of vegetation and
soil invertebrates in the impacted area, and water contamination are the leading causes of
wildlife death following a terrestrial spill. Kinako (1981) performed a simulated crude oil
spill on a tropical grassland ecosystem and reported up to 74% loss of primary
productivity six months after the spill and 67-92% loss of plant species diversity 10
months after the contamination event. The severity of a land spill increases tremendously
if petroleum reaches a surface water or groundwater supply. Chronic exposure to
carcinogenic petroleum chemicals through the water supply is the greatest threat to
human and environmental health in the event of an oil spill (Nelson-Smith 1979).

1.2!

Non-Biological Cleanup Strategies

1.2.1! Marine
To some extent, the environmental impacts of petroleum in marine systems can be
reduced by rapid and efficient response to oil spills. Government agencies and petroleum
companies develop oil spill contingency plans which are step by step guides detailing
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everything from initial data collection, appropriate cleanup techniques, safety guidelines
for workers, and how to deal with media. The emergency plans are based upon lessons
learned from previous spills and current research. Cleanup measures and techniques are
tailored to a location based upon specific environmental and situational factors such as
water temperature, current weather conditions, shoreline type, background nutrient
concentrations, and oil variety and quantity (Zhu et al. 2001).
Cleanup efforts commonly involve the use of devices and materials to physically
contain and remove oil, and methods to enhance degradation by microbes. Barricades
such as booms and sorbent materials placed on shorelines are utilized to limit the spread
of oil slicks. When spilled oil is still fit for processing and use, those sorbent materials
and booms, along with skimmers, are used to collect oil for recovery and refinement.
Skimming typically yields <10% recovery of the initial spill volume (El-Zahaby et al.
2011). If not fit for recovery, skimmed oil can be set ablaze on site by a process called in
situ burning. It is estimated that 5.4-7.6% of the oil released into the water column by the
Deepwater Horizon rig leak was skimmed and eliminated via in situ burning (Atlas &
Hazen 2011).
To minimize environmental impact, responders attempt to isolate oil slicks near
the spill site and most importantly, prevent the oil from reaching shore, especially near
sensitive shorelines such as wetlands, mangrove forests, and endangered animal nesting
grounds (Fingas 2010). When oil reaches the coastline, other physical removal processes
are employed. Beaches are pressure washed, wiped with sorbent materials, shoveled, and
turned via bulldozing to facilitate evaporation (U.S. Environmental Protection Agency
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2011). As demonstrated by the percentages stated above, these physical removal
techniques only account for a small fraction of oil spill cleanup (Atlas & Hazen 2011).
Metabolism by oil-degrading microbes is the primary mode of petroleum removal from
marine environments (Wolfe et al. 1994), which will be discussed in detail in subsequent
sections.
1.2.2! Terrestrial
Cleanup strategies for petroleum spills on land vary widely depending on the
location of the incident. In all cases, crews attempt to recover as much liquid oil as
possible using vacuum pumps and sorbents. Materials used to soak up petroleum from
past spills have ranged from organophilic clays and synthetic polymers, to cellulosic
materials such as straw and cotton fibers (Adebajo et al. 2003). Use of sorbents is
regarded as one of the most affordable and efficient means of removing liquid petroleum
from land and shorelines following a spill (Carmody et al. 2007).
Once pools of oil are removed, the contaminated soil can then be treated by one or
more of the following methods: excavation, in situ burning, bioremediation or
phytoremediation, natural attenuation. A review of 31 inland oil spill case studies found
that in situ burning of oiled soil can do significantly less damage to the environment than
excavation and chemical treatment, but should be limited to marshes, grassland, and
unvegetated ecosystems (Zengel et al. 2003). Excavation and off site treatment or
disposal of the polluted soil is a standard practice for small contamination sites, such as
underground storage tank removal, but is impractical and cost prohibitive for large oil
spills (U.S. Environmental Protection Agency 2004). When oil spills reach surface
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waters, containment and treatment strategies include those that are applied to marine
spills. Groundwater contamination requires expensive cleanup methods such as vapor
phase extraction, pump and treat, surfactant injection followed by pump and treat, and
chemical oxidizer injection. Again, cleanup employing oil-degrading microbes is
generally inexpensive, effective, and frequently practiced for soil and groundwater
remediation and will be discussed at length in a later section.

1.3!

Biological Cleanup Strategies

1.3.1! Marine
Since oil is a natural product and is present under the earth’s crust all over the
world, petroleum-degrading microbes can be found in almost every environment. Experts
in the field have stated that oil degraders are ubiquitous in marine systems (Head et al.
2006; Atlas & Hazen 2011). But because the preferred food source of oil-degrading
microbes is not always available in the marine environment, they only make up a tiny
fraction of the total microbial population in clean waters. However once oil is introduced,
the petroleum degraders metabolize the substrate, rapidly reproduce, and can comprise up
to 100% of the active microbial community (Atlas 1981). Marine systems typically
contain low levels of nutrients, so following an oil spill, while bacteria have access to an
abundant carbon source, their rate of metabolism and proliferation is limited by the
availability of other essential nutrients such as iron, nitrogen, and phosphorus (Atlas &
Bartha 1972).
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Due to the natural abundance of petroleum-degrading microbes in marine
systems, the most effective biological remediation strategy for oil spill cleanup is
biostimulation, the activation of native oil-degrading microbial metabolism through the
addition of limiting nutrients. Cleanup of the Exxon Valdez tanker spill in Alaska was the
first case where nitrogen and phosphorus were applied to oil-contaminated shorelines to
stimulate microbial remediation. Now the application of liquid or slow release solid
fertilizer is standard practice for remediation of oiled shorelines (U.S. Environmental
Protection Agency 2011). Repeat application of fertilizers runs the risk of stimulating
algal growth and eutrophication conditions, and thus must be monitored closely
(Swannell et al. 1996).
Oil spills in the open ocean are routinely treated with dispersants, which are
natural or chemical surfactants used to increase the surface area of the oil-to-water
interface, making the oil more accessible to oil-degrading microbes. Situational factors
such as weather conditions at the time of the spill play a huge role in determining which
biostimulation techniques can be utilized during cleanup. For example, even though
dispersants were evaluated and approved for use in the Prince William Sound, they were
not applied following the Exxon Valdez spill due to a series of storms that hit the region
days after the incident (Atlas & Hazen 2011). Conversely, calm waters and low wind
speed in the Gulf of Mexico at the time of the Deepwater Horizon leak permitted the
application of approximately 7.9 million liters of dispersant (Nyankson et al. 2015). Prior
to full scale application of nutrients or dispersants, brief field tests must be conducted to
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insure that the additive will effectively enhance the rate remediation (Swannell et al.
1996).
1.3.2! Terrestrial
In addition to biostimulation of native microbes, oil-contaminated terrestrial
ecosystems are also amenable to bioaugmentation, the addition of oil-degrading bacteria
cultures, and phytoremediation, contaminant decomposition by plants and/or their
associated rhizosphere microbial communities. Bacteria used for bioaugmentation
treatments can either be genetically modified organisms or species collected from the
environment that demonstrated exceptional degradation capabilities in laboratory
experiments. Liquid cultures of bacteria can be applied directly to the soil, but are
frequently more effective when the bacteria are attached to a solid substrate or
encapsulated in small semipermeable beads, providing access to nutrients and protection
from predators (Cassidy et al. 1996). Enhanced microbial activity frequently leads to
anoxic conditions within the soil and one or more aeration strategies must be
implemented, including soil tilling, air sparging, or chemical oxidation (Ivshina et al.
2015). Particularly in hydrocarbon contaminated groundwater systems, hydrogen
peroxide is commonly used to supply dissolved oxygen in anoxic conditions.
For phytoremediation, vegetation that has displayed tolerance to the target
pollutant is planted within or around the contaminated soil. Plants are sensitive to toxins,
so phytoremediation is typically only applied to mildly contaminated sites. Though some
plant species can take up and incorporate contaminants into their tissues,
phytoremediation of petroleum hydrocarbons is predominantly carried out by the
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communities of soil bacteria that reside in the root zone of the plant (Ansari et al. 2015).
The plant root system, called the rhizosphere, provides bacteria with root exudates as
food, oxygen, water, and nutrients, and therefore sustains a considerably larger
population of bacteria than bulk soil (Khan et al. 2013). Phytoremediation of petroleum
hydrocarbons has been successful using a variety of plants in many different ecosystems
including willow trees in a river floodplain (Nichols et al. 2014), and annual grasses in
the boreal forest (Phillips et al. 2009). While phytoremediation offers a low cost and noninvasive remediation strategy for oiled soils, a downside is complete elimination of the
contamination can take months to years (Khan et al. 2013). Like marine environments,
not all contaminated terrestrial sites are suitable for bioremediation and must be evaluated
before implementation.

1.4!

Hydrocarbon-Degrading Microbial Communities
Both aerobic and anaerobic microbes are capable of degrading oil, but reactions

incorporating oxygen as a terminal electron acceptor proceed at a much higher rate (Diaz
2004; Cao et al. 2009). Therefore, in the presence of oxygen, aerobic degraders are
responsible for the bulk of petrochemical remediation. Though fungi can play a major
role in the biodegradation of oil, only the processes carried out by bacteria will be
discussed here. Petroleum degradation is a complex sequential process in which the
myriad components of crude oil are attacked by different types of bacteria, each using
suites of enzymes that are specific to particular classes of oil chemicals (Swannell et al.
1996). The substrate specificity of each bacteria strain explains why crude oil
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remediation is substantially more effective in the presence of a community of bacteria
rather than one or a few species (Atlas 1984).
The population of petroleum degraders present in an environmental sample can be
estimated by growth on oil or a mixture of hydrocarbons found in petroleum. Although,
isolation and identification of microbes cultured on oil in the laboratory can only give a
limited view of the microbial population present in the natural system. It is commonly
known in the field of microbiology that only 1% of the total microbial population from an
environmental sample is capable of growing in the artificial conditions created in the
laboratory and is referred to as the great plate count anomaly (Staley & Konopka 1985).
For this reason, metagenomic assessment of the microbial community by isolating
deoxyribonucleic acid (DNA) and sequencing the 16S rRNA gene can give a more
complete perspective of the hydrocarbon-degrading microbial community. A limitation of
the metagenomics approach is that the oil-degrading microbes cannot be isolated from the
non-oil degraders, so the identification of the degraders must be matched in a database
with the 16S rRNA gene sequence of known bacteria that were previously cultured on oil
and identified by sequencing.
Presently, all known oil-degrading microbes are members of the following seven
phyla: Actinobacteria, Proteobacteria, Cyanobacteria, Firmicutes, Bacteriodetes,
Deinococcus-Thermus, Ignavibacteriae (Podosokorskaya et al. 2013; Hazen et al. 2016).
Genera that are particularly well studied and robust petroleum degraders are
Pseudomonas, Mycobacterium, Haemophilus, Rhodococcus, Paenibacillus and Ralstonia
(Tyagi et al. 2011).
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1.5!

Dioxygenase Enzymes
Crude oil is a mixture of hydrocarbons including alkanes, aromatics, and

asphaltenes of all sizes, ranging from a few carbons to hundreds per compound. The
majority of these chemicals are extremely hydrophobic, but they must be in dissolved
form in order for bacteria to transport them inside their cell wall for metabolism. For this
reason, some bacteria produce extracellular surfactants to solubilize oil. Once inside the
bacterium, petroleum hydrocarbons are readily degraded by enzymes. Aerobic
hydrocarbon degraders possess sets of enzymes called oxygenases to break the carboncarbon bonds of petrochemicals. Monooxygenase enzymes cleave carbon bonds by
incorporating a single oxygen atom, while dioxygenase enzymes incorporate two oxygen
atoms. Microbes produce a series of oxygenase enzymes to break carbon rings, cleave
linear carbon chains, and oxygenate the remaining carbon chains (Figure 1.2). The
resulting oxygenated linear hydrocarbons undergo further enzymatic manipulation in the
citric acid cycle to generate energy as adenosine triphosphate (ATP).
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Figure 1.2 General function of aromatic hydrocarbon dioxygenase
enzymes. Adapted from Diaz (2004).
Dioxygenase enzymes receive special attention in the field of oil remediation
because they are responsible for the breakdown of polycyclic aromatic hydrocarbons,
which are acutely toxic in two to three ring forms and carcinogenic, genotoxic,
embryotoxic, and/or teratogenic with four or more rings (Varanasi 1989). Given that
there are many congeners of polycyclic aromatic hydrocarbons in petroleum, oil
degraders produce dioxygenase enzymes that exhibit broad substrate specificity among
aromatic compounds (Chakraborty et al. 2012). Structurally, dioxygenase enzymes
consist of ! and " subunits that create the hydrocarbon binding site and two iron-sulfur
complexes to bind dioxygen molecules (Harayama et al. 1992).
The sets enzymes used in petrochemical biodegradation pathways are encoded by
genes arranged in clusters and can be located within the bacterial chromosome, but are
more commonly found in plasmids (Seo et al. 2009). Since dioxygenase enzymes are
13

essential for the degradation of toxic polycyclic aromatic hydrocarbons, the presence of
the genes that code for those enzymes is a common target for genetic analysis of
petroleum contaminated environments. Iwai et al. (2011) amassed a list of all known
dioxygenases from functional gene databases which totaled 464 genes. DNA sequences
that code for the iron-sulfur oxygen binding sites of dioxygenases are highly conserved
and therefore are fantastic regions to target when assessing the hydrocarbon degradation
capabilities of the bacteria present in oil-contaminated environmental samples.

1.6!

Cleanup of the Exxon Valdez Spill
The Exxon Valdez tanker ran aground the Bligh Reef on March 24, 1989 releasing

approximately 40.9 million liters of North Slope Crude oil into the Prince William Sound
(PWS) (Wolfe et al. 1994). Wind and water currents pushed the oil through the PWS and
eventually into the Gulf of Alaska, coating 1750 km of beaches along the way (Kelso &
Kendziorek 1991; Maki 1991; Wolfe et al. 1994). By May 1, it is estimated that 41% of
the spilled oil had washed onto the shores of the PWS, coating 16% of the total shoreline
(Wolfe et al. 1994; Neff et al. 1995).
Though there are a number of sand beaches in the PWS that were affected by the
oil spill, only rock beaches will be addressed here. The rocky beaches are covered with
stones ranging in size from gravel to cobble and are scattered with boulders. The
accepted technique for removing oil from rock beaches is spraying the surface with water
at high pressure and using hot water if necessary (Zhu et al. 2001). A number of heavily
impacted PWS beaches were sprayed with hot water at high pressures to move oil from
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the intertidal zone back into the water column to be skimmed (Mearns 1993). It is
estimated that 14% of the total spilled volume was removed from the open water and
shorelines (Wolfe et al. 1994). Other methods of shoreline cleanup involved relocating
cobble and gravel from the high tide line to the low tide line where oil would be exposed
to wave action (called berm relocation), and tilling to increase evaporation and aeration in
subsurface sediments (Taylor & Reimer 2008).
Though a huge amount of manpower was invested in these physical oil removal
techniques, biostimulation was by far the greatest contributor to shoreline cleanup.
The Exxon Valdez spill marked the first broad scale use of fertilizers to enhance shoreline
oil biodegradation (Atlas & Hazen 2011). Pre- and post-spill testing determined that the
addition of nutrients would stimulate the rate of biodegradation on oil-contaminated
beaches in the PWS (Bragg et al. 1994; Atlas & Hazen 2011). Application rates of the
fertilizers were also defined to ensure nitrogen levels remained within EPA water quality
regulations (Atlas & Hazen 2011). Approximately 113 km of shoreline was inoculated
with 48,500 kg of nitrogen and 5,000 kg of phosphorus during the summers of 1989 and
1991 (Pritchard 1991; Bragg et al. 1994; Wolfe et al. 1994; Atlas & Bragg 2009).
Nutrients were applied as two different formulas: a liquid oleophilic fertilizer called
Inipol EAP 22 (7.4% nitrogen, 0.7% phosphorus), and Customblen, a slow release
granulated fertilizer (28% nitrogen, 3.5% phosphorus) (Atlas & Bragg 2009). With the
help of biostimulation, the estimated loss of oil due to microbial degradation was 50%
(Wolfe et al. 1994).
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A joint study conducted by the EPA, Alaska Department of Environmental
Conservation, University of Alaska, and Exxon was initiated in 1990 to verify that the
addition of fertilizers improved petroleum biodegradation on PWS beaches (Prince et al.
1990; Lindstrom et al. 1991). The group found that fertilized beaches showed a 5- to
10-fold increase in the population of hexadecane and phenanthrene degraders than nonfertilized areas. The annual rate of remediation was also examined, which between 1989
and 1990 was calculated as 2.2 g oil/kg sediment for surface sediments and 1.1 g oil/kg
sediment for sediments at 30 cm depth (Prince et al. 1990). Numerous studies aiming to
quantify the oil-degrading bacteria followed thereafter. One group used flow cytometry to
quantify naphthalene-metabolizing bacteria in oil-contaminated beach sediment and
reported 108 cells/g sediment (Button et al. 1992). Another study found concentrations of
petrochemical-degrading bacteria at 105 cells/g sediment when grown on oil agar, while
the total heterotroph population grown on marine agar was 106 cells/g sediment (Sotsky
et al. 1994). Braddock et al. (1995) used direct counts and the Sheen Screen most
probable number technique to conclude that the concentration of hydrocarbon degraders
in oil-contaminated intertidal and subtidal sediments decreased from 1989 to 1991.
In the summer of 1992, the U.S. Coast Guard and the State of Alaska made an
official declaration that cleanup of the PWS was finished, as further efforts would not
continue to benefit the system (Atlas & Hazen 2011). However, additional exploration
has shown that a significant amount of Exxon Valdez oil still remains in PWS beaches
and a number of researchers support that the lingering oil is contributing to the delays in
population recovery of aquatic life. A study that investigated the biota inhabiting low
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energy oiled beaches concluded that populations of many intertidal species had not
recovered by 1996, especially on the heavily oiled beaches that were pressure washed
with hot water (Houghton et al. 1997). In 2001, Short et al. (2004) conducted an
investigation of PWS beaches and estimated that 90,700 kg of oil could still be found in
11.3 ha of beach surface and subsurface. An extensive study in 2002 reported that
lingering surface oil has predominantly weathered into asphalt, and surveys of subsurface
oil indicated that the majority of the contamination was found in the mid and upper
intertidal zones as discontinuous lenses about 3 cm thick and 5-10 cm below the surface
of the beach (Taylor & Reimer 2008). After revisiting sites from the previous survey,
Short et al. (2007) found that much of the subsurface oil remained only slightly
weathered in 2005.
Pockets of residual subsurface oil are of concern due to the potential negative
impacts on PWS biota. Sea otters (Enhydra lutris kenyoni) and harlequin ducks
(Histrionicus histrionicus)!received a great deal of attention because subpopulations
residing near beaches with lingering oil experienced exceptionally slow rates of recovery
compared to other groups of the same species (Iverson & Esler 2010; Bodkin et al. 2012)
and only recently reached pre-spill populations (Esler et al. 2015). Direct contact with oil
while foraging for prey in the intertidal zone is the most likely route of exposure (Payne
et al. 2008; Short et al. 2008; Bodkin et al. 2012). PAHs leaching from residual Exxon
Valdez oil have also been linked to prolonged cytochrome P450 1A expression in a
number of species including sea otters and harlequin ducks, supporting that those PAHs
are bioavailable (Short et al. 2008; Esler et al. 2015). The PAH burden in the pore water
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of contaminated beaches was found in concentrations 32-950 times greater than
background levels of PAH in the PWS (Short et al. 2008).
Why does slightly weathered oil persist in the beach subsurface of the Prince
William Sound decades after the Exxon Valdez spill? Hayes and Michel (1999) described
three geologic features of PWS beaches that are contributing to oil sequestration: cobble
and boulder armoring of finer sediments, low grade slope (4-6 °) of the middle intertidal
zone, and a thick layer of fine sediment between the surface cobble and bedrock. The
basic structure of these beaches consists of a rocky layer at the surface that sits on top of
a thick layer of finer sediment overtop of bedrock (Figure 1.3) (Boufadel 2009).
Lingering oil lenses reside a few centimeters below the interface of the two layers
(Boufadel 2009). Using lithium as a tracer, Xia et al. (2010) examined the beach
hydraulics and verified that the surface cobble layer prevented wave water penetration
into the fine sediment layer below. Of the sites where contamination remains, 90% of
lingering oil is located in these beaches where geologic features prevent water movement
to the subsurface sediments (Atlas & Bragg 2009).
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Figure 1.3 Schematic of Prince William Sound beach layers and location
of lingering oil (Boufadel, 2009).
While secluded from contact by tidal seawater, the subsurface beach oil is not
exposed to aerobic weathering processes. Anaerobic biodegradation contributes to the
disappearance of subsurface oil, but the process is very slow, which is why oil remains 27
years after the incident. The annual loss rate decreased from ~68% per year through 1992
to ~ 4% per year after 2001 (Neff et al. 1995; Short et al. 2007). Based upon the generally
accepted nutrient and oxygen requirements for oil degradation by bacteria, Venosa et al.
(2010) calculated that each kilogram of contaminated PWS sediment must encounter
3,000-11,000 L of seawater to provide sufficient oxygen and nutrients to stimulate
complete biodegradation of the oil. Recent work has indicated that oxygen and nitrogen
are the key factors limiting bacterial degradation of subsurface oil (Atlas & Bragg 2009;
Venosa et al. 2010; Sharifi et al. 2011).
Some hypothesize that residual oil is coated in a highly weathered layer of asphalt
or a layer of minerals that is preventing microbial access to the hydrocarbons within this
impermeable “skin” (Owens & Sergy 1997). Michel and Hayes (1999) claimed that an oil
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skin is not likely to be a factor inhibiting the degradation of PWS subsurface oil because
slicks form when trenches are dug, suggesting that the subsurface oil is susceptible to
water flushing. Exploring the issue further, Boufadel (2009) reported that the oil is not
coated in a mineral layer and speculated that the general trend of increasing
petrochemical recalcitrance moving landward does not support the asphalt skin theory.
Rather, the irregularity of petrochemical weathering in the PWS beaches suggests that the
microbes are more likely to be limited by access to oxygen and nutrients as a result
random geologic features directing terrestrial freshwater runoff through the beach
subsurface (Boufadel et al. 2010).
A laboratory degradation study completed by Venosa et al. (2010) determined that
the native PWS beach sediment microbes will degrade the lingering oil when given
oxygen, nitrogen, and phosphorus. With this information, Boufadel et al. (2012) proposed
delivery of inorganic nutrients and oxygen in the form of hydrogen peroxide to the
oil-contaminated sediments by subsurface injection at the high tide line using a manifold
pump system. Only preliminary trials of this in situ biostimulation setup have been
carried out to date. However, these laboratory and field studies only assessed oil loss and
did not evaluate how the biostimulation treatments affected the species composition and
structure of the microbial community responsible for the oil degradation.
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1.7!

Oil Remediation in Deserts
Oil spills on desert soils create a challenge for biological remediation due to the

low nutrient levels and arid conditions, but with calculated application of biostimulants,
rapid oil remediation can be achieved by native microbial populations. The catastrophic
Gulf War oil spills which released 25-30 million barrels of crude into the deserts of
Kuwait (Environment Protection Council 1991) led to numerous bio- and
phytoremediation studies aiming to mitigate oil-saturated desert ecosystems. In a
laboratory microcosm experiment, researchers mixed clay soil into heavily oiled desert
soil to increase the overall soil water holding capacity and reported 85.8-89.1% removal
of PAHs in contrast with non-amended control soil which only achieved 61.7-75.5%
degradation following an irrigation treatment (Al-Gounaim & Abu-Shady 2004).
Similarly, desert soil contaminated with oil 20% w/w and amended with vermiculite at
50% v/v to improve soil aeration reached 91% oil remediation while only 74% of the oil
was removed from the control that lacked vermiculite (Embar et al. 2006).
A number of groups performed landfarming field tests in the oiled Kuwaiti
deserts, which involved arranging excavated oiled soil into piles similar to a compost
pile, amending the soil with nutrients, irrigating the piles and turning or tilling them
regularly for aeration. Examples of these landfarming studies are as follows: 82% oil
biodegradation in lightly contaminated soil and 52% degradation in heavily contaminated
soil (Al-Awadhi et al. 1996), 82.5% degradation of total petroleum hydrocarbons in
heavily oiled soil (Balba et al. 1998), 87% biodegradation of PAHs in heavily
contaminated soil (Al-Daher et al. 2001). Together these and similar studies support that
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aeration and access to water are essential for bioremediation of oiled desert soils, and
amendments to increase soil water holding capacity and nutrient concentrations can
further stimulate degradation by native microbial communities.
Phytoremediation was also found to be an effective method to promote oil
degradation in lightly polluted Kuwaiti soils and as a secondary treatment following
landfarming of heavily polluted areas. Since legumes harbor atmospheric nitrogen fixing
bacteria within their roots, they are an excellent choice for phytoremediation of nutrient
limited desert soils. A greenhouse study using previously landfarmed oiled soil in Kuwait
found that broad bean (Vicia faba) and alfalfa (Medicago sativa) respectively led to
36.6% and 35.8% degradation of total petroleum hydrocarbons, while non-leguminous
rye grass (Lolium perenne) and a non-planted control soil only achieved 24% and 13%
degradation, respectively (Yateem et al. 2000). Another greenhouse experiment using
sandy desert soil treated with 1% w/v crude oil discovered that the rhizosphere of
leguminous plants supported the growth of 3-6 times more hydrocarbon degrading
bacteria than non-legumes (Sorkhoh et al. 2010). In many cases, the microbial
community inhabiting the rhizosphere and bulk soil in oiled desert locations was limited
to the phyla Firmicutes, Proteobacteria, and Actinobacteria (Saadoun et al. 2008; Yateem
et al. 2008; Abed et al. 2014).
In addition to managing large events like the Kuwaiti oil spills, the
bioremediation potential for small spills needs to be evaluated as well. Even in areas
without oil drilling activity, the risk of oil spills from pipeline and rail transportation, and
other sources such as industrial and motor oils can pose a threat to desert ecosystems.

22

Leguminous plants that are native to the deserts of the United States and Mexico could be
exceptional choices for phytoremediation of oil spilled in those regions. Inexpensive soil
amendments such as biochar (a form of charcoal produced under low oxygen conditions)
to increase soil aeration and water holding capacity, and compost to provide essential
nutrients could help stimulate the phytoremediation of oiled desert soils in North
America.

1.7

Objectives
The goals of the experiments described here were to evaluate the effectiveness of

biostimulation amendments for the remediation of oil-contaminated soil and sediment
and study the impacts of those treatments on the native microbial communities. Chapters
2 and 3 respectively report the effects of ambient oxygen and hydrogen peroxide
treatment on marine sediment polluted by the Exxon Valdez tanker spill in Alaska. Those
experiments also aimed to provide the first metagenomic assessment of the oil-degrading
microbial community found in those sediments. Chapter 4 addresses the addition of
biochar and compost as soil amendments to enhance the phytoremediation activity of the
mesquite rhizosphere of motor-oil-contaminated desert soil.
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Chapter 2

Oil-Degrading Microbial Community Identification and Biostimulation in Contaminated
Prince William Sound Beach Sediment
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2.1

Abstract
Residual crude oil spilled by the Exxon Valdez tanker still plagues the subsurface

of many beaches in the Prince William Sound. Though natural populations of oildegrading bacteria reside in the contaminated sediment, they lack the levels of oxygen,
nitrogen, and phosphorus required for aerobic metabolism of the oil. In this study oiled
and non-contaminated Prince William Sound sediment samples were treated with low or
ambient oxygen levels, nitrogen, and phosphorus to assess the effects on oil degradation
rate, microbial community structure, and presence of dioxygenase genes. Proteobacteria
was the dominant microbial phylum in the oil-contaminated sediment treatments, while
Proteobacteria, Actinobacteria and Bacteroidetes were the most common phyla in the
non-contaminated sediment. A number of dioxygenase genes were identified in all
samples, and there was a clear distinction between the types of dioxygenase genes found
in the oiled and non-oiled sediment treatments. Carbon dioxide emission and petroleum
degradation results indicated that nutrients and ambient oxygen together was the most
effective oil remediation treatment. The results also suggest that nutrients may be a
greater limiting reagent for petroleum degradation than oxygen in this system.
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2.2

Introduction
Although 27 years have passed since the Exxon Valdez tanker spilled crude oil

into the Alaskan Prince William Sound, a survey in 2005 indicated that approximately
1260 m2 of beach subsurface is still contaminated with oil (Short et al. 2007). Recent
work concluded that biostimulation of the native petroleum-degrading microbial
community could be an effective strategy to eliminate the subsurface oil (Venosa et al.
2010). The experiment by Venosa et al. (2010) also established that while nitrogen and
phosphorus are limiting nutrients in the system, oxygen was the key limiting factor
preventing microbial degradation of the petroleum during their experiment. Projects
exploring the potential for in situ remediation strategies in the Prince William Sound
have identified that chemicals delivered to the beach subsurface in liquid form can reach
the pockets of oiled sediment (Li & Boufadel 2011; Boufadel et al. 2011; Guo et al.
2014).
However, so far there has been no study of how biostimulation treatments would
affect the native microbial community in these contaminated sediments. The objectives of
the research reported here were to evaluate changes in the Prince William Sound
microbial community composition and oil degradation capability following exposure to
oxygen and nutrients. Crude oil degradation was assessed via solvent extraction and gas
chromatography, and microbial community structure was identified by total
deoxyribonucleic acid (DNA) extraction and metagenomic sequencing. To date, this is
the first project to use molecular techniques to identify members of a native microbial
community in oil-contaminated Prince William Sound beach sediment.

33

2.3

Materials and Methods

2.3.1

Microcosm Setup
Solvents used throughout the experiment were Fisher Scientific Optima® GC

grade (Pittsburgh, PA, USA), and chemicals were 98% purity and above unless stated
otherwise. All materials used for the microcosm setup were burned in a muffle furnace
for 4 hours at 400 °C or solvent rinsed twice with each acetone and dichloromethane, and
autoclaved. Non-contaminated and oil-contaminated sediment samples were each
collected from single pits dug in the intertidal zone of Smith Island (60°31'39.53"N,
147°23'5.94"W) and filtered through 0.64 cm2 galvanized steel screen using sterile
technique and transferred into glass jars. The jars of sediment were transported on ice,
and stored at 4 °C until use.
Each type of sediment was homogenized via shaking by hand and approximately
8 g were transferred to 35 mL glass vials with open screw cap and silicone/PTFE septa.
Approximately 7 mL of sterile artificial seawater (Instant Ocean® Sea Salt, Blacksburg,
VA, USA) at 27 ppm salinity was added to the vials to completely submerge the
sediment. All samples received 5-α-cholestane (0.05 mg/g sediment) as a biomarker.
Control treatments were given with 37% w/v formaldehyde at 140 µL/g sediment.
Treatments amended with nitrogen and phosphorus (referred to as nutrient treatment)
were spiked with sodium hexametaphosphate (0.17 mg/g sediment) and potassium nitrate
(1.71 mg/g sediment). The low oxygen treatment vials were flushed with sterile nitrogen
gas for 10 minutes at 100 kPa and were maintained at approximately 13% oxygen, while
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the ambient oxygen treatments were kept around 20%. Please see Table 2.1 for a list of
the various treatments.

Table 2.1 Experimental treatments.
Oiled Sediment
formaldehyde control
low oxygen with nutrients
low oxygen
ambient oxygen with nutrients
ambient oxygen

Non-Contaminated Sediment
formaldehyde control
low oxygen with nutrients
low oxygen
ambient oxygen with nutrients
ambient oxygen

The microcosms were incubated at 16 °C, which is the average daily summertime
temperature in the surface waters surrounding Smith Island, shaking at 120 rpm in
darkness for 42 days. During the microcosm setup, 30 g aliquots of the oiled and noncontaminated sediments were stored in glass screw top vials at -80 °C for hydrocarbon
and microbial community analysis of the initial sediment conditions. On the final day of
the incubation experiment, microcosm sediment slurries were frozen for 6 hours at
-80 °C, placed in a freeze drier for 12 hours to evaporate liquids, and stored at -20 °C.
Dry weight of the initial sediment samples was established by drying samples in an oven
at 70 °C for 6 hours.
2.3.2

Headspace Gas Analysis
Throughout the incubation, headspace gas was sampled with an ethanol sterilized

needle and syringe in order to quantify carbon dioxide and oxygen concentrations. A PP
Systems EGM-4 infrared spectrophotometer (Amesbury, MA, USA) was used to evaluate
carbon dioxide and oxygen was quantified using a Shimadzu GC-8A gas chromatograph
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with a thermal conductivity detector (GC-TCD) (Kyoto, Japan). The GC-TCD settings
were as follows: injector and detector 100 °C, column 70 °C, Pol +, current 80 mA,
attenuation 0, carrier gas ultrapure helium at 330 kPa. The column was an AllTech
washed molesieve, 5A 80/100, 6’ x 1/8” x 0.085” SS. Five-point calibration curves of
zero air were used to determine the amount of carbon dioxide in 4 mL of headspace gas
and 0.4 mL injections of headspace gas to evaluate oxygen concentration. Each time
headspace carbon dioxide and oxygen levels were measured, the low oxygen treatment
vials were flushed with sterile nitrogen for 10 minutes at 100 kPa and the ambient oxygen
treatment vials were opened inside a laminar flow hood for 20 min.
2.3.3

Petroleum Hydrocarbon Quantification
To assess the loss of petroleum hydrocarbons, samples from the initial sediments

and from the microcosms on the final day of the incubation experiment were extracted
via a mechanical shaking protocol modified from Schwab et al. (1999). One gram
aliquots of dry sediment were spiked with the surrogate standard ortho-terphenyl in
dichloromethane (50 mg/g sediment) and extracted with 10 mL of a dichloromethaneacetone mixture (1:1) for 30 minutes at 250 cycles/min. Following 15 minutes of settling,
the supernatants were passed through sodium sulfate. The same 1 g sediment samples
were extracted and decanted twice more for a total of three solvent extractions. After the
third extraction, the sodium sulfate filter was rinsed with 5 mL of dichloromethane.
Extracts were concentrated with a stream of nitrogen gas, solvent changed to n-hexane,
and reduced to 2 mL. Biological organic compounds were removed from the extracts via
solid phase extraction following a protocol modified from Yang et al. (2011) using a
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vacuum manifold. The prepackaged silica columns (1 g) were conditioned with 10 mL nhexane, loaded with samples, and eluted with 5 mL n-hexane and 10 mL
dichloromethane. The eluents were concentrated with a stream of nitrogen gas, solvent
changed to n-hexane, and reduced to 1 mL. Total hydrocarbons were quantified on a gas
chromatograph coupled with a flame ionization detector (GC-FID) (HP 6890 Series GC
System, Agilent Technologies, Santa Clara, CA, USA) with an Ultra 2 cross-linked silica
column (25 m x 0.2 mm I.D, 0.33 µm film thickness, Agilent Technologies, Santa Clara,
CA, USA) using the GC settings and conditions described by Larsen et al. (2010).
Samples were spiked with 5-α-androstane as an internal standard and quantified using an
external standard of alkanes n-C8-C40, pristane, and phytane (Hydrocarbon Window
Defining Standard Set, Accustandard, New Haven, CT, USA). Total peak area of the
unknown samples was calculated by manual integration using ChemStation software
(ChemStation Rev A.04.01, Agilent Technologies, Santa Clara, CA, USA). Oil
hydrocarbon data were isolated from the total hydrocarbon data by subtracting the
average values for non-contaminated treatments from the associated oiled treatments,
thereby removing signals from non-petroleum hydrocarbons. Statistical analyses were
performed using SAS JMP® Pro 11.0.0 (Cary, NC, USA).
2.3.4

Microbial Community and Dioxygenase Evaluation
In preliminary work, direct DNA extraction from freeze dried sediment samples

did not yield adequate concentrations of DNA, so prior to the extraction an ethanol
precipitation was performed using the Cold Spring Harbor Standard Ethanol Precipitation
of DNA in Microcentrifuge Tubes protocol (Sambrook & Russell 2006). DNA was
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precipitated from 1 g of freeze dried sediment from each microcosm vial and magnesium
chloride was included in the reaction, which was incubated at -20 °C overnight. The
PowerSoil® DNA extraction kit (MoBio, Carlsbad, CA, USA) was used to extract total
microbial DNA from sediment aliquots using a modified protocol provided by the
manufacturer, with additional alterations. PowerBead solution from the extraction tubes
was used to resuspend the ethanol precipitation pellet from each sample and was
transferred back to the PowerBead extraction tube. The same 1 g of sediment used for the
ethanol precipitation reaction was also added to the PowerBead tubes, followed by
200 µL of 25:24:1 phenol:chloroform:isoamyl alcohol (pH 7-8, AMRESCO, Solon, OH,
USA). The extraction tube was then vortexed for 10 seconds, 60 µL of Solution C1 was
added, and the tube was vortexed again for 5 seconds. Tubes were agitated using a
FastPrep® FP120 cell disrupter (Qbiogene, Carlsbad, CA, USA) on setting 5.5 m/s for 45
seconds. After the Solution 3 and centrifugation steps, 700 µL of supernatant was
transferred to a 2 mL tube. Solution C4 (700 µL) and 550 µL of 100% molecular grade
ethanol were added to the extract and vortexed for 5 seconds. Extracts from the five
biological replicates for each treatment were all added to a single spin filter by loading
640 µL of extract at a time. Combining the five biological replicates in every treatment
produced DNA extract concentrations that were sufficient for downstream high
throughput DNA sequencing. DNA was eluted from the spin filters in 60 µL of ultrapure
water. The extracts were then checked for purity and DNA concentration on a
Nanodrop™ 1000 spectrophotometer (Thermo Fisher Scientific, Wilmington, DE, USA)
and associated software (V3.3.0). With the exception of the ethanol precipitation steps,
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the initial oiled and non-contaminated sediment samples were extracted using the same
method.
Primers targeting the V4 variable region of the16S ribosomal RNA gene used for
bacteria species identification (515f/806r) and a broad suite of microbial dioxygenase
genes (PAH-RHDa-396f/ PAH-RHDa-696r) were purchased from Integrated DNA
Technologies (Coralville, IA, USA) (Table 2.2). Amplification of DNA extracts was
tested using the primer sets mentioned above with the GoTaq® Hot Start Green Master
Mix (Promega, Madison, WI, USA) following the conditions described by Caporaso et al.
(2011) and Ding et al. (2010), respectively using a polymerase chain reaction
thermocycler (MJ Research PCT-200, St. Bruno, Quebec, Canada) and visualized via gel
electrophoresis. The formaldehyde treated control samples did not contain amplifiable
DNA and therefore were not submitted for sequencing. All other samples were sequenced
at 2x300 bp using an Illumina MiSeq (San Diego, CA, USA) following the
manufacturer’s protocol by MR DNA Next Generation Sequencing Service Provider
(Shallowater, TX, USA).

Table 2.2 Primer sequences and references.
Target Gene
16S rRNA
Dioxygenase

Reference
(Caporaso et
al. 2011)
(Ding et al.
2010)

Primer Name
515f
806r
PAH-RHDa-396f
PAH-RHDa-696r

Sequence
5’-GTGCCAGCMGCCGCGGTAA-3’
5’-GGACTACHVGGGTWTCTAAT-3’
5'-ATTGCGCTTAYCAYGGBTGG-3'
5'-ATAGGTGTCTCCAACRAARTT-3’

Sequence data were processed by MR DNA’s pipeline using the Quantitative
Insights into Microbial Ecology (QIIME) software package (Caporaso et al. 2010).
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Sequences <150 bp were removed, sequences were denoised, operational taxonomic units
(OTUs) were defined as 3% divergence, singleton sequences and chimeras were
removed, and OTUs were taxonomically matched using BLASTn against databases
available from GreenGenes (DeSantis et al. 2006), RDPII (Cole et al. 2014), and/or
NCBI. Dioxygenase gene sequences were matched using a custom database complied
from genes listed in BLASTx. The 16S rRNA gene taxonomic data were then analyzed
using the Shannon Index to quantify alpha diversity, and unweighted and weighted
Unifrac for beta diversity. Principal coordinate analysis was visualized using Emperor
software (Vázquez-Baeza et al. 2013). Kohonen self-organizing maps of the taxonomic
data were created using Peltarion Synapse 1.9.9X (Stockholm, Sweden). Shannon Index
values were also computed using EstimateS software (Colwell 2013). Principal
component analysis was computed using SAS JMP® Pro 11.0.0 (Cary, NC, USA).
2.3.5

Nitrogen and Phosphorus Amendments
Dissolved nitrate was tested in the nutrient amended treatments by pipetting

500 µL of seawater onto Insta-TEST® Nitrate/Nitrite test strips and determining the
reading as compared to the provided reference chart after 60 seconds (LaMotte,
Chestertown, MD, USA). Nitrate concentration was tested on the days that headspace
samples were collected (data not shown). Phosphate levels were not tested, so it was
assumed that the rate of depletion was equivalent to that of nitrogen. Sodium
hexametaphosphate and potassium nitrate were added on days 0, 13, 16, 23, and 29 to
maintain initial nutrient concentrations as described in the Microcosm Setup section
(Chapter 2.3.1).
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2.4

Results

2.4.1

Carbon Dioxide Production
Production of carbon dioxide in the microcosms was used as an indicator of

microbial respiration, and thus metabolism of hydrocarbons. Cumulative carbon dioxide
produced in all treatments is displayed in Figure 2.1. These data show that the
formaldehyde control treatments produced a comperable amount of carbon dioxide as the
amended treatments in the oil-contaminated sediment and was the leading producer of
carbon dioxide in the non-contaminated treatments. This along with significant oil
degradation in the control treatment (data not shown) relveals that the concentration of
formaldehyde was insufficient to create an abiotic environment and thus ultimately
served as a carbon source. With the exception of the non-contaminated formaldehyde
treatment, all non-contaminated sediment treatments had final cumulative carbon dioxide
values below the lowest oil treatment, indicating that there was limited biologically
available carbon in the non-contaminated sediment.
Figure 2.2 represents the carbon dioxide produced as a result of oil metabolism,
which was determined by subtracting the cumulative carbon dioxide production of the
non-contaminated sediment treatments from the associatd oiled treatments to eliminate
any respiration caused by microbial degradation of non-petroleum hydrocarbon sources,
such as sediment organic matter, plant and animal tissue, and dead microbes. Low
respiration rates in both oiled and non-oiled treatments during the first nine days
occasionally resulted in the petroleum-derived respiration rate dropping below zero once
the values for the non-contaminated treatments were deducted. As expected, the ambient
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oxygen treatment with nutrients produced the most carbon dioxide, ranging from two to
five times more than the other treatments at the end of the experiment. However, an
unanticipated result was that the ambient oxygen treatment without nutrients emitted
about the same quantity of carbon dioxide as the low oxygen treatment, which was about
half as much carbon dioxide production as the low oxygen with nutrients treatment.
These results demonstrate that nutrient addition in combonation with low oxygen boosted
microbial metabolism to a greater degree than oxygen alone, which controdicts the
previous finding that oxygen is the most limiting resource in the petroleum-contaminated
Prince William Sound beaches (Venosa et al. 2010).
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Figure 2.1 Cumulative carbon dioxide production of all treatments. Error bars are cumulative and indicate
one standard deviation from the mean (n = 5).
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Figure 2.2 Cumulative carbon dioxide production due to oil degradation. Error bars are cumulative and indicate
one standard deviation from the mean (n = 5).

2.4.2

Petroleum Hydrocarbon Quantification
Average extraction efficiency for the non-contaminated samples was 79% and

89% for oil-contaminated samples. Omitting the formaldehyde control, the only
statistically significant difference among the treatments was between low oxygen and
ambient oxygen with nutrients, where the addition of ambient oxygen levels and nutrients
almost halved the oil concentration (Figure 2.3). The order of least to greatest amount of
oil degradation is as follows: low oxygen, ambient oxygen, low oxygen with nutrients,
and ambient oxygen with nutrients. Overall this trend signifies that the addition of
nutrients stimulated petroleum degradation to a greater degree than ambient oxygen level
alone. These results are supported by the carbon dioxide emission data.
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Figure 2.3 Average petroleum hydrocarbons remaining after 42 days
of incubation. Error bars represent one standard deviation from the
mean (n = 5). Treatments with different letters are significantly
different according to the Student's t test (! = 0.05).
2.4.3

Microbial Community and Dioxygenase Evaluation
A total of 1,127 bacteria species were identified among all of the samples.

Shannon Index values reflect that the species diversity was greater in the experimental
treatments than the initial sediment for both oiled and non-oiled sediment (Table 2.3).
This means that the addition of oxygen and nutrients selected for species that were
undetectable in the initial sediments. These alpha diversity data also show that the
presence of oil decreased species diversity, which is the standard microbial community
response to a contamination event because the contaminant degraders out compete the
non-degraders when supplied an abundant food source.
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Table 2.3 Shannon Index values of sequenced samples.
Higher numbers represent greater species diversity.
Treatments
oil initial
oil low oxygen nutrients
oil low oxygen
oil ambient oxygen nutrients
oil ambient oxygen
non-contaminated initial
non-contaminated low oxygen nutrients
non-contaminated low oxygen
non-contaminated ambient oxygen nutrients
non-contaminated ambient oxygen

Shannon Index
4.09
4.35
4.47
4.52
4.57
4.59
4.62
4.64
4.65
4.66

Groupings of relatedness among samples by presence or absence of microbial
species and relatedness of microbial communities based upon the total distance between
operational taxonomic units in the compiled phylogenetic trees (unweighted Unifrac) is
visualized by principal coordinate analysis in Figure 2.4. The non-contaminated sediment
treatments and oiled treatments are each clustered together, signifying that the microbial
communities within each sediment type were relatively similar, regardless of the
biostimulation treatment. However, the non-contaminated treatments are grouped more
tightly than the oiled treatments meaning that the microbial community structures were
more similar among the non-contaminated samples. Also, the species composition of
each treatment cluster was quite different from the associated initial sediment
community, as shown by the distance between the treatment clusters and the initial
sediment points.
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Figure 2.4 Principal coordinate analysis of unweighted Unifrac species data for all
sequenced samples.
The information gained through principal coordinate analysis is supported by
principal component analysis of species abundance and diversity among the sequenced
treatments (Figure 2.5). Additionally, principal component analysis identifies the genera
of bacteria that were the predominant organisms in each type of sediment. The noncontaminated sediments included Hydrogenophaga, Aureivirga, Micavibrio, and three
species of Pseudomonas, while the contaminated sediment samples contained
Hydrogenophaga, Halochromatium, Sulfurimonas, Pseudospirillum, and two species of
Thiohalophilus. All of the genera belong to the phylum Proteobacteria, with the exception
of Aureivirga which is a member of the Bacteriodetes. Aureivirga is also the only genus
found in the non-contaminated sediment that is not an oil degrader. The oiled sediments
had two non-hydrocarbon degrading genra, Pseudospirillum, which is an uncommon
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marine microbe, and Thiohalophilus, which degrades the sulfur-nitrogen anion,
thiocyanate.

Figure 2.5 Principal component analysis biplot of microbial community species
abundance and diversity among all sequenced samples. Treatment vectors are labeled
in red and selected bacteria species are labeled in blue. “NP” in treatment names
stands for nutrients.
Moving up to the phylum level in Figure 2.6, the oiled sediments were dominated
by Proteobacteria representing 52% of the population in the initial sediment and 77-92%
in the experimental treatments. The non-contaminated sediments also experienced an
increase in Proteobacteria numbers after the addition of oxygen and nutrients, increasing
from 28% in the initial sample to 42-60% in the experimental treatments. Actinobacteria
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and Bacteroidetes were present in both sediment types, but were more numerous in the
non-contaminated samples, respectively weighing in at 7-10% and 22-38% of the
treatment populations, and 31% and 20% of the initial sediment.
Kohonen self-organizing maps offer another way to illustrate the experimental
conditions that selected for each bacteria phylum (Figure 2.7). The variables are time
(initial or final), oxygen level (low or ambient), and the absence or presence of oil and
nutrients. Proteobacteria appeared in the highest percentage on the final day of the
experiment, in the presence of ambient oxygen, nutrients, and oil. Bacteroidetes preferred
non-contaminated sediment in the presence of nutrients and in low oxygen conditions,
while Actinobacteria were more common in the initial sediments. Another interesting
relationship that these data reveal is that less prevalent phyla including Planctomycetes,
Cyanobacteria, Firmicutes, and Acidobacteria were strongly associated with the initial
non-oiled sediment sample and were suppressed or eliminated in the presence of oxygen
and/or nutrients. This trend in conjunction with the Shannon Index information conveys
that the introduction of oxygen and nutrients eliminated a number of phyla, but increased
species diversity within the remaining phyla as compared to the community structure of
the initial sediment.
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Figure 2.6 Relative abundance of bacteria phyla for all sequenced treatments. Phyla that made up <1% of the
total community are displayed as a single group.
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Figure 2.7 Kohonen self-organizing map of relationships between experimental variables and the 11 bacteria
phyla present in one or more of the sediment samples. The experimental variables are as follows: initial or final
time point, low or ambient oxygen, absence or presence of nutrients, absence or presence of oil. For each
variable the heat map scale represents 0.00 (blue) as absence/low concentration and 1.00 (red) as presence/high
concentration. The heat map scale for each phylum indicates the lowest and highest percent of the population
across all samples as blue and red, respectively.

The dioxygenase gene assay produced 414-1438 total sequences from the oiled
treatments and 645-23488 sequences from the non-contaminated samples. Oil hinders
DNA extraction, which is likely why more sequences were obtained from the noncontaminated sediment samples. Non-dioxygenase and unidentified protein sequences
made up 0.02-1.03% and 5-64% of the total sequences in the non-contaminated and oiled
samples, respectively. Table 2.4 lists the enzymes that are encoded by the gene sequences
that were isolated by the dioxygenase gene primers. Figure 2.8 shows the results of
principal component analysis that demonstrates a clear distinction between the
dioxygenase genes found in the oiled and non-contaminated sediments. The dioxygenase
gene profile of the oiled treatments was dominated by a PAH dioxygenase ! subunit gene
found in Pseudonocardia carboxydivorans, and the primary gene sequence in the noncontaminated sediments coded for an aromatic ring-hydroxylating dioxygenase ! subunit
protein in a species of Sphingomonadaceae. The initial non-contaminated sediment had a
dioxygenase gene profile that was much more diverse than the experimental treatments.
The oiled ambient oxygen treatment differed from the other oil-contaminated samples
because 63% of the isolated sequences were matched with an enoyl-CoA hydratase gene,
which produces an enzyme in a fatty acid degradation pathway.
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Table 2.4 Proteins encoded by the gene sequences targeted by the dioxygenase primer set PAH-RHDa-396f and
PAH-RHDa-696r. Oil-degrading enzymes are highlighted in blue and other or hypothetical proteins are highlighted in
orange. Numbers beneath the experimental treatment columns indicate the number of times that enzyme gene was found in
the sample. (Continued onto next page)
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Figure 2.8 Principal component analysis biplot of dioxygenase enzyme
abundance and diversity among all sequenced samples. Treatment vectors
are labeled in red and selected dioxygenase enzymes are labeled in blue with
associated bacteria species in parenthesis.
2.5

Discussion
The carbon dioxide and petroleum hydrocarbon data demonstrate that together

ambient oxygen, nitrogen, and phosphorus stimulated the greatest amount of oil
degradation, which matches the results from Venosa et al. (2010) who conducted a
similar biostimulation experiment with oil-contaminated sediment collected from the
same beach on Smith Island. However, Venosa et al. (2010) did not include a low oxygen
or anoxic control, and therefore concluded that oxygen was the primary limiting factor
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preventing natural remediation in the Prince William Sound beaches. In this experiment,
the low oxygen and nutrients treatment outperformed the ambient oxygen treatment loss
of total petroleum hydrocarbons, pointing to nitrogen and phosphorus as the key limiting
nutrients in the system. Further studies with more rigorous controls must be performed to
identify the primary limiting reagent in the native system. Regarding the failed control
treatments in this experiment, formaldehyde is a prevalent antimicrobial agent for soils
but been shown to be ineffective in aquatic systems (Adroer et al. 1990; Ishii et al. 2007;
Knight et al. 2016), which was an oversight during project development.
Overall, the community phylum data revealed that Proteobacteria were the
dominant microbes that grew in the oiled sediments, while the non-contaminated
sediments were mostly populated by Proteobacteria, Actinobacteria, and Bacteroidetes.
The shift from a more diverse to a less diverse community of microbes after a
contamination event is a standard pattern, especially with petroleum spills (Atlas 1995;
Lovley 2003; Atlas & Hazen 2011). These results align with previous studies, as
Proteobacteria are known for being hearty degraders of contaminants and thrive in
systems contaminated with petroleum compounds (Harayama et al. 2004; Zrafi-Nouira et
al. 2008; Alonso-Gutierrez et al. 2009; Kumar & Khanna 2010; Hazen et al. 2010; Huang
et al. 2013). Actinobacteria and Bacteroidetes were also present in the oiled sediments,
but their populations were considerably smaller. These results are interesting because
Actinobacteria are also common petroleum degraders (Riser-Roberts 1998; Chikere et al.
2011; Xue et al. 2015). Ní Chadhain et al. (2006) described a similar result in a soil study
where the population of Proteobacteria increased and the numbers of Actinobacteria
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decreased after exposure to polycyclic aromatic hydrocarbons. In another experiment,
Bacteroidetes were identified in an oil-contaminated marine mat, but preferentially fed on
dead cyanobacteria rather than oil (Abed et al. 2007). Firmicutes, Acidobacteria,
Chloroflexi, Plantomycetes, and Ignavibacteriace, which all appeared in the oiled
samples here have been found in other petroleum-polluted environments as well (Yang et
al. 2014; Peng et al. 2015; Embree et al. 2015).
Prince William Sound benthic sediment and beach intertidal sediment total
bacteria and oil-degrading bacteria were quantified using cell counting and culture based
methods just after the Exxon Valdez oil spill (Sotsky et al. 1994; Braddock et al. 1995).
Until now, the nearest region where bacterial identity has been evaluated was in the Gulf
of Alaska just outside of the Prince William sound in 1976 (Hauxhurst et al. 1980). Using
culture-based methods, Hauxhurst et al. (1980) identified bacteria living in the water
column, six of which belonged to the phylum Proteobacteria, and one each in
Bacteriodetes and Firmicutes. The current project is the first to assess the indigenous
beach sediment microbial communities in the Prince William Sound using molecular
techniques, including identification down to the species level.
This work identified a number of microbial dioxygenase genes that were present
in both the oil-contaminated and non-contaminated sediments collected from Smith
Island in the Prince William Sound. The robust oil-degrading potential of the microbes
found in the non-contaminated sediment is a logical finding, given that the Smith Island
shoreline was heavily oiled by the Exxon Valdez spill. The only other study of petroleum
dioxygenase genes in this region found catechol 2,3-dioxygenase and alkane hydroxylase
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genes in bacteria that were cultured from Prince William Sound shoreline sediment
(Sotsky et al. 1994).
In conclusion, this study revealed that nutrients may be more limiting than oxygen
in oil-contaminated Prince William Sound sediments, populations of Proteobacteria
flourished after oiled sediment was exposed to oxygen and/or nutrients in a microcosm
slurry, and the non-contaminated beach sediments have a substantial population of
petroleum-degrading microbes and associated dioxygenase enzyme genes.
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Chapter 3

Oil Degradation and Microbial Community Response to Hydrogen Peroxide Treatment in
Contaminated Prince William Sound Beach Sediment
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3.1

Abstract
Remediation efforts to clean up oil lingering from the Exxon Valdez spill in

Alaska could potentially utilize hydrogen peroxide to stimulate aerobic petroleumdegrading microbes residing in the contaminated sediment. This work examined the
effectiveness of hydrogen peroxide as an oxidizing agent in petroleum-contaminated
marine sediment and the changes in the native microbial community following the
treatment. Oiled sediment was incubated in closed system microcosm slurries and treated
with 0.25% or 1% hydrogen peroxide to support petrochemical metabolism by native
sediment microbes or chemical oxidation by the hydrogen peroxide. Ultimately the 1%
hydrogen peroxide treatment produced more carbon dioxide, but the 0.25% hydrogen
peroxide samples showed the greatest degree of oil loss. Hydrogen peroxide treatments
decreased phylum level bacterial diversity, favoring Proteobacteria, Bacteroidetes, and
Actinobacteria, but increased species diversity within those phyla. An assortment of
dioxygenase genes was identified among the samples, but there was not a clear
distinction between the types of dioxygenases found in the oiled and non-oiled sediments.
In conclusion, hydrogen peroxide could be an effective biostimulant in oil-contaminated
beach sediment of the Prince William Sound if administered in low concentrations.

3.2

Introduction
In situ subsurface delivery of biostimulation agents is a standard practice for

petroleum-contaminated soil and groundwater systems. However, implementation of this
technique is far less common in the marine environment due to the limited number of
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scenarios where it would be applicable. Many of the beaches of the Alaskan Prince
William Sound that were impacted by the Exxon Valdez oil spill now have pockets of
crude oil trapped in the intertidal zone subsurface. Previous work found that the sediment
regions containing the trapped oil are anoxic and nutrient limited (Boufadel et al. 2010;
Venosa et al. 2010). On site tracer studies coupled with modeling found that subsurface
delivery of dissolved compounds at the high tide line could reach the oil contamination at
the mid tide line (Li & Boufadel 2011; Boufadel et al. 2011; Guo et al. 2014). The group
conducting these in situ remediation feasibility studies proposed the application of
inorganic nitrogen and phosphorus and oxygen in the form of hydrogen peroxide
(Boufadel et al. 2010). At this time there has been no study of how the anoxic Alaskan
beach sediments will respond to treatment with hydrogen peroxide.
Hydrogen peroxide is a widely used oxidant for in situ remediation in soils and
aquifers (Watts et al. 1994; U.S. Environmental Protection Agency 1997; Siegrist et al.
2011). Hydrocarbons can be degraded by hydrogen peroxide in two ways. Hydroxyl
radicals produced by hydrogen peroxide can oxidize chemicals directly, breaking them
into smaller compounds and carbon dioxide. Alternatively, hydrogen peroxide also
decomposes into oxygen gas and water spontaneously in natural systems and upon
reaction with microbial catalase enzymes, which can stimulate aerobic microbes to
metabolize the target contaminant. Since hydrogen peroxide induces chemical and
biological oxidation of hydrocarbons, it is useful to know if one process is favored over
the other at each polluted site so that the remediation efforts can be tailored appropriately.
For example, if chemical oxidation is the primary mode of degradation in a contaminated
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area, then nutrient treatments for biostimulation could be omitted to prevent unnecessary
eutrophication conditions.
This project evaluated the suitability of using hydrogen peroxide as a source of
dissolved oxygen to stimulate bioremediation of the residual oil from the Exxon Valdez
spill. Closed system microcosms containing oiled Prince William Sound sediment were
exposed to nitrogen and phosphorous, two different concentrations of hydrogen peroxide,
and monitored for carbon dioxide production and oxygen consumption. Metagenomics
were used to reveal changes in the microbial community species composition in response
to hydrogen peroxide treatment. Deoxyribonucleic acid (DNA) sequencing was further
used to examine the types of hydrocarbon-degrading dioxygenase enzyme genes that
were carried by the oil-degrading community. Solvent extraction and gas
chromatography were used to quantify the amount of oil degradation after a 45-day
incubation period. Comparison of the hydrocarbon profiles that were generated were also
studied to assess the extent to which the hydrogen peroxide treatment promoted direct
chemical oxidation or biological mineralization of the crude oil.

3.3

Materials and Methods

3.3.1

Microcosm Setup
The methods used for sediment collection from Smith Island, Alaska and a

general description of the microcosm experimental setup can be found in the previous
Materials and Methods section (Chapter 2.3.1). In brief, approximately 15 g of
homogenized non-contaminated or oiled sediment and 12 mL of sterile artificial seawater
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(Instant Ocean® Sea Salt, Blacksburg, VA, USA) at 27 ppm salinity were added to 160
mL serum bottles. Anhydrous sodium azide (20 mg/g sediment) was added to the abiotic
control treatments to sterilize the sediments. Every treatment received nutrients,
consisting of potassium nitrate (1.6 mg/g sediment) and sodium hexametaphosphate (0.16
mg/g sediment). All vials were sealed with gas impermeable butyl rubber stoppers (GeoMicrobial Technologies, Inc., Ochelata, OK, USA) and open aluminum crimp caps and
flushed with sterile nitrogen gas at 200 kPa for 30 minutes. The hydrogen peroxide
treatments had final concentrations of 0%, 0.25%, or 1% by adding 30% (w/w) molecular
grade hydrogen peroxide in water via a needle and syringe. The abiotic and 0% hydrogen
peroxide treatments produced average headspace oxygen levels of 3-4%, the 0.25%
hydrogen peroxide treatments were on average 7-10% headspace oxygen, and the 1%
hydrogen peroxide treatments ranged from 22-26% headspace oxygen. On day 13, the
vials were opened for nitrate testing, so after resealing and flushing the vials with
nitrogen gas, hydrogen peroxide was added to the treatments again at the final
concentrations listed above. Please see Table 3.1 for a list of the treatments.

Table 3.1 Experimental treatments.
Oiled Sediment
abiotic control
abiotic control 1% H2O2
0% H2O2
0.25% H2O2
1% H2O2

Non-Contaminated Sediment
abiotic control
abiotic control 1% H2O2
0% H2O2
0.25% H2O2
1% H2O2
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The microcosms were incubated for 45 days at 16 °C with shaking at 120 rpm in
the dark. On the final day of the incubation experiment, microcosm sediment slurries
were homogenized by stirring with a spatula and 3 g of sediment from each vial were
transferred to microcentrifuge tubes for microbial DNA analysis. The microcentrifuge
tubes were kept at 4 °C prior to DNA extraction and the original microcosm vials were
resealed stored and at -20 °C until they were processed for petroleum hydrocarbon
analysis. Dry weight of the initial sediment samples was established by drying samples in
an oven at 70 °C for 6 hours.
3.3.2

Headspace Gas Analysis
Carbon dioxide and oxygen sampling methods and instrument settings are

described in Chapter 2.3.2. All vials were sampled for headspace gas concentrations on
days 0, 2, 6, 11, 13, 16, 21, 26, 27, 31, 36, 41, and 45. Only on day 13 were the vials
opened and flushed with nitrogen gas as described in the Microcosm Setup section
(Chapter 3.3.1) following nutrient analysis. On day 27 the abiotic and 0% hydrogen
peroxide treatments were flushed with nitrogen to maintain target headspace oxygen
levels.
3.3.3

Petroleum Hydrocarbon Quantification
Once thawed, microcosm sediment slurries were mixed to homogenize the oil and

sediment and divided into subsamples taken as 10 g aliquots. The samples were frozen at
-80 °C for 6 hours and then freeze dried for 12 hours to remove all water. One gram of
freeze dried sediment from each sample was extracted by mechanical shaking using the
same method described in the previous Petroleum Hydrocarbon Quantification section
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(Chapter 2.3.3). Extracts were solvent changed to n-hexane and reduced to 2 mL under a
stream of nitrogen gas. Due to the excessive quantities of sodium in the sodium azide
treated abiotic controls, the samples required a desalting step, which was applied to all
samples for consistency. The 2 mL extracts received 3 mL of ultra-pure water, were
vortexed for 10 seconds, centrifuged at 400 rpm for 15 seconds, then the hexane layer
was removed by Pasteur pipet and passed through a funnel of sodium sulfate. Fresh nhexane (1 mL) was added to the same volume of ultra-pure water, and the extraction
process was repeated, followed by another 1 mL of n-hexane, for a total of three
extractions. The sodium sulfate funnel was rinsed with 5 mL of n-hexane and 5 mL of
dichloromethane. Next the extract was solvent changed to n-hexane and reduced to 1 mL.
Samples were then analyzed by gas chromatography as previously described in Chapter
2.3.3. Statistical analyses were performed using SAS JMP® Pro 11.0.0 (Cary, NC, USA).
3.3.4

Microbial Community and Dioxygenase Evaluation
Using samples that were stored at 4 °C prior to DNA analysis, direct extraction of

1 g sediment samples required combining of replicate DNA extracts from individual
samples to produce sufficient quantities of product for high throughput DNA sequencing.
Details of the extraction protocol and modifications are found in the previous Microbial
Community and Dioxygenase Evaluation section (Chapter 2.3.4). All post-extraction
DNA quality analyses and sequencing steps are described in Chapter 2.3.4 as well. The
sodium sulfate treated control samples did not contain amplifiable DNA and therefore
were not submitted for sequencing. Statistical analysis of the taxonomic data included the
Shannon Index using EstimateS (Colwell 2013), principal component analysis using
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JMP® Pro 11.0 software (SAS, Cary, NC, USA), and Kohonen self-organizing maps
using Peltarion Synapse 1.9.9X (Stockholm, Sweden).
3.3.5

Nitrogen and Phosphorus Amendments
Aqueous nitrate concentrations were tested on day 13 following the methods

described in the previous Nitrogen and Phosphorus Amendments section (Chapter 2.3.5),
after which nitrate and phosphate levels were adjusted to reach the concentrations on the
initial day of the experiment.

3.4

Results

3.4.1

Carbon Dioxide Production
Cumulative carbon dioxide production from each of the treatments is illustrated in

Figure 3.1. The abiotic treatments showed little to no cumulative carbon dioxide
emissions (2,500 ppm or less). Oiled sediments with hydrogen peroxide produced
substantially more carbon dioxide than the non-contaminated sediments, with the oiled
0.25% and 1% hydrogen peroxide treatments respectively producing 6.6 and 5.5 times
more carbon dioxide than the associated non-contaminated treatments. There was 14-20
times more carbon dioxide emitted from the hydrogen peroxide treated non-contaminated
sediment samples when compared to the hydrogen peroxide abiotic treatment, revealing
that the system contained a small amount of non-petroleum organic matter. After the
headspace flush on day 27, oiled and non-contaminated microaerophilic samples (0%
hydrogen peroxide and abiotic) registered a slight increase in carbon dioxide production.
However, the oxygen headspace data indicated a rapid decrease in headspace oxygen
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concentrations following the flush (data not shown). Given the immediate decrease in
headspace oxygen levels after the nitrogen flush and that the abiotic treatments also
underwent a slight increase in carbon dioxide production, it is unlikely that the
subsequent emission of carbon dioxide was the result of aerobic microbial metabolism.
Figure 3.2 shows cumulative carbon dioxide emission due to the mineralization of
petroleum hydrocarbons. Carbon dioxide production was positively correlated with the
concentration of hydrogen peroxide, with the 1% hydrogen peroxide treatment emitting
6.5 times more than the 0% hydrogen peroxide treatment. Although, the cumulative
emissions for the 1% hydrogen peroxide treatment was only 1.2 times greater than the
0.25% hydrogen peroxide treatment even though the former treatment contained triple the
amount of headspace oxygen.
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Figure 3.1 Cumulative carbon dioxide production of all treatments. Error bars are cumulative and indicate one
standard deviation from the mean (n = 5).
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Figure 3.2 Cumulative carbon dioxide production due to oil degradation. Error bars are cumulative and indicate
one standard deviation from the mean (n = 5).

3.4.2

Petroleum Hydrocarbon Quantification
The average extraction efficiency for non-contaminated sediment samples was

88%, and 95% for oiled samples. Figure 3.3 displays the amount of petroleum
hydrocarbons in the initial oil-contaminated sediment and the amount of oil remaining in
the experimental samples on the final day of incubation. The results showed that the
lowest amounts of total oil recovery occurred with the abiotic samples and that the
addition of hydrogen peroxide inhibited oil degradation. However, this was likely an
artifact of the sampling methods used in the experiment. In the abiotic treatments, a thick
layer of sodium azide salt crystals encrusted the top layer of sediment, which was
avoided while collecting aliquots for extraction. It was recognized afterward that the oil
in the system was likely layered just beneath the salt crust on the top layer of sediment
and was therefore not included in the solvent extraction. Given that the headspace data
registered minimal carbon dioxide emission in the abiotic treatments, this is the most
probable explanation for the low amounts of petroleum hydrocarbons that were recovered
from those samples. After evaluating the GC-FID data from the abiotic and 0% hydrogen
peroxide samples and recognizing the artifact leading to low recovery of oil, the sampling
strategy for the 0.25% and 1% samples was altered to selectively collect visible deposits
of oil for the extraction aliquots rather pulling from a homogenized sample. This may
explain why the 0% hydrogen peroxide treatment appears to have experienced a greater
degree of oil degradation than the sediments treated with hydrogen peroxide when that
result is not supported by the carbon dioxide emission data.
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Because the sampling strategy for the 0.25% and 1% hydrogen peroxide
treatments was the same, difference between the quantities of remaining oil may be
accurate even though it does not appear to reflect the carbon dioxide emission results. A
reason for this discrepancy could be that the 0.25% hydrogen peroxide dosage supported
microbial degradation of the oil, while the 1% hydrogen peroxide treatment led to more
chemical oxidation. When microbes degrade oil, they exude enzymes to break down large
chemicals into smaller molecules that can be taken up into the cell and then convert the
carbon atoms into biomass and carbon dioxide, and thus rid the environment of
petrochemicals. Chemical oxidation of petroleum by hydrogen peroxide produces carbon
dioxide as the chemicals are oxygenated and broken down, but total eradication of oil is
not common due to the production of intermediate compounds such as keto acids and
quinones that are not easily oxidized by hydroxyl radicals (Xu et al. 2006; Siegrist et al.
2011). Therefore, the higher concentration of hydrogen peroxide could have accelerated
chemical oxidation of the oil, releasing large amounts of carbon dioxide but without
complete mineralization, ultimately leaving a higher concentration of oil compounds than
in the treatment with 0.25% hydrogen peroxide where oil was mineralized to a greater
extent by microbial degradation.
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Figure 3.3 Average petroleum hydrocarbons remaining after 45 days of
incubation. Error bars represent one standard deviation from the mean (n = 5).
Treatments with different letters are significantly different according to the
Tukey-HSD test (! = 0.05).
The ratio of light hydrocarbons (defined here as compounds with 1-20 carbons)
and heavy hydrocarbons (21-40 carbons) in each treatment provides another view of the
petroleum data (Figure 3.4). The fractions of light and heavy oil for the three biotic
treatments were significantly different from the initial sediment. The 0% and 0.25%
hydrogen peroxide treatments lost light oil hydrocarbons while the 1% hydrogen
peroxide samples lost heavy compounds. When microbes consume oil, they preferentially
degrade the smaller compounds that require less energy to metabolize, meaning that over
time, the light hydrocarbon fraction diminishes, leaving behind a petroleum mixture
dominated by the heavy fraction. However, unlike microbial petroleum degradation,
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chemical oxidation of small and large hydrocarbons takes place simultaneously, and since
chemical oxidation often does not lead to complete mineralization of petroleum
compounds, this may cause the light hydrocarbon fraction to dominate the oil
composition. Therefore, chemical oxidation of petroleum would likely result in a higher
proportion of light hydrocarbons than a crude oil undergoing microbial degradation. The
fact that the 0.25% hydrogen peroxide treatment consisted of 31% light hydrocarbons on
the final day of the experiment and the oil remaining in the 1% hydrogen peroxide
treatment was 71% light hydrocarbons points to microbial degradation as the primary
cause of oil loss in the former treatment and chemical oxidation for the latter.

Figure 3.4 Average relative abundance of light (1-20 carbons) and heavy (21-40
carbons) petroleum hydrocarbons. Treatments with different letters are significantly
different according to the Student’s t test (! = 0.05, n = 5).
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3.4.3

Microbial Community and Dioxygenase Evaluation
A total of 929 bacteria species were identified among all of the samples that were

sequenced. Microbial communities were overall more diverse in non-contaminated
sediments than in the oiled sediments and diversity increased with successive increases in
hydrogen peroxide concentration according to the Shannon Index values listed in Table
3.2. Both trends are logical since adding a specific carbon source like oil to an
environmental system will select for oil-degrading microbes and decrease species
diversity, and providing a source of oxygen like hydrogen peroxide will encourage the
growth of aerobic organisms in what was originally an anaerobic environment.

Table 3.2 Shannon Index values of sequenced samples.
Higher numbers represent greater species diversity.
Treatments
oil initial
oil 0% H2O2
oil 0.25% H2O2
oil 1% H2O2
non-contaminated initial
non-contaminated 0% H2O2
non-contaminated 0.25% H2O2
non-contaminated 1% H2O2

Shannon Index
3.82
4.14
4.28
4.36
4.42
4.45
4.48
4.5

Principal component analysis of bacteria species abundance and diversity placed
the non-contaminated and oil-contaminated treatments into separate groups (Figure 3.5).
Within the non-contaminated sediment data point grouping, the initial and 0% hydrogen
peroxide communities are separate from the hydrogen peroxide treatments, indicating
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that the addition of hydrogen peroxide stimulated a shift in the microbial community. In
the oiled sediments, all of the data points are more closely assembled, but the initial and
0% hydrogen peroxide treatments are more similar than the hydrogen peroxide
treatments. These data show that in the oil-contaminated sediment, the community shifted
with the increase from 0.25% to 1% hydrogen peroxide as the additional oxygen
stimulated the growth of microbial communities that were more dissimilar from those in
the non-contaminated sediment hydrogen peroxide treatments. Figure 3.5 also displays a
number of bacteria genera that were more closely associated with each sediment type.
The non-contaminated sediment treatments were populated with Pseudomonas, Hoeflea,
and Sphingopyxis genera, while the oiled sediments contained Shewanella, Sulfurimonas,
Williamsia, and Halochromatium genera. All of the genera belong to the phylum
Proteobacteria, with the exception of Williamsia which belongs to Actinobacteria.
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Figure 3.5 Principal component analysis biplot of microbial community
species abundance and diversity among all sequenced samples. Treatment
vectors are labeled in red and selected bacteria species are labeled in blue.
Phylum level community composition is depicted in Figure 3.6. Overall, the 45day incubation experiment decreased phylum diversity for all of the treatments in the oilcontaminated sediment samples. Proteobacteria were the dominant phyla in the oiled
sediments, constituting 76-88% of the total population. Actinobacteria increased from 2%
in the initial sediment to 12% and 19% of the population in the 0.25% and 1% hydrogen
peroxide treatments, respectively. For the non-contaminated sediments, Proteobacteria
comprised approximately 43% of the population for the initial and 0% hydrogen peroxide
treatments, but increased to approximately 80% in the presence of hydrogen peroxide. In
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both treatments without hydrogen peroxide, Bacteriodetes comprised 42% of the
microbial community and decreased to 6% and 14% in the presence of 0.25% and 1%
hydrogen peroxide, respectively. Unlike the oiled sediments, the Actinobacteria
populations remained around 3-4% for the initial non-contaminated sediment and all of
the treatments.
Kohonen self-organizing maps correlating experimental variables and the
appearance of bacteria phyla are illustrated in Figure 3.7. The variables are time (initial or
final), and the absence or presence of hydrogen peroxide and oil. Eight of the 12 phyla
were present in one or both of the initial sediments and also on the final day of the
experiment. Of the remaining four phyla, Tenericutes was only found in the initial oiled
sediment, while Gemmatimonadetes, Planctomycetes, and Chlorobi were only identified
in the non-contaminated sediment at the end of the 45-day incubation. Proteobacteria and
Firmicutes were the only phyla that grew under all combinations of experimental
variables, which is not a surprise because these phyla encompass a diverse assortment of
bacteria species that can utilize petroleum hydrocarbons and are notoriously tolerant to
harsh conditions (Fierer et al. 2007; Yang et al. 2014).
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Figure 3.6 Relative abundance of bacteria phyla for all sequenced treatments. Phyla that made up
<1% of the total community are displayed as a single group.
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Figure 3.7 Kohonen self-organizing map of relationships between experimental variables and the 12 bacteria phyla
present in one or more of the sediment samples. The experimental variables are as follows: initial or final time point,
absence or presence of hydrogen peroxide, absence or presence of oil. For each variable the heat map scale represents
0.00 (blue) as absence and 1.00 (red) as presence. The heat map scale for each phylum indicates the lowest and highest
percent of the population across all samples as blue and red, respectively.

The dioxygenase gene primers generated 479,821 sequence fragments from all of
the sediment DNA samples, but only 0.3% of those sequences were linked to a known
gene. This disparity is due to small data sets in genomic databases for functional genes
such as dioxygenases, as compared to the much greater information for more frequently
studied sequences such as the 16S rRNA gene. Table 3.3 lists the enzymes that are
encoded by the targeted gene sequences, the identity of the bacterium in which the
reference gene was found and the number of times that sequence appeared in each
experimental treatment. Very few of the gene sequences isolated from the noncontaminated samples coded for dioxygenase enzymes (1-30%), with the exception of the
1% hydrogen peroxide treatment which was 57% dioxygenase enzyme sequences (Figure
3.8). On the other hand, the protein gene sequences for the oiled samples were almost
entirely dioxygenase enzymes (70-100%).
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Table 3.3 Proteins encoded by the gene sequences targeted by the dioxygenase primer set PAH-RHDa-396f and
PAH-RHDa-696r. Oil-degrading enzymes are highlighted in blue and other or hypothetical proteins are highlighted in
orange. Numbers beneath the experimental treatment columns indicate the number of times that enzyme gene was found in
the sample.

Figure 3.8 Relative abundance of protein gene sequences that code for dioxygenase
enzymes. The numbers on top of the bar plots indicate the total number of sequences
isolated from each treatment.
Figure 3.9 shows a principal component analysis biplot of the enzyme diversity
among the experimental treatments and also includes the species of bacteria in which
those enzymes are found. The non-dioxygenase enzymes identified include peptide ABC
transporter ATPase, DNA gyrase, and two hypothetical proteins. This analysis indicates
that there was not a defined trend between the types of dioxygenase genes and the
presence or absence of oil, which is likely the result of extremely low and inconsistent
numbers of enzyme gene sequences isolated from the samples.
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Figure 3.9 Principal component analysis biplot of dioxygenase enzyme
abundance and diversity among all sequenced samples. Treatment vectors are
labeled in red and selected dioxygenase enzymes are labeled in blue with
associated bacteria species in parenthesis.
3.5

Discussion
The 1% hydrogen peroxide samples emitted more carbon dioxide throughout the

experiment but ultimately the 0.25% treatment resulted in a greater loss of petroleum,
which may indicate that the higher dose of hydrogen peroxide mainly caused chemical
oxidation of the oil whereas the lower dose was more effective for stimulating microbial
remediation. Although it was not possible here to quantify the exact relative contributions
of chemical and biological oil degradation, this experiment showed that hydrogen
peroxide induced petroleum remediation in contaminated Prince William Sound beach
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sediment by both direct oxidation and stimulation of biotically driven oxidation of the
petroleum hydrocarbons.
Many other studies pursuing oil degradation in contaminated marine sediments
focused on chemical oxidation over bioremediation. Yang et al. (2015) saw 58% total
petroleum hydrocarbon removal in 60 minutes using 6% hydrogen peroxide, and Pazos et
al. (2013) achieved 90% degradation of total petroleum hydrocarbons after 30 days using
10% hydrogen peroxide with 0.5 M sodium hydroxide and electrostimulation to create
more hydroxyl radicals. A review of in situ remediation using oxidizers in contaminated
soil systems concluded that treatment with hydrogen peroxide or Fenton’s reagent
(hydrogen peroxide and ferrous iron) for petroleum hydrocarbon cleanup in soils
primarily stimulates chemical oxidation over microbial degradation of the compounds
(Sutton et al. 2011). Although further studies must be conducted to quantify the
proportion of chemical vs. biological oxidation stimulated by hydrogen peroxide
treatment in oil-contaminated Prince William Sound sediment, the literature supports that
hydrogen peroxide induces chemical oxidation to a greater degree. However, Chen et al.
(2016) reported that in a diesel-contaminated soil, a concentration of 1-3% hydrogen
peroxide was ideal for activating both chemical and biostimulation of the pollutant.
Interestingly, while the addition of 1% hydrogen peroxide increased bacterial
species diversity when compared to the initial microbial communities, phylum level
diversity decreased in both contaminated and non-contaminated sediments in the
presence of 1% hydrogen peroxide. This reflects that 1% hydrogen peroxide conditions
were favored by an assortment of microbes in the phyla Proteobacteria, Actinobacteria,

89

and Plantomycetes. A recent study also found that the addition of hydrogen peroxide to
diesel-contaminated soil increased microbial diversity as compared to the initial soil
community (Chen et al. 2016). All of the bacteria genera listed in Figure 3.5 have been
identified as petroleum degraders in the literature, including those associated with the
non-contaminated sediment treatments. This is a reasonable finding because even though
the section of beach where the non-contaminated sediment was collected is not currently
polluted, the entire beach was heavily oiled by the Exxon Valdez spill, so it is not
surprising that the sediment microbial community is still heavily populated by oil
degraders.
Identification of dioxygenase gene sequences was much less successful than the
16S rRNA gene, partially due to a much lower success rate for amplification of the gene
sequences, and also because there is a fractional amount of sequence data available on
databases for functional genes such as the dioxygenases. Due to this limitation, trends in
dioxygenase gene prevalence could not be established among the oil-contaminated
treatments, but the data did show that petroleum contamination gave rise to a microbial
community that carried significantly more dioxygenase genes than the non-contaminated
sediment. While much more is known about bacterial dioxygenases, future studies should
also consider the contribution of marine fungi to oil degradation to evaluate how
hydrogen peroxide affects this component of the hydrocarbon degrading microbial
community.
In conclusion, this experiment revealed that remediation of lingering Exxon
Valdez oil can be stimulated by hydrogen peroxide and nutrient treatments. The addition
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of hydrogen peroxide decreased the numbers of Bacteriodetes and Proteobacteria, and
increased the population of Actinobacteria in petroleum-contaminated sediment.
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4.1

Abstract
The use of pyrolyzed carbon, biochar, as a soil amendment is of potential interest

for improving phytoremediation of soil that has been contaminated by petroleum
hydrocarbons. To examine this question, research reported here compared the effects of
biochar, plants (mesquite tree seedlings), compost and combinations of these treatments
on the rate of biodegradation of oil in a contaminated soil and the population size of oil
degrading bacteria. Biochar overall had negligible effects on oil degradation as compared
to a control soil that was contaminated with oil but that did not receive any plant or
compost amendments. The greatest extent of degradation was achieved in soil planted
with mesquite and amended with compost. Most probable number assays of the
polycyclic aromatic hydrocarbon degrader populations showed that biochar generally
reduced the population size of the oil degrading community, which was likely due to
reduced bioavailability of oil. Based on this research, biochar addition to petroleumcontaminated soils could be advocated where there is a need to prevent oil movement
through the soil profile, but not as a means to improve the rate of bioremediation. In
contrast, compost additions to soil and use of plants is confirmed as an important
bioremediation technology.

4.2

Introduction
Petroleum hydrocarbons are among the most common contaminants of soil that

arise during extraction, refining, and transport of oil. The average cost of oil spill cleanup
in the United States is approximately $200 per liter spilled (Fingas 2012). While
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excavation and incineration methods are often used to clean up highly contaminated sites,
phytoremediation methods that use plants and their associated rhizosphere microbial
communities provide an effective method for treatment of soil that has been contaminated
with small amounts of oil and as a final polishing step to remove oil residues (Ndimele
2010; Cook & Hesterberg 2013; Yavari et al. 2015). To a large extent, the ability to use
phytoremediation methods for cleanup of contaminated soil depends on the chemical and
physical properties of the contaminated soil, which affect the bioavailability of
petroleum, soil aeration, and the ability to support abundant plant growth and
development of an oil degrading bacterial community in the plant rhizosphere. To this
end, fertilizers and compost amendments are commonly used during phytoremediation to
provide essential nutrients, improved water holding capacity and good soil physical
properties. Recently, the use of biochar as a soil amendment has also been advocated as a
means to improve soil properties for plant growth and is known to interact synergistically
with compost to increase microbial biomass and activity in soils. However, the potential
benefits of using biochar alone or in combination with compost and plants for
phytoremediation have not been well examined.
In desert ecosystems phytoremediation has been shown to outperform
bioremediation for petroleum removal. This is attributed to the presence of plant roots
and root exudates that provide habitat and nutrients for oil degrading soil microbes
(Radwan 2009). Among plant species that are low maintenance and that thrive in desert
areas, native mesquite trees (Prosopis spp.) have great potential for phytoremediation of
petroleum spills. Mesquite is native to the Sonoran Desert, which extends from the
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northwestern gulf coast of Mexico into the southwestern United States. Mesquite is
harvested commercially and is easily propagated from seed. In 2000 the United States
imported $150,000 of Mexican mesquite fuel wood and $2.7 million of mesquite charcoal
(Taylor 2008). Use of this tree for phytoremediation of oil-contaminated soil could thus
offer an inexpensive remediation strategy with potential for generating profits by
harvesting the mature plants for firewood and charcoal.
Recently, there have been several reports that soil amendments such as compost
and biochar enhance plant growth and may increase the rate of petroleum hydrocarbon
degradation by soil microbes (Zhang et al. 2010; Wyszkowski & Ziółkowska 2013; Qin
et al. 2013; Chirakkara & Reddy 2015). However, biochar additions to soil can also lower
the bioavailability of organic contaminants, especially strongly hydrophobic compounds
that readily adsorb to char particle surfaces. Depending on the pyrolysis process and
feedstock, the surface area of biochar can be as high as several hundred square meters per
gram (Zhang et al. 2010; Venegas et al. 2015). Adsorption of polycyclic aromatic
hydrocarbons (PAHs), which are among the most toxic components of petroleum can
have provide an advantages by helping to prevent leaching and runoff of pollutants into
waterways. On the other hand, adsorption generally slows the rate of degradation of
organic pollutants by limiting their bioavailability and the development of a high
population density of degrader organisms (Thiele-Bruhn & Brummer 2005). With the
growing interest in use of biochar amendments for remediation of contaminated soils, it is
important to examine how biochar affects the persistence and biodegradation of
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petroleum hydrocarbons when used in combination with plants and other soil
amendments.
The objective of this study was to evaluate the impact of biochar and compost soil
amendments on the degradation of petroleum during phytoremediation with mesquite
plants. Using a soil spiked with motor oil, we compared treatments with and without
plants, in soils with and without a compost amendment and biochar. Our study further
examined the population dynamics of the petroleum-degrading bacterial community over
a three-month growth period, including both total hydrocarbon degraders and bacteria
that degrade the recalcitrant PAH compounds in oil.

4.3

Materials and Methods

4.3.1

Soil Treatments and Plant Cultivation
The soil used for this experiment was a Eutric Haplic Cambisol (Food and

Agriculture Organization of the United Nations 2006) collected near La Paz, Baja
California Sur, Mexico, which had no known previous exposure to oil. Textural analysis
of the soil was 8% clay, 8% silt, and 84% sand. The soil had a pH of 7.3, with a waterholding capacity of 12 mg/kg, cation exchange capacity 8.6 cmol (p+)/kg, and the
following nutrient concentrations (mg kg-1): 20 N, 12 P, 620 K, 8 Fe, 4 Mn, 8 Ca, 2 Mg.
The experimental setup included nine treatments with four replicates per treatment (Table
4.1). After sieving through a mesh < 2 mm, half of the soil used for the experiment was
uniformly contaminated with 2% (w/w) used automobile motor oil. The noncontaminated and oiled soils were then subdivided and mixed weight per weight with
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1.5% biochar, 5% compost or a mixture of the two at the same concentrations. Biochar
was produced using corn stalks (agricultural waste) as a feedstock by pyrolysis at 350 °C
for 4 hours. The compost consisted of cruciferous waste and dairy cow manure with the
following physicochemical composition and characteristics: 1.9% total N, 1.32% NO3-,
0.8% P, 0.63% K, 0.27% Na, 0.31% Fe, 0.04% Mn, 0.01% Zn, 0.08% Cl, 0.13% SO4-,
10.9% organic matter, electrical conductivity 1.04 mS/cm, pH 9.2. The 2-L pots used to
cultivate the plants were 11 cm height and 16 cm diameter and were filled with 1.6 kg of
soil. Treatments including plants were planted with mesquite amargo (Prosopis
articulate) seeds.

Table 4.1 Experimental treatments and acronyms.
Oil Contaminated
no-plant control
no amendment
biochar
compost
compost and biochar

Non-Contaminated

O
PO
POB
POC
POCB

no amendment
biochar
compost
compost and biochar

P
PB
PC
PCB

The soil was placed into pots and irrigated with tap water to field capacity, and
thereafter allowed to dry to 50% plant available water, (approximately 15 ml/100 g soil)
before being rewatered to field capacity. All of the pots were placed in a greenhouse
where the experiment was maintained for 4 months at ambient temperature (22-34 °C,
night/day) for 105 days. Pots were irrigated three times each week with distilled water to
maintain moisture at 60-70% of field capacity.
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4.3.2

Plant Growth Assessment
Plant height was measured with a ruler from the transition zone of stem and root

to the tip of youngest apical meristem. Stem diameter was measured 1 cm above the
transition zone of the stem and root using an electronic digital caliper (Control Company,
Friendswood, Texas, USA). Length of the main root of each plant was measured using a
ruler. Fresh weight of roots, leaves and stems were weighed on a digital balance and then
oven dried at 60 °C for 48 hours to determine dry weight.
4.3.3

Oil-Degrading Microbes Quantification
Oil-degrading microbes were quantified using the liquid culture most probable

number (MPN) technique described by Johnsen et al. (2002) with modifications.
Rhizosphere soil was collected from each replicate and sieved with a 2 mm screen. Cells
were extracted from 1 g soil samples by mechanical shaking for 15 minutes at 300 rpm in
9 mL of 2 mM tetrasodium pyrophospate (pH 7). After 5 minutes to settle the soil from
the bacterial suspension, 1 mL of the supernatant was centrifuged at 4 C at 10,000 rpm
for 15 minutes. The pellet was resuspended in 1 mL of phosphate minimal medium (pH
6.8). Using n-hexane as a carrier, 96 well microtiter plates were coated with either nhexadecane at 100 ppm/well or a polycyclic aromatic hydrocarbon mixture (equal parts
phenanthrene, pyrene, and fluorene) at 100 ppm/well. Plates were wrapped in Parafilm
and stored at room temperature in the dark. Absorbance values of the plates were read at
450 nm with 630 nm as the reference wavelength (Molecular Devices VMax Kinetic
ELISA Microplate Reader with SOFTmax Pro 3.1.2 software, Sunnyvale, CA, USA).
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4.3.4

Petroleum Hydrocarbon Degradation
To assess the loss of petroleum hydrocarbons, bulk soil samples collected on the

first and final days of the plant growth experiment were extracted with solvent and
analyzed for total petroleum hydrocarbons on a gas chromatograph with a flame
ionization detector. A detailed description of the materials and procedures is located in
Chapter 2.3.3.
Oil degradation was quantified by computing the ratio of light hydrocarbons
(defined as C8-C20) to total hydrocarbons for each sample and determining the percent
change between the light hydrocarbon ratio on the initial and final days of the greenhouse
experiment for each treatment. Petroleum hydrocarbon quantities were corrected for
interfering background substances contained in the compost and biochar by subtracting
the values for non-contaminated treatments from the oiled treatments, thereby removing
signals from non-petroleum hydrocarbons. The loss of the light petroleum hydrocarbon
fraction was evaluated rather than total petroleum hydrocarbons because the remediation
experiment did not run long enough to see substantial degradation of the oil compounds
with molecules containing greater than 20 carbon atoms.
4.3.5

Soil Nitrate and Nitrite
Bulk soil was collected from each replicate pot near the root zone on the initial

and final days of the 105-day greenhouse experiment for the oiled treatments and only on
the final day for the non-contaminated treatments. Biologically available soil nitrogen (as
nitrate and nitrite) was assessed using a Seal Analytical AQ2 Discrete Analyzer
(Mequon, Wisconsin, USA) following the manufacturer’s Nitrate/Nitrite protocol.
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4.4

Results

4.4.1

Plant Growth
Oil contamination was shown to reduce plant height and induce root growth as

compared to the growth of plants in non-contaminated soil in control treatments (Figures
4.1 and 4.2). This likely reflects the effects of nitrogen deficiency as opposed to direct
toxicity. Nitrogen deficiencies are common in petroleum-contaminated soils and are
associated with the high carbon to nitrogen ratio of oil, resulting in demand for addition
nitrogen to support plant and microbial growth. Plants typically respond to nitrogen
deficiency by diverting carbon from above ground growth and allocating more carbon to
expand the root system for better nutrient acquisition (Mardanov et al. 1998). For oilcontaminated treatments, the addition of compost or biochar soil amendments yielded
plant with taproots that were 20% shorter than the no-amendment control, and roots were
50% shorter when compost and biochar were added simultaneously. Overall plant height
was similar among the oil-contaminated treatments. Interestingly, in both the oiled and
non-oiled treatments, the addition of biochar and compost together resulted in plant
height and root lengths that were shorter than when biochar was the sole amendment.
Stem diameter and leaf dry weight displayed no significant difference among the oiled
and non-oiled treatments (data not shown).
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Figure 4.1 Plant height. Treatments with different letters are
significantly different according to ANOVA (F = 18.95, p < 0.0001)
and Tukey-HSD (! = 0.05).

Figure 4.2 Taproot length. Treatments with different letters are
significantly different according to ANOVA (F = 30.79, p < 0.001)
and Tukey-HSD (! = 0.05) tests.
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4.4.2

Oil-Degrading Microbes Quantification
The growth and activity of petroleum-degrading bacteria was evaluated at the end

of the experiment in relation to the extent of petroleum degradation in the various soil
treatments. Microbial growth on two different hydrocarbon substrates was evaluated;
hexadecane, an aliphatic hydrocarbon that represents the capacity to metabolize a broad
array of petroleum hydrocarbons, and a mixture of polycyclic aromatic hydrocarbons
(PAHs). Population densities of hexadecane degrading microorganisms were highest in
the control soil that had not been amended with biochar or compost, or planted with
mesquite (Figure 4.3). The baseline population density of culturable oil degraders in noncontaminated soil was approximately 10 cells per gram, as compared to ~10,000,000
cells per gram in the oil contaminated soil. Interestingly, adding biochar alone to the soil
increased the baseline petroleum degrader population to ~1000 cells per gram in the
absence of oil, suggesting that there were residual PAHs in the biochar that were
undergoing degradation and thus that may have stimulated growth of the baseline
population. Similar populations of petroleum degraders were present in the other soils at
approximately 1,000,000 cells per gram soil. Similar patterns were observed for PAH
degraders (Figure 4.4).
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Figure 4.3 Most probable number of hexadecane degrading bacteria
present on the final day of the experiment. Error bars indicate one
standard deviation from the mean (n = 4). Treatments with different
letters are significantly different according to the Student's t test
(! = 0.05).
!

105

!
Figure 4.4 Most probable number of PAH degrading bacteria present
on the final day of the experiment. Error bars indicate one standard
deviation from the mean (n = 4). Treatments with different letters are
significantly different according to the Student's t test (! = 0.05).!
!
4.4.3

Petroleum Hydrocarbon Degradation
With the exception of the biochar amendment, all of treatments that were planted

with mesquite exhibited 12-18% more degradation of the light hydrocarbon fraction (820 carbons) than the non-planted treatments (Figure 4.5). Oil degradation in the biochar
treatment was equivalent to the no-plant control. The lower extent of petroleum
degradation in the biochar treatment can likely be attributed to the smaller populations of
hexadecane and polycyclic aromatic hydrocarbon metabolizing microbes as compared to
the other planted treatments (Figures 4.3 and 4.4). In contrast, the control treatment
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without plants displayed a lower amount of oil degradation, but had the largest population
size of hydrocarbon degrading bacteria on the final day of the experiment. This
seemingly contradictory trend of larger microbe population with lower oil degradation for
the no-plant control may be a result of a late growth in the oil degrading bacterial
population. It is unlikely that the mesquite plants were responsible for a significant
amount of oil chemical uptake given that in most cases of phytoremediation the bulk of
contaminant degradation is carried out by the rhizosphere microbial community rather
than the plants (Yavari et al. 2015). Ultimately, these results suggest that the presence of
mesquite plants enhances oil degradation and that amending soil with compost increased
petroleum remediation. Biochar alone decreased the extent of oil degradation, but had no
significant effect when used in combination with compost and plants.
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Figure 4.5 Percent loss of the light hydrocarbon fraction
(C8-C20) from the initial oil concentration on the final day
of the experiment. Error bars indicate one standard deviation
from the mean (n = 4). Treatments with different letters are
significantly different according to the Student's t test
(! = 0.05).
4.4.4

Soil Nitrate and Nitrite
Initial soil nitrate and nitrite levels for the planted contaminated treatments ranged

from 23.85 to 47.60 ppm, which decreased to barely detectable levels of 0.41 to 0.82 ppm
at the end of the plant growth experiment (Table 4.2). These data indicate that nitrogen
was extremely limiting for plant growth. Nitrogen deficiency is a common occurrence in
hydrocarbon amended soils as growth of the microbial biomass becomes nitrogen limited
due to the high carbon to nitrogen ratio of oil. At the end of the 3-month period, the final
nitrate and nitrite concentration of the oil-contaminated no-plant control was 10.52 ppm,

108

indicating that there was greater available nitrogen for growth of the microbial
community than when the soil was planted with mesquite. Non-contaminated treatments
contained 45.33 to 124.21 ppm nitrate and nitrite on the final day of the experiment,
which are normal and sufficient levels to support plant growth. The decreased microbial
population density in the soils receiving plants or organic amendments is likely
attributable to the lower nitrogen levels in those treatments where biochar adsorbs
nitrogen, and plants lower nitrogen concentrations by uptake of nitrogen for plant growth.

Table 4.2 Bulk soil biologically available nitrogen (nitrate and nitrite).
Column headings of “initial” and “final” indicate that nitrate and nitrite
levels were tested on the initial or final day of the 105-day greenhouse
experiment, respectively. Values in parentheses are standard deviation
of the mean (n = 4).
Sample
O
PO
P
POC
PC
POB
PB
POCB
PCB
4.5

Initial Nitrate and Nitrite
(mg/kg dry wt soil)
23.85 ± (2.24)
39.68 ± (13.03)
32.46 ± (14.93)
47.60 ± (5.91)

Final Nitrate and Nitrite
(mg/kg dry wt soil)
10.52 ± (16.73)
0.56 ± (0.34)
45.33 ± (10.20)
0.68 ± (0.33)
111.97 ± (57.28)
0.82 ± (0.35)
54.53 ± (63.81)
0.41 ± (0.37)
124.21 ± (36.74)

Discussion
Biochar and compost amendments to soil along with cultivation of plants are of

interest for facilitating remediation of contaminated soils. However, there are complex
interactions between these variables that control the bioavailability of both metal and
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hydrocarbon contaminants as well as the bioavailability of nitrogen and other nutrients
that are required for growth and activity of a hydrocarbon degrader community (Anyika
et al. 2015). This affects not only the rate of degradation, but also the demand for
nitrogen, which must be recycled within the community in order to drive biodegradation
of high carbon to nitrogen ratio materials. Results of this research are in agreement with
recent studies that have begun to examine the effects of biochar on reducing the
bioavailability of hydrocarbons to soil microorganisms (Rhodes et al. 2008; Qin et al.
2013). Slowing the rate of degradation may be advantageous to lower the demand for
nitrogen during the biodegradation process, but ultimately will require a longer treatment
period in order to achieve successful soil cleanup (Cornelissen et al. 2005). Alternatively,
it may be necessary to add supplemental nitrogen, even when using nitrogen fixing
plants.
Here, we examined the effects of compost and biochar added to a petroleumcontaminated soil which was used for cultivation of mesquite, a nitrogen fixing plant with
potential for phytoremediation of arid, low nutrient soils. As expected, biochar alone
hindered oil degradation by soil microbes in the petroleum-contaminated soil, but had
variable effects on plant growth depending on the co-use of compost, which provides
nitrogen during its degradation, and which improves soil quality and the ability to support
plant growth. When used in conjunction with compost, biochar slightly inhibited plant
growth, but resulted in similar levels of oil degradation. Plant growth was hindered by the
compost and biochar mixture in the uncontaminated soil as well, which suggest that
biochar had additional effects probably involving reduced nitrogen availability due to
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sorption of nitrogen on the biochar, which limited its availability to plants. Initially, we
expected to see the compost and biochar mixture would enhance plant growth equal to or
above that of the biochar alone. In contrast, compost additions and use of plants for
phytoremediation were shown to be the most effective bioremediation technologies in
this system.
Timing of biochar additions to soil also has been proposed as a means to facilitate
cleanup targets (Qin et al. 2013). When added at 80 days into the bioremediation
treatment, biochar strongly adsorbs residual contaminants and metabolites, which can
result in lowering the remaining contaminant levels to concentrations that meet cleanup
goals, and provide a slow release of the residuals that can be accommodated by the
degrader population (Xin et.al., 2014), presumably without exerting the same demand for
nitrogen and other nutrients that would incur with higher contaminant concentrations.
Given the increased rate of oil decomposition in the treatments containing plants
(with the exception of the biochar amended treatment) in comparison to the no-plant
control, these data support that mesquite is a suitable plant variety for phytoremediation
of petroleum in desert soil. Additionally, mesquite species take up of heavy metals from
the soil including copper, lead, nickel, and zinc, making it an ideal plant for
phytoremediation of crude oil or mixed contamination sites (Buendia-Gonzalez et al.
2010; Solis-Dominguez et al. 2011; Zappala et al. 2013).
The highest population density of aromatic hydrocarbon degrading microbes
among the oil-contaminated soils was present in the no-plant control followed by the noamendment control, compost, and compost-biochar mixture, and biochar treatments.
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These results strongly support the hypothesis that petroleum bioavailability in
contaminated soils is reduced by the presence of biochar by affecting the population size
of degrader organisms. This is in agreement with prior studies showing suppressive effect
on the population size of petroleum degraders (Bushnaf et al. 2011). In this study, total
degradation rates were relatively similar despite the difference in the total population
size, which was attributed to preferential sorption of monoaromatic hydrocarbons, and
increased utilization of other constituents in the oil.
The most likely explanation for our results is that the compost and biochar
mixture provided optimal conditions for microbial proliferation, which would reduce
nitrogen availability to the plants, thereby impeding root and shoot growth. Here, we used
a nitrogen-fixing, legume plant, mesquite, which is able to obtain some nitrogen through
biological nitrogen fixation. However, this alone was not sufficient to support adequate
nitrogen levels. Further experiments should investigate the use of nitrogen fertilizer
supplements in combination with the biochar and compost mixtures for oil remediation.
Overall, the addition of biochar to oil-contaminated soil under the conditions
imposed in this research appeared to hinder the rate of phytoremediation by mesquite
plants and their associated rhizosphere microbial communities. However, with strategic
use with compost and optimization of the soil nutrient levels, and correct timing of
application biochar may still the potential to enhance the overall success of remediation.
Two specific scenarios where biochar may be beneficial are when metal contaminants
that are toxic to microorganisms also are present, or for final cleanup of residual
contamination for metabolites that are generated during the degradation process.
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Conclusion
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Naturally occurring petrochemical-metabolizing bacteria are often accountable for
the majority of oil depletion after a spill, yet the scientific community is still only able to
offer a few details regarding the microbial community composition, and biochemical
process and conditions necessary to facilitate petroleum degradation. With a better
understanding of the microbial degradation of petroleum chemicals, more effective
methods can be implemented to stimulate efficient cleanup and monitor the impacts of
petroleum on contaminated ecosystems.!
This work evaluated the effects of biostimulation treatments on a microbial
community that resides in beach sediment that is still contaminated by Exxon Valdez oil.
The addition of ambient oxygen and hydrogen peroxide stimulated degradation of the oil
and was further enhanced in the presence of inorganic nitrogen and phosphorus.
However, it is not clear how much of the degradation produced by the hydrogen peroxide
treatment was due to chemical oxidation or aerobic microbial metabolism. An interesting
finding from the ambient oxygen study was that the sediment microbes may be more
limited by nitrogen and phosphorus than oxygen, which contradicts the results of a
different research group.
Another fascinating discovery unveiled by the two biostimulation experiments
was that the non-contaminated sediments collected from Smith Island still have high
population of petroleum hydrocarbon degrading bacteria. This assessment of the noncontaminated beach sediment gives a picture of the pre-spill microbial consortium that
will be useful information in the event of another oil spill in the Prince William Sound.
Along with aerobic oil degraders, the oiled sediments contained a couple species of sulfur
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reducing petroleum-degrading bacteria in the genera Sulfurimonas and Halochromatium,
which are likely some of the dominant microbes that are contributing to anaerobic oil
degradation in the natural system. Proteobacteria were the predominant phylum of
bacteria in the oiled sediment samples after exposure to biostimulants, accounting for 7692% of the total microbial populations under both ambient oxygen and hydrogen
peroxide. In the oiled sediment samples, Actinobacteria populations decreased when the
microcosms were incubated in the presence of ambient oxygen, but populations
decreased when the microcosms were treated with hydrogen peroxide. An additional
contrasting result between the two experiments was that there was no clear distinction
between the dioxygenase genes found in the oiled and non-oiled sediments in hydrogen
peroxide experiment, but there was a clear difference between the dioxygenase gene
composition in ambient oxygen experiment. Together, these biodegradation experiments
illuminate the current state of the microbial communities present in contaminated and
uncontaminated Prince William Sound beaches and how those communities would
respond to biostimulation treatments.
The greenhouse study of motor oil phytoremediation demonstrated that the
mesquite tree would be a good choice of plant to remediate oil spilled in a desert
ecosystem. Selection of a plant that is native an environment would be preferable to
introducing a non-native organism and risking the spread of an invasive species. This
study also showed that compost serves as a suitable amendment for phytoremediation in
nutrient deprived desert soil. Conversely, the addition of biochar did not enhance oil
degradation and actually suppressed the beneficial effects of compost when they were

118

added together. Biochar has been shown to promote bio- and phytoremediation in other
environments, but may not be suitable for desert soil.
Overall, the results of these experiments contribute to the understanding of oil
spill remediation practices and enhances our ability to harness the activity of naturally
occurring oil-degrading microbial communities to restore polluted ecosystems.
!
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