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Dr. Quan Cheng, Chairperson 
 
 

Surface plasmon resonance (SPR) has been broadly used as a powerful biosensing 

technique for the study of biomolecular interactions. It has the capability of performing 

real-time and label-free quantitative measurement that is essential to analysis of proteins 

and many other biomolecules where fluorescent tagging has an adverse effect on 

accuracy and precision. To further extend the applicability of SPR biosensing, we have 

developed a new technique platform that allows for a parallel and multi-dimensional 

detection of molecules of interest on the same sensing interface. Specifically, mass 

spectrometric and Raman spectroscopic characterization has been enabled to acquire 

chemical and structural information along with quantitative SPR measurement. 

Calcinated silicate AuNP microarrays have been fabricated on a glass slide based on the 

concept of layer-by-layer deposition involving polyelectrolyte, which demonstrated soft 

ionization and thus highly effective MS analysis of peptides and small molecules in a 

high-throughput fashion. By deliberately controlling the self-assembly process of 

calcinated AuNPs into an ultrathin monolayer film, excellent optical performance was 

obtained, allowing for a cross-platform measurement by localized surface plasmon 
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resonance (LSPR), mass spectrometry, and Raman spectroscopy. We have employed 

computer simulation based on finite-difference time-domain (FDTD) algorithm for the 

design of the new sensing substrates. FDTD simulation offers in-depth understanding of 

the plasmonic coupling conditions and EM field enhancement for the self-assembly of 

AuNPs, providing the foundation and guidance for advancing optical sensing with 

nanostructured materials. One Chapter of the thesis is dedicated to the construction of 

various nano-sized geometries for simulation of plasmonic materials. The work covers 

from construction of silver clusters with defined nanogap for enhancing fluorescent 

signal to the design of plasmonic gold nanorod arrays that enable coupling of multi-

dimensional propagation of electric fields for novel SPR detection.   

In addition, a new approach for SPR analysis of carbohydrate interactions has 

been developed with fluorochemistry and calcinated SPR gold film. Fluoroalkysilane was 

used to provide a monolayer modification of the hydrophobic interface for effective 

capturing of carbohydrate probes through non-covalent interaction. Molecular 

recognition with various lectins was investigated by real-time kinetic study. 

Polydimethylsiloxane (PDMS) channel chips were utilized that enabled parallel analysis 

for high-throughput detection of carbohydrate-protein interaction with SPR imaging 

technique. Matrix-free LDI-MS of the calcinated gold film and array is not compromised 

by the SAM coating, allowing for the development of new SPR-MS on-chip analysis. 

Finally, a novel label-free biosensing approach based on thin-film transmission 

interferometry (TTi) has been developed with nanoscale porous anodic alumina (PAA) 

film. The optical phenomenon of TTi has been successfully confirmed by simulation. 
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Performance of TTi sensing in relation to the structural geometries of PAA nanofilm was 

studied, providing valuable insights into the optimization of TTi-substrate based on 

porosity, thickness, and pore diameter to achieve high biosensing sensitivity. This newly 

developed substrate also provides a convenient platform for biological studies of protein 

adsorption. As a surface-sensitive label-free detection, TTi shows a great potential to be 

incorporated into the ongoing on-chip SPR-MS biosensor development for achieving 

higher level of research possibilities. 
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Chapter 1 Introduction 

 
    The future of biomedical diagnostics relies heavily on the development of novel 

biosensors that are capable of cross-platform, multiplexed detection and self-calibration 

and verification.1, 2 Biosensors are molecular devices that use specific biochemical 

reactions to transform a binding event or a chemical or biological mass into electrical, 

thermal, optical, or other analytical signals.3 As illustrated in Figure 1.1, biosensors 

consist of two main components: the recognition unit (receptor) such as an enzyme, an 

antibody, or even a whole cell that defines the specificity; and the signal transduction 

element (transducer) that provides measurement. The development of biosensors is an 

important field which serves a wide range of scientific disciplines owing to its capability 

to offer non-traditional and convenient ways to perform sophisticated measurements. 

Biosensors have found broad applications in healthcare, biotechnology, drug design, 

environmental monitoring, detection of biological, chemical and toxic agents, and even 

homeland security.4  

Fluorescence methods have been extensively used  in biosensing that spans 

antigen-antibody interactions,5-7 protein-protein interactions,8-11 synthetic aptamer-

protein/cell interactions,12-16 enzyme-substrate interactions.17-21 Though highly sensitive, 

they require labeling steps, which increase the material cost and complicate the 

experimental process. In addition, the fluorescent labels may interfere with biological 

processes which can further influence accurate kinetic measurements. In recent years, 

detections with label-free technique have attracted considerable attention in biosensor 

development. Among all label-free techniques, surface plasmon resonance (SPR),  



2 

 

 

 

 

 

 

 

 

Figure 1.1 A biosensor with two main components: receptor 
and transducer. The receptor defines the specificity of a 
binding event. The transducer converts the binding event to a 
measurable electrical or optical signal. The amplifier 
increases the intensity of the signal for better sensitivity.  
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localized surface plasmon resonance (LSPR), surface enhanced Raman spectroscopy 

(SERS) are most attractive. 

Surface chemistry plays an important role in biosensor development. In the last 

decade, the surge in nanotechnology research has enabled many designs of various 

nanostructure surfaces with well-controlled geometries that offer interesting optical 

properties that can be applied into the biosensors. These nano-surfaces are also ideal 

substrates for laser-based molecular ionization and removal. This phenomenon lays the 

foundation for surface-assisted laser desorption/ionization mass spectrometry (SALDI-

MS).   

The overall objective of this thesis is to take advantage of new advances in 

nanomaterials to develop novel biosensing platforms that provide unparalleled power for 

analysis of biological and chemical molecules. The focus is placed on realization of label-

free quantitative measurement and extraction of chemical structural information of 

molecules of interest on the same sensing interface. Specifically, my work is focused on 

the design and fabrication of gold nanostructures for sensing with SPR, LSPR, SERS, and 

SALDI-MS detection. In addition, an interferometry based biosensor on porous 

aluminum oxide surface has been explored to expand the detection strategy.  Computer 

simulation using finite-difference time-domain (FDTD) algorithm has been incorporated 

into the study to effectively understand the electromagnetic (EM) field distribution on 

nanostructured surface in relation to biosensing enhancement.     
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Surface Plasmon Resonance Biosensor 

Background and Principle 

Surface plasmon resonance (SPR) was first discovered in 1967 by Reather from 

the concept of surface plasmon oscillations (SPO’s), which was described as collective 

oscillations of the free charges propagating at a planar metal-dielectric boundary 

interface.22 The propagation constant of the surface plasmon wave between the metal-

dielectric interface is given in equation (1-1): 

 

where  denotes the wave number,  represents the dielectric constant of the metal, 

and is the dielectric refractive index.23 The EM field associated with the vibration of 

charge density peaks at the boundary and experiences exponential decay with distance 

from the metal-dielectric interface, and frequency of the surface charge oscillation with 

its intensity depends strongly on the properties of dielectric material above the metal 

surface. For this reason, SPR is a surface-sensitive phenomenon for any changes or 

modifications occurring at the interface. In the years followed, application of SPR has 

been further developed into three different configurations: Otto,24 Kretschmann,25 and 

grating26-28 configurations.  These configurations open the route for optical excitation of 

surface plasmons by observing the new phenomenon called frustrated total reflection, or 

attenuated total reflection, while surface is irradiated with transverse magnetic light at a 

specific angle of incidence or incident wavelength. This resonance condition can be 

expressed by the following equation (1-2): 
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Where  is the horizontal component of the incident light wave-vector,  represents 

wavelength of incident light,  stands for refractive index of prism, and  indicates 

incident angle. Therefore, SPR phenomenon can be achieved by conditionally adjusting 

the incident angle at a fixed wavelength, or variable wavelength at a fix angle. Though 

three configurations depend on the same theoretical bases, the use of Otto and grating 

configurations may give rise to complex instrumental setup and possible inaccurate result 

if the sample dielectric medium is absorptive, leaving Kretschmann configuration to 

become a widely used model for SPR instrumentation to date due to its convenience and 

straight forward sensing approach as well as its flexibility to integrate additional 

propagation mode.29  

A conventional SPR biosensor that applies Kretschmann configuration is 

illustrated in Figure 1.2, where a receptor and the interaction with a bio-specific analyte 

are monitored in real-time based on the tracking of minimum reflective angle change to 

provide a sensorgram for concentration and kinetic analysis. The kinetic information such 

as equilibrium dissociation constant  can be obtained by recording the signal responses 

of a set of different analyte concentrations to be fitted into a nonlinear least-squares 

analysis in equation (1-3) and expressed by  and  in equation (1-4), 
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Figure 1.2 SPR biosensor in the Kretschmann 
configuration with angular configuration and SPR 
spectroscopic reflectivity curve and the sensorgram. 
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where  is the average of the response signal at equilibrium, [A] is the concentration 

of analyte, and  is the maximum response that can be obtained from analyte 

binding depending on the number of binding sites available for the receptor 

functionalized surface.30 While the SPR measurement based on angle scan can provide 

highly valuable kinetic analysis, it is nonetheless limited by its low throughput 

characteristics, for the measurement is carried out and recorded as the average response 

from the entire surface. Therefore, by slightly modifying the methodology to incorporate 

a CCD camera, measurement at a fixed angle can be realized to monitor the reflected 

light intensity profile during the bio-specific interaction, as shown in Figure 1.3. The 

technique is called SPR imaging (SPRi), which can capture images of entire sensing 

surface fabricated in an array fashion to allow multiplex detection. Simultaneous analysis 

can allow up to 792 spot microarrays to be measured in parallel.28, 31-34  

 

Interface and Instrumental Design for Sensitive, Selective, and Crossed platform 

SPR-based Biosensor 

Despite the real-time, label-free, and multiplex advantages, SPR sensing surface 

itself is nonspecific with few selectivity. Sensitivity of SPR for ultra-low analyte 

concentrations has rooms for improvement. In addition, valuable concentration and 

kinetic data provided by SPR biosensor can be more powerful and ascertained with the 

additional confirmation of molecular mass fingerprint. Therefore, two main trends on 

SPR research have been actively proposed: (i) interface design by novel bioconjugation 

or particle attachment chemistry for selective and sensitive detection of biological  
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Figure 1.3 SPR imaging biosensor for a gold array in the 
Kretschmann configuration. SPR spectroscopic 
reflectivity curve and the corresponding sensorgram. 
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significant molecules such as bacteria, lipids, carbohydrate, aptamer, and small 

molecules,29 and (ii) instrumental design by nanoscale fabrication for the enhancement of 

EM field, propagation length, and penetration depth to extend beyond its surface-

sensitivity limitation as well as it compatibility towards complementary analytical 

biosensing techniques.35  

One of the examples of interface design involves the modification of oligopeptide 

on a SPR sensing surface for the detection of glyphosate.36 The oligopeptide was first 

screened from a phage library that is incubated with glass beads functionalized with 

glyphosate for the identification of strongest and most selective glyphosate-binding 

sequence. The resulting oligopeptide sequence is then synthesized with the addition of 

cysteine at the terminal for gold surface immobilization. This glyphosate-binding 

oligopeptide is able to provide strong selectivity with the LOD of 0.58 μM. Different 

novel interface design can also be specifically used for real-time quantitative detection of 

enzyme-catalyzed polysaccharide synthesis.37 For example, through the immobilizing of 

proper α-1,6 dextran enzyme accepter on a gold surface, real-time enzymatic reaction of 

glycosyl transfer can be monitored after the simultaneous injection and incubation of 

enzyme together with sucrose. We have also recently demonstrated a stable interface via 

LbL self-assembly of poly(allylamine hydrochloride) and sodium silicate on gold surface 

followed by calcination to generate a novel glassy interface. The calcinated silicate film 

on gold pioneers new avenues for supported lipid membrane assembly on SPR sensing 

substrate through vesicle fusion38 that further allows bioconjucation and particle 

attachment chemistry via in situ atom transfer radical polymerization (ATRP) reaction to 
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achieve ultrasensitive detection of proteins on delicate sensor interfaces.39 The novel 

glassy substrate has also been applied further to detect mesophilic DNA polymerase in 

attomole amount through nanoparticle-enhanced SPRi.40 The surface design utilizes 

template-directed polymerization to elongate the oligonucleotide immobilized on glassy 

substrate with an extended sequence that is complementary to the target DNA coupled on 

AuNP surfaces. The examples of the mentioned interface designs have successfully 

enhanced specificity and have also improved sensitivity of SPR detection. 

In terms of instrumental design, several outstanding structures including 

microarray and nanoarray have been intensively researched to enhance effectiveness and 

throughput of SPR detection. Corn et al has developed carbohydrate arrays with PDMS 

microchannel to pattern the gold surface for SPRi. It is envisioned that the method is 

useful for the characterization of different sugar-lectin binding specificity and for the 

identification of glycomimetics in a high-throughput fashion.41 In addition, Taylor et al 

also utilized PDMS microchip to construct the first cross-channel microfluidic patterning 

of bilayer lipid membrane array for multiplexed analysis of lipid-protein interactions that 

can be further applied to a wide range of high throughput applications involving trans-

membrane proteins.28 Lithographical engineering of etched glass array or other plasmonic 

microarray patterns has also been promising for higher sensitivity performance of SPRi 

due to the enhancement of signal-to-background contrast and the intensification of 

electric field.42, 43 Patterened nanohole array fabricated by e-beam nanoimprinting 

lithography  or nanosphere lithography has also shown improved sensitivity for binding 

events.44, 45 Other instrumental design includes the hyphenation of SPR with other 
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analytical techniques, namely SERS,46 fluorescence spectroscopy,47 electrochemistry,48 

scanning probe microscopy,49 separations,50, 51 and mass spectrometry.51 Recently we 

have demonstrated that the SPR-active calcinated glassy substrate on gold can be applied 

for SALDI-MS,52 and that SPR-MS coupling can be achieved by designing temperature 

responsive grafted polymer surface on gold to quantitatively measure the amount of 

binding protein and peptide as well as mass identification after on-chip desalting. 

It should be emphasized that SPR is an essential analytical instrument to meet the 

future demand of biosensor development. The possibilities of interface design and 

instrumental design have inspired the research direction of this thesis to take advantage 

of novel conjugation development, structural design of sensing substrate, and the 

incorporation of other analytical technique such as SALDI-MS to build a new technical 

platform that will have a large impact on biosening technology.       

 

Localized Surface Plasmon Resonance Biosensors and Surface Enhanced Raman 

Spectroscopy  

Background and principle 

Localized surface plasmon resonance (LSPR), like propagating SPR, is an optical 

phenomenon that involves the oscillating electric field and the oscillation of coherent 

conducting electrons upon plane-wave excitation. In contrast to the propagating SPR 

where the electrons are propagating at a continuous bulk metal surface, LSPR has 

discrete electron bands oscillating locally around the individual plasmonic nanostructure 

that is smaller than the irradiating plane wave. The difference between propagating SPR 
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and localizing SPR is illustrated in Figure 1.4. According to Mie’s theory and Maxwell’s 

equation, the EM field generated outside the metallic nanoparticles can be approximated 

by equation (1-5),53 

 

 

where  is the dielectric constant of metal nanoparticle, and  is the dielectric 

constant of the local environment, a is the radius of a sphere, and . 

The equation explains that  is crucial in the determination of EM field enhancement 

when the  value is close to  . For gold and silver, their  values satisfy the 

enhancement condition in the visible wavelength range, explaining their excellent 

surface-enhanced capabilities in many researches. Additional information of the plasmon 

band location for a nanostructure can be estimated according to the extinction cross 

section, , which can be given in equation (1-6),54 

 

 

where  is the complex dielectric constant of the bulk material,  is the 

electron density,   represents the shape of the nanomaterial ranged from 2 for spherical 

particle to 20 for a more complex geometry. As a result, geometry in nanostructures can 

play a key role to plasmonic enhancement. In addition, LSPR is also sensitive to the  
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 Figure 1.4 The schematic drawing of the difference 
between  propagating SPR (top) and localized surface 
plasmon (bottom). 
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change of the refractive index of the surroundings according to the following relationship 

in equation (1-7),55, 56 

 

 

where   is the bulk refractive index response of the nanoparticles,   is the change in 

local refractive index at the proximity of nanoparticle surface,  is the effective thickness 

of the material at the proximity of the surface, and  is the decay length for EM field 

similar to exponential decay. Because LSPR possesses ultrasensitive response towards 

the short range change of thin layer refractive index on the nanostructure surfaces, it has 

become an important tool for research towards the development of new sensing substrates. 

In the past decade, the advances of nanofabrication via synthetic or lithographic methods 

have also allowed the tunability of the size and shape of different nanostructures, leading 

LSPR biosensing to be applicable to a wide working spectral range from visible 

wavelength to infrared. As a result, the development of nanotechnology for optical 

biosening field has become inseparable to LSPR phenomenon.  

 

LSPR Spectroscopy and Surface Enhanced Raman Spectroscopy  

LSPR phenomenon has been applied in three major optically related biosensing 

techniques, LSPR wavelength shift, surface enhanced Raman spectroscopy, and metal 

enhanced fluorescence. The most straightforward LSPR application for biological and 

chemical sensing has been done in the solution phase with the detection of local 
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refractive index changes in the near proximity of nanomaterial surfaces. Various 

geometries such as gold nanospheres, nanorods, nanocubes, and nanobipyramids 

demonstrate maximum plasmon wavelength across from 500’s nm to 1100’s nm. With 

the manipulation of structural geometry, the bulk glycerol-water mixture refractive index 

sensitivity can induce a resonance wavelength shift as high as 700 nm.57 

Functionalization of a suitable surfactant such as chitosan on the nanoparticles in solution 

phase may enhance the LSPR sensitivity and may extend the biological application 

through the surfactant’s stability, biocompatibility, biodegradability, and nontoxicity.58 

More sophisticated coating method can allow the fabrication of thin silica film onto silver 

nanocubes in solution for the application of membrane-protein binding measurement via 

plasmonic wavelength shift.59 The preparations of these solution based methods are 

straightforward, making LSPR generated from free plasmonic nanostructures a mature 

sensing technique. However, disadvantages of these methods include aggregation of the 

particles during functionalization and sensing process, interparticle coupling, generation 

of irreversible signal, and difficulty in quantitation.60 To resolve the problem, solid phase 

sensing, has been developed to become a more stable sensing environment for 

bioconjugating applications during the sensing procedures. The concept of solid phase 

biosensing is illustrated in Figure 1.5, which involves the observation of refractive index 

changes on the plasmonic nanostructures that have been immobilized onto a solid 

substrate. For example, biological interaction of biotin-streptavidin can be monitored by 

first covalently tethering biotin terminal group on the surface of AuNPs on glass substrate, 
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Figure 1.5 A schematic illustration of a LSPR sensing through 
nanoparticle immobilized on glass substrate. The presence of 
biomolecule analyte in the close proximity of the nanoparticle 
causes a shift in the absorption curve, and the maximum 
absorbing wavelength shift is then monitored. 
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followed by the incubation of streptavidin that can induce a wavelength shift with LOD 

of 0.83 nM.61 Drop-coated gold nanorods offers a greater sensitivity in which the LOD 

can be enhanced to 94 pM.62 In addition, solid phase LSPR wavelength shift sensing can 

also be used in a real-time, label-free fashion, providing valuable kinetic information 

towards molecular interaction. For example, a silver nanotriangle sensor fabricated by 

nanosphere lithography can be functionalized with carbohydrate to study the 

carbyhydrate-protein interaction. The resulting LSPR wavelength-shift for the study of 

Concanavalin A binding to a mannose functionalized self-assembled monolayers have 

shown similar kinetic association value in comparison to conventional angle-shift SPR.63  

Despite these benefits, solid phase nanostructure-based sensing is still less well-

developed in comparison to the solution phase sensors because there are many material 

and structural variations as well as packing morphology that can be studied and designed 

on a solid substrate. These variations can lead to diverse theories and explanation that 

would complicate the understanding of field enhancement effect for each substrate. 

Nevertheless, a promising feature for solid phase nanostructure sensing is the cross-

platform capability that allows other detection methods to be performed on the same 

substrate. One of the extended applications of LSPR sensing utilizing nanostructure EM 

field enhancement is surface enhanced Raman scattering (SERS). The principle of Raman 

effect, which involves the inelastic scattering of incident light from a sample and the 

shifting in frequency by the energy of its characteristic molecular vibrations, is described 

in Figure 1.6. To achieve enhancement of the Raman scattering through nanomaterial 

surfaces, it is important that the plasmonic properties of enhancing nanosubstrates are  
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Figure 1.6 A schematic illustration of SERS. The nanosized metal structure is used 
to provide electric field enhancement for the inelastic scattering. 
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matching the excitation and scattering wavelength of the samples.64, 65 The first SERS 

phenomenon was discovered in 1974 on a roughened Ag surface where the adsorbed 

pyridine molecules have shown an intense Raman scattering. SERS research has 

accelerated dramatically with the contributions from many research scientists, among 

whom Jeanmaire and Van Duyne66 and Albrecht and Creighton67 proposed respectively 

electromagnetic and chemical enhancement mechanisms that are well recognized  for 

providing insights to experimental designs. Gold nanoparticles can be controlled to have 

a distance of precisely 0.9 nm apart from one another by chemical induced aggregation to 

intensify and confine EM field among the AuNP clusters.68 Others have utilized different 

gold nanoarchitetures to produce dimeric or trimeric nanospheres,69 nanoparticle chains,70 

nanowires,71 nanoaggregates,72, 73 nanoislands,74 and nanoflowers,75 for highly enhanced 

Raman scattering of Rhodamine 6G. It’s agreed that pulling the nanostructure in close 

proximity allows for the Rhodamine 6G dyes to be adsorbed within the junctures of the 

nanostructure aggregate where the EM field is intensified the most.  

My research goal of LSPR sensing focuses on the fabrication of close-packed, 

stable AuNP film on glass substrate via layer-by-layer technique and calcination. The 

substrate possesses characteristics such as high surface roughness and porosity that 

enable the analyte to be surrounded by the intensified EM field for highly sensitive LSPR 

sensing and SERS characterization. The high roughness profile is homogeneously 

distributed throughout the surface to provide reproducible sensing measurement without 

the cumbersome search for particular “hot-spot.”      
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Surface Assisted Laser Desorption/Ionization Mass Spectrometry (SALDI-MS) 

Background and Principle 

Laser desorption/ionization (LDI) was introduced in late 1960s while low-mass 

organic salts with light-absorbing structures was discovered to be accessible by 

ionization/desorption of laser irradiation.76, 77 Until the 1980s, it has not yet been 

popularized due to the intrinsic difficulty to effectively generate good mass spectra from 

biological samples that generally do not possess light-absorbing structures. However, in 

the mid-1980s, Karas and Hillenkamp found that the assistance of light absorbing matrix 

in the presence of a nonabsorbing analyte results in molecular ion formation of both 

matrix and analyte.78 As illustrated in the schematic drawing in Figure 1.7, with the use 

of organic matrixes, matrix assisted laser desorption/ionization mass spectrometry 

(MALDI-MS) has become a powerful tool to effectively detect and identify a wide range 

of biomolecules such as peptides and proteins.79-81 Various models, namely thermal-

spike82 and pressure pulse theory,83 have been proposed for the analyte desorption 

process. In short, the thermal-spike theory explains that the analyte desorption efficiency 

is resulted from local heating and sublimation of matrix molecules after laser pulse, 

whereas the pressure pulse theory model stress the importance of momentum transfer 

from collision of fast-moving matrix with analytes. For ionization process, two major 

mechanisms, photochemical ionization84 and cluster ionization,85-87 have been widely 

employed to explain the experimental results. Both the ionization models stress the 

importance of matrixes-analyte complex during the process of proton transfer or 

cationization. However, the matrix-assisted laser desorption and ionization process would  
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Figure 1.7 A schematic illustration of MALDI-MS. The analyte is 
cocrystalized with the matrix molecule on the stainless steel plate. Upon 
laser irradiation, both the matrix and analyte are desorbed and ionized with 
charges and accelerated into the mass analyzer. 
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involve both analyte and matrix signals in the MS spectrum, creating background 

interference from the mass of matrix to hinder  small biomolecule detection in the low 

mass range (<500 Da).88, 89  

As a result, another approach, surface-assisted laser desorption/ionization mass 

spectrometry (SALDI-MS), has been developed as an alternative method for biomolecule 

detection because it possesses cleaner background advantage over MALDI in the low 

mass range. SALDI-MS detection of biomolecules, as shown in Figure 1.8, uses the 

surface of nanoarchitectures from porous silicon, gold, to silver with various geometries 

to replace organic matrixes as laser light absorbers. These surfaces possess additional 

characteristic such as high porosity, roughness, and surface-to-area ratio to enable an 

efficient desorption/ionization process upon laser irradiation.90 It was first developed by 

the mixture of cobalt powder with analyte in glycerol solution.62, 91, 92 It is believed that 

metal surfaces such as inorganic cobalt powder reduce the appearance of background 

noise and serve as a  medium to transfer energy from the laser source to the analyte.93, 94 

In recent years more nanomaterials has been intensively researched for the application of 

SALDI-MS due to the advance in nanotechnology. Porous silicon, carbon nanotubes, 

gold nanoparticles (AuNPs), gold nanofilms, TiO2 nanoparticles have been reported as 

possible surfaces for the detection of biomolecules.52, 95-101 
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Figure 1.8 A schematic illustration of SALDI-MS. Different from 
MALDI-MS, the analyte is adsorbed on or among the 
nanostructured surface without the use of matrix. Upon laser 
irradiation, only the analyte is desorbed and ionized with charges 
and then accelerated into the mass analyzer.  
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Application of Gold Nanostructures as SALDI-MS Substrate 

The application of gold nanostructures as SALDI-MS substrate can be categorized 

into two main research focuses: (i) structural engineering to design enhanced ionization 

nanomaterials, and (ii) gold surface modification as concentration probe. Russell et al has 

presented that the ionization signal abundance is crucially dependent on the structural 

size fabrication of the AuNPs,102 with increase of ion signals when the AuNP size 

decreases. Many researchers have engineered a wide range of AuNPs with different 

capping agents to improve the ionization performance towards various target analyte in 

the femtomolar range.103-110 Recently, gold nanostructures such as nanorods and 

nanostars have been fabricated to be surface suitable for LDI by visible or near-infrared 

laser irradiation which may cause less fragmentation of target analyte and therefore may 

increase the quality of spectrometric identification.111-114 Our research group focused on 

the engineering of gold nanostructure on glass substrate An ultrathin calcinated silicate 

film on a 46 nm gold surface was designed for highly effective laser 

desorption/ionization of biomolecules.52 The gold nanofilm plays a main role on energy 

absorption upon laser induced thermal desorption, whereas the ultrathin calcinated 

silicate substrate has provided crucial ability for heat confinement to provide efficient 

thermal desorption and ionization process. Additional characteristics such as surface 

hydrophobicity and roughness can be fine-tuned to obtain highest LDI performance. 

Further applications which take advantages of the highly biocompatible glassy silicate 

surface can be designed to achieve the goal for the calicnated silicate gold film to serve as 

concentration probe for SALDI-MS experiment. By modification of silicate surface with 
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hydrophobic hydrocarbon chain, selective capture of the protein with hydrophobic 

component can be achieved, providing a highly useful strategy for specific peptide 

enrichment.101  

 

Cross-Platform analysis using SPR-MS Inspired by SALDI-MS biosensor 

One interesting research direction is the coupling of label-free SPR with MS by 

microrecovery of analyte from the SPR sensor surface for downstream MS analysis.115, 116 

This approach focuses on the eluding of the bound analyte from SPR sensing chip into 

microliter volume sample for mass identification. In brief, a capture protein or peptide is 

first immobilized on a sensor chip, followed by injection of complex biological solution 

on the chip through the fluidic system. Proteins from the biological sample that are not 

selectively interacting with immobilized ligands are washed away, whereas the proteins 

that have bound to the immobilized ligand are recovered into microliter volume sample. 

These recovered proteins can be digested into peptides and further purified and separated 

for the following analysis by MS.117 The available MS detection based on this method 

after SPR analysis includes the coupling with MALDI118-120 and electrospray 

ionization.121 A detail instrumental setup of SPR-MS based on eluding method is 

described in Figure 1.9 by a review article published in Trend in Analytical Chemistry.122 

The combination of two powerful complementary techniques provide a promising 

analysis of both functional and structural studies that can be sensitive to the attomole 

levels in complex biological mixtures. However, as sample eluding is an offline process, 

this technique may suffer from sample loss that is resulted from eluding process and can  
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Figure 1.9 Overview of the surface-plasmon resonance (SPR) coupled 
with electrospray ionization mass spectrometry.122 
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complicate experimental procedures such as sample purification as well as separation. 

These drawbacks are particularly significant for complex mixtures with low affinity 

analyte and fast dissociation rate.  

Another option is to analyze the bound analyte directly from the SPR sensor 

surface by applying matrix onto the sensor chip where they were captured during SPR 

biomolecular interaction analysis.123-127 A schematic example comparing between the 

eluding and on-chip SPR-MS technique is shown in Figure 1.10.128 This “on-chip” 

process first analyzes protein adsorbed on the functional surface through SPR, and can be 

followed by in-situ treatment such as on-chip digestion to further allow mass 

identification by MALDI-MS identification. It reduces complicated procedures such as 

sample eluding by performing both SPR-MS analysis on the same chip, and can directly 

solve for the possibility of sample lost. An representative procedure of on-chip technique 

is demonstrated by Nelson129 in Figure 1.11. Another advantage of this on-chip technique 

is to offer the capability to compliment for high-throughput analysis. Examples of the 

high-throughput improvement include the study of an important number of interactions in 

parallel as illustrated in Figure 1.12.130, 131 By arraying binding ligands on SPR chips for 

affinity capture of different proteins, SPR can first monitor the multiplex binding affinity 

to further allow on-chip MS analysis to obtain mass signals from the targeted proteins for 

each antibody-modified array, giving accurate evaluation of kinetic analysis and mass 

identification of target proteins in an on-line fashion.  Despite the advantages of on-chip 

SPR-MALDI analysis, most of the sensing substrates lack of reusability for repetitive 

analysis. We have accomplished the direct SPR-MS analysis of binding protein and 
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Figure 1.10 A Schematic comparison between off-line eluding and on-
chip method for SPR-MS analysis.128 
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Figure 1.11 A representative procedure of on-chip technique 
demonstrated by Nelson et al.129 
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Figure 1.12 The experimental result obtained from SPR imaging in 
an array format and its corresponding mass identification on each 
array spot.130, 131 
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peptide on gold substrate modified with grafted polymer that can substantially improve 

sample recovery and reusability. Although the current SPR and MS hyphenation 

techniques with their improvements have been promising, the need for additional matrix 

during the transition of two instruments can discourage the practicality of operating a 

biosensor. It should be noted that the ultimate goal for a hyphenated SPR-MS biosensor 

should possess the current advantages with a more direct and seamless procedure. Our 

calcinated silicate gold film on glass is the substrate to achieve this goal. It possesses the 

advantage of cross-platform SPR-SALDI analysis. The use of calcinated gold film 

enables extensive bioconjugation capability that allows analysis of biomolecular 

interaction, and can bypasses the need for additional matrix for LDI-MS process.  

 

Finite-Difference Time-Domain (FDTD) Method for Simulation of Plasmonic 

Metallic Nanostructured Optical Properties 

Theory and Background 

In the previous sections, a brief relationship between the plasmon-active metal 

structure and its factor of enhancement was discussed. It is agreed that nanostructures 

play an essential role for enhanced optical biosensing. However, precise understanding of 

overall optical enhancement by nanostructures remains a complex subject. The ultimate 

solution relies on solving Maxwell’s electromagnetic equations that describe the 

photon/electron interactions on the surface. Finite-Difference Time-Domain (FDTD) 

method was proposed to be one of the solutions to Maxwell’s equations. It is proposed by 

Yee in 1966.132 He proposed a discrete solution to Maxwell’s equations based on central 



32 

 

difference approximations of the spatial and temporal derivatives of the curl-equations. 

The solution discretizes Maxwell's equations using rectangular three-dimensional cells of 

finite volume known as Yee cell, within which both electric and magnetic field in both 

space and time were calculated. The detail of the derivatization will be discussed in 

Chapter three. When the proposal was first published, few scientific research has applied 

the method to understand the electromagnetic properties of metal structures because the 

technology still cannot meet the demand of computing memory and processing speed to 

solve a higher number of Yee cells within a simulation domain for a better accuracy of 

finite difference approximation. After the surge of computer development and the 

availability of consumer computers in mid 1970s, the application of the FDTD method 

has grown exponentially and has helped Yee’s FDTD algorithm to be recognized as “the 

fastest way of solving Maxwell's equations”.133 Simple computer FDTD simulations such 

as electromagnetic scattering by dielectric cylinders, biological heating by microwave 

irradiation, and currents induced on an aircraft by an electromagnetic pulse, have been 

accomplished decades ago.134-136 With the advance of the most current computing 

technology that utilizes parallel processors and memories, more sophisticated simulation 

structures can be accurately calculated by discretizing the simulation domains into ultra-

high number of finer Yee cells which normally require gigabytes of memory. It is even 

possible to simulate a sophisticated nanostructure with high accuracy using an average 

personal computer. Another reason for the popularity of FDTD simulation is its 

simplicity in making virtually any desired shapes, structures, polarization of light source 

with the pre-build software languages that have been deliberately designed by software 
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engineers. Once the plasmonic nanostructure has been built to match the morphology 

identified by high-resolution microscopes, it is possible to precisely understand the 

optical theory behind the structure. FDTD has become a popular computational tool 

among the nanostructured engineering research fields such as waveguides,137, 138 

nanoantennas,139 and plasmonic cavities.140, 141 For example, FDTD has been used to 

calculate the normalized electric profile of a waveguide integrated metal-semiconductor-

metal photodetector with the illumination of a plane wave in the y-direction. The 

simulation consists of a gold (100 nm)/semiconductor (90 nm)/gold (160 nm) layer stack 

with two 300 nm wide entrance/exit slits located separately at the two gold layers.142 

Another example is the simulation of electric field of 1-D photonic crystal silicon nitride 

waveguide nanocavity with a gradual symmetric increment of cavity size starting from 

the center towards the two sides of  the x-axis.143 More recently, a simulation of electric 

field distribution of gold nanopillars with a base diameter of 300 nm and periodic lattice 

constant of 700 nm on silicon substrate was performed in various wavelengths.144 A 

summary of the EM field distributions from the complicated nanostructures mentioned 

above is displayed as Figure 1.13.  Gold nanoparticle clusters such as dimers and trimers 

have also been studied by FDTD simulation to understand the electric field distribution 

and coupling effect among the clusters to understand the underlying theory that causes 

enhancement of optical response such as SERS.145-147 All the examples show that the use 

of FDTD method is capable of building any geometrical shape for the further 

development of plasmonic nanotechnologies and for providing strategic concepts to 

manipulate nanostructures that can be constructed into  
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Figure 1.13 Demonstration of the capabilities of FDTD simulation to 
solve for EM field distribution of metal-insulator waveguide 
structure, photonic crystal nanocavity, and photocatalytic metal 
nanopillars.142-144 
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biosensing applications. To date, FDTD method has been used to simulate numeral SP 

application with advanced nanostructures for SPR imaging, Plasmon waveguide 

resonance Raman spectroscopy, nanolithographic metal patterning, luminescence 

enhancement, and metamaterials.42, 148-151 The FDTD algorithm calculation is developed 

as commercial software such as Microwave Studio, XFdtd, GEMS, SAMCAD X, 

Lumerical FDTD solutions, EM Explorer Studio, OptiFDTD, and so forth. We use EM 

Explorer Studio to perform FDTD simulation to understand the effect of EM 

enhancement on optical biosensing such as LSPR, SERS, silver nanostructures (AgNS) 

enhanced fluorescent, and metamaterial periodic gold nanorod array enhanced SPR.  
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Chapter 2: Fabrication of Calcinated Gold Nanoparticle Microarrays and Their Use 

for Matrix-Free Ionization in Mass Spectrometry 

 

Introduction 

Gold nanoparticles (AuNPs) have drawn considerable attention due to their 

unique size-dependent physical, chemical, and optical properties1-3, and have been used 

in a broad range of biosensing applications4-6 in the forms of localized surface plasmon 

resonance (LSPR)7, colorimetry8, and surface enhanced Raman spectroscopy (SERS)9. 

Recently, AuNPs have been utilized for surface-assisted laser desorption/ionization mass 

spectrometry (SALDI-MS) to analyze small proteins, peptides, carbohydrates, and 

aminothiols10-15. The popularity for AuNP application is resulted from many attractive 

advantages. For example, gold-thio interaction offers simple functionalization 

possibilities for various affinity capture of analytes16-19. Second, AuNPs do not 

cocrystalize with analyte of interest and therefore are less likely to be desorbed and 

ionized into the detector, opening a pathway for simple sample preparation as well as the 

suppression of substrate interferences in the lower mass range20, 21. To achieve highly 

effective desorption and ionization of biomolecules in a SALDI experiment, the surface 

is desired to possess characteristics of strong UV absorption, high porosity and surface 

roughness22. The absorption of AuNP in and near the UV region appears to be ideal for 

taking advantage of the UV source laser at λ= 334 nm, while the nanoparticles provide 

porosity and roughness, thus enhancing the capacity of sample loading. For these reasons, 

AuNPs have been demonstrated in a number of mass spectrometry studies that exhibit 
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good performance including high sensitivity 23,24, reduced fragmentation, large mass 

range25, simple sample preparation and handling, and amenability to throughput analysis.  

Despite the promising results, there are several drawbacks that can limit further 

mass spectrometric application of AuNPs. The aggregation of AuNPs upon drying on the 

plate creates ring-like deposit26 and requires sweet-spot searching of samples, which 

causes poor shot-to-shot and sample-to-sample reproducibility27. The use of citrate-

capped AuNPs generates abundant alkali adduct, and the ionization efficiency can vary 

significantly from analyte to analyte, both of which lead to poor generation of protonated 

ions28. The LDI performance appears to have a close dependency on size of AuNPs21. It 

has been reported that the abundance of analyte-to-AuNP ratio increased when particle 

size was reduced from 10 nm to 2 nm21. Importantly, though AuNPs in an ideal size 

range may increase analyte intensity and suppress substrate interference, the appearance 

of Au cluster ions (multiple of m/z 197) as background noise in the mass spectrum may 

still exist and cause instrument contamination and interference with low-mass analyte 

identification10, 21.  

The appearance of Au clusters in MS spectra can hinder their ability for small 

molecule analysis. Several methods have been proposed to suppress the background 

signal using Au conjugation chemistries. The layer-by-layer (LbL) deposition method has 

been employed to immobilize charged AuNPs and polymers layers on a substrate to 

reduce the AuNP cluster formation27. Hybrid AuNPs/SiO2 NPs have been reported that 

rely on porous dielectric film and discrete noble NPs for improvement of matrix-free 

detection29. AuNP@Silica core-shell structure has also been designed to stabilize the 
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AuNPs during LDI process for effective study of small functional molecules and 

polymers with minimal background interference. Previously we had demonstrated a 

calcinated silicate nanofilm on an SPR gold substrate for LDI of biomolecules22, and 

showed a calcinated TiO2 nanofilm on gold for phosphopeptide enrichment30. 

In this work, we report the fabrication of calcinated silicate AuNP microarrays on a 

microscope glass slide and demonstrate their applications for soft and highly sensitive 

MS analysis of peptides and small molecules.  

 

Experimental 

Materials 

Gold (III) chloride trihydrate, sodium citrate, Poly(allylamine hydrochloride) 

(PAH), titanium (IV) tetrachloride, octadecyltrichlorosilane (OTS), trifluoroacetic acid 

(TFA), [Sar1, Thr8]-angiotensin II (MW = 956.1), neurotensin (MW = 1672) were 

purchased from Sigma-Aldrich (St. Louis, MO). Citric acid, sodium silicate, and 

chloroform were purchased from Fisher Scientific. Acetyl-Tetradecapeptide Renin 

Substrate (MW = 1802.1) was purchased from AnaSpec (San Jose, CA). 

 

Preparation of 13nm AuNPs 

Au nanoparticles, 13 nm in diameter, were prepared under the protocol in Journal 

of Chemical Education31. In short, a round bottom flask containing HAuCl4 (500 mL, 1 

mM) is heated with stirring until solution boiled, after which Na3C6H5O7 (50 mL, 38.8 

mM) was added to mix with boiled HAuCl4 solution. The mixed solution was continually 
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boiled and stirred until deep red color appeared. The particle size was confirmed by TEM 

images, which indicated a uniform distribution of particle size in approximate 13 nm 

range.  

 

Modification of Glassy Silicate on AuNPs via Layer-by-Layer Process 

The modification procedure of glassy silicate layer on AuNP was carried out by 

LbL electrostatic self-assembly process. Poly(allylamine hydrochloride) (PAH) and 

silicate was prepared to the final concentration of 1 mg/mL and 22 mg/mL, followed by 

pH adjustment with NaOH and HCl to 8.5 and 9.5, respectively. LbL deposition of PAH 

and silicate was carried out on citrate capped AuNPs in a centrifuge tube. Citrate capped 

AuNP solution (1.5 mL) was centrifuged and its supernatant was removed. PAH solution 

(1 mg/mL, pH 8.0, 1.5 mL) was added to the AuNP precipitate and the mixture was 

sonicated and allowed to react for 5 minutes to obtain AuNP-PAH solution. AuNPs-PAH 

solution was centrifuged again followed by the removal of excess PAH supernatant. 

Washing step was carried out by the addition of 1.5 mL Millipore water and the solution 

was concentrated again by centrifugation. The addition of sodium silicate solution (22 

mg/mL, pH 9.5, 1.5 mL) to AuNP-PAH precipitate followed by sonication as well as 5 

minutes of reaction time yields AuNPs-(PAH-silicate)1. Excess sodium silicate was 

removed and washed by the same procedure that removes excess PAH. Repeating the 

LbL process produced AuNPs-(PAH-silicate)3 and AuNPs-(PAH-silicate)5 for further 

study of heat transfer mechanism. The resulting solution was concentrated 15-fold and 

ready for further droplet deposition on octadecyltrichlorosilane (OTS) patterned array. 
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Photo Catalytic Hydrophobic-hydrophilic Array Patterning with OTS 

Array patterning on the microscope glass slides was carried out by similar concept 

of photocatalytic TiO2 and octadecyltrichlorosilane (OTS) patterning in the previous 

literature with some modifications30. Microscope glass slides were first cleaned and 

processed in piranha solution (3:1 sulfuric acid to hydrogen peroxide) to ensure the 

coverage of hydroxyl group on the surface and were rinsed with Millipore water followed 

by drying under gentle nitrogen stream. The processed glass slides were then immersed 

for 15 minutes in 10 mM titanium (IV) chloride in toluene with trace amount of water 

(0.01% by volume) for the hydrolysis of TiCl4 to obtain a photocatalytic nanofilm of 

TiO2 on the surface32. The TiO2 coated microscope glass slides were immediately rinsed 

with toluene and ethanol three times and were immersed for 15 minutes into 10 mM OTS 

in toluene to generate a hydrophobic self-assembled monolayer, followed by rinsing with 

toluene and ethanol again for three times. The resulting TiO2 and OTS nanofilms on glass 

were covered by photomask and irradiated with 254 nm UV light for one hour for the 

cleavage of hydrocarbon chain on the uncovered spots. After rinsing with EtOH, droplets 

of 0.5M NaOH solution were incubated on the exposed area to remove the remaining 

residues of OTS, generating hydrophilic TiO2 array patterns surrounded by hydrophobic 

OTS backdrop. 

 

Calcinated AuNP Array Fabrication 

Concentrated glassy silicate-modified AuNPs droplets were deposited on the 

OTS-patterned glass slide and were allowed to dry. The procedure was repeated for 9  
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Figure 2.1. Images of (a) TiO2-OTS patterned array with AuNP 
deposition on spot, and (b) calcinated silicate AuNP array. 
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times until the array spots become dark blue and opaque as shown in Figure 2.1 (a) and 

(b). The spotted array slide was heated in the furnace to 450  with a rate of 17  

for 4 hours and was allowed to cool to room temperature before use.  

 

AFM and Electron Microscopy 

Atomic force microscopy (AFM) images were obtained using a Veeco Dimension 

5000 atomic force microscope (Santa Barbara, CA) with manufacturer-provided software. 

All images were obtained in tapping mode. UV-Vis extinction and transmittance spectra 

were recorded by Cary 50 UV-Vis-NIR spectrophotometer. The morphologies of 

nanoparticles were investigated using Philips Tecnai 12 transmission electron microscope 

(TEM) and a Philips FEI XL30 scanning electron microscope (SEM).  

 

Peptide and Small Molecule Sample Preparation 

Three peptides, [Sar1, Thr8]-angiotensin II (MW = 956.1), neurotensin (MW = 

1672), and acetyl-tetradecapeptide renin substrate (MW = 1802.1) were prepared in 50% 

acetonitrile containing 0.1% TFA and 10 mM citric acid to a final concentration of 20 

µM, respectively. Cholesterol sample was directly dissolved by chloroform to make a 

concentration of 1 mg/mL (2.59 mM). When matrixes were used for ionization of 

peptides, the peptide solution to CHCA ratio was set as 1:10. The same ratio was also 

applied for direct ionization of cholesterol using both CHCA and DHB matrixes. 

      On the optimized calcinated AuNP spots, 1 µL of each sample was deposited 

followed by drying under vacuum. The resulting array was attached to MALDI sample 
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plate and sent to Voyager MALDI-TOF mass spectrometer operating in positive reflector 

mode. 

 

SALDI-TOF-MS 

Surface-assisted laser desorption / ionization mass spectra were obtained by 

Voyager-DE STR MALDI-TOF mass spectrometer (Applied Biosystems, Framingham, 

MA). Experiments condition was set in positive reflector mode at accelerating voltage of 

20 kV. The spectrometer is equipped with a pulsed nitrogen laser operated at 337 nm 

with 3 ns duration pulses. MS spectra were acquired as an average of 60 laser shots.  

 

Results and Discussion 

Characterization of Calcinated AuNP Array 

The fabrication procedure of calcinated AuNP microarrays is shown in Figure 2.2. 

A red-shift of LSPR peak was observed when the polyelectrolyte layers on the NPs grew 

thicker demonstrated in Figure 2.3 (a), suggesting the positive layers and negative layers 

are being deposited accordingly. The decreases in absorbance magnitude are due to 

sample lost in washing step before each layer deposition. While UV characterization only 

confirms layer-by-layer deposition through peak absorbance wavelength, TEM may 

visualize the layer thickness growth. Four selected samples, namely AuNPs, AuNP-PAH, 

AuNPs-[PAH-silicate]1, and AuNPs-[PAH-silicate]5, were imaged by TEM to observe 

the growth of PAH-silicate layer thickness. Figure 2.3 (b) also shows the TEM image of 

AuNPs without layer deposition of PAH nor silicate layer, yielding a clean environment  
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Figure 2.2. A schematic illustration of the calcinated AuNP array 
fabrication and its application to peptide and small molecule detection in 
LDI-MS. Citrate-capped AuNPs are first modified with polycation PAH, 
followed by coating of polyanion sodium silicate to form protected NPs. 
The nanoparticles dispersed in aqueous solution are then deposited on an 
OTS-patterned microscope cover glass to generate arrays of different size 
and spacing. After drying, the chip is calcinated at 450 oC to permanently 
fix the AuNP to the cover glass for MS .analysis of biomolecules. 
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Figure 2.3. UV characterization of different layers of coatings 
before calcination with the corresponding TEM images (from left 
to right) of citrate-capped AuNP, AuNP-PAH, AuNPs-PAH-
silicate, AuNPs-(PAH-silicate)5, respectively. 
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around the nanoparticles. However, with the deposition of PAH and silicate layers as 

shown in figure 2.3 (c), (d), and (e), transparent film coated onto AuNPs is observed and 

its thickness increases by the addition number of PAH-Silicate layers. The result of one 

layer glassy silicate coated AuNP solution, AuNPs-(PAH-silicate)1, depositing on an 

OTS-patterned microscope glass slide with calcination at 450 oC leads to formation of 

highly organized arrays of calcinated silicate AuNP with tunable array size and spacing. 

Scanning electron microscope (SEM) and atomic force microscopy (AFM) have been 

used for spot characterization. The array spot in Figure 2.4 (a) appears to be relatively 

homogeneous and evenly distributed with clearly defined spot edge without any coffee-

ring deposition features. Higher magnification SEM characterization in Figure 2.4 (b) and 

(c) indicates that the AuNP array also shows high roughness and porosity, which is 

important to enhancing LDI on a substrate. Nine consecutive droplet depositions have 

been found to provide optimal performance of LDI, and serves to eliminate uneven 

distribution of AuNPs and increase the roughness and surface-to-area ratio for sample 

loading. The porous structure is resulted through the nanometer-ranged depression of the 

surface in the calcination step when PAH layer is removed, causing a localized shrinkage 

of the silicate layer. The pores enable the surface to capture a larger quantity of analytes 

through sample deposition prior to mass analysis. It also plays a role in allowing rapid 

heating of AuNP surface from laser irradiation to elevate analyte ion intensity. It should 

be mentioned that LDI intensity decreases substantially when pore size surpass 100 nm33. 

This has not happened with the calcinated AuNP array we prepared.   
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Figure 2.4. Characterization of calcinated silicate AuNP arrays. (a-c) 
SEM images under the magnification of 100x, 5000x, and 10000x, 
respectively; (d-e) TEM micrographs of different AuNP surfaces. Inset in 
(d) on the left is the original citrate capped 13 nm AuNPs, and the inset 
on the right show the citrate capped AuNPs that are aggregated into 
clusters after calcination. The lower part in (d) shows the calcinated 
silicate AuNP suggesting the silicate nanolayer protection of AuNPs from 
aggregation. (e) is the magnified individual calcinated silicate AuNP. (f) 
AFM image of the array element showing the roughness and porosity of 
the calcinated silicate AuNP surface.  
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LbL is an effective approach to alter surface structure at nanometer level. Figure 

2.4 (d) shows a TEM image illustrating the aggregation process for AuNPs to form large 

clusters (>500 nm) without the silicate protective layer upon droplet deposition, which 

agrees with the aggregation process previously reported34, and within the nanometer 

range. The ultrathin shell has proved that the silicate film fabricated from LbL and 

calcination process serves as a stabilizing and protecting layer. LbL coating with silicate, 

which substantially reduces the aggregation of the Au nanoparticles and retains the 

NP/silicate core/shell structure, prevents the AuNP core from aggregating into bulk gold 

clusters upon calcination. There is a slight increase in the size of the calcinated silicate 

AuNPs but the dimension was retained in nanoscale range as shown in Figure 2.4 (e), 

similar to previous literature that bridging flocculation among AuNPs may take place 

during polyelectrolyte adsorption33. Based on the size population of the calcinated silicate 

AuNPs (~50nm), only a small number of 13 nm AuNPs have been bridged during the 

LbL deposition process. This property is obtained when polyelectrolyte concentration, 

ionic strength, and polyelectrolyte length were properly controlled and optimized. 

Calcinated silicate AuNP arrays have demonstrated homogeneous AuNP distribution 

with silicate water glass being fused on the glass slide upon calcination and enhanced NP 

stability, thus providing a suitable plate for MS analysis. 

 

SALDI-MS for Matrix-Free Analysis on Peptides and Small Molecule 

      Matrix-free MS analysis of biomolecules using the calcinated silicate AuNPs was 

carried out with two peptides, [Sar1, Thr8]-angiotensin II (MW = 956.1) and neurotensin 
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(MW = 1672), in 20 pmol respectively. Figure 2.5 shows three major signals at m/z 957, 

978, and 1673, with each peak corresponding to [M1+H]+, [M1+Na]+, and [M2+H]+, 

respectively. No fragmentation of peptides was observed, indicating high quality 

ionization has been achieved. Sodium-adducted peaks appear with the ionization of 

angiotensin in the spectrum. It is attributed to the precursor material as sodium silicate 

was used to during the LbL process. However, protonated peptide ions were predominant 

in comparison to the sodium-adducted ions. The suppression of alkali-adducted peaks 

was achieved with the use of citric acid during sample preparation, which serves as 

proton donor10. The protonation of the peptides from citric acid outperforms the 

competition from the residual alkali metal ions originated from sodium silicate precursor, 

giving rise to a simplified mass spectrum. As a comparison to show the importance of the 

silicate layer, control experiments using non-silicate protected calcinated AuNPs were 

performed and no effective ionization was achieved (Figure 2.5 b), demonstrating the 

presence of silicate layer is critical to the  SALDI-MS analysis. Calcinated silicate AuNP 

arrays were also compared to the calcinated gold film substrate we previously 

fabricated22  (Figure 2.5 c). Similar results are obtained but the ion intensity of 

angiotensin detected by calcinated AuNP is enhanced and the background noise is further 

reduced with the silicate AuNP arrays. The comparison between calcinated silicate AuNP 

array and traditional matrix α-cyano-4-hydroxycinnamic acid (CHCA) for peptide 

detection was also carried out. The performance of calcinated silicate AuNP array is 

proved to be superior in terms of significant reduction of background noise, particularly 

in the lower mass range, with a slight increase of peptide ion intensities. 
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Figure 2.5 Ionization of angiotensin (MW= 956.1) and neurotensin 
(MW= 1672) through (a) calcinated silicate AuNPs, (b) bare AuNPs, 
(c) calcinated silicate film on Au nanolayer, and (d) MALDI with 
CHCA matrix. ● indicates impurity ions, * indicates citrate related 
ions, ■ indicates CHCA cluster ions.  The saturated signal intensity 
for the MALDI-MS instrument was determined to be 6×104 a.u. 
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In addition, it should be noted that the amount of the two peptides are 20 pmol, a 

concentration that provides abundant signal intensity for both calcinated array surface 

and the matrix. Noticeable enhancement in ionization intensity from calcinated AuNP 

array starts to emerge for the detection in low concentration range. Another comparison 

was also made with the use of CHCA-modified AuNPs we previous reported, in which 

case the Au cluster peak was obviously visible in the mass spectrum, clearly indicating 

calcinated AuNP array has successfully suppress the appearance Au and polymer related 

impurities and prevent possible instrument contamination.  The difference in background 

cleanliness indicates that calcination is essential to ultra-clean background, as calcinated 

silicate also acts as a strong shield to prevent the blasting of AuNPs from glass slide 

through laser irradiation. Given the obvious advantage of calcinated AuNPs, this array 

may find broad applications of small molecule detection/identification. 

Cholesterol has been selected to further examine the benefit towards small 

molecule detection and identification. This particular experiment mainly focused on the 

advantages of our calcinated AuNP array in comparison to the result from traditional 

matrixes. As a control experiment, traditional matrixes, namely 2,5-dihydroxybenzoic 

acid (DHB) and CHCA, were first used to identify the detected signal peak shown in 

Figure 2.6 (c) and (d). MALDI detection of cholesterol using the gold standard DHB 

gave a resulted of two peaks at m/z 288 and 316. It should be noted that the original 

molecular weight of cholesterol is m/z 386. According to previous literature, cholesterol 

undergoes autoxidation to form cholesterol 20α-hydroperoxide which will be further 

decomposed into sterols such as pregnenolone35, 36. As a result, the two peaks detected by  
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Figure 2.6. Ionization of cholesterol (MW 386.65) through 
(a) calcinated silicate AuNPs, (b) silicate–coated AuNPs 
before calcination, (c) MALDI with CHCA matrix, and (d) 
MALDI with DHB matrix.  
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MALDI using DHB matrix can be pregnenolone (m/z = 316.48) and testosterone (m/z = 

288.42), two of the most predominant derivatives from cholesterol37. Although the use of 

DHB matrix may distinguish the two cholesterol derivatives from the background noise, 

the signal intensities for the main ionization peaks were still low. The substitution of 

other matrix such as CHCA may intensify the signal peaks; however, the detection was 

completely perplexed by the overwhelming CHCA cluster ions and impurities. On the 

other hand, Figure 2.6 (a) shows that calcinated silicate AuNP surface yields distinct 

ionization peaks at m/z 288 and 316 without any noticeable background. The ultraclean 

background without background interference is attributed to the important process of 

450oC calcination. First, the calcination process removed the organic polymer layer, 

leaving no trace of polymer fragment that can be detected by MS but a three-dimension 

porous structure of silica shell, which according to previous literature is extremely stable 

does not introduce to the background38, 39. Second, upon calcination, silicate outer layer 

was also able to further cross-linked and bond to the silicon or glass, providing firm 

attachment silicate on the substrate40-43. As a result, the core AuNPs within the silicate 

shell were fixated via formation of rigid silicate during the calcination process. For 

comparison, LbL PAH-silicate-coated AuNP were loosely adsorbed on the glass slide 

without calcination and the detection of cholesterol derivatives on such a surface were 

found to be accompanied with large noise and impurity peaks as seen in Figure 2.6 (b).  
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Sensitivity, Reusability, and Ionization Efficiency 

Calcinated AuNP arrays appear to offer good detection sensitivity. Figure 2.7 (a), 

(b), and (c) shows the ion intensity of 200, 20, and 2 fmol of angiotensin obtained with 

our instrument, Voyager-DE STR MALDI-TOF mass spectrometer. The signal for 2 fmol 

of angiotensin can still be clearly distinguishable from noise, which indicates our limit of 

detection (LOD) can be lower than 2 fmol while recent literature has shown a 10 fmol 

LOD using other nanostructure surface for LDI44. A list of LOD of Angiotensin through 

nanoparticle SALDI has been summarized and most LOD values are at least 11 fmol or 

higher11. In comparison to MALDI with the gold standard CHCA matrix, analyte peak 

cannot be detected below 50 fmol44 unless coupled with other sophisticated analytical 

technique such as affinity capture, electrospray or fluorescence45-47. In contrast, 

calcinated AuNP arrays avoid tedious preparation steps and method coupling, providing 

sensitivity and throughput advantage over traditional methods. The enhancements could 

be mostly attributed to the increased of surface/area ratio from the gold nanostructured 

surface, which allows more surface accommodation for analyte. It should be mentioned 

the particular advantage of the calcinated silicate AuNP surface over MALDI is at the 

analysis in the lower mass region. Calcinated silicate AuNP provides a cleaner 

background below 500 Da with absolutely no AuNP cluster ions and only one citric acid 

related ion as well as few impurity peaks. In contrast, mass spectrum with CHCA matrix 

shows massive CHCA clusters and impurities, highlighting great potential of the 

calcinated AuNP arrays in small molecule detection. 
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Figure 2.7 Sensitivity and detection limit of angiotensin with 
calcinated silicate AuNPs. (a) 200 fmol, (b) 20 fmol, and (c) 
2 fmol.   
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The effective heat transfer of the calcinated AuNPs was also investigated by 

comparing threshold power of the pulse laser for the peptides. Figure 2.8 shows the two 

peptide detection with pulse laser power of 1900, 1600, 1450 (a.u.), respectively. The 

laser power threshold for calcinated AuNP surface was found around 1450 a.u., which is 

more than 150 units lower than that for MALDI with CHCA matrix, indicating that 

calcinated silicate AuNP arrays on glass slides are indeed more efficient than some 

common organic matrixes. 

The array reusability was examined by repeating new sample measurements of 

angiotensin II three consecutive times. All the measurements were carried out on the 

same array spot. Each time 2 pmol of angiotensin II was deposited onto the array spot for 

MS detection, followed by washing with 0.1M NH3 • H2O and nanopure water. The 

spectra of the three consecutive measurements are shown in Figure 2.9 and the arbitrary 

ionization intensities are 9.4k, 8.0k, and 8.4k, respectively. The decrease in ionization 

intensity from first to second and third measurements is likely due to minor variance in 

each sample deposition. No significant damage of array surface or introduction of 

impurities during the washing step with NH3 • H2O, proving the excellent robustness and 

reusability of this calcinated silicate AuNP array. 

 

Proposed Thermal Mechanism Study 

The improved performance by calcinated silicate AuNP surface is likely due to 

efficient heat transfer from the AuNP core, through silicate shell, and to the analyte of 

interest. 
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Figure2.8 Laser threshold on ionization using 20 pmol of angiotensin 
and neurotensin peptides with laser intensity of (a) 1900, (b) 1600, and 
(c) 1450 a.u. The threshold for MALDI with CHCA matrix is ~ 1600 
a.u.  
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Figure 2.9 Reusability of calcianted silicate AuNP arrays. Angiotensin II 
was first deposited onto calcinated AuNP array and was detected by 
SALDI, followed by washing with 0.1M NH3·H2O. The cycle was 
repeated three times (from top to bottom) to evaluate the reusability of 
the array.  
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Having very small heating capacity, AuNPs possess fast heat diffusion 

characteristics towards the analytes during the laser pulse48, 49. However, the heat 

diffusion among the AuNPs has to be controlled to minimal level so the heat that is being 

generated by laser pulse does not disperse into ambient environment. Low thermal 

conductive polymer coated upon AuNP layers has been reported to be able to retain the 

generated heat within a localized group of AuNPs, creating areas of localized hot spot 

and therefore enhancing the ionization efficiency27. According to this thermal mechanism 

previously proposed by Tanaka et al50,  we postulate the presence of silicate coating on 

AuNP is critical to the process, as discussed above. Without this silicate layer, the 

ionization was very poor, possibly because the heat generated by laser pulse is rapidly 

dissipated in the aggregated bulk gold and thus decreases the local temperature, which 

fails to offer sufficient heating for desorption and the ionization process. The silicate 

layer intensifies the local core temperature upon absorption of UV laser pulse by AuNPs, 

generating localized hot spots. It is interesting to note that the thickness of coating on 

AuNP also affects the ionization efficiency of biomolecules. We compared the 

performance of AuNPs with different number of coating layers of PAH and silicate. The 

uncalcinated two-layer construct, denoted as AuNP-(PAH-silicate)1, offers good 

ionization of cholesterol derivatives, angiotensin and acetyl-tetradecapeptide (MW 

1802.1) as shown in Figure 2.6 and Figure2.10. When the total coating layer was further 

increased to ten, AuNP-(PAH-silicate)5, no ionization of any analyte appeared, likely due 

to complete heat isolation between AuNP and analyte with the thick coating. After the 

calcination of AuNP-(PAH-silicate)1, only one layer of silicate remains on the AuNPs  
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Figure 2.10. Effect of the calcination process on ionization 
efficiency and the comparison of performance for pre- and post-
calcination chips.  
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due to the depletion of PAH organic layer at 450 oC, and apparently this one-layer 

construct of calcinated silicate AuNP allowed optimal thermal transfer from the laser 

irradiation, providing the best performance to ionize analytes in a reasonably wide mass 

range. The dependence of LDI performance on coating thickness further points out the 

importance of optimal calcination step, where an ultrathin silicate layer was essential to 

the desired performance. 

 

Conclusions 

In this work, we have designed a highly stable calcinated silicate AuNP array 

surface for LDI mass spectrometric of peptides and small molecules. Alternative charges 

from PAH and silicate are applied directly on gold nanoparticles through Layer-by-Layer 

technique, followed by calcination step to obtain the optimal silica layer thickness. The 

performance of calcinated AuNP array for desorption/ionization of peptides and small 

molecules is improved in comparison to traditional matrixes due to several reasons: (1) 

its surface provides a softer ionization path way that requires less laser power, (2) the 

extra layer of thin silica film on gold act as poor heat conductor that generates local 

heating of AuNPs through laser pulse so that sufficient amount of heat may be directed to 

the analyte, and (3) its array surface is highly stabilized on a glass substrate through 

calcination step and thus nothing except the analyte are accelerated into detector, yielding 

an ultra-clean spectrum. This work also validates the heat model for LDI mechanism, for 

different numbers of poor conducting layers on gold give different performance on LDI 
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efficiency. This work shows great potentials due to its advantage of simple fabrication of 

surface and its ability of direct detection on surface. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



70 

 

References: 

1. Kelly, K. L.; Coronado, E.; Zhao, L. L.; Schatz, G. C. The Journal of Physical 
Chemistry B 2002, 107, (3), 668-677. 
2. Kamat, P. V. The Journal of Physical Chemistry B 2002, 106, (32), 7729-7744. 
3. Mock, J. J.; Smith, D. R.; Schultz, S. Nano Letters 2003, 3, (4), 485-491. 
4. Shipway, A. N.; Katz, E.; Willner, I. ChemPhysChem 2000, 1, (1), 18-52. 
5. Rosi, N. L.; Mirkin, C. A. Chemical Reviews 2005, 105, (4), 1547-1562. 
6. McFarland, A. D.; Van Duyne, R. P. Nano Letters 2003, 3, (8), 1057-1062. 
7. Mayer, K. M.; Lee, S.; Liao, H.; Rostro, B. C.; Fuentes, A.; Scully, P. T.; Nehl, C. 
L.; Hafner, J. H. ACS Nano 2008, 2, (4), 687-692. 
8. Liu, J.; Lu, Y. Journal of the American Chemical Society 2004, 126, (39), 12298-
12305. 
9. Qian, X.; Peng, X.-H.; Ansari, D. O.; Yin-Goen, Q.; Chen, G. Z.; Shin, D. M.; 
Yang, L.; Young, A. N.; Wang, M. D.; Nie, S. Nat Biotech 2008, 26, (1), 83-90. 
10. Duan, J.; Linman, M.; Chen, C.-Y.; Cheng, Q. Journal of The American Society 
for Mass Spectrometry 2009, 20, (8), 1530-1539. 
11. Chiang, C.-K.; Chiang, M.-C.; Lin, Z.-H.; Lan, G.-Y.; Lin, Y.-W.; Chang, H.-T. 
Journal of The American Society for Mass Spectrometry 2010, 21, (7), 1204-1207. 
12. Pilolli, R.; Palmisano, F.; Cioffi, N. Analytical and Bioanalytical Chemistry 2011, 
1-23. 
13. Liu, R.; Liu, J.-f.; Zhou, X.-x.; Jiang, G.-b. Analytical Chemistry 2011, 83, (10), 
3668-3674. 
14. Chiang, C.-K.; Chen, W.-T.; Chang, H.-T. Chemical Society Reviews 2011, 40, 
(3), 1269-1281. 
15. Kuo, T.-R.; Chen, J.-S.; Chiu, Y.-C.; Tsai, C.-Y.; Hu, C.-C.; Chen, C.-C. 
Analytica Chimica Acta In Press, Corrected Proof. 
16. Tang, J.; Liu, Y.; Qi, D.; Yao, G.; Deng, C.; Zhang, X. PROTEOMICS 2009, 9, 
(22), 5046-5055. 
17. Li, M.-D.; Cheng, T.-L.; Tseng, W.-L. ELECTROPHORESIS 2009, 30, (2), 388-
395. 
18. Nagahori, N.; Abe, M.; Nishimura, S.-I. Biochemistry 2008, 48, (3), 583-594. 
19. Liu, Y.-C.; Chiang, C.-K.; Chang, H.-T.; Lee, Y.-F.; Huang, C.-C. Advanced 
Functional Materials 2011, 21, (23), 4448-4455. 
20. Schürenberg, M.; Dreisewerd, K.; Hillenkamp, F. Analytical Chemistry 1998, 71, 
(1), 221-229. 
21. McLean, J. A.; Stumpo, K. A.; Russell, D. H. Journal of the American Chemical 
Society 2005, 127, (15), 5304-5305. 
22. Duan, J.; Linman, M. J.; Cheng, Q. Analytical Chemistry 2010, 82, (12), 5088-
5094. 
23. Huang, Y. F.; Chang, H. T. Analytical Chemistry 2006, 78, (5), 1485-1493. 
24. Su, C. L.; Tseng, W. L. Analytical Chemistry 2007, 79, (4), 1626-1633. 
25. Castellana, E. T.; Russell, D. H. Nano Letters 2007, 7, 3023-3025. 



71 

 

26. Deegan, R. D.; Bakajin, O.; Dupont, T. F.; Huber, G.; Nagel, S. R.; Witten, T. A. 
Nature 1997, 389, (6653), 827-829. 
27. Kawasaki, H.; Sugitani, T.; Watanabe, T.; Yonezawa, T.; Moriwaki, H.; Arakawa, 
R. Analytical Chemistry 2008, 80, (19), 7524-7533. 
28. Castellana, E. T.; Russell, D. H. Nano Letters 2007, 7, (10), 3023-3025. 
29. Hong, M.; Zhou, X.; Li, J.; Tian, Y.; Zhu, J. Analytical Chemistry 2009, 81, (21), 
8839-8845. 
30. Wang, H.; Duan, J.; Cheng, Q. Analytical Chemistry 2011, 83, (5), 1624-1631. 
31. McFarland, A. D.; Haynes, C. L.; Mirkin, C. A.; Van Duyne, R. P.; Godwin, H. A. 
Journal of Chemical Education 2004, 81, (4), 544A. 
32. Addamo, M.; Augugliaro, V.; Di Paola, A.; García-López, E.; Loddo, V.; Marcì, 
G.; Palmisano, L. Colloids and Surfaces A: Physicochemical and Engineering Aspects 
2005, 265, (1–3), 23-31. 
33. Nayak, R.; Knapp, D. R. Analytical Chemistry 2007, 79, (13), 4950-4956. 
34. Lusvardi, G.; Malavasi, G.; Aina, V.; Bertinetti, L.; Cerrato, G.; Magnacca, G.; 
Morterra, C.; Menabue, L. Langmuir 2010, 26, (12), 10303-10314. 
35. Van Lier, J. E.; Smith, L. L. Biochimica et Biophysica Acta (BBA) - Lipids and 
Lipid Metabolism 1970, 210, (1), 153-163. 
36. Iuliano, L. Chemistry and Physics of Lipids 2011, 164, (6), 457-468. 
37. Baulieu, E.-E.; Robel, P. The Journal of Steroid Biochemistry and Molecular 
Biology 1990, 37, (3), 395-403. 
38. Blanco, A.; López, C. Advanced Materials 2006, 18, (12), 1593-1597. 
39. Zhu, X.; Wu, L.; Mungra, D. C.; Xia, S.; Zhu, J. Analyst 2012, 137, (10), 2454-
2458. 
40. Zhao, D.; Sun, J.; Li, Q.; Stucky, G. D. Chemistry of Materials 2000, 12, (2), 275-
279. 
41. Edler, K. J.; Roser, S. J. International Reviews in Physical Chemistry 2001, 20, 
(3), 387-466. 
42. Melde, B. J.; Burkett, S. L.; Xu, T.; Goldbach, J. T.; Russell, T. P.; Hawker, C. J. 
Chemistry of Materials 2005, 17, (18), 4743-4749. 
43. Miyata, H.; Kuroda, K. Chemistry of Materials 1999, 11, (6), 1609-1614. 
44. Piret, G.; Kim, D.; Drobecq, H.; Coffinier, Y.; Melnyk, O.; Schmuki, P.; 
Boukherroub, R. Analyst 2012, 137, (13), 3058-3063. 
45. Finnskog, D.; Ressine, A.; Laurell, T.; Marko-Varga, G. Journal of Proteome 
Research 2004, 3, (5), 988-994. 
46. Wei, H.; Nolkrantz, K.; Powell, D. H.; Woods, J. H.; Ko, M.-C.; Kennedy, R. T. 
Rapid Communications in Mass Spectrometry 2004, 18, (11), 1193-1200. 
47. Mason, D. R.; Reid, J. D.; Camenzind, A. G.; Holmes, D. T.; Borchers, C. H. 
Methods 2012, 56, (2), 213-222. 
48. Wu, H.-P.; Yu, C.-J.; Lin, C.-Y.; Lin, Y.-H.; Tseng, W.-L. Journal of The 
American Society for Mass Spectrometry 2009, 20, (5), 875-882. 
49. Pilolli, R.; Palmisano, F.; Cioffi, N. Analytical and Bioanalytical Chemistry 2012, 
402, (2), 601-623. 



72 

 

50. Tanaka, K.; Waki, H.; Ido, Y.; Akita, S.; Yoshida, Y.; Yoshida, T.; Matsuo, T. 
Rapid Communications in Mass Spectrometry 1988, 2, (8), 151-153. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



73 

 

Chapter 3: Theoretical Study for Plasmonic Optical Sensing Enhancement Based on 

Finite-Domain Time-Difference (FDTD) Algorithm 

 

Introduction 

Surface plasmon resonance (SPR) is the oscillation of conduction electrons excited at the 

metal-dielectric interface by photons, transforming photons into SP that is sensitive to the 

refractive index of the surrounding dielectrics1. The SP oscillations are associated with 

electromagnetic (EM) field propagating along a metal-dielectric interface with its 

intensity decaying exponentially with height above the metal surface. The exponential 

decay of EM field can be calculated by Maxwell’s equation to understand the SPR 

response to refractive index change in perpendicular direction2. As a result, a numerical 

modeling to exploit the time and position dependence of Maxwell’s equation to simulate 

EM wave on a metal-dielectric interface within a 3-D media has become important to 

provide insight for field distribution of various metal structures. According to Maxwell’s 

equation specifically for Ampere’s and Faraday’s laws, the electromagnetic field is 

comprised of an electric field (E) and Magnetic field (H). The time-dependent Maxwell’s 

equation for E and H in free space can be expressed as the following equations3: 
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In this study, finite-difference time-domain method (FDTD) is selected as a solution to 

Maxwell’s equation. FDTD utilizes discretization method that is applied to the above 

Maxwell equations into six component fields within a finite, three-dimensional, source-

free rectangular 3-D shape known as Yee cell shown in Figure 3.1. Distribution of 

material with different permittivity, permeability, and conductivity can be an arbitrary 

function of the position3, 4, thus providing a simple and robust algorithm that is versatile 

for any simulation geometries. As can be observed in the following equations, the 

resulting finite difference equations are solved plainly using a time marching algorithm, 

with which the time that is required for light travel from one cell to the next is quantified 

as one time-step3. In this project, the FDTD algorithm calculation for the EM field result 

was assisted by a commercially available software (EM explorer), with the calculated 

intensity of the electric field and the sum of individual electric field in x, y, and z 

direction as indicated in equation 10. 
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Figure 3.1 Demonstration of a Yee cell with its six vector component for electric 
and magnetic field calculated using FDTD algorithm. 
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To date, FDTD method has been used to simulate numeral SP applications with 

complicated nanostructures such as SPR imaging, plasmon waveguide resonance Raman 

spectroscopy, nanolithographic metal patterning, luminescence enhancement, 

metamaterials, and so on5-9. Herein we perform FDTD simulation for the study of silver 

nanostructures (AgNS) enhanced fluorescence measurement, porous alumina enabled 

plasmon waveguide resonance, and metamaterial periodic gold nanorod array enhanced 

SPR. 

 

Experimental: 

Numerical modeling was performed using commercial software EM Explorer for 

3-D finite-difference time-domain (FDTD) method-based analysis. As a brief summary, 

we modeled our structure by using Yee cell size of 1 to 5 nm, depending on the size of 

the nanostructure to obtain the most EM field accuracy with the balance of simulation 

time. The number of internal sub-cell within each Yee cell is default as 128 in the 

program. Finer Yee cell size and larger number of sub-cells lead to a more accurate result 

and resolution pixel for EM field demonstration, but generally requires longer simulation 

time. The nanostructures were constructed based on simple rectangular, ellipsoid, or 
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cylindrical shape with refractive index (n) and dielectric constant (k) specifically to the 

corresponding materials such as gold, silver, water, etc. The structure was illuminated by 

an incident plane wave (p- or s-polarized) with Perfectly Matched Layer (PML) 

absorbing boundary conditions10. The simulation was conditioned into two major 

categories, namely wavelength scan and angle scan, to satisfy the demand for different 

type of SPR experiment. Distribution of EM field intensities was visualized by third party 

software Kitware ParaView (v3.6.2). 

 

Scrip demonstration of material construction based on n & k 

The setting of n and k based on different constructed materials were illustrated in 

Figure 3.2. The n and k of air can be directly set as 1 and 0, which generally constitutes 

as the entire simulation domain. The tabulated values of n and k for other materials were 

extracted from Filmetric database11. The script to construct various shapes of 

nanostructures using different materials is illustrated in Figure 3.3. The overall simulation 

domain is 500 x 500 x 1000 nm discrete by 5 x 5 x 5 nm Yee cells. The demonstration 

shows different layers of material, glass, gold, silver, aluminum oxide, and water filling 

the entire simulation domain in nanometer scale with XC, YC, and ZC representing the 

center position of each individual shape. A cylindrical shape were built within the 

aluminum oxide film to generate a pore in diameter of 100 nm filled with water, and an 

ellipsoid shape was placed in water layer as a floating 75 nm AgNP.  The resulting image 

for the construction is presented in Figure 3.4.  
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Figure 3.2 Simulation script for setting refractive index 
and dielectric constant values for air as well as other 
metals and oxide materials from tabulated source files. 
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Figure 3.3 Simulation script for nanostructure 
construction based on refractive index and 
dielectric constant values of various materials. 
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Figure 3.4 An illustration of a nanostructure constructed by glass, gold, 
silver, porous aluminum, silver nanoparticles, and water layers. The 
color of each material was assigned differently according to the order 
it was built.  
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Script demonstration for plane wave and incident angle 

The script setting for incident plane wave with a range of scanning wavelength 

and angle segmented into a constant increment is shown in Figure 3.5. Light source can 

be chosen as p- or s-polarized plan wave denoted as TM and TE. A p-polarized light 

source was selected in majority of our simulations for LSPR and SPR setup. The plane 

wave is located below the boundary between glass and gold. 

 

Script demonstration for calculated result 

A series of simulation output for EM field intensity was monitored by 

convergence command with a monitor probe placed on the top center of simulation 

domain with the script in Figure 3.6. The tolerance of calculated EM field value drift in 

all x, y, and z direction was strictly enforced within 0.005. The output intensity among 

the simulation domain is obtained by equation 10. The resulting transmission (T) and 

reflection (R) data are obtained based on the built-in scattering function in equation 11, 

providing transmission value by sampling at the simulation domain exit, as well as 

reflection by sampling at the entrance before the source plane wave. The absorption 

functions were not provided in the program but can be calculated manually using 

equation 12.  
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Figure 3.5 Simulation script for source plane wave setup using p-
polarization with a range of scanning angle and scanning wavelength 
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Figure 3.6. Simulation script for generating output 
intensity for EM field and scattering data of reflectance 
and transmission value with convergence monitor for 
accuracy. 



84 

 

Results and Discussion 

Research has shown that nanoparticle clusters have been interesting 

electromagnetic materials as they provide efficient localization and enhancement of 

junctions and crevices among the particles12. The electromagnetic field is also distributed 

and concentrated within the clusters to intensify electromagnetic field, which can be 

further converted into standard pixel image and tabulated data respectively for further 

data analysis, as described in previous literature13.  

 We have collaborated with the Xu lab to demonstrate a highly sensitive metal 

enhanced fluorescence (MEF) method based on a novel silver nanostructure fabricated 

with Cy5-functionalized silver nanoparticles (AgNPs) and AgNO3
14. The fluorescence 

intensities of Cy5 dye can be enhanced more than 25-fold. To verify the fundamental 

contribution arose from the LSPR enhancement, there is a need for electromagnetic field 

of FES AgNS cluster to be simulated to provide insight on the metal-enhanced 

fluorescence activity. The cluster structure is built according to the high resolution SEM 

images in Figure 3.7 (a), in which a large AuNS are formed by small nanoparticles with 

small gaps. As a result, the dimension of the simulated cluster is set to be L = 200 nm 

octahedral and within which consist of 20 nm AgNPs with gap of 1 nm away from one 

another as can be seen in Figure 3.7 (b). 

The simulation result compares the electromagnetic field between an intact AgNP 

(D = 200 nm) shown in Figure 3.8 and a clusterized AgNS (L = 200 nm) shown in Figure 

3.9 (a). The intact AgNP provides electromagnetic field partially distributed at the surface; 

however, it can be clearly seen that clusterized AgNS provides dense field distribution at  
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Figure 3.7. (a) SEM images for AgNS clusters for metal enhanced 
fluorescence experiment, showing a number of individual AgNPs 
aggregating together with distinct gaps among one another. (b) Snapshot of 
simulating AgNS clusters mimicking the experimental condition.  
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Figure 3.8. Simulation for EM field distributed partially around the 200 nm 
AuNP surface, with a strong intensity solely at the 600 nm wavelength range 
while diminishing at other wavelength.  
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Figure 3.9 (a) Simulation for EM field distribution within the clusterized 
AgNS structure, showing a strong EM field intensity across a broad range of 
wavelength. (b) Experimental result for AgNS clusters (curve 2) with peak 
intensity at approximately 450 nm and uplifted absorption tail that covers the 
emission spectra of dye Cy-3 (curve 4) and Cy-5 (curve 5).  Curve 1 and 
Curve 3 represent absorption spectra for control experiment using original 
Oligo-derived AgNPs with and without commercially available fluorescent 
enhanced solution. 
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the surface of sub-nanoparticles which mainly contribute to higher surface area and 

sample loading capacity. As a result, a more sensitive MEF can be achieved. 

The simulation result of clusterized AgNS also perfectly explains and confirms 

the LSPR investigation through UV-Vis spectrometer, for AuNS with FES (represented  

by the clusterized AuNS in simulation) contributes a substantial absorption in various 

levels between 350 nm and 1000 nm, shifting the original LSPR peak for individual at 

410 nm to longer wavelength of 450 – 550 nm and uplifting its entire LSPR tail for 

higher absorbance capability in the entire wavelength range (Figure 3.9 (b)). This 

phenomenon agrees with our assumption which states that more fluorescent enhancement 

was obtained while more maximum emission of dyes overlap with the strongest 

absorption of AgNS. In this case, the maximum electromagnetic field appears between 

450 – 550 nm, which completely overlap with the emission wavelength of Cy3 (λ = 562 

nm) but is far away from that of Cy5 (λ = 658 nm). Therefore, both theoretical prediction 

and experimental values have confirmed that the use of Cy3 will generate greater 

fluorescence intensity as the emission wavelength of Cy3 comparing to that of Cy5 is 

relatively closer to maximum SP band of AgNS found in simulation. 

In addition to AgNS, gold or silver nanofilm has been broadly used as an interface 

for SPR to provide kinetic studies of biomolecular interactions. The development of new 

strategies with on-chip chemical or structural modification for enhanced sensitivity and 

resolution has been a major research goal for SPR study over the last decade. For 

example, the design of novel and effective interfaces that allows selective and highly 

sensitive chemical and biological interactions has been studied to overcome the detection 



89 

 

problems for sub-picomolar or trace analyte concentrations15. Another promising 

strategies to improve the SPR sensitivity is to design a guided mode in the SPR planar 

substrate16. A direct performance comparison between traditional SPR and nonporous 

SiO2-enabled plasmon-waveguide resonance (PWR) biosensors via FDTD simulation has 

been made to offer insights for future design improvement17. Recently, porous silicon, 

porous silica, porous aluminum oxide, porous titanium oxide have also been applied as 

the SPR waveguide layer for the enhancement of selectivity and sensitivity18-21. The role 

of the waveguide layer is to generate waveguide modes when excited by p- or s-polarized 

light. With the combination of porous characteristics of the waveguide layer, it allows the 

analyte to penetrate into the waveguide layer and thus retain the analyte within the pores 

with a strong electromagnetic field environment that is highly sensitive to the changes in 

refractive index21, 22. Therefore, following our previous FDTD simulation study to 

understand the bulk sensitivity and layer sensitivity between traditional SPR and 

nonporous SiO2-enabled PWR, it is necessary to compare the performance between 

traditional SPR and porous waveguide structure. In this simulation study, waveguide-

enabled porous aluminum oxide (pAO) on silver nanofilm will be constructed to 

understand its response to the refractive index change in comparison to traditional Ag 

nanofilm. The work will provide possible future directions on sensitivity enhancement 

based on nanostructure construction. 

The simulation domain was built based on a 50 nm Ag film, on top of which was 

a 500 nm porous aluminum oxide with 10 nm pore diameter and 20 nm lattice constant 

(pore center-to-center.) As illustrated in Figure 3.10, two control simulations using  
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Figure 3.10 Simulation for EM field distribution based one 
classic Ag SPR excited by p-polarized light source (left), 
waveguide Ag/Aluminum oxide(AO) SPR excited by s-
polarized light source (middle), and waveguide Ag/porous AO 
(pAO) SPR excited by p-polarized light source. 
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classic SPR 50nm Ag film and waveguide-enabled 500 nm aluminum oxide layer on top 

of 50 nm Ag were also performed for the visualization of their differences in EM field 

distribution and intensity. The waveguide-enabled Ag/Al2O3 has displayed a stronger EM 

field intensity and deeper penetration depth of EM field distribution in comparison to 

classic silver SPR substrate, agreeing with previous reported literature using Ag/SiO2 

guided mode substrate23. On the other hand, pAO in Figure 3.10 has shown as a 

promising waveguide structure that not only generated a deeper and stronger EM field 

penetration intensity comparing to classic Ag SPR chip, but also allowed the efficient use 

of EM field within the pores. 

 The sensitivity comparison between classic Ag SPR and waveguide Ag/pAO was 

carried out by simulation with the change in refractive index from 1.331 to 1.341. Figure 

3.11 (a) shows the bulk sensitivity when the refractive index of the entire surrounding 

medium above Ag film and within the pAO was changed. The result indicates that classic 

SPR has approximately 58% better performance than waveguide SPR even when the 

penetration depth of the EM field does not distribute as wide as the waveguide Ag/pAO 

does. We have reported that the high penetration depth generated by waveguide layer also 

means minimal confinement of the evanescent EM field at the interface, leading to 

decreased bulk sensitivity17. However, Figure 3.11 (b) shows the layer sensitivity 

provided by classic and waveguide SPR with a 3 nm thin layer of film while keeping the 

bulk refractive unchanged. Due to a substantially greater area of available sensing surface, 

waveguide Ag/pAO SPR has shown a 20 times sensitivity enhancement. The result can 

be particularly advantageous for small molecules 18. The efficient use of porous surface  
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Figure 3.11. (a) Bulk sensitivity and (b) 3 nm thin layer 
sensitivity comparison between classic Ag SPR and 
waveguide Ag/pAO SPR 
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for molecular binding among a wide range of EM field distribution can provide 

significant insight toward future structural design of SPR sensor. 

 Metamaterials are artificial materials with periodic subwavelength structures. In 

these materials, the electromagnetic properties (refractive index, extinction coefficient) 

are determined by the geometry and size of the subwavelength patterns rather than by the 

atomic composition24. This allows engineers to design materials with the desired 

properties. Although metamaterials are increasingly used in photonics, only few recent 

works exploited this concept for biosensing25, 26. In their recent work, Kabashin et al. 

used nanorod structured materials for biosensing applications in both transmission mode 

and kristchmann configuration. This new configuration enabled an unprecedented 

sensitivity of 30,000 nm/RIU, which is an enhancement of orders of magnitude higher 

than best literature results. However, the measurements were realized at a resonance 

wavelength of 1200 nm, far from the UV-Visible range traditionally used in surface 

plasmon resonance (SPR) biosensing and commercially available SPR-based 

instruments27. In this project, we use FDTD simulation to understand the plasmonic 

properties of several nanoscale geometries, in particular organized nanorods as 

demonstrated in Figure 3.12, and tune the optical properties and shift the resonance 

wavelength to the visible frequencies. This configuration will make it possible to take 

advantage of the dramatic increase in the surface area of the nanorod structured interface 

to provide valuable blueprint for the fabrication of future SPR biosensing substrate. 

Simulate domain is based on a structure of 1µm x 1 µm size using Yee cell size of 

0.02 µm, The structure was illuminated by a scanning wavelength from 400 to 1300 nm. 
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Figure 3.12. Scheme of the plasmonic nanorod array. 
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Several numerical simulations have been conducted by varying the dimensions of the 

nanorods particularly the height h, the diameter ø and the lattice constant a. The 

preliminary results show that nanorod arrays with the dimensions (h: 380 nm , ø: 30 nm  

and a: 80 nm) enable the generation of surface plasmon resonance in the visible range of 

the electromagnetic spectrum as displayed in Figure 3.13. 

 The analysis of the electric field distribution through the multilayer nanorod 

structure shows interesting properties that could make the plasmonic nanorod arrays a 

very sensitive tool for biological investigations. Figure 3.14 demonstrates that surface 

plasmons propagate not only in the direction parallel to the interface but also along the 

nanorod surface. These different modes of propagation lead to the appearance of 

evanescent fields at the interface nanorod/ambient and along the nanorod surface  (Figure 

3.15). The latter is of great importance as it enables the use of the nanorod surface. 

Secondly, the evanescent field at the interface nanorod layer/ ambient is as good as the 

one generated with the commonly used planar gold substrates, while the electric field 

generated along the nanorods is more important (Figure 3.15). 

 The plasmonic nanorod arrays project proposes to develop a new highly sensitive 

plasmonic biosensor by exploiting the interesting optical properties of subwavelength 

nanostructures.  We expect a tremendous increase in sensitivity due to the generation and 

enhancement of the electric field along the nanorods, but also by taking advantage of the 

significant increase in the surface area by a factor of 22 for the design proposed here. The 

conducted simulations demonstrate the feasibility of such sensors in the visible frequency 

range which is suitable for the commonly used SPR instruments. The variety of possible  
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Figure 3.13. Simulated reflectivity and transmission spectra of the 
designed nanorod array in scanning angle (θ= 40°-65°) and 
scanning wavelength (λ= 400 nm-1300 nm). The red arrow shows 
the wavelength at which the maximum resonance occurs. 
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Figure 3.14 Screenshots of the simulation domain showing the distribution of 
the electric field on the nanorod structure for different illumination 
wavelength at an incident angle of 63°. 



98 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.15. Profile of the electric field distribution. (a) Profile 
obtained from figure at 63°, 740 nm showing the distribution of the 
electric field on the nanorod structure for different illumination 
wavelengths at an incident angle of 63°. (b) Profile obtained with a 
planar gold substrate with 650 nm excitation wavelength in 
Kritshmann configuration. 
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surface chemistries with the increase in the surface density charge opens up a wide range 

of applications in biological sensing and early medical diagnosis. 

 

Conclusions 

We have explored the capability of FDTD simulation to understand the EM field 

enhancement of nanostructures in several geometries. The FDTD simulation in this 

project is primarily used to comprehend the EM field generation of fabricated nano-

architectures such as gold nanoparticle thin-films and silver clusters. With the simulation 

studies, we have an excellent understanding of the EM field generation and are able to 

predict the exact location where the strongest EM field would occur. This provides us the 

opportunity to fine-tune the engineering process in the nanoscale to produce the best 

plasmonic enhancement output for the sensing substrates. 

Silver nanoparticles (AgNPs) can largely enhance the fluorescence of dyes when 

the distance between them is 8nm as reported in previously literature. Our collaborator 

has presented the first case of metal enhanced fluorescence (MEF) of dyes within silver 

nanostructures (AgNS) by assembling small dye-modified silver nanoparticles into larger 

cluster structures. The fluorescence intensities are enhanced up to 46 fold. The simulation 

we performed on electromagnetic (EM) field of AgNS cluster provides insight into the 

enhanced fluorescent activity that has interested us. Research has indicated that 

nanoparticle clusters are interesting electromagnetic materials as they provide efficient 

localization and enhancement of junctions and crevices among the particles. The EM 

field can thus be optimized and greatly intensified within the clusters.  
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Finite Difference Time Domain (FDTD) has been a highly useful tool to provide 

evidence to support the fundamental theory of MEF of dyes. In addition, it offers 

theoretical basis to engineer well-controlled, ordered nanoarray consisting of 

subwavelength size components such as gold nanorod array and porous aluminum oxide 

on silver nanofilm to provide guidance to optical feature such as wave-guided properties 

for future direction of next generation plasmonic-active biosensing substrate. 
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Chapter 4: Novel Fluorocarbon Hydrophobic Modification on Calcinated Gold 

Island Array for SPR-MS analysis of Carbohydrate and Proteins 

 

Introduction 

Carbohydrates, like proteins and nucleic acids, play a vital role in the cell. While 

linked to proteins and lipids, carbohydrates are presented in the form of glycoproteins and 

glycolipids that are essential for cell communication, adhesion, and recognition1. In 

particular to carbohydrate-protein interaction, many researches have continued to reveal 

the key importance in the cell systems such as modulating intracellular traffic, 

endocytosis, cell-cell recognition, signal transduction, inflammation processes, cancer 

cell metastasis, and so on2-6. However, comparing to the maturity of research towards 

proteins and nucleic acid, glycomic research still requires more extensive development of 

analytical tools to meet the fast growing demand for the understanding of biological 

significances that arises from cell-surface oligosaccharide with its high level structural 

complexity and functional diversity1, 7-9.  

Many analytical tools to study the carbohydrate-protein interaction use surface 

binding-based investigation techniques include NMR in conjunction with isothermal 

calorimetry and fluorescence spectroscopy, dual polarization interferometry, enzyme-

linked lectin assays (ELLAs), quartz crystal microbalance (QCM), Electrochemical 

impedance spectroscopy (EIS) and microarray techniques10-17. Among these popular 

techniques, a number of them require installation of labels with the employment of 
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expensive optics and materials. To overcome the possible distortion of target 

carbohydrate or lectin binding function due to labeling steps and to lower the cost of 

experimental equipment setup, label-free techniques such as surface plasmon resonance 

(SPR) and SPR imaging (SPRi) have emerged as a popular method in recent years to 

study carbohydrate−lectin interactions. SPR method is a simple and powerful technique 

that provides fast and real-time measurement towards protein-carbohydrate interactions 

to determine affinity constants, equilibrium dissociation constants, and lectin 

specificities18-20. It monitors SPR angle change while incubating the target analyte onto 

the chip surface that immobilized a binding component within a flow cell. As a result, 

one of the important research developments for highly effective carbohydrate-protein 

interactions depends upon the optimization of surface chemistry to offer desired 

orientation, coverage, and spatial flexibility of the binding probe in combination with a 

high-throughput microarray format7, 21. Several surface immobilization methods have 

been interrogated for carbohydrate-lectin SPR analysis. For example, lectin 

immobilization via EDC/NHS onto SPR sensing surface as binding component for 

carbohydrates has drawn interest due to its simple preparation22. However, the detection 

of carbohydrates binding towards lectin surface can be difficult due to the limitation of 

SPR towards analyte of low molecular weight. On the other hand, large molecule lectin 

captured by carbohydrate-immobilized surface can be more straightforward and 

advantageous specifically for SPR analysis. Novel methods for covalent modification of 

carbohydrate onto sensing surface via reductive amination, diazirine derivatization, or 

hydrazide-derivatized self-assembled monolayer have provided promising platform for 
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protein binding SPR analysis23-25. Other methods that improve the directional control of 

carbohydrate binding moiety have also been reported7, 26. However, these covalent 

modification methods rely heavily on effective nucleophilic groups with reactive 

electrophiles, adding complexity to surface chemistry prior to carbohydrate-protein 

binding analysis27.  

Therefore, attachment of carbohydrate small molecule without the use of reactive 

functional group and subsequent covalent binding has been developed by employing 

hydrophobic interaction between fluorocarbon tags28. The unreactive nature of 

fluorocarbon simplifies the surface chemistry platform, while in the meantime providing 

stronger and more reliable adhesion between the tagged molecules and fluorinated 

surface with a shorter fluorocarbon chain in comparison to traditional hydrocarbon tags29. 

The advantages of fluorous-tagged platform have attracted not only researches focused 

on fluorous carbohydrate synthesis30-34, but also on the applications towards various 

analytical techniques particularly in an array fashion28, 35-37. In addition, the fluorous-

tagged platform has been proved to be compatible to other surface detection method such 

as surface-assisted laser desorption/ionization mass spectrometry (SALDI-MS)38-41 as an 

attractive venue that can extend the scope of SPR and MS hyphenation research for 

identification and characterization purposes. To date, fluorous-tagged carbohydrate 

immobilization method has been widely used on the study of fluorescent-base optical 

detection of lectins, but has not yet been applied to SPR and SPR imaging platform. In 

this chapter, we seek to establish and optimize the fluorous-based immobilization 
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techniques upon conventional and array-based SPR gold substrates hyphenated with 

SALDI-MS as a new and effective interface for carbohydrate-lectin research. 

 

Experimental 

All SPR experiments were carried out using a double-channel NanoSPR-321 

(NanoSPR, Addison, IL) equipped with a GaAs semiconductor laser light source 

irradiating at λ=670 nm. The SPR device is integrated with F1-65 prism (made of F1 

glass, with operating angle of 65 degrees) and thermally stabilized flow cell. SPR gold 

chips were fabricated with a 2 nm chromium adhesion layer on cleaned BK7 glass slides, 

followed by a 46 nm gold film via e-beam evaporation. All SPR imaging experiment 

were carried out using a home-built SPRi apparatus. The main component includes a 650 

nm light emitting diode (LED) controlled by a band pass filter, beam expander/collimator 

(oriel), polarizer, equilateral SF2 triangular prism (n = 1.61), rotating optical stage, high 

sensitivity CCD camera (1280x1024 pixels, Retiga 1300 from QImaging) with 90 mm 

1:2.8 Macro lens (Sigma). Gold island array for SPR imaging were fabricated via 

photolithography prior to the e-beam evaporation of 2 nm chromium adhesion layer and 

46 nm gold film on cleaned BK7 glass slides. Both photolithography and e-beam 

evaporation were carried out in UCR Center for Nanoscale Science & Engineering 

Nanofabrication Cleanroom facility. The SPRi was excited by irradiating p-polarized 

light onto the substrate and the images were captured and processed by QCapture 

(QImaging) and ImageJ (NIH). 
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Contact angle measurements were performed on a home-built optical stage with 

the same high sensitivity CCD camera used by SPR imaging. Deionized water (2 μL) was 

spotted on the modified gold substrate.   

 

Preparation of calculated silicate film on gold substrate 

The preparation of calcinated silicate film were based on Layer-by-Layer 

polyelectrolyte deposition of positively charged poly(allylamine hydrochloride) (PAH) 

and negatively charged sodium silicate solution, followed by calcination in furnace. In 

short, clean gold substrates were immersed into a 10 mM 3-mercaptopropionic acid (3-

MPA) in 40 mL ethanol overnight to obtain negative charge self-assembled monolayer, 

followed by extensive rinse with ethanol and DI water to remove remaining unreacted 

residues. The processed gold slides were immersed into PAH solution (1 mg/mL, pH 8) 

and sodium silicate solution (22 mg/mL, pH 9.5) with thorough rinsing by Millipore 

water between each immersion. The cycle was then repeated 5 times. The substrates were 

sent into furnace for 4 hour 450 °C calcination at a rate of 17 °C/min and were cooled to 

room temperature. 

 

Immobilization of octadecyltrichlorosilane or 1H,1H,2H,2H-

Perfluorodecyltrichlorosilane on Calcinated Gold Substrates 

Octadecyltrichlorosilane (OTS) was dissolved in toluene to obtain 10 mM 

concentration. Calcinated gold substrates were immersed into this solution for 15-20 

minutes. The resulting modification was thoroughly rinsed with toluene, ethanol, and 
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water, followed by drying with nitrogen. Another modification of 1H,1H,2H,2H-

Perfluorodecyltrichlorosilane (PFDTS) on calcinated was also carried out under the same 

condition with one modification of concentration to 1 mM. The PFDTS modified slides 

were then characterized by contact angle measurement. 

 

Deposition of GM1 or Fluorous-Tagged Carbohydrate for Matrix-Assisted and 

Surface-Assisted LDI Detection 

To deposit GM1 onto OTS modified calcinated surface for MALDI-MS, GM1 

stock solution was diluted to 15 μM in chloroform. The diluted solution was carefully 

pipetted onto the surface with 1 μL in volume to give the final amount of 15 pmol. 

MALDI-MS detection was performed for the detection of GM1 presence on the surface 

after CHCA in 1:1 water:acetonitrile was directly applied to the GM1 immobilized 

surface. Mass spectra were obtained by Voyager-DE STR MALDI-TOF mass 

spectrometer operating in negative reflector mode. The hydrophobic-hydrophobic tail 

adsorption between GM1 and OTS-modified surface was also observed with and without 

on-plate washing to study lipid retaining ability by the hydrophobic chain interaction. 

Control experiments were carried out with an identical procedure using an unmodified 

calcinated substrate. The direct deposition of 200 pmol fluorous-tagged carbohydrate 

with a Neu5Acα2,6 moiety was carried out on the PFDTS-modified calcinated gold 

substrate for SALDI-MS detection without the addition of any proton donor such as citric 

acid. Mass spectra were obtained by the same mass spectrometer operating in positive 

reflector mode.    
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Immobilization of GM1 and cholera toxin for SPR analysis 

To incubate GM1 for further SPR analysis of GM1-cholera toxin interaction, a 20 

μL of 250 mM concentrated GM1 was carefully pipetted onto a 22 mm x 22 mm OTS-

modified calcinated gold substrate, followed by immediate coverage of a microscope 

cover slip to ensure a homogeneous spreading of the solution throughout the entire 

covered surface until dried. The immobilization of cholera toxin that followed GM1 was 

prepared by injecting 150 μL of 0.1 mg/mL CT in buffer into SPR flow cell with a flow 

rate of 0.2 mL per minutes to study the interaction of CT with GM1 using OTS modified 

calcinated gold substrate. Control experiment was carried out in an identical procedure 

using a plain OTS-modified calcinated substrate without any GM1 presenting on the 

substrate.  

 

Immobilization of Fluorous-Tagged Carbohydrate Neu5Acα2,6 and Lectin SNA for 

SPR Analysis 

The incubation of fluorous-tagged carbohydrate Neu5Acα2,6 was carried out by 

pipetting concentrated carbohydrate (0.2 mg/mL, 20 μL) solution onto a 22 mm x 22 mm 

fluoroalkyl-modified calcinated gold substrate, followed by immediate coverage of a 

microscope cover slip to ensure a homogeneous spreading of the solution throughout the 

entire covered surface until dried. The immobilization of SNA that followed carbohydrate 

incubation step was prepared by injecting 150 μL of which with various concentrations 

from 25 to 400 μg/mL into SPR flow cell with a flow rate of 0.2 mL per minute to 

monitor the SPR signal responses versus concentration.   
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Fabrication of gold island array for SPR imaging 

Gold island array fabrication was carried out according to the method previously 

reported42. In short, Figure 4.1 shows that positive photoresist AZ5214E was first spin 

coated on the cleaned BK7 glass substrate and then patterned by exposing the substrate 

with photo mask to UV light for 10 s. the development of the arrays pattern were carried 

out by 4:1 ratio of water to AZ400K developer solution to expose the patterned areas, 

unto which 2 nm chromium and 46 nm gold was deposited via e-beam evaporation. The 

metal films deposited on the photoresist were removed by sonicating the BK7 glass slide 

in acetone, leaving the gold island array that was directly deposited onto the exposed 

glass areas.  

In-house flow cell specifically for this gold island SPRi chip was produced by 

poly(dimethylsiloxane) (PDMS) molding process using a polystyrene petridish with 80 

mm in diameter as can be seen in Figure 4.2. Strips of rubber with the dimension of 2 mm 

x 15 mm and 1 mm in thickness were placed at the center of each squared dash lines 

within the petridish. The adjacent strips within each square were separated by 3 mm 

length. A 10:1 mixture of PDMS base and curing agent were thoroughly mixed and 

degassed and were poured into the mold and cured for 1 hour at 70 °C. The resulting 

PDMS were cut along the dash lines and peeled off to produce a three-channel flow cell 

presented in Figure 4.2 for further SPRi analysis.   
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Figure 4.1 Gold island array fabricated by positive photoresist spin 
coated on the cleaned BK7 glass substrate and then patterned by 
exposing the substrate with photo mask to UV light. The 
development of the arrays pattern were carried out by developer 
solution to expose the patterned areas, unto which 2 nm chromium 
and 46 nm gold was deposited via e-beam evaporation. The metal 
films deposited on the photoresist were removed by sonicating the 
BK7 glass slide in acetone, leaving the gold island array that was 
directly deposited onto the exposed glass areas, and the process was 
followed by LbL of PAH and silicate and 450 degree calcination.  
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Figure 4.2 In-house flow cell with specific dimensions for gold 
island SPRi chip was produced by poly(dimethylsiloxane) (PDMS) 
molding process in a petri dish. 
 



113 

 

Results and Discussion 

The immobilization of octadecyltrichlorosilane on the silicate layer of the 

calcinated gold substrate was carried out with a concentration 10 mM in toluene solvent. 

It is necessary to analyze the stability of the silicate nanolayer under the influence of 

toluene. Figure 4.3 (a) presents the SPR reflectivity curve of the calcinated gold substrate 

before and after the exposure of toluene overnight, which shows no damage of the silicate 

nanofilm under a long immersion into the solvent, for the two reflectivity curves and 

resonance angles were unchanged. With the addition of 10 mM OTS in toluene and 15 

minute incubation onto calcinated gold substrate, a 0.5 degree resonance angle shift had 

occurred in Figure 4.3 (b), indicating a successful modification of a self-assembled 

monolayer OTS onto the substrate. 

 The mass detection of GM1 was carried out using MALDI-MS techniques. It 

should be noted that to-date there has not been a SALDI technique developed for the 

direct detection of GM1. Our preliminary result by matrix-free calcinated gold substrate 

also did not provide suitable ionization for this particular molecule. Therefore, the LDI-

MS detection was obtained by using CHCA matrix and the resulting spectra was 

presented in Figure 4.4, showing two major peaks appearing in the spectrum. The peak at 

1542.60 represents monoisotopic molecular mass of GM1 containing a ceramide moiety 

of sphingosine and stearic acid (C18), while 1570.59 containing a ceramide moiety of 

icosasphingosine and C18, agreeing to previous reported MALDI-MS result43, 44. The 

retaining ability using OTS-modified surface to capture GM1 using hydrophobic-

hydrophobic tail interaction can be analyzed by comparing between OTS-modified  
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Figure 4.3.  (a)SPR signals of the calcinated gold substrate before 
and after toluene treatment. (b) SPR signal of calcinated gold 
substrate before and after immobilization of OTS. 
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Figure 4.4 Mass detection of GM1 through MALDI-MS and 
the comparison between OTS-modified and bare calcinated 
silicate gold film. 
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calcinated gold substrate to a plain calcinated gold substrate. Figure 4.4 (a) and (c) have 

shown similar ionization efficiency with or without the hydrophobic modification. 

However, the advantage of OTS-modified surface becomes significant while on-plate 

sample washing is being carried out. As illustrated in Figure 4.4 (b) and (d), due to the 

hydrophilic feature of the plain calcinated gold substrate, there exist no specific 

interactions between a plain silicate layer and the hydrophobic tail from GM1. However, 

with a simple modification of a OTS self-assembled monolayer with 18-carbon (C18) tail, 

GM1 is able to be captured by specific hydrophobic-hydrophobic interaction, a 

characteristic that is promising for further sophisticated analytical technique such as 

desalting and enrichment45. 

 The OTS-GM1 modified calcinated gold substrate also allows the analysis of the 

carbohydrate-protein interaction, for the oligosaccharide component of the GM1 provides 

specific interactions to proteins such as cholera toxin (CT). Figure 4.5 shows the response 

of cholera toxin (CT) injection on OTS-GM1-modified calcinated gold substrate without 

incubation process, resulting in a higher resonance angular shift in comparison to the bare 

OTS-modified substrate. It is attributed to the OTS self-assembled monolayer with a C18 

tail provides the control to GM1 to orient in a uniform direction, for the two-tail 

hydrophobic moiety from GM1 can respond to C18 from OTS, creating lipid-

alkylsiloxane hybrid bimolecular architectures through hydrophobic chain-chain 

interaction46. The result of the controlled orientation for GM1 allows the exposure of 

hydrophilic carbohydrate head group for further studies of carbohydrate-protein 

interaction such as GM1-cholera toxin complex. 
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Figure 4.5 Response of cholera toxin (CT) injection on OTS-GM1-
modified calcinated gold substrate without incubation process. A 
higher resonance angular shift is observed in comparison to the bare 
OTS-modified substrate. 
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The MALDI-MS and SPR results have shown promising OTS-modified 

calcinated gold substrate for the study of hydrophobic alkyl chain capturing and further 

analysis of carbohydrate-protein interaction. However, it is necessary to design a simpler 

platform based on the similar hydrophobic tail interaction with a stronger non-covalent 

capturing ability while minimizing nonspecific interactions towards target proteins. 

Previous reported literature has found that a fluorous-based alkyl chain modified 

substrate such as -C8F17 can satisfy the mentioned requirements29, 47. The availability of 

fluorous-based silane has also spur the interest in manufacturing non-wettable coatings 

onto glass surface for the performance of various analytical methods29, 38, 47-49. Our gold 

substrate has therefore become the perfect platform for SAM modification of fluorous-

based silane for the study of SALDI-MS and SPR.  

The immobilization of PFDTS towards calcinated gold substrate is based on the 

mechanism of hydrolyzation from trichlorosilane to hydroxysilane, silanol adsorption 

through hydrogen bonding, and polymerization condensation of siloxane network to 

covalent bonding as illustrated in Figure 4.6. The resulting substrate was further used to 

incubate a fluorous-tagged carbohydrate for SALDI-MS mass detection, followed by the 

incubation of corresponding protein for SPR analysis of sugar-protein interactions as 

shown in the cartoon illustration in Figure 4.7.  In this project we focus on the fluorous-

tagged carbohydrate with Neu5Acα2,6 moiety tagged by fluoroualkyl chain in different 

length provided from synthesized carbohydrate in Dr. Xi Chen’s research group. Figure 

4.8 shows the variety of C3, C6, and C8 fluorous-tag, among which the six carbon chain 

was selected to pioneer the hyphenated MS and SPR sensing based on fluorinated  



119 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.6 Schematic illustration of PFDTS modification towards 
calcinated gold substrate via hydrolyzation from triclorosilane to 
hydroxysilane, silanol adsorption through hydrogen bonding, and 
polymerization condensation of siloxane network. 
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Figure 4.7 Schematic illustration of SPR-MS application based on 
fluorocarbon modified calcinated gold substrate.  
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Figure 4.8 Structures of the fluorous-tagged carbohydrates that are 
suitable for SPR-MS detecting platform based on fluorocarbon-
modified calcinated silicate gold substrate. 
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platform on calcinated gold substrate.  

A water contact angle measurement of the PDFTS-modified calcinated gold 

substrate before and after the incubation of fluorous-tagged carbohydrate was conducted 

to characterize the surface hydrophobicity in comparison to a hydrophobic bare gold 

substrate. Figure 4.9 shows a greater contact angle (121.0o) with the PDFTS-modified 

substrate than the bare gold surface (62.5o). Although the PDFTS-modified substrate did 

not provide a superhydrophobic surface (>150o) property due to a lower concentration of 

PDFTS and shorter immobilization time50, 51, it is consistent with reported literature that 

the controlling of contact angle between 114o to 124o represents that we have a 

homogeneous, ultrasmooth, and thin layer of PDFTS being grafted onto the calcinated 

gold substrate52. A homogeneous thin layer of PDFTS also can provide a good sensing 

platform for SPR analysis, for a rough and thick layer fabricated on SPR substrate 

generally inhibit the applicability of subsequent resonance angle detection of 

carbohydrate and protein binding. After the incubation of fluorous-tagged carbohydrate, 

the contact angle was observed to decrease to 91.8o which can be explained by the 

exposure of hydrophilic moiety from sialic acid head group due to the directional control 

by the hydrophobic-hydrophobic tail interaction mentioned previously.  

Direct detection of fluorous-tagged carbohydrate via SALDI-MS was carried out 

to study the capturing ability of PDFTS-modified calcinated gold substrate without any 

assistance from proton donors. The fluorous-tagged carbohydrate has been provided by 

in-house synthesis and there has no MALDI or SALDI result established by literatures 

for the specific compound53. Therefore, a control MALDI-MS experiment using DHB  
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Figure 4.9 Contact angle measurements on substrates with different 
coatings, namely bare gold, fluorocarbon-modified calcinated gold 
chip before and after Neu5Acα incubation.  
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matrix for the detection of fluorous-tagged carbohydrate was carried out to verify our 

result. Figure 4.10 shows the MS spectrum by the assistance of DHB matrix, 

demonstrating two major intact molecular detection for [M+H]+ and [M+Na]+. The 

PFDTS-modified calcinated gold substrate has provided the matching result for [M+Na]+. 

However, one fragmentation peak at m/z 336 denoted as [Neu5Ac+Na]+, namely 

anhydro-Neu5Ac in Na+ form54, were more prominent through PFDTS substrate. In 

addition, PFDTS also provided a lower ionization intensity fragment peak with the 

cleavage of anhydro-Neu5Ac, indicated as [M+Na-Neu5Ac]+. Although DHB matrix 

also shows the two fragmentation peaks, the ionization intensities of the fragmented 

peaks were barely noticeable. The high intensity for the fragmentation [Neu5Ac+Na]+ 

provided by PFDTS surface was due to the hydrophobic properties of fluoroalkyl-

modified surface being able to retain the fluorous moiety from the sugar structure during 

laser irradiation. As a result, the intact fluorous-taged carbohydrate [M+Na]+ and the 

fragmented [M+Na-Neu5Ac] peak intensities were substantially lower, confirming the 

importance of hydrophobic-hydrophobic tail capturing using the PFDTS surface.  

The successful qualitative identification and hydrophobic capturing capability of 

fluorous-tagged carbohydrate via PFDTS surface further allows the quantitative sensing 

application of corresponding lectins. Sambucus nigra agglutinin (SNA) and Macckia 

amurensis lectin (MAL) were selected to study the binding affinity towards the fluorous-

tagged Neu5Acα2,6. 
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Figure 4.10 Matrix-free SALDI-MS detection of fluorous-tagged 
carbohydrate in comparison to DHB matrix-assisted LDI-MS, 
showing different intensities of fragmentation of carbohydrates due 
to different surface hydrophobicity of sensing substrate.  
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Figure 4.11 shows the SPR sensorgram comparing the SPR angle change between 

the two lectins towards fluorous-tagged Neu5Acα2,6 carbohydrate. The binding of 400 

μg/mL SNA onto the fluorous-tagged carbohydrate surface gives a SPR response with 

0.097 degree angle change, whereas that of MAL with the same concentration exhibited 

0.066 degree shift. The result agrees well with the reported literature that α2,6-linked 

sialosides shows a response of high binding affinity to SNA while having weaker 

interaction with MAL7. A calibration curve for SPR response versus different 

concentrations of SNA also has shown a good linear detection range from 25 μg/mL to 

400 μg/mL. The same fluorous-tagged carbohydrate immobilization for the study of SNA 

lectin interaction can also be carried out using SPR imaging with array setup. First, the 

feasibility of the in-house three-channel PDMS flow cell was being tested for possible 

leakage and flow rate consistency among the channels. Figure 4.12 (a) shows real time 

images of green dye flowing through the three channels simultaneously, showing 

satisfactory result for the sealing capability between PDMS chip and glass while green 

dye solution was flowing within the channel. In addition, due to the accurate 

measurement during the fabrication process for the three flow channels, simultaneous 

coverage of the dye solution within the channels has shown great consistency. The SPR 

images obtained by the using of gold island array with its corresponding PDMS flow cell 

in Figure 4.12 (b) also have shown a homogeneous reflected light intensity at near zero 

for all the gold island array spots, onto which the irradiated p-polarized light has majorly 

been converted into surface plasmons while the rest of the BK7 as the surrounding area 

has shown high intensity of reflected light. As a result, the gold island array with its  
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Figure 4.11 SPR sensorgram comparing the SPR angle change 
between the two lectins, namely SNA and MAL towards fluorous-
tagged Neu5Acα2,6 carbohydrate-immobilized calcinated SPR chip. 
Quantitative information to measure SNA lectin concentration can 
also be detected with LOD 25 ug/mL. 
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Figure 4.12 Illustration of home-built PDMS flow cell with its real-
time fluidic of dye solution with its perfect sealing quality on glass 
and its channel volume accuracy that is suitable for calcinated gold 
island array high throughput SPRi sensing chip. The high-
throughput calcinated gold island arrays within the PDMS channels  
were also measured by p- and s- polarization. The 3-D height profile 
shows the consistency of SPR measurement on each array spot 
within three different channels. 
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corresponding customized PDMS flow cell can be an excellent platform for high 

throughput screening of carbohydrate-lection interaction. Figure 4.13 has shown the high-

throughput screening capability of different concentration SNA, namely 300, 200, and 

100 μg/mL, on the fluorous-tagged carbohydrate immobilized surface through fluoroalkyl 

platform. As a fixed angle measurement, the immobilization of SNA causes an increase 

in reflected light intensity due to the shift of entire SPR curve. Difference image before 

and after the incubation of SNA was taken and processed to obtain the light intensity 

change through the presentation of an average plot profile and a 3-D surface plot and for 

the 3 x 4 array islands highlighted within the red rectangle. The average plot profile has 

shown that gold island array with three-channel PDMS flow cell gave a good correlation 

between SNA concentrations and the changes in reflected light intensity. The 3-D surface 

plot further characterized the consistency of light intensity change due to SNA incubation 

among the different gold islands within one flow channel, providing a facile and steady 

method for high-throughput analysis opportunity for other related carbohydrate-lectin 

interactions.  

 

Conclusions: 

Fluoros-based carbohydrate immobilization has proved to be very effective due to 

the use of single fluorous tails that provides sufficient binding of biomolecules onto 

fluorinated solid supports. A number of applications of fluorous-based carbohydrate and 

related enzyme activity assay have been reported for fluorescence and mass spectrometry 

(MS). We have successfully reported the development of fluorous-based carbohydrate  
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Figure 4.13 High-throughput screening capability of fluorocarbon-
modified calcinated gold island array to measure different 
concentration SNA, namely 300, 200, and 100 μg/mL. 
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arrays with the incorporation of home-build PDMS flow cells that enable high-

throughput on-chip surface plasmon resonance detection and MS analysis. This technique 

offers a simple platform for the immobilization of carbohydrate for interaction study with 

lectin, providing a comparable SPR performance as seen in our previous carbohydrate 

research, with the extended advantages SPR array imaging (SPRi) and MS for high-

throughput analysis. 
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Chapter 5: Glassy Gold Nanoparticle Film for Surface Enhanced Optical and Mass 

Sensing Application.  

Introduction 

Plamonic materials and related nanotechnology has undergone tremendous 

development due to the unique plasmonic-active properties for sensing enhancement. In 

addition to applications to optical sensors and devices, plasmonic nanostructures have 

also been explored to build miniaturized medical devices1, waveguided photonic circuits2, 

and photothermal therapeutics3. The advantages which plasmonic nanostructure possess 

over traditional optical techniques include surface sensitivity and tunability. With high 

density of conduction electrons locally oscillating on the nanostructure surface by the 

excitation of electromagnetic radiation at metal-dielectric interface, valuable surface 

sensitivity is achieved to monitor local environmental change at the sensing substrate4. 

Furthermore, tunability of the optical, electromagnetic, chemical, mechanical and 

catalytic properties to accommodate different experimental conditions depends closely on 

the size, shape, interstructural spacing, and composition of the nanostructures5.  

Among a variety of promising nanostructures, gold, silver, and copper 

nanoparticles have gained particular interest due to the existence of their UV-vis 

absorption bands in the visible range, which is ideal for optical applications6. With these 

inherited advantages, they have been used in a broad range of research such as localized 

surface plasmon resonance (LSPR)7-9, surface enhanced Raman spectroscopy (SERS)10-12, 

and matrix-free laser desorption/ionization mass spectrometry (LDI-MS)13, 14. Although 

silver and copper nanoparticles may possess excellent plasmonic enhancement for 
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sensing, their toxicity towards organisms via uptake, intracellular distribution, and 

cellular response has been a constant concern, therefore limiting its applicability in 

bioanalytical research. AuNP, on the other hand, showing additional characteristics such 

as versatility, photostability, biocompatibility, and in vivo applicability10, 11, 15-18, has 

become a standard sensing substrate in analytical field. 

Gold nanoparticles as LSPR biosensor has been a mature technology because of 

its simple experimental setup and requirement of inexpensive instrumentation as well as 

label-free and real-time measurement for biomolecule binding event. A very common 

LSPR platform with AuNPs has been reported to be produced by immobilizing NPs on 

glass substrate directly in colloidal solution. The result of which is a semi-transparent NP 

film that is applicable to transmission LSPR sensing19. To achieve an ultra-thin layer of 

AnNPs on glass for a better transmission LSPR sensing, an improved Layer-by-Layer 

(LbL) technique that alternates poly(allylamine hydrochloride) (PAH) and citrate-capped 

AuNPs has been employed for higher LSPR sensitivity against refractive index change19. 

Gold nanostructured films are of great interest because of high stability, good 

reproducibility, robustness, and cost-effectiveness20-22. However, LSPR signal depends 

only on the refractive index change surrounding the local environment of the NPs, 

providing no chemical information or structural signature unless specific biomolecular 

recognition techniques are applied on the nanostructure. Therefore, the combination of 

LSPR quantitative measurement with other qualitative detection such as SERS and MS 

remains to be an important challenge.  
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 Since LSPR is directly related to the electromagnetic (EM) field generation that 

leads to SERS, it is possible for AuNPs to provide both LSPR wavelength-shift sensing 

and SERS to identify molecules of chemical and biological relevance5. The surface 

enhanced detection is ideal to provide “fingerprint” vibrational energy information, or 

Raman band, to identify the composition of the compound with orders of magnitude 

higher than the traditional Raman spectroscopy due to the amplification of the EM field 

near the AuNP and other nanometallic surfaces23. Many SERS applications using AuNP 

films have been used to identify peptides, proteins, and cells with high sensitivity10, 24-26.   

In addition, AuNP film-based LSPR has broad band absorption in the ultraviolet 

to visible region. As a result, the film allows the laser desorption/ionization mass 

spectrometry (LDI-MS) application to identify chemicals or biomolecules with a 334 nm 

UV laser source. Previously we have developed a calcinated AuNP array using a thick, 

rough, and porous AuNP surface for a high sensitivity, low laser energy threshold 

biomolecules detection. Because this NP array was produced by consecutive droplet 

deposition, the array is not transparent to enable LSPR sensing. There has been limited 

research coupling LSPR sensing with LDI-MS using AuNP transparent thin film19. A 

cross-platform of LSPR, SERS, and LDI-MS using AuNP film has not been reported. 

The key to enable all three analytical techniques requires an ultrathin film to transmit 

light source to the LSPR detector and a highly dense packing morphology to provide 

greater surface to area ratio that enhances SERS and LDI efficiency. In this research we 

endeavor to develop novel AuNP film that allows the cross-platform sensing with all 
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three analytical methods to obtain complete information on quantitation, qualitative 

functional group identification and chemical signature. 

 

Experimental: 

Materials: 

Gold (III) chloride trihydrate, sodium citrate, Poly(allylamine hydrochloride) 

(PAH), Rhodamine 6G, methylene blue, trifluoroacetic acid (TFA), α-Cyano-4-

hydroxycinnamic acid (CHCA), cytochrome c, ammonia bicarbonate,  [Sar1, Thr8]-

angiotensin II (MW = 956.1), neurotensin (MW = 1672) were purchased from Sigma-

Aldrich (St. Louis, MO). Citric acid, sodium silicate, and were purchased from Fisher 

Scientific.  

 

Preparation of 5nm and 13nm AuNPs: 

Au nanoparticles, 13 nm in diameter, were prepared based on the protocol in 

Journal of Chemical Education27. In short, a round bottom flask containing HAuCl4 (500 

mL, 1 mM) is heated with stirring until solution boiled, after which Na3C6H5O7 (50 mL, 

38.8 mM) was added to mix with boiled HAuCl4 solution. The mixed solution was 

continually boiled and stirred until deep red color appeared. The making of AuNP in 5nm 

diameter is according to another seed preparation mechanism28. In short, HAuCl4 was 

dissolved into Millipore water to obtain 1.0 wt% solution. Sodium citrate (1 mL, 38.8 

mM) was added into HAuCl4 solution in ice bath with stirring for one minute, followed 

by immediate dropwise addition of sodium borohydride (500 uL, 20 mM). The resulting 
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solution was stirred for 5 minutes and 5 nm AuNPs were obtained. Both the 13 nm and 5 

nm particle were confirmed by UV-vis absorption peak and TEM images, which 

indicated a correct and uniform distribution of particle size accordingly. 

 

Glassy AuNP film Fabrication via Layer-by-Layer Technique: 

Polyelectrolyte PAH and silicate were prepared to the final concentration of 1 

mg/mL and 22 mg/mL, followed by pH adjustment with NaOH and HCl to 8.5 and 9.5, 

respectively. Microscope glass slides were first cleaned and processed in piranha solution 

(3:1 sulfuric acid to hydrogen peroxide) to ensure the coverage of hydroxyl group on the 

surface and were rinsed with Millipore water followed by drying under gentle nitrogen 

stream. The cleaned glass slides were immersed into PAH solution for 1 hour. Without 

rinsing step, the bottom parts of the slides were gently wiped with kimwipes after being 

removed from PAH solution, leaving some remaining PAH solution on the top of the 

slides. The glass slides were then placed into 13nm or 5 nm AuNP solutions overnight, 

followed by gentle rinsing and immersion into PAH for one hour. With gentle rinsing, 

adsorbing of final capping layer was accomplished by dipping the PAH-AuNP-PAH 

modified glass slides into sodium silicate solution. The resulting glass slides were dried 

with gentle nitrogen stream, heated in the furnace to 450  with a rate of 17  for 

4 hours, and allowed to cool to room temperature before use.  
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AFM and Electron Microscopy 

Atomic force microscopy (AFM) images were obtained using a Veeco Dimension 

5000 atomic force microscope (Santa Barbara, CA) with manufacturer-provided software. 

All images were obtained in tapping mode. UV-Vis extinction and transmittance spectra 

were recorded by Cary 50 UV-Vis-NIR spectrophotometer. The morphologies of 

nanoparticles were investigated using Philips Tecnai 12 transmission electron microscope 

(TEM) and a Philips FEI XL30 scanning electron microscope (SEM).  

 

Peptide, Protein, and Protein Digest Preparation 

Two peptides, [Sar1, Thr8]-angiotensin II (MW = 956.1) and neurotensin (MW = 

1672) were prepared in 50% acetonitrile containing 0.1% TFA and 10 mM citric acid to a 

final concentration of 2 µM, respectively. Cytochrome c was prepared with the same 

condition with the final concentration of 0.1 mg/mL. Cytochrome c digest was prepared 

to a final concentration of 1 mg/mL, with the addition of enzyme to make the 

protein:enzyme ratio 50:1 by weight. The protein enzyme mixture was kept in water bath 

at 37  for 16 hours, followed by the addition of 2uL 100% formic acid after digestion 

 

Matrix-Free LDI-MS 

Surface-assisted laser desorption / ionization mass spectra were obtained by 

Voyager-DE STR MALDI-TOF mass spectrometer (Applied Biosystems, Framingham, 

MA). Experiments condition was set in positive reflector mode at accelerating voltage of 
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20 kV. The spectrometer is equipped with a pulsed nitrogen laser operated at 337 nm 

with 3 ns duration pulses. MS spectra were acquired as an average of 60 laser shots.  

 

Results and Discussion: 

The key to successfully fabricate a cross-platform AuNP film for LSPR, SERS, 

and SALDI-MS is to achieve an ultra-thin transparent film, while keeping the close 

packing morphology that generates a rough and porous surface29. Therefore, LbL process 

using different layers of polyelectrolytes and AuNPs shown in Figure 5.1 is applied to 

produce a single AuNP thin layer. We have previously reported that the LbL process 

without rinsing process will generate a highly sensitive and selective glassy silicate 

substrate on Au film due to the contribution from surface roughness and porosity29. 

Therefore, to generate a rough and porous surface, as described in experimental 

procedure, we intended to omit a rinsing step before the PAH-modified glass surface is 

immersed into AuNP solution. We first studied the LSPR absorption peak deviation of 

multiple fabrications using 5 and 13 nm AuNPs to ensure that the film is reproducible 

without following the traditional rinsing step. Figure 5.2 (a) shows the LSPR absorption 

peak of our AuNP film after calcination, which has a LSPR peak located at 575 nm. The 

error bar in Figure 5.2 (b) shows that there is only a slight variation of the LSPR peak, 

indicating that our LbL fabrication process for a rough and porous surface is still 

reproducible even without rinsing in one of the steps. Figure 5.2 (b) also shows the 

difference in peak absorption before and after calcination. It is noted that the peak  
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Figure 5.1.  Layer-by-Layer process is used to fabricate calcinated AuNP films, 
with the sequence of PAH positive polyelectrolyte, negative citrate capped 
AuNPs, another PAH, and sodium silicate negative electrolyte, followed by 
calcination as the last step. 
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Figure5.2 (a) UV-vis Characterization of the calcinated AuNP 
film from 13 nm AuNPs. The silicate as protective layer prevents 
aggregation into bulk gold and maintains the AuNP LSPR peak 
absorption at 575 nm with a well-defined peak shape. (b) A 
thorough comparison between the fabrications of AuNP film 
from 2 different NP sizes, 5 and 13 nm, respectively. Both films 
show a high reproducibility before and after calcination.  
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absorption after calcination has been substantially decreased for both AuNP films made 

from 5 and 13 nm AuNPs. It can be explained by the result of 450 oC calcination process. 

The role of calcination is to combust the organic PAH layer, during which process the 

silicate layer collapse directly onto the AuNPs and was cross-link into SiOx ultra-thin 

layer. Being sensitive to the local refractive index environment, the absence of PAH layer 

and the conversion of silicate to SiOx layer was observed by the LSPR absorption peak 

characterization. 

Electron microscopy characterizations in Figure 5.3 can also provide valuable 

information about the fabrication process. We just mentioned that our AuNP film has 

very unique characteristics, for example, dense, packed, rough and porous one layer 

surface. The detail features of our AuNP film in the micro scale showed that the LbL 

process offered us majorly a single layer with occasionally some extra islands on top of 

this film. Therefore, although one of the steps did not involve rinsing, it does not induce 

aggregation of heterogeneous AuNP layer stacking on top of each other.  In the higher 

magnification images there were minor bridging flocculation of AuNPs, which is due to 

the 13 nm AuNPs getting into the long chained PAH layer. Two or three AuNPs are 

being wrapped around by a single long chain PAH at once, creating a dimer or trimer 

morphology. However, even with the minor AuNP clustering, the final size distribution 

still maintains within 20-30 nm range. After the final step of 450oC calcination. the 

particle size maintenance is greatly contributed by the protection layer of silicate. As a 

control experiment, the result of calcination without the silicate layer protection leads  
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Figure 5.3. SEM characterization for calcinated AuNP film. (a) AuNP 
film in microscopic scale, showing a homogeneous distribution of 
AuNP after calcination (b) and (c) higher magnification of calcinated 
AuNP film, showing well-defined nano scale morphology even after 
450oC calcination process for 4 hour. (d) Same LbL modification 
procedure with calcination but without the final layer of sodium 
silicate negative polyelectrolyte, which result into aggregation of 
AuNP, losing its nanoscale morphology. 
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magnificent aggregation of all the AuNPs to form big clusters, losing its advantage of 

nanoscale plasmonic characteristics. 

Both SEM and AFM were used to characterize our single layer film and its thickness. 

From the SEM, it can be seen that film generated by LbL process without rinsing is a 

single layer with an ultra-thin feature as shown in Figure 5.4. The AuNP film thickness is 

also measured by AFM, which shows in Figure 5.5 that our nanofilm thickness is in the 

low 20 nm range. In this particular AFM experiment, the mask was used to block the 

polyelectrolyte during LbL, producing two distinct areas with and without the AuNPs on 

glass slide. The spike in the height profile is due to the accumulation of AuNPs on the 

side of the mask during fabrication process. The measurement of thickness was very 

promising to the fabrication of cross-platform substrate because to date the AuNP film 

thickness that can be applicable to LSPR and LDI-MS has to be 70 nm to achieve a 

sufficient amount of AuNP for enhancement19. If the film is too thin, the amount of 

AuNPs does not meet the requirement to carry out plasmonic enhancement application. 

Although our film is ultra-thin, we can achieve plasmonic enhancement by designing 

dense packing morphology with LbL process. 

To study the LSPR layer sensitivity to the change of refractive index near the NP 

surface, lipid bilayer formation from 1 mg/mL phosphatidylcholine (PC) vesicle solution 

was monitored in real-time. During the formation of lipid bilayer onto calcinated AuNP 

film, we observed in Figure 5.6 both a stable red-shift of maximum absorption peak and 

an increase of the maximum absorption intensity, which agrees with the result of the 

reported literature30. The stability of the bilayer formation is due to our thin silicate layer  
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Figure 5.4. SEM characterization for film thickness. (a) Microscopic 
scale SEM image shows one homogeneous single layer distribution of 
AuNPs throughout the glass slide (b)(c) Higher magnification SEM 
image which provides information that the film thickness being below 
50 nm 
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Figure 5.5. AFM characterization of surface roughness, porosity, and 
porosity. (a) calcinated AuNP film shows a rough surface and high porosity 
due to the close packing of distinguishable NPs (b)(c) Calcinated AuNP 
film thickness is determined by the height difference between bard glass 
and film, which is estimated to be between 20-25 nm. 
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Figure 5.6  (a) LSPR sensing of 1 mg/mL PC lipid bilayer 
formation on AuNP film. By taking LSPR spectra in a set time 
interval, AuNP film can be a layer-sensitive method to monitor 
the bilayer formation in real-time (b) LSPR wavelength change 
for bulk solvent, showing a bulk sensitivity of 18 nm per 1 R.I.  



150 

 

modified on top of AuNPs, which provides standard hydrophilic glassy surface for the 

vesicle suspension to self-assemble31. 

Without the silicate layer, lipid stability is often suppressed on metal and metal 

oxide solid substrates such as bare AuNPs32, 33. The layer sensitivity can be estimate 

according to the reported literature, which stated that bilayer thickness of pure PC is 

around 5.5 nm34. This layer sensitivity result can open up tremendous opportunities in the 

future for the sensing of other bilayer membranes and proteins immobilization, for 

literature has summarized that a protein with 5 nm in diameter corresponded to 

approximate mass of 500 kDa35. As a result, the film can be used to detect other lipid 

bilayer membranes and smaller protein immobilizations. While our substrate is sensitive 

to local environmental change of refractive index through immobilization, it can also 

perform bulk sensitivity study.  Calcinated AuNP films were immersed into solvents with 

different refractive indexes to obtain the wavelength of maximum absorption peak. By 

changing the refractive index in the bulk solution surrounding calcinated AuNP film, we 

observe and calculated its bulk refractive index sensitivity to be 22 nm per RIU.  

For the SERS identification of molecular structure using Raman band in the 

fingerprint region, rhodamine 6G (R6G) and methylene blue (MB) were detected on 

calcinated AuNP films. Figure 5.7 shows the characteristic of the Raman spectra of both 

R6G and MB. With the final concentration of 1 mM R6G and MB, both intensities of 

Raman band detected on calcinated AuNP film substrate shows significant increase in 

comparison to the intensities detected on various flat substrate such as on silicon wafer 

and on bulk gold surface. For the cases for both R6G and MB, there are weak signals  
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Figure 5.7. SERS sensing of 1mM (a) rhodamine 6g and (b) methylene 
blue, using 738nm and 536 laser respectively. An excellent 
enhancement by AuNP film has been achieved comparing to non-
enhanced Au or Si substrate. The enhanced scattering intensity for 
methylene blue can be comparable to a concentrated crystal on a non-
enhanced substrate.  
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observed in the spectra on silicon wafer and gold substrate as opposed to the intense 

Raman band on calcinated AuNP film. The enhancement is attributed to the strong 

electromagnetic coupling effect among the close-packed AuNPs, while the porosity of the 

AuNP film allows the dye chemicals to adsorb within the EM coupling region36. R6G on 

both calcinated AuNP film and silicon wafer showed C-C stretching vibrational band at 

1368 cm−1, 1518 cm−1, and 1662 cm−1, consistent with reported literature24. The N-H 

bend in planar mode is assigned to be 1315cm-1 and 1587cm-1, with additional aromatic 

C-H bend in planar mode located at 1128 cm-1 and 1186 cm-1. MB on both calcinated 

AuNP film and gold substrate also consistently showed 1035cm-1 in plane bending, 

1122cm-1 C-H out of plane bending, 1181cm-1 C-N vibration, 1398 cm-1 in plane ring 

deformation, 1430 cm-1 C-N asymmetric vibration, 1592 cm-1 and 1617 cm-1 aromatic 

ring vibration, with other band assignment such as 768 cm-1, 890 cm-1, 1070 cm-1, and 

1331 cm-1 that also can be observed in the reported literatures37. It should be noted that 

the detection of MB fingerprint region on calcinated AuNP film showed more Raman 

band peaks with excellent resolution than the direct detection of MB crystal on gold 

substrate, showing calcinated AuNP film as an active SERS substrate can provide a more 

effective and accurate molecular identification as well as more sensitive measurement 

than a non-enhanced substrate.  

To demonstrate that the calcinated AuNP film also allows the mass identification of 

biomolecules such as peptides and small proteins without the assistance of matrix, 

surface-assisted LDI is used to investigate the ionization performance for the two 

peptides, angiotensin and neurotensin in the amount of 1 pmol at m/z 957, 978, and 1673, 
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with each peak signal corresponds to [M1+H]+, [M1+Na]+, and [M2+H]+
  in Figure 5.8, 

respectively. Control experiment using CHCA as traditional matrix-assisted LDI shows 

that the matrix-free LDI can provide comparable ionization performance, while in the 

meantime offer other detection methods on the same platform such as LSPR and SERS 

without the interference of added assisted chemicals. Although LbL method has been 

applied before to fabricate AuNP film for matrix-free LDI, it should be noted that 

multilayer adsorption of AuNPs and other polyelectrolytes with long incubation process 

is required38. Our fabrication method opens up a simple route for surface preparation 

using one dense AuNP layer sandwiched between two PAH layers with and an additional 

final silicate on top. The final silicate layer also serve to secure the AuNPs from 

desorption upon laser irradiation, for bare AuNP film tend to provide multiple 

interference peaks from gold clusters. Reported literature also have found that with an 

increase number of AuNP layers will expand the detection to be applicable to small 

protein such as cytochrome c39. As a result, to prove that a single layer of AuNP with 

dense morphology can serve equally as multilayer film, cytochrome c in a final amount 

of 80 pmol was also successfully detected. Calcinated AuNP film also can provide clean 

spectrum for multiple peptide of tryptic digest from cytochrome c. The identified peptide 

fragments were listed in the table in Figure 5.9. Analysis from matrix-assisted LDI 

yielded abundant background noises, and the signal-to-noise values for peptides were low 

because of the suppression of LDI by the production of matrix ions. For example, C6, C7, 

and C10 peaks ionized by calcinated AuNP film were substantially higher than those by 

matrix, though the calcinated AuNP film detected one less peptide fragment than matrix. 
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Figure 5.8 (a) Ionization of two peptide angiotensin (MW= 956.1) and 
neurotensin (MW= 1672) in the final amount of 2 pmol through matrix-
free AuNP film. Inset shows the comparison to CHCA matrix assisted 
LDI. (b) Ionization of small protein cytochrome c in 1 mg/mL, showing 
the capability to successfully ionize small protein up to 12k Dalton.  
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Figure 5.9. (a) Matrix-free and (b) Matrix assisted detection of 
cytochrome c digest.  
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Finally, finite difference time domain (FDTD) method simulations were carried 

out to study extinction spectra and the electromagnetic (EM) contributions to the cross-

platform optical and mass sensing. According to our experimental result, the LSPR 

extinction spectra showed two characteristics – a higher peak wavelength at 572 nm and a 

relatively broadened peak width in comparison to the well-defined 13 nm AuNP 

absorption peak at 519 nm. It is generally known that both two characteristics can be 

attributed to the aggregation of AuNPs upon thermal annealing, during which a red-shift 

and a slight shoulder peak is generated19. Based on the SEM characterization, we have 

observed a slight aggregation to dimer and trimer morphology. To simplify the study of 

EM contributions, we selected the dimer morphology as the major component of the 

calcinated AuNP film. Reported literatures have calculated that the EM properties depend 

strongly on the distance between the nanoparticle dimer spacing, and the dimer spacing 

below 1 nm lead to a strong red-shift of the maxima40. In addition, the EM characteristics 

also depend closely on the orientation of the nanoparticle dimers44,45,46,4741-44. We 

have also found that the orientation of the nanoparticles in relation to the direction of the 

p-polarized light provides different extinction spectra. Figure 5.10 shows the nanoparticle 

dimers that are 0, 30, 45, 60, 90 degrees oriented in relation to a p-polarized plane wave. 

The combination of all the LSPR peak characteristics in different orientations contributes 

to the final broadened and red-shifted extinction spectrum that is similar to the 

experimental result. We have also simulate the EM field distribution generated by the 

coupling of the AuNP dimers in Figure 5.10, visualizing the EM field enhancement 

contribution for the LSPR, SERS, MS cross-platform sensing. Although the extinction  
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Figure 5.10. FDTD simulation for the study of EM field enhancement. (a) 
absorption spectra based on single AuNP dimer with 0, 30, 45, 60, and 90 degree 
angle against p-polarized light, showing the contribution of dimer orientation to 
the LSPR spectra. (b) simulation of LSPR spectrum with random orientation of 
AuNP dimer as demonstrated by (c) and (d) in comparison to experimental result. 
(e) the simulation EM field generated on surrounding of the calcinated AuNP 
film.  
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spectrum does not perfectly match the experimental result, it should be noted that the 

calcinated AuNP film consists a highly randomized orientations of AuNP dimers and 

occasionally with the presence of other morphology, and our AuNP simulation has 

successfully represent the bulk part of the calcinated AuNP film. 

 

Conclusion: 

The single layer calcinated AuNP film with a dense packing morphology via LbL 

method has shown promising result for a cross-platform LSPR, SERS, SALDI-MS 

sensing and detection of various biological and chemical materials. LbL method was used 

to create a stable and robust AuNP film that is protected by a thin silica layer. The film 

has a characteristic roughness and nanoscale thickness which each contributes to the 

cross-platform versatility. With FDTD simulation studies, the contribution of the 

nanoscale morphology and EM coupling of adjacent NP with different orientations has 

been essential to understand the LSPR phenomenon. LSPR sensing of layer formation on 

calcinated AuNPs allowed for real-time observations of lipid bilayer immobilization on 

the AuNP film. Enhanced Raman spectra for R6G were obtained, which enables 

structural analyses to be performed directly on calcinated AuNP film. Successful 

ionization of peptides, small proteins, and protein digest of cytochrome c without the use 

of an organic matrix shows the capability of mass identification of biomaterials.  
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Chapter 6: Label-free Biosensor Based on Thin-film Transmission Interferometry 

with Porous Anodic Alumina Nanofilm 

 

Introduction  

In a living organism, regulation of biological processes is conducted through a 

sequence of biomolecular interactions and the corresponding conformational changes of 

biomolecules. For example, transcription regulation is controlled by the interactions 

between transcription factors and their target genes1. Diverse post-translational 

interactions play important roles in cell surface molecular recognition, signal transduction 

and formation of protein complexes2. Cellular metabolism is regulated through enzyme 

catalyzed reactions of small-molecule substrates3. Therefore, identification and 

characterization of biomolecular interactions are essential for in-depth understanding of 

biomolecules in terms of their functions and roles in a biological event or diseases.  

 Despite the existence of various methods and probes, comprehensive profiling of 

biomolecular interactions still remains a challenging task4. The majority of techniques 

currently employed to report a biomolecular interaction are assisted by labeling with 

fluorescence, luminescence and radioisotope tags. The additional step of labeling is 

usually laborious, time-consuming and high cost. Furthermore, the improper labeling can 

result in detrimental effects on the affinity of an interaction, leading to artificial 

interferences to the identification of interaction events and the corresponding quantitative 

analysis.5 In contrast, label-free techniques measure an inherent property of query 

biomolecules, such as mass and dielectric property et al, thereby avoiding structure 
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alteration and artificial activities arising from tagging molecules6. Moreover, label-free 

methods enable to determine reaction kinetics of biomolecular interactions in a real-time 

fashion, which is favorable to the high throughput screening of biomolecular interactions 

for a complex biological system7, 8.  

Optical biosensing represents one of the most popular label-free approaches for 

the study of biomolecular interactions6, 9. These optical biosensors are based on optical 

phenomena such as surface plasmon resonance (SPR), scattering and interferometry et al. 

SPR refers to the resonance of electrons existing at the interface of two media with 

permittivities of opposite signs (i.e. a metal and a dielectric) and stems from the 

interaction of light with the free electrons under the conditions of total internal reflection. 

Thus, SPR is highly sensitive to the change of local refractive index at the metal-

dielectric boundary, which provides remarkable sensitivity to the binding moiety on the 

metal surface10, 11. In the past decades, SPR-based biosensing has become one of the most 

advanced label-free detection technologies due to its high sensitivity and the ability of 

real-time measurement. The development of SPR imaging technique also enables the 

high-throughput biosensing11. However, to date, the existing SPR biosensing approaches 

are still suffering from some inherent limitations. The poor performance in resolving low 

molecular weight compounds restricts the application of SPR biosensing from the drug 

screening and discovery12. The miniaturization of SPR instruments is another challenge. 

In addition, the low penetration depth highly hampers the binding capacity and limited 

the sensitivity of detection10. Interferometry is another label-free technique and has been 

widely-used as a useful tool in biological fields to monitor and quantify biomolecular 
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interactions9. The interferometry-based biosensing offers remarkable advantages over 

traditional methods, including outstanding sensitivity, high resolution in detection of 

small molecule, good compatibility to miniaturization and the potential for high-

throughput analysis. In recent years, ultrasensitive interferometric sensors have been 

developed following the principles of the Fabry-Pèrot interference within porous 

substrates9. The interference pattern relies on the effective optical density of the porous 

film, which is defined as a product of refractive index (n) and physical thickness (L) of 

the thin film. Changes in these properties due to analyte binding produce a shift in the 

interference pattern measured in the optimal spectrum. In comparison with a planar 

surface, porous structure usually generates greatly larger specific surface area, which can 

highly enhance ligand immobilization and analyte capture through the pore surface. Thus, 

high analyte capacity and high sensitivity in optical detection can be expected. Moreover, 

this technique can overcome the limitation of penetration depth, which is a typical 

shortcoming present in other surface-based sensing methods, because all contents within 

the film are employed for the measurement13, 14.   

To date, various porous substrates, such as porous silicon13-15, SiO2
16, porous 

anodic alumina (PAA)17, 18 and TiO2 nanotubes19, have been successfully applied for 

interferometric biosensing. Among them, PAA-based substrate has attracted much 

attention and been considered as an ideal platform for biosensor development due to its 

unique optical and electrochemical properties20, 21. In contrast to silicon, alumina exhibits 

good chemical resistance at physiological pH conditions, and no additional passivation 

step is required. The pore geometry of PAA film, including porosity, thickness, and pore 
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diameter, can be precisely and easily controlled by adjustment of electrochemical etching 

conditions and the subsequent pore widening process22. Compared with other substrates, 

the fabrication of PAA film is more cost-effective and environment-friendly. The highly 

ordered pore structure is another distinctive feature, which can greatly enhance the 

optical detection. Generally, PAA-based sensing is performed with reflective 

interferometry (RIf) by recording reflectance spectra resulting from the Fabry-Pèrot 

interference of lights reflected off the top and bottom of the pores.17, 18 The PAA films are 

usually several microns in thickness and fabricated directly from bulk aluminum 

substrates by electrochemical anodization. It was reported that the performance of RIf is 

highly dependent on the structure parameters of PAA, such as pore diameter, inter-pore 

distance, pore length, and the modification on the pore surface23, 24. However, the 

systematic study of pore geometry in relation to the oscillation pattern and the refractive 

index sensitivity has been lacking as yet.  

In present work, nanoscale PAA films have been prepared on glass substrates for 

Fabry-Pèrot interference-based biosensing. The biosensing measurement was carried out 

with thin-film transmission interferometry (TTi). Because the absorption of alumina can 

be disregarded in the range from near-UV (< 300 nm) to IR (5 μm), the TTi shows 

complementary Fabry-Pèrot patterns in the spectra in comparison to the RIf analysis25. 

While most transmission based optical techniques only detect the changes in the intensity, 

TTi can access the complex optical properties of the porous substrate, enabling high 

sensitive detection. Unfortunately, the application of TTi to date has been only limited in 

the characterization of thin films26-28, it encourages us to explore the potential of TTi for 
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biosensing analysis. In order to understand the fundamental effect of pore geometry of 

PAA nanofilm on the oscillation pattern and the refractive index sensitivity in TTi 

measurement, simulation study was carried out by using finite difference time domain 

(FDTD) method as well. The performance of TTi biosensing in relation to the structure 

parameters, such as pore diameter and film thickness, has been systematically explored. 

The TTi biosensing was experimentally evaluated with the change of bulk medium, and 

then, applied to the analysis of protein adsorption and bioaffinity interactions.      

 

Experimental 

Materials  

3-Aminopropyltrimethoxysilane (APS) and glutaraldehyde, ethanolamine, sodium 

cyanoborohydride, ethylene glycol, avidin from egg white, bovine serum albumin (BSA) 

and biotin-labeled BSA were purchased from Sigma Aldrich (St. Louis, MO). Butanol 

and glycerol were from Thermo-Fisher Scientific (Pittsburgh, PA). Water was purified by 

a Milli-Q system. All other reagents were analytical grade and used without further 

purification. 

 

Model and Simulation 

White light transmission through the PAA nanofilm generates a thin film 

interference spectral pattern (Figure 6.1), which arises from the constructive and 

destructive interference between the transmitted and the reflected waves on the two 

interfacial surfaces (up and down) of PAA membrane. Thin-film interference model can  
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Figure 6.1. Schematic diagram of biosensor based on thin-film transmission 
interferometry with PAA nanofilm. 
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be used to describe this Fabry-Pèrot interference phenomenon within PAA nanofilm. As 

the pore size is much smaller than the excitation wavelength, the PAA membrane can be 

approximated as an optically isotropic medium without considering its porous 

nanostructure but an effective refractive index (neff). When the light wave is at normal 

incident and the absorption of PAA film is negligible, the wavelength of the oscillation 

maxima and minima in the transmission spectrum are governed by equations (1) and (2), 

respectively: 

...3,2,1,2 == mmLn peff λ  (1) 

...3,2,1,)5.0(2 =−= mmLn veff λ  (2) 

where L is the geometric thickness of PAA membrane, neff is the effective refractive 

index of PAA nanofilm and its contents, m is an integer and represents the order of 

spectral fringe, λp is the wavelength of mth oscillation maximum (peak) and λv is the 

wavelength of mth oscillation minimum (valley or dip). According to equations (1) and 

(2), the interference pattern changes as a result of the modification in refractive index or 

the thickness of porous film.  

To understand the fundamental effect of the thin film interference in relation to 

experimental result, 3D finite difference time domain (FDTD) simulation method was 

employed to acquire insight into the systematic trend of various geometries of PAA 

substrate with commercial available software (EM Explorer)29. FDTD method serves to 

discretize Maxwell's equations using rectangular 3D cells of finite volume known as Yee 
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cell. Since it is a time-domain method, FDTD solutions can cover a wide frequency range 

with a single simulation run, and treat nonlinear material properties in a natural way. 

PAA film typically displays arrays of vertically aligned and highly organized pore 

structures, which is featured with a uniform array of hexagonal cells, and each cell 

contains cylindrical pores (Figure 6.2 (a)). We designed a 3D cell for FDTD simulation 

shown in Figure 6.2 (b). The lattice constant (pore center-to-center) has been set as 100 

nm according to literature30. The resulting finite difference equations are solved explicitly 

using a time marching algorithm. We evaluated the transmittance and reflectance through 

individually controlling three separate variables of the PAA structure, namely film 

thickness, pore diameter, and bulk refractive index surrounding the pores. The film 

thickness was set from 200 to 1000 nm according to our experiment conditions. The pore 

diameters change from 20 to 80 nm with increment of 20 nm. To study the refractive 

index sensitivity, four surrounding environments with refractive index 1.0, 1.2, 1.3 and 

1.5 were taken into consideration for simulation. Transmittance and reflectance were 

calculated by sending wave from the top of the computational domain towards the bottom 

containing glass layer so it accounted for the entire portion of the PAA.(Figure 6.2 (c))  

 

Preparation of Nanoporous Aluminum Oxide 

Metal layers were fabricated by e-beam deposition onto pre-cleaned glass slides. 

Five nm Ti film was pre-deposited on glass as an adhesion layer to enhance stability of 

metal layers on the substrate. After that, 5 nm Au and 1 μm Al were deposited in order 

with deposition speed of 0.1 and 1 Å/s, respectively. The two-step anodizing of the Al  
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Figure 6.2. Simulation domain for the porous aluminum oxide with 600 nm thickness, 80 
nm pore diameter, and 100 nm lattice constant. The bulk BK7 glass is represented by 
1500 nm red rectangle. The gray area represents surrounding medium such as air or water. 
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film was carried out according to the literature with some modifications30. The substrate 

was fixed into a home-made cartridge slides. Five nm Ti film was pre-deposited on glass 

as an adhesion layer to enhance stability of metal layers on the substrate. After that, 5 nm 

Au and 1 μm Al were deposited in order with deposition speed of 0.1 and 1 Å/s, 

respectively. The two-step anodizing of the Al film was carried out according to the 

literature with some modifications30.The substrate was fixed into a home-made cartridge. 

The value of voltage kept on rising during anodization until it reached the preset 

maximum value. Then, the power source automatically switched to the constant potential 

mode and ran with a voltage of 25 V constantly. The etching speed was measured as 

~11.8 nm/min according to SEM results. The thickness of resulted PAA nanofilm was 

controlled by the etching time spent in the first step anodization. After the first step 

anodization, the resulted oxide layer was removed by using a mixture solution of 1% 

H3PO4 and 5% CrO3 acid at 55 ºC for 20 min. After washing and drying, the substrate 

was immersed again in oxalic acid solution for the second anodization. When the 

anodization was close to complete, the film color turned to light purple and transparent, 

indicating the formation of PAA film. To ensure a complete reaction, anodization was 

continued for about 5 min after the color change. Then, the thin barrier layer at the 

bottom of the pores was removed and the pores were widened by immersing the substrate 

in 5% H3PO4. 
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Characterization of Aluminum Oxide Film 

Scanning electron microscopy (SEM) images were obtained by using a Philips 

XL30 FEG SEM system. The SEM measurements were carried out with a beam power of 

20 kV. These images were subsequently analyzed by using ImageJ software package for 

image processing (http://rsbweb.nih.gov/). The transmission spectra were obtained by 

using Varian Cary 50 UV-Vis spectrophotometer with transmittance mode. All reported 

values represent an average from at least three trials unless otherwise noted. 

 

Surface Modification 

Immobilization of avidin was carried out by using silanization and chemical 

coupling31. In brief, the clean PPA substrates were first incubated into a 5% APS acetone 

solution for 1 h. After thorough washing with acetone, the dried PAA substrates were 

baked in an oven at 120 °C for 1 h, followed by the treatment with 10% aqueous solution 

of glutaraldehyde overnight. After washing and drying, the surface of PAA substrate was 

covered by 2 mg/mL avidin in pH 7.0 PBS and kept in a chamber with high humidity 

overnight at 4 °C. After washing, the reaction was quenched with 5% ethanolamine for 

30 min. Then, the covalent binding was stabilized by the reduction with 5 mM sodium 

cyanoborohydride.    

 

Sample Preparation Measurement  

The sensitivity in the bulk solution was measured by introducing solutions with 

different refractive indexes to the PAA surface through a flow cell, which was fabricated 

http://rsbweb.nih.gov/
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with a rubber square ring sandwiched between a piece of transparent glass and PAA 

substrate. The UV-Vis measurement was performed by placing PAA substrate into a 

home-made cartridge without removal of flow cell and its content. Light was incident 

from the top of PAA substrate at normal angle. For protein adsorption, α-casein and 

dephosphorylated α-casein solutions were prepared in 50 mM acetate buffer (pH 5.0). For 

the analysis of biomolecular interaction, BSA and biotin-labeled BSA were prepared in 

50 mM phosphate buffer (PBS, pH 7.0). Before measurement, acetate buffer or PBS was 

introduced to the surface of PAA film and allowed to equilibrate for several minutes in 

the flow cell. Then, protein solutions were incubated on the PAA surface for 20 min. 

After washing and drying, the PAA substrate was inserted into the cartridge for UV-Vis 

measurement. All experiments were repeated at least three times, and the obtained results 

were averaged and the experimental errors were estimated.  

  

Results and Discussion 

Preparation and Characterization of PAA Film 

The anodization of aluminum metal in acid electrolytes leads to formation of an 

anodic oxide aluminum film on the substrate. The oxide layer usually shows a uniform 

porous structure with vertically aligned and highly organized cylindrical pores with 

diameter ranging from tens to few hundred of nanometers. Due to the inhomogeneous 

anodization, preparation of a uniform nanometer-scale PAA film directly on non-

conductive substrates, such as glass or silicon, is relatively more difficult compared to the 

similar approaches with bulky aluminum metal. Incomplete conversion of aluminum to 
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alumina was often observed after the anodization current automatically dropped to zero, 

resulting in the formation of an inhomogeneous surface. In our experiment, we found a 

nanoscale inert conductive layer (i.e. 5 nm Au/ 5 nm Ti) between aluminum and the non-

conductive substrate is essential for the complete conversion (Figure 6.2 (a)). This 

conductive layer can help maintain electrical contact between the counter electrode and 

the unconverted. Thereby, the conversion process can remain long enough so that as 

much aluminum as possible can be converted to alumina.  

Low anodization rate is the key to the success fabrication of a uniform PAA 

nanofilm. In our experiment, we carried out the reaction at 4 ºC with a relatively mild 

etching condition by using 100 mM oxalic acid and 25 V of applied voltage. The low 

concentration of electrolyte and the low anodization voltage are beneficial to the 

homogeneous etching, leading to an etching rate of 11.7 nm/min. This low etching rate 

allowed us to fine tune the thickness of PAA nanofilm with two-step anodization (Figure 

6.3 (a)). In addition, the temperature is an essential factor that should be well controlled. 

Ice-bath was used to maintain the temperature of reaction solution (Figure 6.3 (b). 

However, ice-bath alone is not enough for homogeneous etching. We found the etching 

was promoted at the air-solution interface when the experiment set-up was placed in 

room temperature with ice bath, leading to an early break of anodization current before 

full conversion. A cold room ambiance (4 ºC) can remarkably improve the homogeneity 

of anodization by reducing the temperature gradient across the whole substrate surface. In 

addition, a protection layer of nail polishing was pre-coated at the interfacial area, which 

can prevent interfacial area from over-etching32.  



174 

 

 

Figure 6.3. Fabrication of TTi substrate with PAA nanofilm. (a) The schematic 
illustration of the experimental steps for the fabrication of TTi substrate with PAA 
nanofilm by using two-step anodization. (b) The experimental setup for PAA anodization. 
(c-g) SEM images of PAA nanofilm after each experimental step: (c) after first 
anodization; (d) after removal of oxide layer; (e) after second anodization; (f) after 35 
min pore widening; (g) over post-treatement (45 min). The first-step anodization lasted 
for 34 min, resulting in formation of ~600 nm PAA nanofilm after second-step 
anodization. 
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The SEM images of PAA substrate after each experiment step were shown in 

Figure 6.3 (c)-(g). It was found that the e-beam coating aluminum film exhibits an 

inhomogeneous surface consisting with amorphous particles with diameter ranging from 

tens to few hundred of nanometers. After first step anodization, it didn’t give rise to 

significant change on the surface morphology but small pores in several nanometers were 

found scattering along the surface (Figure 6.3 (c). After removal of the top oxide layer, 

the underlying porous surface was exposed, leading to substantial improvement in surface 

morphology and uniformity. The pores on the surface had an average diameter around 35 

nm according to the SEM image in Figure 6.3 (d). The second step anodization was 

carried out under the same etching condition. No significant change was observed on the 

surface in terms of morphology and roughness before and after anodization (Figure 6.3 

(e)). After pore widening in 5% phosphoric acid, a highly organized porous surface was 

obtained as shown in Figure 6.3 (f). The pore size increased to around 65 nm after 35 min 

etching at room temperature. Therefore, the rate of dissolution of oxide well was 

estimated to be approximately 0.4 nm/min. This etching rate is relatively slower than the 

reported value might due to the low reaction temperature33. Further extension of post-

treatment time may cause collision and dissolution of PAA nanofilm (Figure 6.3 (g)). 

Therefore, the optimal post-treatment time is lower than 45 min under our experimental 

condition. The thickness of PAA nanofilm can be precisely controlled with the etching 

time in the first step of anodization. The variance between the experimental and expected 

values in thickness is less than 6%, and the deviation of thickness along the whole PAA 

nanofilm is less than 4%.(Figure 6.4). Our result indicates the low anodization rate was  
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Figure 6.4. SEM images of PAA nanofilms with different thickness. Cross-sectional 
view: (a) 200 nm; (b) 450 nm; (c) 600 nm. Inserts are top-view of each film. The scale 
bars in the inserts correspond to 200 nm. 
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beneficial to the good control of PAA nanofilm thickness. The pore widening is also 

producible with a deviation less than 5%. It enables to acquire the identical pore sizes 

from PAA films with different thickness.           

 

The Impact of Pore Geometry of PAA Film on Thin-film Interference.  

FDTD simulation method has been utilized to systematically study the TTi of 

PAA nanofilm. From equation (1) and (2), we can find the interference pattern is 

governed by the optical thickness (2neffL), the product of film thickness (L) and the 

effective refractive index (neff) of PAA film and its contents. On the other hand, the 

effective refractive index is correlating to the pore geometry and the local environments 

within the pores. Therefore, the characteristic interference pattern will take response to 

the localized change within PAA film by generating a shift in the optical spectrum. It 

allows us to use PAA nanofilm as a biosensor to determine local events within the pores, 

such as the binding of analytes to surface or the biomolecular interactions. To optimize 

the PAA platform, it is necessary to investigate the impact of structural parameters of 

PAA on the transmission interferometry response with particular focus on film thickness, 

pore diameter and inter-pore distance.  

Figure 6.5 shows the experimental and simulated transmission spectra for PAA 

nanofilms with different thickness. As shown in Figure 6.5 (a)-(c), the calculated curves 

using FDTD simulation fit reasonably well with the measured UV-Vis transmission 

spectra. When the thickness of PAA film increased from 600 nm to 950 nm, the number 

of oscillation increased from 3 to 5 in the wavelength range from 370 to 1000 nm,  
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Figure 6.5. Experimental and simulated transmission spectra for PAA nanofilm with 
different thickness. (a) 600 nm; (b) 800 nm; (c) 950 nm; (d) the simulated transmission 
spectra with PAA nanofilm with different thickness (simulated curves was shifted 
upward to tile all curves within one spectrum). Preset lattice constant: 100 nm; pore 
diameter: 60 nm. Air environment was used for experiment and simulation.  
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corresponding to the increase in the order of spectral fringe (m). This result agrees well 

with the factor that the thickness of PAA film is proportional to the optical thickness 

according to equation (1) and (2). Figure 6.5 (d) also shows the simulated transmittance 

spectra from PAA films with thickness varying from 600 nm to 1000 nm with 100 nm 

increments. It can be found that the number of oscillation has increased from 

approximately 3 to 6. The trend is consistent with our experiment result and the reported 

literature23, 34. The increase in the number of fringes can be explained by the enhancement 

of reflection within the pores due to the increase of film thickness.23, 35 However, no 

significant change in amplitude of oscillation was observed in all spectrum curves with 

the increase of the film thickness. Since the amplitude of oscillation relates to the light 

intensity of transmission and reflection, it may suggest the effect of thickness on light 

intensity is not very remarkable due to the low absorption of PAA nanofilm in UV-Vis 

range. 

The effect of pore diameter also was investigated by FDTD simulation. Lattice 

constant and AAO film thickness were set unchanged as 100 nm and 800 nm, 

respectively, the pore diameters were varied from 20 nm to 80 nm with an increment of 

20 nm. The dot curves in Figure 6.6 showed the simulation result. It demonstrated that 

the amplitude of oscillation decreases with the increase of pore diameters following an 

approximately linear relationship. About 64% reduction in the amplitude was observed 

after the pore size increased from 20nm to 80 nm. This result can be explained by the 

factor that the increase of pore diameter give rise to the decrease of alumina density in the 

film, which allows more light transmitting through the film35. As a consequence, the  
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Figure 6.6. The transmission spectra for PAA nanofilm with different pore diameters. 
Experimental curves shown with solid lines and simulated curves shown with dot lines. 
Curves were shifted upward to tile all curves within one spectrum. Air environment was 
used for experiment and simulation. The thickness of PAA film is 800 nm. 
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increase of transmittance leads to shrinkage of oscillation amplitude in the spectrum. On 

the other hand, the content of alumina is positively correlated with the neff of the film, 

therefore the reduction of alumina in the film results in the decrease of optical thickness. 

As a result, it shows the oscillation frequency increases with the decrease of pore 

diameter.23, 35 The simulation result showed that the number of oscillation peaks 

decreases from 5 to 4 as the pore diameter increases from 20 nm to 80 nm. In our 

experiment, PAA films with different pore widening time were utilized as models to 

investigate the effect of pore diameter on the optical property of the film. With increasing 

the time of post-treatment, the pore diameter increases accordingly. The experimental 

curves were illustrated in Figure 6.6 with solid lines for comparison. The post-treatment 

time was set as 7, 15, 25 and 40 min, respectively, and corresponded to the calculated 

pore diameters of 41, 47, 55 and 67 nm, respectively. The trend for the change of 

oscillation amplitude and frequency well fits the simulated result, in which both the 

oscillation amplitude and oscillation frequency of the interference pattern decrease with 

the increase of pore diameter. 

We also noticed that the simulated curves showed relatively higher oscillation 

frequency and slight blue-shifts compared to the measured spectra, especially in the long 

wavelength range. This inconsistence mainly arises from the relatively higher value of 

lattice constant we used for the simulation. In our calculation, the preset value of lattice 

constant (pore center-to-center distance) was 100 nm, while the real distance was 

measured as about 80 nm from top-view SEM images. The higher value of lattice 

constant represents a higher content of aluminum oxide in a designed area of the film, 
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where the pore sizes were set consistently. Since the neff of PAA film is positively 

correlated with aluminum oxide composition in the film, the calculated neff is relatively 

larger than that from real PAA film, resulting in a relatively larger optical thickness. 

Therefore, a higher frequency of oscillation can be predicted from equation (1) and (2). In 

addition, another possible reason for the inconsistent might be attributed to the effects of 

surface roughness on the reflectivity of PAA film17.  

 

The Study of Sensitivity for TTi Sensing with PAA Nanofilm. 

Although many reported literatures have studied the correlation between film pore 

geometry and interference oscillation, the study of pore geometry in relation to refractive 

index sensitivity has been lacking17, 23, 34. It is important to utilize a successful simulation 

model to investigate the optical thickness of PAA film that provides the most sensitivity 

enhancement for the experimental fabrication and optimization processes. The impact of 

PAA thickness on refractive index sensitivity was studied with FDTD simulation. Figure 

6.7 (a), (c) and (e) showed the simulated transmittance spectra corresponding to refractive 

index change from 1.0 to 1.5 based on PAA thickness of 200 nm, 400 nm, and 800 nm, 

respectively. With increasing the environmental refractive index, the transmittance 

spectra showed substantial red-shifts of wavelength up to 300 nm per RIU (nm/RIU) 

among the three PAA films. However, the amplitude of spectrum curve tends to decrease 

with the increase of refractive index. It was found that the amplitude decreased about 

90% in value as the refractive index increases from 1.0 to 1.5. This phenomenon is 

attributed to the low refractive index contrast at the first interface (top) of  
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Figure 6.7. Simulated transmittance spectra of PAA films with different thickness 
responding to the refractive index change. The film thickness: (a-b) 200 nm; (c-d) 400 
nm; (e-f) 800 nm. Pore diameter: 80 nm. Refractive index is changing from 1.0 to 1.5. P 
and V are assigned to oscillation peaks and valleys, respectively. (Note: in Figure 6.8 (f), 
the fitting curves for P1 (black) and for V1 (red) are overlapping 
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PAA film24, 35, 36. To solve this problem, it has been proposed to use a thin layer of metal 

coating on the top of the structure, which can increase the index contrast and 

consequently enhance the interference pattern.24, 35, 36   

The wavelength shifts of oscillation peaks and valleys corresponding to refractive 

index change were shown in Figure 6.7 (b), (d) and (f) for PAA films with thickness of 

200, 400 and 800 nm, respectively. The linear relationship between wavelength shift and 

refractive index change was demonstrated. Here, we referred the refractive index 

sensitivity to the wavelength shift corresponding to the refractive index change. 

Therefore, the refractive index sensitivity can be obtained from the slope of the linear 

curve. We didn’t observe significant correlation between PAA thickness and refractive 

index sensitivity, but the simulation result showed that the refractive index sensitivity 

could be enhanced by choosing an oscillation at relatively higher wavelength. To make a 

clear demonstration, the oscillation peak and valley in a spectrum were marked as P and 

V, respectively. A numeral suffix was added behind the abbreviation to indicate the order 

of peak and valley appeared in spectrum from low to high wavelength range. Peaks and 

valleys were counted separately. Figure 6.7 (a) shows the calculated transmittance spectra 

corresponding to refractive index change from 1.0 to 1.5 for 200 nm PPA film. Only one 

oscillation valley (V1) and one oscillation peak (P1) were found the spectra at 

wavelength around 400 and 550 nm, respectively. The wavelength shift of P1 in response 

to the refractive index change is almost twice higher in comparison with that of V1, 

leading to a sensitivity of 220 nm/RIU, which represents the maximum sensitivity for 200 

nm film. This higher sensitivity of P1 may arise from the corresponding the higher 
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wavelength of P1 compared to V1. The similar trend was also observed in the 

transmittance spectra with other thicker PAA films. As shown in Figure 6.7 (d) and (f), 

the refractive index sensitivity shows positive correlation with the corresponding 

wavelength of the oscillation peaks and valleys, but no obvious linear relationship was 

observed. The maximum sensitivities are calculated as 300 and 281 nm/RIU for 400 and 

800 nm films, respectively, corresponding to V2 and P4 in the associated spectra. We 

also noticed that the line-widths (or peak-widths, the width at half the height of the 

oscillation peak) of oscillation peaks or valleys were broadening with the increase of 

wavelength, which may hamper the resolution of oscillation. For example, the line-width 

of V2 in Figure 6.7 (c) is nearly three-folder larger than that of V1. It can be expected 

that the localization of oscillation maxima and minima will become more difficult at the 

longer wavelength range due to the line-width broadening. It may suggest the optical 

sensitivity is enhanced in the longer wavelength detection but with the loss of peak 

resolution as trade-off, showing good agreement to the reported literature.17 In addition, it 

was found in Figure 6.7 (f) that the line-width is linearly proportional to the 

corresponding wavelength of oscillation. This linear relationship is governed by the 

Fabry-Pérot interference and can be explained by equation (1) and (2). Our result 

indicated the refractive index sensitivity mainly depended on the wavelength of 

oscillation, regardless the film thickness. However, the long wavelength detection 

inherited a broad oscillation line-width that would hinder sensing resolution and accuracy. 

On the other hand, according to the simulation result and the Fabry-Pérot effect on PAA 

film as discussed in previous equations, it is possible to generate a high resolution 
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oscillation peak in the long wavelength region by increasing the PPA thickness. For a 

thick PAA film tends to produce higher number of oscillation peaks, the line-width of the 

existing oscillation peaks can be compressed across the spectrum as a result, leading to 

the enhancement of oscillation resolution. 

Pore diameter of PAA film also can impact the refractive index sensitivity 

according to the investigation of FDTD simulation. Figure 6.8 shows the complete 

summary of oscillation wavelength change corresponding to refractive index change from 

1.0 to 1.5 based on 800 nm PAA film with pore diameters varying from 20 nm to 80 nm. 

It clearly demonstrated that the amplitude of transmittance curves and the frequency of 

oscillation were decreasing with the increase of pore diameter, which is consistent with 

our result discussed above. In addition, the transmittance spectrum with larger pore film 

showed relatively higher red shift with the increase of refractive index, which indicated 

that larger pore diameters could offer higher refractive index sensitivity. Among the 

different oscillation peaks across transmittance spectrum, a better sensitivity still occurs 

at higher wavelength region as previously discussed.  

Figure 6.9 shows the maximum refractive index sensitivities for individual PAA 

film with different pore diameter. Among all these films, PAA film with 80 nm diameter 

pores gave the highest refractive index sensitivity, leading to a maximum refractive index 

sensitivity of 287 nm/RIU. In contrast, the 20 nm pore film only generated a maximum 

refractive index sensitivity of 30 nm/RIU, which is only about 10% of that of 80 nm pore 

film. Our result agrees well with reported literatures which stated that the increase in 

diameter of holes of the silicon oxide layer increases spectral shift resulting in an  
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Figure 6.8. Simulated transmittance spectra of PAA films with different pore diameter 
responding to the refractive index change. The pore diameters: (a) 20 nm; (b) 40 nm; (c) 
60 nm; (d) 80 nm. The film thickness: 800 nm. Refractive index is changing from 1.0 to 
1.5. P and V are assigned to oscillation peaks and valleys, respectively 
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Figure 6.9. Maximum refractive index sensitivity of PAA films with different pore 
diameters. P and V are assigned to oscillation peaks and valleys in Figure 7, respectively 
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improved sensitivity for the optical waveguide sensor37. It can be understood that larger 

pores allowed more surrounding medium penetrating into the pore structure, thus leading 

to higher change in the optical property of the film. As a result, the higher sensitivity can 

be obtained.   

FDTD simulation has provided a systematic study of the optical trend to assist the 

optimization of AAO film fabrication process for high sensitive biosensing. As a 

summary, the thickness of the AAO film does not contribute to sensitivity enhancement, 

yet by adjusting the thickness it is possible to locate an oscillation peak or valley at long 

wavelength region for better refractive index sensitivity. Furthermore, to obtain high 

refractive index sensitivity, the pore diameter needs to be wide in order to allow more 

refractive index material to be detected within the pores.  

We also carried out experiments to verify our simulation result. The experimental 

transmittance spectra responding to the change of refractive index were illustrated in 

Figure 6.11 for PAA films with a thickness of 1000 nm before and after post-treatment. 

Five surrounding environments with different refractive indexes were investigated: air (n 

= 1.00), water (n = 1.33), butanol (n = 1.40), ethylene glycol (n = 1.43) and glycerol (n = 

1.47). The pore sizes before and after treatment are about 20 and 70 nm in diameter, 

respectively. The spectra from untreated film displayed relatively higher oscillation 

frequency compared to those from treated film, resulting in the presence of 6 oscillations 

in the spectra, while treated film with higher pores only showed 5 oscillations in the 

corresponding spectra. Larger amplitude of oscillation was also observed in the spectra 

for untreated film, leading to about 50% increase in magnitude compared to those for the 
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treated film (Figure 6.10 (a) and (c)). It is due to the penetration of high refractive index 

media into the pores of PAA film, which increases its effective refractive index and 

consequently lowers the refractive index contrast of the overall structure. These results 

were consistent with the simulation prediction as shown in Figure 6.8.  The refractive 

index sensitivity is also positively correlated with the pore size. The small pore film 

showed much lower sensitivity compared to the treated film (Figure 6.10 (b) and (d)). For 

example, the maximum refractive index sensitivity for the treated film is about 200 

nm/RIU, which is nearly 5 times higher than that for the untreated film. In addition, it 

was found that the refractive index sensitivity was positively correlated with the 

wavelength of the corresponding in-air oscillation peaks or valleys. For instance, the 

magnitude of refractive index sensitivity showed such an order: V4 > V3 > V2 > V1 for 

untreated film; and P4 > P3 > P2 > P1 for film after treatment. It indicated high-

wavelength peaks or valleys may exhibit relatively higher sensitivity because ∆λ/λ is 

proportional to the refractive index change of the PAA film.17 It is consistent with the 

simulation result shown in Figure 6.9. Our experiment results showed good agreement 

with our simulation outcomes, which indicated the feasibility and reliability of FDTD 

simulation for the TTi biosensing with PAA nanofilms.  

However, the determination of wavelength for oscillation peaks or valleys was 

extraordinarily hampered by the appearance of unknown spectrum peaks and high 

background noise in the wavelength range higher than 600 nm, especially for in-solution 

analysis. For instance, the wavelength measurements for P5 in Figure 6.10 (a) and (c), 

and V4 in Figure 6.10 (c) were highly influenced by the unknown shoulder peak. As a  
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Figure 6.10. Experiment transmittance spectra of PAA films before and after post-
treatment responding to the refractive index change. The film thickness: 1000 nm. The 
time for post-treatment is 40 min. Bulk media: air (n = 1.00, black), water (n = 1.33, red), 
butanol (n = 1.40, blue), ethylene glycol (n = 1.43, dark cyan) and glycerol (n = 1.47, 
magenta). P and V are assigned to oscillation peaks and valleys in corresponding spectra, 
respectively. 
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Figure 6.11. Maximum refractive index sensitivity of PAA films before and after post-
treatment. The film thickness: 400, 600 and 1000 nm. The time for post-treatment is 40 
min. Bulk media: air (n = 1.00, black), water (n = 1.33, red), butanol (n = 1.40, blue), 
ethylene glycol (n = 1.43, dark cyan) and glycerol (n = 1.47, magenta). P and V are 
assigned to oscillation peaks and valleys in corresponding spectra in Figure 9,respectively. 
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result, we failed to obtain the accurate wavelength for these oscillation peaks and valleys. 

In addition, due to the inherent limitation of the UV-Vis spectrometer we used, excessive 

noise appeared in the NIR range (>750 nm). As a consequence, it was difficult to acquire 

an accurate readout for the wavelength of peaks or dips in NIR range. To solve this 

problem, FT-NIR instrument or specific fitting may be required. In our current 

experiment, we only focused on the wavelength range below 600 nm for in-solution 

measurement.   

Figure 6.11 showed the experimental summary of maximum refractive index 

sensitivity of different PAA films before and after post-treatment. The untreated films 

with small pores showed poor refractive index sensitivities, and the maximum sensitivity 

is less than 50 nm/RIU. In contrast, the treated films demonstrated large pores and were 

more sensitive to the refractive index change, generating around 200 nm/RIU in 

refractive index sensitivity. It suggested that the refractive index sensitivity is highly 

dependent on the pore size of the film. The large pore size was favorable to the high 

sensitivity. In contrast, the thickness of film seems to have less effect on the refractive 

index sensitivity. The maximum sensitivities for 400, 600 and 1000 nm films were 

calculated as 178, 213 and 200 nm/RIU respectively, and assigned to the in-air 

oscillations at wavelength of 583, 517 and 545 nm, respectively. The comparable values 

of maximum sensitivity are attributed to that the corresponding in-air oscillations are 

located in the adjacent wavelength range.  
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TTi Biosensing with PAA nanofilm 

The biosensing capability of PAA nanofilm substrate was first evaluated by the study 

of protein adsorption onto the bare PAA surface. Two proteins, α-casein and 

dephosphorylated α-casein, were used as model proteins for the analysis. To achieve a 

high adsorption amount, protein samples were dissolved into an acetate buffer with pH 

value of 5.0, which is close to the isoelectric point (pI) of α-casein.38, 39 It has been 

reported that PAA shows affinity toward phosphorylated species at acidic condition40-42, 

which may allow us to selectively enrich α-casein with PAA substrate and remove its 

dephosphorylated counterpart by using different washing condition. The corresponding 

protein adsorption and desorption were monitored by using PAA-based TTi biosensor 

with UV-Vis detection. Acidic washing condition has been commonly applied for the 

enrichment of phosphorylated peptides with metal oxide materials, such as TiO2
43, ZrO2

44 

and Al2O3
42. Unfortunately, we found the acidic washing condition was not very effective 

for protein desorption from PAA surface probably due to the strong electrostatic forces 

between the protein and the pore surface. According to the result from TTi biosensing, 

the rinsing buffer with a pH value of 3.0 is ineffective to release proteins from PAA 

surface. While further decreasing pH to 2.0 may lead to the desorption of both caseins 

after incubation, but the low pH caused the decomposition of PAA film as well, resulting 

in a blue shift of oscillation from its original pattern obtained before protein adsorption. 

Slight alkaline condition (~pH 8.5) is suitable for protein desorption, because the pore 

surface and protein are both negatively charged and electrostatically repulsive to each 

other under this condition. Although the alkaline washing still resulted in co-elution of α-
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casein and its dephosphorylated counterpart, the incubation with slight alkaline solution 

enabled the regeneration of PAA surface after protein adsorption. In addition, the 

nanoscale PAA film shows a relatively higher aspect ratio (i.e. pore diameter to pore 

length) compared to other porous substrates with thickness in microns, which enables fast 

diffusion and efficient mass transfer within pore structure39, 45. In our experiment, the 

equilibrium of protein adsorption can be obtained within 15 min, which is much shorter 

than other approaches where several hours have been taken18, 36. Our result indicated 

nanoscale porous film is more effective for biosensing of large biomolecules, such as 

proteins and DNAs.         

In our experiment, protein solutions with different concentration (~0 to 1 mg/mL) 

were introduced into a flow cell fixed on PAA substrate, and their optical characteristics 

were subsequently evaluated by TTi biosensing. As shown in Figure 6.12 (a), the 

wavelength shift of oscillation was recorded depending on the concentration of protein. A 

broad detection range for the recognition of protein adsorption was achieved with TTi 

biosensing from 0.1 ng/mL up to 1 mg/mL, and the limit of detection was around 1.0 

ng/mL corresponding to17 pM, which is comparable or superior to the recently published 

results with other optical methods, including localized surface plasmon resonance (LSPR) 

46, nanoporous waveguide sensing 47 and interferometric biosensor16. Therefore, the 

PAA-based TTi has demonstrated its excellent sensing capability with high sensitivity. It 

was also found that dephosphorylated α-casein generated slightly higher wavelength shift 

in low concentration range (< 10 µg/mL), but produced lower shift at high concentration  
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Figure 6.12. PAA-based TTi biosensing for the determination of biomolecular 
interactions: (a) direct adsorption of proteins on PAA film; (b) biotin-avidin affinity 
interaction. The film thickness is about 600 nm and the time of post-treatment is 40 min 
(~70 nm diameter). The measurement was carried out in air 
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in comparison to α-casein. It might be attributed to the difference of pI values between 

two α-casein species. In comparison with α-casein, dephosphorylated α-casein has a 

higher pI value due to the loss of phosphate groups. Therefore, in comparison with 

electrical neutral α-casein, positively charged dephosphorylated α-casein exhibited 

stronger binding to the negatively charged PAA surface (pI ~4) at pH 5.0, leading to 

relatively higher amount of protein adsorption.45 However, when protein is at a high 

concentration, the electrostatic repulsion between charged adsorbing dephosphorylated α-

casein molecules became remarkable, resulting in reduced protein adsorption. In contrast, 

the uncharged α-casein molecules showed less repulsion to each other, which allowed 

more protein to bind on PAA surface.38    

Biotin-avidin interaction was used as a model to evaluate the PAA TTi biosensing 

of bioaffinity interactions. Avidin was first immobilized on the pore surface of PAA film 

via silanization of APS and glutaraldehyde coupling, followed by reduction with sodium 

cyanoborohydride. According to TTi biosensing, the maximum wavelength shift of 

oscillation in response to avidin immobilization was 28 nm with a 600 nm PAA film 

(Figure 6.13). This high value of wavelength shift indicated the avidin immobilization 

was very effective and in a high protein amount. BSA is a common model protein for 

biosensing. Its largest dimension is roughly 8 nm.15 Since the pore diameters of PAA film 

(>65 nm) is much larger than the hydrodynamic radius of protein, the diffusion limitation 

of protein can be ignored48. For TTi biosensing, biotin-labeled BSA was used as target 

biomolecule. Control experiments with unmodified BSA were performed to verify the  
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Figure 6.13. The TTi biosensing of the immobilization of avidin on PAA with 
glutaraldehyde coupling. The thickness of film is 600 nm. The pore diameter is around 70 
nm. The measurement was carried out in air 
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hypothesis that the oscillation shifts observed correspond to specific interaction tween 

biotin-tags and immobilized avidins. As shown in Figure 6.12 (b), exposure of PAA 

substrate to a great quantity (by mass) of unmodified BSA only leaded to a significantly 

small shift (< 1 nm) in oscillation peak, even when it was present at 100 times 

concentration of biotin-BSA. This result may suggest that the pore surface of PAA film 

can be sufficiently covered by avidin via covalent binding, which can inhibit nonspecific 

binding of other proteins (i.e. BSA). In contrast, biotin-labeled BSA generated 

remarkable larger wavelength shift compared to the unmodified BSA, which confirmed 

the oscillation shifts resulted specifically from the biotin-avidin interaction. The high 

sensitivity of TTi biosensing allowed recognition of biomolecular interations with 

concentration as low as 1 ng/mL. Our results evidently demonstrated the great potential 

of TTi biosensing in the recognition of biomolecular interactions.   

 

Conclusion: 

In summary, we have developed TTi biosensor with porous PAA nanofilm for 

label-free recognition of biomolecular interactions. The geometry of pore structure can be 

well controlled with high precision and high reproducibility by varying electrochemical 

etching condition and subsequent chemical post-treatment. 3D FDTD simulation method 

has been successfully applied to study the performance of TTi sensing in relation to the 

structure geometries of PAA nanofilm, which provided valuable insights into the 

optimization of TTi-substrate fabrication for the high sensitive biosensing. Our results 

demonstrated that the performance of TTi sensing is more relying on the pore size rather 
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than the thickness of PAA film. As a result, the large-pore substrate was more sensitive to 

the refractive index change in comparison to the one with small pores, leading to a better 

sensitivity. In contrast, the increase of film thickness can enhance the frequency and 

amplitude of oscillation in the Fabry-Pèrot spectrum, but doesn’t directly contribute to 

the enhancement of biosensing detection in sensitivity. In addition, the TTi sensitivity is 

positively related to the wavelength of oscillation, but this effect is compromised by the 

line-width broadening of oscillation with wavelength, resulting in the loss of peak 

resolution. The increase of thickness leads to the formation of a high frequency Fabry-

Pèrot fringe pattern, which may improve the resolution of oscillations in long-wavelength 

detection with high sensitivity. On the other hand, the nanoscale thin film provides 

efficient diffusion and mass transfer within pore structure due to its large aspect ratio, 

allowing a fast equilibrium for the adsorption of large biomolecules. Therefore, a 

reasonable balance has to be found between the sensitivity and the mass transfer for the 

TTi biosensing of large biomolecules. PAA-based optical sensor is still suffering from its 

inherent limitation that alumina shows low refractive index contrast to aqueous solution, 

leading to a low fidelity Fabry-Pèrot interference spectrum in real-time analysis, which 

significantly hampers the sensitivity of detection. To solve this problem, a thin-layer of 

plasmonic metal can be coated on the top of PAA substrate to enhance the corresponding 

reflections, which enables a significant enhancement in oscillation intensity and 

resolution24, 35, 36. The additional advantages of PAA-based TTi sensor include the easy 

and cost-effective fabrication, the controllable pore structure, and the versatile 

functionalization via chemical modification. All these features make industry-scale 
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fabrication and portable usage available. Therefore, the PAA-based TTi senor would be 

an ideal biosensing platform with high sensitivity and fast speed for the high throughput 

screening of biomolecular interactions.                     
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Chapter 7 Conclusions and Future Works 

 

Biosensors are finding increasing impact in biotechnology, biomedical, and 

pharmaceutical applications that identify and diagnose potential targets for health-related 

purposes. SPR and SPR imaging in the recent years are becoming the biosensing 

technique of choice to study for molecular interactions that are essential to understand the 

disease formation and preventative compound discovery. Although SPR optical sensing 

has become mature through the contribution of numerous scientific research, by itself it 

still falls short when comes to the need of molecular identification and structural 

fingerprinting. The current demand in developing a versatile biosensor is to incorporate 

multi-dimensional sensing platform that allows for a complete understanding of target of 

interest. The combination of SPR and mass spectrometry has emerged with appreciable 

potential for they offer valuable quantitative and qualitative data analysis that 

complementary to each other. As with any emerging technology, there is room for 

improvements through novel developments and incorporation of the state-of-the-art 

engineerings. The strategies we have developed for multi-platform biosensing 

breakthrough is to advance the progress on plasmonic nanotechnology via the 

engineering of gold nanostructures with simple fabricating method to achieve efficiency 

and effectiveness in biosensing. With the core structure of plasmonic material fabricated 

on glass substrate, it has also demonstrated the hyphenation of other sophisticated 

biosensing platform in addition to SPR and MS such as LSPR and SERS can be easily 
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achieved, providing powerful and competitive surfaces that are suitable for a multiple 

biosensing platform. 

In chapters two and five, we have demonstrated that the new designs of 

nanostructures calcinated on glass using gold nanoparticle as the core plasmonic substrate 

yields the first multiplex dimensional platform for sensor development. Calcinated 

silicate AuNP arrays based on layer-by-layer method and hydrophobic patterning provide 

a sensitive and high-throughput SALDI-MS identification without the need for laborious 

sample preparation. Though AuNPs as surface assisted LDI mass detection has been 

reported a number of times, we provided the first reported gold nanoparticle array that 

remains stable under different experimental conditions. The glassification procedure is 

inexpensive and can further simplify the complexities of bioconjugation and reduce 

nonspecific interaction that arises from pure gold. Calcinated AuNP array also provides 

porous and surface roughness that benefit the enhancement of LDI for mass detection and 

yields more reproducible results as compared to the mass detection assisted by traditional 

matrix. Using the nanoscale self-assembly fabrication concept, we have developed the 

calcinated AuNP film that allows for a multi-dimension, cross-platform LSPR, SERS, 

and SALDI-MS biosensing. To our knowledge it is the first reported surface that is 

capable of the multiplex platform biosensing due to the successful realization of single 

layer fixation of AuNPs. Future work will focus on the utilization of biocompatible 

immobilization approaches with a wide variety of attachment chemistries, including 

silylation chemistry1, to create different surface coatings such as hydrophobic surface 

modification by octadecyltrichlorosilane. These functional coatings enable on-plate 
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desalting and enrichment of peptides and proteins in complex media to selectively 

capture desired analyte containing hydrophobic moieties without background interference 

from contaminations, and will be immediately followed by “on-chip” analysis through 

SPR, LSPR, SERS and SALDI-MS. We believe that this novel technology will continue 

to evolve and will provide more opportunities to meet the increasing demand in the 

advances of proteomics research via high-throughput analysis of biomolecular interaction, 

structural fingerprinting and mass identification.  

In chapter three we have explored the capability of FDTD simulation to 

understand the EM field enhancement of nanostructures in almost any geometry. The 

FDTD simulation in this project is primarily used to comprehend the EM field generation 

of chemically fabricated nano-architecture such as gold nanoparticle thinfilms and silver 

clusters. With the simulation studies, we have an excellent chance to understand the 

theory behind the EM field generation and are able to predict the exact location where the 

strongest EM field would occur. This provides us the opportunity to fine-tune the 

engineering process in the nanoscale to produce the best plasmonic enhancement output 

for our sensing substrates. One of the simulations demonstrated in chapter three is the 

clustering of Ag nanostructure, within which were the nanogaps that allow for the trap of 

fluorophores in the nanostructures that emit brighter light upon excitation. The FDTD 

simulations have played the critical role to map the location of EM field generation 

within the nanogaps and have provided the guidance to elongate the incubation time of 

dye-modified Ag nanoparticles with fluorescent enhanced solution that is necessary for 

creating a larger number of nanogaps until the maximum fluorescent enhancement 
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efficiency can be achieved2. In addition, it offers theoretical basis to engineer well-

controlled, ordered nanoarray consisting of subwavelength size components to provide 

optical feature such as wave-guided properties that most chemical fabrication cannot 

provide3. With the design of optimal ordered nanostructures and followed by the 

cleanroom engineering technique such as e-beam lithography, the FDTD simulation 

method has established itself as a useful tool to guide the future project toward the best 

architecture that provide the most EM field enhancement for optical biosensing4, 5. It is 

clear that FDTD simulations are becoming an indispensable technique for the future 

development of successful biosensors.  

Chapter four involves the first fluoroalkylsilane modification of the calcinated 

silicate gold nanofilm for SALDI-MS and SPR/SPRi detection of carbohydrate and 

lectins. This novel development of fluoroalkyl SPR chip allows for successful 

immobilization of carbohydrate probes tagged with fluoroalkyl chain that can further 

capture and monitor the carbohydrate-lectin interactions. This straightforward fabrication 

method is also capable of “on-chip” SALDI-MS identification of the immobilized 

carbohydrates, paving the way for the development of highly complex carbohydrate 

arrays and can eventually prepare this SPR-MS substrate to be the leading sensor for 

glycomic research.  As a new method for SPR-MS detection, future work will include 

carbohydrate attachment with various length of fluoroalkyl chain to study the stability 

and kinetics of lectin capturing. In addition, carbohydrates tagged with fluoroalkyl chain 

can be used to study enzymatic activities by monitoring mass difference6, extending the 

applicability of this SPR-MS sensing substrate into other fields of interest. Lastly, chapter 
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six explores the possibility of non-plasmonic interferometry sensing by highly-ordered 

nanoporous alumina array for sensitive wavelength oscillation detection. The unique 

bioconjugation chemistry and the excellent performance of the porous aluminum oxide 

offer a brand new biosensing platform for a straight-forward and selective adsorption of 

phosphorylated proteins. Research has also shown that with the coating of a platinum or 

gold thin film, the double-layer substrate will allows for SALDI-MS detection of 

biomolecules7. In addition, porous alumina can serve as a template for the development 

of new substrates in plasmonic optical sensing3. Therefore, with the combination of 

fabrication methods such as e-beam deposition, electroplating, and colloidal seeding, 

research with porous aluminum oxide films can extend its applications to many different 

sensing possibilities. 

While there are a number of research directions for the development of useful 

biosensors, we believe that multi-dimension cross-platform analysis is a very important 

direction that could shape the future of biosensor development. With the acceleration of 

current research involving nanoengineering of plasmonic materials and under the 

guidance from FDTD simulation, the prospect of biosensor development is very bright. 

The realization of powerful detections, including SPR, LSPR, SERS, and SALDI-MS, on 

the same surface, provides an unprecedented opportunity to study complex analytical 

systems. As technologies advances, miniaturization and commercialization will take 

place and offer convenience to the community. The research on “one-chip-do-it-all” 

substrate promoted by our group will grow accordingly in the foreseeable future.    
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