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Abstract 
 
More than just on and off: exploring enhancer function and regulation during 

early embryonic development. 
 

by 
 

Jenna Elizabeth Haines 
 

Doctor of Philosophy in Molecular and Cell Biology 
 

University of California, Berkeley 
 

Professor Michael B. Eisen, Chair 
 
Enhancers are cis-regulatory elements that regulate when and where genes are expressed. 
These functions are mediated by transcription factors that bind to sites within the enhancer 
sequence. It is still an open question how transcription factors find their binding sites in an 
expanse of genomic DNA or how they facilitate enhancer activity. My doctoral work aims 
to address these questions in part, through the lens of Drosophila melanogaster 
embryogenesis. In the early Drosophila embryo, enhancers regulate gene expression in 
refined spatial patterns, setting a foundation for the adult body plan. In chapter 1, I discuss 
enhancer based regulation of gene expression - what is currently known about how 
enhancers function and how they themselves are regulated in the context of embryonic 
development. 
 
In the nucleus, genomic DNA forms higher-order chromatin structures. However, 
enhancers and promoters that are transcriptionally active are often highly accessible. In 
chapter 2, I seek to understand how chromatin accessibility is established around active 
enhancers and promoters by asking if chromatin accessibility is spatially patterned across 
the embryo in a way that correlates with transcriptional activity. I used genome-wide 
methods to assay chromatin accessibility in anterior and posterior halves of Drosophila 
embryos. I found that genome-wide, chromatin accessibility is remarkably similar in the 
anterior and posterior half but that enhancers show greater accessibility in the half of their 
activity. These data are consistent with a model where a uniform chromatin landscape is 
established first and is later refined by spatially-patterned transcriptional activity. 
 
Zelda is a transcription factor that is necessary for enhancer activation in the early 
Drosophila embryo. Zelda has been observed to form clusters of high concentration in the 
nucleus. In chapter 3, I seek to address whether Zelda’s clustering activity is related to its 
regulatory functions by asking whether these clusters are near transcriptional loci. To 
answer this question, I developed a method to measure Zelda protein abundance at twenty-
three Zelda targets and twenty-five non-targets in the same nucleus. I found that Zelda 
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protein is modestly enriched at targets compared to non-targets. This enrichment is most 
likely driven by a small percentage of loci that reside in regions of high intensity Zelda 
protein. 
 
Throughout my PhD, I have sought a method to create large numbers of site-specific 
mutants in vivo. This is challenging in Drosophila and other organisms where transgenic 
lines are generated by injection with low transformation rates. Mutating and rearranging 
binding sites has been largely successful at identifying important enhancer elements, like 
transcription factor binding sites, in the past. Therefore, a method to create large numbers 
of site-specific mutants would greatly enhance our ability to comprehensively dissect 
regions of the genome at greater scale. In chapter 4, I describe a method for generating 
diverse populations of site-specific enhancer variants where each fly laid in a cross 
possesses at most one copy of the mutant enhancer. I then show preliminary evidence that 
this method can efficiently generate diverse mutations. Though this method is not yet fully 
developed, it is the beginning of a new approach for characterizing enhancers that can be 
applied to any genomic region. 
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Chapter 1: Introduction 
 
Most organisms use DNA to transmit genetic information from one generation to the next1. 
Genomic DNA contains genes which are the template by which proteins are made. Proteins 
serve expansive functions and are highly prevalent macromolecules that constitute cells 
and tissues. Proteins that compose the cytoskeleton give cells shape; enzymes in the gut 
break down food into biologically useful materials; antibodies circulate in the blood and 
fend off pathogenic attack. Despite the vast diversity of protein structures and functions, 
most proteins are made by a similar process; genes are first transcribed into RNA that is 
then translated into protein. These two processes, transcription and translation, are twin 
pillars that form the foundation of molecular biology. While these statements are generally 
true, they are not absolute – with the list of exceptions deepening with our growing 
understanding.  
 
Enhancers regulate gene expression in space and time.  
 
As life evolved from single-cell organisms to animals with complex tissues, so has a system 
to finely orchestrate which genes are expressed, which tissues and cells they are expressed 
in, and when expression should turn on and off. Most cells in the body contain the same 
genome2. However, cells from different tissues often express specific sets of genes at 
different levels. How then is gene expression temporally and spatially regulated and how 
much of this regulation is encoded in the genome itself? These fundamental questions have 
motivated scientists since the dawn of the twentieth century and will continue to motivate 
researchers for centuries to come. 
 
Twenty-eight years after the structure of DNA was published, a genomic element that 
regulates gene expression was identified. In 1981, a regulatory DNA sequence was 
identified in a 72bp repeat sequence element of SV40 (polyomavirus simian virus 40), an 
oncogenic DNA virus. This element, coined an “enhancer”,  was shown to dramatically 
increase gene expression of the recombinant rabbit β-globin gene when present on the same 
plasmid 1,2. Three years later, another DNA element was identified in mouse, within the 
intron of the immunoglobin heavy chain (IgH) gene – dissuading skepticism that the SV40 
sequence was merely a viral ingenuity. Importantly, this immunoglobin enhancer increased 
gene expression only in lymphocyte-derived cells, showing its potential for regulating 
tissue-specific gene expression 3. It cannot be overstated what these findings unlocked for 
scientists trying to understand eukaryotic gene regulation. Following the events described 
above, Walter Schaffner writes that his wife remarked to him, “Giants, you guys? Isn’t this 
like giant prawns where even the biggest ones are not all that big?”4 – a potent reminder 
that the importance of any scientific finding can only be assessed through the lens of time. 
 

                                                
1  With the exception of viruses which use RNA. RNA serves a myriad of functional roles and is much more 
than an intermediate molecule – but that is outside the scope of this thesis.   
2 Somatic mutations that arise are more prevalent in certain cell types. Gametes undergo recombination 
during meiosis and thus possess variation in their genomes.	
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Almost 40 years later, our understanding of enhancers has both come a long way and 
remains unsatisfyingly incomplete. Enhancers are now known to be a pervasive feature of 
eukaryotic gene regulation, orchestrating increasingly complex gene expression patterns 
by recruiting DNA binding transcription factors to short binding site motifs in the enhancer 
sequence5-9. Enhancers mostly regulate in cis, although occurrences of trans effects, termed 
transvection, have been noted in Drosophila10. As observed with SV40, unlike promoters, 
enhancers do not have to be immediately adjacent to their target gene to activate gene 
expression. Enhancers are sometimes found ten to several hundred kilobases away from 
their target genes, with the most notable being a limb bud enhancer that is found one million 
bases away from the target – sonic hedgehog (shh) 11,12. Because of this and the fact that 
enhancers rarely contain identifying sequence signatures, they are notoriously difficult to 
find by sequence alone. Initially identified one by one, large scale functional reporter 
assays have been developed that map enhancer-promoter contacts genome wide, in 
Drosophila 13,14 and mammalian systems 15.  
 
Soon after enhancer sequences were discovered, it was learned that within these sequences 
reside short five to ten base pair (bp) motifs that function as transcription factor binding 
sites16. Motifs are bound by DNA-binding protein domains of transcription factors (TFs), 
a class of nuclear proteins that are involved in transcription activation and regulation. 
While a transcription factor is loosely defined as any protein that can bind DNA and that 
controls the rate of transcription, this large class can be broken down into two main groups: 
general transcription factors that assemble the RNA polymerase II (RNA pol II) stable 
transcriptional complex (ie. TFIID, TBP) and transcription factors that regulate gene 
expression in response to environmental stimuli or molecular changes in cell state, such as 
cell differentiation, heat shock, or metastasis17. A subset of TFs belonging to the latter 
group are considered “master regulators” of cell type specification and differentiation. 
These TFs bind to many enhancers in order to launch gene expression in a coordinated 
fashion. One of the earliest examples of this is the transcriptional response to heat shock 
by binding of HSF (heat shock factor)18 and GAGA factor, a pioneer factor that can 
remodel the chromatin landscape 19, to heat shock elements upstream of genes important 
for cell adaptation to increased temperature.  
 
GAGA and other pioneer factors that are necessary but not sufficient for transcription 
activation exemplify the diversity of ways transcription factors can regulate gene 
expression. Generally, transcription factors have at least two functional domains: a DNA 
binding domain that recognizes a series of bases through biophysical interactions and an 
experimentally defined “activation domain” that is commonly required for transcription 
activation. It is generally thought that the activation domain, via protein:protein 
interactions, recruits co-factor proteins that promote the assembly of the RNA pol II 
initiation complex or interacts with members of RNA pol II directly20,21. With that said, 
further research will continue to refine and alter this classical model. 
 
Historically, TFs have been classified as “activators” or “repressors” based on whether 
reporter gene expression increased or decreased when binding sites were removed or the 
TF was knocked down. Upon further dissection, several TFs have been shown to both 
repress or activate transcription depending on which co-factors they associate with 22-24. 
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Cofactor is a non-specific term that refers to any factor that does not directly bind DNA 
but is important for transcription regulation25. Cofactors often interact with chromatin by 
shuffling histones around or by adding various post-transcriptional modifications to histone 
tails. TFs perform diverse functions across different biological processes and are often 
expressed throughout multiple developmental stages during the life cycle. One extreme 
example is c-Myc, a transcription factor that is involved in glycolysis, DNA damage, 
proliferation, and growth response pathways to name a few 26.  
 
Enhancer mutations drive disease. 
  
Enhancers have been implicated in many human diseases. However, due to the difficulty 
in identifying enhancers and their target genes from sequence alone, the list of 
characterized examples is short but growing. Roughly 90% of all single nucleotide 
polymorphisms (SNPs) that are associated with disease phenotypes via genome-wide 
association studies (GWAS) reside in non-coding regions (including promoters, introns, 
ncRNAs, enhancer, and insulator regions)27. As of January 2020, 3544 regulatory 
mutations (1.8% of all known gene lesions resulting in disease) have been identified 
according to the Human Gene Mutation Database28. Classic diseases that have been linked 
to mutations in cis-regulatory elements include β-thalassemia, hemophilia, atherosclerosis, 
and pre-axial polydactyly12,29-31. Additionally mutations residing in an enhancer of the 
lactase enzyme have been linked to lactose intolerance 32. Understanding how enhancers 
function is essential for combating enhancer-driven diseases and for developing novel 
tissue-specific therapies.  

Enhancers regulate spatially-patterned gene expression during 
embryonic development of Drosophila melanogaster. 
.  
Enhancers do more than turn genes on and off - they regulate when target genes are 
expressed during development and which tissues or cells genes are expressed in. In the 
developing embryo, precision in timing and localization of gene expression is critical. For 
both mammals and invertebrates, the embryo originates as a syncytium of cells (or nuclei 
in Drosophila) until gastrulation, when massive change in cell organization results in three 
distinct layers – the ectoderm, mesoderm, and endoderm3. But even before gastrulation, in 
the blastoderm, cell lineage specification is already transpiring at the molecular level.  
 

                                                
3	Lewis Wolpert famously called gastrulation the most important day of your life.	
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Figure 1.1. Body plan of Drosophila melanogaster. In the early Drosophila embryo (top image), 
gene expression is launched by patterned transcription factors that lay the foundation for structures in the late 
embryo (middle image) and adult fly (bottom image). The blue regions trace the impacts that gene expression 
in the early embryo can have on the structures of the adult fly. Fly image is from Wikimedia Commons and 
is dedicated to the public domain. 
 
In the early Drosophila embryo, maternally-deposited transcription factors launch 
transcriptional cascades of zygotically-expressed TFs in increasingly refined spatial 
patterns. With each new wave of TF expression and binding, patterning becomes so 
complex that each nucleus in the syncytium is exposed to a near unique cocktail of TFs. 
The TFs that each nucleus is exposed to lay the foundation for cell fate and the adult body 
plan (Figure 1.1).  
 
Maternally-deposited transcription factors divide the embryo into quadrants. Bicoid is 
localized to the anterior and is required for head structure formation33-35. Nanos is localized 
to the posterior 36. Dorsal specifies the dorsal-ventral axis37. These and other maternally-
deposited TFs bind to enhancers which orchestrate the expression of gap genes. Gap genes 
encode TFs that are expressed in large domains across the embryo4 . Two examples, 
Hunchback and Giant, are both activated by Bicoid. Giant is expressed in an anterior and 
posterior domain while Hunchback is predominately in the anterior. Gap genes work with 
the maternally-deposited factors to orchestrate expression of the next group of factors, the 
pair-ruled genes, which are expressed in stripes and designate cells belonging to future 
abdominal segments.  
 
Even-skipped (eve), a pair-rule gene, is one of the most extensively studied genes in 
Drosophila development and is a model for enhancer-based regulation of spatially-
patterned gene expression. Eve is expressed in seven stripes across the anterior-posterior 
axis. These stripes are largely driven by five enhancers, with eve stripe 1, eve stripe 2, and 

                                                
4	Some	gap	genes	like	hunchback	(hb)	are	also	maternally-deposited.	
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eve stripe 5 driving eve gene expression predominately in nuclei residing within a single 
stripe and eve stripe 4+6 and 3+7 driving two stripes each 38,39. The eve stripe 2 enhancer 
has been of considerable interest due to the fact that it lies in a particularly dynamic part of 
the embryo. The second stripe of eve overlaps Hunchback expression and is flanked by 
Giant on the left border and Kruppel on the right40. Hunchback has been shown to increase 
eve expression, while Giant and Kruppel repress eve transcription41-43. Though compelling, 
this simple explanation for why eve stripe 2 only drives eve expression in the second stripe 
poses numerous discrepancies. Eve stripe 2 does not activate eve expression anterior to the 
anterior-most Giant domain44. Indeed, other transcription factors, such as Knirps and 
Tailless, have been identified that account for more of the expression pattern45. However, 
even with all that we know about the TFs acting at the eve stripe 2 enhancer, we still remain 
woefully inept at building synthetic eve stripe 2 enhancers44,46,47.  
 

 
Figure 1.2. The even-skipped regulatory locus. The even-skipped gene is flanked by five 
enhancers which direct Eve expression in seven stripes across the embryo. The embryo image shows nuclei 
labeled in red and transcription at the eve locus in green. This embryo is an enhanced representation generated 
curtesy of Michael Eisen of eve-MS2 experiments performed by Augusto Berrocal. Below the embryo is a 
schematic of the eve genomic sequence. Insulator elements are depicted in orange, enhancers in purple, and 
genes in yellow. Transcription factor binding site image is curtesy of Michael Bronski. This image shows the 
arrangement of annotated transcription factor binding sites (colored bars).  
 
Despite all that has been done to understand how enhancers function, two questions remain 
unanswered. How is enhancer regulation and function encoded in the genomic sequence 
and how do transcription factors interact to enable robust and precise gene expression 
across a large range of environmental conditions? Though much work has gone into 
addressing these questions, the answers remain elusive. 
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Enhancer function is in large part encoded in the genomic 
sequence. 

To understand embryos by using logic and theory is risky or impossible 
– Peter Lawrence 

After the discovery of enhancers and transcription factor binding sites, it was not clear 
whether enhancer sequences contain all the information needed for gene regulation, similar 
to how protein-coding sequences contain all the necessary information for encoding amino 
acids. At the height of the excitement after sequencing the human genome, Wilson et al. 
asked whether it was the enhancer sequences themselves or a trans acting factor in the 
nuclear environment that instructs which conserved binding sites transcription factors bind 
to. The same group had previously found that in hepatocytes, TFs bind to different 
conserved sites in a mouse than at the orthologous human enhancer –even when the 
underlying sequence motifs are the same48. Fueled by this observation, they then asked 
whether these binding differences are maintained when the chromosomes are subject to the 
same cellular environment. Using a mouse model of Down syndrome which carries human 
chromosome 21, they found that mouse TF binding still differs between the human and 
mouse chromosomes in vivo – even when the enhancers are present in the same nucleus49. 
They conclude that the instructions for which sites are bound is encoded by the genomic 
sequence of the enhancer itself and is not some property of the TF or cellular environment.  
 
At the time, the explanation for this difference in TF binding seemed to be chromatin. It 
had been recently discovered that histone tails display specific post-translational 
modifications that correlate with classes of genomic entities like active and repressed genes 
and regulatory elements. However, by the time Wilson published the translocation paper 
described above, it had already been shown that sequences associated with certain marks 
like H3K4 methylation are not conserved – even though the positions of these marks are. 
Without strong correlations in the genomic sequences associated with chromatin marks, 
typical motif searches were of little use. However, by 2005 – new genomes were being 
assembled and published prolifically– and it was widely believed that further clarification 
would come out of comparative evolution.  
 
Comparative analysis of orthologous enhancer sequences between closely related and 
divergent species has revealed that enhancer sequences are not as constrained as anticipated 
and largely conclude that any rules governing enhancer evolution are more complicated 
than a simple TF binding site “code”. Drosophila has played an important role in these 
studies. Overall, enhancer sequences are more conserved than neutral sequences and TF 
binding sites show signs of evolutionarily constraint51. However, binding site turnover 
between even closely related species is not uncommon. One Bicoid and one Hunchback 
binding site from the minimal eve stripe 2 enhancer in Drosophila melanogaster have 
missing orthologs among six other Drosophila species. While all of the remaining fourteen 
sites are found in the other species, only 3 sites have identical sequence conservation, with 
most sites having a few mismatches between species51-53. Binding site spacing across the 
enhancer is fairly variable between species 52,54. TF binding site gain/loss frequency in 
Drosophila has been estimated to be 1% per million years51. Binding site gain and loss 
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have also been observed at the sparkling (spa) enhancer of dPax2, at the hunchback and 
tailless enhancers 55, and in mammals56. Despite these sequence differences between 
orthologous species, minimal eve-stripe 2 sequences from D. yakuba and D. 
pseudoobscura were shown to drive some expression of eve stripe 2 in D. melanogaster 52 
with the exception of D. erecta which could only drive expression when additional Zelda 
sites were added57. While these experiments failed to find a central code for regulatory 
elements on par with the amino acid code found in genes, they clearly demonstrate that 
there are numerous distinct alleles of eve stripe 2 that have evolved to perform the same 
enhancer function. 
 
From phylogenetic, biochemical, and genetic studies it is clear that transcription factor 
binding sites are important for enhancer function. However, most attempts to dissect 
enhancer sequence elements illuminate an incomplete picture of enhancer activity. This 
indicates that there is more to be learned about how binding sites and surrounding 
sequences function. Shockingly only a handful of Drosophila enhancers have been 
thoroughly dissected. Here I will summarize the most comprehensively manipulated 
Drosophila enhancers – the eve stripe 2, sparkling, hunchback proximal, Nubbin, and 
Rhomboid (rho) enhancers. 
 
eve stripe 2  
 
Soon after binding sites were identified within the eve stripe 2 enhancer sequence, 
individual binding site deletions were made to elucidate their impact on Eve expression. 
Original characterization of the minimal eve stripe 2 enhancer found twelve important 
binding sites - five Bicoid sites, one Hunchback site, three Giant sites, and three Kruppel 
sites. With that said, considerable subsequent dissection has revealed additional weak 
affinity sites and sites for other TFs such as Slp158. Steve Small in 1992 and David Arnosti 
in 1995 analyzed transgenes containing eve stripe 2 binding site deletions. These assays 
were done with the eve stripe 2 minimal enhancer driving a LacZ reporter. It is difficult to 
make general claims on a population level from these experiments due to variability in 
staining as discussed by the authors. Even so, they found that removing one strong Bicoid 
site diminished reporter expression, removing all five Bicoid sites diminished stripe 2 but 
increases stripe 7, and removing two weak Bicoid sites slightly reduced expression 59,60. 
Deleting the single Hunchback site resulted in diminished expression dorsally - but signal 
was restored when Bicoid binding site strength was increased at the three weaker sites.59,60. 
These experiments show that in a reporter context, removing one strong activator TF 
binding site can be augmented by strengthening remaining weak binding sites, reducing 
the number of repressor TF sites, or increasing the strength of the TF activation domain 
(summarized in Figure 1.3).  
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Figure 1.3. Summary of eve stripe 2 dissections. The eve stripe 2 enhancer (encompassing the 
minimal element) is depicted in yellow driving a reporter construct in green. Binding sites are shown as 
colored triangles and are colored as follows: light blue – Zelda, orange – Bicoid, purple – Kruppel, pink – 
Hunchback, blue – Giant. Each row represents a published experiment described in the cited references59,60. 
Embryos summarize reporter staining resulting from each construct, blue dots indicate the second stripe of 
eve driven by the minimal element. Slashes mean that the binding site has been either removed or mutated. 
+++ mean binding site strength was increased.  
 
One limitation to these studies is that the authors did not assess the impact that these 
binding site alterations have in the greater biological context of development. Small 
changes in expression pattern can have a tremendous impact on the success and robustness 
of embryonic development. Determining any viability effects these mutations may have at 
the endogenous enhancer is essential for understanding how these mutations impact 
enhancer function – not just gene expression. Instead of a transgene with the minimal eve 
stripe 2 enhancer driving LacZ, Ludwig et al. 2011 created a transgene containing 16.4kb 
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of the endogenous eve locus with an Eve-YFP fusion protein. They found that sequences 
around the minimal element, though dispensable for viability, have sex and dose dependent 
effects in flies deficient for Eve protein with only one copy of a rescue transgene. They 
found similar results when flies were challenged with a hemizygous copy of an inverted 
version of eve stripe 2 sequence in an Eve null background. This demonstrates that only 
looking at stripe formation using a reporter assay may not show the complete functional 
impact sequence variants have on viability and stress response.  
 
These studies demonstrate that eve stripe 2 binding site architecture is quite flexible in 
binding site strength, location, and abundance. These results led to the postulation of the 
“billboard” model for enhancer structure. This model states that sequences are broken up 
into functional modules that are flexible in terms of position and sequence 5.  
 
However, even though all of these effects support a model where TF binding site removal 
and addition modulates the abundance and localization of gene expression, attempts to 
recapitulate eve expression with a synthetic construct where known binding sites were 
arranged within neutral sequence were not successful in creating a robust stripe 44,46,47. 
These experiments indicate that not all modules important for enhancer function have been 
identified. 
 
sparkling enhancer  
 
Similar phylogenetic and binding site deletion studies have been applied to enhancers 
beyond eve stripe 2. One of the most comprehensive dissections of a developmental 
enhancer was done with the sparkling enhancer (spa). sparkling directs cone-cell specific 
dPax2 (otherwise known as shaven) expression and is located on chromosome 4, in the 
third intron of its target gene. dPax2 is a transcription factor that is responsible for 
differentiation of various sensory organs including the bristles and eyes. Sparkling 
responds to EGFR, Notch, and Lozenge (Lz) signaling. The 326bp minimal response 
element contains five binding sites for Suppressor of Hairless (Su(H)) which activates 
dPax2 expression in the presence of Notch. Additionally, there are three Ets binding sites 
that are bound by PntP2 and Yan/Aop which are regulated by upstream EGFR signaling. 
Finally, there are three binding sites for Lz which is expressed in undifferentiated 
progenitor cells. While these core 11 sites are necessary for enhancer activity61,62, alone 
they cannot recapitulate sparkling function as was the case for eve stripe 263,64.  
 
Orthologous sparkling enhancers across 12 different Drosophila species showed poor 
conservation between groups, with only two of the 11 core sites maintained. Sparkling 
sequence from D. melanogaster and D. pseudoobscura did not align easily, unlike for eve 
stripe 2 55. The yellow wing enhancer also showed similar amounts of sequence 
divergence65. Interestingly, despite differences in enhancer sequence between D. 
melanogaster and D. pseudoobscura, both sequences could drive expression in D. 
melanogaster, as was seen with eve stripe 264.  
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Careful and comprehensive dissection of sparkling has led to many other interesting 
discoveries beyond those found for eve stripe 2. Christina Swanson and others in Scott 
Barolo’s lab made transgenic lines carrying mutations in five different segments of 
sparkling. They found that one of these regions (region 2) was important for spacing. 
Deletion of this region without replacement with neutral sequence reduced reporter 
expression which was restored when filler sequence was added back. The opposite was 
found for another region (region 5), where reporter expression increased when the region 
was deleted without replacement of neutral sequence. Inversely, reporter expression 
decreased once filler sequence was added. This indicates that compressed spacing between 
binding sites activates reporter expression in this region. Deleting the other regions (with 
the exception of region 3) reduced reporter expression to different extents. Further 
dissection of each domain showed that numerous subdomains were necessary for 
activity64,66. Interestingly, numerous unknown binding sites were identified by dissecting 
and swapping orthologous sequences55. 
 
One of the most fascinating observations from these experiments is that binding site 
spacing can be important for cell type specificity. As described above, when the core 11 
TF binding sites were arranged back-to-back, with no sequence in between, there was no 
reporter expression in cone cells. However, some expression was observed in R1/R6 
photoreceptor cells. Indeed, when this compressed construct was placed 3’ of sparkling, 
with all binding sites mutated, there was robust, ectopic expression in R1/R6 cells but not 
in surrounding cone cells. This supports the idea that something besides the identity of the 
TFs themselves controls cell type specificity. This could be protein:protein interactions 
between TFs, the chromatin environment, or some other elusive factor we have yet to 
identify64,66. This result is surprising because our current model is that the presence of some 
factors and not others drive cell-type specificity. However, this suggests that enhancer 
architecture could also be orchestrating cell-type specificity. 
 
Sparkling seems to possess a more rigid enhancer architecture than eve stripe 2, reminiscent 
of the enhanceosome model. Only one region of sparkling could function when moved 
around, unlike what was observed for eve stripe 2. Differences between these two 
enhancers might be explained by the fact that eve stripe 2 is required for proper 
development while spa- flies are completely viable. This poses different constraints on 
sequence evolution and flexibility. In addition, eve stripe 2 needs to be responsive to 
dynamic, shifting, positional information while sparkling acts more like a switch – on in 
cone cells and off in the rest. With that said, both of these enhancers still have unknown, 
important players waiting to be identified. 
 
Hunchback proximal, Nubbin, and Rhomboid (rho) enhancers 
 
While sparkling and eve stripe 2 might be some of the most comprehensively dissected 
enhancers in the Drosophila genome, several other structure-function dissections were 
done with other enhancers. The P2 proximal enhancer of hunchback (hbP2) which drives 
expression in the anterior of the embryo in response to Bicoid, has had its many Bicoid 
binding sites removed. Interestingly, deleting all Bicoid binding sites did not completely 
abolish reporter expression, even when cryptic weaker sites were identified and also 
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removed67. Seven base pairs around each Bicoid binding site were found to be necessary 
for expression of a synthetic enhancer while two base pairs around each motif was 
insufficient to drive expression67. This group also showed that pairwise cooperativity 
between Bicoid molecules does not explain the observed responses when binding sites 
were removed. The authors ultimately conclude that Bicoid must be working with other 
TFs and co-factors 67. While this study was addressing a different point about TF 
cooperativity, the observations made when manipulating binding sites similarly suggest 
that we are not fully able to predict transcriptional responses when enhancer architecture 
is perturbed. 
 
Hunchback and Castor bind to the nubbin enhancer which activates Nubbin expression in 
intermediate neuroblast sublineages. Dissection of one of the nubbin enhancer sequences 
also resulted in unexpected responses. Deletion of single binding sites only produced subtle 
effects on enhancer activity during embryonic neuroblast lineage development, while 
larger deletions had greater effects. One enhancer domain was found to be involved in 
specificity of expression. Additionally, two specific domains were shown to diminish 
expression when both were removed. However only the loss of all four domains completely 
abolished expression, while deleting three showed modest differences. Like with sparkling 
and eve stripe 2, altering the number and position of TF binding sites changed enhancer 
specificity and function. Also like all enhancers discussed prior, known binding sites did 
not completely explain expression patterns68. The authors similarly conclude that other 
undiscovered TF activators must be playing a role.  
 
Dissection of the rhomboid (rho) enhancer, which responds to Dorsal, Twist, and Snail to 
drive expression in the neuroectoderm, also found that single binding site mutations were 
not simply additive in effect69. Single deletions of Dorsal binding sites reduced expression 
by around 40%, with all single-site deletions having roughly the same effect despite 
differences in motif strength and position. However when two sites were removed 
simultaneously, moderate to severe reduction in expression was observed69.  
 
Finally, some enhancers fail to have any sort of minimal element. In this case, many regions 
within an enhancer are able to generate the full expression pattern. The autoregulatory 
socket enhancer (ase) that is autoregulated by Suppressor of Hairless (Su(H)) contains 
several distinct subparts that all independently respond to Su(H)70. Additionally, enhancers 
for the yellow gene historically have been divided into three enhancers that direct black 
melanin deposition in the body, wing, and bristle71,72. However, recent findings that tested 
subfragments of these enhancers in different species, show that multiple fragments can 
drive overlapping expression patterns73.  
 
With better enhancer prediction and annotation, enhancers that replicate expression 
patterns of previously identified enhancers have been discovered74,75. Multiple, distinct 
enhancers that drive the same expression pattern appear to be the norm and not the 
exception. This strategy is thought to act as a buffer to ensure robust development76.  
 
By comparing enhancer dissections, greater insights about enhancer function are revealed. 
First, it is clear that a “one size fits all” code for enhancer architecture most likely does not 
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exist, certainly not in the way it does for proteins. Each enhancer outlined above responds 
in slightly different ways to TF binding site deletions. Eve stripe 2 shows tremendous 
flexibility in which sites are present and where they are located while sparkling shows 
much more rigidity. One would think that more structural rigidity would result in greater 
sequence conservation but interestingly, sparkling sequences seem to be more rapidly 
evolving than eve stripe 2. Alleles where eve stripe 2 is disrupted are lethal77 whereas 
homozygous sparkling mutations are perfectly viable. This distinction alone poses 
different architectural and functional constraints on these sequences. Perhaps strict 
architecture leads to a greater risk of failure resulting in enhancers evolving towards 
modularity. Or not. It is important to remember that evolution is not planned. Biological 
systems are not designed to “make sense” to humans. As eloquently written in Bridgham 
et al. 2009, “The past is difficult to recover because it was built on the foundations of its 
own history, one irrevocably different from that of the present and its many possible 
futures.”78 Only by utilizing emerging technologies will future scientists uncover more of 
these mysteries. 
 
The role of chromatin accessibility in regulating enhancer 
activity and cell type specificity. 
All models are wrong – but some are useful. – George Box 

Transcription factor binding sites are undoubtable important for enhancer activity, but in 
all the cases discussed here, known binding sites alone do not recapitulate enhancer 
activity. What other factors act on enhancers to ensure cell-type specificity and function? 
One answer could be the chromatin context in which that enhancer resides.  
 
Genomic DNA in the nucleus of animals and other eukaryotes is not floating around freely. 
It is wound around histones which themselves are compacted into higher order structures. 
There are four canonical types of histones (H2A, H2B, H3, H4) that together form an 
octameric disk that is positively charged and therefore is weakly bound to the negatively 
charged phosphate backbone. One hundred forty-seven base pairs of DNA are wrapped 
around each histone cluster, forming a nucleosome. Nucleosomal positioning and spacing 
across genomic regions are thought to impact gene expression by occluding TFs from the 
underlying genomic region. Chromatin accessibility is a measurement of how obstructed a 
particular genomic region is to regulators of gene expression. Chromatin accessibility 
largely correlates with active, genomic DNA elements such as insulators, enhancers, and 
promoters, while inaccessible regions correlate with heterochromatic and repressed 
genomic regions.  
 
The current model is that nucleosomes restrict a TF’s access to the genome by creating a 
physical barrier that can only be overcome by sufficient concentration, ATP-dependent 
chromatin remodeling proteins, or pioneer factors that can specifically bind nucleosomes. 
Chromatin is often the explanation for why transcription factors only bind to a small 
percentage of their predicted binding sites 79,80. This relationship between chromatin 
accessibility and enhancer activity is mostly supported by correlation in genome-wide 
assays. Chromatin immunoprecipitation (ChIP-seq) of twenty-one developmental TFs in 
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Drosophila embryos found genomic hotspots that were bound by many TFs 80-82. These 
hotspots tended to be highly accessible83,84. In 2012, the ENCODE consortium published 
chromatin accessibility profiles for the human genome. About a third of highly accessible 
sites in the human genome were only found in one cell type, with 94.4% of TF ChIP-seq 
peaks falling within highly accessible regions 85. The large majority of sites were located 
either in intronic sequences or in non-coding regions between 2.5 - 250kb away from 
transcriptional start sites (TSS) 85. By all accounts, these genome-wide studies paint a clear 
picture – transcriptionally active enhancers are more accessible in the cell types where they 
are functionally active and are less accessible in those where they are not.  
  
While higher accessibility certainly correlates with transcriptional activity, it is unclear 
whether chromatin accessibility is a consequence of this activity or whether it 
predetermines regulatory regions. Interest in chromatin and postulation that it regulates 
gene expression is long-standing and predates the discovery of enhancers by 10 years. In 
the 1970s, through a series of biochemical digestions and X-ray diffraction experiments, it 
was uncovered that there are proteins complexed to DNA that resemble beads on a string 
86-88. It was then immediately postulated that these structures might regulate transcription.  
 
By the late 1980s, several groups had tested this idea functionally in inducible systems and 
generally found that regulatory sites are accessible before transcription occurs. In chicken 
erythrocytes, in transcriptionally active tissues, chromatin was accessible whether or not 
transcription was induced 89,90. Near the promoters of heat shock-inducible proteins in 
Drosophila, DNase I hypersensitive sites exist before gene expression is induced 91-93. 
Similarly, chromatin is highly accessible at sites bound by glucocorticoid hormone receptor 
before receptor binding was induced 94,95. These independent lines of evidence suggest that 
chromatin accessibility is not a direct consequence of transcription itself. The next, and 
more difficult, question is whether chromatin accessibility is instructing TF binding.  
 
Whether chromatin accessibility predetermines TF binding or not is more difficult to 
address experimentally because it is not entirely clear what establishes chromatin 
accessibility to begin with 96. Early embryo development serves as a tractable model to 
understand chromatin accessibility establishment. Prior to fertilization in Drosophila, both 
the oocyte and the sperm possess highly compacted, transcriptionally-silent chromatin. 
Upon egg activation and fertilization both the paternal and maternal pronuclei undergo 
extensive reprogramming to revert back to a totipotent state. In the male genome, this 
involves replacing protamines with histone variant H3.397. In the female pronuclei, egg 
activation triggers the second meiotic division, allowing the female gamete to go through 
meiosis II and relax chromosomes back to the interphase state98. When the male and female 
pronuclei fuse to form the zygotic genome, chromatin lacks signs of higher-order 
chromatin structure. ChIP-seq experiments for various chromatin marks in cycle 8 embryos 
have found relatively few signal peaks 99. However, it is not clear whether this is because 
there is truly no structure or whether it is difficult to measure the structure that is there. 
Additionally, it has long been observed that constitutive heterochromatic domains are not 
established until the blastoderm stage at nuclear cycle 14100. Some accessibility differences 
were found starting in cycle 11 embryos that were reminiscent of stronger peaks to come 
101. By dissecting the process by which chromatin accessibility is established in the early 
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embryo, we can understand whether chromatin accessibility “predetermines” regions of 
enhancer activity and TF binding and how this occurs.  
 
There has been extensive research done towards understanding how chromatin 
accessibility is established. The answers gleaned from these experiments can be classified 
into two general models. The first model is that TFs outcompete histones for the underlying 
DNA sequence. This is supported by numerous biochemical and in vitro studies that show 
that, at high concentrations, TFs can outcompete nucleosomes 102-105. Dynamic competition 
between histones and TFs has been shown to be critical during development where the 
histone pool is diluted through subsequent divisions106. However, it is also noted that TFs 
that typically do not penetrate nucleosomal occlusion are able to overcome this barrier 
when cooperating with specific TFs107,108. This supports a different model where TFs with 
distinct properties are able to bind to nucleosomes directly, or to an exposed linker region, 
enabling other TFs to access the region. These TFs have been given the distinction of 
“pioneer factors” in the former case or “architectural proteins” in the latter. 
 
Pioneer factors have been shown to be critical during early embryo development. In the 
Drosophila embryo, one such transcription factor, Zelda, is required for cellularization in 
the blastoderm 109. Zelda contains 1596 amino acids encoded by a single exon. It possesses 
four C-terminal DNA binding domains that recognize the sequence “CAGGTAG”. Zelda 
has been shown to bind to thousands of enhancers and promoters by nuclear cycle 8, many 
cycles before zygotic activation occurs in the blastoderm 110. Zelda has recently been 
shown to bind to nucleosomes in vitro, earning it the official title of “pioneer factor”111. 
Zelda sites are highly accessible and depletion of Zelda leads to loss of accessibility112-114. 
Additionally, Zelda binding correlates with deposition of several acetylation marks and 
embryos without maternal Zelda show a decrease in H3K4me1 and H3K18ac 99. It is still 
unclear whether Zelda is directly involved in the deposition of these marks or acts by 
recruiting a chromatin modifying enzyme. Similar activators of zygotic transcription are 
found in zebrafish (Nanog, SoxB1 and FPou5f3)115 and in mammalian cells 116.  
 
After the discovery of “CAGGTAG” binding sites at important enhancers and promoters, 
the field seemed tantalizingly close to uncovering a system by which enhancers are 
specified and regulated. Under this system, maternally-deposited Zelda binds to target 
enhancers before they become activated in the blastoderm– either by binding directly to 
nucleosomes or competing with histones, during these early, rapid cell divisions. 
Subsequently, enhancers become accessible and perhaps surrounding histones become 
properly adorned with activating histone marks. This paves the way for patterned TFs, such 
as Bicoid, Hunchback, Giant, and Eve, to bind to enhancer sequences without overcoming 
nucleosomal hindrance or having to scan through an entire genome to find their relevant 
binding sites.  
 
While there is no doubt that subsequent work will disprove most, if not all, elements of this 
model, it is a start in understanding how enhancers are regulated and identified. Indeed this 
model holds up in one study, that built a synthetic transcriptional system that failed to 
function as an enhancer when Zelda sites were not included46. This work implies that Zelda 
sites are necessary for ensuring enhancer activity in the Drosophila embryo. 
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TFs, such as Zelda, might be functioning via biophysical 
clustering in the nucleus 
 
Though the above model describes Zelda’s importance in specifying enhancer identity, it 
does not describe how Zelda functions mechanistically. The fact that Zelda seems to 
coordinate chromatin accessibility or histone mark deposition implicates other co-factor(s), 
that are recruited to enhancer sites, that perform these functions.  
 
Along with six DNA-binding domains, Zelda contains large regions of intrinsic disorder 
(IDR). Amino acids 1 through 1297 (particularly 904-1297) show the most activity when 
fused to a Gal4 DNA-binding domain 117. This IDR is poorly conserved with only 20-50% 
identity among related species. However, Zelda IDR domains from related species were 
still able to drive reporter expression in Drosophila melanogaster cells117. 
 
Like Zelda, most eukaryotic transcription factors contain IDRs. One study suggests that 
between 82-95% of eukaryotic transcription factors contain large regions of disorder, with 
nuclear proteins being vastly overrepresented 118,119. IDRs in transcription factors are most 
commonly associated with the “activation domain”, the part of the protein involved in 
recruiting and interacting with co-factors, that leads to transcriptional activation.  
 
It is unclear exactly how disordered activation domains interact with co-factors. Several of 
these domains have been experimentally dissected in important TFs. p53 is a mammalian 
transcription factor involved in sensing DNA damage and launching apoptosis if that 
damage cannot be repaired. It is one of the most highly mutated tumor suppressors in cancer 
patients. p53 contains two distinct activation domains that serve partially overlapping roles 
– TD1 only responds to DNA damage while both TD1 and TD2 are linked to tumor 
suppression. These two domains are largely devoid of secondary or tertiary structures under 
physiological conditions120,121. Dissection of these domains reveals several highly 
conserved hydrophobic amino acids that are critical for function120,122.  
 
For IDRs, general biophysical properties such as hydrophobicity and charge seem to be 
more functionally meaningful than the underlying sequence. Hydrophobic residues are an 
important feature of the tau1 activation domain of the Glucocorticoid Receptor (GR). 
Dissection of the GR activation domain found that mutations affected interactions with all 
three known co-factors – showing that these domains function more globally instead of 
containing a series of modules that interact with only one specific binding partner123,124. 
Additionally, phenotypic screening of glucocorticoid- in yeast found that, generally, 
mutations of the hydrophobic patch in the activation domain reduced activity while those 
expanding hydrophobicity increased activation124. From these and other examples it is clear 
that biophysical properties of amino acids in IDRs are more functionally relevant than the 
sequences themselves. These studies also show that IDRs in activation domains do not 
meditate strong and stable protein:protein interactions, traditionally associated with protein 
complexes. 
 
IDRs are thought to interact with proteins via weak, multivalent interactions which are 
important drivers of phase separation. Phase separation describes the biophysical process 
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of protein condensation that forms membrane-less organelles in the cell. Phase separation 
occurs when the free energy of the system can be minimized by parting solute molecules 
into a separate compartment of a higher concentration125-127. The same process drives oil 
droplets to form when mixed with water. These compartments are traditionally driven by 
fairly weak, multivalent interactions of a scaffolding protein that can interact with itself 
and a client protein 128-131. IDRs provide similar weak, multivalent interactions in the 
nucleus that in vitro promote demixing – particularly when bound to nucleic acids129. FUS, 
a mammalian RNA binding protein that associates with ribonucleoprotein granules, was 
shown to promote liquid-like phase separation in vitro. While in this state, FUS was able 
to recruit the C-terminal domain of RNA polymerase132. Additionally, IDRs from two 
different families of TFs show significant self-interactions when they are recruited 
artificially to a LacO array or to their endogenous locus. These IDRs also form “hubs”, or 
regions of locally-high factor concentration, when brought together. These hubs are weakly 
enriched for components of RNA pol II133. It still remains deeply unclear whether “hub” 
formation is important for transcription. However, a model by which biophysical, weak, 
multivalent, and self-interactions between TF IDRs create regions of high TF 
concentration, that is selectively permeable to specific transcriptional regulators, is 
certainly appealing.  
 
Understanding the role IDRs play in transcription is an area of active research. Several 
recent findings dissecting IDRs within RNA polymerase machinery and mediator proteins 
certainly imply their importance. The IDR containing C-terminal domain (CTD) of the 
large subunit of RNA polymerase II (Rpb1) has itself been shown to form liquid-like 
droplets in vitro at near physiological conditions and phosphorylation of the CTD leads to 
droplet dissociation 134. Additionally IDRs isolated from components of the mediator 
complex  also form liquid-like condensates in vitro and puncta at enhancer sequences 
135,136. Condensates were shown to harbor RPB1 when incubated with nuclear lysis137. The 
same group also found that IDR-riddled activation domains from mammalian pluripotency 
TF, Oct4, associates with mediator droplets in vitro and colocalize in vivo138.  
 
Several works from our lab and others show that transcription factors can form hubs of 
high concentration in the early Drosophila embryo. Live imaging of Zelda, tagged with 
mNeon and EGFP, reveals that Zelda forms dynamic puncta, that are rapidly associating 
and dissociating in the nucleus139,140. The relationship between these hubs and transcription 
remains elusive. Live imaging of transcription at the hunchback locus shows a slight 
enrichment of bulk Bicoid protein but not Zelda139. Others have reported that only a subset 
of transcriptionally active snail enhancers were in regions of high Zelda protein density 140. 
Analysis of Zelda hub enrichment at Zelda target sites is presented within this thesis. 
 
Contents of this dissertation 
  
This thesis is the culmination of work I have done during my PhD, to understand how 
enhancers function. I begin by experimentally asking whether chromatin accessibility in 
the early Drosophila embryo shows signs of spatial patterning like spatially-patterned 
transcription factors or whether it is uniform like pioneer factor expression (Chapter 2). 
This project was both my rotation project and first, first-author publication. I will then 
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discuss my work dissecting whether Zelda hubs are enriched at Zelda target sites by 
optimizing a modified version of oligopaint which probes fifty single loci simultaneously 
in individual nuclei (Chapter 3). Finally, I will detail the design and implementation of a 
genome editing method capable of producing large numbers of whole-animal, site-specific 
alleles that are screened for function, phenotypically (Chapter 4). In the final chapter, I will 
present my views and perspectives on the future of the enhancer field and insights I have 
learned along the way (Chapter 5). 
 



	

	 18	

Chapter 2: Patterns of chromatin accessibility across 
the anterior-posterior axis of the early Drosophila 
embryo. 
 
Note the contents of this chapter, with some minor modifications, were previously published as: 
 

Haines JE, Eisen MB (2018) Patterns of chromatin accessibility along the anterior-posterior axis 
in the early Drosophila embryo. PLOS Genetics 14(5): 
e1007367.   https://doi.org/10.1371/journal.pgen.1007367 

 
Abstract 
 
As the Drosophila embryo transitions from the use of maternal RNAs to zygotic 
transcription, domains of open chromatin, with relatively low nucleosome density and 
specific histone marks, are established at promoters and enhancers involved in patterned 
embryonic transcription. However, it remains unclear how regions of activity are 
established during early embryogenesis, and if they are the product of spatially restricted 
or ubiquitous processes. To shed light on this question, I probed chromatin accessibility 
across the anterior-posterior axis (A-P) of early Drosophila melanogaster embryos by 
applying a transposon-based assay for chromatin accessibility (ATAC-seq) to anterior and 
posterior halves of hand-dissected, cellular blastoderm embryos. I find that genome-wide 
chromatin accessibility is highly similar between the two halves, with regions that manifest 
significant accessibility in one half of the embryo almost always accessible in the other 
half, even for promoters that are active in exclusively one half of the embryo. These data 
support previous studies that show that chromatin accessibility is not a direct result of 
activity, and point to a role for ubiquitous factors or processes in establishing chromatin 
accessibility at promoters in the early embryo. However, in concordance with similar 
works, I find that at enhancers active exclusively in one half of the embryo, I observe a 
significant skew towards greater accessibility in the region of their activity, highlighting 
the role of patterning factors such as Bicoid in this process. 
 
Introduction 
 
During early embryogenesis all animal genomes undergo a transition from a largely 
quiescent to a highly active state with widespread zygotic transcription141. This process, 
known as the maternal-to-zygotic transition (MZT), involves a major reorganization of 
chromatin, during which active and inactive regions are established, which are 
distinguished by nucleosome composition, density and post-translational 
modifications99,142-145. It is generally thought that active - or “open” - chromatin facilitates 
the binding of polymerases, transcription factors and other proteins to target sequences, 
while inactive - or “closed” - chromatin limits the scope of their activity. Although, the 
degree to which chromatin state is instructive remains controversial146,147. Two important 
open questions are how genomic locations of active and inactive chromatin are encoded in 
the genome and how their active state is established, especially during the MZT, which 



	

	 19	

follows early embryonic mitotic divisions, where little or no differentiation into open and 
closed chromatin has been observed99.  
 
In Drosophila melanogaster, zygotic transcription largely begins at the seventh syncytial 
mitotic cycle (although there is evidence for low levels of transcription from the beginning 
of embryogenesis148) and gradually increases until the end of mitotic cycle 13, when the 
embryo has several thousand nuclei and widespread zygotic transcription is observed 
149,150. Many of the genes activated during the MZT produce mRNAs that have spatially 
restricted distributions. These patterns are established through the activity of 
transcriptional enhancers, cis-regulatory sequences that integrate activating and repressive 
inputs from well-characterized, patterning transcription factors to produce novel, and 
increasingly precise, transcriptional outputs 36,40,80,151. 
  
It is widely assumed that the interactions among patterning factors and the DNA to which 
they bind play a central role in determining which sequences will function as enhancers. It 
is also thought that TF competition with nucleosomes and recruitment of chromatin 
remodeling factors establish chromatin accessibility at selected sites23,84,152,153. The anterior 
morphogen Bicoid, for example, has been shown to create open chromatin at a subset of 
its targets in the early embryo154.  
 
However, we and others have shown that a parallel system involving the ubiquitously 
expressed, maternally-deposited, pioneer-factor, Zelda, also plays a role in this process 
99,110,112-114,155. Zelda binds prior to the MZT to a large fraction of the enhancers and 
promoters that become active once widespread zygotic transcription begins 110,156. Most 
MZT enhancers and promoters contain conserved Zelda binding sites that are highly 
predictive of both transcription factor activity and chromatin accessibility110. Furthermore, 
Zelda binding is associated with changes to chromatin, including nucleosome depletion 
and specific post-translational modifications of histones 99,110,112-114,155. 
 
Although abundant genetic, genomic and biochemical data support the importance of Zelda 
in establishing enhancer and promoter activity, many aspects of Zelda activity remain 
unresolved. While embryos lacking Zelda show severe defects prior to gastrulation, 
patterned, enhancer-driven transcription is not eliminated in Zelda- embryos109,114,156-158. 
This could reflect the activity of additional pioneer factors113 such as the ubiquitously 
expressed trithorax-like/GAGA Factor (or GAF) which plays an important role in 
establishing accessibility at promoters113,159-161 and is likely associated with changes in the 
nuclear/cytoplasmic ratio101,162.  
 
Because Zelda and GAF are ubiquitously expressed, while patterning factors have spatially 
restricted expression, I reasoned that I could probe their relative contributions to the 
establishment of chromatin accessibility by measuring spatial patterns of chromatin 
accessibility in the early embryo. As a first step towards this end, here I compare chromatin 
accessibility in anterior and posterior regions of the D. melanogaster embryo.  
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Results 
 

 
Figure 2.1. ATAC-seq on dissected, frozen, embryo halves. (A) Stage 5, hand sorted 
Drosophila embryos were flash frozen over dry ice in a buffer containing 5% glycerol and manually sliced 
in half with a scalpel. Twenty anterior and posterior halves were collected, homogenized, and the nuclei were 
isolated. ATAC-seq was then performed as described in163 with three times volume of Tn5 transposase. (B) 
Scatter plot of normalized ATAC-seq signal over 1kb adjacent windows that tile the Drosophila genome in 
posterior (x) and anterior (y) samples shows high degree of correlation between the anterior and posterior 
halves. The Spearman correlation coefficient (denoted by rS) is 0.81. The Pearson correlation coefficient 
(denoted by rp) is 0.94. X and Y are log transformed. Light blue circles denote point density. 
 
Spatially resolved ATAC-seq is robust and consistent with whole embryo 
measurements of chromatin accessibility 
 
To determine the extent to which chromatin accessibility is spatially patterned along the 
A-P axis in the early embryo, I manually separated anterior and posterior embryo halves 
and performed a modified ATAC-seq163 protocol on each half separately. Briefly, I 
collected cellular blastoderm embryos (mitotic cycle 14, embryonic stage 5), flash froze 
them in liquid nitrogen, and then sliced each embryo at approximately 50% egg length 
(ascertained by eye) with a chilled scalpel, separating anterior and posterior halves into 
separate pools (Figure 2.1A).  
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Figure 2.2. Chromatin accessibility differences and similarities at A-P and D-V 
patterning loci.   
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Figure 2.2. Chromatin accessibility differences and similarities at A-P and D-V 
patterning loci. Normalized ATAC-seq signal of anterior (orange), posterior (blue), whole embryo (gray) 
is depicted at even-skipped (A), giant (B), hunchback (C) loci, and at decapentaplegic (D), a D-V patterning 
gene. Chromatin accessibility signal derived from DNaseI data for stage 5 Drosophila embryos is depicted 
in green83. Colored bars represent peaks called in anterior (orange), posterior (blue), whole (gray), and in 
DNaseI data (green). Asterisks denote annotated features that show significant changes in accessibility 
between the anterior and posterior halves. Light gray bars denote the gene annotation while the black bars 
denote annotated enhancers. Colored annotation bars represent enhancers analyzed in Figure 2.3. Dashed 
lines in the enhancer bars signify overlapping enhancers. 
 
I isolated nuclei from 20 anterior halves (in duplicate), 20 posterior halves (in duplicate), 
10 frozen, unsliced embryos, and a mixed sample containing a subset of nuclei from 
anterior and posterior samples and applied the ATAC-seq “tagmentation” process to each 
sample. I sequenced the resulting libraries, mapped reads to the D. melanogaster genome 
and normalized the data using linear regression (Figure 2.S1).  
 
ATAC-seq accessibility profiles generated from sliced and unsliced whole embryo samples 
correlated highly, demonstrating that the slicing process does not introduce any biases (rp 
=  0.95, Figure 2.S2C). Both halves correlate with published DNaseI hypersensitivity data 
from similar embryo stages83, demonstrating that our embryo preparation protocol coupled 
with ATAC-seq can accurately map accessibility in the equivalent of 10 whole frozen 
embryos (rp > 0.78, Figure 2.S2A). Biological replicates of anterior and posterior halves 
that were collected, sliced, and tagmented independently moderately correlate with each 
other (anterior replicates rp= 0.88, posterior replicates rp = 0.80, Figure 2.S2B). To call 
peaks using MACS2, I first merged replicates to increase the total read number and 
decrease spurious peaks that arise from low coverage regions101,164. I then filtered our peaks 
for those that were found in both replicates (methods). 
 
Globally similar chromatin accessibility patterns in anterior and posterior 
embryo halves 
 
Genome-wide, chromatin accessibility in the anterior and posterior halves is remarkably 
similar (Figure 2.1B; rp = 0.94 on data binned into 1kb windows and rp= 0.90 for all whole 
embryo peaks Figure 2.S3). Dramatic changes in chromatin accessibility have been 
observed between stage 5 and stage 14 Drosophila embryos83,84. Expectedly, A-P halves 
are more similar to each other than embryos from stage 5 and 14 (rp = 0.66, Figure 2.S4). 
The conservation of chromatin accessibility patterns between halves is detailed in Figure 
2.2, which shows the results of our ATAC-seq experiments near loci of three A-P 
patterning genes (even-skipped, giant, and hunchback) and one dorsoventral patterning 
gene (dpp).  
 
Each A-P locus contains enhancers that are active exclusively in the anterior or posterior 
half of the embryo (denoted by colored bars in Figure 2.2). For some, the peaks are of 
similar heights in both halves, such as at eve stripe 2 (anterior ATAC-seq signal / posterior 
ATAC-seq Signal - 755/686). However there are some examples where accessibility is 
clearly reduced in the inactive half, such as at eve stripe 1 (1083/336) , the gt anterior 
enhancers 23 (648/211)  and -10 (513/175) (Fig 2.2, marked by asterisks).  
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Figure 2.3. A-P patterning enhancers tend to be more accessible where they are active. 
Scatter plots showing normalized ATAC-seq signal in anterior (x axis) and posterior (y axis) halves at (A) 
anterior (orange) and posterior (blue) and (B) dorsal (purple) and ventral (green) patterning enhancers active 
in Stage 5 embryos and at 1kb adjacent windows tiling the genome (A and B, gray). (C) Box plots showing 
the difference in mean and variation between average positional skew scores (methods) for anterior (orange), 
posterior (blue), dorsal (purple), and ventral (green) enhancers. Positional skew scores at random genomic 
regions (excluding genes and enhancers) that are selected so that their total ATAC-seq signal is of the same 
magnitude and distribution as the patterning enhancer and promoter set depicted here and in Figure 2.4 
(methods). Pairwise t-tests confirm that the means of anterior patterning enhancers are significantly different 
than dorsal and ventral patterning enhancers and selected random regions. The mean positional skew score 
of posterior enhancers is not significantly different than dorsal, ventral, or random regions. (D) Bar graph 
shows the positional skew scores (methods) calculated for all anterior (orange) and posterior (blue) patterning 
enhancers in the dataset (S1 File). Asterisks denote enhancers whose accessibility skew scores show 
statistical significance over random regions (p < 0.05). (E-J) Normalized ATAC-seq signal across 1kb 
windows centered around eve stripe 1 (E), the hunchback anterior activator (F), Kvon region VT47407 (G), 
hairy stripe 5 (H), giant -3 construct (I), and Kvon region VT42837 (J) with anterior signal in orange and 
posterior signal in blue. Gray rectangles denote the location and size of the enhancer. Published in situ 
hybridization images depicting gene expression patterns driven by each enhancer are below each graph176-

179.  
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Most A-P enhancers are open in both halves of the embryo but tend to be more 
accessible where they are active.  
 
To get a more systematic view of the relationship between transcriptional activity and 
spatial patterns of chromatin accessibility, I used available genome annotation and 
published in situ hybridization experiments to systematically identify A-P and dorsal-
ventral (D-V) (as a control) patterning enhancers whose transcriptional outputs are 
restricted to one half of the embryo13,165-175. 
 
I excluded enhancers and promoters of genes expressed around 50% egg length because 
the precision of manual slicing is most likely variable. I also excluded enhancers that did 
not overlap peaks called in any of the anterior, posterior, or whole samples, leaving 85 A-
P and D-V patterning enhancers.  
 
Patterning enhancers clearly trend towards greater accessibility in the embryo half where 
they are active (Figure 2.3). Normalized ATAC-seq signal at anterior enhancers (anterior 
rp = 0.81) is less correlated than all 1kb regions genome-wide (gray; rp = 0.94) or D-V 
patterning enhancers (rp = 0.97). Posterior patterning enhancers (rp = 0.99) correlate 
similarly to the genome-wide measurements (anterior n = 30, orange ; posterior n = 9 , blue 
; dorsal n = 16, purple; ventral n = 27, green; Figure 2.3A-B). From this, it is clear that at 
anterior patterning enhancers, chromatin accessibility is greater in the anterior half.  
 
I computed a measure of differential accessibility (positional skew score) for each A-P 
enhancer by dividing the difference in accessibility in the anterior and posterior half by 
total accessibility, such that positive scores denote loci that are more accessible in the 
anterior half, negative scores signify loci that are more accessible in the posterior half, and 
loci with a score of zero have no difference in accessibility. I found that only anterior 
enhancers have a significantly greater mean positional skew score when compared to D-V 
enhancers ( pant < 0.006 verses dorsal; 5.57e-05 versus ventral) or random genomic regions 
with similar total accessibility (pant < 6.68e-08, Figure 2.3C and Table 2.S1). 
 
Accessibility at almost all anterior enhancers is skewed towards the anterior while that of 
posterior enhancers is skewed towards the posterior (Figure 2.3D). This pattern is in 
contrast to D-V patterning enhancers and promoters (Figure 2.S5) and A-P patterning 
promoters (Figure 2.4D). Although, individually, only six anterior enhancers had 
significant skews relative to random regions, it is remarkable that almost all of these 
enhancers are skewed towards the active half regardless of the degree of skew. Similar 
trends were seen when positional skew scores were calculated for each replicate (Figure 
2.S6) as well as in accessibility profiles derived from single embryo halves (Figure 2.S7). 
 
In order to understand if this phenomena extends beyond annotated A-P patterning 
enhancers, I evaluated whether peaks called on whole embryos that have patterned 
chromatin accessibility, show specific patterning activity in the embryo. I overlapped 
significantly skewed peaks with regions identified in a genome-wide screen for enhancer 
activity13. I then utilized available in situ hybridization experiments to evaluate whether 
these fragments have spatially patterned activity (http://enhancers.starklab.org/).  
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Figure 2.4. A-P patterning gene promoter accessibility does not correlate with 
activity. Scatter plots showing normalized ATAC-seq signal in anterior (x axis) and posterior (y axis) 
halves at (A) anterior (orange), posterior (blue), (B) dorsal (purple), and ventral (green) patterning promoters 
active in Stage 5 embryos and at 1kb adjacent windows tiling the genome (A and B, gray). (C) Box plots 
showing the difference in mean and variation between overall positional skew scores (methods) for anterior 
(orange), posterior (blue), dorsal (purple), and ventral (green) promoters of zygotically expressed genes only. 
Zygotic genes were classified as such from previously published transcriptome data150. Positional skew 
scores at random genomic regions (excluding genes and enhancers) with the same number and distribution 
of total ATAC-seq signal as the patterning enhancer and promoter set are in gray (methods). NS (not 
significant) refers to pairwise t-tests which confirm that the mean positional skew score of anterior and 
posterior patterning promoters is not significantly different than dorsal and ventral patterning promoters or 
random regions. (D) Bar graph shows positional skew scores calculated for all anterior (orange) and posterior 
(blue) patterning promoters in the dataset. Asterisks denote promoters whose accessibility skew scores show 
statistical significance over random regions (p < 0.05). (E-J) Normalized ATAC-seq signal across 1kb 
windows centered around CG13894 (E), men (F), mcm2 (G), dib (H), atg1 (I), and bbg (J) with anterior signal 
in orange and posterior signal in blue. Gray denotes the location and size of the promoter. Arrow denotes the 
direction of the gene. Published in situ hybridization images depicting gene expression patterns driven by 
each promoter are below each graph173,174,180.  
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Indeed nine out of twelve significantly skewed enhancers showed spatially patterned 
activity (8 anterior and 1 posterior, Figure 2.S8D). 
 
Promoters of A-P patterning genes are similarly accessible both when active 
and inactive. 
 
I next examined the promoters of A-P patterning genes using expression data from sections 
of embryos, cryosliced along the A-P axis, to curate lists of A-P patterning gene 
promoters158. Similar to our enhancer set, I only included promoters that overlapped 
accessibility peaks called in either whole, anterior, or posterior samples and that are also 
associated with patterned expression confirmed by in situ hybridization assays (n= 19 
anterior promoters, n = 25 posterior promoters).  
 
Though accessibility in the active and inactive halves is only slightly more similar at 
anterior promoters (rp = 0.86) than at anterior enhancers (rp = 0.81), it is comparable to 
posterior promoters(rp = 0.84) and D-V enhancers and promoters (Fig 4A-B, dorsal 
promoters, rp = 0.93 ; ventral promoters, rp = 0.95). I confirmed these trends by showing 
that the mean positional skew score of anterior and posterior patterning promoters is not 
significantly different than D-V patterning promoters or random regions (Figure 2.4C and 
Table 2.S1). Though accessibility at promoters of A-P expressed, zygotic genes seems to 
show a very slight trend in the direction of activity, their means are not significantly 
different than that of random regions (Figure 2.4C). What is more telling is that there is no 
distinct skew of accessibility in the expected direction of activity, in contrast to what I 
observed for A-P enhancers (Figure 2.4D). From this I conclude that accessibility at 
promoters is not as correlated with transcriptional activity as at enhancers. 
 
Anterior accessibility is associated with Bicoid binding while similarly 
accessible regions are enriched for Zelda binding.  
 
I then used published ChIP-seq data of A-P patterning factors from stage 5 Drosophila 
embryos58 to examine binding patterns at similarly and differentially accessible A-P 
enhancers. I analyzed Bicoid, Caudal, Knirps, Giant, Hunchback, Kruppel, and Zelda 
binding data, normalized by the mean signal for each factor. A-P patterning enhancers that 
are more accessible in the anterior (shades of orange) generally are dominated by Bicoid 
binding, with strikingly little binding from other transcription factors, although there are 
some exceptions (Figure 2.5, Figure 2.S9). Enhancers more accessible in the posterior 
(shades of blue) generally have high Caudal, Knirps, Giant, and Kruppel binding, with 
more diversity in factors bound than at anteriorly accessible enhancers. Interestingly, 
enhancers with similar accessibility in both halves (shades of white) have a high diversity 
of factors binding -  including Zelda (Figure 2.5, Figure 2.S9B). These patterns reveal that 
while transcription factor binding clearly does not completely explain differential 
chromatin accessibility, there are clear differences in factor composition and density 
between differentially and similarly accessible enhancers.  
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I next examined transcription factor binding at peaks called in whole embryo ATAC-seq 
samples. Using a stringent statistical cutoff, I found 107 anteriorly skewed peaks, 9 
posteriorly skewed peaks, and 6640 peaks that were not significantly skewed. Anteriorly 
skewed peaks were enriched for Bicoid, GAF, CF2 and to a lesser extent Zelda binding 
sites while the unskewed peaks were enriched for Zelda, pnr (GATA factor homolog), Dref 
(associated with insulators), and CF2. Due to so few peaks being skewed towards the 
posterior, none of the posterior peaks had significant motifs called, although GAF and 
Hunchback were enriched (Figure 2.S8).  
 
I then overlapped transcription factor peaks with anteriorly skewed, posteriorly skewed, 
and unskewed peaks and found that there is a significant depletion of Hunchback, Kruppel, 
Caudal, Knirps, and Zelda peaks in the anteriorly skewed peak set (p = 0.03, 0.005, 5.14E-
10, 0.01, and 0.00001735 respectively, Figure 2.S8). These data further demonstrate the 
observation that, while transcription factor binding does not completely explain the 
differences between skewed and unskewed peaks, Bicoid, Zelda, and GAF are likely 
playing a role in shaping chromatin accessibility, as has already been reported by several 
recent studies101,113,154. 

Discussion 
 
I designed this experiment to ask if the open chromatin observed at active enhancers and 
promoters is found in every nucleus, suggesting a dominant role for ubiquitous factors in 
establishing regions of genomic activity in the early embryo, or if open chromatin is 
spatially restricted, suggesting a dominant role for patterning factors.  
 
The data presented here offer several clarifying observations about the early Drosophila 
embryo. First, I find that the vast majority of regions observed to be accessible in whole 
embryos are equally accessible in anterior and posterior halves, including the promoters of 
many genes active in only one half. Second, for a curated set of enhancers driving patterns 
along the anterior-posterior axis, I find that chromatin is more accessible in nuclei where 
the enhancer is active. This is especially true of anterior patterning enhancers regulated by 
the primary anterior morphogen, Bicoid, but is also observed for several posterior 
patterning enhancers. Third, in most cases where I see accessibility biased towards the 
embryo half where an element is active, I also see clear chromatin accessibility in the 
“inactive” half.  
 
Each of these observations comes with the caveat that the signal measured in each pool of 
halves is an average from approximately 60,000 nuclei that clearly limits the conclusions 
that I can draw. For example, for a given region, equal accessibility in both halves could 
indicate uniform accessibility in nuclei across the embryo, but could also arise from similar 
fractions of nuclei active in both halves. Similarly, it is impossible to resolve whether 
quantitative differences between the halves are the result of different numbers of nuclei 
with open chromatin, differences in the levels of accessibility, or both. And, finally, I likely 
cannot detect cases where only a small fraction of nuclei are active, although with our 
current methods it is difficult to accurately estimate what our resolving power is. 
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Propitiously, a study that applied a single-nucleus chromatin accessibility assay to a variety 
of embryonic stages, that is largely immune to these caveats, largely confirms our 
findings181. They observe that early (2-4 hour) chromatin is more homogeneous than at 
later embryonic stages, and that the majority of regions of open chromatin in blastoderm 
embryos show no clear spatial pattern. Furthermore, when they applied an unbiased 
clustering method to single nuclei ATAC-seq data, nuclei from blastoderm embryos 
separated into two broad populations, each with increased accessibility in enhancers with 
anterior and posterior biases respectively.  
 
I mapped their data to the regions I analyze above and found general agreement with ours 
(Figure 2.6). Skew scores computed with their data correlate with our skew scores, 
although the skews from single-cell data are more extreme than those from the hand-
dissected embryos (Figure 2.6B). Notably, when these skew scores are plotted around A-
P patterning regions, I detect a similar overall skew in the direction of activity at enhancers 
but not promoters (Figure 2.6C-D). It is interesting that single cell data show greater 
magnitude of skew score at these regions. This likely reflects the increased spatial precision 
of single cell methods which are able to subdivide the embryo into anterior and posterior 
domains by accessibility profile instead of by approximately 50% egg length as I have 
done. Though there are numerous advantages to single-nucleus experiments, one of the 
benefits of our slicing experiment is that spatial information about pools of nuclei is 
determined independently from accessibility profiles. As such, both experiments taken 
together reveal that though most genomic regions show similar patterns of accessibility, 
most A-P patterning enhancers are more accessible in their active half. 
The strong anterior skew I and others observe for Bicoid targets is consistent with a recent 
study showing that chromatin accessibility at a set of around 100 early embryonic 
enhancers is primarily dependent on Bicoid154. Given the strong anterior bias in Bicoid 
protein levels, it would have been surprising not to find an anterior bias in chromatin 
accessibility for these regions, although I note that there is significant chromatin 
accessibility in the posterior for many of these regions in both our data and that of 181, 
perhaps reflecting activity by the low levels of Bicoid in the posterior182.  
 
A more comprehensive understanding of how chromatin accessibility is established 
requires better resolved data on how closely chromatin accessibility tracks with activity in 
these regions, as neither our data nor that of 181 currently provides greater spatial precision 
than anterior vs. posterior. Another study that was performed after this work was published 
affinity purified genetically tagged nuclei to more precisely separate nuclei residing in 
different expression domains across the embryo 183. They find that a quarter of peaks are 
spatially restricted that enrich for cis-regulatory elements. Similar to what I show, they find 
that in general chromatin accessibility follows enhancer activity and it is clear that greater 
increases in magnitude of this shift occur when more precise domains are measured. More 
importantly, they also find that there is significant accessibility in the inactive regions of 
the embryo and similarly conclude that uniform pioneer factors such as Zelda are possibly 
establishing a general landscape of accessibility that is subsequently refined by spatially 
patterned activators and repressors. 
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Figure 2.5. A-P patterning transcription factor binding at similarly and differentially 
accessible A-P patterning enhancers. A-P patterning enhancers from Fig 3 are ordered by positional 
skew score. Positional skew score is indicated by the colored bar above each panel – orange indicates more 
accessible in the anterior, blue indicates more accessible in the posterior, and white is similarly accessible in 
both halves. Each panel consists of normalized wig signal in a 3kb window around each enhancer (the actual 
enhancer region is denoted by a gray rectangle). The first panel shows normalized, merged, ATAC-seq signal 
in the anterior (orange) and posterior (blue) halves. The second panel shows DNaseI signal from stage 5 
embryos83 in green. The third through eleventh panels are normalized wig signal from ChIP-seq experiments 
of the following proteins: Bicoid (red), Hunchback (orange), Kruppel (yellow), Giant (green), Zelda from 
stage 3,4,and 5 embryos (dark, medium, and light blue), Caudal (purple), and Knirps (brown). The name of 
the enhancer is above each panel. 
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Figure 2.6. Single nuclei ATAC-seq from cellular blastoderm embryos largely agrees 
with data from embryo halves.   
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Figure 2.6. Single nuclei ATAC-seq from cellular blastoderm embryos largely agrees 
with data from embryo halves. Recently published single nuclei ATAC-seq data181 corresponding to 
the cellular blastoderm were separated into anterior and posterior groups following designations determined 
by 181. (A) Genome browser trace at the eve locus. Whole embryos, anterior halves, and posterior halves are 
in grey, orange, and blue respectively. Merged anterior single nuclei and merged posterior single nuclei from 
181 are shown in peach and grey blue. Finally, single anterior and single posterior halves from our study are 
shown in rusty red and light blue. DnaseI hypersensitivity data is in green. Peaks are depicted in bars below 
the pooled halves and whole data. Light gray bars denote the gene annotation while the black bars denote 
annotated enhancers. Colored annotation bars represent enhancers analyzed in Figure 2.3. (B) Positional skew 
scores calculated for single nuclei and halves ATAC-seq data at all A-P and D-V patterning regions 
(enhancers and promoters) are plotted with halves on X and single nuclei on Y. Dotted line indicates X=Y. 
(C) Bar graph shows the positional skew scores calculated from single nuclei ATAC-seq data at all anterior 
(orange) and posterior (blue) patterning enhancers in the dataset. Asterisks denote enhancers whose 
accessibility skew scores show statistical significance over random regions (p < 0.05). (D) Bar graph shows 
the positional skew scores calculated from single nuclei ATAC-seq data at all anterior (orange) and posterior 
(blue) patterning promoters in the dataset. Asterisks denote promoters whose accessibility skew scores show 
statistical significance over random regions (p < 0.05). 

There is a large body of literature showing that tissue specific enhancers often have open 
chromatin in tissues in which they are not active 94,184, and that this is often a result of 
enhancer priming by pioneer factors. Furthermore, the transcriptional output of enhancer 
in the early Drosophila embryo184, and in many other systems, is determined by a balance 
between the binding of activators and repressors (reviewed in 185). I expect activators to be 
bound in parts of the embryo where the enhancer is active, but repressors will bind, by 
definition, in parts of the embryo where they are repressing enhancer activity. Assuming 
that open chromatin is associated both with activator and repressor binding implies that the 
nuclei where chromatin is open for a given enhancer will always be a superset of the nuclei 
where it is transcriptionally active - the question for the future is how wide these regions 
are and what their specific patterns tell us about the mechanisms by which they were 
established. 
 
It will also be interesting to look at the emergence of spatial patterns and biases over time. 
It has been previously shown that nucleosome depletion at enhancers, and other aspects of 
their chromatin state, is established prior to the expression of most patterning factors99. It 
has also recently been shown that most enhancers and promoters for patterning genes are 
accessible by nuclear cycle 11, that this state is maintained through DNA replication and 
mitosis, and that this open state is associated with ubiquitous factors Zelda and GAF 101. 
This leaves open the possibility that the binding of ubiquitous pioneer factors plays a 
particularly important role in determining chromatin accessibility at early cycles.  
 
In conclusion, our data, as well as that of 154, 181, and 183 establish that though most genomic 
regions do not show any difference in accessibility, there is significant spatial patterning 
of chromatin along the anterior-posterior axis in blastoderm embryos, with a clear coupling 
of activity and accessibility, at spatially patterned enhancers. Whether these patterns of 
chromatin accessibility are instructive for patterning transcription, or merely reflect 
patterns of activity, remains to be determined. 
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Materials and Methods 
 
Fly lines 
Drosophila melanogaster OregonR embryos were collected for 2 hours and aged for 90 
minutes on molasses agar plates. Embryos were then dechorionated with 30%-50% bleach 
solution for three minutes. Embryos were hand staged at 20x magnification at 14°C to be 
mitotic  cycle 14 (NC14) using previously established methods99. 
  
Slicing frozen embryos 
Nuclear cycle 14 (stage 5) embryos were placed in a custom freezing buffer consisting of 
ATAC-seq lysis buffer 163 without detergent, 5% glycerol, and 1ul of bromoblue dye. 
Embryos were then taken out of the freezing buffer and placed onto a glass slide which 
was then put on dry ice for 2-5 minutes. Once embryos were completely frozen, the glass 
slide was removed and embryos were sliced with a chilled razorblade. Sliced embryo 
halves were moved to tubes containing ATAC-seq lysis buffer with 0.15mM spermine 
added to help stabilize chromatin. 
   

ATAC-seq on frozen embryo halves 
Embryo halves were then homogenized using Kimble Kontes Pellet Pestle (cat no. 
K749521-1590). IGEPal CA-630 was added to a final concentration of 0.1%. After a 10 
minute incubation, nuclei were spun down and resuspended in water. Twenty halves were 
added to the transposition reaction containing 25ul of 2x TD buffer (Illumina), and 7.5µl 
of Tn5 enzyme (Illumina). The reaction was incubated at 37°C for 30 minutes. Transposed 
DNA was purified using Qiagen Minelute kit. Libraries were then amplified using Phusion 
(NEB cat no. F531S) and Illumina Nextera index kit (cat no. FC-121-1011). Libraries were 
then purified with Ampure Beads at a 1.2 : 1 beads to sample ratio and sequenced on the 
Hiseq4000 using 100bp paired end reads. Fragments over 500bp were removed from 
libraries using a Pippen prep to reduce sequencing bias with the Hiseq4000.  
 

ATAC-seq data preprocessing and normalization 
Fastq files were aligned to the Drosophila dm3 genome with Bowtie2 using the following 
parameters -5 5 -3 5 -N 1 -X 2000 --local --very-sensitive-local. Mapping metrics are 
provided in Table 2.S2. Sam files were then sorted and converted to Bam files using 
Samtools, only keeping uniquely mapped reads with a MAPQ score of 30 or higher using  
-q 30, proper pairs with -f 2, and removing unmapped, not primary alignment, reads that 
fail platform vendor quality checks, and optical duplicates with sam flag -F 1804. 
Duplicates were removed with Picard (http://broadinstitute.github.io/picard/). Bams were 
then converted to bed files with bedtools 186 and shifted using a custom shell script to reflect 
a 4bp increase on the plus strand and a 5bp decrease on the minus strand as recommended 
by163. Replicate bed files were merged. Finally shifted bed files were converted into wig 
files using custom scripts that are available online and wig files which were uploaded to 
the UCSC genome browser. Merged wig files were normalized to reflect 10 million 
mapped Drosophila melanogaster reads. Anterior and posterior samples were normalized 
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by linear regression to the whole embryo sample not including the y-intercept (Figure 
2.S1).   
 

A-P and D-V patterning enhancer and promoter annotations 
A-P and D-V patterning enhancer and gene annotations were compiled from many sources 
13,158,165-170,172-175,187,188. In order to provide the most accurate promoter annotations possible 
for our analysis I used RACE, CAGE, and EST data performed in Drosophila 
melanogaster embryos 189 to identify which promoters are preferentially used in the fly 
embryo. When there were multiple promoters per gene (as was frequently seen), I chose 
the promoter that was verified by all three methods, denoted by a “V” in Hoskins et. al. 
(2011) (supplementary file 3). There were three genes that did not have annotated 
promoters in the Hoskins et al. (2011) dataset that were used in our analysis. Instead, these 
promoter annotations came from the Eukaryotic Promoter Database converted to dm3 
annotations190,191.  
 
In order to further validate our A-P and D-V patterning enhancer and promoter annotations 
I manually curated in situ hybridization images corresponding to 678 genomic regions from 
multiple sources 166,170,173,174,180,192-215. Each region was manually inspected such that only 
regions with both an in situ hybridization image that shows spatially restricted expression 
and a moderate accessibility signal (wig signal > 200) were kept for further analysis, 
leaving 253 enhancers and promoters with spatially restricted expression. Anterior and 
posterior patterning enhancers and promoters were categorized as either completely 
spatially restricted or mostly spatially restricted. A report PDF for each region, including 
in situ hybridization images, accessibility browser traces, and Z-score and p-value was 
generated and can be found online. 
 
Promoters used in our analysis were categorized as maternal, maternal-zygotic, or zygotic, 
using previously published RNA-seq data from single embryos 150. Only zygotically 
expressed gene promoters were used in Figure 2.4C. However, all classes of promoters 
were used in the rest of Figure 2.4. 
 
Differential ATAC-seq Analysis  
All graphs were made with R scripts and Deeptools 216. Accessibility skew score was 
calculated by the following equation:      
     (1)	"#$%&'(	)	"&*#$%&'(
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where Xactive is the wig signal in the half where the region is activating gene expression and 
Xinactive is the wig signal in the half where the region is not supposed to activate gene 
expression. Accessibility skew score measures whether a region is differentially accessible 
in the expected direction. This score is useful when comparing differential accessibility, 
regardless of which half is favored (for example when comparing accessibility skew at 
anterior to posteriorly patterned regions).  
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Positional skew score provides information about the direction of the skew, such that 
regions that are more accessible in the anterior have a positive positional skew score while 
those that are more accessible in the posterior have a negative positional skew score. 
Positional skew score is calculated by the following equation: 
 
     (2)	"#*%(,&-,	)	".-/%(,&-,
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Where Xanterior is the wig signal in the anterior sample and Xposterior  is the wig signal in the 
posterior sample. Significance for each region was determined by computationally 
matching each region to a random region that has the same total normalized wig score 
(Figure 2.S10). Positional skew scores were calculated for each random region (termed 
RandSkewScore). These scores were distributed normally and were used to determine a Z-
score for each region of interest (ZROI) by the following equation: 
 

zROI = 01123345464789:2;91<=2)µ
s

	 
 
where µ is the mean of the random region distribution and σ is the standard deviation of 
the random region distribution. Two-tailed p-values were then calculated from the Z-score.  
 
Peaks 
Replicates were merged and peaks were called on the merged bed file, using MACS2 with 
the following parameters: --nomodel --call-summits --bdg -p 1e-3. Reproducible peaks 
were selected using bedtools to intersect peaks called in both replicates and the merged 
samples. Anterior and posterior accessibility signal was averaged using custom scripts 
around the set of reproducible whole peaks. Positional skew scores were calculated for 
each peak region as described above. Significantly skewed peaks were determined using 
random regions, as was done with A-P patterning regions. Significantly skewed anterior 
and posterior peaks, as well as unskewed peaks, were intersected with experimentally 
derived promoters, Kvon predicted enhancers13, and transcription factor ChIP-seq binding 
data 58,80,81. One-tailed fisher exact tests were performed to determine whether there was a 
significant depletion or enrichment of transcription factor peaks in significantly skewed 
accessibility peaks. Regulatory sequence analysis tools (RSAT) peak motif tool was used 
to find motifs in each peak set. 
 
ChIP-seq data analysis 
Wig files from previously published ChIP-seq data were obtained for Kruppel, Hunchback, 
Giant, Knirps, Caudal, Bicoid 58,80,81, and Zelda data from stage 3, 4, and 5 embryos 110. 
Wig files were normalized by the mean signal for each sample, assuming that the mean 
signal over the entire genome is similar to that of background. This normalization 
essentially transforms the data into deviations from the mean such that signal from different 
experiments can be compared to each other. Wig signal around regions of interest was 
determined and graphed in R. For the heat maps, normalized wig signal was averaged over 
3kb windows around regions of interest, for each factor, before being scaled such that the 
region with the highest value is equal to 1 and the lowest to 0 for each factor. 
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DNaseI data analysis 
For all DnaseI comparisons to ATAC-seq (Figure 2.5 and Figure 2.S2), previously 
published DnaseI data from stage 5 embryos (replicate 1), normalized to 10 million reads 
was used. For Figure 2.S4, DNaseI data was downloaded from the following SRA datasets: 
SRA:SRP002474.1, SRA:SRX020691.4, SRA:SRX020692.1, SRA:SRX020693.1, 
SRA:SRX020694.1, SRA:SRX020695.1, SRA:SRX020696.1, SRA:SRX020697.1, 
SRA:SRX020698.1, SRA:SRX020699.1, SRA:SRX020700.1, SRA:SRX041410. Reads 
were processed similarly to ATAC-seq data. Reads were aligned to the dm3 genome with 
Bowtie2 with the following parameters -p 10 -5 5 -3 5 -N 1 -X 2000 --local --very-sensitive-
local. Sam files were then sorted and converted to Bam files, using Samtools, with the same 
filters as ATAC-seq samples. Duplicates were removed with Picard. Bams were then 
converted to bed files using Bedtools and converted into wig files using custom scripts 
available online on Github. All replicates were merged and normalized to 10 million 
mapped reads. 
 
Single Nuclei ATAC-seq analysis 
Bam files labeled to correspond with published clusters were shared by181 with the authors. 
Bam files corresponding to anterior and posterior clusters were merged respectively. 
Merged bam files were then converted into wig files and normalized to 1 million reads. 
The anterior wig file was then normalized by linear regression to the posterior wig file. 
Positional skew score was measured for all A-P and D-V patterning regions in the same 
manner as was done for halves ATAC-seq data.  
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Supporting Information 
 

 
Figure 2.S1. Linear regression normalization. Scatter plots show 1kb genomic bins (gray), with 
2D density plots (light blue) indicating areas of increased point density. x = y is a dashed, diagonal line. The 
linear regression model used is represented by a solid dark blue line. Anterior and posterior halves were 
normalized to whole samples. Scatter plots show data (A, C) before normalization and (B, D) after 
normalization. Spearman correlation coefficients (rs), Pearson correlation coefficients (rp), and r squared 
values are shown above each plot. 
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Figure 2.S2. ATAC-seq on embryo halves correlates highly with DNaseI and whole 
embryos. 
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Figure 2.S2. ATAC-seq on embryo halves correlates highly with DNaseI and whole 
embryos. (A) Scatter plots showing merged normalized wig signal values from ATAC-seq experiments, 
performed on anterior halves, posterior halves, and whole embryos, compared with DNaseI hypersensitivity 
data from stage 5 Drosophila melanogaster embryos83, binned into 1kb regions. Spearman correlation 
coefficients (rs), Pearson correlation coefficients (rp), and r squared values are shown above each plot. The 
line x = y is shown as a dotted line. (B) Scatter plots showing wig signal values for anterior, posterior, and 
whole replicates, normalized to 1 million reads. (C) Normalized wig signal from ATAC-seq data for the 
combined anterior and posterior halves sample, compared to the merged whole embryo sample. 
 
 

 
Figure 2.S3. Chromatin accessibility in anterior and posterior halves is highly 
correlated at whole embryo peaks. (A) Scatter plots showing normalized ATAC-seq signal in 
anterior (x axis) and posterior (y axis) pooled halves, at whole embryo accessibility peaks (gray). Spearman 
correlation coefficients (rs), Pearson correlation coefficients (rp), and r squared values are shown above each 
plot. The line x =y is shown as a dotted line. Light blue circles denote point density. 
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Figure 2.S4. Chromatin accessibility changes during development. Scatter plots showing 
merged normalized wig signal values from DNaseI hypersensitivity experiments on stage 5, 9, 11, and 14 
Drosophila melanogaster embryos83, binned into 1kb regions. Spearman correlation coefficients (rs), Pearson 
correlation coefficients (rp), and r-squared values are shown above each plot. The line x = y is shown as a 
dotted line. 2D density plot (light blue) indicates areas of increased point density.  
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Figure 2.S5. D-V patterning enhancers and promoters are similarly accessible in both 
halves. Bar graphs showing positional skew score calculated for dorsal (purple) and ventral (green) 
patterning enhancers and promoters. The enhancer or promoter names are below the graph. (A) D-V 
enhancers (B) D-V promoters. 
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Figure 2.S6. Replicate and merged positional skew scores at A-P enhancers. The bar 
graph represents positional skew scores calculated from the merged replicate samples for all anterior (orange) 
and posterior (blue) patterning enhancers in the dataset. Dots show the positional skew score calculated for 
both biological replicates. 
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Figure 2.S7. Single anterior and posterior halves show similar trends as pooled 
embryo halves. (A) Scatter plots showing normalized ATAC-seq signal in anterior (x axis) and posterior 
(y axis) single halves, at 1kb adjacent windows tiling the genome (gray). Spearman correlation coefficients 
(rs), Pearson correlation coefficients (rp), and r-squared values are shown above each plot. The line x = y is 
shown as a dotted line. (B) Bar graph shows the positional skew scores calculated for all anterior (orange) 
and posterior (blue) patterning enhancers in the dataset, and for dorsal (purple) and ventral (green) patterning 
enhancers. (C) Bar graph shows the positional skew scores calculated for all anterior (orange) and posterior 
(blue) patterning promoters in the dataset and for dorsal (purple) and ventral (green) patterning promoters. 
The region names are below each graph.  
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Figure 2.S8. Significantly skewed peaks show similar differences in transcription 
factor binding and are predictive of enhancer activity. 
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Figure 2.S8. Significantly skewed peaks show similar differences in transcription 
factor binding and are predictive of enhancer activity. (A) ChIP-seq data for Bicoid, Caudal, 
Knirps, Giant, Hunchback, Kruppel, and Zelda from three stages (stage 3, 4, and 5) from58,110, normalized to 
the mean of each factor and scaled between 0 and 1, summed over a 3kb window around each reproducible 
whole peak. White represents the minimum signal and black represents the maximum ChIP signal for that 
transcription factor. Above each heat map is a colored bar that represents the positional skew score for each 
reproducible whole peak, with orange representing peaks that are more accessible in the anterior, blue 
representing those that are more accessible in the posterior, and white representing those that are not 
differentially accessible between the two halves. Peaks are ordered by positional skew score. (B) Positional 
skew scores were calculated for reproducible whole peaks and z-scores and p-values were determined using 
random region distributions like for patterning regions. Peaks were then divided into three categories based 
on skew score and p-value. AntSig peaks are those that are significantly more accessible in the anterior 
(positive positional skew score and p-value < 0.05). PostSig peaks are those that are significantly more 
accessible in the posterior (negative positional skew score and p-value < 0.05). NotSig peaks are those that 
are not significantly skewed in any direction (p-value > 0.05). These three groups of peaks were then 
intersected using Bedtools with peaks called on ChIP-seq data from (A). One-tailed Fisher’s exact tests were 
performed on these overlaps and the resulting odds ratios are depicted on the logarithmically-transformed y-
axis such that negative values represent depletions of transcription factor binding in whole peaks, and positive 
values represent enrichments. Asterisks indicate significant odds ratios. (C) Transcription factor motifs were 
searched for in AntSig, PostSig, and NotSig peak sets (methods). The top five predicted motifs are shown 
with the associated number of sites, e-values, and predicted factor match. (D) Replicated whole peaks were 
intersected with known Kvon enhancers13. Matches were then filtered for ones that had annotated expression 
in stage 4-6 embryos. 12 matches remained. For each of these 12, published slides from in situ hybridization 
experiments were analyzed for stage 5 embryos which are depicted below the bar graph. Using these in situ 
images, the location of activity was determined (represented by bar color - orange represents those active in 
the anterior, blue represents those active in the posterior, purple represents activity in both halves, gray 
represents no visible expression). y-axis depicts positional skew scores calculated for each matching peak 
region.  
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Figure 2.S9. Transcription factor binding and differential accessibility at A-P 
patterning enhancers.   
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Figure 2.S9. Transcription factor binding and differential accessibility at A-P 
patterning enhancers. ChIP-seq data for Bicoid, Caudal, Knirps, Giant, Hunchback, Kruppel, and 
Zelda from three stages (stage 3, 4, and 5) from 58,110, normalized to the mean of each factor and scaled 
between 0 and 1, summed over a 3kb window around each A-P enhancer. White represents the minimum 
signal and black represents the maximum ChIP signal for that transcription factor. Above each heat map is a 
colored bar that represents the positional skew score for each A-P enhancer, with orange representing 
enhancers that are more accessible in the anterior, blue representing those that are more accessible in the 
posterior, and white representing those that are not differentially accessible between the two halves. (A) 
Enhancers are ordered by positional skew score. (B) Enhancers are hierarchically clustered using complex 
heat map package in R217. 
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Figure 2.S10. Positional skew scores of enhancers and promoters compared to 
random regions. 
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Figure 2.S10. Positional skew scores of enhancers and promoters compared to 
random regions. Histograms showing the distribution of positional skew scores of random regions 
compared to (A) A-P patterning enhancers (B) D-V patterning enhancers (C) A-P patterning promoters (D) 
D-V patterning promoters. Anterior is orange, posterior is blue, dorsal is purple, ventral is green. (E) 
Histogram showing the distribution of random regions with the fitted normal curve in black. Mu and std from 
the normal curve are shown above the graph. 

Comparisons between A-P and D-V enhancer and promoter mean positional skew scores 
using Tukey HSD (multiple testing correction) 
Enhancers diff lwr upr p adj 

Pair wise 
comparison 

Difference in 
observed means 

lower end point for 
the interval 

upper end point 
for the interval 

p value after 
adjustment 
for multiple 
comparisons 

Posterior-Anterior -0.356 -0.553 -0.159 1.49E-05 

Dorsal-Anterior -0.202 -0.362 -0.041 0.006 

Ventral-Anterior -0.233 -0.371 -0.096 5.57E-05 

Random-Anterior -0.239 -0.347 -0.131 6.68E-08 

Dorsal-Posterior 0.154 -0.062 0.370 0.286 

Ventral-Posterior 0.122 -0.077 0.322 0.443 

Random-Posterior 0.117 -0.063 0.298 0.382 

Ventral-Dorsal -0.032 -0.195 0.132 0.983 

Random-Dorsal -0.037 -0.177 0.103 0.949 

Random-Ventral -0.005 -0.118 0.107 1.000 

Zygotic Promoters diff lwr upr p adj 

Posterior-Anterior -0.191 -0.426 0.044 0.169 

Dorsal-Anterior -0.086 -0.297 0.125 0.791 

Ventral-Anterior -0.089 -0.289 0.111 0.732 

Random-Anterior -0.090 -0.252 0.072 0.543 

Dorsal-Posterior 0.105 -0.127 0.336 0.723 

Ventral-Posterior 0.102 -0.120 0.323 0.713 

Random-Posterior 0.101 -0.087 0.289 0.575 

Ventral-Dorsal -0.003 -0.199 0.193 1.000 

Random-Dorsal -0.004 -0.161 0.154 1.000 

Random-Ventral -0.001 -0.143 0.141 1.000 
Table 2.S1.  Comparisons between A-P and D-V enhancer and promoter mean 
positional  skew scores using Tukey HSD (multiple testing correction). Pairwise 
comparisons of mean positional skew score across the different predicted locations (anterior, posterior, 
dorsal, ventral) as well as sets of random genomic regions chosen to mirror the same total signal distribution 
of the tested regions. The table is derived from the output of the functions below that can also be found in 
the supplemental code file. 
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Anova_Enhancers_lm = lm(as.numeric(Anova_Enhancers_dataframe$ATACSkewScore) ~ 
Anova_Enhancers_dataframe$Location) 
Anova_Enhancer = aov(formula = as.numeric(Anova_Enhancers_dataframe$ATACSkewScore) ~ 
Anova_Enhancers_dataframe$Location) 
Tukey_Enhancers = TukeyHSD(Anova_Enhancer) 
write.table(Tukey_Enhancers$`Anova_Enhancers_dataframe$Location`, 
"020118_Anova_ALLLocations_Enhancers.txt") 
 
The output of the Tukey HSD function supplies the identity of the pair-wise comparison, “diff” which is the 
difference in the observed means, “lwr” which is the lower end point for the interval, “upper” is the upper 
end point for the interval, and “p adj” is the p-value after adjustments are made for multiple comparisons. 
 
	  Dm3 

Sample 
All 
reads 

unique concordant read 
pairs 

% 
Overall 
Alignmen
t Rate 
(includin
g 
multiple) 

ME_JH_112315_1105-ATACSlice2-01-20a 
3698456
4 7150892 92.69 

ME_JH_112315_1105-ATACSlice2-02-20p 
1938369
8 3825922 96.75 

ME_JH_112315_1105-ATACSlice2-5-1A 
3864139
5 11791951 91.54 

ME_JH_112315_1105-ATACSlice2-6-1p 
3879616
1 12329309 72.82 

ME_JH_112315_1105-ATACSlice2-7-
10whole 

4724427
6 12744976 97.68 

ME_JH_112315_1109-ATACSlice03-01-
20Ant 

5008761
4 16922406 95 

ME_JH_112315_1109-ATACSlice03-02-
20Post 

3445724
0 4056100 38.15 

ME_JH_112315_1109-ATACSlice03-03-
1plus2 

4221597
4 7688333 54.63 

ME_JH_112315_1109-ATACSlice03-04-
10whole 

4370634
8 14554768 96.69 

 

Normalization 

# of 
read
s 

Norm 
Factor 

Norm 
Method 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-02-20p_shifted.bed 

3491
390 

0.2864
18876 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-5-1A_shifted.bed 

4042
933 

0.2473
45182 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-6-1p_shifted.bed 

1015
137 

0.9850
88712 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-7-10whole_shifted.bed 

9653
037 

0.1035
9434 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-01-20Ant_shifted.bed 

1501
2534 

0.0666
11007 

1M D.mel 
Mapped reads 
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011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-02-20Post_shifted.bed 

3214
310 

0.3111
08761 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-03-1plus2_shifted.bed 

6400
186 

0.1562
45459 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-04-10whole_shifted.bed 

1299
7325 

0.0769
38909 

1M D.mel 
Mapped reads 

011617_101117_RemDUP_PE_041217_Bowtie2_ME_JH_112315_
1105-ATACSlice2-01-20a_shifted.bed 

5863
659 

0.1705
41977 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-02-20p_shifted_lessthan130.bed 

1180
552 

0.8470
61375 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-5-1A_shifted_lessthan130.bed 

1012
989 

0.9871
77551 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-6-1p_shifted_lessthan130.bed 

2735
32 

3.6558
79385 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
5-ATACSlice2-7-10whole_shifted_lessthan130.bed 

2752
608 

0.3632
91831 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-01-20Ant_shifted_lessthan130.bed 

5813
225 

0.1720
21554 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-02-20Post_shifted_lessthan130.bed 

1085
386 

0.9213
31213 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-03-1plus2_shifted_lessthan130.bed 

2233
399 

0.4477
48029 

1M D.mel 
Mapped reads 

011617_081817_RemDUP_041217_Bowtie2_ME_JH_112315_110
9-ATACSlice03-04-10whole_shifted_lessthan130.bed 

3579
281 

0.2793
8572 

1M D.mel 
Mapped reads 

011617_101117_RemDUP_PE_041217_Bowtie2_ME_JH_112315_
1105-ATACSlice2-01-20a_shifted_lessthan130.bed 

2098
610 

0.4765
05878 

1M D.mel 
Mapped reads 

011718_MERGED_2reps_081817_RemDUP_041217_Bowtie2_M
E_JH_112315_10whole_shifted_lessthan130.bed 

6331
889 

1.5793
07534 

10M D.mel 
Mapped reads 

011718_MERGED_2reps_081817_RemDUP_041217_Bowtie2_M
E_JH_112315_20Ant_shifted_lessthan130.bed 

7911
835 

1.2639
29291 

10M D.mel 
Mapped reads 

011718_MERGED_2reps_081817_RemDUP_041217_Bowtie2_M
E_JH_112315_20Post_shifted_lessthan130.bed 

2265
938 

4.4131
83415 

10M D.mel 
Mapped reads 

Table 2.S2. ATAC-seq halves mapping metrics. Cells A3 to D1l show the number of reads that 
were aligned by Bowtie2 (methods). B3 to B9 contain the total number of reads for each sample. C3 to C9 
show the number of concordant read pairs that aligned. D3 to D11 shows the overall alignment rate (including 
multiple and discordant reads) to represent what percent of the sample came from our expected genome 
(Drosophila melanogaster). Rows 13 to 34 show the read number changes after filtering out unmapped, not 
primary alignment, duplicates, failed platform checks, and improper pairs. Rows 23 to 31 show read numbers 
of each sample that are less than 130 bp. C14 to C34 show the normalization factor used to normalize each 
sample to the number in column D (1 million reads for all replicate samples and 10 million reads for samples 
where the replicates are merged).  
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Chapter 3: Nuclear localization of the pioneer factor 
Zelda at genomic targets. 
 
Abstract 
 
Nearly all mammalian transcription factors contain domains of intrinsic disorder. We and 
others have shown that the early-embryo, transcription factor, Zelda, which binds to 
enhancers and promoters before transcriptional activation occurs, forms clusters or “hubs” 
of high protein concentration in the nucleus. To understand whether regions of high-
intensity Zelda protein are associated with enhancer targets, I performed DNA FISH 
(fluorescent in situ hybridization) with twenty-three Zelda target sites alongside twenty-
five non-target sites simultaneously, using a modified version of oligopaint. I found that 
Zelda protein is modestly enriched by 16% at target sites over non-target sites. 
Additionally, I found a 24% enrichment at intergenic ChIP-seq peaks and a 17.8% 
enrichment at promoter ChIP-seq peaks. This enrichment is largely driven by a small 
percentage of spots localized to regions of high-intensity Zelda protein, except at Zelda 
intergenic ChIP-seq peaks, where there appears to be an increase in the average intensity. 
From these data, I conclude that Zelda target sites enrich for Zelda protein on a population 
level, but that most Zelda targets are not found in regions of high intensity Zelda protein. 
This suggests that while some of Zelda’s DNA targets are found within Zelda “hubs”, this 
is not seen globally. 
 
Introduction 
 
How transcription factors find their binding sites in the nucleus is still very much unknown. 
From ChIP-seq and other genome-wide assays, we know that transcription factors only 
bind to a small fraction of possible binding sites in the genome. Furthermore, TF binding 
is enriched at particular “hot spots”, which largely overlap enhancers. One motivating 
question is how do TFs find their target enhancers. A specific class of transcription factors, 
termed pioneer factors, has been shown to bind to enhancers and promoters before 
transcriptional activation of the region occurs. In the early Drosophila embryo, Zelda 
binding correlates highly with chromatin accessibility and deposition of activating histone 
marks. Zelda has also been shown to bind to nucleosomes in vitro. However, it is unknown 
how Zelda is carving the accessibility landscape during embryogenesis.  
 
Previous work from our group describes Zelda localization in live embryos by imaging 
Zelda tagged with mNeonGreen, using Lattice light-sheet and confocal microscopy139. 
Zelda forms incredibly dynamic “hubs” or puncta, which contain high concentrations of 
Zelda protein. These hubs have also been described by another group that visualized Zelda 
tagged with GFP140. Zelda binds DNA very transiently, on the order of 5 seconds. Dufourt 
et al. 2018 found that Zelda binding to DNA was as short as 0.24s. In fact, only 50% of 
observed Zelda proteins seemed to be bound to DNA (compared to 88% of histones) with 
the rest rapidly zipping around the nucleus, with longer single-molecule displacement at 
faster frame rates. FRAP (fluorescent recovery after photobleaching) experiments show 
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rapid recovery of Zelda protein after photobleaching, attesting to this high mobility. Other 
groups performed similar experiments and estimated Zelda diffusion to be on the order of 
4.5µm2s-1.  
 
While these hubs are interesting, it is unclear whether their formation or function is related 
to transcription. Bulk Zelda protein was not enriched at the hunchback locus when MS2 
was used to visualize active transcription in developing embryos. A slight enrichment was 
detected with tagged Bicoid, an early embryo TF, responsible for head formation, at the 
hunchback locus. Dufourt et al. 2018 also probed the Zelda local concentration at the snail 
locus in both live and fixed embryos and found that only a subset of MS2 spots localized 
to Zelda dense regions. Both of these experiments failed to consistently observe long 
lasting, stable contacts between loci undergoing active transcription and Zelda hubs.  
 
Despite the evidence that Zelda hubs are not localized to sites of active transcription, we 
decided to try a different approach. Instead of performing live imaging at one locus, I opted 
to perform DNA FISH on 23 target loci simultaneously, in the same nucleus, to 
characterize bulk Zelda protein distribution, averaged across many DNA targets. By using 
genomic DNA probes, I measured Zelda protein distribution at targets independent of their 
transcriptional activity. Importantly, using this method, we were able to compare 
enrichment at Zelda DNA target sites to internally controlled, non-target regions that do 
not overlap significant Zelda binding. Because Zelda protein is abundant in the nucleus, 
this control enabled me to parse site-specific Zelda enrichment above that seen at other 
DNA target sites. Here, I report a modest but consistent 15-20% enrichment of Zelda 
protein at Zelda target sites compared to non-target sites. This increase is the result of a 
small fraction of observed target sites that are located within the highest concentrations of 
Zelda protein and not from a large fraction of sites located in moderate levels of Zelda 
protein, for example. This result is consistent across different types of genomic targets and 
with what was observed previously at the snail locus. 
 
Results 
 
Modified oligopaint visualizes 48 pooled loci simultaneously. 
 
I set out to understand whether regions of high Zelda concentration are centered around 
target loci. If Zelda protein clusters bring together Zelda target loci, I reasoned that these 
loci would most likely be close together in 3D space. However, in the early Drosophila 
embryo, chromosomes are assembled in a stereotyped pattern where the centromere is 
oriented apically and the telomere is located basally. Indeed, nascent RNA FISH of 15 loci 
confirms that loci that are close in genomic space are nearby along the apical-basal axis of 
the nucleus 218. Therefore, I ordered Zelda ChIP-seq peaks along each chromosome and 
asked whether binding events cluster at any particular portion of the chromosome. This 
would indicate that these regions might be found in close proximity in 3D space (Figure 
3.1). However, Zelda binding is largely even across the four chromosomes, without any 
position being clearly favored. Several strong peaks have corresponding peaks on the 
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opposite arm, but Zelda binding is so ubiquitous that there is a strong likelihood this would 
happen by chance.  
 
From this observation, it seems unlikely that binding sites located distally along the 
chromosome arm are physically clustered in the nucleus. I then asked whether Zelda DNA 
target sites are located around high concentrations of Zelda protein. 
 
To address this, I fluorescently labeled DNA FISH probes for 23 loci that are highly bound 
by Zelda (termed “Zelda targets”) alongside 25 loci that are not sites of known Zelda 
binding (termed “non-targets”) and measured Zelda protein by immunofluorescence in 
fixed, stage 4 and 5 Drosophila embryos. I chose Zelda targets from a curation of genes 
that are zygotically expressed before cellularization 219. All of these genes overlap Zelda 
ChIP-seq from stage 4 and 5 Drosophila embryos110.  
 

 
Figure 3.1. Zelda binding across chromosomes 2 and 3.  
Peaks from Zelda ChIP-seq that was previously published110 that overlap top ChIP-seq peaks from other early 
embryo transcription factors (Bicoid, Hunchback, Kruppel, and Giant) plotted across the Drosophila second 
chromosome (top panel) and the third chromosome (bottom panel). The chromosome length is scaled in 
relation to the total length of the chromosome so the positions between left and right arms of the same 
chromosome and positions between chromosomes can be compared. Zelda ChIP-seq signal is in blue and 
locations of known early embryo patterning enhancers are designated by orange dashed lines. Signal on the 
right arm is purposely made negative so that it mirrors the left arm for ease of comparison.  
 
Due to the pervasiveness of Zelda binding, I manually selected Zelda non-targets. I chose 
regions that are not near strong Zelda ChIP-seq peaks and that are spaced out across each 
chromosome so that the closest target was 97,323 bp away. I took this precaution to ensure 
that loci could be visualized distinctly in images (Figure 3.2).  
 
I designed and synthesized DNA FISH probes following the oligopaint protocol developed 
by Alistair Boettiger and Brian Beliveau which was developed to tile large genomic regions 
220. I selected a set of computationally-designed, 30bp genomic sequences that tile 10kb 
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around my target loci, from publically available probe sets generated for Drosophila and 
synthesized by Custom Array. I added primer sequences and a reverse transcriptase 
priming region to each 30bp genomic sequence so I could amplify corresponding probe 
sets out of larger pools. After PCR amplification and in-vitro transcription, I end-labeled 
probes with a reverse transcriptase (RT) primer conjugated to an Alexa fluorophore such 
that all probes were labeled by a single fluorophore (Figure 3.3A). 
 
I amplified all probes that corresponded to the 23 10kb regions around known Zelda 
binding sites using their shared forward and reverse primer sequences. I then labeled this 
sub-pool with Alexa fluorophore 647 (AF647). I labeled non-target probes with AF546. I 
then purified the probes and performed DNA FISH. I co-incubated target and non-target 
probe sets with paraformaldehyde (PFA) fixed, stage 4-5 Drosophila embryos overnight. I 
then imaged embryos on a confocal microscope with a 63x oil objective to detect FISH 
spots for both Zelda targets and non-targets (Figure 3.3B). Spots largely fell within nuclei, 
although some occasionally were detected outside of the nucleus. However, I observed 
fewer than the expected number of spots per nucleus in each probe set. With 23 and 25 
targets in my probe sets, I expected roughly 48 spots per nucleus but only 17 and 15 spots 
per nucleus were detected on average for Zelda targets and non-targets respectively 
(Figure3.3C).  
 
Single gene oligopaint probes produce less than 4 spots/nucleus as expected, 
but nearly half do not have any detectable spots. 
 
One explanation for why we did not observe the expected number of spots is that our probe 
libraries did not contain a diverse set of sequences. I wondered whether a subset of probes 
corresponding to only a handful of regions had overtaken the pool during amplification. 
To address this, I made each probe set again, as described above, but after reverse-
transcription, I performed second-strand synthesis to generate Illumina compatible 
sequencing libraries. For each probe set, I made libraries both immediately after PCR and 
also after reverse-transcription to ensure that probes were being uniformly amplified at 
each step. Indeed, my probe sets were remarkably uniform after amplification (Figure3.4A, 
Figure 3.S1, red tracks). I did not observe any probe drop-out at this stage. There was much 
more variability in reverse transcription efficiency at the level of individual probes but even 
still, the most populated probe in each set was only 7.5x the average for Zelda targets and 
6.5x for non-targets.  
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Figure 3.2. Oligopaint probe set genomic locations. Panels depict the location of 
individual regions that make up the five pooled probe sets rendered in the UCSC genome browser. 
Bicoid peak probes (blue), Zelda targets (labeled Precell for precellularization - pink), Zelda ChIP-seq 
promoters (red), Zelda Intergenic peaks (green), Zelda non-targets (purple), UCSC refseq genes (dark 
blue), ORegAnno cis-regulatory element annotations (light blue and yellow).  
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Figure 3.3. Modified oligopaint can visualize single gene probes simultaneously.       
A) Depiction of single gene oligopaint probe design and synthesis workflow. 100 probes tiling each region 
were computationally selected and given the same forward and reverse primers so that they could be 
amplified in parallel. Probes were then end labeled with a single fluorophore conjugated to a reverse 
transcription primer. B) Max intensity projection of embryos containing pooled Zelda targets (red) and Zelda 
non-targets (yellow) on top of DAPI staining of DNA (blue). Please note that in this image background in 
the FISH channels has been reduced and brightness and contrast has been altered so that spots can be easily 
visualized. Importantly, only raw images were used in downstream analysis. C) Histograms depicting the 
number of segmented FISH spots counted in each nucleus (Zelda targets in purple and non-targets in blue). 
Spots were counted in 9 images across 861 nuclei from 3 embryos. Zelda targets and non-targets were 
counted in the same nuclei to be as consistent as possible. The kernel density estimate (PDF) is overlaid over 
the histogram.   

 
Satisfied that my pooled probes contained a diversity of sequences spanning all 25 regions, 
I then asked how many spots are seen per nucleus using single gene probe sets. To make 
single gene probes, I flanked all probes that tile each 10kb region with unique primer 
sequences. I performed DNA FISH with probes tiling the odd (odd-skipped) locus. Almost 
all nuclei had less than four spots, with the large majority having 0, 1, or 2 spots, as 
expected. More than 40% of nuclei did not have any detectable spots (Figure 3.4 B-C). 
This was also seen with the other single gene probe sets that I made. When I decreased the 
volume of the single gene probes that were added to the embryos, I observed a higher 
signal-to-noise ratio (Figure3.4B). However, this only led to a moderate decrease in the 
percentage of cells without any spots (Figure 3.4 C). When I performed DNA Fish with a 
single gene probe set for the even-skipped locus, which was made by amplifying genomic 
DNA, I saw that 0-5% of nuclei had 0 spots. To understand why a high percentage of cells 
lacked any discernable FISH spots, I changed the fix conditions, probe concentration, probe 
density, and tiling length.  
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Increasing the number of probes and the length of the tiled region increased 
the number of nuclei that contained spots.  
 
While there are many possible reasons why I failed to detect FISH spots in a large 
percentage of nuclei, I decided that the most probable reasons were 1. uneven fixation 
making some nuclei impermeable to the probes, 2. low signal and high background creating 
stochasticity in spot detection, or 3. that probes are sterically hindered from accessing their 
targets. Towards addressing the concern of uneven fixation, I performed DNA FISH with 
single gene probe sets with embryos that had been fixed with 4% formaldehyde (FA) and 
4% paraformaldehyde (PFA). The FA fix was done for 20 minutes with vigorous shaking 
in glass scintillation vials and is the method typically used for ChIP-seq. The PFA fix is 
typically used for imaging and other more sensitive applications and is done for 30 minutes 
rocked gently in plastic tubes in a fix solution containing Triton X-100 so that embryos do 
not stick to the tubes. I found that embryos from both fix methods have the same percentage 
of nuclei with 0 spots (Figure 3.5A). While this experiment is not conclusive that fixation 
does not have any effects, it does show that there is no discernable difference between these 
two fix protocols. 
 
I then used a brighter fluorophore to test whether the percentage of 0 spots per nucleus 
decreases with a greater signal-to-noise ratio. I used the Atto550 dye to produces much 
brighter spots (Figure 3.5B inset). However, this fluorophore only decreased the 0 spot rate 
to between 40-45%, depending on how I thresholded (Figure 3.5B).  
 
Finally, I decided to generate probes that span a larger genomic region, like previously 
published probe sets220. I created three different probe sets, tiling the even-skipped locus, 
spanning 10 kilobases (kb), 50 kilobases, or 100 kilobases. The 10kb probe set is distinct 
from the one I used in the previously described experiments in that it has a higher density 
of probes per kilobase (16 probes/kb instead of 10 probes/kb in the previous set). I labeled 
each of these probe sets with AF647 and performed DNA FISH on fixed embryos. For the 
10kb probe set, 41.6% of nuclei still did not contain any spots and the 50kb probe set only 
decreased it to 37.8% (Figure3.5C). 
 
However, for the probe set spanning 100kb, the percentage of nuclei that contained 0 spots 
dropped to 16.5% (Figure 3.5C). When I further restricted the segmentation threshold, I 
saw this number decrease as did the number of cells with greater than four spots, indicating 
that the threshold I chose is not just decreasing specificity. I have found that when the 
threshold is too permissive the number of nuclei that have more than four spots increases. 
Thresholding is extremely important in these counting experiments and though a more 
permissive threshold will decrease the percentage of nuclei without spots, if this is only 
due to aberrant spot calling, it will correspondingly increase the percentage with greater 
than 4 spots. 
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Figure 3.4. Oligopaint probe pools are diverse but single gene probes produce a large 
number of nuclei with no spots even with increased fluorophore signal.  
A) Graphs depict counts of probes across two selected 10kb regions that were sequenced. The top panel 
shows sequence counts across the eve locus and the bottom panel shows a non-target region. The two blue 
tracks show probe counts from samples after reverse transcription across two replicates. The two red tracks 
show probe counts from samples after PCR but before reverse transcription. Counts are not normalized 
between tracks so comparisons can only be made within each track. B) Single gene oligopaint probes against 
the odd-skipped locus labeled with AF647 for two different volumes of added probes. The top two images 
are max intensity projections from samples where I added 0.25 µl of probe. The bottom two are from samples 
where I added 1 µl of probe. Contrast and brightness were adjusted identically across all four images which 
is why the background signal overwhelms target spots in the 1 µl samples. C) Bar graph depicts the average 
percentage of nuclei containing 0, 1, 2, 3, 4, or more than 4 DNA FISH spots. Comparisons are made between 
embryos where 0.25 µl of the single-gene odd-skipped probes were added (yellow bars) and those where 1µl 
of probe was added (pink). DNA FISH spots were thresholded using WEKA machine learning algorithms 
trained on manually called spots. 0.25 µl and 1 µl averages were computed from four z stacks across two 
embryos, at three different threshold confidence cutoffs. Error bars depict the standard deviation across 
images and thresholds.  
 
From these experiments, I am confident that FISH spots represent genomic loci. 
Additionally, the reason I observe fewer spots per nucleus than I expect for the pooled 
probes is likely that 100 fluorophores is at the lower limit of how many are needed for 



	

	 59	

consistent detection over background. Therefore, I find it likely that each nucleus contains 
spots that correspond to a random mixture of loci - although it is still possible that detection 
fallout happens more at some loci than others due to other biological factors.  
 
Zelda protein is enriched at Zelda target sites. 
 
After I established that my pooled probes are diverse, I asked whether there is an 
enrichment of Zelda protein at Zelda FISH target sites over non-target sites. To do this, I 
performed DNA FISH with Zelda targets labeled with AF647 and non-targets labeled with 
AF546 as described previously. Zelda target probes contained 23 regions while non-target 
probes contained 25 regions. 100 probes tiled each of these regions, spanning 10kb. After 
I performed DNA FISH, I stained the embryos with a polyclonal, rabbit Zelda antibody 
and a nuclear lamina antibody. I then counterstained with DAPI (4’,6-diamidino-2-
phenylindole, Figure 3.6A). After imaging, I segmented Zelda target and non-target spots 
and summarized Zelda protein signal within a 0.8µm x 0.8µm window, centered around 
each spot (Figure 3.6C-J). Zelda target spots were highly enriched for target spot 
fluorescence (AF647 channel) when compared to non-target spot fluorescence (AF546 
channel). This indicates that my spot segmentation was successful in calling and separating 
target and non-target spots (Figure 3.6 C-D). Conversely, non-target spots were enriched 
for non-target signal (AF546 channel, Figure 3.6 E-F). When I performed this analysis with 
Zelda protein fluorescence (AF488 channel), I saw more Zelda protein at target spot centers 
than at non-target spot centers (Figure 3.6 G-H). As a control, I also summed the DAPI and 
lamina signal present at target and non-target spots. Here, DAPI and lamina signal 
produced a weak concentric pattern at both target and non-target spot centers. This 
indicates that some of the concentric pattern is an artifact, perhaps resulting from spots near 
the edges of nuclei (Figure 3.6 I-J), although I filtered out spots where the window overlaps 
the edge of the nucleus. While this is important to keep in mind, this artifact was present 
for both targets and non-targets and so it is accounted for when I calculated enrichment.  
 
I then calculated the percent enrichment of Zelda protein signal (AF488 channel) at Zelda 
target spots (AF647 channel) over non-target spots (AF546 channel). To do this, for each 
image (n=9), I summed Zelda protein signal found at the center of 500 randomly-selected 
target spots and divided that by the sum of Zelda protein signal found at the center of 500 
randomly selected non-target spots. I found that there is a 16% ± 9.4 enrichment of Zelda 
protein at target spots compared to non-target spots. Comparatively, I only detected a 1% 
± 4.4 increase in the DAPI and lamina channel at target spots compared to non-targets 
(Figure 3.6K).  
 
I then addressed whether this enrichment is due to target sites overlapping regions of 
moderate Zelda protein or from a small fraction of sites at high intensity regions. To 
distinguish between these two possibilities, I compared the distribution of Zelda protein at 
the centers of 4500 Zelda target spots (purple) and non-target spots (blue).  
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Figure 3.5. Fixation and fluorophore brightness do not increase spot detection but 
increasing probe density and number does.  
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Figure 3.5. Increasing probe density and number increases spot detection but fixation 
and fluorophore brightness does not. A) Bar graph comparing the percentage of nuclei with 0, 1, 
2, 3, 4, or more than 4 DNA FISH spots detected per nucleus for odd-skipped single-gene probes in samples 
fixed with paraformaldehyde (yellow) and formaldehyde (orange). DNA FISH spots were segmented using 
WEKA machine learning trained on manually-called spots. For PFA samples, averages were computed from 
three z-stacks, across two embryos, at three different thresholding confidence cutoffs. For FA samples, 
averages were computed from four z-stacks, across two embryos, at three different thresholding confidence 
cutoffs. Error bars depict the standard deviation across images and thresholds.     B) Bar graph comparing the 
percentage of nuclei with 0, 1, 2, 3, 4, or more than 4 DNA FISH spots per nucleus for odd-skipped single-
gene probes coupled to a very intense Atto550 fluorophore across three different thresholds. Threshold 0 is 
the least stringent (yellow) and threshold 2 is the most (red). Averages were computed from four z-stacks 
across two embryos. C) Bar graph compares percentage of nuclei containing 0, greater than 0, or greater than 
4 DNA FISH spots per nucleus generated with even-skipped single gene probes spanning 10kb (yellow), 
50kb (orange), or 100kb (pink and purple). The blue bar represents embryos where double the volume of 
100kb eve probe was added to embryos. Two adjustments to thresholding were made for 100kb spots –
maximum intensity projections were used to threshold and the triangle threshold cutoff was decreased by 1 
to account for the larger spots and increased background. Thresholding accuracy was checked manually for 
these samples. Sample averages were computed from the following: four z-stacks across one embryo for eve-
10kb, seven z-stacks across two embryos for eve-50kb, and two z-stacks across one embryo for both eve-
100kb volumes. 
 
I found that only 9.5% of all target spots overlap regions of high-intensity Zelda protein 
(Figure 3.6L, greater than 40,000 AU) vs 4.15% of non-targets. Furthermore, 69.7% of all 
spots that overlap high intensity Zelda protein are Zelda target sites. 
 
Zelda protein is enriched at Zelda intergenic and promoter ChIP-seq peaks. 
 
I next asked whether Zelda protein is enriched at Zelda ChIP-seq peaks overlapping 
intergenic or overlapping promoters. I selected 25 and 24 top-ranked intergenic and 
promoter peaks. I did not filter out peaks that overlap Zelda targets so four intergenic and 
four promoter peaks are redundant with the first target probe set.  
 
With this method, one can see whether the protein of interest is enriched at a group of 
genomic targets, whether this enrichment changes in nuclei across the embryo, and whether 
there is variability between single cells. While this is also true for other DNA FISH 
methods, this protocol differs in that hundreds of regions can be simultaneously measured 
as a collective testing predictions about a group of regions instead of individual regions.  
 
For both intergenic and promoter Zelda ChIP-seq peaks, I saw a similar enrichment of 
Zelda protein compared to non-targets. For intergenic peaks, I found a 24.4% ± 8.65 
enrichment of Zelda protein signal and a 3.5% ± 4.57 enrichment of DAPI and lamina 
signal over non-targets (Figure 3.7 I). Similar to Zelda target sites, I saw a notable shift in 
the distribution Zelda protein at the centers of intergenic peak spots compared to non-
targets (Figure 3.7 J,K). A slightly larger percentage of Zelda intergenic peak spots were 
located at high concentrations of Zelda protein (27% of intergenic spots > 40,000 AU, vs 
15% of non-target spots) with 64% of all spots found at high Zelda concentrations being 
an intergenic spot (Figure 3.7K).  
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Figure 3.6. Zelda protein is modestly enriched at target sites compared to non-target 
sites.  
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Figure 3.6. Zelda protein is modestly enriched at target sites compared to non-target 
sites. 
A) Schematic of dual DNA FISH and immunofluorescence (IF) experiments with Zelda target and non-target 
pooled probes. Zelda targets were labeled with AF647 (red), non-targets were labeled with AF546 (orange), 
Zelda protein detected by an α-Zelda antibody was labeled with a AF488 secondary antibody (green), and 
AF405 (blue) was a composite of DAPI and α-laminin antibody staining. B) Four consecutive, single frames 
traversing a Z-stack with Zelda target spots labeled in blue and high intensity Zelda protein signal in purple. 
Zelda protein signal was filtered such that only high intensity clusters can be seen. Background was removed 
from the FISH channel. Brightness and contrast have been adjusted in this image for ease of visualization. 
Arrows point out spots appearing over the z-stack. Some seem to be in regions of high intensity Zelda while 
others do not. C-J) Images summarize a 15x15 pixel window (0.8µm x 0.8µm) of fluorescent signal around 
segmented Zelda target FISH spots (C,E,G,I) and non-target probe sets (D,F,H,J). Images from the same row 
(C-D, E-F, G-H, I-J) share a common color bar but color bars differ for each fluorophore. A total of 861 
nuclei, from nine z-stacks, and three embryos was used to create summary images. C-D) Zelda target signal 
(AF647) around Zelda target (C) and non-targets FISH spots (D). E-F) Non-target signal (AF546) around 
Zelda target FISH spots (E) and non-targets (F). G-H) Zelda protein signal (AF488) around Zelda target (G) 
and non-target FISH spots (H). I-J) Combined DNA and lamina protein signal (AF405) around Zelda target 
(I) and non-target FISH spots (J). K) Percent enrichment was calculated from DNA and lamina pixel intensity 
(blue) and Zelda protein (AF488) intensity at the center of AF647 spots over AF546 spots (Zelda targets over 
non-targets). P-value is indicated on the right corner. L) Histogram of Zelda protein pixel intensity (AF488) 
at the center of Zelda target spots (purple) and non-targets (blue). M) Histogram of combined DAPI and 
lamina pixel intensity (AF405) at the center of Zelda target spots (purple) and non-targets (blue). N) 
Distributions in L are summed and the fraction of spots in each intensity bin corresponding to Zelda targets 
(blue) and non-targets (purple) is plotted as a fraction of the total. 
 
Interestingly there is a noticeable shift in the intergenic peak center distribution towards 
higher Zelda protein concentration not observed for non-targets (Figure 3.7J). 
 
The same general trend holds true for Zelda binding at top Zelda promoter ChIP-seq peaks 
(Figure 3.7 L-S). For this experiment, I labeled Zelda promoter ChIP-seq peaks with 
AF546 and non-targets with AF647 to control for any effect that the fluorophore might 
have on  detection and thresholding. Despite the difference in fluorophore, an enrichment 
of Zelda protein was similarly detected at Zelda promoter peaks (Figure 3.7 P,Q). 17.9% ± 
5.96 enrichment was observed at Zelda protein at ChIP-seq promoters over non-targets 
(Figure 3.7T – note: the percent enrichment is calculated by the ratio of AF647/AF546. 
Because the fluorophores were flipped in this sample, the graph is actually read as a 
negative enrichment of non-targets over ChIP-seq promoters). The distribution of Zelda 
protein signal at the center of ChIP-seq promoters is similar to the other distributions, 
showing a heavy right tail, with promoters in blue and non-targets in purple (Figure 3.7 
U,V). 
 
From these data, I conclude that the signal responsible for the increased enrichment at 
Zelda ChIP-seq and Zelda targets stems from a small number of spots in regions of high 
intensity Zelda protein. However, for intergenic peaks, there is an added rightward shift in 
the average of the population as a whole that is greater than that seen for promoters or 
Zelda targets (difference in means, intergenic peaks - 5567 AU, promoter peaks – 2136 
AU, Zelda targets – 2230 AU). This may be indicative of a more systematic increase in 
Zelda protein concentration at top intergenic peaks.  
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Discussion 
 
I set off to understand whether Zelda protein is enriched at its DNA targets and whether 
regions of high intensity Zelda protein overlap target enhancers. While this had not been 
detected in live imaging of the hunchback or snail locus, I reasoned that looking at many 
loci simultaneously would allow us to see if this holds true on a population level. To do 
this, I modified oligopaint, which uses synthesized probes tiling chromosomes, to look at 
48 single genes simultaneously, in the same cell. I then performed DNA FISH and 
immunofluorescence to ask whether Zelda protein is enriched at Zelda target loci. We 
found that Zelda protein is indeed enriched at target sites over non-target sites. This was 
seen for three different categories of Zelda targets. Zelda targets (Figure 3.6) consist of 
zygotic genes expressed early in the embryo. All of these targets overlap Zelda ChIP-seq 
peaks. Additionally, Zelda protein was enriched at Zelda ChIP-seq peaks overlapping 
intergenic or promoter regions. In all cases, this enrichment was modest, 16% for Zelda 
targets, 17.9% at promoters, and 24.4% at intergenic regions. Zelda is expressed highly in 
nuclei at this stage and this enrichment reflects an increase over this already high 
background level of Zelda expression.  
 
While this increase could be biologically meaningful, these experiments do not empirically 
validate whether it is. However, at the very least, this enrichment likely reflects similar 
binding to that measured in ChIP-seq experiments.  
 
I then asked whether these loci overlap high intensity Zelda protein and if so how often. I 
found that a small fraction of both targets and non-targets overlapped high-intensity Zelda 
protein, 9.5% of Zelda targets (vs 4.15% non-target spots), 27% of intergenic spots (vs 
15% of non-target spots), and 1% of promoter spots (vs 0.29% of non-target spots), though 
this percentage was highly contingent on what my cutoff for “high intensity” Zelda protein 
was. I also found that spots overlapping high-intensity Zelda protein were most commonly 
Zelda targets. That percentage increased with protein concentration (Figure 3.6N and 
Figure 3.7K,V). From this I conclude that only a small fraction of these targets is found at 
high intensity Zelda protein regions.  
 
Because all of my experiments were done with populations of targets, it is not clear whether 
this percentage is derived from a handful of targets that are always located at high 
concentrations or whether all targets are in high protein concentrations a small fraction of 
the time. Dufourt et al. 2018 reported no obvious colocalization between GFP-Zelda and 
the snail locus, with only a small fraction of snail spots residing in high intensity regions. 
I measured Zelda protein signal at the even-skipped locus. This data is preliminary because 
Zelda antibody staining was irregular. However, these data show an enrichment of Zelda 
protein of the same general magnitude as that seen for pools (23% ±  8.87 at even-skipped 
vs 3% ±  3.13 at a random control spot), although the distributions look much more 
monotonic, with a marked shift of the highest peak. This may be an indication that there 
are some loci within the pooled populations that often overlap high Zelda protein 
concentrations but further experiments are needed to explore this futher.  
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Figure 3.7. Zelda protein is modestly enriched at intergenic and promoter ChIP-seq 
peaks. 
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Figure 3.7. Zelda protein is modestly enriched at intergenic and promoter ChIP-seq 
peaks. 
A-H, I,J,K) Images summarize a 15x15 pixel window (0.8µm x 0.8µm) of fluorescence around intergenic 
peaks (A,C,E,G) and non-target (B, D,F,H) FISH spots. Each pair of target and non-target summaries (A-B, 
C-D, E-F, G-H) shares a common color bar and can be compared. However, color scales differ for each 
fluorophore. A total of 1244 nuclei from twelve z-stacks and two embryos were used to make summary 
images. A-B) Intergenic peak signal (AF647) around intergenic peak (A) and non-target (B) FISH spots.  C-
D) Non-target FISH signal (AF546) around intergenic peak (C) and non-target (D) FISH spots. E-F) Zelda 
protein signal (AF488) around intergenic peak (E) and non-targets (F) FISH spots. G-H) Combined DNA 
and lamina protein signal (AF405) around intergenic peak (G) and non-target (H) FISH spots.           I) Percent 
enrichment was calculated from DNA and lamina pixel intensity (blue) and Zelda protein (AF488) intensity 
at the center of AF647 spots over AF546 spots (intergenic peaks over non-targets).        P-value is indicated 
on the right corner. J) Histogram of Zelda protein pixel intensity (AF488) at the center of intergenic peak 
(purple) and non-target spots (blue). K) Histogram distributions in S are summed and the fraction of spots in 
each intensity bin that correspond to intergenic peak (purple) and non-targets (blue) spots is plotted as a 
fraction of the total. L-S, T, U,V) Images summarize a 0.8µm x 0.8µm window of protein signal around each 
promoter peak (L,N,P,R) and for non-target FISH spot (M, O, Q,S). Each pair of promoter peaks and non-
target summaries (L-M, N-O, P-Q, R-S) shares a comparable color bar. However, color scales differ for each 
fluorophore. A total of 1244 nuclei from twelve z-stacks and two embryos were used to make summary 
images. L-M) Promoter peak signal (AF647) around promoter peak FISH spots (L) and non-targets (M). N-
O) Non-target FISH signal (AF546) around promoter peak DNA FISH spots (N) and non-targets (O). P-Q) 
Zelda protein signal (AF488) around promoter peak FISH spots (P) and non-targets (Q). R-S) Combined 
DNA and lamina protein signal (AF405) around promoter peak FISH spots (R) and non-targets (S). T) 
Percent enrichment was calculated from DNA and lamina pixel intensity (blue) and Zelda protein (AF488) 
intensity at the center of AF647 spots over AF546 spots (promoter peaks over non-targets). P-value is 
indicated on the left corner. U) Histogram of Zelda protein intensity (AF488) at the center of promoter peak 
spots (purple) and non-targets (blue). V) Histogram distributions in S are summed and the fraction of spots 
in each intensity bin that correspond to promoter peak spots (blue) and non-targets (purple) is plotted as a 
fraction of the total. 
 
Another observation is that intergenic peaks, on average, reside at much greater Zelda 
protein concentrations than random regions. This increase is almost double the change seen 
at Zelda targets or promoter peaks. This may be indicative that, on a population level, 
intergenic peaks are interacting with Zelda protein differently than with other sets of loci. 
This does not seem to be reflective of stronger ChIP-seq peak height. Intergenic loci might 
enrich for a certain type of genomic element and indeed intergenic peaks enrich for known 
enhancers.  
 
Future directions 
 
There are several experiments that should be done to follow up with this work. First, Zelda 
protein signal should be measured around single gene probes. I have done this experiment 
twice for even-skipped but due to changes in my fixation protocol and Triton-X, I have not 
been able to get efficient Zelda protein staining in those samples. Remaking single gene 
probes and measuring Zelda across regions individually is fairly time consuming but would 
be meaningful in terms of understanding what is driving the enrichment I have reported 
here.  
 
Zelda enrichment could be measured at loci using Zelda C-terminal and DNA-binding 
domain truncations. These experiments would expand our understanding of what is 
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happening at these loci. Zelda’s C-terminal domain is highly disordered and is the domain 
in which activators are thought to interact with. If Zelda protein lacking a C-terminal 
domain is no longer enriched at target sites it would lend to a model where the IDRs within 
Zelda are facilitating target binding and activation. On the other hand, if Zelda without a 
DNA binding domain is still enriched at its target sites that would tell us that the enrichment 
reported here is not simply from bound Zelda – although I highly suspect that it is.  
 
Because Zelda is essential for survival, Zelda protein mutations are mostly introduced via 
heterozygous flies, germline clones, or transgenes. While I have a line with Zelda that has 
a C-terminal truncation from Michael Stadler, it is tagged with mNeon, and antibodies 
against mNeon have not been particularly successful in our hands. I also have a line with a 
C-terminal truncation of Bicoid tagged with GFP from Colleen Hannon that would be 
interesting to analyze.  
 
I performed several experiments measuring Bicoid protein across Bicoid target sites. While 
I did not discuss those here, there is much that can be done to analyze Bicoid enrichment 
at target sites across the anterior-posterior axis. While I have collected A-P positioned 
images across one embryo, I need to collect many more to make any claims about Bicoid 
enrichment at target sites. While I did find that Zelda protein is enriched at Bicoid target 
sites, all of these target sites also overlap a Zelda ChIP-seq peak - making this finding 
altogether not that interesting.  
 
What would be the most interesting here is to understand what relationship Zelda has with 
target loci activity. One experiment that I have considered is labeling nascent RNA and 
DNA simultaneously so that I can track loci that are both transcriptionally active and 
inactive. My current protocol has an RNase step so a new DNA FISH protocol would have 
to be optimized for this experiment to work. However, this experiment would be 
particularly informative because single loci labeled with MS2 have been unable to detect 
an enrichment.  
 
Ultimately, whether or not these experiments shed light on Zelda hub activity, this method 
can be applied to a variety of interesting problems. This method allows essentially for 
spatially resolved ChIP-seq at fifty loci, in the same nucleus, in one sample, which 
exponentially increases the number of loci that can be measured with traditional FISH 
methods. 
 
Materials and Methods 
 
Oligopaint probe design.  
Probes from dm6 were taken from https://oligopaints.hms.harvard.edu/ . These probes 
were designed by the oligominer tool using the balanced set which compromises between 
stringent (max probe-binding affinity, for stringent wash conditions) and coverage (to 
maximize the number of probes found) settings. Probes were filtered to be 35 nucleotides 
long with a hybridization temperature of 42˚C. For pooled and odd-skipped probes, a 
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density of 10 probes/kb was used (100 probes total per locus). For the even-skipped probe 
sets, different probe densities and total number was used.  
 
Forward and Reverse indexes were taken from those previously used which were 
themselves filtered for use in Drosophila from a set generated here. The same forward and 
reverse primers were used for all loci in each of the 5 categories. The RT priming region 
was taken directly from ref. 220 supplement. Final probe sequences are found in 
Supplemental Table 3.S1 (chip1 – regions all labeled with the same primer), S2 (chip2 – 
all loci labeled with individual primers), S3 (chip3 – even-skipped, giant, and hunchback 
loci with 10kb, 50kb, and 100kb sets).   
 
Table 3.1. even-skipped probe set at three different lengths. 
 

gene name 
length of region 

tiled (bp) # of probes probes/kb 

eve10kb 10000 161 16.168 
eve50kb 50000 773 15.503 
eve100kb 100000 1487 14.908 

  
Oligopaint probe synthesis 
Single stranded probe pools were synthesized by CustomArray. For each group, primers 
matching each group were used in separate PCR reactions to amplify all probes belonging 
to that group. PCR was performed using Phusion Hot-start Master mix (25µl Phusion, 15µl 
dH20, 2.5µl 10µM Forward primer, 2.5µl 10uM reverse primer (with T7 promoter 
sequence added to the 5' end, 2.5µl of a 1:50 dilution of the probe library, and 2.5µl 20x 
SYBR Green. Reactions were run in an RT-PCR machine for a limited amount of cycles, 
experimentally determined to be that at which the fluorescence is equal to 1/3 of the final 
intensity. For most probe sets, this was 13 cycles. Probe libraries were validated by running 
2µl of post-PCR mix on a 2% agarose gel. I was looking for a single band of the right size 
(120-160bp) and for no high molecular weight bands. PCR products were cleaned with a 
Zymo-DCC-5 column and eluted in 11µl of H2O. All PCR products were then added to a 
T7 reaction using HiScribe T7 RNA synthesis kit, along with 10µl of NTP buffer mix, 2µl 
of T7 pol Mix, and 1µl of RNase Inhibitor. Reactions were incubated at 37ºC overnight. 
To that reaction, the following were added: 4µl of 10µM dNTP, 6µl of 200µM fluorophore 
labeled primer, 1µl of Maxima H Minus RT Enzyme, 4µl of RNasin RNase Inhibitor, and 
10µl of RT buffer from the Maxima H Minus kit.  This reaction was then incubated at 50ºC 
for 1 hour. Following, 25µl of a 1:1 mixture of 0.5M EDTA and 1M NaOH was added to 
the reaction. Then the reaction was heated to 95ºC for 10 minutes in order to digest the 
remaining RNA. 2µl of this reaction was run on a 15% TBE-Urea gel for 40 minutes at 
120V in heated, 1x TBE running buffer and stained using 1x GelGreen. Final pools were 
cleaned up by combining the 75µl reaction with 150µl Oligo Binding buffer, adding 600µl 
of 100% Ethanol, mixing carefully, and then transferring to a Zymo DCC-25 spin column. 
Columns were spun at ≥ 10,000 x g for 30 seconds. 750µl of DNA wash buffer was added 
and spun through the column. This step was repeated and the column was then transferred 
to a clean 1.5ml Eppendorf tube. 40µl of H2O was applied to the column and eluted DNA 
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was spun through and collected. Probes were concentrated with a speed-vac for 10-20 
minutes to bring the final volume down to 10µl.  
 
Random primer sequence generation for single genes. 
To generate 103 random primer sequences for indexing single gene probes, I started with 
a published list of 25mers that had already been filtered for many parameters including 
melting temperature, GC content, and repetitive sequences221. I selecting only those that 
had a Tm between 67˚C - 72˚C. I then aligned the remaining 25mers to the Drosophila 
genome (dm6) and excluded any that had 15 or more consecutive matching bases. I blasted 
the remaining sequences to themselves and excluded those with 10 or more consecutive 
matching bases at the 3’ end of the primer. This resulted in 3,521 primers. From these I 
selected 150 primers that had a GC clamp (with a G or C in the last or second to last base) 
and that did not have more than 4 identical bases in a row.  
 
Target Selection 
I ordered probes spanning DNA targets divided into five different groups, each containing 
a unique forward and reverse primer pair for amplification from the pool. Zelda targets 
encompass genes that are expressed before cellularization occurs. This list is taken from 
ref 219. There was a significant Zelda ChIP-seq peak around each of these targets110. The 
second group contains 25 Zelda non-targets which are regions that do not overlap Zelda 
ChIP-seq signal and are at least 90 kb away from any other target. The third and fourth 
groups contain 25 of the top Zelda ChIP-seq peaks that were designated as being in 
intergenic regions and 23 that were designated as being in promoter regions. The fifth 
group consists of top Bicoid ChIP-seq peaks from81 that were designated as being 
intergenic. Unfortunately, most of these regions also overlap Zelda peaks. 
 
Embryo collection and fixation 
In all experiments (with the exception of those testing different fix conditions), embryos 
were fixed with 4% paraformaldehyde. Briefly, Oregon R adult flies were caged and left 
for 3 days at 25˚C before collecting embryos. Then plates were cleared for 30 minutes, and 
embryos were collected for two hours and aged for 90 minutes. Freshly prepared 50% 
bleach was added to each plate and embryos were dislodged with a paintbrush and 
incubated for 2 to 3 minutes. Embryos were then poured into homemade sieves and rinsed 
with filtered water for several minutes. Embryos were then transferred to a 1.5ml tube 
containing 1ml of 1x PBS + 0.5% Triton X-100. Once embryos fell to the bottom of the 
tube, they were washed with filtered water and isopropanol. All isopropanol was removed 
before fixation.  
 
PFA fixation 
Fix solution containing 1x PBS, 0.1% Triton X-100 and 4% paraformaldehyde (obtained 
fresh monthly from glass ampules) was added in equal volume with 100% heptane in a 
1.5ml Eppendorf tube. Embryos were then rocked gently on a rotator plate for 30 minutes. 
The lower aqueous layer was then removed and replaced with 750µl of 100% methanol. 
Tubes were vortexed for 30 seconds and all devitellinized embryos should fall to the 
bottom. Sometimes they do not – it’s really annoying. I have found that for whatever 
reason, fresh methanol and heptane helps. Methanol and any embryos that remained 
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between the layers, was replaced with 1ml of fresh methanol and washed two more times. 
Embryos were stored long term at -20 ˚C in methanol.  
 
FA Fixation 
Formaldehyde fix solution contained 1x PBS and 4% formaldehyde. Embryos were 
bleached and washed as described above. Embryos were then placed into glass scintillation 
vials containing 3mls of fix solution. An equal volume of heptane was then added to the 
vial which was shaken vigorously for 20 minutes. The lower aqueous layer was removed 
and replaced with 1ml of 100% methanol. Embryos were then transferred to a 1.5ml 
Eppendorf tube. Tubes were vortexed for 30 seconds and all devitellinized embryos should 
fall to the bottom. Embryos were washed with methanol two more times and were stored 
at -20˚C in methanol. 
 
DNA FISH  
My DNA FISH protocol was adapted from Bantignies and Cavalli published online at the 
following link. Formamide containing solutions were handled in a chemical hood.  
 
DNA FISH Day 1 – Prehybridization. Fixed embryos stored in methanol were taken out 
of -20 ˚C and rehydrated by washing with 1ml each of the following solutions, rocking 5 
minutes per step: 90% MeOH ; 10% PBTWEEN (1x PBS, 0.1% Tween) , 70% MeOH ; 
30% PBTWEEN, 50% MeOH ; 50% PBTWEEN, 30% MeOH ; 70% PBTWEEN, and 
100% PBTWEEN. PBTWEEN is a solution consisting of 1x PBS and 0.1% Triton X-100. 
Embryos were then incubated in 1ml of 150 µg RNaseA (15µl of 10µg/µl) in PBTWEEN 
for at least 2 hours at room temperature. Then embryos were incubated for at least 1 hour 
at room temperature in 1ml of PBS-Tr (1x PBS ; 0.3% Triton X-100). Embryos were then 
transferred into a prehybridization mixture (pHM – 4x SCC, 50% formamide, 0.1% Tween, 
100mM NaH2PO4, pH 7.0) by passing through 1ml each of the following solutions, rocking 
for 20 minutes between each wash: 80% PBS-TR; 20% pHM, 50% PBS-TR; 50% pHM, 
20% PBS-TR; 80% pHM, 100% pHM.  
 
Hybridization. Probes were denatured in 30µl of FISH hybridization buffer (FHB- 2x 
SSC, 50% formamide, 0.5mM salmon sperm DNA, 10mM dextran sulfate) in the PCR 
machine at 95˚C for 10 minutes. They were then added immediately to embryos without 
prior cooling. While the probes were denatured, embryos were incubated at 80˚C in 100% 
pHM for 15 minutes. While the embryos were still at 80˚C, I removed as much of the buffer 
as possible and added the denatured probes in FHB. Embryos were then incubated in a 
thermomixer at 37˚C with gentle agitation (450rpm) for 14-17 hours (overnight) in the 
dark.  
 
Probe concentration. For probe pools, 1µl of the final probe set was used. For single gene 
probes, 0.25µl of probe was found to be the best in terms of the signal-to-noise ratio. For 
traditional DNA FISH probes, 1µl of probe was used. Probe concentration was calculated 
by measuring the absorbance of the dye using a nanodrop. I calibrated these measurements 
with a standard curve of end labeled oligos (1 fluorophore per molecule). Single gene probe 
concentrations were around 100 ng/µl. Pooled probes were around 700 ng/µl.  
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DNA FISH Day 2 – Post-hybridization washes. All washes were performed in the dark. 
500µl of post hybridization solution 1 (50% formamide, 2x SSC) was added to the embryos 
and all supernatant was removed. Embryos were then wash for 20 minutes in 1ml of each 
wash solution: 2x wash with 50% formamide: 2x SCC in a thermomixer at 37˚C at 800 
rpm, 40% formamide: 2x SCC in the thermomixer set to 800 rpm at 37˚C, 30% 
formamide:70% PBTWEEN in the thermomixer (800 rpm) at 37˚C, 20% formamide:80% 
PBTWEEN in a thermomixer set to 800 rpm at 37˚C, 10% formamide:90% PBTWEEN on 
the rotator at room temperature, 100% PBTWEEN on the rotator at room temperature, and 
100% PBS-Tr on the rotator at room temperature.  
 
Immunostaining. After the post-hybridization washes, embryos were blocked in 100µl 
PBTB (1x PBS, 0.3% Triton-X, 1% BSA) for 30 minutes at room temperature. Then 
primary antibodies were added to the corresponding samples. 1:500 of rabbit, polyclonal 
anti-Zelda antibody110, 1:500 of anti-Bicoid81, and 1:500 of a monoclonal, mouse anti-
lamin Dm0 (DSHB, ADL84-12) were used. Embryos were incubated with primary 
antibody for 2 hours at 4˚C. Embryos were washed three times with 1ml 1xPBS, 0.1% 
Triton X-100 and then four times rocking for 15 minutes between each wash. Embryos 
were typically left in the final wash overnight, rocking at 4 ˚C.  
 
DNA FISH Day 3. Embryos were blocked for 30 minutes at room temperature in 100µl 
PBTB before being incubated for 90 minutes with a 1:500 dilution of secondary antibody. 
For anti-Zelda and anti-Bicoid staining, goat anti-rabbit IgG (H+L) highly cross-absorbed 
secondary antibody conjugated to Alexa Fluor 488 (ThermoFisher A11034) was used. For 
anti-lamina staining, goat anti-mouse IgG (H+L) cross-absorbed secondary antibody 
conjugated to Alexa Fluor 405 (ThermoFisher A31553) was used. Embryos were then 
washed three times with 1ml 1xPBS, 0.1% Triton-X and then four times rocking for 15 
minutes between each wash. 0.5µl of 1mg/ml DAPI solution (ThermoFisher 62248) was 
added to each sample containing 1ml of 1xPBS, 0.1% Triton-X and incubated for 5 minutes 
at room temperature. Embryos were then washed six times with 1xPBS, 0.1% Triton-X. 
All liquid was replaced with 30µl of mounting media (2.5% Dabco - 1,4-
Diazabicyclo[2.2.2]octane, Sigma D27802- in 70% glycerol and 1x PBS). Samples were 
kept in the dark for at least 30 minutes or until the embryos fell to the bottom of the tube 
and then mounted on slides, with coverslips adhered with nail polish. Slides are kept in the 
dark at -20˚C in slide books for long term storage.  
 
Confocal Microscopy 
Embryos were imaged on a laser-scanning confocal microscope (LSM800, Axio 
Observer.Z1 / 7) with an inverted 63x oil objective. Images were acquired and processed 
with ZEN 2.3 (blue edition – version 2.3.69.1003). The following settings were used to 
acquire images for the pooled probes. Images were taken with bidirectional scanning and 
averaging set to 4.  
 
 
 
 
 



	

	 72	

Table 3.2. Imaging parameters for oligopaint probe pools. 
Channel Pinhole Attenuation Voltage 

AF647-T1 56.25942857 5 650 
AF546-T2 50.02697143 1.282236842 649.6689655 
AF488-T3 43.6272 1.461842105 576.0344828 
AF405-T4 38.064 0.225 669.5862069 
T-PMT-T4 38.064 0.225 372.4137931 

 
Oligopaint single gene probe sets were imaged with the following settings: 
 
Table 3.3. Imaging parameters for oligopaint single gene probes. 

Channel Pinhole Attenuation 
AF647-T1 56.25942857 3.4 – 5* 
AF546-T2 50.02697143 1.3 
AF488-T3 43.6272 4.5 
AF405-T4 38.064 0.27 
T-PMT-T4 38.064 0.27 

* Attenuation for AF647 was altered depending on the probe set – some needed higher 
power than others. In all experiments the attenuation was held constant for all images of 
that sample and across other samples in that experiment with the same probe set.  
 
Traditional DNA FISH probe experiments were imaged with the following settings: 
 
Table 3.4. Imaging parameters for traditional DNA FISH probe sets. 

Channel Emission Excitation Pinhole Attenuation Voltage 
suGFP-T1 505 480 40.6296586 2.163157895 650.0061035 

AF555-T1 568 553 40.6296586 
4.3(eve), 
1(histone) 550.0030518 

DAPI-T2 465 353 40.6296586 0.402631579 600.0045776 
* Attenuation for AF555 was altered depending on the probe set. For even-skipped, 4.3% 
was used but for histone which is repetitive 1% was used.  
 
Traditional DNA FISH Probe Synthesis 
Traditional DNA FISH probes were made by amplifying genomic DNA from Oregon R 
flies and labeling them with the Invitrogen FISH Tag DNA multicolor kit (ThermoFisher 
F32951) which fragments amplicons with DNaseI and enzymatically incorporates amine-
modified nucleotides during DNA synthesis. Amine-labeled nucleotides were then 
conjugated to a fluorescent dye. Briefly, genomic DNA was isolated from single OregonR 
flies with the QIAmp DNA Micro Kit (Qiagen 56304). PCR to amplify 10kb region around 
the even-skipped, giant, and histone locus was performed with Q5 and 5% DMSO and the 
following primers: 
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Table 3.5. PCR primers used to amplify genomic DNA for traditional DNA FISH 
probe sets. 

JHID Primer name Seq 
Product  

size 

Q5 
melting 

temp 
JH99 eve-Fwd2-DNAFISH CCACCTGCTATACCGGACTG 4455 69 

JH100 eve-Rev2-DNAFISH CGGCGGTTTCTGATCAAACG   

JH101 eve-Fwd1-DNAFISH CGATTGTGAGGAGCGGACAG 5065 69 

JH102 eve-Rev1-DNAFISH GATGTGGTAGGGCGTGTAGC   

JH107 histone-Fw ATGGTCGAGCGCTTGTTGTA 2938 69 

JH108 histone-Rev AGGCGTTTGAAGGGACAGTG 2937  

 
PCR products were cleaned with Zymo DNA clean and concentrator using 2:1 binding 
buffer and eluting in 20 µl. The Invitrogen FISH Tag DNA multicolor kit protocol was 
followed starting with 1µg of each fragment. eve fragments 1 and 2 were combined into 
one sample and labeled with AF555. The histone locus was labeled with AF647. 
Originally, I used the recommended 4µl of DnaseI working solution for fragmentation but, 
when that resulted in really small fragments (average of 70bp), I performed a dilution series 
and found that 1.7µl was optimal (average size of 367bp). In the end, probes from both 
preparations worked equally well.  
 
Nuclei segmentation 
czi files were imported into python using the czifile library. Channels were parsed into 
individual numpy arrays using the metadata accompanying images, using the custom 
function CZIMetadatatoDictionaries that I wrote, available on github.  
 
I wrote another function called NucleiSegmentation_MIP_Dapi_Lamina which segments 
nuclei. In this function, the AF405 stack is max projected along the Z-axis and a Gaussian 
filter with sigma of 1 is applied. The main problem with segmenting Drosophila nuclei in 
the early embryo is that nuclei are so densely packed that it is hard to distinguish the 
intranuclear space from nuclei. Originally, I performed my experiments with just the 
lamina staining and no DAPI in the AF405 channel, but without signal throughout the 
whole nucleus, it was very difficult to segment nuclei reliably. Therefore, I stained with a 
combination of DAPI and lamina. I first applied a stringent threshold to find nucleus 
centers, using the DAPI signal, and then applied a permissive threshold to find the nuclear 
edges, using the lamina signal. I then used the centers to seed a watershed function and an 
edge mask to separate nuclei. This segmentation script is reliable and accurate for 
automated Drosophila nuclei segmentation.  
 
DNA FISH spot segmentation 
Oligopaint FISH spots were very difficult to segment because of weak signal. Therefore, I 
used many different methods to threshold FISH spots depending on the application. For 
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spot counting, sensitivity was of primary importance but for enrichment analysis accuracy 
in spot calling was the ultimate concern.  
 
For enrichment analysis, AF647 and AF546 stacks were filtered with a Gaussian filter 
(sigma = 1) and then the entire stack was thresholded using the triangle threshold222. I 
added an offset to increase the stringency of the threshold. In my 
Threshold_DNASpots_triangle function, I added 2 to this threshold number. Binary stacks 
were then fed into the Blob LoG algorithm from SciKit image223 which computes the 
Laplacian of Gaussian and calls blobs.  
 
For spot counting experiments during optimization, WEKA machine learning algorithms 
were also used to segment spots. To do this, I first created a maximum intensity projection 
of the Gaussian filtered stack (sigma = 1). Then I imported that image into a version of 
WEKA that is implemented through ImageJ. I trained a classifier for each probe set and 
sample and used that classifier to call spots on the rest of the images for each sample. I 
then imported those masks back into python and calculated how many spots were found 
per nucleus. This performed similarly to thresholding using the triangle method outlined 
above, but ultimately was much more variable due to the manual classification training. 
WEKA segmentation was used for Figure 3.5. Triangle thresholding was used for Figures 
3.6 and 3.7.  
 
Target vs non-target spot enrichment analysis 
500 blobs were randomly selected from each channel, of each image, to compute 
enrichment. To create the summary images, for each blob, the protein signal in the Z-slice 
at the center of the blob, was added to a summary figure that was 15 x 15 pixels around 
each blob center. The color axis maximum was set to be the maximum pixel value for either 
AF647 or AF546 spots such that that these two images could be compared. The protein 
signal at the center of each spot was compiled into a list. Enrichment was calculated by the 
sum of signal intensity for AF647 spots divided by the sum of signal intensity for AF546 
spots x 100. This can be calculated because 500 spots were used for both. Histograms were 
made by plotting the signal intensity of spot centers.  
 
Histogram summaries (Figures 3.6N and 3.7U,V) were calculated by binning protein pixel 
intensity at spot centers, in both channels, across all images in a sample. The percent of 
spots pertaining to AF546 or AF647 was calculated by dividing the number of spots found 
in each bin by the total number of spots in that bin. These ratios were then plotted for each 
bin across the x-axis. 
 
Single gene enrichment analysis with random regions 
Single gene enrichment was calculated using random spot controls instead of a non-target 
probe set. For each eve spot added to the summary figure, a random spot was selected from 
within the same nucleus and signal around that spot was added to the random spot summary 
figure. Enrichment and plots were calculated as done before with the exception of random 
regions used instead of AF546 signal for comparisons.  
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Illumina sequencing of probe pools 
Each of the pooled probe sets were sequenced both after PCR and cDNA synthesis. Two 
duplicates from each condition were made. Probes were made as described above with the 
exceptions that an unlabeled cDNA reverse transcriptase primer was used during reverse 
transcription and RNA was cleaned using Zymo RNA clean and concentrator between in 
vitro transcription and reverse transcription. Double stranded DNA was then made during 
second strand synthesis using the Maxima H Minus double-stranded cDNA synthesis kit 
(ThermoFisher K2561). Libraries were then made using the NEBnext ultra II DNA library 
prep kit (NEB, E7645S). Libraries were pooled to 1nM and sequenced with the Illumina 
Mini-seq using a 1x 75bp kit, single end. Libraries were pooled with high complexity ChIP-
seq samples to avoid complexity problems. 
 
Demultiplexed fastq files were imported into python using Biopython. Only reads 
containing appropriate primer sequences were kept to eliminate partial, poor quality, or 
contaminating reads. The variable region of each probe was extracted from the read and 
aligned using local blast to a custom database of genomic DNA sequences used for each 
probe. The number of times a given probe was encountered was summed for each sample. 
Fold over average was calculated by dividing the maximum count by the average of all 
probes in the pool. Coverage graphs were made by plotting the counts across all the probes 
ordered by genomic position. 
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Supporting Information 
 

 
 
Figure 3.S1. Sequencing data of probe pools show diversity in oligo pools. 
Graphs depict counts of probes tiled across sixteen 10kb regions used in probe pools. Two replicates of each 
condition were performed. The first two tracks (blue) show probe counts from pools after reverse 
transcription. The two red tracks show probe counts from pools after PCR but before reverse transcription. 
Counts are not normalized between tracks so comparisons can only be made within each track. The first 
column shows probe counts across dpn, odd, os, and kni from the Zelda target group. The second column 
shows probe counts across the first 4 loci in the Zelda intergenic ChIP-seq peak group. The third column 
shows probe counts across the first 4 loci in the Zelda promoter ChIP-seq peak group. The fourth column 
shows probe counts across non-target loci 3-6.  
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Figure 3.S2. Nuclei and FISH spot thresholding. A) Images depict outputs after steps in the 
automated nuclei segmentation script which uses the combined DAPI and lamina antibody staining in the 
AF405 channel. First, center points were called with a strict threshold. Then nuclei edges were masked with 
a permissive threshold. Finally, watershed was performed starting from centers and moving out towards the 
edge boundaries. Finally, any nuclei on the border of the frame was removed for consistency.  
B) The triangle threshold was used to threshold oligopaint pooled probe spots. First, images were filtered 
with a Gaussian filter. Then, the triangle threshold was used to threshold spots. Images have the edges of 
segmented nuclei overlaid to show the boundaries between nuclei.  
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Figure 3.S3. Traditional DNA FISH with even-skipped and histone single gene loci.  
Maximum intensity projections of traditional probes shown in orange for AF555 (A-D) or red for AF647 (E-
F). DAPI staining is shown in blue. even-skipped traditional DNA FISH probes were added in volumes of 
either A) 0.25µl, B) 1 µl, or C-D) 0.5 µl. 0 spot percentages were counted by hand and only apply to the 
image depicted below. E-F) Traditional DNA FISH probes made against the histone locus.  
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 Table 3.S1. Sequences and indexes used for oligopaint ChIP1  

Locus ID Name 
dm6- 
chr 

dm6 - 
start 

dm6 - 
end Forward Index Reverse Index 

PreCell PreCell_dpp chr2L 2450182 
246018
2 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_odd chr2L 3605840 
361584
0 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_sna chr2L 
1547359
4 

154835
94 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_dpn chr2R 8225401 
823540
1 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_eve chr2R 9975468 
998546
8 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_twi chr2R 
2304022
9 

230502
29 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_Kr chr2R 
2521738
2 

252273
82 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_h chr3L 8662825 
867282
5 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_kni chr3L 
2069215
7 

207021
57 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_hkb chr3R 4343386 
435338
6 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_zen chr3R 6748543 
675854
3 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_ftz chr3R 6855866 
686586
6 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_hb chr3R 8690892 
870089
2 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell 
PreCell_sry-
alpha chr3R 

3003908
7 

300490
87 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_tll chr3R 
3084300
8 

308530
08 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_bnk chr3R 
3118968
5 

311996
85 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_sc chrX 393296 403296 
GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_gt chrX 2426903 
243690
3 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_Sxl chrX 7090577 
710057
7 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_brk chrX 7296670 
730667
0 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_sisA chrX 
1132031
9 

113303
19 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_sog chrX 
1562010
5 

156301
05 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_os chrX 
1829833
4 

183083
34 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

PreCell PreCell_run chrX 
2067950
4 

206895
04 

GCGGGACGTAAGGGCA
ACCG 

GCGTTGCGGTGCGATC
TTCT 

Neg neg_1 chr2L 3037408 
304740
7 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_2 chr2L 9549718 
955971
7 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_3 chr2L 
1648901
2 

164990
11 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_4 chr2R 9202479 
921247
8 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_5 chr2R 
1655367
6 

165636
75 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_6 chr2R 
2415584
1 

241658
40 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_7 chr2R 
1311043
6 

131204
35 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_8 chr3L 
1468749
2 

146974
91 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 
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Neg neg_9 chr3L 
2173834
0 

217483
39 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_10 chr3R 5555966 
556596
5 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_11 chr3R 
1069187
0 

107018
69 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_12 chr3R 7795813 
780581
2 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_13 chr3R 
1937499
1 

193849
90 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_14 chr3R 
2943903
3 

294490
32 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_15 chr3R 
2543903
3 

254490
32 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_16 chr3R 
3182666
7 

318366
66 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_17 chrX 1437810 
144780
9 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_18 chrX 4742715 
475271
4 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_19 chrX 6029748 
603974
7 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_20 chrX 8308396 
831839
4 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_21 chrX 9321444 
933144
3 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_22 chrX 
1348021
3 

134902
12 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_23 chrX 
1697858
2 

169885
81 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_24 chrX 
1951110
5 

195211
04 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Neg neg_25 chrX 
2119703
6 

212070
35 

GATTTCGGTAAGGCGG
GCCG 

GCGCCGAGCCTCATCT
ACCG 

Zld_Interge
nic 

Zld_Intergenic
_01 chr2L 1420792 

143079
1 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_02 chr2L 2747149 

275714
8 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_03 chr2L 3610661 

362066
0 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_04 chr2L 8832261 

884226
0 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_05 chr2L 

1208098
1 

120909
80 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_06 chr2L 

1859350
6 

186035
05 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_07 chr2R 8231831 

824183
0 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_08 chr2R 

1356193
6 

135719
35 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_09 chr2R 

1829877
8 

183087
77 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_10 chr2R 

1966104
3 

196710
42 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_11 chr2R 

2104590
3 

210559
02 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_12 chr2R 

2268747
6 

226974
75 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_13 chr3L 8666675 

867667
4 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_14 chr3L 

1123688
4 

112468
83 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_15 chr3L 

2039817
1 

204081
70 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_16 chr3R 4343977 

435397
6 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_17 chr3R 6811231 

682123
0 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 



	

	 81	

Zld_Interge
nic 

Zld_Intergenic
_18 chr3R 

1224697
6 

122569
75 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_19 chr3R 

1264251
9 

126525
18 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_20 chr3R 

1934333
4 

193533
33 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_21 chr3R 

2056976
8 

205797
67 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_22 chr3R 

3084798
1 

308579
80 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_23 chrX 1819279 

182927
8 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_24 chrX 

1132003
8 

113300
37 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

Zld_Interge
nic 

Zld_Intergenic
_25 chrX 

1830375
8 

183137
57 

GACGTTTCATCGGACG
CCCG 

CCGGCTCGGGAGTCGA
CAAT 

BcdPeaks BcdPeaks-01 chr2L 2571779 
258177
8 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-02 chr2L 3828665 
383866
4 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-03 chr2L 8828504 
883850
3 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-04 chr2L 
1144977
6 

114597
75 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-05 chr2L 
1208066
9 

120906
68 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-06 chr2L 
1322353
4 

132335
33 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-07 chr2L 
2187196
5 

218819
64 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-08 chr2R 9981488 
999148
7 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-09 chr2R 
1119102
4 

112010
23 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-10 chr2R 
1965618
2 

196661
81 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-11 chr2R 
2059361
7 

206036
16 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-12 chr2R 
2521827
4 

252282
73 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-13 chr3L 4689850 
469984
9 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-14 chr3L 8663772 
867377
1 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-15 chr3L 
1416894
7 

141789
46 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-16 chr3L 
2069190
9 

207019
08 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-17 chr3L 
2240225
5 

224122
54 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-18 chr3R 6863588 
687358
7 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-19 chr3R 8693150 
870314
9 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-20 chr3R 
1387484
2 

138848
41 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-21 chr3R 
1673777
4 

167477
73 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-22 chr3R 
2028636
8 

202963
67 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-23 chr3R 
3084589
7 

308558
96 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-24 chrX 2434308 
244430
7 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-25 chrX 9688056 
969805
5 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

BcdPeaks BcdPeaks-26 chrX 
1830128
6 

183112
85 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 
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BcdPeaks BcdPeaks-27 chrX 
2068644
4 

206964
43 

CACGGCAACCCTCAGA
ACGG 

CAGTTCGGTGGGACCG
GGTT 

ZldPromote
r 

ZldPromoter-
01 chr2R 8227975 

823797
4 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
02 chr3R 

1481371
9 

148237
18 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
03 chr3R 

1328913
0 

132991
29 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
04 chr2L 

1859248
4 

186024
83 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
05 chr3L 4689661 

469966
0 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
06 chr3L 

1676859
7 

167785
96 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
07 chr3L 8671735 

868173
4 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
08 chr3R 

3118782
0 

311978
19 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
09 chr3L 

1337253
4 

133825
33 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
10 chr2L 

1322057
0 

132305
69 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
11 chrX 391513 401512 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
12 chr3R 4174279 

418427
8 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
13 chr3R 

2885532
3 

288653
22 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
14 chr2R 

1123269
1 

112426
90 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
15 chr3L 

2051295
0 

205229
49 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
16 chr3R 6859643 

686964
2 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
17 chr3R 

1807623
4 

180862
33 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
18 chr2L 

2161289
2 

216248
91 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
19 chr2L 1513609 

152360
8 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
20 chr2L 5545581 

555558
0 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
21 chrX 

1131970
9 

113297
08 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
22 chr3L 

1858224
4 

185962
43 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
23 chr3R 

2474542
9 

247554
28 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

ZldPromote
r 

ZldPromoter-
24 chr2L 

1178874
3 

117987
42 

TTGGACGGCGCGCGTA
AGAC 

GGATTGCGCTCATGCC
GTCT 

 
Table 3.S2. Sequences and indexes used for oligopaint ChIP2 

Name New Forward Index New Reverse Index 
PreCell_dpp GCGGGACGTAAGGGCAACCG GCGTTGCGGTGCGATCTTCT 
PreCell_odd GATTTCGGTAAGGCGGGCCG CATTGCCAACTTATCCCTCC 
PreCell_sna GACGTTTCATCGGACGCCCG CATTGCGTATGCGGCGATCC 
PreCell_dpn CACGGCAACCCTCAGAACGG GCGCCGAGCCTCATCTACCG 
PreCell_eve TTGGACGGCGCGCGTAAGAC CCGGCTCGGGAGTCGACAAT 
PreCell_twi TTGGACCGAGCCAGTACCGC CAGTTCGGTGGGACCGGGTT 
PreCell_Kr ACGTCCGCCGCATCTACGAG GGATTGCGCTCATGCCGTCT 
PreCell_h GGGAGTAGGGTCCTTTGTGTG CAGGTCGGCGAGTCGATGTG 
PreCell_kni ACGTCCATGCAAGGAACGGG GCCGTGCATTCAGGACCGTT 
PreCell_hkb TGGTTCGCATCGCTAAGCCG GAAGGTAGAACGATCCAGCGA 
PreCell_zen TGCAACGCGGCACCTGATAG CACGTGACGTCGGTTGGACG 
PreCell_ftz TAGCAATCGCGCACGCAGAC CATTGCCGAGATCCGTTGCG 
PreCell_hb GCCGCGAATGCCTACCCATG GCGCTTGACGTACGCCATGA 
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PreCell_sry-alpha CTTGCGTAGGGCCGGGACAG GCATCACACCAGATGGGCCG 
PreCell_tll TGGGTTGATTCCTCGCGACC GTATGATCGGAACGCCGCCA 
PreCell_bnk TTGTCGACGCATGGGCGATC GTGGGTGAGACGCCTTCGGA 
PreCell_sc ATCACGACATGCGTTCCGCG GCGTCCCGCAAGCTGTGGTA 
PreCell_gt ATGAACCCGCCTGGGCCTTC CATTGCGTTCCATCACACGT 
PreCell_Sxl CCTCAGCACCGGTTTCCGTG CATTGCGTTGACGGAGACCG 
PreCell_brk TCCTAAATCCTAGCCCATACG CGTCGTTCTCGGCGCGATAG 
PreCell_sisA GTATCATAAGCGCGCCCGGG CATCGCACGCAGAGCGCCTA 
PreCell_sog TGCCTGATACTCCGCCCGAG GCCGGTGACTGCCCAGCTAA 
PreCell_os TGTCATGGTGGATCGGCAGC CATTGCCTAGTGCGGGATTG 
PreCell_run AGTCGCGAGGCTGACGCATG CATTGCCTTAGTACCGCACC 
neg_1 TCACCACGCCTCGACGATTG CAAGGGCCGTGTATCGTGGC 
neg_2 CTCAAAGAGTGACCGGCGCG GCAGGCCGACCCGACTCGTT 
neg_3 CGGGATCTTGACGCTGCGTG ATTACTCAACCTACCTGACCC 
neg_4 AAATCGGACACCGCGGCTTG GACGGACGCGAGGCGAGATT 
neg_5 AAGGCACAGCCTGTCCGCAC GGCGGTCGTCGGGATAGCTG 
neg_6 GTTTCATAAGCCGCGCGCCC GATGCCGACGCGAACACCAT 
neg_7 CGACGTAGTGCCATGCGTCG CTGGCGCGGTCCGCAATAAA 
neg_8 TGGGCAGCGCTCCGACTAAG GTTGCGAAACATCGTGCCCA 
neg_9 AAACGCGGGTGAACGCTCTG GCCGCCGAGGTCCGTATCGT 
neg_10 TTCTATCGGTCGCGCGATGG GAAGCGGGCCATGACACGTC 
neg_11 TTCTCCGATCGACGGCGCTG GTTCCGCGCGACAATGATCC 
neg_12 CCGAGAATCTCCGCAGTCCC CTGCGGAAGGGACGCACTCA 
neg_13 TCGAGAGGGTTCTTGCCTCAACCAG GCGCGGGCTTTACCGTCAAA 
neg_14 CTCGTTACCATCCCAGCCGT CCACGCGCACCGGAGGAATG 
neg_15 AGTTATCCGGCGCGCGAGAC CCTAGATACGCCGACGGCCC 
neg_16 CTAGAGTGGATCGCGTGAGATCG CCCAGCGCTACGGTGAGGTG 
neg_17 GCGCACGGATGGGAGTATGC GAATCCGCCGCAACGCCTAG 
neg_18 AAGCTAACCGTTCCTGACCTGC GTCCGCCCGATACGCTCAGA 
neg_19 TCGTAAAGACTCCAGCGCCG CATTGCGATGTTCCGTGATC 
neg_20 AAGCGTTGCGTGCTAACTCG GTCCTCGGGCATTCCGTCTC 
neg_21 TAGCAGTGTGCGACTCAGGACATGA CATTGGCGCCGCAGTCAAAC 
neg_22 ACGATTGTGAAGGCCGTTGG CCGGCACATCTTGCTACGTTT 
neg_23 ACCCGATTAGGAAGAGGCGC CCGACCTTCTGAGCGCATGA 
neg_24 GCTTCACACACGTTATGCACGG GTTAGACAAGCCGCGGCTGACCTAT 
neg_25 GGCTAATGCTTTGGTTCGGC GATGGGCGGATCGCTACTCT 
Zld_Intergenic_01 TGCGGTAGTTCGATGCGAGA CGCCTAAGAGCGCTCACGAC 
Zld_Intergenic_02 GGTCTTTAGACGCCGGCGCT GGCCGCGGAGTTATCCCTAG 
Zld_Intergenic_03 GGTCTGGCGATATAAGATCCGAGGC CAAACTCGCGGCGATCAATA 
Zld_Intergenic_04 CTTTCGGATTTGCGTGCTCG CGCGAATAAACGTTCCATGG 
Zld_Intergenic_05 TGTGTCATGCTTTGGACGCG GCCACTAATCGGCTGTACGAGG 
Zld_Intergenic_06 AAACCGTGACGGAATGTGCC TGAGGCCTTGCACGCGAATG 
Zld_Intergenic_07 AAATGAGCCGTTACGCTTTGC GCATGTGCGCTAGATTGGCA 
Zld_Intergenic_08 CTCATCCCAACGCTGCAAGG GCAGGGTCGCATCGTGTTTA 
Zld_Intergenic_09 GGCCTTTAGTTGCCCGAGCT CGTGGCAGAGCATGGCTATG 
Zld_Intergenic_10 ACGGCGAGAGAGTCCGTTTG GCGAGTGATTACCGGAGGCTGATAC 
Zld_Intergenic_11 GCTTGAAGACTCGGGTTGGC GCCTGGTGGGAAGGCAAATT 
Zld_Intergenic_12 AAGCTCTCGCCAAGGTACGC CGGTGCCGCCTTAACGATAG 
Zld_Intergenic_13 TTCGCAGGGTGCCTTCGACA GCCGTTGAGAGCACGTATTCC 
Zld_Intergenic_14 CGGGCTGGTTTGAGAAGTCG GGATGCCACACGGGCTCTAA 
Zld_Intergenic_15 TGTGATAAGCGCTGTACGGTGC TCGACAAGTCCGCGCAACGT 
Zld_Intergenic_16 TGATGCGGTAGAGTTTCGCG CGGGCTACATGAATGAGCGA 
Zld_Intergenic_17 AACGGGTCAGCCGACTTTGT GGCCCTTGCAGGATCATGTC 
Zld_Intergenic_18 GGGTTGCACCTCCTAGTAGTTCCGC CACGGGCAAGAGATGTAACAGCCAA 
Zld_Intergenic_19 AGTATGCCGACCGCGAGATC GAAGTACGGCTAGACTGTCGATCCA 
Zld_Intergenic_20 CTCTGTGTATCGGACTGTATTCGCG CTGACCTTAGCCTCGGACCG 
Zld_Intergenic_21 TCCTGATCTGGGCTTACGGC GGACCGATAAGTGTCGAACCATCAC 
Zld_Intergenic_22 TTGCAAGATTGACCTGGGCG GGAATCGTTCCGAGCACACG 
Zld_Intergenic_23 CGATGTCACTATTCGGCGGG AGCGGCGCAAGGCTCTATTC 
Zld_Intergenic_24 TATGCGATAGTCGGATCGCG ACGGTAACTGTCCGCAACCC 
Zld_Intergenic_25 GTTTCAAGGCTATAGGCACTCGCGA TCGCGAACAGACTTGTGGTGTCACC 
BcdPeaks-01 AATCGTTTCATCCCAGTCCTGGAGC CGAGTCTCTATAACGGCACCCACGA 
BcdPeaks-02 GAAGCCCTACCAAGGCAGGG GCGACCATCCAGGACTAATCCA 
BcdPeaks-03 ATAAGCGACCGAATATCTCCACGGT AGAGGGCGAACTAACTCTTCCCACG 
BcdPeaks-04 TAACCCGCCTACCATATCTCAATCC AGCTAGCAATTCGGGAGTGATCATC 
BcdPeaks-05 CTTGGGAGGTTCATCAGGCG CAATCGCGACAGTCCGACAA 
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BcdPeaks-06 CGGAGAAACTGTTACTGCGGC TCCGCTAACGGATATTCTGCC 
BcdPeaks-07 CGGTTGAATAGGGACACGGC ACTCCGCTTCATCCATAGCGA 
BcdPeaks-08 CACGTTGGCACGATAGAACCC CCTCCATCAGGGAACCGTCC 
BcdPeaks-09 ATAACTTACCCAAGGCGCGC ACGACTGACACAAGGTGGGAGTCAC 
BcdPeaks-10 GGCACGCTGACGAATATGCG GCGATCCTCCACGTTCGAAT 
BcdPeaks-11 AATCTTTAGAGAGACTCCGTGCGCA GGGTCACCCGCCGTACTGTA 
BcdPeaks-12 AGGGAGTTGGACGCATTTCG AGCCATTGGATCTACCAACTGTCGT 
BcdPeaks-13 CGTTCGTGGTAGAAGTCGCG ACGACGGCAGAGCTCCCAGT 
BcdPeaks-14 GTCAAGAGAAGGGTTAGTGCCCTCG TGCCTCGATCCATGAAGAGGG 
BcdPeaks-15 GCGAACGTGCAATGCATGCT GACGGGTTCCTACTGTCCTCAGGTA 
BcdPeaks-16 TGATGGTATGAGCCCTCCGG CGGCGACGAATTTACTAGCG 
BcdPeaks-17 CCGCATCCTGTAACATCGCG GCCTGCTAAGAGGACGGCAT 
BcdPeaks-18 GCAAGTATGGCGGTTTCGCT AGCCCAAGGCGTAAATTCCG 
BcdPeaks-19 GGTATTGTAACGAGGGCGCG TCTGGAGCGGCCCTGATTCC 
BcdPeaks-20 CGGGATAAGCAGTTTCGGGT CAATATCGCGGCCGATGTAA 
BcdPeaks-21 ATACCGAAGTCCACGCGCTG GTGTCCGTCGAGAGGCCGAC 
BcdPeaks-22 CCTCGGGTTTGACGAAACGA CGCGACTAAGATTTGCGGTG 
BcdPeaks-23 TCTCCGTTTGTGAAGTCGCG GGGCGACGAGTTGACTCCTG 
BcdPeaks-24 AGATATGTCGCTTCGCCGCT AGACCCGCCGTTTCTCATCA 
BcdPeaks-25 TGCTTCGTGGTTGCTTCTCG CGCGATGCATGAGTCACGTT 
BcdPeaks-26 TTCTGTGTCGGGCCAGTATCCTAAC TGTTGCACCAATGGGCGATA 
BcdPeaks-27 GTTCCCGGCTTGAGATTCCC AGCGAGCCGGAGCGACGTAT 
ZldPromoter-01 GTTCTTCGTCTATCGCCGCG TCTACGTCTCAGCGGATAATGACGT 

 
Table 3.S3. Sequences and indexes used for oligopaint ChIP3 

Gene name 
dm6-
chr 

dm6-
start 

dm6- 
end 

# of 
probes 

probe
s/kb Forward Index Reverse Index 

190826-OPChIP4-
eve10kb-chr2b.bed 

chr2
R 

99754
68 

99854
68 161 16.168 

TGGGTTGATTCCTC
GCGACC 

GTATGATCGGAAC
GCCGCCA 

190826-OPChIP4-
eve50kb-chr2b.bed 

chr2
R 

99554
68 

10005
468 773 15.503 

GATTTCGGTAAGG
CGGGCCG 

GCGCCGAGCCTCA
TCTACCG 

190826-OPChIP4-
eve100kb-chr2b.bed 

chr2
R 

99304
68 

10030
468 1487 14.908 

GACGTTTCATCGG
ACGCCCG 

CCGGCTCGGGAGT
CGACAAT 

190826-OPChIP4-
hb10kb-chr3Rb.bed 

chr3
R 

86908
92 

87008
92 139 14.211 

CACGGCAACCCTC
AGAACGG 

CAGTTCGGTGGGA
CCGGGTT 

190826-OPChIP4-
hb50kb-chr3Rb.bed 

chr3
R 

86708
92 

87208
92 713 14.269 

TTGGACGGCGCGC
GTAAGAC 

GGATTGCGCTCAT
GCCGTCT 

190826-OPChIP4-
hb100kb-chr3Rb.bed 

chr3
R 

86458
92 

87458
92 1559 15.625 

ACGTCCATGCAAG
GAACGGG 

GCGCTTGACGTAC
GCCATGA 

190826-OPChIP4-gt10kb-
chrXb.bed chrX 

24269
03 

24369
03 179 18.224 

TGGTTCGCATCGC
TAAGCCG 

GCATCACACCAGA
TGGGCCG 

190826-OPChIP4-gt50kb-
chrXb.bed chrX 

24069
03 

24569
03 736 15.113 

TGCAACGCGGCAC
CTGATAG 

CACGTGACGTCGG
TTGGACG 

190826-OPChIP4-
gt100kb-chrXb.bed chrX 

23819
03 

24819
03 1476 14.767 

TAGCAATCGCGCA
CGCAGAC 

CATTGCCGAGATC
CGTTGCG 
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Chapter 4: High-throughput, massively-paralleled,   
in vivo mutant generation in Drosophila using 
CRISPR/Cas9. 
 
Abstract 
 
Enhancers are cis-regulatory elements that contain transcription factor binding sites and 
regulate gene expression in different cell types. Regulation of gene expression is 
particularly critical during embryonic development, when spatially-restricted gene 
expression sets the foundation of the adult body plan. Because transplanted enhancers still 
function in a new genomic environment, the underlying genomic sequence must contain 
all elements needed for enhancer activity. However, how enhancer function is encoded in 
the genomic sequence and which sequence elements are regulating gene expression remain 
unclear. Machine learning algorithms are able to create synthetic enhancers, but attempts 
to do so from first principles has largely fallen flat. This reveals that there is more to be 
gleaned from the genomic sequence. High-throughput genetic and phenotypic screens have 
been long used to identify genes and regulatory regions involved in biological processes. 
Furthermore, high throughput variants have successfully dissected regulatory regions in 
E.coli, mammalian cells, and plants. However, these methods are difficult to translate to 
model organisms such as Drosophila melanogaster due to inefficient transgenic 
generation. Here, I describe a method for generating large numbers of enhancer mutants 
by tiling guide RNAs across the sparkling enhancer of dPax2 and the first exon of the white 
gene. I perform two crosses in order to generate progeny that inherit, at most, a single, 
edited enhancer allele. I group progeny by mutant and wildtype eye phenotype and 
sequence alleles using long-read sequencing. Regions that are highly absent in mutant flies 
but present in wild-type flies are most likely necessary for enhancer function. Here I present 
preliminary data that tiling guide RNAs can produce a range of different alleles and that 
zygotic expression of Cas9 is more efficient at producing sparkling eye mutants than 
maternally-deposited Cas9 alone. While it remains to be seen whether zygotic-only Cas9 
successfully generates a range of alleles, lowering guide cutting efficiency may be able to 
increase allelic diversity.  
 
Introduction 
 
Enhancers are cis-regulatory elements that regulate gene expression in space and time. 
Enhancers contain binding sites for transcription factors and are essential for establishing 
the adult body plan during development. Unlike protein coding genes, which contain 
signature sequence elements such as a start codon, enhancers have remained challenging 
to predict from sequence alone7. Thus, those who study enhancers have long tried to 
understand enhancer architecture and to devise a regulatory grammar “code” to predict 
enhancer activity in vivo. There has been some success in this pursuit, particularly in using 
machine learning and computational modeling to generate enhancer sequences that are able 
to drive any number of spatially refined expression patterns224,225. However, even with 
what is learned from these computationally derived sequences – it has proven difficult to 
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predict enhancer activity of native sequences and to redesign an endogenous enhancer from 
first principles 44,63,225. The authors of these studies largely conclude that there are 
additional factors in the sequence, between known binding sites, that are necessary for 
proper expression. Additionally, without having a set of mutations that fail to generate 
expression, it is difficult to discern mutations gained over evolutionary time that are 
important rather than neutral. One approach is to experimentally generate a set of alleles 
that breaks enhancer function and a corresponding set that does not.  
 
High-throughput mutant generation and phenotypic screening has been efficaciously 
employed experimentally to generate a library of alleles that produce a desired phenotype. 
In these experiments, libraries of variants are generated and delivered to the system of 
interest. An assay is then performed that assesses phenotypes produced by each variant226. 
These assays are largely done in cells or in vitro and were initially used to determine protein 
structure-function relationships 227.With the decreasing cost of DNA synthesis and the 
flexibility of site-specific targeting from CRISPR/Cas9, approaches that use pooled 
libraries of guide RNAs (sgRNAs) to localize Cas9 endonuclease activity to specific loci 
have been developed. One method tiles thousands of sgRNAs across regulatory elements, 
using GFP reporters to measure the impact that mutations have on gene expression 
(MERA228). Two others, CREST-seq229 and ScanDel230, use a library of plasmids, 
containing a pair of sgRNAs, to make targeted deletions of various sizes. Other methods 
for site-specific mutagenesis such as using error prone polymerase (evolvr 231) or repressive 
protein domains fused to Cas9 (CRISPRi 232,233) have also been developed to increase the 
possible mutational spectrum.  
 
Most multiplexed, functional assays measure changes in reporter gene expression, or use a 
genome-wide assay such as RNA-seq, to pair each novel allele with a downstream effect. 
However, using biological phenotypes to score mutants has historically been extremely 
successful in isolating genes that are involved in molecular pathways, without having to 
wade through vast numbers of subtle changes 234-236. Survival237, drug resistance or 
sensitivity230, and proliferation238 can be easily measured in cells and are commonly used 
for phenotypic assays. While the phenotypes that can be measured in cells are inherently 
limited, applying these strategies to an entire organism is immensely challenging. 
 
Multiplex reporter assays are difficult to perform in Drosophila and Zebrafish embryos 
which are commonly used to study embryonic development. In Drosophila, generating 
diverse libraries by injection is technically difficult because low transformation rates create 
substantial bottlenecking. In other ways, Drosophila embryos are well-positioned for 
multiplex assays because the range of phenotypes that can be explored is extremely diverse. 
A large range of adult and larval visible phenotypes can be readily screened, such as eye 
color and shape, bristle length, larval cuticle patterning, body shape and coloration, wing 
shape and vein morphology, and countless others. Additionally, imaging assays 
(DNA/RNA FISH, IF, MS2 live imaging) to detect patterning, gastrulation, or adult body 
plan alterations could also be screened for. Indeed, the only limitations are the efficiency 
of editing and the amount of lines that can be maintained. Adult body phenotypes can be 
easily screened in lieu of drug selection or cell sorting (FACS) of reporter genes, although 
these methods certainly can still be used. Development of a method that generates large 
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numbers of diverse alleles in whole organisms would allow for tremendous growth in the 
power of what can be learned from high-throughput functional screens.  
 
Diverse allelic generation has been successfully performed in tomato plants. In these 
experiments, CRISPR/Cas9 sgRNAs were tiled across regulatory regions upstream of 
promoters. The resulting mutations were then linked to fruit size, inflorescent branching, 
and plant architecture. Using this method, the authors were able to create a range of tomato 
fruit sizes that greatly accelerated traditional plant breeding. They also discovered putative 
regulatory elements that drive these effects239.  
 
Complete characterization of all sequence elements necessary for enhancer function has 
been limited in Drosophila by the rate in which standard labs can generate transgenic lines. 
Most enhancer bashing experiments rely on under 50 mutated lines, each taking substantial 
time and energy to make and maintain. Furthermore, while most enhancer dissections focus 
on known transcription factor binding sites, it is clear that sequences between binding sites 
contribute to enhancer function. Consequently, to identify all sequence elements that are 
important for enhancer function, interrogating the importance of every base is critical. 
Many enhancers serve redundant functions240 and so it seems likely that enhancer 
subsequences may also be redundant. Thus, ideally, there will be multiple mutations 
generated in a subset of the library of alleles. Many high-throughput dissections of 
regulatory regions introduce a diverse library of synthesized alleles but this strategy is not 
yet tractable for Drosophila. Therefore, to achieve allelic diversity at the native locus in 
vivo, I tiled Cas9 sgRNAs across the sparkling enhancer (Figure 4.1). 
 
Here I borrow the CRISPR sgRNA tiling technique used in tomato and pair it with 
genetically encoded Cas9 to create Drosophila mothers that produce one of a diverse range 
of alleles in each egg laid. Progeny are then screened for a visible adult phenotype, 
sacrificed for genomic DNA extraction, and sequencing by long-read amplicon 
sequencing. Alleles that are linked to the mutant phenotype are overlaid to find regions that 
are depleted in mutant genotypes and enriched in wildtype genotypes, highlighting regions 
that are likely necessary for enhancer function. 
 
To develop this method, I tiled guides across the sparkling enhancer that drives dPax2 (also 
known as shaven) expression in cone cells of the developing larval imaginal disk. Deletion 
of sparkling results in a disorganized adult eye that looks visibly rough (Figure 4.1 – top 
image). This enhancer has been thoroughly dissected, with many individual binding sites 
and domains removed or reorganized, to identify a set of regions that are known to alter 
enhancer expression55,64.  
 
Here I show that tiling sgRNAs can produce a set of mutant alleles in Drosophila. Alleles 
mostly contain deletions with a small rate of substitutions and insertions. I also found that 
Cas9 needs to be expressed zygotically, rather than maternally-deposited, in order to 
produce the greatest editing efficiency. When Cas9 and sgRNAs are expressed zygotically 
and maternally for the entire life cycle of the parent fly, the number of progeny with the 
sparkling phenotype jumps from an average of 5.62% to 97%. Furthermore, when Cas9 is 
provided maternally, there is an increase in mutants containing loci that I was not able to 
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amplify, most likely caused by large scale perturbations. These results show that not only 
is this method tractable, but also that it is capable of producing a diverse pool of alleles.  
 
Results 
 
Dissecting enhancers with site-specific alleles generated using CRISPR/Cas9 
in Drosophila melanogaster  
 
I designed six sgRNAs that were spaced across the minimal 362bp sparkling locus, which 
resides in the third intron of dPax2. Once combined with Cas9, these guides may induce a 
spectrum of different edits at the genomic locus, creating small deletions, insertions, and 
substitutions at each guide site, as well as larger deletions between guides (Figure 4.1, 
hypothetical allele genotypes). 
 
While this method will not come close to generating all possible mutations, with a diverse 
enough library, necessary enhancer subsequences can be recovered by sorting alleles into 
groups based on phenotype. Homozygous deletion of the sparkling enhancer produces a 
visible, rough eye phenotype resulting from aberrant cone cell arrangement (Figure 4.1, 
right images). In this scheme, after flies are exposed to Cas9 and sgRNAs, they are 
separated based on whether they have a wild-type or sparkling mutant eye. Genomic DNA 
is then extracted from each group of flies (either individually or together) and amplicon 
libraries of the target region are sequenced with long-read sequencing (Pacific 
Biosciences). Once sequenced, every base of the enhancer is given a score based on how 
often it is present in flies with the mutant and wildtype phenotype. Bases that are highly 
absent in sparkling mutant flies and largely present in those with wildtype eyes are given a 
high necessity score (Figure 4.1, bottom graph).  
 
Similar analytical approaches have been successful in recovering nearly all previously 
described functional elements of promoters in E.coli – including transcription factor 
binding sites241. Admittedly, in E.coli, five hundred thousand cells per GFP expression bin 
were used to rediscover binding sites, across several promoters, due to the ease of E.coli 
propagation and automated FACS cell sorting. Though it is unclear what the minimum 
number of alleles required for these analyses are, in tomatoes, only 14 alleles were 
generated. Though they were unable to uncover specific functional elements analytically, 
they were able to make practical predictions about which regions to follow up with. Using 
this information one could then make specific mutant lines testing these hypotheses. 
Depending on the phenotype, Drosophila can be screened in large numbers. I personally 
can screen for sparkling eye in one to two thousand flies per day and that number can be 
scaled up with additional help. Therefore, depending on the editing efficiency, it is most 
likely possible to generate sufficient numbers of Drosophila alleles to uncover necessary 
sequence elements.  
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Figure 4.1. CRISPR/Cas9 tiling to generate allelic diversity in vivo to discover 
enhancer elements necessary for function. Schematic of experiments using Cas9 sgRNA tiling 
across the sparkling enhancer to create a diverse set of alleles that can be used to identify elements necessary 
for enhancer function. Top graphic depicts the sparkling enhancer in its genomic locus. Grey bars denote 
exons of dPax2. The yellow bar represents the native sparkling enhancer sequence. Pink bars represent 
Lozenge (Lz) binding sites. Purple bars represent ETS binding sites. Orange bars represent Suppressor of 
Hairless (Su(H)) binding sites. Binding site locations depicted here are not exact. Please see Figure 4.4 for 
real data. Six sgRNAs are shown underneath the locus. Hypothetical mutant alleles are beneath, with yellow 
depicting wildtype enhancer sequence and dashed lines representing deletions. The top-most group of alleles 
correspond to flies that have the sparkling mutant eye phenotype depicted on the right. The lower group of 
alleles correspond to a functional enhancer resulting in wild-type eye structures depicted in the lower image 
(wild-type eyes have geometrical arrays of ommatidia and bristles with a clear pseudopupil visible). For each 
base pair, a score is calculated from the frequency that base was altered in the non-functional (mutant 
phenotype) and functional (wild-type phenotype) group. Bases that are absent in mutant flies and present in 
wild-type flies are given a high necessity score while bases that are present in mutant flies or absent in 
wildtype flies are given a lower score. Images were shot on an iPhone 8.  
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Maternally-deposited Cas9 results in 5.62% sparkling mutant F2 progeny 
 
To generate a population of flies, each carrying, at most, one mutant sparkling allele, I 
performed two crosses. First, I crossed flies containing Cas9 and sgRNAs. Cas9 cutting 
occurs at some point during the life cycle of the progeny of this cross. Because the sparkling 
eye phenotype is recessive, F1 progeny are then crossed to svspa-pol which contains a 1.58kb 
deficiency that encompasses the sparkling enhancer. F2 progeny are then screened for the 
sparkling eye phenotype (Figures 4.2 and 4.5).  
 
This assay relies on tuning Cas9 activity such that cutting is highly efficient but not to the 
extent that only full-length deletions are generated. Full-length deletions are unhelpful in 
terms of isolating sequence elements within an enhancer that are necessary for activity. To 
tune Cas9 exposure, I first used a crossing scheme where Cas9 was maternally-deposited 
in F1 embryos but was not zygotically expressed after embryogenesis. To do this, I crossed 
females with nanos or vasa driven Cas9, over a balancer marked with Stubble, to males 
possessing sparkling sgRNAs on the 3rd chromosome. Nanos and vasa RNAs are 
maternally deposited in the early embryo in different patterns. Nanos is quickly localized 
to the posterior of the embryo while vasa is ubiquitously deposited. Both are zygotically 
expressed in germ cells and gonads after gastrulation173,174,242. F1 flies marked by Stubble 
were selected and crossed with svspa-pol males. F2 progeny were then scored based on eye 
phenotype (Figure 4.2A).  
 
I performed this experiment using sgRNAs that were cloned into three different plasmids. 
For pCFD4-plus, guides were expressed with either a U6:1 or U6:3 promoter. For pCFD5, 
guides were expressed off of a single U6:3 promoter and were processed into separate 
entities post-transcriptionally. For pCFD4-plus-gypsy, guides were expressed from two 
promoters, like in pCFD4-plus, but with a gypsy element between each pair (Figure 4.2B). 
To avoid amplification of repetitive sequences, to make pCFD4-plus and pCFD4-plus-
gypsy, I first cloned several pCFD4 plasmids, containing two guides each, before I brought 
them together with custom assembly handles (Figure 4.2C).  
 
On average, 5.62 ± 6% of F2 progeny contained the sparkling mutant eye phenotype across 
all combinations of promoters and guide constructs. Nanos x pCFD4-plus-spa-gypsy had 
the highest percentage of progeny with the sparkling eye phenotype (20%) although that 
was calculated for small numbers of flies (Table 4.1). In general, nanos and vasa had fairly 
comparable rates, although pCFD4-plus and pCFD4-plus-gypsy both generated more F2 
sparkling eye mutants than pCFD5. 
 
I then genotyped F2 progeny with sparkling eyes from each cross. Interestingly, in most of 
the mutants, I was unable to amplify the sparkling locus, even with multiple sets of primers 
(Figure 4.2D). While it is unclear exactly what is happening in these flies, I am currently 
performing whole genome sequencing on select lines to find out. On average, for all 
crosses, only 28% of all mutant F2 progeny had bands that I could amplify (Table 4.1, 
“Percent with Band”).  
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Figure 4.2. Maternally-deposited Cas9 is crossed with sgRNAs such that F2 progeny 
contain at most a single mutant allele. A) Schematic of the crossing scheme. Virgin females 
containing vasa or nanos driven Cas9 over a Tm3 balancer marked by the Stubble (sb[1]) visible marker were 
crossed with males that contain sgRNAs that were also integrated on the third chromosome. pCFD5-spa was 
over a TM3 balancer marked with Serrate. Progeny from this cross contained maternally-deposited Cas9, 
which, when paired with zygotic guides, makes mosaic edits in nuclei across the embryo. Once F1 progeny 
eclosed, virgin females marked with Stubble were crossed to males that were homozygous for   svspa-pol, which 
is a null allele of the sparkling enhancer, containing a 1.58kb deletion around the enhancer. Cas9-mediated 
mutations that occur in the germ cells are inherited by progeny such that they will contain at most one mutant 
genotype (depicted by the red, orange, and yellow colored F2 embryos resulting from mutations in the red, 
orange, and yellow gonads in the F1 adult female). Images depict potential eye phenotypes (sparkling mutant 
–left; wild-type –right) that are associated with the F2 progeny. B) pCFD5 expresses all sgRNAs (blue, cyan, 
purple, pink, orange, and yellow bars) from one U6:3 promoter. This construct design has been previously 
published254. pCFD4-plus contains all sgRNAs expressed from two promoters, U6:1 and U6:3. pCFD4-plus-
gypsy is the same as pCFD4-plus but with the addition of gypsy insulators (green triangles) in between each 
pair of sgRNAs. C) To generate the final pCFD4-plus plasmid, I first made individual pCFD4 plasmids that 
contain two guides each before joining them together using custom barcodes that specify the order of 
assembly. D) Agarose gels from genotyping of sparkling mutant F2 flies. The top-left gel is a PCR of the 
sparkling locus for 10 flies from the vasa-Cas9 x pCFD5-spa cross. The bottom-left gel is the sparkling locus 
amplified from the vasa-Cas9 x pCFD4-plus-spa cross. The top and bottom right gels show the same genomic 
DNA preps used for sparkling locus amplification but with primers against the white locus as a control to 
indicated that there is material present. 
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Table 4.1. sparkling F2 phenotypes and genotypes with maternally-deposited Cas9. 
Experiment Phenotypes Genotypes 

Cas9 
driver guide construct 

# WT 
F2s 

# spa- 

F2s 
# int 
F2s % mutant 

percent with 
band 

nanos pCFD5-spa 946 7 4 0.73% 0.00% 

vasa pCFD5-spa (rep1) 1721 58 32 3.26% 71.43% 

vasa pCFD5-spa (rep2) *10000 6 N/A < 1% N/A 

vasa pCFD5-spa (rep3) 1282 6 N/A 0.47% N/A 

nanos pCFD4-plus-spa 118 5 0 4.07% 58.33% 

vasa 
pCFD4-plus-spa 
(rep1) 97 7 0 6.73% 13.33% 

vasa 
pCFD4-plus-spa 
(rep2) 1651 132 N/A 7.40% 18.18% 

nanos 
pCFD4-plus-spa-
gypsy 24 6 1 20.00% 28.57% 

vasa 
pCFD4-plus-spa-
gypsy 176 15 0 7.85% 9.09% 

Table depicts numbers of F2 progeny from crosses described in Figure 4.2A where Cas9 is maternally 
deposited. “Experiment” columns describe which Cas9 driver (nanos or vasa) and which sgRNA construct I 
used (pCFD4-plus-spa, pCFD4-plus-gypsy-spa, pCFD5-spa). Reps indicate which crosses are replicates. The 
“phenotypes” columns depict the counts and percentages of F2 progeny with wild-type, sparkling, or 
intermediate eye phenotypes. Intermediate phenotypes generally have rough patches over some of the eye or 
only one eye. * indicates that this number is an estimate. “Genotypes” column describes the percentage of 
F2 progeny with mutant eyes in which I could amplify the genomic locus. For many of these flies I could not 
amplify the region with standard primers (see Figure 4.2D). N/A indicates that I have not attempted to 
genotype mutant progeny of this cross. 
 
I repeated the vasa-Cas9 x pCFD4-plus-spa cross and got a similar rate of sparkling flies 
(replicate 1 – 6.73%, replicate 2 – 7.40%). I could amplify an even smaller number of these 
mutant flies, with only ten (18%) producing a band. Surprisingly, of those ten, seven were 
wild-type in genotype. 
 
The other three had unique mutant alleles: one full deletion, one 4bp deletion, and one 
substitution. While this demonstrates that a very small percentage (0.4%) of F2 progeny 
possess a mutant sparkling allele, it also reveals that there is some rate of the following 
occurring that creates flies with a mutant phenotype but a wild-type genotype: 
misclassification of mutant flies, spontaneous sparkling phenotype occurring in the 
population, off-target or secondary effects occurring outside the sparkling locus. I am not 
yet sure if this is the case for crosses with pCFD4-plus-gypsy-spa, but a replicate cross is 
underway.  
 
For the first of the vasa-Cas9 x pCFD5-spa crosses, I counted 3% sparkling mutants (Table 
4.1). Confusingly, subsequent replicates of this cross were unable to support these numbers 
with only 0.47% and less than 1% of F2 progeny having the sparkling phenotype. These 
numbers are similar to those seen for nanos-Cas9 x pCFD5-spa.  
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Table 4.2. white F2 phenotypes with maternal-only and maternal and zygotic Cas9 
expression. 

Experiment Phenotypes 

driver exposure Cas9 driver guide construct 
# WT 
F2s 

# spa- 

F2s 
# int 
F2s 

%  
mutant 

maternal + zygotic nanos pCFD4-plus-w 146 60 0 29% 

maternal + zygotic vasa pCFD4-plus-w 202 159 0 44% 

maternal + zygotic nanos pCFD5-w 434 0 1 0% 

maternal + zygotic vasa pCFD5-w 330 2 0 1% 

maternal only nanos pCFD4-plus-w 150 5  0 3% 

maternal only vasa pCFD4-plus-w 241 9  0 4% 

maternal only nanos pCFD5-w 262 0  0 0% 

maternal only vasa pCFD5-w 338 0  0 0% 

Table depicts numbers of F2 progeny from crosses described in Figures 4.2A and 4.5A, only with sgRNAs 
against the white gene. In the “Experiment” section, the “driver exposure” column indicates whether the 
progeny were derived from crosses where Cas9 is maternally-deposited only (Figure 4.2A) or was both 
maternally-deposited and zygotically expressed (Figure 4.5A). The pCFD4-plus-w plasmid contains eight 
guides that tile sequences surrounding the first exon of the white gene. As with pCFD4-plus-spa, in pCFD4-
plus-w each guide is driven from a U6:1or U6:3 promoter. pCFD5-white has all eight guides expressed from 
a single U6-3 promoter. The “phenotypes” columns depict counts and percentages of F2 progeny with red 
(wild-type), white (mutant), or intermediate eyes that have white patches over some of the eye or only one 
eye.  
 
Furthermore, I performed this same experiment with sgRNAs that tiled the first exon of 
the white gene and pCFD5-white produced 0-1% white eyed progeny (Table 4.4, maternal-
only). 
 
Mysteriously, the mutant progeny that were collected in the first cross of vasa-Cas9 x 
pCFD5-spa were amplifiable and had diverse band sizes. Despite the fact that I am not sure 
what happened during this cross to produce these flies, I decided to characterize the 
mutational spectrum of these mutants due to time constraints. While I am not sure how 
these flies were generated, my current hypothesis is that they were produced by 
contaminating non-Stubble parents which expressed Cas9 and sgRNAs zygotically, which 
I have found results in near-perfect mutation efficiency (maternal and zygotic crosses, 
described below).  
 
Tiling guide RNAs can generate alleles with deletions, substitutions, and 
insertions 
  
I was able to amplify the sparkling locus in 71% of sparkling mutants derived from the 
first replicate of the vasa x pCFD5-spa cross.  
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Figure 4.3. High-throughput genotyping platform. A) To genotype flies in a high throughput 
way, I performed PacBio long-read sequencing on amplicons generated from flies where genomic DNA was 
extracted both individually (A, left ) and in large groups (A, right). Genomic DNA from 58 individual 
sparkling eyed flies were extracted using phenol-chloroform (methods), but a Dneasy protocol was then 
optimized for genomic DNA extraction from 96 flies with wild-type eyes from the same cross. Phenol-
chloroform extractions were also performed on large groups of over 1000 flies, homogenized together (A, 
right). B) PacBio sequencing scheme. Custom 8 bp single fly barcodes were added after sequence specific 
primers on both sides of the amplicon. In combination, these barcodes classify reads belonging to a single 
fly. After the barcode, PacBio adaptor sequences specify each group. Amplicons were 975 bp for the 
sparkling locus and 2195 bp for the white locus. 
 
As discussed above, I was unable to generate similar mutants in subsequent replicates of 
this cross so I currently do not know what cross generated these alleles. Therefore, while 
the results from this experiment are not conclusive, they are indicative that some version 
of this cross worked at some point. As discussed before, I am currently testing a few 
hypotheses to figure out where these flies came from. 
 
I then performed long-read sequencing on amplicons of the sparkling and white locus. I 
made amplicon libraries from 58 individual sparkling mutants and 96 wild-type F2 progeny 
(Figure 4.4A). I designed custom barcodes to label amplicons from each fly (Figure 4.4B) 
and sequenced libraries using Pacific Biosciences (PacBio) long-read sequencing so that I 
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could generate fully phased haplotypes. PacBio results were later confirmed by Sanger 
sequencing.  
 
Of the twenty-one mutant alleles that were amplified and confirmed by sanger sequencing, 
six were full deletions that spanned the entire enhancer (28%), eight (38%) were partial 
deletions with more than half of the enhancer removed, four (19%) had small deletions of 
less than 10bp, three (14%) had single base substitutions, and four (19%) were wild-type 
at the sparkling locus (Figure 4.4). 
 
These preliminary findings demonstrate that tiling guide RNAs can generate a diverse 
range of alleles. However, it is still unclear which factors led to the generation of these 
alleles since I could not replicate these results. Furthermore, I did not observe any cutting 
in F2 progeny with wild-type eyes, in either the single fly conditions or in large pools. This 
suggests that, overall, pCFD5-spa did not effectively edit the genome. Moreover, I 
conclude that maternally-deposited Cas9 is not an effective strategy for generating large 
numbers of mutant alleles in Drosophila. 
 
Zygotically expressed Cas9 and sgRNAs led to greater than 90% cutting 
efficiency 
 
For maternally-deposited Cas9 crosses, I only observed, on average, 5% of F2 progeny 
with mutant phenotypes, with most possessing genotypes that I was not able to amplify. I 
then asked whether F1s with Cas9 zygotically expressed produced more F2s with the 
sparkling phenotype. I reasoned that flies that have Cas9 and guides expressed throughout 
their lifespan have more exposure to Cas9 cutting. Maternally-deposited nanos RNA is 
localized to posterior germ cells prior to stage 5 and is required for embryonic germ cell 
migration242. Zygotically, nanos is strongly expressed in the ovaries and is a key 
component of oogenesis. RNA-seq data from adult tissues shows that in addition to strong 
expression in the ovaries, nanos is highly expressed in imaginal disks of third instar larvae. 
Vasa is also highly expressed in third instar larvae imaginal disks243. Imaginal disks are 
epithelial tissues that differentiate into adult structures. Cas9 and sgRNA expression in the 
eye imaginal disk could result in mosaicism of the adult eye. 
 
I had noticed in my previous crosses (Figure 4.2A), that F1 progeny that had lost the 
Stubble marker, and therefore possess zygotic Cas9 and sgRNAs, almost always had the 
sparkling phenotype. This interested me because F1 phenotypes originate from somatic 
mutations and are, most likely, highly mosaic. To confirm this, I performed the cross 
depicted in Figure 4.2A but this time I collected F1s that had zygotic Cas9 and sgRNAs 
(Figure 4.5A). I performed this cross with pCFD4-plus-spa and pCFD4-plus-gypsy-spa 
(summarized in Table 4.3) alongside pCFD4-plus-white and pCFD5-white (summarized 
in Table 4.2). Like before, F1s possessing both guides and Cas9 had mosaic eyes. Both 
white and sparkling guides produced this effect, although mosaicism is more clearly seen 
in flies containing sgRNAs against white (Figure 4.5A, mosaic F1 adult female image). 
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Figure 4.4. Genotypes of sparkling mutants confirmed by long read and sanger 
sequencing. Amplicons generated from sparkling F2 progeny from the vasa-Cas9 x pCFD5-spa cross 
(rep1),summarized in Figure 4.2A and Table 4.1. The sparkling locus, from position 1090453 to 1101953, is 
depicted under the histogram. Sparkling is located in the third intron of dPax2 on chromosome 4. The 
histogram at the top depicts the frequency that each base was present in mutant genotypes. The alignment 
and histogram were created in Benchling244. The graphic below the histogram depicts the sparkling enhancer 
in the genomic locus. Grey bars denote exons of dPax2. Yellow bars represent the sparkling enhancer. Blue 
triangles represent Lozenge (Lz) binding sites. Green triangles represent ETS binding sites. Orange triangles 
represent Suppressor of Hairless (Su(H)) binding sites. The location of the six sgRNAs are depicted by purple 
arrows. Purple dashed arrows underneath the sgRNAs show where the amplicon primer sequences are located 
(JH349 on the left and JH350 on the right). Amplicons from individual mutant F2 progeny are depicted 
underneath. A gray line indicates matches to the reference sequence while pink bars represent gaps or 
mismatches. Pink bars on either side of the primers are from the 8 bp barcodes that are present in the amplicon 
but fail to align to the reference. Each allele is from an individual fly and the amplicon sequence was validated 
by both PacBio and Sanger sequencing. 
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Figure 4.5. Crossing schemes for maternal and zygotic Cas9 and zygotic-only Cas9. 
A) Crossing scheme where Cas9 is both expressed zygotically and maternally deposited in F1and F2 
generations. Females with vasa- or nanos- driven Cas9 over a balancer marked with Stubble are crossed to 
males containing either pCFD4-plus-spa or pCFD4-plus-gyspy-spa. F1 embryos will have had Cas9 
maternally deposited, resulting in somatic cell mosaicism at the sparkling locus. Inset image on the left shows 
what this looks like for flies with guides against the white gene, where mosaicism is more easily visualized. 
Once eclosed, F1 progeny without Stubble are crossed with males homozygous for a sparkling null allele 
(svspa-pol), which possesses the sparkling phenotype (inset image on the left). F2 progeny will also by exposed 
to a second round of maternally-deposited Cas9. In embryos that inherit sgRNAs (dark orange F2 embryo – 
left), this may result in additional mosaicism. Images depicting scorable phenotypes are shown below. B) 
Crossing scheme where Cas9 is only expressed zygotically, passing through the paternal line. Males bearing 
vasa-Cas9 over a balancer marked by Stubble are crossed to females containing pCFD4-plus-spa or pCFD4-
plus-gypsy-spa. Once eclosed, F1 progeny that do not contain Stubble are crossed to females homozygous 
for svspa-pol. F1 progeny are not exposed to maternally-deposited Cas9 and instead have zygotically-expressed 
Cas9 and sgRNAs. F1s are potentially mosaic at the sparkling locus. Due to lack of recombination in males, 
progeny will contain either Cas9 or guides but not both mitigating any further exposure to Cas9 in the F2 
soma. F2 progeny are then sorted by eye phenotype into wildtype and mutant groups (phenotypes depicted 
in images below).  
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Table 4.3. Combined maternal and zygotic Cas9 F2 phenotypes. 
Experiment Phenotypes Genotypes 

Cas9 
driver guide construct 

# 
WT 
F2s 

# spa- 

F2s 
# int 
F2s 

%  
mutant 

percent 
with 
band 

gel summary 
(bp) 

nanos pCFD4-plus-spa 9 288 0 97% 8% 1x 600* 

vasa pCFD4-plus-spa 0 53 0 100% 47% 3x 600*  

nanos pCFD4-plus-gypsy-spa 6 119 1 95% 36% 2x600*, 2x800 

vasa pCFD4-plus-gypsy-spa 5 151 0 97% 79% 
4x600, * 
3x500 ** 

Phenotypes of F2 progeny from the crossing scheme outlined in Figure 4.5A. This scheme tests two different 
pCFD4-plus constructs and Cas9 driver combinations, that were maintained maternally and zygotically in 
the F1 generation. “Experiment” columns describe which Cas9 driver (nanos- or vasa-) and sgRNA construct 
were used. The “phenotypes” columns depict the counts and percentages of F2 progeny with wildtype, 
sparkling, or intermediate eyes. “Genotypes” column describes the percentage of F2 progeny with mutant 
eyes, where I could amplify the genomic locus. For many of these flies I could not amplify the region with 
standard primers. Gel summary column describes how many single flies were genotyped followed by an 
estimate of the size of the band (to the nearest hundred) in base pairs (these samples were not sanger 
sequenced). The wild type band is 975bp. The full deletion is around 500bp (denoted by **). Likely partial 
deletions, where greater than half of the enhancer is removed, is denoted by *. 

 

Table 4.4. Zygotic only and zygotic and maternal Cas9 F2 phenotypes. 
Experiment Phenotypes 

driver exposure 
Cas9 
driver guide construct 

# WT 
F2s # spa- F2s 

# int 
F2s 

% 
mutant 

zygotic only vasa pCFD4-plus-spa 29 33 1 54% 

zygotic only vasa 
pCFD4-plus-
gypsy-spa 1 12 1 93% 

maternal + 
zygotic vasa pCFD4-plus-spa  TBD  TBD  TBD  
maternal + 
zygotic vasa 

pCFD4-plus-
gypsy-spa  TBD  TBD  TBD  

 
Phenotypes of F2 progeny from crosses testing two different pCFD4-plus constructs and Cas9 driver 
combinations that were maintained zygotically (driver exposure: zygotic only), outlined in Figure 4.5B. The 
maternal and zygotic combined samples (driver exposure: maternal + zygotic) are distinct from 4.5A. This 
scheme follows 4.5B for the first cross but instead of non-Stubble males being selected, non-Stubble females 
were selected to cross with svspa-pol males. In this cross, F2s are exposed to maternally-deposited Cas9 with 
the potential for additional mosaicism confounding the sparkling phenotype. This condition was included to 
evaluate the impact of mosaicism on F2 phenotyping. TBD refers to flies that I have collected and frozen at 
-80ºC but was unable to screen due to the pandemic.  
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I then crossed mosaic, virgin, female F1s to svspa-pol males, as done with maternal-only 
crosses. I found that 95% to 100% of F2s had sparkling eyes (Table 4.3). Interestingly, F2 
progeny derived from nanos-Cas9 x pCFD4-plus-white were 29% white and vasa-Cas9 x 
pCFD4-plus-white were 44% white (Table 4.2 – maternal + zygotic). pCFD5-white failed 
in all conditions. This is in stark contrast to pCFD4-plus constructs and most likely suggests 
that pCFD5 is not expressing guides effectively.  
 
Furthermore, when I genotyped a subset of the sparkling mutants from the vasa-Cas9 x 
pCFD4-plus-gypsy-spa cross, I was able to amplify almost 80%. Mutations were 
predominantly full and partial deletions (Table 4.3, percent with band and gel summary). 
For both pCFD4-plus-spa and pCFD4-plus-gypsy-spa, vasa-Cas9 drivers performed better 
than nanos-Cas9, similar to that seen for pCFD4-plus-white.  
 
Importantly I only detected one band per F2 fly for all crossing schemes that I tried. This 
is expected for all but the maternal and zygotic cross outlined in Figure 4.5A. In that cross, 
maternal Cas9 is deposited again in F2 embryos. However, even in this cross I only 
detected one band per fly for all the F2 progeny that I screened. From this, I conclude that 
F2s have undetectable levels of somatic mosaicism, though low levels of mosaicism may 
still be present. PacBio sequencing has the capability of detecting very low abundance 
genotypes but I was unable to differentiate low-abundance genotypes from PCR and 
sequencing artifacts. In the future, however, PacBio sequencing may be able to determine 
low-abundance genotypes resulting from somatic mosaicism.  
 
Even though there is no evidence to suggest that F2s from the maternal and zygotic crosses 
are mosaic, to prevent any potential confounding effects, I performed the cross again, this 
time carrying Cas9 through the paternal allele, which prevents maternal deposition of Cas9. 
This cross tests whether there is efficient Cas9 cutting when Cas9 is only expressed 
zygotically (Figure 4.5B). Preliminarily, I found that 54% and 93% of F2 progeny from 
this cross had sparkling eye (Table 4.4). Due to the coronavirus outbreak, I have only 
scored a portion of these progeny and have genotyped none, but the percentages are 
encouraging. 
 
Discussion 
 
High-throughput mutant generation, combined with functional or phenotypic screening, 
has been highly successful in discovering genes and regulatory elements involved in 
biological processes. This includes traditional genetic screens, like the Nobel prize-
winning Heidelberg screen which used ethyl methanesulfonate (EMS) mutagenesis to 
induce genome-wide point mutations in order to evaluate genes involved in patterning. In 
a single experiment, the majority of genes involved in Drosophila early embryo patterning 
were discovered and to this day we are still studying how these genes function234.  
 
While EMS mutagenesis produce mutations throughout the genome, CRISPR/Cas9 allows 
for site-directed mutagenesis using guide RNAs (sgRNAs) to direct Cas9 nucleases to a 
particular genomic location. High-throughput screening strategies can utilize Cas9 to make 
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specific edits and pair them with functional readouts, to uncover mutations that impact a 
specific phenotype. Most of these methods involve transfecting or infecting libraries of 
sgRNAs or reporter plasmids into cells. Unfortunately, these methods are limited in many 
animal models, such as Drosophila, because plasmids are manually injected and transgenic 
rates are low. After injection, only 30-50% of larvae survive. For phiC31-based integration, 
only 30-50% of survivors are transformed (although in practice these numbers are even 
lower. I usually get under 10 transformants per 200 embryos injected). Similar numbers 
are seen when injecting sgRNAs into Cas9-expressing fly lines, with only a 13% and 44% 
rate of transformed larvae for nanos-cas9 and vasa-cas9 respectively245. Again, in practice 
the number of transformants observed is much lower than these numbers.  
 
High-throughput mutant generation would vastly accelerate understanding of the 
regulatory grammar of cis-regulatory elements. Researchers have expended great effort to 
make individual lines containing enhancer deletions, but this process is both time 
consuming and often leads to confusing and contradictory results. For example, one study 
found that eve stripe 2 with over a third of the binding sites removed is adequate for 
spatially regulated gene expression. However, attempts to design enhancers based on 
hypotheses coming out of these studies largely fail 225. Exploring mutational space with 
hundreds, or even thousands, of mutants is necessary to fully address many of these 
inconsistencies. Additionally, pioneering a way to generate large numbers of mutants 
would allow interrogation of many enhancer sequences and facilitate more generalizable 
insights.  
 
In this chapter, I describe a method for generating large numbers of site-specific, whole-
animal mutants in Drosophila melanogaster. To do this, I tiled six and eight sgRNAs across 
the sparkling enhancer and the first exon of the white gene. I then crossed sgRNA flies 
with Cas9-expressing lines. I then crossed the resulting F1s to a line homozygous for a null 
allele of either sparkling or white (both of which are haplosufficient). Germline mutations 
that occur in the first cross are inherited by F2s to ensure that each F2 fly contains at most 
a single mutant allele at the endogenous locus. Preliminary evidence shows that, as 
expected, this strategy produces mostly deletions. However, a range of other alleles 
including point mutations, substitutions, and insertions were also observed at lower 
frequencies. In all crossing schemes, only one mutant allele was found for each F2 progeny 
(except for that outlined in Figure 4.5A, which is expected to be mosaic). 
 
Surprisingly, zygotic expression of Cas9 and guides was much more effective at generating 
heritable mutant phenotypes than maternally-deposited Cas9. This is surprising on many 
levels. Cas9 is typically injected at embryonic stage 3 because of ease of injection. It is not 
known whether the timing of injection is important for Cas9 cutting efficiency. In fact, it 
is largely assumed that cutting prior to gastrulation is important for editing germ cells246. 
Vasa driven Cas9, used here, was previously noted to produce mosaicism in flies where 
Cas9 and sgRNAs were both zygotically expressed. It should be noted that these flies were 
also exposed to maternally-deposited Cas9 in both the F1 and F2 progeny, similar to the 
cross outlined in Figure 4.5A, if they indeed resulted from the cross described in 
supplemental figure S1247. For this cross I detected similar rates of transmission with 95-
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100% of progeny showing a sparkling phenotype. I also detect this mosaicism in nanos-
Cas9 lines, which had not been previously reported247.  
 
Here, my preliminary analyses indicate that zygotic expression of Cas9 from vasa and 
nanos is essential for efficient Cas9 cutting in crosses where Cas9 is inherited. In 
experiments where Cas9 is zygotically expressed and not maternally deposited, I find 54-
93% of F2 progeny have sparkling phenotypes, compared to 7-8% for maternally-deposited 
Cas9 with the same sgRNAs.  
 
While the progeny of the zygotic-only cross remain to be genotyped due to the 
Coronavirus, I was able to genotype mutants from the maternal and zygotic combined 
crosses. Small bands indicate that these progeny mostly contain large deletions. However, 
because zygotic-only Cas9 has very high efficiency, creating a more diverse mutational 
spectrum might be as easy as tuning the guide cutting efficiency. Similar strategies have 
been successful for lineage tracing and barcode generation in zebrafish, where guides with 
less predicted activity from GUIDE-seq assays248resulted in more diverse alleles with 
fewer large deletions between guides249.  
 
Data presented in this chapter confirm that guide RNA tiling of genomic regions can create 
a large number of mutant flies with different alleles from a single experiment. When 
coupled to a functional phenotypic screen, these alleles can be used to identify which bases 
of a regulatory element are necessary for function. 
 
Future Directions 
 
This strategy holds a lot of promise – but there is still much to be done before the potential 
of this method is fully realized.  
 
First, progeny from the crosses I have described above need to be genotyped. Due to the 
pandemic, I was unable to finish phenotyping and genotyping flies from the zygotic-only 
crosses. PacBio sequencing should be performed on these mutants. Since the efficiency of 
the zygotic-only Cas9 is so high, tens of thousands of mutants can be easily generated. 
With so many mutants, it is conceivable that even if large deletions make up 80-90% of all 
mutant genotypes, 1-5% of usable genotypes might be enough for basic binding site 
recovery.  
 
If the zygotic-only cross turns out to be a viable strategy (which it certainly seems to be), 
the next challenge will be to tweak Cas9 cutting efficiency. If nearly all progeny from the 
zygotic-only crosses have a sparkling phenotype, that means that these progeny arose from 
cells that were exposed to Cas9 at some point – otherwise they would not have a mutant 
phenotype (except in cases caused by spontaneous mutations that occur at much lower 
rates). By changing when Cas9 was expressed through different crossing schemes, my 
approach had been to tune mutation rate by limiting exposure to Cas9. In light of the 
experiments I have described above, I believe that a better way to diversify the Cas9 
mutational spectrum is to tune the efficiency of the guide RNAs themselves. Different 
guide RNA sequences show dramatically different cutting efficiencies. While many are 
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currently trying to understand why that is – I want to use this to maximize allele diversity. 
This approach was ultimately used for Cas9 barcoding for lineage tracing experiments249.  
 
There are many ways to measure guide cutting efficiency. Computational models have 
been built from experiments testing large numbers of guides both biochemically and in 
cells. These models are not derived from experiments in Drosophila, however, so the next 
step is to find guides that produce smaller edits around the guide cut site. This is difficult 
to find through trial and error, so it would be prudent to test guide cutting in vitro before 
introducing them into flies. I envision that the next round of injections will test pCFD4-
plus-spa with different sets of guides. This was the crutch of the approach taken in 
McKenna et al. 2016 which clearly demonstrates that using guides with different 
efficiencies can affect the output mutational spectrum.  
 
Once optimized, this method can be applied to other enhancers and genomic regions. This 
approach could potentially facilitate deep mutational scanning to uncover protein structure-
function relationships. I personally would like to see this method applied to all known 
Drosophila enhancers. This kind of comprehensive catalog would greatly expand our 
understanding of these enhancers and allow us to build more accurate models of enhancer 
function on a population level. It is very likely that not all enhancers follow the same 
regulatory “grammar” even if a grammar-like code does exist. Only by fully characterizing 
many known enhancers can we test the prevalence of regulatory models of enhancer 
function. If I were to continue in academia (which I do not plan on doing), I would get this 
working during my post-doctoral training and then start an academic lab around this 
approach because there is just so much biology that can be explored with high-throughput 
genetic screens. 
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Materials and Methods 
 
Guide selection 
Guides were generated using Benchling’s Guide RNA Design tool 
(https://www.benchling.com/CRISPR/). I then hand selected 6 guides that tiled the 
sparkling allele, that have the highest efficiency score, and none or few expected off-targets 
(high specificity score). Additionally, off-targets specific to the fly genome were assessed 
using the online tool, flyCRISPR (https://flyCRISPR.org/target-finder/)250,251.  
 

sgRNA 
name chr position sequence PAM 

specificity 
score 

efficiency 
Score 

spa-sgRNA-1 4 1096345 GAAGTAGATACCTAAGCTAC CGG 99.58 60.10 

spa-sgRNA-2 4 1096153 TCAATGTGAATAAGATCTTG AGG 97.59 58.38 

spa-sgRNA-3 4 1096095 TGTGGGATGTAAATGGTCAT TGG 95.42 54.28 

spa-sgRNA-5 4 1096000 TGGAATTGTATCAAGTAACT GGG 95.10 53.55 

spa-sgRNA-7 4 1096302 CCGTGAGTACAACGTAAGTC GGG 100.00 53.21 

spa-sgRNA-8 4 1096193 ATTACAACGCTCACATTATC AGG 95.80 33.90 

w-sgRNA1 X 2796166 TTGCAACATCAAATTGTCTG CGG 97.18 67.47 

w-sgRNA2 X 2796388 AAACAAAAATAAGAAGCGAG AGG 85.84 67.46 

w-sgRNA3 X 2796652 CCTGGTACATCAAATACCCT TGG 98.13 58.14 

w-sgRNA4 X 2796436 AATTGATGGCGTAAACCGCT TGG 98.08 50.60 

w-sgRNA5 X 2796023 ATCATGATCAAGACATCTAA AGG 98.71 44.48 

w-sgRNA6 X 2795965 CATGGTAAGCTTAAAATATC TGG 97.38 32.14 

w-sgRNA7 X 2796246 TTGTTCAGATGCTCGGCAGA TGG 92.40 50.92 

w-sgRNA8 X 2796304 GTGTGAAAAATCCCGGCAAT GGG 96.25 50.81 
 
Table 4.5. Guide RNA sequences. This table features the guide RNAs used in this chapter. The 
“sgRNA name” column contains the name of the guide, including which locus (spa – sparkling, w – white) 
the guide is targeting, and the number associated with the guide. “chr” indicates the chromosome that the 
guide is located on. “Position” is the starting position of the guide. The “PAM” column indicates the Pam 
sequence used for each guide. Specificity score252 and efficiency score253 were both generated by the 
Benchling CRISPR design tool, based on published metrics. Additionally, I screened for Drosophila specific 
off-targets using the Fly CRISPR target finder.  

 
Guide plasmid cloning 
 
pCFD4-plus-spa and pCFD4-plus-w. pCFD4-plus plasmids are based on pCFD4. First 
pairs of guides were cloned into pCFD4 plasmids and then the pairs were brought together 
using Gibson assembly to generate one single plasmid containing all guides. Primers were 
designed as described in http://www.CRISPRflydesign.org/wp-
content/uploads/2014/06/Cloning-with-pCFD4-plus.pdf. pCFD4-plus plasmid (Addgene 
49411) was digested with BbsI restriction enzyme (NEB, R3539S). PCR with guide 
specific primers was performed with 2x Q5 master mix (NEB, M0492L) and an annealing 
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temperature of 66˚C and was then gel purified. There were many bands due to the repetitive 
nature of the guide scaffold. The plasmid was then assembled with NEB Hifi DNA 
assembly master mix (NEB, E2621). There was a lot of vector-only colonies so I had to 
screen colonies with the following primers: JH204- gacacagcgcgtacgtccttcg ; M13R- 
CAGGAAACAGCTATGAC. The vector-only colonies ended up being truncated products 
most likely derived from the repetitive guide RNA scaffold sequence, with most not being 
related to inefficient digestion. Plasmids of the correct size (~1 kb) were selected and 
sequenced.  
 
Once plasmids, with two guides each, were verified, I amplified the promoters and guide 
sequences from each of these plasmids with custom barcodes appended as Gibson handles, 
to ensure direction-specific assembly of guide pairs. PCR was performed as described 
before with 2x Q5 master mix (NEB, M0492L) at an annealing temperature of 68˚C. Inserts 
were then gel purified and assembled with NEB Hifi DNA assembly master mix (NEB, 
E2621). Colony PCR was used with the same primers as before to find colonies with the 
proper insert length (~1kb x the # of plasmids chained together). Colonies of the correct 
size were verified by Sanger sequencing.  
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Table 4.6. pCFD4-plus primer sequences. 
Primer Name Sequence 

pCFD4-plus-combined 1 Fwd  ttagccgatcaattgagatctgaattcattttcaacgtcctcga 

pCFD4-plus-combined 1 Rev CGCGACTTCTACCACGAACGacgtcaacggaaaaccattgtc 

pCFD4-plus-combined 2 Fwd CGTTCGTGGTAGAAGTCGCGaattcattttcaacgtcctcga 

pCFD4-plus-combined 2 Rev CGCTGGACTTAGCAACCGTGacgtcaacggaaaaccattgtc 

pCFD4-plus-combined 3 Fwd CACGGTTGCTAAGTCCAGCGaattcattttcaacgtcctcga 

pCFD4-plus-combined 3 Rev GATGGGCGGATCGCTACTCTacgtcaacggaaaaccattgtc 

pCFD4-plus-combined 4 Fwd AGAGTAGCGATCCGCCCATCaattcattttcaacgtcctcga 

pCFD4-plus-combined 4 Rev ataaacacacgtcagatgtatgtacgtcaacggaaaaccattgtc 
pCFD4-plus-combined-BB-
Fwd acatacatctgacgtgtgtttat 
pCFD4-plus-combined-BB-
Rev cagatctcaattgatcggctaa 

pCFD4-gypsy 1 Fwd gatccactagaaggcctaattcggtacactagttggccacgtaa 

pCFD4-gypsy 1 Rev CGCGACTTCTACCACGAACGacgtcaacggaaaaccattgtc 

pCFD4-gypsy 2 Fwd CGTTCGTGGTAGAAGTCGCGggtacactagttggccacgtaa 

pCFD4-gypsy 2 Rev CGCTGGACTTAGCAACCGTGacgtcaacggaaaaccattgtc 

pCFD4-gypsy 3 Fwd CACGGTTGCTAAGTCCAGCGggtacactagttggccacgtaa 

pCFD4-gypsy 3 Rev GATGGGCGGATCGCTACTCTacgtcaacggaaaaccattgtc 

pCFD4-gypsy 4 Fwd AGAGTAGCGATCCGCCCATCggtacactagttggccacgtaa 

pCFD4-gypsy 4 Rev Ataaacacacgtcagatgtatgtacgtcaacggaaaaccattgtc 
pCFD4-plus-gypsy-BB-Fwd acatacatctgacgtgtgtttat 
pCFD4-plus-gypsy-BB-Rev gaattaggccttctagtggatc 

 
This table features the sequences of the barcoded Gibson handles. The pCFD4-plus forward primers (Fwd) 
bind to the beginning of the U6-1 promoter. The pCFD4-plus reverse (Rev) primers begin 132 base pairs 
after the second gRNA scaffold. The pCFD4-gypsy forward primers begin upstream of the gypsy element. 
The red bases represent the custom Gibson handles used to distinguish amplicons from different 2 guide 
plasmids. The numbers 1-4 denote a different double guide pCFD4-plus plasmid generated in the previous 
step. pCFD4-plus backbone primers (BB) were used to amplify the plasmid backbone.  
 
pCFD5-spa and pCFD5-w cloning. Cloning of pCFD5-spa and pCFD5-w was performed 
following the cloning protocol available on CRISPRflydesign.org with few changes. 
Briefly pCFD5 (addgene #73914)254 was digested with BbsI restriction enzyme (NEB, 
R3539S) and gel purified. PCR with guide specific primers was performed with 2x Q5 
master mix (NEB, M0492L) at an annealing temperature starting at 61˚C ramping to 72˚C 
by 0.5 ˚C/cycle as described in the published protocol. Inserts were then gel purified. The 
plasmid was then assembled with all inserts using NEB Hifi DNA assembly master mix 
(NEB, E2621). The published protocol recommended that we ligate several inserts together 
before going into the assembly to minimize the number of inserts, but I found that this had 
no effect on decreasing incorrect assemblies, which were mostly due to repetitive 
sequences. Colony screening was absolutely essential as only one out of 8 colonies was 
correct. The recommended sequencing primers were used (Fwd primer: 
acgttttataacttatgcccctaag; Rev primer: gcacaattgtctagaatgcatac).  
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Guide fly line generation 
The following guide RNA plasmids, pCFD4-plus-spa, pCFD4-plus-w, pCFD4-plus-
gypsy-spa, pCFD5-spa, pCFD5-w, were injected into the following fly line 
P{y[+t7.7]=nos-phiC31\int.NLS}X, y[1] sc[1] v[1] sev[21]; P{y[+t7.7]=CaryP}attP2 
(Bloomington Stock number 25710). Plasmids were integrated on chromosome 3L at 
position 11070538. Injections were done using Rainbow Transgenics and were screened 
for loss of vermillion eye color. Successful transformants were balanced with a rainbow 
internal line (TB00027) of the following genotype: y v; Sb/TM3, Ser. I verified the 
genotype of resulting flies by PCR. 
 

nanos and vasa Cas9 fly lines 
Males expressing vasa-Cas9 (Bloomington stock number 51324) or nanos-Cas9 
(Bloomington stock number 79004) were crossed with Tm3-Sb / Gl females selecting male 
progeny with stubble and not Gl phenotypes. Males where then crossed with Tm3-Sb / Gl 
females again to balance the line. The purpose of this cross is to remove the white 
background in this line. 
 

CRISPR Fly Crosses 
 
Maternal Cas9 only cross. Vasa or nanos Cas9 virgin females over Tm3-Sb balancer were 
crossed with males homozygous for sgRNAs (no Serrate)- except for pCFD5-sparkling 
which was only viable over Tm3-Serrate. Typically crosses were set up with 6 virgin 
females and 3-6 males. F1 progeny with Stubble (and for crosses with pCFD5-spa, no 
Serrate) were crossed with males homozygous for a sparkling enhancer null allele that 
contains a 1.58kb deletion around the enhancer - svspa-pol (Bloomington Stock 1566). After 
eclosion F2 progeny were then screened for sparkling or white eye phenotype.  
 
General note: In the first cross with pCFD5-spa that yielded mutant flies that were 
ultimately sequenced, Serrate, no Stubble virgin females were also included in the F2 cross.  
 
Maternal and zygotic Cas9 cross. Vasa or nanos Cas9 virgin females over Tm3-Sb were 
crossed with males homozygous for sgRNAs. Crosses were set up with 5 virgin females 
and 4-5 males. F1 progeny without Sb were crossed with males homozygous for a 
sparkling enhancer null allele that contains a 1.58kb deletion around the enhancer,  svspa-pol 
(Bloomington Stock 1566). After eclosion, F2 progeny were screened for sparkling or 
white eye phenotype. 
 
Zygotic only Cas9 cross. Virgin females homozygous for sgRNAs were crossed with 
males homozygous for vasa or nanos Cas9. F1 males were crossed with females 
homozygous for a sparkling enhancer null allele that contains a 1.58kb deletion around the 
enhancer - svspa-pol (In this experiment I used Bloomington Stock 759 because mutant flies 
could then be kept as independent lines). After eclosion, F2 progeny were then screened 
for sparkling or white eye phenotype. 
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Genomic DNA preparations 
 
Phenol-chloroform extractions. Single flies were placed into 1.5ml tubes. 50µl of 
Solution A (100mM Tris-HCl (pH 9.0), 100mM EDTA, 1% SDS) was added to the tube. 
Flies were then homogenized with a plastic pestle and rinsed with 200 µl of SolutionA. 
Tubes were kept on ice during homogenization. After homogenization, samples were 
incubated at 70˚C for 30 minutes. 1µl of RnaseA (ThermoFisher  # EN0531 10 mg/ml) was 
then added and samples were incubated at 37˚C for 15 minutes. Then 35 µl of 8M 
Potassium Acetate was added and samples were incubated on ice for 30 minutes (this is to 
precipitate out the SDS). Samples were then spun for 15 minutes at 13,000 x g and the 
supernatant was then removed and added to a new tube. In the hood, 250 µl of 
phenol:chloroform (Fisher 15-593-031) was added and then shaken and inverted for 20 
seconds. Then samples were spun for 5 minutes at 13,000 x g. The phenol:chloroform step 
was repeated once more. 1µl of glycogen or glyco-blue was added to samples, along with 
150µl of isopropanol. Samples were spun for 5 minutes at 10,000 x g, and the supernatant 
was removed. The pellet was washed twice with 70% ethanol and spun again for 5 minutes 
at 13,000 x g before all the ethanol was removed and the pellets were dried. Pellets were 
resuspended in 50-100 µl of TE (10mM Tris-HCl pH 9, 1mM EDTA) or water.  
 
Modified Dneasy column protocol. Reagents were from Dneasy Blood and Tissue kit 
(Qiagen, 69504). When the columns that come with the kit ran out, I used Epoch Life 
Science (1920-050) silica mini spin columns. Single flies were placed into 1.5ml tubes. 
Flies were then homogenized in 50µl of 1x PBS with sterilized plastic pestles (Fisher, 
K749521-1590). I first manually homogenized them and then pulsed with the mechanical 
homogenizer. The pestle was then washed with 130 µl of 1x PBS. 20µl of proteinaseK 
solution was then added alongside 200 µl ATL (or AL). Samples were then mixed 
thoroughly by vortexing, and incubated at 55°C - 60°C for 10 minutes. 4 µl of RNase A 
(100 mg/ml) was then added. Samples were mixed by vortexing, and incubated for 30 min 
at 37°C. Either 200 µl of ethanol (if AL was added already) or 400 µl of AL/E mixture was 
added and mixed thoroughly by vortexing. I spun down the samples on a table-top 
centrifuge and pipetted almost all the liquid into a spin column, trying to avoid any large 
chunks of fly carcass. Columns were washed once with AW1 and AW2 before a 2-minute 
dry spin. DNA was eluted in 50-100µl of Buffer AE.  
 
Large scale phenol-chloroform extractions. Flies were ground in disposable tissue 
grinders (Fisher, 02-542-07) in enough Solution A (100mM Tris-HCl (pH 9.0), 100mM 
EDTA, 1% SDS) to cover flies. Solution A was then added to bring the volume up to 15 to 
20mls. I then added 2x # of mls total volume in ul of Rnase A (ThermoFisher  # EN0531 
10 mg/ml) – usually between 30 to 40 µl. Tubes were incubated at 37°C for 15 minutes. I 
returned the tubes to ice and added 75 x # of mls total volume in uls, usually between 1.125 
and 1.5 mls of 8M KAc and incubated on ice for 30 minutes. The supernatant was then 
moved into a conical that can withstand 9,000 x g (ALWAYS CHECK) and centrifuged 
for 15 minutes. The supernatant was then pipetted into 1.5ml tubes and stored at -80°C for 
long term storage. Homogenate after a week frozen had comparable gDNA concentrations 
post extraction and was able to be amplified. Once thawed, 250 µl of homogenate was used 
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for phenol-chloroform extractions as described above, starting at the step where 250 µl of 
phenol-chloroform was added to the samples.  
 

Long read sequencing 
Genomic DNA was diluted to roughly 1ng/µl in 96 well PCR plates. PCR reactions 
contained 5µl of 2x Q5 master mix, 1µl of 10 µM forward and reverse primer sequences 
(table below), ul of diluted genomic DNA, and 3µl of water. Reactions were cycled for 25-
30 cycles at an annealing temperature of 68°C with an 80 second extension time. I then 
pooled 10µl of each sample by column and cleaned each pool with Ampure beads using a 
1:1, sample: bead ratio to remove primer dimers. DNA was then eluted in 10µl of water. 
All groups were then pooled to achieve 1µg of sample in 74 µl of water. The final pool was 
Ampure cleaned again using a 1:0.7, sample: bead ratio to more aggressively get rid of 
anything below 200bp. Libraries were prepared by the QB3 sequencing facility using 
SMRTbell Template Prep Kit 1.0-SPv3 and were sequenced on a PacBio Sequel II 
SMRTcell.  
 
Long read sequence analysis. 
Files were first demultiplexed and circular consensus sequences were called. Resulting 
fastq files were loaded into python using Biopython. Only reads with matching group 
barcodes and 50 bases on either side of the amplicon were kept. For groups containing 
single fly barcodes, reads corresponding to individual flies were grouped together. Only 
unique sequences were kept for each fly, but the number of duplicate sequences for each 
unique sequence was used to select the read that occurred the most frequently. The 
sequence with the most duplicates nearly always corresponded to the dominant PCR band. 
More than half the reads for each fly was made up of sequences that seemed to have 
mismatches or errors. While it is not clear what these sequences were derived from (error 
or mosaicism) – the same level of divergence was also seen in both controls of just 
OregonR amplicon sequence, indicating that these sequences were not resultant from 
CRISPR mutagenesis. The five most prevalent sequences of each individual fly or pool of 
flies were aligned to the amplicon using Needleman-Wunsch pairwise alignment from 
EMBOSS (https://www.ebi.ac.uk/Tools/psa/). Alignment and plots were generated in 
Benchling.  
 
Table 4.7. PacBio forward primer sequences. 

Primer Name 

PacBio Adaptor 
Sequence (5' to 
3') 

Template specific 
sequence 

Custom 
8bp 
barcode Final Primer Seq (5' to 3') 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

ACGTC
CAT 

CACATATCAGAGTGCGACGTCCATGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

ACGTC
CGC 

CACATATCAGAGTGCGACGTCCGCGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

CACG
GCAA 

CACATATCAGAGTGCGCACGGCAAGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

GACGT
TTC 

CACATATCAGAGTGCGGACGTTTCGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

GATTT
CGG 

CACATATCAGAGTGCGGATTTCGGGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

GCGG
GACG 

CACATATCAGAGTGCGGCGGGACGGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

GGGA
GTAG 

CACATATCAGAGTGCGGGGAGTAGGTTC
GCAGGGCAGTATTTCGGG 
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Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

TAGCA
ATC 

CACATATCAGAGTGCGTAGCAATCGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

TGCAA
CGC 

CACATATCAGAGTGCGTGCAACGCGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

TGGTT
CGC 

CACATATCAGAGTGCGTGGTTCGCGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

TTGGA
CCG 

CACATATCAGAGTGCGTTGGACCGGTTC
GCAGGGCAGTATTTCGGG 

Group1-Vasx54.2-
spa-JH349 

CACATATCAG
AGTGCG 

GTTCGCAGGGCAG
TATTTCGGG 

TTGCT
CGG 

CACATATCAGAGTGCGTTGCTCGGGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

ACGTC
CAT 

ACACACAGACTGTGAGACGTCCATGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

ACGTC
CGC 

ACACACAGACTGTGAGACGTCCGCGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

CACG
GCAA 

ACACACAGACTGTGAGCACGGCAAGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

GACGT
TTC 

ACACACAGACTGTGAGGACGTTTCGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

GATTT
CGG 

ACACACAGACTGTGAGGATTTCGGGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

GCGG
GACG 

ACACACAGACTGTGAGGCGGGACGGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

GGGA
GTAG 

ACACACAGACTGTGAGGGGAGTAGGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

TAGCA
ATC 

ACACACAGACTGTGAGTAGCAATCGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

TGCAA
CGC 

ACACACAGACTGTGAGTGCAACGCGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

TGGTT
CGC 

ACACACAGACTGTGAGTGGTTCGCGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

TTGGA
CCG 

ACACACAGACTGTGAGTTGGACCGGTTC
GCAGGGCAGTATTTCGGG 

Group2-Vasx54.2-
WT--JH349 

ACACACAGA
CTGTGAG 

GTTCGCAGGGCAG
TATTTCGGG 

TTGCT
CGG 

ACACACAGACTGTGAGTTGCTCGGGTTC
GCAGGGCAGTATTTCGGG 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

ACGTC
CAT 

ACACATCTCGTGAGAGACGTCCATCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

ACGTC
CGC 

ACACATCTCGTGAGAGACGTCCGCCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

CACG
GCAA 

ACACATCTCGTGAGAGCACGGCAACCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

GACGT
TTC 

ACACATCTCGTGAGAGGACGTTTCCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

GATTT
CGG 

ACACATCTCGTGAGAGGATTTCGGCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

GCGG
GACG 

ACACATCTCGTGAGAGGCGGGACGCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

GGGA
GTAG 

ACACATCTCGTGAGAGGGGAGTAGCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

TAGCA
ATC 

ACACATCTCGTGAGAGTAGCAATCCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

TGCAA
CGC 

ACACATCTCGTGAGAGTGCAACGCCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

TGGTT
CGC 

ACACATCTCGTGAGAGTGGTTCGCCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

TTGGA
CCG 

ACACATCTCGTGAGAGTTGGACCGCCAG
CAATGTTGTTGGCCAACT 

Group3-Nosx55.1-
w-WT-JH310 

ACACATCTCG
TGAGAG 

CCAGCAATGTTGT
TGGCCAACT 

TTGCT
CGG 

ACACATCTCGTGAGAGTTGCTCGGCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

ACGTC
CAT 

CACGCACACACGCGCGACGTCCATCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

ACGTC
CGC 

CACGCACACACGCGCGACGTCCGCCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

CACG
GCAA 

CACGCACACACGCGCGCACGGCAACCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

GACGT
TTC 

CACGCACACACGCGCGGACGTTTCCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

GATTT
CGG 

CACGCACACACGCGCGGATTTCGGCCAG
CAATGTTGTTGGCCAACT 
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Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

GCGG
GACG 

CACGCACACACGCGCGGCGGGACGCCA
GCAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

GGGA
GTAG 

CACGCACACACGCGCGGGGAGTAGCCA
GCAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

TAGCA
ATC 

CACGCACACACGCGCGTAGCAATCCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

TGCAA
CGC 

CACGCACACACGCGCGTGCAACGCCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

TGGTT
CGC 

CACGCACACACGCGCGTGGTTCGCCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

TTGGA
CCG 

CACGCACACACGCGCGTTGGACCGCCAG
CAATGTTGTTGGCCAACT 

Group4-Vasx55.1-
w-WT-JH310 

CACGCACAC
ACGCGCG 

CCAGCAATGTTGT
TGGCCAACT 

TTGCT
CGG 

CACGCACACACGCGCGTTGCTCGGCCAG
CAATGTTGTTGGCCAACT 

 
 
Table 4.8. PacBio Reverse primer sequences. 

Primer Name 

PacBio 
Adaptor 
Sequence (5' 
to 3') 

Template specific 
sequence 

Custom 
8bp 
barcode Final Primer Seq (5' to 3') 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

ATCACGA
C 

CGCACTCTGATATGTGATCACGACGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

ATGAACC
C 

CGCACTCTGATATGTGATGAACCCGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

CCTCAGC
A 

CGCACTCTGATATGTGCCTCAGCAGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

CTTGCGT
A 

CGCACTCTGATATGTGCTTGCGTAGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

GCCGCGA
A 

CGCACTCTGATATGTGGCCGCGAAGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

TCCTAAA
T 

CGCACTCTGATATGTGTCCTAAATGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

TGGGTTG
A 

CGCACTCTGATATGTGTGGGTTGAGGC
TTACGCGAGCTACTTAAGGT 

Group1-Vasx54.2-
spa-JH350R 

CGCACTCTG
ATATGTG 

GGCTTACGCGAGC
TACTTAAGGT 

TTGTCGA
C 

CGCACTCTGATATGTGTTGTCGACGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

ATCACGA
C 

CTCACAGTCTGTGTGTATCACGACGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

ATGAACC
C 

CTCACAGTCTGTGTGTATGAACCCGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

CCTCAGC
A 

CTCACAGTCTGTGTGTCCTCAGCAGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

CTTGCGT
A 

CTCACAGTCTGTGTGTCTTGCGTAGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

GCCGCGA
A 

CTCACAGTCTGTGTGTGCCGCGAAGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

TCCTAAA
T 

CTCACAGTCTGTGTGTTCCTAAATGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

TGGGTTG
A 

CTCACAGTCTGTGTGTTGGGTTGAGGC
TTACGCGAGCTACTTAAGGT 

Group2-Vasx54.2-
WT-JH350R 

CTCACAGTC
TGTGTGT 

GGCTTACGCGAGC
TACTTAAGGT 

TTGTCGA
C 

CTCACAGTCTGTGTGTTTGTCGACGGC
TTACGCGAGCTACTTAAGGT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

ATCACGA
C 

CTCTCACGAGATGTGTATCACGACAGA
GCGCATAAAAACGGCAAACT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

ATGAACC
C 

CTCTCACGAGATGTGTATGAACCCAGA
GCGCATAAAAACGGCAAACT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

CCTCAGC
A 

CTCTCACGAGATGTGTCCTCAGCAAGA
GCGCATAAAAACGGCAAACT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

CTTGCGT
A 

CTCTCACGAGATGTGTCTTGCGTAAGA
GCGCATAAAAACGGCAAACT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

GCCGCGA
A 

CTCTCACGAGATGTGTGCCGCGAAAGA
GCGCATAAAAACGGCAAACT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

TCCTAAA
T 

CTCTCACGAGATGTGTTCCTAAATAGA
GCGCATAAAAACGGCAAACT 

Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

TGGGTTG
A 

CTCTCACGAGATGTGTTGGGTTGAAGA
GCGCATAAAAACGGCAAACT 
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Group3-Nosx55.1-
w-WT-JH311R 

CTCTCACGA
GATGTGT 

AGAGCGCATAAAA
ACGGCAAACT 

TTGTCGA
C 

CTCTCACGAGATGTGTTTGTCGACAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

ATCACGA
C 

CGCGCGTGTGTGCGTGATCACGACAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

ATGAACC
C 

CGCGCGTGTGTGCGTGATGAACCCAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

CCTCAGC
A 

CGCGCGTGTGTGCGTGCCTCAGCAAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

CTTGCGT
A 

CGCGCGTGTGTGCGTGCTTGCGTAAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

GCCGCGA
A 

CGCGCGTGTGTGCGTGGCCGCGAAAG
AGCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

TCCTAAA
T 

CGCGCGTGTGTGCGTGTCCTAAATAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

TGGGTTG
A 

CGCGCGTGTGTGCGTGTGGGTTGAAGA
GCGCATAAAAACGGCAAACT 

Group4-Vasx55.1--
w-WT-JH311R 

CGCGCGTGT
GTGCGTG 

AGAGCGCATAAAA
ACGGCAAACT 

TTGTCGA
C 

CGCGCGTGTGTGCGTGTTGTCGACAGA
GCGCATAAAAACGGCAAACT 
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Chapter 5: Concluding Thoughts and Future 
Directions	

From this point forth, we shall be leaving the firm foundation of fact and journeying 
together …  into thickets of wildest guesswork. –JKR 

As a field, we have been seeking an answer for how enhancers function and a code for their 
regulation, since their discovery. We have uncovered many critical elements of this puzzle: 
transcription factors bind sites and form complex protein:protein interactions with 
themselves and other co-factors, chromatin structure that creates an environment conducive 
or restrictive to transcription, and topological boundaries that specify genomic regions that 
preferentially interact with one another. However, with all that we have uncovered, there 
remains ten-fold left to discover. It is still deeply unclear how all of these pieces come 
together to encode enhancer function. This lack of understanding is best exemplified by 
our inability to predict enhancer activity from genomic sequence alone or to build native 
enhancers from first principles.  
 
Our current model for how enhancers function is that pioneer factors establish regions of 
open chromatin through which spatially-patterned transcription factors access underlying 
enhancers to launch gene expression. Though much in that vague model is speculation, 
chromatin structure remains an interesting player. Chromatin accessibility to regulators of 
gene expression correlates with active enhancers across developmental time and in 
different tissues. However, it is not fully understood how these accessible regions are 
established. In experiments outlined in Chapter 2 of this thesis, I show that enhancers have 
significant chromatin accessibility in regions of the embryo where they are not active, even 
though enhancers tend to be more accessible where they are active. This data is in 
agreement with data from complementary experiments that have been published before and 
since154,181,183. These works support the hypothesis that pioneer factors first create a 
chromatin environment permissive to subsequent transcription factor binding. 
 
It has been an interesting five years for the enhancer field. When I joined the Eisen lab in 
2016, the initial excitement and prospection about epigenetic chromatin marks and 
chromatin structure was waning. Instead the field’s gaze shifted towards phase separation 
as the grounds from which a breakthrough would next be unearthed. It has been long-
observed that RNA polymerase is often found in clusters. Precise measurements of 
transcriptional activity show that transcription happens in bursts. The idea that biophysical 
interactions between intrinsically disordered protein domains facilitate the recruitment of 
polymerases or components of the mediator complex is an exciting prospect. The 
functional impact that these condensates have in driving transcription is currently unknown 
and is an area of active research. In chapter 3 of this work, I show that more target 
enhancers are located in high intensity Zelda protein regions than a selection of random 
genomic regions. However, only a small percentage of targets of the pioneer factor, Zelda, 
are located in regions of high intensity Zelda protein even though Zelda protein is enriched 
at Zelda target sites. While it remains deeply unclear whether clusters of Zelda protein are 
important for facilitating Zelda binding or chromatin remodeling, it lends some support to 
this hypothesis.  
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In the early Drosophila melanogaster embryo, Zelda is the protein that is most like a 
pioneer factor and chapters 2 and 3 of this thesis are centered around her. Addressing how 
Zelda facilitates enhancer activity is currently underway by several labs alongside our own. 
Efforts to purify Zelda protein and isolate specific binding partners have been 
extraordinarily challenging as she possesses many intrinsically disordered regions that 
aggregate and make crystallization difficult. It has been reported that Zelda can bind to 
nucleosomes in vitro111 and it is speculated that she could be recruiting histone acetylase 
enzymes to the locus. Future studies will no doubt further uncover mechanisms by which 
Zelda enables zygotic genome activation and remodels the locus.  
 
However, even with all that we currently know about Zelda and the other transcription 
factors, there is still an incongruence in our ability to predict or model enhancer activity. 
After transcription factor binding sites were discovered within enhancers, it was thought 
that deducing a unifying “code” for enhancer activity was imminent. However, after 
laborious dissection of many model enhancers, a singular paradigm is far from clear. Some 
enhancers, such as the enhanceosome, which governs gene expression of human interferon 
beta, are highly structured with transcription factors forming a unified nucleoprotein 
complex, that requires cooperativity between bound factors. Under the enhanceosome 
model, binding sites are arranged in a strict architecture that is necessary for proper 
function. Contrary to this model, the eve stripe 2 enhancer in Drosophila possesses a more 
flexible structure that largely tolerates moving and removing binding sites. This, more 
flexible, model has been coined the “billboard” model255.  
 
While much speculation has gone into understanding which of these models is 
predominant, most agree that many different varieties of enhancers can co-exist and I 
would go even further to say that, most likely, no two regulatory regions are exactly alike. 
Differences in evolutionary constraint (enhancers that are necessary for viability or fitness 
vs enhancers that are not) and mutational origins (enhancers that arise from neutral 
sequences vs co-option of an existing regulatory region) likely drive the diversity in 
strategies employed for robust enhancer activity.  
 
Approaches that manipulate large numbers of enhancers are necessary if we want to 
uncover sequence elements that are essential for enhancer function or to explore enhancers 
in different biological contexts. The traditional genetic screen has proven time and time 
again to be one of the most fruitful ways to uncover genes and regulatory regions that are 
important for a given biological process. Methods for performing genetic screens in vivo 
with improved precision, both in where mutations are made and in what kinds of mutations 
are made, will greatly increase our understanding of not just enhancers, but protein domains 
and intrinsically disordered regions. These methods have already been realized and 
practiced widely in cells and in vitro226. Additionally, multiplexed reporter and sgRNA 
libraries have already successfully screened for somatic mutations that induce cancerous 
tumors in a variety of different mouse tissues in vivo256 257.  
 
In this thesis, I propose a method for generating populations of flies that each genetically 
contain at most one site-specific mutation, by tiling a genomic region with guide RNAs 
(Chapter 4). I show that this strategy can produce mutant alleles. I then discuss how 
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screening flies for mutant phenotypes can uncover sub-regions necessary for function. I 
show that Cas9, supplied zygotically, results in a much greater percentage of mutant 
phenotypes than when supplied maternally, even when expressed under a germ-line 
specific promoter. Using flies that express Cas9 and sgRNAs zygotically, I can generate 
mutant phenotype efficiencies of 50% and 93% across two different sgRNA expression 
strategies, compared to around 7% with maternally-deposited Cas9. While these deletions 
are most likely large in nature (they are still awaiting complete genotyping), a more diverse 
mutational spectrum can be achieved by using less efficient sgRNAs249. While this method 
is far from complete, with further tinkering of sgRNAs and Cas9 delivery necessary, in 
time, this method will prove to be a viable strategy in generating large populations of site-
specific mutant flies that will enable a large expansion in the scope of multiplexed genetic 
screens.  
 
Though this might be where I pause along this path, those that have continued on have 
made, and will continue to make, immense discoveries – so keep going! 
 

The road goes ever on and on 
down from the door where it began 
now far ahead the road has gone 
and I must follow, if I can 
 pursuing it with eager feet 
until it joins some larger way 
 where many paths and errands meet. 
-J.R.R Tolkien  
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