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Programmable, synthetic cells have applications in sensing and drug-delivery. 

Currently, development of synthetic cell components focuses on compartmentalization, 

and on developing the minimal machinery to carry out different cellular processes. In 

native cells, cytoskeletal filaments are a key structure for cell division, motility, and intra-

cellular transport. Harnessing these filaments for use in synthetic systems is limited by 

the complexity of the dynamic behavior of the filaments. Alternatively, synthetic tile-

based DNA nanotubes are comparable in length and stiffness to cytoskeletal filaments 

and can be engineered to demonstrate dynamic behavior using few components. To use 

DNA nanotubes as cytoskeletons in synthetic systems requires resilience to degrading 

enzymes found within cells, and the dynamic behavior must be automated and 

characterized in compartments. 
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Minimal cell systems execute tasks using transcription–translation (TXTL) 

machinery adapted from native cells. As other DNA nanotechnology degrades rapidly in 

vivo, I assayed the robustness of DNA nanotubes in an Escherichia coli cell-free TXTL 

system. TXTL recapitulates physiological conditions as well as strong linear DNA 

degradation through the RecBCD complex. I demonstrated that chemical modifications 

of the tiles composing DNA nanotubes and the addition of a Chi-site dsDNA, an inhibitor 

of the RecBCD complex, extend nanotube viability in TXTL for more than 24 hours. 

These complementary approaches are a first step towards engineering resilient DNA 

nanotubes for application in active environments. 

To demonstrate autonomous control of assembly and disassembly processes of 

nanotubes in cell-sized environments, I implemented a DNA-RNA hybrid nanotube 

design inside of water-in-oil droplets. In this design, DNA tiles are activated by the 

presence of a trigger RNA molecule, which can be produced by and degraded by distinct 

enzymes. A pulse of nanotube assembly-disassembly occurs when both transcribing and 

degrading components are present with inactive tiles in droplets. Notably, the 

encapsulated system requires lower concentration of gene to trigger assembly than bulk 

solution. Varying the concentration of gene and degrading enzymes affects both the 

kinetics of assembly-disassembly and the morphology of the nanotubes. These methods 

can be employed to develop more complex dynamics and functionalities of DNA 

nanotubes as synthetic cytoskeletal filaments in minimal cells. 
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Chapter 1: Introduction 

1.1    Towards engineering a synthetic cytoskeletal system 

Minimal cell systems have many applications in environmental sensing and 

targeted drug delivery. Although minimal cells are designed to work autonomously or in 

cooperation with native cells through behaviors determined by a minimal set of rationally 

designed genetic circuits, design of those circuits and structures in minimal cells is 

inspired by native cell systems.1–9 Native cells achieve complex behaviors such as 

intracellular transport, motility and cell division through actuation of dynamic 

cytoskeletal filaments.10–16 While the design of minimal cell systems becomes 

increasingly complex, few efforts have been made to develop synthetic, minimal, and 

dynamic filaments for application in minimal cells.  

Native cytoskeletal filaments are responsible for numerous tasks in native cells, 

from cell motility, division, scaffolding, intracellular transport, and more. As impressive 

as these structures are, their dynamic behavior is achieved through cooperation of many 

different proteins and molecules. Purification and reconstitution of these proteins is not 

trivial.17–20 In addition, the exact mechanisms of assembly and disassembly are not fully 

understood.17,18,21–23 Native cytoskeletal filaments have been encapsulated in cell-sized 

water-in-oil droplets and liposomes to further study the processes which control their 

dynamic assembly, disassembly and contraction, but often still require a number of 

different proteins, ATP generation and oxygen scavenging systems to operate.3,4,6,8 Thus, 

it is difficult to repurpose native filaments for synthetic, minimal cell applications. For 

this reason, I sought out to work towards engineering a synthetic, cytoskeletal system 
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which demonstrates dynamic behavior with minimal components. In this dissertation, I 

aim to explore what the key characteristics of a synthetic cytoskeletal system for minimal 

cells are and how we might develop and apply them. 

To engineer a synthetic cytoskeletal system, there are a few requirements which 

must be met. First, a synthetic cytoskeletal filament must be comparable in size and 

stiffness to a native filament, as functionalities such as scaffolding and motility require 

structures which are long and stiff on the cellular scale. Secondly, a synthetic cytoskeletal 

structure must be resilient in the presence of degrading enzymes. Minimal cells function 

through the execution of transcription and translation processes, often achieved using cell 

extracts which contain a number of enzymes which degrade extraneous materials.25,26 

Any synthetic cytoskeletal filament must not be readily degraded by enzymes that may be 

present in a cell extract, or transcription-translation, environment. Finally, a synthetic 

cytoskeletal filament must exhibit dynamic assembly and disassembly autonomously in 

response to environmental triggers when confined in a cell-sized compartment. 

Confinement to small volumes has been demonstrated to affect gene expression 

systems.27,28 There are certainly other characteristics and functionalities which would 

further improve the application of synthetic cytoskeletal filaments in minimal cell 

systems, but the three conditions defined here will serve as a foundation for the goals of 

the work in this dissertation. 

1.2    Nucleic acid nanotubes as programmable synthetic cytoskeletal filaments  

Synthetic DNA can be designed to fold into unique nano-scale structures, which 

can perform specific tasks such as drug delivery, intracellular scaffolding, and synthetic 
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cell design.29–32 The diversity of DNA nanostructures reported in the literature illustrate 

the benefits of working with this versatile self-assembling material. The ability to design 

DNA into these diverse and systematically predictable structures comes from the highly 

predictable Watson-Crick base pair bonding model.33 Exploiting this behavior, unique 

single-stranded DNA (ssDNA) oligomers can be designed to fold into specific shapes 

through binding of complementary regions. Depending on the intended purpose of the 

nanostructures, different approaches to design are available. While designs using tens to 

tens of thousands of unique ssDNA strands can achieve incredibly complex structures,34 

an artificial cytoskeleton would benefit from a simpler design as dynamic behavior will 

require recycling or production of additional components.  

Synthetic-DNA nanotubes assemble from DNA tiles via interactions of the tile 

sticky ends (Figure 1.1), which can be programmed by controlling the order of the 

nucleoside bases.35 Their geometry and mechanical properties are similar to those of 

native cytoskeletal filaments, such as actin and microtubules, suggesting that these 

nanotubes could serve as an artificial cytoskeleton in synthetic cells.36 Furthermore, by 

changing the composition of the single-stranded DNA (ssDNA) oligomers, the 

characteristics of the nanotubes themselves are changed in predictable ways. Increasing 

the length of the sticky ends results in an increased melting temperature of nanotubes, 

yielding stability at temperatures relevant to biological systems.37 By designing an extra 

“toehold” binding region on the sticky ends of the tiles, a site for attaching ligands is 

introduced38 or strand-displacement reactions can be induced.39 Strand- 
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Figure 1.1: Overview of DNA nanotubes. (Left) A cartoon schematic of a nucleic acid tile. 
Complementary regions on the oligomers bind together to form a tile; at each corner of the tile there 
are single-stranded domains (“sticky ends”) serving as programmable binding sites for other tiles. 
Two-tile DNA nanotubes are formed from two unique tiles with complementary sticky-ends. DNA-
RNA hybrid tiles are formed from 4 ssDNA oligomers (yellow, red, blue and purple) and 1 ssRNA 
oligomer (green). the angle at which tiles bind via complementary sticky ends. (Right) A 
representative epifluorescence microscopy image of DNA nanotubes labeled with the fluorescent 
protein Cy3, in which the nanotubes are in Tris-Acetate-EDTA (TAE) buffer and adhered to the 
surface of a microscope coverslip for optimal imaging.  

 

displacement reactions allow for disassembly and reassembly of the nanotubes through 

the interaction of competitively binding ssDNA or ssRNA strands with the toeholded 

tiles, mimicking the dynamic assembly and disassembly of native cytoskeletal filaments 

in a controllable way.37 Nanotube dynamics can be further controlled by environmental 

triggers by introducing competitive pH sensor molecules,40 or integration enzymatic 

activation and deactivation of DNA tiles.41 

1.3    Integrating nucleic acid nanotubes with cell-like environments 

E. coli cell extract as an active transcription-translation environment 

Cell-free expression platforms, such as cell extracts or lysates, provide access to 

the active reaction environment within cells in bulk solutions. The benefit of working out 

of cells is that you do not need to transfect cells or have complicated cell processes, e.g. 
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cell division or cell death, influence target reactions. Additionally, many rationally 

designed reactions may be so energetically taxing on cells that they induce cell death 

before desired products are produced at target amounts.42 Cell-free expression platforms 

allow for rapid testing of designed transcription-translation, or gene expression, circuitry. 

A breadth of synthetic circuits reported in demonstrates the versatility and capacity of 

cell-free systems; a few examples include an oscillator, incoherent feedforward loop, 

pulse generator, and the development and optimization of rapid RNA reporters.1,43–46 

Cell-free expression platforms have been developed from a variety of cell types including 

Bacillus, Streptomyces, mammalian HeLa cells, among others.47–55 Cell-free expression 

platforms have been employed in the development of minimal cells systems, as they 

provide reagents necessary for the circuitry which drives minimal cell behavior.2–4,6–8,27,56 

For the work in this dissertation, I decided to utilize the E. coli cell-free expression 

platform developed by Garamella et al., as it has been demonstrated to be robust and is 

commonly used in synthetic circuit testing.25 

As E. coli cell-free expression platform is optimized for protein expression with 

enzymes and molecule native to the bacteria, there are also enzymes which facilitate 

linear DNA degradation present.26 For this reason, we expected and demonstrated, that 

tile-based DNA nanotubes would be rapidly degraded after addition to the extract without 

modifications to enable resilience to degrading enzymes.57 Thus, to integrate dynamic 

DNA nanotubes as cytoskeletal filaments in minimal cells, they must be engineered to 

withstand enzymes present within minimal cell environments. I demonstrate a few such 

modifications in Chapter 2. 
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Water-in-oil droplets as cell-sized compartments 

Membranes are an essential component of both minimal-cell systems and native 

cells. In native cells, membranes protect encapsulated systems from external 

environments, co-localize the components involved in reactions and can allow for sensing 

of environmental conditions through permeation or pore-mediated transfer. In addition to 

proteins, unilamellar cell membranes are composed of a diverse population of 

phospholipids. Phospholipids have a hydrophillic and hydrophobic region, making them 

amphipathic. This quality causes them to self-organize into membranes or other barriers 

with like-polarized ends aligning. To explore a simplified method of encapsulation of the 

synthetic cytoskeleton system, I implemented surfactant stabilized water-in-oil droplets. 

While normally immiscible, a water-in-oil emulsion can be stabilized using 

biocompatible non-ionic surfactants and is straightforward to produce.58 While this 

method of encapsulation offers the capability to characterize the dynamics of the 

synthetic cytoskeleton in confinement, it doesn’t appropriately mimic cellular 

confinement, as nanotubes in aqueous-phase droplets are effectively isolated from 

external biochemical signals by the continuous oil phase. These droplets have been 

demonstrated to be stable for days and used to encapsulate genetic circuits and other 

synthetic systems.1,59 Fluorescent reporter proteins have been expressed in water-in-oil 

droplets to probe molecular crowding effects on stochasticity of gene expression.56,60 

1.4    Dissertation overview and contribution 

In order to address how we can design a synthetic cytoskeletal system for minimal cells, I 

address two key topics: resilience of synthetic filaments in the presence of degrading 
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enzymes found in both native and minimal cells, and how to realize, quantify, and tune 

filament dynamics inside of isolated cell-sized compartments.  

Chapter 2: Engineering resilient DNA nanotubes for E. coli cell extract 

In order to integrate DNA nanotubes as synthetic cytoskeletal filaments, they 

must be resilient to active transcription-translation (TXTL) environments which are 

necessary for the function of minimal cells. One such environment, which has been 

employed in multiple minimal cell systems, is the E. coli cell extract.25 By first designing 

DNA nanotubes to be resilient in cell extract rather than transfecting into a native cell, we 

are able to address enzyme-mediated degradation of the structures without the influences 

of more complex cell processes, such as cell division or cell death.  

This project was developed in collaboration with Dr. Vincent Noireaux’s group at 

the University of Minnesota. V. Noireaux and Dr. Elisa Franco had the original idea of 

engineering tile-based DNA nanotubes to withstand an E. coli cell extract environment.25 

Jonathan Garamella ran initial experiments to probe GFP protein expression levels in cell 

lysate conditions in which previous reports suggested DNA nanotechnology was stable.61 

V. Noireaux and J. Garamella suggested chemical modifications for both DNA nanotubes 

and cell extract which could be tested for both nanotube resilience and GFP protein 

expression.26,62,63 I prepared the DNA nanotubes, ran the epifluorescence microscopy 

assays, and ran controls to improve ligation efficiency for DNA nanotubes. Dr. Hari 

Subramanian provided advice and feedback when I had trouble reproducing data and has 

low ligation efficiency. J. Garamella ran fluorescence anisotropy assays and controls. E. 
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Franco fitted fluorescence anisotropy results with exponential decay models to acquire 

decay constants. This chapter reports results from Klocke et al.57 

Chapter 3: Dynamic self-assembly of compartmentalized nucleic acid 

nanostructures 

In this chapter, I discuss how we can approach behaviors comparable to those of 

native cytoskeletal filaments in minimal cells using DNA nanotubes. To do this, I 

demonstrate dynamic control of self-assembly of DNA nanotubes inside cell-sized 

compartments using enzyme fueled reactions. I present simple methods to assemble 

different varieties of encapsulated DNA nanotubes by using inert DNA monomers with 

in-situ RNA production at physiological temperature. I also discuss a statistical image 

analysis approach for quantifying nanotube dynamics, as length measurements are not 

possible inside of the droplets. We expect that this study can provide a platform to build 

increasingly complex and functional nucleic acid materials to mimic life-like functions in 

synthetic cells. 

The idea for this project was conceived by Dr. Elisa Franco. E. Franco and I 

discussed different methods of encapsulating DNA nanotubes inside of water-in-oil 

droplets58: annealing nanotubes prior to encapsulation, encapsulating and then annealing 

nanotubes inside of droplets, and both shaken and microfluidic protocols for emulsion 

preparation. I adapted a shaken droplet protocol from Maxi Weitz for nanotubes,1 and 

developed assays for annealing nanotubes inside of water-in-oil droplets and clear 

imaging of droplets with an epifluorescence microscope. I also developed an assay for 

encapsulating DNA nanotubes with a reusable microfluidic chip from Dolomite. E. 
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Franco suggested the use of two-tile nanotubes to study assembly kinetics inside of 

droplets, and we agreed on assays with which to study the effects of tile concentration on 

assembly in droplets. I ran all two-tile nanotubes in droplets assays. E. Franco and 

Siddharth Agarwal suggested encapsulating the DNA-RNA hybrid nanotube system 

inside of droplets.41 S. Agarwal and I developed assays to achieve co-transcription of 

hybrid nanotubes in droplets. Both S. Agarwal and I planned and ran control experiments 

for hybrid nanotubes in droplets. I imaged mature DNA nanotubes in droplets after 

discussion with E. Franco and S. Agarwal on whether or not nanotubes were bundling on 

the inner surface of the droplets when mature. E. Franco, S. Agarwal and I conceived of 

the statistical image processing technique applied to quantify assembly and disassembly 

of nanotubes in droplets. E. Franco suggested developing an automated script for droplet 

detection based on an initial Matlab script written by Christian Cuba. Prof. Sinisa Coh 

suggested using the Python library scikit-image, which I then used to develop the Python 

script for automated image processing used in this chapter.64 Further discussion on the 

development and details of this script is in Chapter 4. This chapter reports results from a 

paper which is in preparation with E. Franco and S. Agarwal. 

Chapter 4: Developing an automated droplet detection script in Python 

Digital image processing is a powerful tool for experimentalists. There are many 

software packages which can be used to process data, both one-at-a-time and in large 

batches, but often trying to get those software packages to work with unconventional data 

may take as much effort as building a script of one’s own. As the nanotubes in water-in-

oil droplets is a novel experimental pursuit, and many software packages specialize on 
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processing cell data from ubiquitous assays, I build my own image processing script 

using basic Python skills. 

Automating droplet detection was first suggested by E. Franco, inspired by the 

start of a Matlab script Christian Cuba had previously written. As I was learning Python, 

I built a new script using the Circular Hough Transform algorithm from the scikit-image 

library for Python.64 Prof. Sinisa Coh suggested the scikit-image library as an appropriate 

digital image processing tool for Python. I built the droplet detection script which was 

optimized for our data: a large number of droplets of many different sizes. I struggled 

with the best approach for detection. Brightfield images of the droplets help the human 

eye see droplet outlines when superimposed on fluorescence microscopy images, but 

detecting with brightfield images proved to be less reliable due to large differences in 

image brightness across the field-of-view and sample drift between when a bright field 

image and a fluorescence microscopy image were captured. I also spent a lot of time 

making sure droplets of many different sizes could be detected without a large number of 

artifacts also appearing in the results. 
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Chapter 2: Engineering resilient DNA nanotubes for E. coli cell extract 

2.1    Introduction 

Efforts to migrate deoxyribonucleic acid (DNA) nanostructures from ideal in vitro 

conditions to living, cellular environments have been made in recent years. 1 The primary 

remaining barrier to this endeavor is the limited resilience of the structures in vivo.  In 

this work, we engineered synthetic DNA nanostructures and developed methods to 

increase their lifetime in an all Escherichia coli cell-free transcription–translation (TXTL) 

system. TXTL, used as an active cytoplasmic environment, 2 3 recapitulates the 

physiological conditions found in cells (Figure 2.1b), as well as harsh linear DNA 

degradation through the RecBCD complex.  

Synthetic DNA can be designed to fold into unique nano-scale structures, which 

can perform specific tasks, such as drug delivery, intracellular scaffolding and synthetic-

cell design. 4 5 6 7 The diversity of DNA nanostructures, reported in the literature, 

illustrates the benefits of working with this versatile self- assembling material. DNA 

nanotubes are composed of tiles which interact via rationally designed binding sites, or 

sticky ends. 8 9 The nanotubes are suitable candidates for operating as an artificial 

cytoskeletal system inside of synthetic cells, as the dimensions and stiffness of the 

nanotubes are similar to native cytoskeletal filaments such as actin and microtubules. 8 

They could operate as scaffolds to localize components, actively transport material and 

influence cell morphology. Further, DNA nanotubes tagged with fluorophores are easily 

observed with epifluorescence microscopy (Figure 2.1a), making characterization easier 

than for other nanometer-scale DNA structures.  
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Despite reports of DNA nanostructure stability in cell lysate and serum, 10 we found 

that these nanotubes degrade within a few hours in active E. coli TXTL. This deficiency 

renders DNA nanotubes impractical for both synthetic-cell and intracellular applications 

that require operational viability for timescales exceeding 10 h. 1 Previous reports on the 

stability of DNA origami in cell lysates incorporated sodium dodecyl sulfate (SDS) and 

deoxycholic acid (DCA), rendering the lysate inactive. 10 We observed suppressed GFP 

production upon addition of SDS and DCA to TXTL (Appendix 1 Figure A1.1). As these 

chemicals inactivate TXTL, cellular lysates which include SDS and DCA do not 

appropriately model an active cytoplasmic environment. 

Herein, we explore the utility of modifying oligonucleotide strands to improve the 

resilience of DNA nanotubes and of modifying the composition of E. coli cell-free 

extract. We extended the lifetime of nanotubes to over 24 h using a combination of two 

approaches: inclusion of Chi- containing double-stranded DNA (dsDNA) as a decoy for 

the complex RecBCD 11 and phosphorothioate (PS) bonding between bases of sticky ends 

of the tiles. By achieving lifetimes of over 24 h, we approach the ability to integrate tile-

based DNA nanotubes with intracellular applications and gene expression systems. Our 

results indicate that RecBCD and deoxyribonucleases (DNases) are two primary sources 

of DNA degradation in E. coli cell extract. 12  
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Figure 2.1: Overview of DNA nanotubes and E. coli TXTL. (a) DNA nanotubes self-assemble 
from tiles composed of 5 ssDNA oligomers. Complementary regions on the oligomers bind 
together to form a DNA tile; at each corner of the DNA tile there is a single-stranded domain 
(sticky end) serving as programmable binding sites for other tiles. Formation of tubular 
structures occurs due to the angle at which tiles bind via complementary sticky ends (left).8 A 
representative fluorescence microscopy image of DNA nanotubes labeled with Cy 3, in which 
the nanotubes are in TAE buffer and adhered to the surface of the microscope coverslip for 
optimal imaging (right). (b) Overview of the all E. coli cell-free system used in this work. 2 
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2.2    Results 

2.2.1    Nanotubes degrade rapidly within active E. coli TXTL 

We investigated degradation of DNA nanotubes in the all E. coli TXTL system 2 

(Figure 2.1) using fluorescence microscopy and fluorescence anisotropy. As TXTL has 

all of the cellular components necessary for protein production in vitro, enzymes 

responsible for linear DNA degradation such as deoxyribonucleases (DNases) and the 

RecBCD complex are also present and active. The RecBCD complex is responsible for 

the majority of linear DNA degradation in E. coli TXTL. 11 13  

Variants of the tile-based DNA nanotubes degrade within a few hours after 

addition into TXTL reactions (Figure 2.2a). We used fluorescence anisotropy to monitor 

in real time the degradation of nanotubes labeled with Cy3 (Ex/Em 540/590nm). 

Fluorescence anisotropy relies on the change in rotational diffusion of molecules. The 

difference in fluorescence polarization of the parallel and perpendicular intensities is 

measured and fluorescence anisotropy is calculated as r = (Iparallel - Iperpendicular)/(Itotal). Larger 

molecules have larger fluorescence anisotropy signals. Consequently, the degradation of 

DNA nanotubes is observed as a decrease of fluorescence anisotropy. In TAE buffer, i.e. 

in the absence of degradation, there is no significant change in anisotropy of DNA 

structures and tiles as long as DNA adsorption is inhibited using a poly-T ssDNA 

molecule (Appendix 1 Figure A1.10). Anisotropy data were fitted using a simple 

exponential decay model:  

 b! − b"e#$/&! (2.1) 
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The time constant b3 is reported in Appendix 1 Table A1.4 for all variations of nanotubes, 

temperature and Chi concentration.  

To quickly assess nanotube robustness in TXTL, we first tested two nanotube 

variants in which tiles have 8 base-long sticky ends, with and without a single stranded 

extension (toehold) (Figure 2.2 and Appendix 1 Figure A1.7a). The rapid degradation of 

the DNA nanotubes observed by fluorescence microscopy was confirmed by fluorescence 

anisotropy. The decrease in anisotropy begins immediately, suggesting digestion of the 

DNA nanotubes begins within 5 min of their addition to the extract (Figure 2.2b).  

In general, we observe that the anisotropy signal of nanotubes incubated in TXTL 

decreases reaching a steady-state comparable to that of a control sample of DNA 

nanotubes incubated with DNAse I at room temperature in TAE buffer (Appendix 1 

Figure A1.10). Nanotubes assembled from tiles without a toehold (8bNT) were slightly 

more robust than the toeholded variant based on microscopy data. The effect was 

insignificant in anisotropy assays. We hypothesize that the toehold provides an easier 

access to RecBCD for degradation.  

2.2.2    Nanotube tile structure influences degradation rates  

Nanotube tile structure, for example sticky end length or inclusion of additional binding 

sites, can be designed to suit different purposes. To thoroughly characterize degradation 

of nanotubes with different tile structures in TXTL, we worked with four different tile 

variants. Increasing the length of the sticky ends results in an increased melting 

temperature of nanotubes. We considered nanotubes with either 5-base (5b) or 8-base 

(8b) sticky ends (Appendix 1 Figures A1.2 and A1.3). For each case, we considered an 
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additional tile variant that includes a toehold region on one of the sticky ends (Appendix 

1 Figure A1.4a). The toehold region acts as a binding site on the DNA nanotubes, where 

ligands may be attached, 14 or strand displacement reactions can be initiated. 15 We 

examined degradation of 5b and 8b nanotubes both with (5bT, 8bT) and without (5bNT, 

8bNT) toeholds.  

Of the four designs studied, the 8b nanotubes outlast the 5b nanotubes at both room 

temperature and 29°C (Figure 2.2 and Appendix 1 Figures A1.5–7). At room 

temperature, 8b nanotubes degrade in under 3h (Figure 2.2a), while 5bT and 5bNT 

nanotubes degrade in under an hour (Appendix 1 Figure A1.5a). Degradation occurs 

more quickly at 29°C, with 8bNT nanotubes degrading within 3 h (Appendix 1 Figure 

A1.7 and Table A1.4), and 5bT, 5bNT and 8bT nanotubes degrading in under an hour 

(Appendix 1 Figures A1.6 and A1.7, Table A1.4).  

2.2.3    Nanotube lifetime increased in presence of Chi and chemical modification of 

the tiles  

We hypothesized that by adding double stranded (ds) DNA molecules containing 

six repeats of the Chi sequence (50-GCTGGTGG-30) to TXTL reactions, we would see 

an increase in DNA nanotube lifetime. 11 We recently demonstrated that Chi6 inhibits the 

degradation of linear dsDNA in TXTL by sequestering RecBCD, with the optimal 

concentration of Chi6 for protein expression being 2–4 mM. We choose to use 10mM 

Chi6 in order to maximize nanotube stability at the cost of slightly depressed protein 

expression (Appendix 1 Figure A1.11).   
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Figure 2.2: Enhancing the stability of DNA nanotubes in TXTL with Chi-site DNA. (a) 
Fluorescence microscopy kinetics of 8-base DNA nanotubes with (8bT) and without (8bNT) a 
toehold site incubated in E. coli TXTL reactions with no double stranded Chi-site DNA 
present. Bundling of DNA nanotubes is a result of the crowded TXTL environment. (b) 
Fluorescence anisotropy kinetics of a single stranded DNA oligo (SE3ss) and 8-base DNA 
nanotubes with (8bT) and without (8bNT) a toehold site incubated in E. coli TXTL reactions 
with no double stranded Chi-site DNA present. Solid lines represent the prediction of a fitted 
exponential decay model. (c) Fluorescence microscopy kinetics of 8-base DNA nanotubes with 
(8bT) and without (8bNT) a toehold site incubated in E. coli TXTL reactions with 10 mM of 
double stranded Chi-site DNA. (d) Fluorescence anisotropy kinetics of single stranded DNA 
oligo (SE3ss) and 8-base DNA nanotubes with (8bT) and without (8bNT) a toehold site 
incubated in E. coli TXTL reactions with 10 mM of double stranded Chi-site DNA (Chi6). 
Solid lines are the prediction of a fitted exponential decay model (Supplementary Table S4). 
All the reactions were incubated at room temperature. 
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2.2.3    Nanotube lifetime increased in presence of Chi and chemical modification of 

the tiles  

We hypothesized that by adding double stranded (ds) DNA molecules containing 

six repeats of the Chi sequence (50-GCTGGTGG-30) to TXTL reactions, we would see 

an increase in DNA nanotube lifetime. 11 We recently demonstrated that Chi6 inhibits the 

degradation of linear dsDNA in TXTL by sequestering RecBCD, with the optimal 

concentration of Chi6 for protein expression being 2–4 mM. We choose to use 10mM 

Chi6 in order to maximize nanotube stability at the cost of slightly depressed protein 

expression (Appendix 1 Figure A1.11).  

At room temperature, 8bT and 8bNT nanotubes last up to 10 h in the presence of 

10 mM Chi6 in the cell-free extract (Figure 2.2c). Anisotropy assays indicate that the 

nanotube degradation is not complete, evidenced by the fact that the absolute values of 

anisotropy for 8bT and 8bNT nanotubes with 10mM Chi do not converge with those of 

the 8bT and 8bNT in the absence of Chi (Figure 2.2d). This suggests that aggregates not 

visible in microscopy experiments might remain for time periods greater than 10 h.  

Robustness of nanotubes under different environmental stressors, such as 

chemical or thermal stress, is improved with ligation. 16 Ligation seals the breaks, or 

nicks, in the sugar-phosphate backbone found at the four corners of inter-tile junctions 

(Figure 2.3a). Although the ligation efficiency for the 50 end of strand SE2 was lower 

than that of the other strands, we verified ligation of all four corner nicks via denaturing 

gel (Appendix 1 Figure A1.12). Both the microscopy images (Figure 2.3b, Appendix 1 

Figure A1.8), and the time constants obtained from the fluorescence anisotropy 
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observations (Figure 2.3c) suggest that ligation enhances nanotube robustness in TXTL 

(Appendix 1 Table A1.4). Increasing the ligation efficiency could lead to even greater 

improvement in the resilience of the DNA nanotubes in TXTL.  

Nucleases, such as DNase I, are inhibited by PS bonded DNA. PS bonds connect 

the sugar-phosphate backbone of one base to another, much as a phosphodiester bond 

does in native DNA, with sulfur replacing the native oxygen (Appendix 1 Figure A1.4b). 

Exonucleases are inhibited by PS bonds located at the ends of DNA, while endonucleases 

are inhibited by incorporating PS bonds into the entire backbone of a DNA structure. 17 

Because the 8bNT nanotube design is the most stable in TXTL, we designed 8bNT tiles 

with PS bonds between the 8 bases of the sticky ends of the tiles (Figure 2.3d). By 

modifying the sticky ends, we expected to impede nanotube degradation by RecBCD and 

other exonucleases. The lifetimes of PS bonded DNA nanotubes was more than double 

that of unmodified 8bNT nanotubes, as observed by fluorescence microscopy and 

fluorescence anisotropy (Figure 2.3ef). At room temperature, 8bPS tubes lasted up to 10 

h without the Chi6 DNA, with aggregates of degraded tubes visible at 10 h. In the 

presence of the Chi6 DNA, at room temperature, 8bPS nanotubes remained at least 24 h 

in TXTL. At 29°C, 8bPS nanotubes degraded in under 3 h without the Chi6 DNA and 

between 3 and 6 h with the Chi6 DNA (Appendix 1 Figure A1.9).  
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Figure 2.3: Enhancing the stability of DNA nanotubes in TXTL systems with Chi-site DNA and 
chemical modifications (ligation or phosphorothioate bonding of sticky ends). (a) Cartoon of 
ligation. (b) Fluorescence microscopy kinetics of 5-base DNA nanotubes with a ligation of the 
sticky ends of the tiles incubated in E. coli TXTL reac- tions with and without Chi-site DNA 
present. (c) Fluorescence anisotropy kinetics, and exponential decay model prediction (solid 
lines), of a single stranded DNA oligo (SE3ss) and 5-base DNA nanotubes with (S1245P) and 
without (5bNT) a ligation of the sticky ends of the tiles incubated in E. coli TXTL reactions with 
and without Chi- site DNA present. (d) Cartoon of phosphorothioation. (e) Fluorescence 
microscopy kinetics of 8-base DNA nanotubes with phosphorothioate bonded sticky ends of the 
tiles incubated in E. coli TXTL reactions with and without Chi-site DNA present. (f) 
Fluorescence anisotropy kinetics of a single stranded DNA oligo (SE3ss) and 8-base DNA 
nanotubes with (PSE) and without (8bNT) the phosphorothioation of the sticky ends of the tiles 
incubated in E. coli TXTL reactions with and without Chi-site DNA present. The predictions of 
our exponential decay model are shown as solid lines (Supplementary Table S4). All the 
reactions were incubated at room temperature. 
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2.3    Discussion 

DNA nanotubes are rapidly degraded in the TXTL environment. Incorporating Chi 

DNA into the cell-free system extends the lifetime of the DNA nanotubes, confirming the 

previous observations that RecBCD is the major actor responsible for degradation. 11 

Modifications to the DNA tiles themselves also affect the lifetime of the DNA nanotubes. 

Lengthening the tile sticky ends increases nanotube stability and eliminating toehold 

overhangs increases the lifetime even further. PS bonding on the sticky ends of the 

nanotubes was the most effective tile modification, while ligating these same domains 

had a small effect.  

This study is limited to DNA nanotubes and does not consider what the chemical 

modifications to the cell-free extract or to the DNA self-assembling components may 

have on other DNA structures, such as DNA origami 7 or crystals. 18 We conjecture that 

more tightly packed assemblies such as origami might be stable for several days with 

appropriate chemical modifications. It is unclear if other modifications to the extract 

could be used to prevent other nucleases from acting on DNA in the cytoplasmic 

environment as Chi DNA was used to specifically target RecBCD. Chi DNA is specific 

to RecBCD so it would not extend DNA nanotube lifetimes in cytoplasmic environments 

other than E. coli. However, in these cases we expect that it would still be possible to 

mitigate nanotube degradation by introducing or upregulating the concentration of 

competitive binding sites for the corresponding enzymes.  

While DNA nanostructures have a variety of potential applications in biological 

contexts, the stability of these structures has not been previously thoroughly 
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demonstrated in cell-like environments mimicking cytoplasmic conditions. Many DNA 

structures are designed with the intention for intracellular use, as scaffolding, drug 

delivery or synthetic cell components, making the absence of characterization of these 

structures in cell-like environments a considerable impediment to these aims. We 

demonstrated that TXTL can be used in the design-build-test process for DNA 

nanostructure efficacy for in vivo applications. TXTL provides an intermediary platform 

for rapidly probing and reengineering the robustness of DNA nanostructures in cell-like 

environments. 
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Chapter 3: Dynamic Self-Assembly of Compartmentalized Nucleic Acid 

Nanostructures 

3.1    Introduction 

Synthetic biology aims to reproduce complex behaviors from cellular and 

molecular biology by reengineering the pathways and molecules in both native and 

minimal cells for a broad range of applications. Minimal cells are composed of rationally 

designed gene networks encapsulated in cell-sized compartments, such as liposomes, 

proteinosomes, or water-in-oil droplets.1–7 In addition to networking with native cells, 

minimal cells have demonstrated autonomous environmental sensing, communication, 

and actuation.4,8–16 Despite the essential role that cytoskeletal filaments play in native cell 

processes, facile and dynamic self-assembling filaments have yet to be integrated into 

minimal cells. 

In native cells, cytoskeletal filaments play active roles in cell division, 

scaffolding, motility, and other processes. The dynamic behavior of these filaments is 

mediated by a large number of proteins, and the chemical pathways which trigger 

assembly and disassembly are not fully characterized.17–21 While native cytoskeletal 

filaments have been encapsulated in cell-sized compartments, dynamic behaviors in 

confinement beyond assembly are limited by both restrictive environmental conditions 

and laborious purification and reconstitution protocols.18,21–23 Assembly and disassembly 

have been reported for systems which encapsulate the filaments with a cell extract 

different than is commonly used in synthetic, minimal cell systems.18,19,24 Contraction, a 

process involved in division and motility, requires the addition of motor proteins, as well 
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as ATP production and oxygen scavenging systems.21–23 For minimal cell systems to 

implement the benefits of dynamic cytoskeletal filaments with minimal undesired 

interactions, the development of a simplified, synthetic, self-assembling nanostructure is 

necessary. 

Synthetic-DNA nanotubes assemble from DNA tiles via interactions of the tile 

sticky ends, which can be programmed by controlling the order of the nucleoside bases.25 

Their geometry and mechanical properties are similar to those of native cytoskeletal 

filaments, such as actin and microtubules, suggesting that these nanotubes could serve as 

an artificial cytoskeleton in synthetic cells.26 Furthermore, by changing the composition 

of the single- stranded DNA (ssDNA) oligomers, the characteristics of the nanotubes 

themselves are changed in predictable ways. Increasing the length of the sticky ends 

results in an increased melting temperature of nanotubes, yielding stability at 

temperatures relevant to biological systems.27 By altering the design of the DNA 

nanotubes, dynamic assembly and disassembly of the nanotubes can be controlled via 

strand displacement reactions,28 pH,29 or enzyme activity,30 in a predictable way 

mimicking the dynamic assembly and disassembly of native cytoskeletal filaments. 

In this chapter, we demonstrate the controlled assembly and disassembly of 

nucleic acid nanostructures in cell-sized compartments. We develop a variety of assays 

for encapsulating DNA nanotubes in cell-sized compartments. In employing two unique 

designs which allow for control of the start of assembly, we characterize the kinetics of 

polymerization inside compartments using a quantitative statistical analysis approach. By 

implementing a DNA-RNA hybrid nanotube design, we demonstrate enzyme-mediated 
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control of assembly and disassembly inside cell-sized compartments. We expect that this 

work will provide insights and methodologies which can be further applied in the 

development of a synthetic cytoskeletal system for use in minimal cells. 

3.2    Results 

3.2.1    DNA nanotubes self-assemble from pre-formed monomers in a range of 

conditions 

There are many different designs of DNA nanotubes to suit different purposes. As 

we are interested in characterizing isothermal assembly and disassembly of nanotubes 

inside of water-in-oil droplets, we chose a nanotube design which assemble from pre-

annealed tiles or monomers. Each tile is formed from five DNA strands forming two 

parallel heteroduplexes stabilized by two crossovers, called Holliday junctions, where 

three of the five strands hybridize with both helices of the tiles (Figure 3.1a). The tile 

structure is termed DAE-E, referring to the number of crossovers (double), the orientation 

of the strands through the crossover (antiparallel), the number of helical half-turns for 

both intramolecular crossovers (even) and intermolecular crossovers (even). Two of the 

crossover strands (yellow and green in Figure 3.1a, on opposite sides of the tile) 

including complementary binding domains, called “sticky-ends” which allow tiles to 

recognize and bind to each other and polymerize into nanotubes. Tile interactions are 

programmable through the design of the sequences of bases in the sticky-ends. As 

individual monomers for this class of DNA nanotube is pre-annealed, tiles will bind and 

polymerize for a range of temperatures, typically between 25-40° C, depending on the 

melting temperature of their sticky-ends. As conditions for which nanotubes nucleate and  
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Figure 3.1: Schematic of DNA tiles and nanotubes and introduction to encapsulation methods 
(a) DNA tiles, composed of 5 unique ssDNA oligomers, self-assemble into DNA nanotubes via 
hybridization at complementary domains. Tiles possess four single-stranded regions, or 
‘sticky-ends’ which allow for programmable binding of other tiles with complementary sticky-
ends; here A is complementary to A*, and B is complementary to B*. These tiles self-assemble 
into nanotubes due to an intrinsic curvature at the binding site between two tiles. Tiles are 
labeled with a fluorescent molecule, indicated here by the yellow star, for easy observation of 
DNA nanotubes with fluorescence microscopy. (b) Method 1: DNA nanotubes can be pre-
annealed from constituent oligomers in vitro before encapsulation in water-in-oil droplets. 
Representative fluorescence microscopy images of pre-annealed DNA nanotubes inside 
droplets using shaking (c) or microfluidic (d) protocols. (c) 5-base no-toehold nanotubes at 
500nM in water-in-oil droplets. (d) 5-base toehold nanotubes at 300 nM in water-in-oil 
droplets. (e) Method 2: Constituent oligomers can be encapsulated inside the droplets and then 
annealed to form nanotubes. Multiple species of nanotubes can be simultaneously annealed in 
the droplets if the requisite strands are present in the initial encapsulated solution. 
Representative fluorescence microscopy images of a single species (f) and two unique species 
(g) of DNA nanotubes annealed inside droplets. (f) REs nanotubes at 250 nM annealed inside 
water-in-oil droplets. (g) REs and SEs nanotubes at 250 nM each annealed inside droplets. 
DNA nanotubes are labelled with Cy3 dye (white) and Atto647N dye (red). Scale bars for 
shaken droplet images are 20 μm. The scale bar for the microfluidic droplet image is 50 μm. 
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assemble, such as tile concentration, level of position cations, and presence of certain 

enzymes, are well characterized, DAE-E tile-based nanotubes are an excellent foundation 

on which to develop synthetic scaffolds. In the following work, I will describe how we 

developed a variety of assays for encapsulating DNA nanotubes with distinct assembly 

pathways. 

3.2.2    Encapsulation of DNA nanotubes in micrometer sized droplets 

Water-in-oil droplets are a simple approach to generate isolated compartments 

with high-throughput and with size that ranges from a few microns to tens of microns in 

diameter, which is comparable to a wide range of cell types. We selected a droplet 

system, consisting of a fluorinated oil and biocompatible-surfactant mixture, and an 

aqueous medium containing nanotube components and buffer 2. The surfactant stabilizes 

the aqueous droplets within the oil/surfactant medium, prevents coalescence and transfer 

of materials from droplet to droplet, minimizes adsorption of DNA to the surface, and 

confers resilience to temperature fluctuations. In this way, each produced droplet is an 

isolated environment that remains stable and can be stored for days at room temperature. 

While these water-in-oil droplets do not fully mimic the cellular environment, which can 

freely exchange resources with the surrounding aqueous media, they make it possible to 

monitor assembly of DNA nanotubes in confined, cell-size compartments for extended 

periods of time. 

In our first series of experiments, we encapsulated nanotubes assembling from a 

single fluorescently tagged tile (a single set of five unique strands). 25 27 This class of tiles 

folds and then self-assembles into nanotubes during the annealing process, unless the 
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sample is stored at temperature above the sticky-end melting temperature. First, we 

explored the encapsulation of nanotubes that were pre-annealed (Figure 3.1be) using two 

techniques: a “shaken” protocol and a microfluidic protocol (Appendix 2 Section A2.4.8-

9). The shaken droplet protocol is rapid, requires little expertise and employs only a 

bench vortexer to emulsify the oil and liquid phase, generating surfactant-stabilized 

water-in-oil droplets (Figure 3.1c). These droplets present a wide range of diameters, and 

their size may only be controlled via filtration. 

We successfully encapsulated pre-annealed nanotubes with the shaken protocol, 

but we qualitatively observed major variability in the number of nanotubes per droplet, 

which could be the result of partitioning noise.10 In less densely populated droplets, 

nanotubes do not exhibit unpredicted morphologies or disordered joining. In densely 

populated droplets, nanotubes appear tightly entangled with each other due to either 

proximity in confinement or to un-programmed interactions between nanotubes 

fragmented during the shaken protocol. It is probable that shear forces during the 

encapsulation process cause nanotubes to fragment or promote formation of defects and 

aggregation in the assemblies. Nanotubes appear to be about as long as the diameter of 

their confining droplet, or much shorter, although precise measurements of nanotube 

length are not possible. 

The adoption of a microfluidic chip allows for control of the size of the droplets, 

and for reduction of partitioning noise and damage to the nanotubes (Figure 3.1d). 

Because of the simplicity of the chip design required to produce droplets, we adopted a 

prefabricated reusable chip (Appendix 2 Section A2.4.9). Nanotubes were much more 
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uniformly distributed throughout the droplets than those encapsulated with the shaken 

protocol. Additionally, nanotubes appear to be longer than the diameter of the droplets 

confining them, causing them to wrap around the interior surface of the droplets, rather 

than form a tangled mesh in the center of the droplets as seen for nanotubes encapsulated 

with the shaken protocol. Both the ratio of the length of nanotubes to diameter of their 

confining droplets, and the absence of un-programmed mesh-like assemblies between 

nanotubes suggest that encapsulation of annealed nanotubes using microfluidics is less 

destructive than using the shaken method. While it was possible to demonstrate nanotube 

formation in microfluidic-produced droplets with controllable size, this approach is 

significantly more laborious than the shaken protocol and requires at least 15 minutes for 

encapsulation of samples. To be able to monitor early nanotube assembly reactions, while 

observing their growth in droplets of various sizes, we employed the shaken droplet 

protocol for the remainder of experiments within the paper. 

To continue using the rapid shaken protocol while avoiding damaging pre-

annealed nanotubes during the process, we developed methods to encapsulate constituent 

strands inside droplets, and subsequently anneal the nanotubes. This is feasible because 

these droplets remain stable at high temperatures. We first encapsulated and annealed the 

5 unique strands of a single tile, each strand at 250 nM (Figure 3.1f), observing assembly 

of nanotubes that were qualitatively comparable in length and morphology to pre-

annealed nanotubes encapsulated via microfluidics. Because structurally identical DNA 

tiles can be designed to include orthogonal (non-interacting) sequences, it is possible to 

build distinct tile populations that assemble into distinct nanotubes in the same 
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environment. Thus, in our next experiments we encapsulated the constituent strands of 

two tile species, labeled with different fluorophores, that were annealed inside droplets 

yielding nanotube populations presenting different color (Figure 3.1g). 

Although achievable, annealing nanotubes inside droplets introduced some 

difficulties. First, we observed evaporation of a portion of droplets; evaporation can be 

mitigated by covering samples with a protective layer of hexadecane or water, which 

however makes it difficult to extract droplet-containing nanotubes. Further, some 

nanotube designs labeled with alternative fluorescent dyes aggregated towards the surface 

of droplets without assembling into nanotubes after annealing. It is possible that there are 

some interactions between the droplet surface and different dyes or nanotube designs at 

high annealing temperatures. 

While annealing nanotubes in droplets reduces damage and non-specific 

aggregation introduced by emulsification, monitoring the early kinetics of nanotube 

nucleation and assembly becomes more challenging. Further, it is desirable to develop 

synthetic scaffolds with the capacity to assemble and disassemble at a constant 

temperature like their natural counterparts. For these reasons, we sought to work with 

alternative tile designs that allow for nucleation and dynamic assembly within droplets 

without annealing, and we developed methods to aggregate information about assembly 

in sets of droplets. 

3.2.3    Isothermal growth of an encapsulated two-tile nanotube design 

The potential usefulness of artificial biomolecular scaffolds goes beyond 

introducing a spatial organization within compartments. Like cellular scaffolds, which 
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adapt to stimuli by assembling and disassembling dynamically, a synthetic scaffold could 

provide temporal control of compartment properties. To achieve this potential, it is 

important to identify methods enabling assembly at specific times, and to assess the 

kinetics of assembly within the compartment. 

To begin to address these challenges, we sought to encapsulate a nanotube design 

that requires the simultaneous presence of two distinct, interacting tiles (Figure 3.2a).25 

The sticky ends are designed so that complementary sequences to sticky ends of Tile A 

are present on Tile B, thus self-assembly can proceed only if both species are present. 

Tiles A and B can be separately pre-annealed and stored as monomers. Once A and B 

tiles are mixed and rapidly encapsulated with the shaking protocol (which takes only a 

couple of minutes from the time of mixing the two tiles), nanotube assembly can be 

monitored from the early stages of nucleation. Fluorescence microscopy images do not 

reveal discernable structures immediately after encapsulation. But within 1 hour, we are 

able to see tubular structures inside the droplets. We also observe that as time progresses, 

the nanotubes appear to elongate and bundle into stiffer structures, which we confirmed 

using confocal microscopy (Appendix 2 Figure A2.7). These bundles of nanotubes 

localize at the inner surface of the droplet, which may be the result of cooperative 

interactions between assembled tiles or fluorophores and the surface, or confinement of 

nanotube bundles which are longer than the diameter of the droplets to which they are 

confined. 
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Figure 3.2: Statistical analysis of fluorescence microscopy images. (a) The two-tile nanotube 
design requires both tile A and B, each with sticky-ends complementary to those of the other 
tile, for nucleation and polymerization of nanotubes. The tiles, annealed in vitro separately, are 
mixed immediately before encapsulation to synchronize nucleation and encapsulation. (b) A 
fluorescence microscopy kymograph of two-tile nanotube assembly inside three representative 
water-in-oil droplets. (c) To develop quantitative analysis of the fluorescence microscopy data, 
we first considered the distribution of pixel brightness across a single droplet over time. As 
nanotubes polymerize, a change in the shape of the distribution also occurs. Each plot shows 
the distribution of pixel brightness within the droplet of interest at the associated time. (d) 
Skewness is a measure of the asymmetry of the distribution of a random variable about its 
mean. Data that are positively skewed, have a longer tail on the right side of the distribution 
than the left. If skewness is negative, the data are negatively skewed or skewed left, meaning 
that the left tail is longer. As nanotubes polymerize, the skewness of the distribution of pixel 
brightness in a given droplet shifts from zero to a positive value, indicating that the distribution 
shifts from being relatively symmetric to having a tail on the right side. (e) Kurtosis is a 
measure of the "tailedness" of the distribution of a random variable. All three of these 
distributions have mean of 0, standard deviation of 1, and skewness of 0, and all are plotted on 
the same horizontal and vertical scale. Look at the progression from left to right, as kurtosis 
increases. (f) Here we can see that skewness and kurtosis values increase as nanotubes start 
growing and becoming more apparent over time inside the droplet. All scale bars are 20 μm. 
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3.2.4    Assessing assembly kinetics through statistical measures of microscopy 

images 

While qualitative observations of assembly can be directly made from visual 

inspection of epifluorescence microscopy images, we sought a more quantitative method 

to assess assembly (Figure 3.2). Automated image processing typically makes it possible 

to gather nanotube number and length data, but this is impractical if not impossible inside 

water-in-oil droplets due to nanotubes intersecting, bundling, and moving during confocal 

microscopy. An alternative route is the examination of statistical measures of 

epifluorescence microscopy images: the shape of the distribution of pixel intensities 

within a single droplet clearly evolves over time as nanotubes are qualitatively observed 

to be polymerized (Figure 3.2c).  

We summarize that, before nanotubes have polymerized, tiles and corresponding 

bound fluorescent molecules will be evenly dispersed over the entire volume of a droplet 

(Appendix 2 Figure A2.8). This uniform spread of tiles, and thus fluorescent signal, will 

redistribute as tiles are recruited during nanotube polymerization, resulting in distinct 

bright and dark pixels where there are and are not nanotubes within the droplet. It is 

worth noting that the epifluorescence microscopy images we are using to observe 

nanotube polymerization are a two-dimensional projection of fluorescent signals from 

within the three-dimensional droplet, with planes above and below the focal plane 

contributing unfocused signal to the overall image. Thus, one way to assign a quantitative 

measurement to assembly of nanotubes in individual droplets, is to examine the shape of 

the pixel histogram. 
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Skewness and kurtosis are measurements which describe the shape of a 

distribution. Skewness describes the distribution of any variable about its mean, while 

kurtosis describes the “tailedness” of a distribution (Figure 3.2de). More specifically, 

skewness describes where the bulk of a distribution lies relative to its mean , with a 

negative skew value indicating that the bulk of a distribution is above the mean, a zero 

skewness value indicates a normal distribution, and a positive skew value indicates the 

bulk of the distribution is below the mean.31 Kurtosis is a statistical measure that defines 

how the tails of a distribution differ from the tails of a normal distribution. 31,32 We use 

Fisher’s definition to calculate kurtosis (also termed as excess kurtosis), where 3 is 

subtracted from the result so that kurtosis of the normal distribution is zero. A 

distribution with heavy tails on either side (ex. Laplace distribution), indicating large 

outliers, has a positive kurtosis. A distribution with thin tails (ex. Uniform distribution) 

has a negative excess kurtosis, indicating fewer outliers in a distribution. Because 

skewness and kurtosis are statistical measurements which describe the shape of a 

distribution, they are agnostic to differing exposure times provided that no pixels of the 

camera used during imaging are saturated, and all pixel brightness values for an image 

fall within the dynamic range of the camera (Appendix 2 Figures A2.9-10). Skewness 

and kurtosis have been previously used to quantify the temporal evolution of actin 

polymerization33 and of phase separation of liquid crystals.34 

Indeed, as nanotubes assemble, we observe a progressive increase in the skewness 

and kurtosis values for the distribution of pixel intensities within a single droplet, with a 

greater relative change in the skewness (Figure 3.2f). As nanotubes assemble the 
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distribution of intensities within a droplet shift from symmetric about the mean brightness 

value to a bulk of the pixels becoming darker while a small number remain bright. This is 

reflected in the skewness value progressing from near zero at the start of the experiment, 

before nanotubes have polymerized, to increasing in positive magnitude as nanotubes 

polymerize. For unpolymerized nanotubes, we expect a negative or near zero kurtosis 

value, reflecting the heavily tailed distribution of pixel values, which increases to a 

positive value as nanotubes have polymerized and the distribution shifts to a high peak 

with light tails. 

Skewness and kurtosis are influenced not only by assembly of nanotubes, 

indicated by a condensation in the total fluorescent signal, but also by the number of free 

fluorescently labeled tiles creating a background signal. This is visible by comparing the 

images and pixel brightness plots in figure 3.2bc at 60 minutes and 24 hours. At both 

timepoints, nanotubes are visibly polymerized in the droplet, but the number of free tiles 

contributing to background noise are different, which is reflected in the shape of the pixel 

brightness profiles. By 3+ hours the intensity of this background signal drops off, 

indicated in changes of both the skewness and kurtosis values. This effect is magnified by 

the effects of photobleaching, which will disproportionately dim the background signal of 

free tiles, as tiles recruited to the nanotubes will be densely labeled enough that 

photobleaching effects will be less noticeable. 

For further quantitative assessment and comparison of nanotube polymerization in 

droplets, we collected skewness and kurtosis measurements for a subpopulation of 

droplets within the field-of-view. We report the mean and standard deviation of skewness 
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and kurtosis for several assays. As we are interested in the trends of skewness and 

kurtosis shifting, rather than the final skewness and kurtosis values themselves, we find 

the standard deviation to be informative for these assays; the spread of values within the 

sample we observe illustrate the effects of a Poisson distribution of reagents within 

droplets on nanotube assembly. To automate image processing we also developed a 

droplet detection code using Python to find droplets and extract their pixel intensities 

discussed in Chapter 4. The number of droplets considered for each experiment is shown 

in Appendix 2 Figures A2.11-15, with further discussion on the detection and data 

extraction process in Appendix 2 Section A2.4.14 and Chapter 4. Unless otherwise noted, 

data are gathered using the automated droplet detection code. 

The automated process for detecting droplets and extracting their pixel values 

allows us to investigate the skewness and kurtosis of many more droplets than would be 

feasible by hand (Appendix 2 Figures A2.11-15). Extracting single-droplet pixel 

intensities by hand for a few dozen droplets takes several hours, whereas the automated 

detection and extraction protocol allowed us to process hundreds of droplets in a matter 

of minutes. As our experiments did not include labeled oligomers or dyes as fluorescence 

references, and droplets were identified with an edge-based detection algorithm, for 

samples in which most of the tiles have been recruited to the nanotubes, detection 

becomes less accurate and the number of droplets considered drops. See Chapter 4 for 

further explanation. Inclusion of a secondary dye not involved in the nanotube 

polymerization process would avoid this limitation for future experiments and provide 

consistency for all stages of the experiment. 



 44 

3.2.5    Concentration of components and crowding agents affect morphology and 

assembly kinetics 

In live cells, the assembly and disassembly of cytoskeletal filaments is driven by 

the concentration and energetic state of pre-folded protein monomers. Similarly, the 

concentration of tiles encapsulated in our droplets influences the kinetics of nanotube 

assembly 35. As shown in Figure 3.3, we quantified the nanotube growth over time after 

growth was triggered by the two complementary monomers of the two-tile design. To 

prepare the monomers Tile A and Tile B, stoichiometric quantities of the respective 5 

constituent strands were mixed together in TAE buffer containing 12.5 mM Mg2+ and 

annealed (1 °C/min) from 95 °C to room temperature. Pre-annealed Tile A and Tile B 

were introduced in the aqueous phase simultaneously before encapsulation (all 

subsequent steps were performed at room temperature). Since encapsulation immediately 

follows mixing, we hypothesize that minimal filament formation takes place before 

encapsulation and imaging. 

To gather and compare information about assembly as it occurs in a collection of 

droplets, we compared the statistics of fluorescence microscopy images of droplets as a 

function of time, using the digital image processing protocol described in Figure 3.2, 

Chapter 4, and Appendix 2 Section A2.4.14. We first considered how increasing the 

concentration of the monomers would influence assembly rates within the droplets. We 

observed encapsulated two-tile nanotubes at 25, 50, 100, and 250 nM each tile over 24 

hours (Figure 3.3). Qualitatively, small nanotubes were discernible within 3 hours for the  
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Figure 3.3: Representative data of two-tile nanotube assembly. (a)(b)(c) Representative 
fluorescence microscopy images of 50, 100, and 250 nM two-tile nanotubes in droplets. 
(d)(e)(f) Plots of the mean skewness (purple) and kurtosis (orange) for 20 droplets at each time 
point. Error bars indicate standard deviation for droplets sampled. For this experiment, many 
droplets were overlapping and so skewness and kurtosis values were gathered by hand from 
non-overlapping droplets with ImageJ (Appendix 2 Section A2.4.14). For each timepoint, pixel 
brightness values from 20 droplets were gathered. Droplets drifted during the experiment, so 
different droplets were measured at each timepoint. 
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25 nM sample (Appendix 2 Figure A2.16), and 30 minutes for the remaining samples. 

Morphology as polymerization continues for both the 50 and 100 nM samples is similar, 

with many bending nanotubes appearing to branch and intersect between 60 and 360 

minutes, while larger bundles appear to align along the inner surface of the droplet at 

1400 minutes, or 24 hours. Confocal microscopy confirmed that mature nanotubes bundle 

along the interior of the droplet surface (Appendix 2 Figure A2.7). As polymerization 

occurs in the 250 nM sample, a dense mesh of nanotubes is visible from 30-180 minutes. 

Bundles appear to form earlier at this tile concentration, which could be a result of 

crowding, surface interactions or the nanotubes outgrowing the diameter of the droplets 

they are confined within (Appendix 2 Figure A2.6).  

Skewness and kurtosis measurements, gathered and averaged for 20 different 

droplets by hand at each time point throughout the experiment, do not illustrate a 

difference in the kinetics of nucleation and assembly. Instead, a spread in the sampled 

droplets is observed as nanotubes polymerize. As there is no theoretically derived 

expected value for either skewness or kurtosis which indicates nanotubes polymerization, 

the trends and spread of the values as assembly progresses is what is informative from 

this measurement.  

To further investigate how molecular crowding influences assembly, we assayed 

100 nM two-tile nanotubes in droplets with 2.5% w/v Polyethylene glycol (PEG) (Figure 

3.4). In these conditions, nanotubes begin to assemble before we can start imaging. 

Nanotubes are also much clearer to distinguish from background signal of free tiles as 

they appear to be pressed up against the inner surface of the droplet. The mean skewness  
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Figure 3.4: Isothermal assembly of two-tile nanotubes with 2.5% w/v PEG in droplets. (a) 
Representative fluorescence microscopy images of nanotubes assembling in the presence of 
PEG. (b) Plot of the mean skewness (purple) and kurtosis (orange) over time for isothermal 
assembly of nanotubes with PEG. Error bars indicate standard deviation of the sample droplets. 
Data extracted using droplet detection code as described in Chapter 4. Number of droplets 
sampled and histogram data of radii for sampled droplets in Appendix 2 Figures A2.11 and 
A2.22. 

 
 
and kurtosis values of sampled droplets for 100 nM two-tile with 2.5% w/v PEG increase 

from just above 0 at the start of imaging to a slightly higher steady state value after 180 

minutes.  

3.2.6    Activating nanotube assembly inside droplets via RNA triggers 

To further expand the library of encapsulated synthetic scaffolds, we implement 

another tile design composed of both DNA and RNA molecules. Assembly of nanotubes 

cannot occur if one of the two sticky-end strands is missing from the tile monomer. Thus, 

an inactive DNA tile can be annealed by excluding one sticky-end strand. Assembly of 

nanotubes begins when pre-annealed, inactive DNA tiles are activated by the addition of 

the missing strand, which can be either DNA or RNA (Figure 3.5a). Agarwal et. al 

previously demonstrated assembly of DNA-RNA hybrid nanotubes within minutes of 

adding the activating strand to pre-annealed, inactive DNA tiles at room temperature 30.  

First, we tested the assembly of DNA-RNA hybrid nanotubes when varying 

concentrations of gel-purified RNA were added to inactive tiles and encapsulated. For  
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Figure 3.5: Isothermal assembly of hybrid DNA-RNA nanotubes inside droplets via gel-
extracted RNA trigger. (a) Inactive DNA tile, lacking sticky ends necessary for self-assembly 
on one side of the tile, is activated by the addition of RNA molecules and triggers self-
assembly into nanotubes. (b-c) Representative fluorescence microscopy images of the 1x and 
4x RNA trigger experiments (insets) with plots of mean skewness and kurtosis for sampled 
droplets. Unlike un-encapsulated systems, it appears that rate of assembly is independent of the 
concentration of RNA triggers present inside the compartment with the inactive tile. Inset 
images show a sample droplet at various times into the study. Skewness and kurtosis are 
plotted in shades of purple and orange respectively. Error bars indicate standard deviation of 
the sample droplets. Data extracted using droplet detection code as described in Chapter 4. 
Number of droplets sampled and histogram data of radii for sampled droplets in Appendix 2 
Figures A2.12 and A2.23-24. 
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both 1:1 gel-purified RNA to inactive tile (1x, Figure 3.5b) and 1:4 (4x, Figure 3.5c) 

samples, assemblies are visible within 15 minutes. Fluorescence microscopy images 

suggest that the assemblies with 4x RNA are disordered aggregates, rather than filaments. 

We hypothesize that the high concentration of activating RNA relative to inactive tiles is 

resulting in undesired hybridization between multiple RNA strands and a single inactive 

tile, which disrupts the assembly of DNA-RNA hybrid nanotubes. These results highlight 

the limitations of characterizing assembly via skewness and kurtosis, as these 

measurements do not distinguish between predictably assembled nanotubes, and 

disordered aggregates. 

3.2.7    Transcriptional control of nanotube assembly inside droplets 

Within cells, proteins and other components are produced as needed to fuel and 

carry out dynamic processes. Many encapsulated minimal systems incorporate this 

strategy in vitro via RNA transcription from linear DNA templates, or genelets, via 

bacteriophage T7 RNA polymerase (RNAP).36,37 We implemented a template from which 

the trigger RNA in the previous section was transcribed; promoting polymerization of 

DNA nanotubes through activation of inactive DNA tiles when all components are 

encapsulated in droplets (Figure 3.6a).  

To probe the influence of template concentration on nanotube assembly kinetics 

we varied the template concentration while fixing the concentration of inactive tiles and 

transcription components (buffer mix, NTPs, and RNAP) inside of the droplets. 

Representative microscopy images demonstrate the growth of nanotubes as the trigger 
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RNA is transcribed at each template concentration for droplets produced via the shaken 

droplet method and incubated at 37°C, the ideal temperature for T7 RNAP transcription.  

Unlike the two-tile or gel-extracted RNA trigger experiments, nanotubes were not 

visible via co-transcription without the addition of Polyethylene glycol (PEG), a 

commonly used molecular crowding agent (Appendix 2 Figure A2.17). Through further 

assays with varied concentrations of PEG added to the encapsulated co-transcription mix, 

we determined that a small amount of PEG facilitates visualization of nanotubes during 

co-transcription of RNA trigger within droplets, but increased amounts of the crowding 

agent seems to inhibit the assembly process (Appendix 2 Figure A2.18). 

For all conditions, there are a number of droplets smaller than 10 µm in diameter 

in which no nanotubes polymerize. This is likely a result of the Poisson distribution of 

components across the population of droplets;38 the droplets without any polymerized 

nanotubes did not encapsulate sufficient amounts of nanotube or transcription 

components to trigger assembly. For 7.5 nM template, small nanotubes are visible in 

droplets larger than 15 µm in diameter by 30 minutes (Figure 3.6b). For droplets of all 

diameters, nanotubes are visible within 60 minutes and continue to grow in length 

through 360 minutes. Before nanotubes have polymerized, skewness and kurtosis are 

near 0 with very small variation across sampled droplets. As nanotubes polymerize, the 

skewness and kurtosis values spread while the mean increases from 0. Notably, 

nucleation and polymerization of nanotubes occurs in droplets for lower concentration of 

template than previously reported in bulk solution by Agarwal et al.30 Although this is 

likely the result of the presence of the crowding agent PEG, confinement within droplets 
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may contribute to lowering the minimum threshold of template required for nucleation 

and assembly of nanotubes. 

With 25 nM template, droplets greater than 7 µm in diameter contain a single 

nanotube and droplets greater than 15 µm in diameter contain many nanotubes within 15 

minutes (Figure 3.6c). By 30 minutes, nanotubes had polymerized in droplets smaller 

than 7 µm in diameter, while droplets with larger diameters had multiple nanotubes or a 

single nanotube which appeared to be longer than the diameter of the droplet to which it 

was confined. Nanotubes in smaller droplets continued to assemble and length through 

the remainder of the experiment, while nanotubes and assemblies in larger droplets did 

not visible change after the initial 30 minutes. In agreement with qualitative observations, 

the mean skewness and kurtosis for sampled droplets start above 0 and increases as 

nanotubes continue to assemble throughout the experiment. The standard deviation of 

both measurements is large and consistent for the duration of the experiment, as 

nanotubes were qualitatively observed to have polymerized by the first observation at 15 

minutes. 

The 50 and 100 nM gene experiments yielded similar results, as can be seen in 

both the representative microscopy images and the skewness and kurtosis values (Figure 

3.6de). For these experiments, bright spots indicative of the beginning of nanotube 

assembly are visible by the time imaging began. In smaller droplets, with diameters 

between 5-15 µm, a single nanotube polymerized within the first 15 minutes. For these 

droplets, nanotubes lengthened between 15 and 30 minutes, but did not noticeably change 

at later time points. In droplets larger than 15 µm in diameter, branching groups of  
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Figure 3.6: Co-transcriptional isothermal assembly of encapsulated hybrid DNA-RNA 
nanotubes with in-situ trigger production. (a) Schematic representation of inactive DNA tile 
activation with in-situ trigger production. (b-e) Representative fluorescence microscopy images 
of the template, or gene, titration experiments (insets) with plots of mean skewness and 
kurtosis for sampled droplets. The rate of assembly depends on the concentration of DNA 
template producing the trigger RNA strand. Skewness and kurtosis are plotted in shades of 
purple and orange respectively. Error bars indicate standard deviation of the sample droplets. 
Data extracted using droplet detection code as described in Chapter 4. Number of droplets 
sampled and histogram data of radii for sampled droplets in Appendix 2 Figures A2.13 and 
A2.25-28. 
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nanotubes or larger aggregates formed within 15 minutes, for the 50 and 100 nM gene 

experiment respectively. The rapid formation of aggregates indicates that encapsulating 

template at greater than 50 nM produces a surplus of transcribed RNA trigger in large 

droplets, which crowds the interior environment and disables programmed assembly of 

nanotubes. Both the consistency of the mean skewness and kurtosis values through the 

duration of the experiment, as well as the large standard deviation, support the qualitative 

observation that assemblies form rapidly. 

3.2.8    Transient nanotubes formation inside droplets arising from simultaneous 

RNA transcription and degradation 

After achieving enzyme-mediated DNA-RNA nanotube assembly in droplets, we 

sought to demonstrate a complete cycle of enzymatically controlled assembly-

disassembly. RNase H is commonly used in artificial in vitro transcriptional circuits for 

targeted degradation of hybridized RNA.39,40 Agarwal et al. previously reported RNase H 

mediated degradation of DNA-RNA nanotubes in bulk solution, as the enzyme degrades 

RNA trigger bound to DNA, deactivating individual tiles.30 Additionally, RNase H may 

decrease the polymerization rate of hybrid nanotubes by reducing the concentration of 

free active tiles. When both RNAP and RNase H are present with inactive tiles and 

transcription reagents in bulk solutions, a transient pulse of nanotube assembly occurs 

due to the difference in the rates of transcription and degradation of RNA trigger. Initially 

transcription is faster than degradation, which may be due to a behavior referred to as 

transcription burst of T7 RNAP.36,37 Upon encapsulation, we expect to see nanotubes 

polymerize before ultimately melting as RNA trigger is degraded. 
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Figure 3.7: Enzyme-mediated dynamics of encapsulated hybrid DNA/RNA tubes. (a) 
Schematic of the reactions occurring in a sample that includes inactive tiles, DNA template 
transcribing the RNA trigger (promoting growth of nanotubes), and RNase H (promoting 
degradation of nanotubes). (b) Structural assembly is triggered from in-situ transcription of 
trigger RNA strand from a DNA template. (c-e) Experimental results showing that, when RNA 
trigger transcription and degradation components are simultaneously present, the nanotube 
mean length increases transiently: eventually RNase H causes disassembly of the nanotubes at 
a speed that depends on the RNase H concentration, presumably due to a decrease of RNAP 
activity. Skewness and kurtosis are plotted in shades of purple and orange respectively. Error 
bars indicate standard deviation of the sample droplets. Data extracted using droplet detection 
code as described in Chapter 4. Number of droplets sampled and histogram data of radii for 
sampled droplets in Appendix 2 Figures A2.14 and A2.29-32. 
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For all concentrations of RNaseH encapsulated with constant inactive tile, 

template, and transcription reagents, a pulse of nanotube assembly is visible in 

fluorescence images (Figure 3.7). Inactive tile was kept at 500 nM for consistency with 

co-transcription experiments, while template was kept at 100 nM. Although this amount 

of template results in crowding due to rapid transcription of RNA trigger when no 

degradation enzymes are present, we expected a high amount of template to be necessary 

when RNase H is present. For lower amounts of RNase H, 0.025 U/µL and 0.05 U/µL, 

nanotubes assemble and are visible until about 3 hours after encapsulation (Figure 3.7cd). 

As more RNase H is added assembly is delayed and fewer nanotubes are visible (Figure 

3.6ef). For all samples with 0.05 U/µL RNase H and higher, nanotubes appear to curl into 

loops in the fluorescence microscopy images. It is unclear what is causing this 

morphology, but it could be a result of both crowding and the degradation of RNA 

trigger. 

3.3    Discussion 

We demonstrated a variety of assays for encapsulating DNA nanotubes inside of 

cell-sized water-in-oil droplets. Assembly of single-tile nanotubes is possible by either 

annealing prior to or following encapsulation, but this method does not allow for 

observation of assembly kinetics. To approach the behavior and functionality of native 

cytoskeletal filaments, we must be able to controllably trigger assembly and disassembly 

using only components which are within or can be produced in or transported into 

minimal cell. By using both two-tile and DNA-RNA hybrid nanotube designs, we were 

able to trigger and observe nucleation, assembly, and disassembly of DNA nanotubes 
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within the water-in-oil droplets. To date, these nanotubes are the largest synthetic, self-

assembling structure to exhibit this dynamic behavior within cell-sized compartments. 

While this accomplishment approaches the criteria of a synthetic minimal cells, there 

remain opportunities to improve the functionality and characterization of this system.  

To quantify our characterization of the assembly kinetics for different nanotube 

designs, we implemented a statistical analysis approach as direct length measurements 

are not feasible from epifluorescence microscopy images, the primary method of 

observing nanotube assembly inside of the compartments. This statistical approach of 

measuring the skewness and kurtosis for pixel brightness values inside of individual 

droplets has some limitations. As nanotubes are not fixed within a single plane during 

imaging in droplets, nanostructures drifting into and out of focus can result in a shift in 

the skewness and kurtosis values. As we measure tens of droplets for the two-tile 

nanotube experiments, and hundreds of droplets for the remaining experiments, averaging 

measured skewness and kurtosis should account for any influence movement of the 

nanotubes have. Additionally, skewness and kurtosis are influence by the background 

signal from free tiles within the droplets, so changes in these measurements not only 

characterize assembly, but also the concentration of free tiles within the droplet as well. 

Finally, as we saw with the 4x gel-extracted RNA trigger trial (Figure 3.5c), skewness 

and kurtosis do not distinguish between disordered aggregates and polymerized 

nanotubes, so qualitative observations via fluorescence microscopy are necessary to 

confirm assembly. While the value of skewness and kurtosis at steady state conditions do 

not directly indicate whether nanotubes have polymerized, observing the increasing trend  
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as nanotubes nucleate and assemble offers some insight into the kinetics of the assembly 

process. Additionally, we note that as nanotubes polymerize, the skewness and kurtosis 

values across the sample of measured droplets spreads. This is likely the result of a 

Poisson distribution of components during encapsulation: droplets with an insufficient 

amount of components for assembly to occur will yield different skewness and kurtosis 

values than droplets with enough components for assembly. 

We have demonstrated a variety of methods with which to tune the assembly and 

disassembly rates, as well as the final morphologies of mature nantoubes within droplets. 

With the two-tile nanotube system, qualitatively assembly kinetics and the morphologies 

assembling nanotubes exhibit are tunable via the concentration of free tiles. While the 

observed skewness and kurtosis measurements do not suggest a significant difference in 

either the assembly kinetics or final morphologies, this could be due to some of the 

effects discussed in the previous paragraph. Additionally, there does not appear to be a 

relationship between droplet diameter and skewness and kurtosis values (Appendix 2 

Figure A2.33). 

There may be some cooperative behavior between assembling nanotubes and the 

droplet surface (Appendix 2 Figure A2.6), which could be further examined by 

implementing different surfactants to stabilize the droplets. As scaffolding and localizing 

molecular cargo with synthetic cytoskeletal filaments is desirable for some applications, 

fully understanding the interactions between the inner surface of the droplet and the DNA 

nanotubes may result in another way in which localization of ligands bound to 

nanotubes41 can be programmed. 
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Molecular crowding has been observed to influence transcription and translation in 

both native cells and synthetic cell-sized compartments.38,42,43 Without the crowding 

agent PEG in the encapsulated DNA-RNA hybrid co-transcription system, no nanotubes 

are observed although the same reaction in bulk solutions yields nanotube assembly. It is 

unclear if PEG is facilitating transcription, activation of tiles, or polymerization of 

nanotubes in our assays. 

DNA-RNA hybrid tiles are advantageous as RNA can be transcribed inside cells as 

needed from small amounts of gene, a process which can be delayed or triggered by 

integrating the transcription process with more complex gene circuits. However, it is 

challenging to design RNA structures that self-assemble co-transcriptionally, due to non-

canonical base pairing and to the higher stability of RNA double helices relative to DNA. 

Thus, nanostructures constructed of both DNA and RNA allow the advantages of both 

DNA and RNA to be harnessed for manufacturing functional assemblies.  

Without the RNA-degrading RNase H enzyme, co-transcription for high 

concentrations of template appear to disrupt assembly by overproducing RNA trigger in 

the first 15 minutes following encapsulation. Agarwal et al., did not report aggregation 

for co-transcription of RNA trigger with high concentrations of template in bulk, 

although it is unclear if this is a result of the bulk solution conditions, or because of the 

dilution immediately before imaging necessary to quantify nanotube length. As was 

reported by Agarwal et al. previously, transient assembly of nanotubes inside the droplets 

can be controlled by adjusting the relative concentration of enzymes, template or both.30 

When both transcription and degradation of RNA trigger is occurring in droplets with 
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inactive tiles, RNAse H ultimately disassembles nanotubes despite high template 

concentration. The nanotubes visible within droplets for the enzyme-mediate assembly-

disassembly system appear to have a much higher curvature, even forming small rings in 

some cases, than nanotubes produced without RNase H in the system. The cause of this 

morphology is unclear. As transcription and degradation are not perfectly efficient 

processes, abortive or elongated RNA trigger may be produced during co-transcription 

and RNase H mediated degradation.44–49 These undesired products may still bind to 

inactive tiles within the droplets, resulting is “waste” complexes which cannot be 

activated by the correct RNA transcripts. As transcription continues, waste complexes 

can accumulate and prevent all encapsulated inactive tiles from participating in nanotube 

assembly. 
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Chapter4: Developing an automated droplet detection script in Python 

4.1    Introduction 

As discussed in the previous chapters, DNA nanotubes are ideal candidates for 

building a synthetic cytoskeletal system for minimal-cell applications; they can be 

designed to dynamically respond to different environmental triggers and are comparable 

in size and stiffness to native cytoskeletal filaments.1–5 A key feature of native 

cytoskeletal filaments is the ability to dynamically assemble and disassemble to 

collectively carry out complex functions, such as cell motility and division.  

Traditionally, DNA nanotube assembly and disassembly in bulk solutions is 

easily quantified by extracting length measurements from Atomic Force Microscopy 

(AFM) or epifluorescence microscopy. Nanotube designs which only form very small 

structures, for example prototypes of RNA or DNA-RNA hybrid nanotubes, can be 

observed via AFM.3,5,6 In these cases, nanotubes are adhered to a mica surface during 

imaging, which facilitates measurement of width and length. Nanotube designs which 

polymerize more efficiently can reach lengths of microns to tens of micros are easily 

observable using fluorescence microscopy by labeling individual tiles with fluorescent 

molecules.1,3,5,6 As nanotubes adhere to the surface of the glass coverslip used for 

imaging, entire nanotubes are visible in one focal plane and length measurements at fixed 

moments in time can be gathered. In both techniques, length data is used to determine the 

presence of nanotubes, as well as rates of assembly and disassembly. When imaging 

nanotubes in water-in-oil droplets, as in the previous chapter, intersecting, bundling and  
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Figure 4.1: Motivation for statistical analysis to probe nanotube assembly in water-in-oil 
droplets. (a) Schematic representation of two-tile nanotube system. Following mixing of tile A 
and tile B and encapsulation into water-in-oil droplets via the shaken droplet protocol 
(Appendix 2 Section A2.3.8), nanotubes nucleate and assemble. (b) Representative 
fluorescence microscopy images of 100 nM two-tile DNA nanotubes assembling in water-in-
oil droplets at room temperature (Chapter 3 Section 3.2.3). (c) Representative fluorescence 
microscopy images of two-tile nanotubes assembling in droplets with extracted pixel 
brightness value (PBV) data plotted (left). Skewness and kurtosis over time for the single 
droplet (right). Scalebar is 10 µm for (c). 
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movement between focal planes of nanotubes make length measurements non-trivial, if 

not impossible.  

In the previous chapter, I demonstrated the encapsulation of different designs of 

DNA nanotubes for which assembly was triggered after encapsulation within water-in-oil 

droplets. Water-in-oil droplets are stabilized compartments with sizes on the order of 

microns to tens of microns in diameter. Nanotubes begin assembling following 

encapsulation, but quantification of their assembly is non-trivial as droplets are not 

confined to a 2-dimensional surface during imaging. To supplement qualitative 

observation, I sought to characterize assembly via statistical analysis of the pixel 

brightness values (PBV) within individual droplets. By measuring the skewness and 

kurtosis for PBV in individual droplets, we can characterize whether tiles are free within 

the droplet or recruited into nanotubes or other aggregates (Figure 4.1). Further 

discussion on this technique can be found in Chapter 3 Section 3.2.4. Extracting PBV 

data for only a few dozen droplets within a given assay can take hours excluding the time 

needed further process data for calculating skewness and kurtosis. By using a droplet 

detection script, data for hundreds of droplets are extracted within a few minutes. For 

illustrative purposes of how the code functions, I will be using representative images 

from the 7.5 nM template co-transcription of DNA-RNA nanotubes in water-in-oil 

droplets experiments described in Chapter 3 Section 3.2.7. 

Digital image processing (DIP) has become a workhorse for extracting 

quantitative information from biological experiments in the past few decades. Many  
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Figure 4.2: Diagram of the automated droplet detection and data extraction script. First, 
droplets are detected using circular Hough transform (CHT) algorithm from the scikit-image 
package on a brightness-adjusted image. The radii, (x, y) center coordinates, and Hough 
intensity for each detected circle are filtered to remove circles with low Hough intensities and 
circles which are overlapping. A mask is created using the detected circles to extract pixel 
brightness values (PBV) from the raw image file. Diagnostics plots, a reference image with 
detected droplets labeled, and the information for extracted PBV and circle parameters are the 
final output. The images are from the 7.5 nM template co-transcription of DNA-RNA 
nanotubes at 0 minutes after encapsulation (Chapter 3 Section 3.2.7). Scalebars are 50 µm. 
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software applications with accessible graphical user interfaces (GUIs)7–9 are available for 

DIP – both open-source and proprietary – as well as a wide variety of libraries in 

different programming languages.10–12 While applications are convenient, with a basic 

understanding of programming, researchers can extract a large amount of data quickly 

and have flexibility in the data they extract and how they process it. Additionally, while a 

basic DIP script may only be applicable to a specific assay or set of data, the fundamental 

skills from building the script are easily transferred to other DIP applications. Flexibility 

is especially beneficial for researchers developing new assays which cannot be 

characterized through traditional measurements.  

There are many options for languages in which to write DIP scripts, including 

Python, ImageJ macros, Matlab, Julia and more. Python is a widely used free 

programming language, with many libraries applicable to DIP, data processing, and 

graphical presentation of results. Because it is widely used and beginner friendly, there 

are also many resources to support writing and optimizing DIP scripts. In this chapter, I 

will discuss how I built a DIP script using basic Python libraries and skills, to quantify 

results from an assay for which traditional measurements were not possible (Figure 4.2). 

4.2    Methods and Data 

The foundation of the DIP script I wrote for detecting droplets in epifluorescence 

microscopy images is built upon the scikit-image image processing library.10 I 

implemented the Circular Hough Transform (CHT) algorithm tailored to detect circles 

across a wide range of radii and remove a majority of artifacts from the returned values. 

Pre-processing the images before applying the CHT yields higher detection of droplets  
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Figure 4.3: The effects of brightness-adjusting images before droplet detection. The CHT 
algorithm employed to detect droplets relies on thresholding to detect the edges of droplets. (a) 
Detected droplets are labeled and marked by red circles on an image processed with the droplet 
detection script without first adjusting the image brightness (left). Due to a single spot which is 
much brighter than the rest of the image, very few droplets are detected and determining 
whether any are artifacts is not possible. Without brightness-adjusting the image, a number of 
thresholding algorithms fail to separate the droplets from the background in the image. Here, 
both the default (middle) and Otsu (right) thresholds are applied to the raw image in ImageJ for 
illustrative purposes. The CHT algorithm employs a hysteresis threshold, which is not 
available in ImageJ. (b) Detected droplets are labeled and marked by red circles on an image 
processed with the droplet detection script after first adjusting the brightness of the image 
(left). Both the default (middle) and Otsu (right) threshold algorithms more successfully 
separate droplets from the background for the brightness-adjusted image than the raw image. 
The images are from the 7.5 nM template co-transcription of DNA-RNA nanotubes at 0 
minutes after encapsulation (Chapter 3 Section 3.2.7). Scalebars are 50 µm. 
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across all samples, especially those with large droplets or aggregation of fluorescently 

labeled tiles. Prior to running the script, all 16-bit .nd2 images are duplicated. Duplicates 

are brightness-adjusted using the “Auto” setting in the Brightness/Contrast tool of ImageJ 

and saved as 8-bit tiff files. Brightness-adjusted images are only used for droplet 

detection, while PBV are extracted from the raw images with full bit depth (Figure 4.2). 

Brightness-adjusting the images in which droplets are detected enables a future  

thresholding step to more accurately separate droplets from the background of the image 

than would be separated otherwise, even in the presence of bright spots in the image 

(Figure 4.3).  

  
 

 
Figure 4.4: The output Boolean array of detected edges from the Canny edge detector 
algorithm applied to a brightness-adjusted fluorescence image of droplets. Inset is a magnified 
view of the area indicated by the dotted square. The image is from the 7.5 nM template co-
transcription of DNA-RNA nanotubes experiment at 0 minutes after encapsulation (Chapter 3 
Section 3.2.7). Scalebars are 50 µm. 



 71 

The droplet detection script requires both the raw and brightness-adjusted images, 

as well as a few parameters to run. The minimum and maximum radii to search for must 

be provided in pixels, in addition to the step size. The step size determines which discrete 

radius values to search for, within the range of the minimum and maximum radii. For a  

step size of one, all radii between the min and max will be considered, while for a step 

size of 2, every other value will be skipped, and so on. Droplets made via the shaken 

protocol described in Appendix A2 Section A2.4.8 are heterogeneous in size, and I 

commonly searched with a minimum of 10 and maximum of 50-70 pixels. As searching 

over such a large range of radii becomes computationally demanding, radii are broken 

into subsets of ten for detection with the results from each group compiled for further 

processing following detection. The final parameter is a limit on the number of droplets 

allowed in each subset of radii sizes.  Without a numeric limit to the number of droplets 

which can be found, the script may return hundreds of artifacts, or false detections, and 

take upwards of 30 minutes. Varying these parameters determines the computational 

time, detection accuracy, and number of droplets returned from sample images.  

To detect droplets, the following CHT algorithm is over each subset of radii. First 

a Canny edge detector is applied (skimage.feature.canny). The Canny edge detector 

function first removes noise from the image via Gaussian smoothing. Gradients in pixel 

brightness across the image are found using horizontal and vertical Sobel operators, or 

kernels. Edges are located when pixels lie normal to horizontal, vertical or diagonal 

gradients with large magnitudes, and weighted according to the magnitude of the 

neighboring gradient. Edge weights are compared locally and thinned to 1 pixel in width 



 72 

before being thresholded. Pixels connected to edges, with an edge weight value above a 

smaller threshold are also labeled as edges. The function returns a Boolean image array in 

which the edges are labeled as True (Figure 4.4). The CHT transform function 

(skimage.transform.hough_circle) is then applied to the Boolean edge array. The CHT 

detects circular objects in which the image distribution of a circle with uniform intensity 

is described as  

 I(x,y)=	) dα	δ	(x-x0-ρcosα)δ	(y-y0-ρsinα)
2π

0
 (4.1) 

With a center (x0, y0), radius 4, and arc-angle relative to the x-axis 5.13 The integral is 

confined by the Dirac delta functions to the parametric equations: 

 (6 − 6$ − 4	89:5) = 0 (4.2) 

 (< − <$	 − 4	:=>5) = 0 (4.3) 

The Hough intensity is then 

 
?(@, A) = 	 B

2	[4& − (@ − E cos(A − F))&]'(/& if		|@ − cos	(A − F)| ≤ 4
0 if		|@ − cos	(A − F)| > 4

 
(4.4) 

(4.5) 

Where 
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&)(/& (4.6) 

 F =	 LM>'( N
<$
6$
O (4.7) 

The CHT function in scikit-image returns an array for each radius with the Hough 

intensities for detected circles (Figure 4.5). The Hough circle peaks function 

(skimage.transform.hough_circle_peaks) then reads the Hough circle arrays and returns  
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Figure 4.5: Hough intensity arrays for two different radii generated by the 
skimage.transform.hough_circle function for a single image. Circles are then detected by 
finding peak values in the array, indicated by the red arrows in the insets. An array is generated 
for every radii value included in the user-defined search range. The images are from the 7.5 nM 
template co-transcription of DNA-RNA nanotubes experiment at 0 minutes after encapsulation 
(Chapter 3 Section 3.2.7). Scalebars are 50 µm. 

 
 
 

 
Figure 4.6: (a) A mask of detected droplets applied to the raw image for labeling and PBV 
extraction. (b) The output reference image with detected droplets labeled by ID number and 
outlined in red. Label colors change every 100 droplets to improve legibility for images with 
many detected droplets. The images are from the 7.5 nM template co-transcription of DNA-
RNA nanotubes experiment at 0 minutes after encapsulation (Chapter 3 Section 3.2.7). 
Scalebars are 50 µm. 
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peak Hough intensity values in the “accums” variable, and the associated (x, y) 

coordinates and radii for detected droplets.  

After detecting circles with the above algorithm, artifacts and overlapping circles 

are filtered out. First, center (x, y) coordinates and radii for circles with low accums 

values are dropped. Overlapping circles, often circles sharing the same center coordinates  

but with different radii, are dropped if the distance between the centers is less than the 

sum of their radii. The circle with the lower accums value is dropped in this case. Finally, 

if the number of remaining circles is greater than the user defined limit, the circles with 

the lowest accums values are dropped until the limit is reached. The results for each 

subset are compiled to create a list of detected droplets across the range of the minimum 

and maximum radii parameters. After compiling circles from all radii subsets, 

overlapping circles and circles with low accums values are once more filtered out. 

The center coordinates and radii are of the remaining droplets are used to generate 

a mask labeled with droplet ID, which is then applied to the raw image to extract PBV  

(Figure 4.6a). A reference image is created in which detected droplets are drawn in red on 

the brightness-adjusted fluorescence image with their ID numbers (Figure 4.6b). ID 

numbers are printed in a new color every 100 droplets to help improve legibility for 

image in which many droplets are detected. The outputs of the droplet detection script are 

the reference image with labeled droplets, supplementary diagnostics plots shown in the 

previous figures, and three comma-separated value (csv) files: 1) the user defined 

parameters used in the run, 2) droplet ID number, radii, and center coordinates, and 3) the 

PBV in the form of a 256-bin list-form histogram with appropriate droplet IDs. 
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Figure 4.7: Reference images for detected droplets in the 7.5 nM template co-transcription of 
DNA-RNA nanotubes experiment at 360 minutes after encapsulation (Chapter 3 Section 3.2.7). 
(a) The full image with all labeled detected droplets labeled and marked by red circles. (b) An 
inset of the image marked by the dotted line. Artifacts which are removed before further 
processing are labeled in bold, red numbers. Blue arrows indicate examples of different reasons 
a droplet is removed before data analysis. Not only are artifacts removed (170), but also 
droplets for which the radius is off by more than a few pixels (197), droplets with inaccurately 
detected center coordinates (175), or a combination of both. Scalebars are 50 µm. 
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Before PBV data is further processed, reference images are visually inspected, 

and any remaining artifact are removed from the final data using their ID numbers. In  

some cases, detected circles are merely artifacts (number 170 in Figure 4.7b). Other 

circles which need to be removed from data may have radii off by more than a few pixels 

(number 197), inaccurate centers (number 175), or are cut-off by the edge of the image. 

4.3    Results and Discussion 

Extracting PBV data from fluorescence microscopy images by hand is both time 

consuming and prone to human error. By employing a few basic Python packages, I 

wrote a script which extracts PBV data from fluorescence microscopy images for 

hundreds of droplets in minutes. While this script is powerful, there are some conditions 

in which detection fails, or human intervention is required to prevent artifacts from 

dominating the results. Here, I will discuss a few limitations of this automated droplet 

detection process and provide insights into how to improve detection results for future 

experiments.  

Droplet detection fails when the edges of droplets are obscured. This can happen 

when droplets are overlapping in images. If the overlap is too great, extraction of the data 

must be done manually, as was done for the samples for Figure 3.3 of Chapter 3. Droplet 

overlap is a result of pipetting from a portion of the water-in-oil emulsion, which is too 

dense, and can be easily avoided with practice handling and loading the samples into 

imaging chambers. Droplet edges also become obscured as free tiles are recruited into 

nanotubes during assembly. As nanotubes polymerize, fluorescent signal becomes greater 

at the location of the nanotubes than at the edges of the droplets. The result is a lower 
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number of accurately detected droplets and a higher number of artifacts (Figure 4.9), 

which can also be seen in the histograms of detected droplets in Appendix A2 Figures 

A2.22-32. The number of droplets detected decreased for all samples as nanotubes 

polymerized, although to varying degrees. Artifacts can be removed after visual 

inspection but becomes laborious as more nanotubes polymerize. A solution to this issue 

is to include a fluorescent dye which is agnostic to nanotube polymerization. Detection 

would remain consistent for all timepoints and conditions, as we demonstrated that 

crowding agents such as Polyethylene glycol (PEG) do not affect the distribution of 

fluorescently labeled inactive DNA tiles (Appendix A2 Figure A2.34). 

An alternative approach to DIP for droplet detection is to employ machine 

learning algorithms. While these algorithms are powerful tools for object detection, I 

would not consider them to be practical tools for researchers early in their DIP or coding 

journeys.  
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Figure 4.8: Representative images of detected droplets before (a) and after (b) removing 
artifacts and incorrectly detected droplets. Detected circles which are removed are indicated by 
bold, red numbers in inset. Insets are magnified views of the areas indicated by the dotted lines. 
The images are from the 7.5 nM template co-transcription of DNA-RNA nanotubes at 360 
minutes after encapsulation (Chapter 3 Section 3.2.7). Scalebars are 50 µm 
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Chapter 5: Conclusion and prospectus 

In this dissertation, I have demonstrated the initial steps is actualizing 

a synthetic minimal cytoskeletal system for applications in minimal cells. 

Inspired by both the broad range of functionalities of native cytoskeletal 

filaments and the increasing complexity of minimal cell systems, I sought to 

integrate aspects of both by focusing on resilience of synthetic filaments in 

active reaction environments, and tuning dynamic behavior within cell-sized 

droplets.  

As DNA nanotubes are similar in size and stiffness to native 

cytoskeletal filaments and have been well characterized to exhibit dynamic 

assembly-disassembly and scaffolding of ligands, I used these filaments as 

the foundation for a synthetic cytoskeletal system. In Chapter 2, I tested 

various chemical modifications to increase stability of DNA nanotubes 

within cell extract, a common platform for minimal cell system reactions. I 

confirmed that the most effective inhibitor of DNA nanotube degradation 

was the addition of a linear DNA decoy molecule, Chi6, which was 

previously reported to protect against degradation of linear DNA templates 

within the E. coli cell extract. Additionally, modifying the binding domains, 

or sticky-ends, of the DNA tile monomers to include a phosphonothioate 
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bond between bases also increased nanotube lifetime. Both modifications 

increased the stability of DNA nanotubes in cell extract without depressing 

gene expression processes. Methods reported previously for stabilizing DNA 

nanostructures in cell extract environments applied methods which greatly 

inhibited gene expression reactions. While both modifications delay 

nanotube degredation for 24 hours at room temperature, when incubating the 

system at 37°C, the optimal operating temperature for the enzymes in the 

cell extract, nanotubes are degraded much more rapidly. The decoy Chi 

DNA is an effective inhibitor of linear DNA degredation specifically within 

the E. coli reaction conditions, and so other modifications must be tested 

before integration of DNA nanotubes with other cell extract environments.  

In Chapter 3, I demonstrate enzymatic control of DNA-RNA 

nanotubes inside of cell-sized water-in-oil droplets. In addition to 

developing multiple assays for encapsulation of different DNA nanotube 

designs, I discussed one way to quantify epifluorescence microscopy data 

used to observe assembly and disassembly. Statistical image analysis allows 

for verification of dynamics by evaluating the distribution of pixel 

brightness values within an individual droplet; as nanotubes are 

fluorescently labeled, the distribution of fluorescent signal within a droplet 
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changes as nanotubes polymerize and labeled tiles are no longer freely 

distributed in the solution. While this method provides some insight into 

assembly, it does not distinguish between nanotubes and other kinds of 

aggregations or assemblies. It is possible applying a Fast Fourier Transform 

would provide distinction between aggregates and nanotubes, as it would 

illustrate not just where fluorescent signals are within the droplet but any 

patterns to the distribution. 

While the autonomous self-assembly of such a large synthetic 

nanostructure within cell-sized compartments is novel, there remain many 

interesting directions to pursue increased functionality in compartments. 

Native cytoskeletal filaments used directed forces to actuate movement, cell 

division, and intracellular organization. To move closer to achieving these 

complex behaviors in minimal cells with DNA nanotubes, one should seek 

to integrate encapsulation in liposomes for better approximation of native 

cells, external environmental sensing, fuel and waste strand management, 

and localization of both cargo and filaments.  

Chapter 4 is my best effort at illustrating how simple it is to develop a 

custom, functional script for data processing using only basic Python 

scripting skills. As the reliance on digital image-based data continues to 
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increase, along with the file sizes of time-course, multi-dimensional or 

super-resolution images, I believe having the basic skills for automated 

processing of digital image data is an essential skill for professional 

researchers. There are a variety of programming languages, many of them 

free and open-source, and increasing resources available on campuses and 

online to facilitate learning. Researchers facing unusual data for which there 

are no establish protocols for processing, such as myself when observing 

DNA nanotubes in water-in-oil droplets with fluorescence microscopy, 

benefit additionally from the ability to build custom scripts as they establish 

new analysis methods. 
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Appendix 1 

Supplementary figures to Chapter 2. 
 

 
 
Figure A1.1: The effect of SDS and DCA on TXTL protein synthesis. 1 nM P70a-deGFP plasmid 
was added to a standard TXTL reaction. The reaction was split into four identical aliquots, to which 
was either added water (ctrl), sodium dodecyl sulfate (SDS) (0.1% volume final) and/or 
deoxycholic acid (DCA) (0.1% volume final). The SDS and DCA percentages are the same as in 
Mei et al., 2011.1 The reactions were incubated at 29°C for 12 hrs. Error bars represent standard 
deviation from 3 repeats. 
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A1.1 DNA Sequences 

Oligonucleotides were purchased from Integrated DNA Technologies (Coralville, IA, 

USA). Sequences for 5-base SE1, SE2 NoTH, SE3 Cy3, SE4, and SE5, are taken from 

Rothemund et al., 2004.2 DNA sequences for SE2 TH and all 8-base strands are taken from 

Green et al., 2017.3 Modified DNA sequences for ligation were taken from O’Neill et al., 

2006.4 Modified DNA sequences for PS bonded sticky-end strands we designed by the 

authors. DNA sequences for Chi6 dsDNA are taken from Marshall et al., 2017.5 

Name Sequence 

SE1 5’ - CTC AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 

SE1 NT 5’P 5’ - /5Phos/CTC AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 

SE2 NT 5’ - GTC TGG TAG AGC ACC ACT GAG AGG TA 

SE2 T 5’ - TGG TAT TGT CTG GTA GAG CAC CAC TGA GAG GTA 

SE2 NT 5’P 5’ - /5Phos/GTC TGG TAG AGC ACC ACT GAG AGG TA 

SE2 NS 5’ - GT AGA GCA CCA CTG AG 

SE3 CY3 5’ - T Cy3/CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC ACC AAC GCT 

SE4 5’ - CAG ACA GTT TCG TGG TCA TCG TAC CT 

SE4 5’P 5’ - /5Phos/CAG ACA GTT TCG TGG TCA TCG TAC CT 

SE5 5’ - CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT CTA C 

SE5 NT 5’P 5’ - /5Phos/CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT CTA C 

 
Table A1.1: Sequences for the tiles with 5-base long sticky-ends and their variants. Bold sequences 
indicate toehold domains. An added phosphate on the 5’ end of ssDNA strands is indicated by 
/5Phos/. 
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Figure A1.2: Tile variants with 5-base sticky-ends. The red dot on each tile represents the Cy3 
label. (a) Tile with 5-base sticky ends and no toehold domain. (b) Tile with 5-base sticky ends and 
7-base long toehold domain. (c) Tile with 5-base sticky ends on SE4 and no sticky ends on SE2, 
which assemble into DNA tile monomers rather than nanotubes. (d) Tile with 5-base sticky ends 
and an additional phosphate on the 5’ ends of SE1, SE2, SE4, SE5 for ligation. 
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Name Sequence 

8b SE1 5’ - AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 

8b SE2 NT 5’ - TCG TGC CCG AGC ACC ACT GAG AGG TA 

8b SE2 T 5’ - TGT AAT ATC GTG CCC GAG CAC CAC TGA GAG GTA 

8b SE2 PS 5’ - T*C*G *T*G*C *C*C*G AGC ACC ACT *G*A*G *A*G*G *T*A 

8b SE3 Cy3 5’ - T Cy3/CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC ACC AAC GCT 

8b SE4 5’ - GGG CAC GAA GTT TCG TGG TCA TCG TAC CTC TC 

8b SE4 PS 5’ - G*G*G *C*A*C *G*A*A GTT TCG TGG TCA TCG *T*A*C *C*T*C *T*C 

8b SE5 5’ - CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT C 
 
Table A1.2: Sequences for the tiles with 8-base long sticky-ends and their variants. Bold sequences 
indicate toehold domains. Phosphorothioate bonds between bases designated with an asterisk. 
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Figure A1.3: Tile variants with 8-base sticky-ends. The red dot on each tile represents the Cy3 
label. (a) Tile with 8-base sticky ends and no toehold domain. (b) Tile with 8-base sticky ends and 
7-base long toehold domain. (c) Tile with 8-base sticky ends with Phosphorothioate bonds between 
the bases on the sticky ends of 8b SE2 and 8b SE4. 
 
 
 
 
 
 
 
Name Sequence 

Chi6.fwd 5’ - TCA CTT CAC TGC TGG TGG CCA CTG CTG GTG GCC ACT GCT GGT GGC CAC 
TGC TGG TGG CCA CTG CTG GTG GCC ACT GCT GGT GGC CA  

Chi6.rev 5’ - TGG CCA CCA GCA GTG GCC ACC AGC AGT GGC CAC CAG CAG TGG CCA 
CCA GCA GTG GCC ACC AGC AGT GGC CAC CAG CAG TGA AGT GA  

 
Table A1.3: Sequences for the Chi6 dsDNA. 
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Figure A1.4: DNA nanotube structures with variants and chemical modifications. (a) Cartoon of 
DNA tile and nanotube without toehold domain (top) and with toehold domain (bottom). (b) 
Chemical structure of a phosphorothioate (PS) bond versus a phosphodiester bond and (top) the 
location of PS bonds on the DNA nanotubes (bottom). 
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A1.2 Materials and methods 

A1.2.1 TXTL preparations and reactions 

The all E. coli cell-free TXTL system was prepared using BL21 Rosetta two 

competent cells from Novagen using procedures described previously. 2 3 13 14 Reactions 

are composed of 33% crude lysate with the remaining 67% being amino acids, salts, an 

energy buffer and other cofactors. A typical TXTL reaction is composed of 50mM 

HEPES pH 8, 1.5mM ATP and GTP, 0.9 mM CTP and UTP, 0.2 mg/ml tRNA, 0.26 mM 

coenzyme A, 0.33 mM NAD, 0.75 mM cAMP, 0.068 mM folinic acid, 1 mM spermidine, 

30 mM 3-PGA, 2% PEG8000, 10–15 mM maltose or 20–40 mM maltodextrin, 1.5–3 

mM of each of the 20 amino acids, 40–120 mM K-glutamate and 2–7 mM Mg-glutamate. 

Plasmid DNA concentration range from 0 to 2 nM while DNA nanotube concentration 

was kept at 200 nM. Chi6 dsDNA were used at 0 or 10mM. The TXTL system used in 

this work is commercially available from Arbor Biosciences, under the name myTXTL.  

A1.2.2 Fluorescence anisotropy assays 

Anisotropy and deGFP expression experiments were carried out in 2 ml reactions 

assembled using a Labcyte Echo Liquid Handler 550 in Costar 96 well, V-bottom plates. 

Kinetic experiments were carried out at 29°C or room temperature in a Biotek Synergy 

Neo2. To monitor GFP fluorescence, monochromators were set to excitation 485 nm and 

emission 528 nm. Parallel and perpendicular polarization was measured using a filter 

cube with an excitation filter of 540 nm and emission filter of 590 nm. The dichroic 

mirror in the filter cube had a cut-off of 550 nm.  
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A1.2.3 Nanotube assembly 

Lyophilized DNA oligonucleotides were purchased from Integrated DNA 

Technologies (Coralville, IA, USA), resuspended in water, quantitated by UV absorbance 

at 260 nm using a Thermo Scientific Nanodrop 2000c Spectrophotometer, and stored at -

20°C. All samples were stored or mixed using DNA Lo-bind tubes (# 022431021). 

Nanotubes were annealed at either 3 or 1.8 l M tile concentration by mixing each tile 

strand at 3 or 1.8 l M (final concentration), in Tris-Acetate-EDTA (TAE) and 12.4 mM 

MgCl2. Nanopure water was added to achieve the appropriate concentration of 

components. All nanotube designs, except those which were to be ligated, were annealed 

using an Eppendorf Mastercycler PCR machine by heating the sample to 90°C, and 

cooling it to 25°C over a 6 h period. Nanotubes which were to be ligated were annealed 

by heating the sample to 90°C, and cooling it to 25°C over a 54 h period. Nanotubes were 

ligated at 1.2 lM using New England Biolabs (NEB) T4 DNA Ligase (# M0202S; 20 000 

units) at 1.0 units/ll and NEB T4 DNA Ligase buffer (# B0202S, 10x, 10 mM MgCl2, 50 

mM Tris-HCl, 1 mM ATP, 10 mM DTT, pH 7.5 at 25°C) at 1x. Nanotubes were 

incubated at room temperature for at least 2 days in ligation solution preceding 

experiments. 

A1.2.4 Fluorescence microscopy 

Nanotube samples were imaged using an inverted microscope (Nikon Eclipse TI-

E) with 60x/1.40NA oil immersion objectives. Samples containing nanotubes were 

imaged at 200 nM tile concentration in E. coli cell extract with either 0 or 10 l M Chi6 
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dsDNA 11. Samples were imaged in chambers made using a Bio-Rad frame-seal (# 

SLF0601; size: 15x15mm, 65ll) placed on Fisherbrand microscope cover glass (# 12-

545E No. 1, thickness 1⁄4 0.13–0.17 mm; size: 50 x 22 mm); VWR Micro Slides (Plain, 

Selected, Pre-cleaned, 25  x 75 mm, 1.0 mm thick, # 48300-025) were placed on the 

frame seal to complete the imaging chamber. Each sample chamber was imaged 

throughout the duration of the experiments. The fluorescence microscopy image in Figure 

1a was prepared as described by Rothemund et al. 8 The sample preparation method 

described by Rothemund et al. 8 results in images of distinct, individual nanotubes in one 

focal plane, as the nanotubes are adhered to the surface of the coverslip. In contrast, 

imaging DNA nanotubes in crowded environments, such as TXTL, results in bundling of 

nanotubes not seen in non-crowded buffers in which the nanotubes are annealed (Figures 

1a and 2a and c). 15 Nanotubes labeled with Cy3 fluorescent molecule were imaged using 

a Cy3 filter cube (Semrock Brightline—Cy3-404 C-NTE-ZERO). Exposure time was set 

to 30 ms. Samples for the 29°C experiments were incubated at 29°C on a Nikon Tokai 

Hit Thermo Plate (# MATS-VAXKW-D).  

A1.2.5 Gel electrophoresis 

Ligated DNA nanotubes were diluted to 180 nM in pure water. To denature the 

nanotubes, the nanotubes were mixed 1:1 with 8 M urea and then heated to 90°C for 5 

min. Denatured nanotube solution was mixed 1:1 with gel loading buffer II (Ambion, 

AM8547) and loaded into a 1.0 mm 12% polyacrylamide denaturing gel. As a control, we 

used a 10 base DNA ladder (Invitrogen). Gel electrophoresis was done at 100 V for 90 

min, followed by 20 min of gel staining in 1x TBE with 0.2x Syber Gold (Invitrogen, 
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S11494). Imaging was done using a ChemiDoc MP Imaging System (Bio-Rad, Universal 

Hood III).  

A1.3 Data fitting 

Fluorescence anisotropy data were fitted using a simple model of exponential decay: 

 !! − !"##$/&! (1) 

The model was fitted to data using MATLAB’s nlinfit function using custom scripts. 

Throughout the paper the model prediction is overlapped to each data set as a solid line 

having the same color as the data. The fitted time constants b3 obtained for the data sets 

are reported in Table A4. 

 
  0 µM Chi 10 µM Chi 

 Name 23C 29°C 23C 29°C 

5bT 10.3 10.2 188.2 98.45 

5bNT 18.0 9.3 193.3 255.6 

8bT 10.3 11.6 170.7 174.4 

8bNT 20.78 17.5 370.7 414.3 

5bLig 40.7 20.6 107.0 344.8 

8bPS 130.8 24.9 436.4 144.9 
Table A1.4: Fitted time constants (minutes) obtained from anisotropy experiments for DNA 
nanotubes incubated in TXTL at room temperature and 29°C in the presence and absence of 10 µM 
Chi. 
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Figure A1.5: Enhancing the stability of 5-base DNA nanotubes in TXTL systems with chi-site 
DNA at room temperature. (a) Fluorescence microscopy kinetics of 5-base DNA nanotubes with 
(5bT) and without (5bNT) a toehold domain incubated in E. coli TXTL reactions without double 
stranded chi-site DNA present. (b) Fluorescence microscopy kinetics of 5-base DNA nanotubes 
with (5bT) and without (5bNT) a toehold site incubated in E. coli TXTL reactions with double 
stranded chi-site DNA present. (c) Fluorescence anisotropy kinetics of a single stranded DNA oligo 
(SE3ss) and 5-base DNA nanotubes with (5bT) and without (5bNT) a toehold site incubated in E. 
coli TXTL reactions with and without double stranded chi-site DNA present. Solid lines represent 
the prediction of our fitted exponential decay model. 
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Figure A1.6: Enhancing the stability of 5-base DNA nanotubes in TXTL systems with chi-site 
DNA at 29°C. (a) Fluorescence microscopy kinetics of 5-base DNA nanotubes with (5bT) and 
without (5bNT) a toehold site incubated in E. coli TXTL reactions without double stranded chi-site 
DNA present. (b) Fluorescence microscopy kinetics of 5-base DNA nanotubes with (5bT) and 
without (5bNT) a toehold site incubated in E. coli TXTL reactions with double stranded chi-site 
DNA present. (c) Fluorescence anisotropy kinetics of a single stranded DNA oligo (SE3ss) and 5-
base DNA nanotubes with (5bT) and without (5bNT) a toehold site incubated in E. coli TXTL 
reactions with and without double stranded chi-site DNA present. Solid lines represent the 
prediction of our fitted exponential decay model. 
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Figure A1.7: Enhancing the stability of 8-base DNA nanotubes in TXTL systems with chi-site 
DNA at 29°C. (a) Fluorescence microscopy kinetics of 8-base DNA nanotubes with (8bT) and 
without (8bNT) a toehold site incubated in E. coli TXTL reactions without double stranded chi-site 
DNA present. (b) Fluorescence microscopy kinetics of 8-base DNA nanotubes with (8bT) and 
without (8bNT) a toehold site incubated in E. coli TXTL reactions with double stranded chi-site 
DNA present. (c) Fluorescence anisotropy kinetics of a single stranded DNA oligo (SE3ss) and 8-
base DNA nanotubes with (8bT) and without (8bNT) a toehold site incubated in E. coli TXTL 
reactions with and without double stranded chi-site DNA present. Solid lines represent the 
prediction of our fitted exponential decay model. 
  



 97 

 
Figure A1.8: The effect of DNA nanotube ligation on stability in TXTL systems at 29°C.  
(a) Fluorescence microscopy kinetics of 5bLig nanotubes in the presence or absence of Chi-site 
DNA. (b) Fluorescence anisotropy kinetics of a single stranded DNA oligo (SE3ss) and 5-base 
DNA nanotubes with (5bLig) and without (5bNT) modification via ligation incubated in E. coli 
TXTL reactions with and without double stranded chi-site DNA present. Solid lines represent the 
prediction of our fitted exponential decay model. 
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Figure A1.9: The effect of phosphorothioate (PS) bonded sticky-ends of DNA nanotubes on 
stability in TXTL systems at 29°C. (a) Fluorescence microscopy kinetics of 8bPS nanotubes in the 
presence or absence of Chi-site DNA. (b) Fluorescence anisotropy kinetics of a single stranded 
DNA oligo (SE3ss) and 8-base DNA nanotubes with (8bPS) and without (8bNT) modification via 
phosphorothioate bonded sticky ends incubated in E. coli TXTL reactions with and without double 
stranded chi-site DNA present. Solid lines represent the prediction of our fitted exponential decay 
model. 
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Figure A1.10: Fluorescence anisotropy kinetics in TAE buffer at room temperature. Solid lines 
represent the prediction of our fitted exponential decay model. (a) Fluorescence anisotropy kinetics 
of all nanotubes studied in this work incubated in TAE buffer at room temperature. (b) 
Fluorescence anisotropy kinetics of all nanotubes studied in this work incubated in TAE buffer at 
room temperature with 2 µM 5’ - TTTTTTTTT - 3’ oligonucleotide acting as an absorption 
prohibitor. Addition of poly-T (thymine) ssDNA oligonucleotide reduces adsorption of DNA on 
the sample walls and stabilizes anisotropy signals. (c) Fluorescence anisotropy kinetics of nanotube 
controls, 5bT, and 5bNT nanotubes incubated in TAE buffer with 2 µM 5’ - TTTTTTTTT - 3’ 
oligonucleotide and no DNAse1. (d) Fluorescence anisotropy kinetics of nanotube controls, 5bT, 
and 5bNT nanotubes incubated in TAE buffer with 2 µM 5’ - TTTTTTTTT - 3’ oligonucleotide 
and 10% vol. DNAse 1.  
  



 100 

 
 
Figure A1.11: Effect of protein expression on DNA nanotube degradation at 29°C and vice versa. 
(a) Fluorescence anisotropy kinetics of 8bNT and 8bPS nanotubes in the presence or absence of 
P70a-deGFP using 0 µM Chi. (b) Fluorescence anisotropy kinetics of 8bNT and 8bPS nanotubes 
in the presence or absence of P70a-deGFP using 10 µM Chi. Solid lines represent the prediction of 
our fitted exponential decay model. (c) The effect of DNA nanotubes on protein synthesis with 2 
nM P70a-deGFP and 0 µM Chi. [deGFP] was measured after 12 hours incubation at 29°C with 
200nM DNA nanotubes. Control indicates the absence of DNA nanotubes. (d) The effect of DNA 
nanotubes on protein synthesis with 2 nM P70a-deGFP and 10 µM Chi. Control indicates the 
absence of DNA nanotubes. 
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Figure A1.12: A representative denaturing polyacrylamide gel demonstrating the ligation 
efficiency of DNA nanotubes. The left and middle lanes contain strands from the 5b ligated 
nanotube, while the right lane contains a ten-base ladder. The strands in the left lane, 5b ligated 
nanotubes A, were annealed in a 1X TAE, 12.5 mM MgCl2 buffer. The strands in the middle lane, 
5b ligated nanotubes B, were annealed in a buffer composed of 10 mM MgCl2, 10 mM DTT, 30 
mM tris-HCl and 1 mM ATP as described in O’Neill et al., 2006. Both the left and middle lanes 
contain a distribution of bands indicating the presence of ligated products of different length; this 
suggests that that while each of the 4 tile nicks has a 5’ phosphate to enable ligation, the ligation 
process is not completely efficient. The 26, 37 and 43 base-long products are non-ligated SE2 and 
SE4, SE1 and SE5, and SE3 strands, respectively. The 63 base-long products correspond to 1-nick 
ligated SE1/SE2, SE2/SE5, SE5/SE4, or SE4/SE1 strands. The 89 base-long products correspond 
to the 2-nick ligated products of SE2/SE5/SE4 or SE4/SE1/SE5, while the 100 base-long products 
correspond to ligation of SE1/SE2/SE5 or SE5/SE4/SE1. The product of 3-nick ligation, 
SE5/SE4/SE1/SE2, is 126 bases long. When all 4 nicks are ligated, a loop is formed that 
corresponds to a band above the 126 base band. While the efficiency of the ligation of all 4 nicks 
has room for improvement, these results are comparable to that of O’Neill et al. The intensity of 
bands corresponding to longer ligation products increased as the time nanotubes were incubated in 
the ligation solution increased. DNA nanotube in TXTL experiments were carried out with 
nanotubes annealed in the 1X TAE, 12.5 mM MgCl2 buffer as the ligation of the SE2/SE1 nick 
was more efficient than in nanotubes annealed in the buffer composed of 10 mM MgCl2, 10 mM 
DTT, 30 mM tris-HCl and 1 mM ATP. More efficient ligation may further improve the stability of 
DNA nanotubes in TXTL.  
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Appendix 2 

Supplementary figures and information to chapter 3. 

A2.1 Sequences 

PAGE purified DNA sequences were ordered from IDT DNA (Coralville, IA, 

USA). Sequences for 5-base SE and RE tile strands are taken from Rothemund et al., 

20041. DNA sequences for the ‘switch system’ are taken from Franco et.al., 20112. 

This section contains DNA sequences as well as a series of schematic figures, 

which represent the most relevant predicted interactions among the nucleic acids 

composing the genes and the tiles. These schemes have an illustrative purpose and are not 

an exhaustive list of all secondary structures that can occur in the system. Gold or red 

circles on the blue strand represent the location Cy3 or ATTO647N fluorophores 

respectively. 

Templates include 4 base “sealing” domains in genes (5’ end of non-template 

strand) to prevent breathing at the promoter site. Each RNA strand was designed to start 

with ‘G’ on the 3’ end, to ensure good transcription yield3. 
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5-base SEs (single-tile and DNA-RNA hybrid system) 

 

Figure A2.1: 5-base sticky-end SEs tile system. 

 
 
 
 
5bSE1 5’- CTC AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 
5bSE2 5’- GTC TGG TAG AGC ACC ACT GAG AGG TA 
5bSE2 T 5’-GTA TTG TCT GGT AGA GCA CCA CTG AGA GGT A 
5bSE3 5’- cy3-CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC 

ACC AAC GCT 
5bSE4 5’- CAG ACA GTT TCG TGG TCA TCG TAC CT 
5bSE5 5’- CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT CTA C 
5bSE4 5’- CAG ACA GUU UCG UGG UCA UCG UAC CU 

Table A2.1: DNA sequences for 5-base sticky-end SEs tile system. Bold indicates RNA strand. 
Italicized indicated toe-hold sequence. 
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5 base REs (single-tile system) 

 

Figure A2.2: 5-base sticky-end REs tile system. 
 
 
 
 
5bRE1 5’- CGT ATT GGA CAT TTC CGT AGA CCG ACT GGA CAT CTT C 
5bRE2 5’- CTG GTC CTT CAC ACC AAT ACG GCA TT 
5bRE3 5’- atto647N-TCT ACG GAA ATG TGG CAG AAT CAA TCA TAA 

GAC ACC AGT CGG 
5bRE4 5’- ACC AGG AAG ATG TGG TAG TGG AAT GC 
5bRE5 5’- CCA CTA CCT GTC TTA TGA TTG ATT CTG CCT GTG AAG G 
5bRE4 5’- ACC AGG AAG AUG UGG UAG UGG AAU GC 

Table A2.2: DNA sequences for 5-base sticky-end REs tile system. Bold indicates RNA strand. 
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5 base SEp (two-tile system) 

 

Figure A2.3: 5-base sticky-end SEp tile system. 

 
 
 
 
5bSEp1 5’- CTC AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 
5bSEp2 5’- GTC TGG TAG AGC ACC ACT GAG GCA TT 
5bSEp3 5’- cy3-CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC 

ACC AAC GCT 
5bSEp4 5’- TGA GGA GTT TCG TGG TCA TCG TAC CT 
5bSEp5 5’- CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT CTA C 

Table A2.3: DNA sequences for 5-base sticky-end SEp two-tile system. 
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5 base REp (two-tile system) 

 

Figure A2.4: 5-base sticky-end REp tile system. 

 
 
 
 
5bREp1 5’- CGT ATT GGA CAT TTC CGT AGA CCG ACT GGA CAT CTT C 
5bREp2 5’- CCT CAC CTT CAC ACC AAT ACG AGG TA 
5bREp3 5’- TCT ACG GAA ATG TGG CAG AAT CAA TCA TAA GAC ACC 

AGT CGG 
5bREp4 5’- CAG ACG AAG ATG TGG TAG TGG AAT GC 
5bREp5 5’- CCA CTA CCT GTC TTA TGA TTG ATT CTG CCT GTG AAG G 

Table A2.4: DNA sequences for 5-base sticky-end REp two-tile system. 
 
 
 
A2.2 Synthetic genes for production of RNA strands 

To ensure good transcription yield, each strand was designed to start with G. Hence one 

G was added after the promoter sequence5,6. 

NonTemplate 5’- GCG CTA ATA CGA CTC ACT ATA GCA GAC AGT TTC 
GTG GTC ATC GTA CCT 

Template 5’- AGG TAC GAT GAC CAC GAA ACT GTC TGC TAT AGT 
GAG TCG TAT TAG CGC 

Table A2.5: DNA sequences for the 5BSE4 RNA (RNA trigger) T7 template. 
 
 
NonTemplate 5’- GCG CTA ATA CGA CTC ACT ATA GAC CAG GAA GAT 

GTG GTA GTG GAA TGC 
Template 5’- GCA TTC CAC TAC CAC ATC TTC CTG GTC TAT AGT 

GAG TCG TAT TAG CGC 
Table A2.6: DNA sequences for the 5BRE4 RNA (RNA trigger) T7 template. 
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A2.3    Reagents 

A2.3.1    Oligonucleotides 

Lyophilized, PAGE-purified DNA oligonucleotides were purchased from 

Integrated DNA Technologies (Coralville, IA). All strands were resuspended in nuclease 

free water (Thermo Fisher Cat. no. AM9932), quantitated by UV absorbance at 260 nm 

using a Thermo Scientific Nanodrop 2000c Spectrophotometer, and stored at -20°C. 

RNA strands were transcribed, and gel extracted in house according to the protocol in 

A2.3.13. 

A2.3.2    Enzymes 

T7 RNA Polymerase was purchased from Lucigen® (AmpliScribe™ T7-Flash™ 

Transcription Kit, Cat. No. ASF3507). SP6 RNA Polymerase was purchased from 

CellScript™ (SP6-Scribe™ Standard RNA IVT Kit, Cat. No. C-AS3106). RNase H was 

purchased from Promega™ (Ref. No. M4281). All enzymes were stored at -20°C. 

A2.3.3    Buffers, dyes, and other reagents 

Transcription buffer was purchased by New England Biolabs (NEB, Cat. No. 

M0251S). 1X Transcription buffer contains: 40 mM Tris-HCl, 6 mM MgCl2, 1 mM DTT, 

2 mM spermidine (pH 7.9 @ 25°C). Nucleotide Triphosphates (NTPs) were purchased 

from New England Biolabs (NEB, Cat. No. N0450S). Tris-acetate-EDTA (TAE, Cat. no. 

15558026) and Tris-borate-EDTA (TBE, Cat. no.LC6675) buffers were purchased from 

Thermo Scientific. Reporter molecule 3,5-difluoro-4-hydroxybenzylidene imidazolinone 

(DFHBI), was purchased from Lucerna technologies (Cat. No. 400-5). DFHBI was 

resuspended in DMSO (Thermo Scientific, Cat. no. D12345) and stored at -20°C. 
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SYBR™ Gold Nucleic Acid Gel Stain was purchased from Invitrogen™, Thermo Fisher 

Scientific (Cat. no. S11494). 

A2.3.4    Oil and surfactant 

We used Fluorinert™ FC-40, an immiscible fluorocarbon oil, for our water in oil 

droplets. Fluorinert™ FC-40 was purchased from Sigma-Aldrich™ (CAS Number 

86508-42-1 MDL number MFCD00131095). We used RAN Biotech’s non-ionic 

surfactant for droplet encapsulation (cat#: 008-FluoroSurfactant-); which is a linear 

poly(ethylene glycol), MW ca. 600, coupled on each end to Krytox-FSH via an amide 

group. 

Oil-surfactant mix: FC-40 fluorinated oil (3 M) with 2% w/v perfluoropolyether-

polyethylene glycol (PFPE-PEG) block-copolymer fluorosurfactant with Krytox-FSH via 

an amide group (Ran Biotechnologies). 

A2.4    Methods 

A2.4.1    Single-tile DNA nanotube preparation: anneal prior to encapsulate 

DNA tile solution was prepared to target 2 µM tile concentration by adding 2 µM 

(target concentration) of strands: 1, 2, 3-Cy3, 4 and 5 singles strands of DNA, 1x TAE 

buffer with 12.5mM MgCL2 and nanopure water inside DNA Lo-bind tubes. After 

vortexing briefly, the solution was annealed using an Eppendorf Mastercycler Gradient 

thermal cycler by heating to 90°C, and cooling to 25°C, over a 6-hour period. 

After annealing, DNA nanotubes were diluted to target concentration for 

encapsulation in 1x TAE buffer with 12.5mM MgCL2. For encapsulation with the shaken 

protocol, 20 µL of 5b SEs nanotubes at 500 nM dilution were pipetted into oil-surfactant 
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micture and vortexed for 60 seconds following the shaken droplet protocol in section 

A2.3.9. For encapsulation with the microfluidic chip, 5b toehold nanotubes were diluted 

to 300 nM in 1x TAE buffer with 12.5mM MgCL2 before encapsulation using the 

microfluidic protocol described in section A2.3.10. 

A2.4.2    Single-tile DNA nanotube preparation: encapsulate prior to anneal 

DNA tile solution for REs and SEs+REs was prepared to target 250 nM tile 

concentration by adding 250 nM (target concentration) of strands: 1, 2, 3-Cy3/3-

Atto647N, 4 and 5 singles strands of DNA, 1x TAE buffer with 12.5mM MgCL2 and 

nanopure water inside DNA Lo-bind tubes. After vortexing briefly, and encapsulation 

following the shaken droplet protocol described in section A2.3.9, the solution was 

annealed using an Eppendorf Mastercycler Gradient thermal cycler by heating to 90°C, 

and cooling to 25°C, over a 6-hour period. 

A2.4.3    Two-tile DNA nanotube preparation 

DNA tile solution for SEp and REp tiles were prepared separately to target 2 µM 

tile concentration by adding 2 µM (target concentration) of strands: 1, 2, 3-Cy3, 4 and 5 

singles strands of DNA, 1x TAE buffer with 12.5mM MgCL2 and nanopure water inside 

two different DNA Lo-bind tubes. After vortexing briefly, each solution was annealed 

using an Eppendorf Mastercycler Gradient thermal cycler by heating to 90°C, and 

cooling to 25°C, over a 6-hour period. 

For encapsulation, SEp and REp tiles were diluted into the same DNA Lo-bind 

tube at target concentrations and encapsulated via the shaken droplet protocol in section 

A2.3.9. 
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A2.4.4    DNA only/inactive tile preparation 

DNA tile solution was prepared to target 1mM tile concentration by adding 1 mM (target 

concentration) of strands: 1, 2, 3-Cy3/3-Atto647N, 4 and 5 singles strands of DNA, 1x 

TAE buffer with 12.5mM MgCL2 and nanopure water inside DNA Lo-bind tubes. After 

vortexing for 60 seconds, the solution was annealed using an Eppendorf Mastercycler 

Gradient thermal cycler by heating to 90°C, and cooling to 25°C, over a 6-hour period. 

Inactive tile solution was prepared to target 1mM tile concentration by adding 1 mM 

(target concentration) of strands: 1, 2, 3-Cy3/3-Atto647N, and 5 singles strands of DNA, 

1x TXN buffer (RNA Pol Reaction Buffer from New England Biolabs, Inc.) and 

nanopure water inside DNA Lo-bind tubes. After vortexing for 60 seconds, the solution 

was annealed using an Eppendorf Mastercycler Gradient thermal cycler by heating to 

90°C, and cooling to 25°C, over a 6-hour period. 

A2.4.5    Assembly activation by trigger strand addition 

Inactive tiles were incubated in the Mastercycler at 37°C prior to adding the missing S4 

strand. DNA or RNA strand S4 was added (target strand concentration of 1uM to 

approximate tile concentration 1 mM) at 37°C; solution samples were observed under a 

fluorescence microscope for several hours as described in Section A2.3.11.  

A2.4.6    Assembly activation by co-transcription of the trigger strand (in situ 

activation) 

Inactive tiles were incubated at 37°C prior to missing strand addition interactions. 

The annealed synthetic template for transcribing missing RNA strand (S4) was mixed 

with inactive tiles (100nM template for an approximate tile concentration of 0.5 mM, 
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unless otherwise stated), with transcription mix (RNAP, transcription buffer, 2 mM 

nucleoside triphosphates (NTPs) and 5mM MgCL2 ) at 37°C and observed under a 

fluorescence microscope for several hours as described in section A2.3.13.  

A2.4.7    DNA-RNA hybrid nanotubes anneal 

Hybrid Tile solution was prepared to target 1mM tile concentration by adding 1 

mM (target concentration) of strands: 1, 2, 3-Cy3/3-Atto647N, and 5 singles strands of 

DNA, and strand 4 of RNA, 1x TXN buffer (RNA Pol Reaction Buffer from New 

England Biolabs, Inc.) and nanopure water inside DNA Lo-bind tubes. After vortexing 

for 60 seconds, the solution was annealed using an Eppendorf Mastercycler Gradient 

thermal cycler by heating to 70°C, and cooling to 22°C, over a 24-hour period. The 

maximum annealing temperature was limited to 70°C to avoid degradation of the RNA 

strand.34 

A2.4.8    Shaken method for water-in-oil droplet formation 

The procedure described here is for the formation of 100μl droplets. Pipette 80μl 

oil-surfactant mix into the microtube. Add 20μl of the oligonucleotide containing 

aqueous phase. Form emulsion droplets by vortexing for 60s on a benchtop vortexer set 

to max speed. Successful emulsification is indicated by the formation of a milkiness of 

the entire mixture (aqueous phase will be dispersed throughout the oil phase at this 

point). Pipetting the sample for imaging directly after emulsification will yield too dense 

a sample of droplets for a clear monolayer within the imaging chamber; droplets will 

overlap, and quantification of data may not be possible or must be done manually (as in 

the two-tile experiments in figure 3.1). Wait 30-60 seconds before pipetting 50-70μl of 
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the emulsion from below the dense droplet layer at the top of the sample into the well of 

an Ibidi chamber slide (µ-Slide VI 0.4 - hydrophobic coating). To prevent contamination 

and evaporation of the sample, seal the well by covering the top edge of each input with 

vacuum grease (Dow Corning®) and cover with a glass coverslip. 

Assembly process begins as soon as the encapsulation step is completed. Be ready 

with the microscope before starting the vortexing step. After approx. 6 weeks, prepare a 

fresh oil-surfactant mix. For confocal microscopy, mix the sample, load it into an 

imaging chamber (Ibdidi µ-Slide VI 0.1 - hydrophobic coating) and seal with vacuum 

grease and a coverslip (as described in previous paragraph) and place it near the confocal 

microscope for at least 2 hours. The nanotubes are free to move inside droplets and just 

after vortexing they are very agitated. This means they will be moving when confocal 

microscopy is attempted, resulting in an out of focus picture. 

A2.4.9    Microfluidic method for water-in-oil droplet formation 

Microfluidic droplets were produced using the Dolomite 3D flow focusing 100 

µm chip (hydrophobic coating, #3200434) and associated connectors (Linear Connector 

4-way # 3000024 x2, Chip Interface H #3000155). Before preparing samples, the pumps, 

connectors, and other materials were assembled, and the microscope was brought into 

focus on the junction of the chip sitting in the Chip Interface H. Next, 3 input, 1 output, 

and 4 extra pieces of tubing (IDEX Health and Science, FEP 1/16x.020x100ft #1548XL) 

were cut; input and output tubing were cut long enough to reach from syringe pumps to 

the microscope stage, while the 4 extra pieces of tubing were only 1 inch long each. 

Tubing was threaded through the linear connectors: 3 inputs and 1 extra piece for one 
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connector, and 1 output and three extra pieces for the other connector. The tips of the 

tubing should either even or slightly drawn into the gasket of the linear connector. Extra 

1inch pieces of tubing are present only to hold the shape of the gasket for a good seal 

with the chip. After preparing sample (see DNA only/Inactive Tile preparation section in 

SI), 200 µL 350 nM 5-base Toehold nanotubes was loaded into a syringe (BD 1 mL 

Syringe Luer-Lok™ Tip with 25g x ⅝ BD PrecisionGlide™ Needle secured with 

Parafilm), and two syringes were loaded with 300 µL of oil-surfactant mixture each. 

After threading input tubings with the appropriate syringe needles, tubing was primed by 

pumping at a rate of 0.2 mL/min via syringe pumps (SyringePump.com #NE-4000, #NE-

300). When fluid was visible at the linear connectors, priming was stopped, and the 

microfluidic chip was loaded into the Chip Interface H and linear connectors attached. 

Droplets were made by flowing the aqueous sample at 2,000 µL/h and oil phase at 3,000 

µL/h, after first flowing the aqueous sample phase only. Droplets were collected in a 

DNA Lo-bind tube before being loaded into an Ibidi imaging chamber (µ-Slide VI 0.4, 

hydrophobic coating) for imaging via fluorescence microscopy. 

A2.4.10    Epifluorescence microscopy 

Nanotube samples were imaged using an inverted microscope (Nikon Eclipse TI-

E) with 60X/1.40 NA oil immersion objectives. Two-tile nanotubes in droplet samples 

were imaged with an Andor Clara CCD camera, while all other nanotubes in droplet 

samples were imaged with a Hamamatsu ORCA-Flash4.0 LT CMOS camera. Bulk 

samples containing nanotubes were imaged at 50 nM tile concentration in corresponding 

experimental buffer conditions (either 1x TAE and 12.4mM MgCl2, or 1x transcription 
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buffer) and placed on a Fischerbrand microscope glass slide (12-545E No. 1, 

thickness=0.13 to 0.17mm; size: 50 x 22mm) and gently covered with VWR Micro Slides 

(Plain, Selected, Pre-cleaned, 25 x 75 mm, 1.0mm thick). Droplet samples were imaged 

in an ibidi chamber (µ-Slide VI 0.4, µ-Slide VI 0.1, hydrophobic coating) with the inputs to 

the channels sealed with vacuum grease (Dow Corning®) and VWR micro slide to 

prevent evaporation. Droplet samples running cotranscription were incubated in the Ibidi 

chambers on a ThermoPlate (Nikon Inc, Tokai Hit) set to 37C during imaging. 

Nanotubes labeled with Cy3 fluorescent molecules were imaged using the Cy3 

filter. Nanotubes, labeled with ATTO 647 N on strand S3, were imaged using the Cy5 

filter (which has approx. same excitation and emission wavelength as the ATTO 647N). 

The image of two different species of single-tile nanotubes in Figure 1g is a superposition 

of images acquired with the filters for Cy3 and Cy5 dyes individually.  

Exposure times for bulk samples was 90 ms. Auto-exposure was used for the two-

tile titration 50, 100, 250 nM triplicates. A table with the exposure times for all images in 

the two-tile titration triplicates from which quantitative could be extracted is below. 

Exposure times for the 100 nM two-tile with 2.5% w/v PEG8000 were 3 seconds for all 

time points. Exposure times for 1x RNA trigger experiment was 1 second for all 

timepoints except 24 hours, which had an exposure of 3 seconds. The 4x RNA trigger 

experiment had an exposure time of 128 ms for all timepoints, as the aggregates formed 

by crowding of RNA trigger were much brighter than assembled nanotubes. Exposure 

times for gene titration experiment series were 2-3 seconds. Exposure times for RNase H 

titration experiments were 2-3 seconds. Control experiments to verify that data 
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processing methods were not influenced by different exposure times for different samples 

can be found in figures A2.9 and A2.10. 

Time 
(min) 50nM a (s) 50nM b (s) 100nM b (s) 100nM c (s) 250nM b (s) 250nM c (s) 

0 3.66 3.66 7.72 7.72 0.741 7 

30 3.66 3.66 7 7 2.39 7 

60 4.57 5.7 None 7 1.8 8.56 

180 5.14 5.14 3.77 3.77 0.828 5.14 

360 4.94 4.94 3.06 3.06 0.854 4.94 

1440 4.49 3.49 4.57 4.57 1.35 4.63 

Table A2.7: Exposure times for the two-tile titration in droplet triplicate experiments acquired 
using auto-exposure. For both the 50, 100 nM experiments, one of three triplicates had too many 
overlapping droplets to extract pixel brightness data; exposure times for those experiments are 
omitted. For consistency in data processing with the other two concentrations, one of three 250 
nM triplicates were randomly selected to be omitted. See section A2.4.14 “Fluorescence 
microscopy image processing” for further information on how data was processed.  
 
A2.4.11    Confocal fluorescence microscopy 

Confocal laser scanning microscopy was performed at the Advance Light 

Microscopy/Spectroscopy Laboratory and the Leica Microsystems Center of Excellence 

at the California NanoSystems Institute at UCLA with funding support from the NIH 

Shared Instrumentation Grant S10OD025017 and NSF Major Research Instrumentation 

grant CHE-0722519. Nanotube samples were imaged on a Leica TCS SP8-STED 

confocal microscope with 63x/1.20 NA water-immersion objective. Images for Cy3 and 

Atto 647 N labeled samples were obtained with the white light laser and detector set to 

the maximum excitation/emission wavelengths for Cy3 and Alexa 647, respectively. 

Images were line averaged during acquisition, with the number of line-averages noted in 
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the caption of each image, and the z-step size was system optimized to get the maximum 

number of steps for each z-stack possible. 

A2.4.12    Polyacrylamide gel electrophoresis (PAGE) 

Denaturing PAGE: Gel pre-mix was prepared (for a final volume of 100 mL) by 

adding 42 g of urea to 25 ml of nanopure water, the mixture was then heated until the 

urea completely dissolved. This mixture was allowed to cool to room temperature, then 

acrylamide/bis-acrylamide 19:1, 40% solution was added. The pre-mix was added in 

appropriate ratios with TBE and nanopure water, ammonium persulfate (APS), and 

Tetramethylethylenediamine (TEMED) to cast the desired polyacrylamide percentage. 

Gels were cast in 10X10 cm, 1 mm thick disposable mini gel cassettes (ThermoScientific, 

Cat. No. NC2010) and allowed to polymerize for at least 2 hours before electrophoresis. 

Gels were run at room temperature at 100 V in 1X TBE unless otherwise noted. Unless 

otherwise noted, after electrophoresis the gels were stained in SYBR Gold Nucleic Acid 

Gel Stain for 20-30 minutes and then imaged using the Biorad ChemiDocTM MP system. 

We purchased the 10bp DNA ladder used in denaturing gels from Invitrogen™ (Cat. No. 

10821- 015). 

Non-Denaturing PAGE: Acrylamide/bis-acrylamide 19:1, 40% solution, TAE, 

Magnesium Chloride 12.5 mM (final concentration), APS, and TEMED were added 

together at appropriate concentrations for the desired polyacrylamide percentage, then 

cast in 10X10 cm, 1 mm thick disposable mini gel cassettes (Thermo Scientific, Cat. No. 

NC2010) and allowed to polymerize for at least 2 hours before electrophoresis. Gels were 

run at 4°C at 150 V in 1X TBE buffer. After electrophoresis gels were stained in SYBR 
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Gold Nucleic Acid Gel Stain for 20 minutes then imaged using the Biorad ChemiDocTM 

MP system. 

A2.4.13    RNA extraction 

RNA was transcribed in vitro using the AmpliScribe-T7-Flash Transcription Kit. 

The following components were mixed at room temperature: RNase-free water, 1-1.5mg 

template, AmpliScribe T7-Flash 1X Reaction Buffer (Epicentre, Cat. No.  ASF3507)9 

mM NTPs, 40 U/mL RiboGuard RNase Inhibitor (Epicentre, Cat. No.  RG90925), and 

2mL of AmpliScribe T7-Flash Enzyme Solution (Epicentre, Cat. No.  ASF3507). This 

mix was then incubated at 37°C for 4 hours. 

After incubation, 20mL of loading dye was added to the 20mL transcription 

solution, and 8mL of the transcription/dye mix was added to each of the middle 5 lanes of 

the gel. The gel was run at 100 V at room temperature in 1X TBE. 

After electrophoresis the gel was stained in 80 mL 1X TBE and 1mL SYBR Gold 

Nucleic Acid Gel Stain (Thermo Scientific, Cat. No.  S-11494) for 20-30 minutes. The 

gel was then placed on a TLC silica gel 60 W F254S aluminum sheet (EMD Millipore, 

Cat. No. 1055590001) covered in plastic wrap. The gel was then illuminated with UV 

light and the desired RNA band was excised and crushed and eluted using 200mL of 0.3 

M sodium acetate at pH 5.3. The elution reaction was done in 0.5 mL DNA Lobind tubes 

(Eppendorf, Cat. No. 022431005), incubated at 42°C for ~20 hours. After incubation, the 

sodium acetate was removed and placed into 1.7 mL RNase/DNase free tubes. The old 

Lobind tubes were further rinsed with 100mL of 0.3 M sodium acetate pH 5.3, which was 
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added to the new tubes. Then 1 mL of freezer cold 100% ETOH and 1mL of glycogen 

was added into each tube and the sample was incubated at -20°C for 20 hours. 

Next, the samples were spun at 13500 rpm at 4°C for 15 minutes. The white 

precipitate pellet (RNA) at the bottom of the tube was located and the supernatant was 

carefully pipetted out of the tubes to avoid removal of the pellet. Then, 500mL of 70% 

freezer cold ETOH was added to the tubes and spun at 13500 rpm at 4°C for 5 minutes. 

The supernatant was carefully decanted again with a pipette. This washing procedure was 

repeated a third time. After the last wash, as much supernatant was removed as possible, 

then the tubes were opened and placed in the vacuum concentrator and allowed to spin at 

room temperature for 15 minutes. The samples were then re-suspended in 10-15mL of 

Ambion nuclease free water (Ambion, Cat. No.  AM9932). 

A2.4.14    Fluorescence microscopy image processing 

Data for two-tile nanotubes in droplets at different concentrations was extracted 

by hand using the following method: pixel brightness values were extracted using the 

histogram feature in ImageJ (Analyze > Histogram) for 10 random droplets from each of 

two triplicates for each time point for a total of 20 droplets at each time point. Data for 

the remaining nanotubes in droplets experiments were extracted using the automated 

droplet detection code discussed in chapter 4. 

To measure the skewness and kurtosis for the distribution of pixel brightness 

values extracted for each droplet, first a list of unique pixel brightness values was 

calculated for each droplet based on the number of pixels in each bin and the bin width of 

the histogram for each droplet. Then skewness and kurtosis are calculated for the unique 
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pixel brightness values list using the skew and kurtosis functions in the Python Pandas 

library (pandas.DataFrame.skew and pandas.DataFrame.kurtosis respectively). The 

average skewness and kurtosis values, along with the standard deviation for each 

measurement, was calculated for all droplets measured at each time point of each 

experiment. Standard deviation was chosen over the variance or other measurements as it 

represents the spread of the values across the measure samples. Due to Poisson 

distribution of reagents during partitioning, the spread of skewness and kurtosis values 

across each sample spread as nanotubes polymerize. Seeing this spread through the 

standard deviation of each measurement is more informative than determining how far 

our measurements are from some true population measurement of skewness and kurtosis, 

as there are no clear skewness or kurtosis values we can expect to see once nanotubes 

have polymerized. In summary, the trend and the spread of skewness and kurtosis values 

are where meaningful observations occur, not the final steady-state values of those 

measurements are. 
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A2.5    Additional data and analysis 

 

Figure A2.5: Imaging water-in-oil droplets of different sizes. (a) Cartoon schematic of the 
cross section of an imaging chamber during observation. As the water droplets (blue) float to 
the top of the oil phase (yellow), and droplets are not all the same size, the ideal focal plane for 
imaging each droplet is different. Ideally, we would image near the center of a droplet. (b) 
Representative fluorescence microscopy image of shaken droplets. This image is from the 100 
nM two-tile nanotubes in droplets experiment in figure 3.1 immediately after encapsulation. 
Because the sample is made up of droplets of different sizes, not all droplets can be in focus in 
a single image. For our experiments, we made the effort to both find a field of view and an 
optimal focal plane for droplets 6-15 µm in diameter. 
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Figure A2.6: Concentration affects morphology of mature two-tile nanotubes. For very dilute 
concentrations of 25 and 50 nM, mature nanotubes at 24 h following encapsulation appear 
more flexible with some small networked or bundled regions. Nanotubes also appear to be 
distributed throughout the droplet, while ends of some nanotubes localize near the inner 
surface of the droplets. For higher concentrations, 100 and 250 nM each tile, bundling of 
nanotubes around the inner circumference of the droplets is clear in droplets 20 µm in diameter 
and larger, while smaller droplets appear to contain on long nanotube wrapping around the 
inner surface of the droplet. Confocal microscopy for the 100 nM two-tile sample at 24 h 
confirms that nanotubes are bundled and wrap around the inner surface of the droplets (figure 
A2.5). Scalbars are 25 µm (top) and 15 µm (bottom). 
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Figure A2.7: Representative confocal microscopy images of two-tile 100 nM nanotubes at 24 
h in water-in-oil droplets without (a) and with 2.5% w/v PEG (b) at 24 h. 

 
 
 
 
 

 
Figure A2.8: Representative confocal microscopy image of REs inactive tile labeled with Atto 
647n inside of water-in-oil droplets at 24 h.  
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Figure A2.9: Skewness and kurtosis control measurements for different exposure times over four 
different droplets from a repeated assay of the 100 nM two-tile nanotubes incubated at room 
temperature. The images processed are from 3 h into the experiment. (a) Fluorescence 
microscopy images of the droplets, or ROIs, used for the control measurements. Four droplets 
were chosen in which the nanotubes did not appear to shift between the different images. Four 
exposure times were chosen that represented a range of exposure times used during assays for 
chapter 3 – 100 ms, 1, 3, 5 s. Pixel brightness values were extracted for each droplet, or ROI, 
from images captures with each exposure time, and skewness (b) and kurtosis (c) values were 
calculated from there. Skewness and kurtosis values are close across all exposure times. For ROI 
number 1 and 3, there is a slight difference in skewness and kurtosis, but close inspection of the 
nanotubes within those droplets suggest there may have been some shifting within the droplet 
between images captured with exposure times that varied. As no skewness and kurtosis for 
exposure times were consistently different for all droplets measured, I conclude that data captured 
with different exposure times is comparable provided the image is not over- or under-exposed. As 
shown in figure A2.8, the 100 ms exposure is slightly under-exposed, but skewness and kurtosis 
values do not appear drastically affected. Scale bars 10 µm. 
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Figure A2.10: Normalized distributions of pixel brightness values for the same four droplets, or 
Rois, at each of the four exposure times discussed in figure A2.7. From these distributions, we 
can see that the 100 ms exposure is slightly under-exposed, as there are a number of the 256 bins 
of pixel brightness values which are empty. There is a difference in the shape of the distributions 
for Roi 1, which is reflected in the slight disagreement of the skewness and kurtosis values 
between the 100 ms and 1 s exposures, and the 3 s and 5 s exposures. We also see a difference in 
distribution shape between the 100 ms exposure and the 1, 3 and 5 s exposures. Because no one 
exposure time is consistently different in distribution shape, skewness or kurtosis values across all 
four droplets, I conclude that there must be some small shift in the nanotubes inside the droplets 
for the measurements which are slightly disagreeing, and comparing the skewness and kurtosis 
values for images captured with different exposure times is valid provided no droplets are under- 
or over-exposed. 
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Figure A2.11: Number of droplets detected using the script from chapter 4 for the 100 nM 
two-tile with 2.5% PEG experiment (Chapter 3 Figure 3.4). Individual droplets were not 
tracked for the duration of the experiment. 

 
 
 
 

 
Figure A2.12: Number of droplets detected using the script from chapter 4 for the DNA-RNA 
hybrid nanotubes with gel-extracted RNA trigger experiments (Chapter 3 Figure 3.35). 
Individual droplets were not tracked for the duration of the experiment. 
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Figure A2.13: Number of droplets detected using the script from chapter 4 for the DNA-RNA 
hybrid nanotubes with varying concentrations of template, or gene, experiments (Chapter 3 
Figure 3.6). Individual droplets were not tracked for the duration of the experiment. 
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Figure A2.14: Number of droplets detected using the script from chapter 4 for the DNA-RNA 
hybrid nanotubes with varying concentrations RNase H experiments (Chapter 3 Figure 3.7). 
Individual droplets were not tracked for the duration of the experiment. “No Rnase H” data is 
the same as “100 nM Gene” from figure A2.11. 

 
 
 

 
Figure A2.15: Number of droplets detected using the script from chapter 4 for the DNA-RNA 
hybrid nanotubes with varying concentrations of PEG experiments (Figure A2.18). Individual 
droplets could not be detected for the 10% w/v PEG trial. Droplets were not tracked for the 
duration of the experiment.  
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Figure A2.16: Representative fluorescence microscopy images of 25 nM two-tile nanotubes in 
bulk solution (top) and in water-in-oil droplets (bottom). 

 
 

 
Figure A2.17: Representative fluorescence microscopy image of DNA-RNA hybrid nanotubes 
with co-transcription of RNA trigger in droplets without PEG (as previously reported in bulk 
solution by Agarwal et al.).5 Inactive tile concentration was 500 nM, and template/gene 
concentration was 100 nM. Image captured 4 hours after encapsulation. 
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Figure A2.18: Representative fluorescence microscopy images (insets) with mean skewness 
and kurtosis measurements for DNA-RNA hybrid nanotubes with co-transcription of RNA 
trigger and varying amounts of PEG in droplets. Inactive tile concentration was 500 nM, and 
template/gene concentration was 100 nM. Droplets could not be detected for 10% w/v PEG 
assay. 
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Figure A2.19: Histograms of the radii of measured droplets for the 50 nM two-tile nanotubes 
in water-in-oil droplets experiment (Chapter 3 Figure 3.3). These data were extracted by hand 
with ImageJ as there were too many overlapping droplets for applying the droplet detection 
script from chapter 4. Data extraction method discussed in A2.4.14 ‘Fluorescence microscopy 
image processing” section. 
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Figure A2.20: Histograms of the radii of measured droplets for the 100 nM two-tile nanotubes 
in water-in-oil droplets experiment (Chapter 3 Figure 3.3). These data were extracted by hand 
with ImageJ as there were too many overlapping droplets for applying the droplet detection 
script from chapter 4. Data extraction method discussed in A2.4.14 ‘Fluorescence microscopy 
image processing” section. 
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Figure A2.21: Histograms of the radii of measured droplets for the 250 nM two-tile nanotubes 
in water-in-oil droplets experiment (Chapter 3 Figure 3.3). These data were extracted by hand 
with ImageJ as there were too many overlapping droplets for applying the droplet detection 
script from chapter 4. Data extraction method discussed in A2.4.14 ‘Fluorescence microscopy 
image processing” section. 
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Figure A2.22: Histograms of the radii of measured droplets for the 100 nM two-tile nanotubes 
with 2.5% w/v PEG in water-in-oil droplets experiment (Chapter 3 Figure 3.4). 
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Figure A2.23: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with 1x gel extracted RNA trigger in water-in-oil droplets experiment (Chapter 3 
Figure 3.5). 
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Figure A2.24: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with 4x gel extracted RNA trigger in water-in-oil droplets experiment (Chapter 3 
Figure 3.5). 
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Figure A2.25: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 7.5 nM template/gene in water-in-oil 
droplets experiment (Chapter 3 Figure 3.6). 
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Figure A2.26: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 25 nM template/gene in water-in-oil 
droplets experiment (Chapter 3 Figure 3.6). 
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Figure A2.27: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 50 nM template/gene in water-in-oil 
droplets experiment (Chapter 3 Figure 3.6). 
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Figure A2.28: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 100 nM template/gene in water-in-oil 
droplets experiment (Chapter 3 Figure 3.6). 
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Figure A2.29: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 0.025 U/µL 
RNase H in water-in-oil droplets experiment (Chapter 3 Figure 3.7). 
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Figure A2.30: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 0.05 U/µL 
RNase H in water-in-oil droplets experiment (Chapter 3 Figure 3.7). 

 
 



 145 

 

Figure A2.31: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 0.075 U/µL 
RNase H in water-in-oil droplets experiment (Chapter 3 Figure 3.7). 
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Figure A2.32: Histograms of the radii of measured droplets for the DNA-RNA hybrid 
nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 0.01 U/µL 
RNase H in water-in-oil droplets experiment (Chapter 3 Figure 3.7). 
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Figure A2.33: Measured skewness and kurtosis for droplets of different radii detected in the 
co-transcription of RNA trigger with 7.5 nM template/gene experiment in chapter 3 figure 3.6. 
There are no clear trends between droplet size and skewness or kurtosis measurements. The 
trends here are representative of skewness and kurtosis vs droplet radius plots for all 
experiments.  
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Figure A2.34: Crowding agents do not cause aggregating of individual tiles in droplets. 
Representative fluorescence microscopy image of Sep tile of the two-tile system encapsulated 
in shaken water-in-oil droplets with 2.5% w/v PEG 180 minutes after encapsulation. As there 
is only one of the two tiles in the droplets, no nanotube polymerization occurs. 

 
  



 149 

A2.6    References 

1. Rothemund, P. W. K. et al. Design and Characterization of Programmable DNA 
Nanotubes. J. Am. Chem. Soc. 126, 16344–16352 (2004). 

2. Franco, E. et al. Timing molecular motion and production with a synthetic 
transcriptional clock. Proc. Natl. Acad. Sci. 108, E784–E793 (2011). 

3. Milligan, J. F., Groebe, D. R., Witherell, G. W. & Uhlenbeck, O. C. 
Oligoribonucleotide synthesis using T7 RNA polymerase and synthetic DNA 
templates. Nucleic Acids Res. 15, 8783–8798 (1987). 

4. Ko, S. H. et al. Synergistic self-assembly of RNA and DNA molecules. Nat. Chem. 2, 
1050–1055 (2010). 

5. Agarwal, S. & Franco, E. Enzyme-Driven Assembly and Disassembly of Hybrid 
DNA–RNA Nanotubes. J. Am. Chem. Soc. 141, 7831–7841 (2019). 

 




