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ABSTRACT OF THE DISSERTATION 

 
 

Investigation of Phosphate-Based Reactions in the Context of an Evolving RNA World 
 

By 
 

Alexandra D. Kent 
 

Doctor of Philosophy in Chemistry  
 

University of California, Irvine, 2021  
 

Professor Andrej Lupták, Chair 
 
 
 

In light of the unique ability of ribonucleic acid (RNA) to both retain genetic information 

and catalyze chemical reactions, it has been proposed that life on Earth progressed through an 

RNA world. It has been demonstrated that phosphate was present on an early Earth and due to 

the prevalence of modern-day energy metabolisms that rely on phosphorylation, it is likely that 

phosphate played a key role in prebiotic chemistry. This work characterizes a number of phos-

phate-based reactions ranging from formation of triphosphates to RNA repair. Chapter 1 intro-

duces catalytic RNA and summarizes the main types of reactivities that have been discovered or 

evolved. Chapter 2 characterizes the reaction of cyclic trimetaphosphate with nucleosides to form 

nucleoside triphosphates in concentrations sufficient to sustain polymerization. Chapter 3 demon-

strates the first known example of ribozyme-mediated repair of damaged and mismatched RNA 

sequences using pyrophosphate. Taken in concert, these reactions provide key insight into the 

potential role of phosphate in an evolving RNA world.  
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CHAPTER 1: CATALYTIC RNA 

 
Publication Note: 
 
This paper was originally published in the journal eLS.  
 
Kent, A. D.; Burke, C. W.; Lupták, A. Catalytic RNA. eLS. 2021, 2, 1-16 
 
© 2021, John Wiley & Sons, Ltd. 
 
Contribution Statement 
 
A.D.K., C.W.B and A.L. wrote the manuscript.  
 
 
1.1 Introduction 
 
 Enzymes are biological macromolecules that accelerate chemical transformations, typi-

cally by many orders of magnitude above the background rates. Enzymes function in aqueous 

media or within lipid membranes of cells and are also characterised by the high specificity for the 

substrates of the catalysed reactions. Historically, only proteins were thought to be able to exhibit 

the high specificity and rate acceleration typical of enzymatic catalysis, but since the early 1980s, 

many ribonucleic acids (RNAs) have been added to the list. The discovery of catalytic RNAs, 

ribozymes, dramatically changed biochemistry and molecular biology, because these polyribonu-

cleotides were capable of both information storage and catalysis.  

Similar to protein enzymes, ribozymes fold into specific shapes that allow them to recog-

nise their substrates and to accelerate chemical reactions. Typically, ribozymes consist of helical 

domains, stacked coaxially or next to each other and connected by single-stranded regions. The 

single-stranded regions dictate the topology of the molecule and are often responsible for tertiary 

contacts that specify which helical regions interact. In addition, the single-stranded regions – in 

the form of loops, internal loops, bulges or turns – can fold to create substrate-binding pockets 

and display individual residues necessary for catalysis. Often, it is the extruded, extrahelical res-

idue that makes a contact with another domain of the ribozyme or positions a key chemical group 
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to act as hydrogen bond donor or acceptor or to coordinate a catalytic metal ion. Divalent ions, 

especially Mg2+, are often coordinated by backbone phosphate groups in regions where a single-

stranded RNA bends, thus providing specific binding sites for structural and catalytic metals. 

Other groups involved in catalysis are the 2¢ hydroxyls and the Watson–Crick faces of nucleo-

bases, which can promote proton transfer and stabilise transition states through hydrogen bond-

ing or columbic interactions.  

As with other biological macromolecules, the sequences of the RNAs dictate what three-

dimensional folds they can assume. Because the structures of most ribozymes are dominated by 

helical regions, many parts of the sequences are complementary, and the uniqueness of the fold 

is determined by the specificity of base-pairing interactions that make up individual helices. The 

sequence of a well-folded ribozyme assumes only one set of base-pairing interactions, which give 

rise to the helical domains and allow specific single-stranded regions to form tertiary contacts, 

catalytic sites and so on. Because the structures are dominated by helical elements, the se-

quences that form these paired regions do not need to be specified beyond the pairing require-

ments. In other words, a helical segment can be composed of any sequence on one strand, as 

long as the sequence on the opposite strand can pair with it. Thus, a structured RNA is typically 

conserved on the level of secondary structure, and the residues required for function, for example 

catalysis and tertiary interactions, are sequence conserved. Many secondary structures of ribo-

zymes are drawn without specific sequences in the paired domains, and only the key residues in 

active sites are shown explicitly (see below).  

Because RNAs can catalyse many chemical transformations, it is possible to imagine a 

simplified biological system consisting of RNAs capable of self-replication and perhaps metabo-

lism as well. In vitro selection experiments performed over the past 20 years have shown that 

RNAs can catalyse many different types of reactions. Laboratory evolution of the selected RNAs 

into multiturnover ribozymes supports the notion that RNA-catalysed RNA polymerisation and 
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metabolic transformation could exist in this hypothetical RNA World. Moreover, the fact that the 

templated protein synthesis is catalysed by the ribosomal RNA and that the decoding of the mes-

senger ribonucleic acid (mRNA) by transfer ribonucleic acid (tRNA) is also performed by the RNA 

within ribosomes strongly suggest that the RNA world preceded the current protein-dominated 

biosphere.  

In addition to catalysis, RNAs are capable of regulating gene expression through direct 

interactions with metabolites and other cellular factors. These riboswitches sense the concentra-

tion of their ligands using aptamer domains and couple the binding event to a domain that affects 

the expression of the nearby coding region, for example by promoting transcription termination, 

translation initiation or alternative splicing. Ligands binding to aptamer domains can also affect 

the activity of natural ribozymes, as substrates (guanosine in Group I self-splicing introns), cofac-

tors (glucosamine-6-phosphate in GlmS ribozyme) or allosteric regulators (cyclic di-GMP regula-

tion of a bacterial Group I ribozyme). Regulation of self-cleaving ribozymes by allosteric regulators 

has been extensively used in sensing of various small molecules in aptazymes (functional fusions 

of aptamers and ribozymes).  

1.2 Catalytic Mechanisms  

Biochemical and structural analyses of known ribozymes have shown that they promote 

catalysis through a variety of mechanisms. The ribosome catalyses peptide bond formation in 

trans by bringing the aminoacylated tRNA into the proximity of the peptidyl tRNA, activating the 

nucleophile (amino group on the aa-tRNA), stabilising the tetrahedral transition state on the pep-

tidyl tRNA and promoting the breakdown of the intermediate to form a new peptide bond. Other 

biological ribozymes are phosphotransferases that act either in trans, as in the case of Ribonu-

clease P (RNase P), which processes tRNAs and other cellular RNAs from longer transcripts, or 

in cis, that is on the same RNA chain that codes the ribozyme, as is the case for self-splicing 
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introns and self-cleaving ribozymes. To promote phosphoryl transfer, these ribozymes act either 

directly, using their nucleobase and sugar moieties in general acid–base mechanisms to promote 

proton transfer, or coordinating divalent metal ions that stabilise the developing negative charges 

of transitions states. Metal ions also activate water molecules for direct nucleophilic attack or to 

act in proton transfer. Most ribozymes specifically use Mg2+, while others act in the presence of a 

variety of divalent metal ions. The extreme case appears to be the hepatitis delta virus (HDV) 

family of self-cleaving ribozymes, which uses a metal ion to activate the nucleophile and poten-

tially stabilise the transition state, but have little preference for the identity of the metal, accom-

modating Mg2+ , Mn2+ , Ca2+ , Co2+ and other divalent metals for catalysis. Two of the ribozymes 

described herein are thought to use a hybrid strategy, employing both metal ions and nucleobases 

to promote catalysis.  

1.3 Classes of Catalytic RNAs 

Ribosome 

The ribosome is responsible for protein synthesis and is conserved throughout all cellular 

life forms.1,2 The ribosome binds mRNA and translates the 4 standard nucleotides into more than 

20 amino acids. The amino acid sequence is determined by groups of three nucleotides on the 

mRNA called codons. Each codon defines a particular amino acid that is carried to the ribosome 

via tRNA. The ribosome is responsible for binding the mRNA, decoding the nucleotide sequence, 

binding the correct tRNA and performing the peptidyl transferase reaction that lengthens the nas-

cent peptide by one amino acid (Figure 1.1). This series of events happens in multiple turnovers 

and with a low error rate, making the ribosome the most efficient ribozyme known to date. The 

ribosome is composed of two subunits, large and small, each consisting of both RNA and protein 

moieties (Figure 1.1). There are three tRNA binding sites present: A-site binds the aminoacyl-

tRNA, P-site binds the tRNA linked to the nascent peptide and E-site binds the free tRNA before 
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release. The ribosome catalyses two distinct biochemical reactions: RNA-catalysed peptide bond 

formation during protein synthesis and peptidyl hydrolysis during the release of the completed 

polypeptide mediated by protein release factors. For peptide bond formation, the carbonyl carbon 

of the ester bond that links the tRNA to the synthesised peptide at the P-site is nucleophilically 

attacked by the 𝛼 amino group from the A-site-bound aminoacyl-tRNA, forming a peptide bond 

(Figure 1.1c). The reaction for peptidyl hydrolysis before the release of the completed protein is 

similar where the nucleophile is a water molecule, rather than the aminoacyl-tRNA. Compared to 

the uncatalysed peptidyl transferase reaction, the ribosome increases the rate by a factor of a 

million.3 This reaction occurs in a two-step mechanism rather than a concerted proton shuttle as 

previously thought. The formation of the tetrahedral intermediate occurs simultaneously with the 

deprotonation of the amine, followed by fast break down of the intermediate yielding the products. 

It was once thought that the role of ribosome in pep- tide synthesis was simply to bring the reac-

tants together; however, the ribosome does not only alter the energy landscape to allow for con-

certed nucleophilic attack and deprotonation, it also affects the rate of formation and decomposi-

tion of the intermediate.4,5 It was unclear up until the later part of the twentieth century whether 

RNA or protein domains were responsible for peptidyl transferase activity. Early experiments in 

which ribosomal extracts were treated with high concentrations of protein denaturants showed 

that the ribosome activity remained with approximately 80% of the protein subunits removed. 

Further treatment with EDTA and phenol abolished the activity, suggesting that the RNA was the 

catalytically active component.6 It was not until high-resolution X-ray crystallographic structures 

of the large subunit were available that the ribosome was proven to be a ribozyme. An inhibitor 

that mimics the transition state analogue of the peptidyl transferase reaction was co-crystallised 

with the large subunit, and its location determined the catalytic active site. There were no protein 

side chains within 18 Å of the active site, providing the last bit of evidence that the RNA was 

indeed solely responsible for catalysis.7,8 
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Ribonuclease P (RNase P) 

Long before the true catalytic activity of the ribosome was understood, RNase P was dis-

covered to be the first known naturally occurring multiple turnover ribozyme.9 RNase P is com-

posed of both protein and RNA subunits (S- and C-RNA domains) and is responsible for the 

processing of the 5¢-ends of tRNA (Figure 1.1d–f) and several other noncoding RNAs, including 

5S rRNA, U6 small nuclear RNA (snRNA) and SRP RNA.10 Although both the protein and RNA 

subunits are necessary for activity in vivo, the RNA subunit alone can catalyse the phosphodiester 

cleavage reaction in low divalent magnesium conditions in vitro.11 The RNA core is highly con-

served through bacterial, archaeal and eukaryotic species, whereas the size and number of pro-

tein domains in the complex vary.12 Unlike other large ribozymes, RNase P can accept a variety 

of pre-transfer RNA (pre-tRNA) substrates independent of primary sequence and therefore relies 

on interactions other than base-pairing near the active site, such as 𝜋–𝜋 stacking, hydrogen bond-

ing and metal–ion coordination to correctly position the substrate for cleavage. The only re-

strictions for substrate recognition are the T-stem and loop structure that stacks with the S domain 

of the ribozyme and a highly conserved 3¢ CCA primary sequence that forms canonical base-

pairing with the L15 loop of the C domain.13,14 Hydrolysis of the phosphodiester bond necessary 

for the cleavage reaction depends on the presence of divalent metal cations such as magnesium. 

Crystal structures of the ribozyme show two metals in the active site (M1 and M2) and suggest a 

transition state-based model in which the first metal (M1) interacts with the nonbridging scissile 

phosphate oxygens, allowing a hydroxide (or metal-coordinated hydroxide) to perform an SN2 

nucleophilic substitution. The second metal (M2) appears to be responsible for stabilisation of the 

transition state and proton donation to the 3¢ scissile oxygen upon release of the product (Figure 

1.1g).14  
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Figure 1.1. Structures and proposed transition states of the ribosome and RNase P. (a) The 

ribosome is responsible for mRNA-templated protein synthesis in all cellular life forms and is 

composed of both RNA (dark blue) and protein domains (light blue). (b) For accurate and efficient 

protein synthesis, the ribosome binds mRNA (dark grey) and translates the codons into amino 

acids (decoding site). The ribosome then binds the correct tRNA (blue) corresponding to the co-

dons and preforms a peptidyl transferase reaction to increase the length of the nascent peptide 
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(red) by one amino acid. (c) The carbonyl carbon that links the nascent peptide to the tRNA at the 

P-site undergoes a nucleophilic attack by the A-site-bound aminoacyl-tRNA. The proposed tran-

sition state was determined by kinetic isotope effect analysis and shows a two-step mechanism 

in which the proton donation from the nucleophilic nitrogen and the formation of the tetrahedral 

intermediate are both in the rate-limiting step, with the fast breakdown of the tetrahedral interme-

diate following. (d) Crystal structure of the Thermotoga maritima RNase P holoenzyme (S (green) 

and C (blue) domains and a small protein cofactor (tan)) in complex with processed tRNA (red). 

The ribozyme–product complex illustrates the intermolecular contacts necessary for substrate 

binding and processing. (e) The secondary structure of RNase P denotes the S and C domains 

(shades of green and blue, respectively) along with the tRNA identification sites (red) and contacts 

(grey boxes). The 5¢-end of the tRNA marks the location of the active site near stems P4 and P5, 

while the 3¢ terminus is base-paired with L15 and is necessary for identification of the particular 

type of tRNA. (f) RNase P is mainly responsible for the processing of the 5¢-ends of tRNA, alt-

hough it does process other RNAs. A hydroxide, or metal-coordinated hydroxide, acts as the 

nucleophile attacking the phosphate at the cleavage site, resulting in a 3¢-hydroxyl on the 5¢-leader 

and a 5¢-phosphate on the processed tRNA. (g) Two metal ions have been proposed to stabilise 

the transition state. The first metal (M1) is proposed to interact with the nonbridging scissile phos-

phate oxygens, allowing the nucleophilic hydroxide to attack. The second metal (M2) is necessary 

for stabilisation of the transition state and proton donation to the 3¢ hydroxyl on the 5¢ product.  

Introns 

Eukaryotic pre-messenger RNAs (pre-mRNAs) contain long non-coding sequences (in-

trons) dispersed throughout protein-coding regions (exons). To form functional mRNA with cor-

rectly positioned codons, these introns must be excised from the parent RNA, and the coding 

exons ligated together. This cleavage and ligation is termed splicing. In eukaryotes, the 
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spliceosome is responsible for this process; however, self-splicing of certain introns is known to 

occur in some eukaryotes, bacteria and bacteriophages. Self-splicing introns are ribozymes that 

can be divided into two groups (Group I and Group II), based on the mechanism of the splicing 

reaction and secondary and tertiary structural differences. It has been shown that the eukaryotic 

spliceosome is a protein-directed metalloribozyme.15,16 

Group I self-splicing introns 

Group I self-splicing introns are widely distributed in a number of protists, bacteria and 

bacteriophages and interrupt transcripts of pre-mRNA, pre-rRNA and pre-tRNA.9,17,18 The Tetra-

hymena thermophila ribozyme is the most extensively studied self-splicing Group I intron. The T. 

thermophila 26S pre-rRNA-coding region is interrupted by an intron that is 413-nucleotides long. 

This pre-rRNA is able to undergo splicing in vitro in the absence of any cellular extracts.19 Pre-

rRNA undergoes self-splicing via two consecutive transesterification reactions. An exogenous 

guanosine, or one of its 5¢ phosphorylated forms, attacks the phosphate at the 5¢ splice site, 

generating a new 3¢–5¢ phosphodiester bond. The resulting 5¢-exon contains a free 3¢ hydroxyl 

group which is available for attack of the phosphate at the 3¢ splice site, subsequently ligating the 

exons producing mature rRNA (Figure 1.2).20 The excised intron is often cyclised in a subsequent 

self-ligation reaction.21 One of the smallest Group I self-splicing introns known to date is located 

in the pre-tRNA anticodon loop of the purple bacteria Azoarcus. Extensive crystallographic data 

have been obtained, including a crystal structure of the full-length intron in complex with both the 

5¢ and 3¢ exons preceding the second step of splicing (pre-2s state) (Figure 1.2a). The 5¢-exon 

has been cleaved by the first transesterification reaction and remains base-paired to the internal 

guide sequence (IGS) located in the P1 helix. The 3¢-exon is covalently linked to the intron and is 

base paired to the IGS at the P10 helix. The guanosine nucleophile (ΩG) is located at the 3¢-end 

of the intron during the pre-2s state and is attacked by the conserved uridine (U-1) of a conserved 
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G-U wobble pair at the IGS of the 5¢-exon (Figure 1.2b). There are two metal ions located near 

the scissile phosphate. The first metal, M1, activates the nucleophile, while the second metal, M2, 

stabilises the leaving group. Both metals are thought to be magnesium ions and interact with the 

oxygens associated with the scissile phosphate (Figure 1.2d).22,23  

Group II self-splicing introns 

Group II self-splicing introns have been found in bacterial genomes and in the organellar genomes 

of fungi, plants, protists and an annelid worm.24 These ribozymes have been shown to undergo 

splicing in vitro under high salt conditions with kinetics 10 times slower than those in vivo. This 

observation suggests that although the correctly folded RNA can be catalytically active there are 

likely protein cofactors necessary to facilitate the splicing reactions in vivo.25-27 Group II self-splic-

ing introns are characterised by their conserved secondary and tertiary structures consisting of 

six domains (DI–DVI), with domain DV containing the active site (Figure 1.2e,f). Although the 

secondary structure is similar among these self-splicing introns, the composition of the active site 

can vary, giving rise to three subclasses termed IIA, IIB and IIC. The mechanism for splicing is 

similar in all classes and to that of the Group I introns except that a catalytic adenosine, rather 

than a guanosine, provides the nucleophile. Two trans-esterification reactions are necessary for 

the splicing mechanism: The first is initiated by a bulged adenosine in DVI that acts as a nucleo-

phile attacking the 5¢ splice site by its 2¢ hydroxyl liberating a 3¢ hydroxyl that acts as a nucleophile 

during the second step, attacking the 3¢ splice site. This second trans-esterification reaction re-

sults in the ligation of the coding exons and the excision of the intron (Figure 1.2g,h). An alterna-

tive mechanism has been known to occur in which a water molecule replaces the adenosine as 

the original nucleophile. There are two divalent metals located in the active site. Both metals are 

thought to be catalytic and agree with the two metal ion reaction mechanisms that the other large 

ribozymes display.28,39 The active site also contains the catalytic triad ACG and an AY bulge, both 
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of which coordinate the catalytically relevant magnesium ions.24  

Spliceosome 

Splicing of eukaryotic pre-mRNA is achieved by the ribonucleoprotein machinery known 

as the spliceosome.30,31 Cryo-EM studies have captured key states including assembly, activation, 

catalysis and disassembly, revealing that the spliceosome is, in fact, a ribozyme assembled and 

structurally assisted by protein cofactors (Figure 1.2i,j).16 The splicing that occurs within the core 

of the structure is catalysed by two metal ions bound by RNA. Each splicing event comprises a 

two-step phosphoryl transfer reaction that is reminiscent of the group II intron self-splicing mech-

anism, where the lariat is formed during the first step, and ligation of the coding exons in the 

second step (Figure 1.2g,h). The spliceosome includes five snRNAs and up to approximately 

100 proteins and is not a preassembled structure, in that it assembles anew for each splicing 

event. Both the 3¢ and 5¢ splice sites have conserved sequences that directly precede or follow 

them within the intron that are recognised by the splicing machinery. Additionally, the branch point 

that acts to form the lariat is conserved, with a key adenosine acting as the residue involved in 

the transesterification reaction, also similar to the branch point of group II introns. Based on struc-

tural analysis of group II introns and the spliceosome, it has been suggested that over time pro-

teins evolved to replace sections of the extensive RNA machinery in group II introns, while the 

catalytic core remained largely unaltered.32  
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Figure 1.2. Structures and proposed transition states of the group I and group II self-splic-

ing introns and the spliceosome. (a) Crystal structure of the purple bacterium Azoarcus group 

I self-splicing intron in complex with both the 5¢ - and 3¢ -exons from the tRNA anticodon loop. 

This structure corresponds to the intermediate after the first of two consecutive trans-esterification 

reactions. The crystal structure shows the 3¢ hydroxyl of the 5¢-exon in line for nucleophilic attack 

on the scissile phosphate, which results in the excision of the intron and ligation of the exons. The 

catalytic residues are explicitly shown in the active site. (b) There are three coaxially stacked 

helical elements: P5, P4, P6 and P6a (green); P10, P1 and P2 (orange) and P9.0, P7, P3 and P8 
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(blue). The 3¢ and 5¢ exons are depicted in red boxes with lower case letters and are base-paired 

with P10 and P1, respectively. The splice site is shown as a grey arrowhead in both the secondary 

and crystal structures. (c) The splicing reaction proceeds through two trans-esterification reac-

tions in which an exogenous guanosine attacks the 5¢ splice site and generates a new 3¢ –5¢ 

phosphodiester bond. The resulting 5¢ -exon contains a free 3¢ hydroxyl that is available for attack 

on the 3¢ splice site, completing the splicing reaction. (d) The proposed transition state of the 

second trans-esterification reaction, corresponding to the crystal and secondary structures, is 

shown with two metal ions coordinated in the active site yielding the ligated exons. (e) Crystal 

structure of the group II intron from Oceanobacillus iheyensis in the precatalytic state. The G359A 

mutant abolishes catalytic activity by changing the conserved G⋅U wobble to an A–U base pair, 

while maintaining similar overall structure to the postcatalytic state, and represents the first crystal 

structure of an intron prior to splicing. The catalytic triad and A376 are explicitly shown, as well 

as the 5¢-exon (tan), and the cleavage site with a grey arrowhead. (f) The ribozyme contains six 

domains (DI–DVI), with DI (green) being the largest. The most highly conserved structure and 

catalytic core is contained within DV (red). This includes a hairpin secondary structure and the 

‘catalytic triad’ of conserved nucleotides and is located in close proximity to the catalytic bulged 

adenosine in DVI that acts as the nucleophile. (DVI is not shown in the crystal structure). (g) Two 

trans-esterification reactions are necessary for both group II intron and spliceosome splicing. The 

first is initiated by an adenosine that acts as a nucleophile in the 5¢ splice reaction using its 2¢ 

hydroxyl to liberate a 3¢ hydroxyl which then attacks the 3¢ splice site, resulting in ligation of the 

exons and excision of the intron. (h) The proposed transition state of the second trans-esterifica-

tion reaction in which at least two metal ions are coordinated in the active site. (i) Cryo-EM struc-

ture of RNA catalytic core of the spliceosome from Saccharomyces cerevisiae directly following 

lariat formation and the first transesterification reaction. Three snRNAs involved in catalysis are 

shown as well as the intron (green) and exons (yellow). The branch point remains within the 
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U2/U6 complex close to the catalytic Mg2+ and the 5¢ splice site. (j) Three domains of the spliceo-

some of the catalytic core are shown (U2, U5 and U6). Some helices are functionally similar to 

those of the group II introns: core helices of U6 correspond to DV, and the green base pairs 

between the intron and U2 can be related to DVI. The branch point adenosine is highlighted, and 

the exons and intron are shown in yellow and green, respectively.  

Nucleolytic Ribozymes 

A set of small self-cleaving ribozymes, called nucleolytic ribozymes, exist that catalyse the 

same internal transesterification reaction but fold into vastly different secondary structures and 

active sites.33 These ribozymes have provided the foundation for studying the biological, structural 

and catalytic consequences of functional RNAs. The self-scission reaction proceeds via an SN2-

like mechanism with the hydroxyl at the 2¢ position upstream of the cleavage site attacking the 

scissile phosphate. A pentagonal bipyrimidal transition state occurs and resolves into a 2¢–3¢ cy-

clic phosphate on the 5¢-product and a 5¢-hydroxyl on the 3¢-cleavage product. This mechanism 

is the same in all five classes of small nucleolytic ribozymes, with active site participants and rates 

of the forward self-cleaving and reverse ligation reaction varying.34 

HDV-like self-cleaving ribozymes  

The HDV is a small single-stranded satellite virus of the human hepatitis B virus.35 Rolling 

circle replication of the virus utilises two self-cleaving ribozymes (one on the genomic and the 

other on the antisense strand) to process the RNA into unit-sized transcripts. The first HDV-like 

ribozyme was discovered through in vitro selection from a human genomic library, which mapped 

the ribozyme to an intron of the mammalian cytoplasmic polyadenylation element-binding protein 

3 (CPEB3) gene.36 Sequence comparison of the CPEB3 and HDV ribozymes and their homologs 

revealed only six invariant nucleotides but a conserved nested double-pseudoknot secondary 
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structure (Figure 1.3a,b). This complex fold is characterised by five base-paired regions that form 

two coaxial helices (P1 stacked with P1.1 and P4, and P2 stacked with P3) that are connected by 

single-stranded regions (J 1/2 and J 4/2). The six conserved nucleotides include an active site 

cytosine (C75), a guanosine–pyrimidine base pair in the P1 helix, an adenosine in J 4/2 that forms 

A-minor interactions with P3 and a G⋅U reverse wobble in L3 at the base of P3.37 Structure-based 

bioinformatics searches revealed that these ribozymes are widespread across many genomes.38 

Self-scission proceeds though a general acid–base mechanism (Figure 1.3c). A general base 

activates the 2¢-hydroxyl upstream of the cleavage site. This allows for nucleophilic attack on the 

scissile phosphate, generating a 2¢–3¢ cyclic phosphate on the 5¢-cleavage product and a 5¢-hy-

droxyl on the 3¢-cleavage product. The cleavage reaction for HDV-like ribozymes requires low 

concentrations of divalent metal cations such as magnesium or calcium. A magnesium ion is 

coordinated to the conserved G⋅U reverse wobble pair and interacts directly with the scissile phos-

phate, likely acting as a general base to deprotonate the nucleophile and to stabilise the phos-

phorane transition state. The C75 nucleobase likely acts as a general acid to protonate the leaving 

group.39,40  

Hammerhead ribozymes 

Hammerhead ribozymes were first discovered as small satellite RNAs in plant viroids but 

are now known to reside in many bacterial and eukaryotic genomes.41 The catalytically active 

minimal hammerhead structure is represented by three helical elements connected by a three-

way junction with a highly conserved catalytic core at the centre (Figure 1.3d,e). There are three 

topologies of hammerhead ribozymes, denoted Type I, II and III, based on which stem is open to 

the remainder of the transcript. The fastest of these ribozymes include tertiary interactions be-

tween regions I and II, first predicted and tested in vitro and later confirmed in the crystal structure 

(Figure 1.3d).42-44 Hammerhead ribozymes catalyse self-scission and ligation, with scission 100 
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times more likely than the reverse reaction. Catalytic activity is detectable in low concentrations 

of divalent metal ions such as magnesium and also in high concentrations of monovalent ions 

such as sodium, lithium and ammonium. Because of this, the role of the divalent metal is thought 

to be structural and not directly involved in catalysis.45 Structural studies of an inhibited form of 

the ribozyme revealed that the 2¢-hydroxyl of the conserved G8 base is hydrogen bonded to the 

scissile phosphate, suggesting charge stabilisation by supplying a proton to the leaving group and 

acting as the general acid. The conserved G12 has direct contact with the C17 cleavage site and 

is suspected to act as the general base deprotonating the 2¢-hydroxyl of the cleavage site (Figure 

1.3f).44 
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Figure 1.3. Structures and proposed transitions states of the hepatitis delta virus and ham-

merhead ribozymes. (a) Crystal structure of the HDV ribozyme in the precleaved state. To inhibit 

the ribozyme self-cleavage and to capture the precleavage structure, the ribozyme is bound to an 

inhibitor RNA that contains a deoxynucleotide at the cleavage site. (b) This ribozyme folds into 

the complex nested-double pseudoknot structure with two coaxial helices; P1 stacked with P1.1 

and P4 (shades of blue), and P2 stacked with P3 (shades of red) depicted in the secondary struc-

ture. An active site cytosine is shown explicitly as is a divalent metal ion with the site of self-
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scission indicated by a grey arrowhead. (c) The self-cleavage reaction most likely proceeds 

through a general acid–base mechanism. A hydrated magnesium ion is suggested to act as a 

general base, deprotonating the 2¢ hydroxyl upstream of the cleavage site and stabilising the 

phosphorene transition state. This coordination allows for nucleophilic attack on the phosphate 

backbone, generating a 2¢–3¢ cyclic phosphate on the 5¢ product and a 5¢ hydroxyl on the 3¢ prod-

uct. The C75 nucleobase likely acts as the general acid, protonating the leaving group. (d) Crystal 

structure of the full-length Schistosoma mansoni hammerhead ribozyme. The full-length ribozyme 

reveals tertiary contacts between stems I and II that account for the 1000-fold catalytic enhance-

ment relative to the minimal sequence. (e) A general secondary structure denoting the fold of the 

hammerhead ribozyme. There are three classes – Type I, II and III – depending on which stem is 

open to the remainder of the transcript. Catalytic residues G12 and G8 are shaded in grey in the 

secondary structure and explicitly shown in the crystal structure along with a grey arrowhead 

indicating the site of cleavage in both. (f) The self-scission proceeds through a general acid–base 

pathway in which the conserved C12 residue has direct contact with the cleavage site and acts 

as the general base deprotonating the 2¢ hydroxyl. The conserved G8 residue is hydrogen bonded 

to the scissile phosphate, providing stabilisation of the transition state. G8 may also act as a 

general acid donating a proton to the leaving group.  

Twister and twister sister ribozymes  

Twister ribozymes were discovered during a bioinformatics search and were found to com-

monly occur in Clostridia bacteria as well as eukaryotic organisms.46,47 Twister is similar in struc-

ture and function to hammerhead ribozymes and can also be found with active circular permuta-

tions unique to this class of ribozymes. Twister is composed of three essential stem loops, with 

the potential for three additional stems with a structure stabilised by dual pseudoknots. Crystal 

structures indicate that the active site is composed of a pseudoknot and a junction with a cleavage 
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site following a highly conserved adenine.48 An additional highly conserved guanine has been 

shown to stabilise the transition state and acts as a general base in the transesterification reac-

tion. Finally, the cleavage reaction is likely influenced by the inner sphere coordination of an Mg2+ 

ion.  

The twister sister ribozyme was discovered when searching for additional conserved RNA 

structures in the vicinity of other known self-cleaving ribozymes. Twister sister is similar in struc-

ture and sequence to the twister ribozymes, hence the name, but cleaves at a different site. It 

also lacks the characteristic pseudoknot structure that is the hallmark of the twister ribozymes. 

Twister sister cleaves between a cytidine and adenine, with the adenine being highly conserved. 

It also shows a similar dependency on pH and Mg2+ concentration, with a water molecule coordi-

nated to an Mg2+ ion found within hydrogen-bonding distance of the scissile phosphate oxygen. 

The crystal structure of one variant revealed a four-way junction with highly conserved residues 

within the junction.49  

Pistol and hatchet ribozymes 

The pistol and hatchet ribozyme classes were discovered in the same bioinformatics 

search that revealed the twister sister ribozyme.47 They also primarily occur in close proximity to 

other self-cleaving ribozymes. The pistol ribozyme self-cleaves via an internal trans-esterification 

with a mechanism reminiscent of hammerhead ribozymes. The cleavage site is between a gua-

nosine and uridine with the scissile phosphate on the uridine. The structure has a pseudoknot 

critical for cleavage and three helical stems as well as three highly conserved adenines that fix 

the geometry for active site formation. A purine at position 32 likely acts as the general acid during 

catalysis, and G40 acts as the general base to deprotonate the 2¢ -OH nucleophile.50  

Unlike pistol, hatchet cleaves at the 5¢-end of its sequence and is the only class of self-

cleaving ribozymes that does so other than HDV ribozymes. The cleavage site is located at the 
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centre of the folded ribozyme near the termini of the four stems of the structure, and self-cleavage 

occurs between a uridine and a cytidine. Near the cleavage site are two highly conserved guano-

sine bases, G31 and G30, that likely act as the general acid and base for the reaction. Although 

the ribozyme has an Mg2+ dependence, it is not yet clear what role it plays in the catalytic mech-

anism.51  

Hairpin ribozyme 

The hairpin ribozyme is naturally found on the negative strand of the tobacco ringspot 

virus satellite RNA and participates in RNA processing during replication.52,53 This class of nucle-

olytic ribozymes catalyses the reversible transesterification reaction of site-specific cleavage and 

ligation. Unlike the hammerhead ribozyme, the hairpin ribozyme is a far better ligase than nucle-

ase. The hairpin ribozyme structure consists of a four-helical junction with adjacent arms (stem A 

and stem B), each containing internal loops (Figure 1.4a,b). The interactions between the loops 

are critical for catalysis, and the minimal structural motif can be reduced to a two-stem hinge with 

stems A and B; however, the reaction of this minimal construct requires significantly higher con-

centrations of divalent cations to correctly fold the ribozyme. These interactions were verified 

though X-ray crystallography.54 A conserved nucleobase G8 is positioned to hydrogen bond with 

the nucleophilic 2¢-hydroxyl of the cleavage site, suggesting that it plays the role of general base 

abstracting the proton-initiating catalysis. The A38 nucleobase acts as the general acid donating 

a proton to the active site, resulting in self-cleavage. A transition state vanadate analogue was 

also crystallised and showed that additional hydrogen bonds are made with the transition state 

than the product or precursor states (Figure 1.4c).55 This suggests that stabilisation of the transi-

tion state is important for catalysis.  

Neurospora VS ribozyme  

The Neurospora Varkud satellite (VS) ribozyme is one of the largest nucleolytic ribozymes 
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identified to date.56 It is naturally found as an abundant satellite transcript from the mitochondrial 

DNA of a single isolate of Neurospora crassa. The structure of the VS ribozyme is composed of 

five helical elements organised by two three-way junctions, with the upper junction composed of 

helices III, IV and V, and the lower junction composed of helices II, III and VI. The 5¢ stem loop 

contains the active site with an internal bulge housing the scissile phosphate. This stem loop can 

be easily isolated from the catalytic core, and consequently, the VS ribozyme has been shown to 

function in the trans configuration in vitro.57 Unlike many of the other small nucleolytic ribozymes, 

the contacts made between the substrate and core ribozyme are mostly tertiary with the loop of 

the substrate stem contacting helix V. The catalytic activity of the cleavage and reverse ligation 

reactions are highly dependent on the lengths of helices III and V and on the presence of an 

adenosine residue in the internal bulge of helix VI. Recent X-ray scattering experiments show an 

additional three-way junction in the substrate domain of the cis form of the ribozyme, potentially 

aiding in the folding of the active structure. The transition state is proposed to be similar to that of 

the hairpin ribozyme, with conserved G638 acting as the general base abstracting a proton from 

the 2¢-hydroxyl at the cleavage site. A conserved A756 likely acts as the general acid donating a 

proton, resulting in a 5¢ -hydroxyl on the 3¢ -product of self-cleavage.58  

glmS ribozyme 

The glmS ribozyme was first discovered in Bacillus subtilis and 17 other Gram (+) bacte-

ria.59 The putative 5¢-untranslated region (UTR) upstream of the glmS gene was shown to have 

high sequence conservation and nucleotide covariance consistent with several conserved sec-

ondary structural elements. The glmS gene encodes the enzyme glutamine-fructose-6-phosphate 

amidotransferase, which is responsible for the production of gluclosamine-6-phsophate (GlcN6P) 

from fructose-6-phosphate. In vitro studies showed that when incubated with GlcN6P, the most 

highly conserved portion of the upstream glmS gene self-cleaves, leading to the hypothesis that 
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this activity of the ribozyme is dependent on the concentration of GlcN6P. In vivo studies con-

firmed that the glmS ribozyme is a riboswitch regulating the expression of the glmS gene.60 The 

tertiary structure is more complex than the other nucleolytic ribozymes with several coaxial helices 

and a double pseudoknot, as shown by the X-ray crystallographic data (Figure 1.4d).61,62 The 

catalytic core is contained within P2.1 and P2.2 with six nucleotides responsible for direct binding 

of GluN6P (Figure 1.4e). Core catalytic activity is independent of metal ions, leading to the hy-

pothesis that they are structural and not catalytic. The deprotonated N1 of nucleobase G40 is 

modelled to be responsible for catalytic initiation by acting as the general base and deprotonating 

the 2¢-hydroxyl at the cleavage site. The general acid is the protonated form of GlcN6P and results 

in completion of the self-cleavage reaction (Figure 1.4e).59  
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Figure 1.4. Structures and proposed transition states of the hairpin and glmS ribozymes. 

(a) Crystal structure of the hairpin ribozyme in the precleavage form. The ribozyme is trapped in 

the precursor state by substitution of the nucleophilic 2¢ hydroxyl with a methoxy group, retaining 

structure but abolishing self-cleavage activity. (b) Secondary structure of the hairpin ribozyme. 

The ribozyme consists of four helical stems centred on a four-way junction. There are two coaxial 

stacks, with stem A stacked on stem D (shades of red), and stem C stacked on stem B (shades 

of blue). Stems A and B are docked. (c) The active form of the ribozyme catalyses reversible 

transesterification reactions of site-specific self-cleavage and ligation. The proposed transition 
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state of the self-cleavage reaction is shown with a vanadate transition state analogue. Nucleobase 

G8 in loop A hydrogen bonds with the nucleophile suggesting that it acts as the general base 

deprotonating the 2¢-hydroxyl initiating the reaction. The transition state is proposed to be stabi-

lised by nucleobase A38 through hydrogen bonding, and it is also suggested to act as the general 

acid donating a proton to the leaving group. (d) Crystal structure of the Bacillus anthracis glmS 

ribozyme in complex with substrate gluclosamine-6-phosphate (GlcN6P). The structure contains 

an active site G40A mutation abolishing self-cleavage activity but retaining the overall structure. 

GlcN6P is explicitly shown in the crystal structure along with the catalytic residue G40A. (e) The 

secondary structure of the glmS ribozyme consists of three coaxially stacked helices, with P1 

stacked on P2.2 (shades of blue), P2 stacked on P3 (shades of red) and P2.1 stacked on P3.1 

(shades of green) arranged in a double pseudoknot. The catalytic core is located in P2.1 and 

P2.2, with six nucleotides responsible for binding the cofactor GlcN6P, outlined in black, and the 

catalytic residue G40, shaded in grey. The cleavage site is indicated with a grey arrowhead. (f) 

The deprotonated N1 on nucleobase G40 is predicted to act as the general base, deprotonating 

the 2¢-hydroxyl at the cleavage site. The general acid is suggested to be the protonated form of 

GlcN6P, which donates a proton to the leaving group, completing the self-cleavage reaction. 

Artificial Ribozymes 

The discovery of novel functional nucleic acids in recent years has been aided by the 

introduction of in vitro selections. This technique makes use of large nucleic acid libraries that 

contain upwards of 1016 different sequences and isolate the few functional molecules by reitera-

tive selection and amplification. The first of these experiments isolated RNAs that were capable 

of binding specific target molecules with high specificity and affinity and rendered a class of func-

tional RNAs were termed aptamers. Similarly, in vitro selections have been developed for isolation 

of novel ribozymes. The simplest of these selections involve some covalent modification of the 
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selected sequences that render them easy to separate from the remainder of the nonactive pool.63 

Examples of in vitro selected ribozymes described here perform a number of different prebiotically 

relevant reactions and advance the hypothesis that life progressed through an RNA-based world.  

Diels Alderase 

Carbon–carbon bond-forming reactions are the backbone of an anabolic metabolism and 

would have been an essential part of an evolving RNA world.64,65 Although there are examples of 

ribozymes acting on other nucleotide or peptide substrates, there is a relative dearth of truly or-

ganic substrates. To expand the scope of reactions that ribozymes are capable of catalysing, in 

vitro selection was performed to select for a ribozyme that catalyses a Diels–Alder cycloaddition. 

Two selections resulted in Diels Alderase ribozymes, one requiring a modified nucleotide for ac-

tivity, and the other consisting entirely of unmodified RNA. The modified Diels Alderase requires 

a pyridyl-modified uridine, and the reaction is catalysed in the presence of a Cu2+ ion. In the case 

of the native RNA ribozyme, the selection was done with the anthracene diene tethered to the 

ribozyme and the biotinylated maleimide in solution (Figure 1.5c), although a ribozyme that re-

sulted from the selection was engineered to act in a truly bimolecular manner with all substrates 

free in solution. This variant adopts a structure with three helical elements and an asymmetric 

catalytic bubble shown in red in Figure 1.5a,b.66 Unlike the majority of aptamers, the Diels Al-

derase has a preformed core that does not significantly change upon binding of the substrate or 

product. Additionally, binding is primarily dependent on stacking rather than hydrogen bond inter-

actions. The metal ions found associated with the structure act to stabilise the folded ribozyme 

but do not directly participate in catalysis, because none are found in proximity to the binding 

pocket. The ribozyme reduces the translational and rotational degrees of freedom of the reagents 

and catalyses the reaction between its substrates in a stereospecific manner, which can be 

switched by using L- or D-RNA. This stereospecificity likely arises from binding of the maleimide 

in a specific orientation, allowing for only one enantiomer to be produced. Although the ribozyme 
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can perform multiturnover catalysis, it suffers from product inhibition due to the aforementioned 

preformed binding pocket.67  

Nucleotide synthetase 

The RNA World hypothesis posits that RNAs functioned not only as genetic information 

carriers but also as macromolecules capable of performing the catalytic events necessary to sus-

tain simple self-replicating systems.68,69 One key step would have been the coupling of sugars 

with bases to generate nucleosides, since the uncatalysed reaction has not been observed. The 

first in vitro selection to generate a nucleotide synthetase coupled a 4-thiouracil to a tethered 

phosphoribosyl 1-pyrophosphate (PRPP). Analysis of the selected sequences indicated a com-

plex core structure reminiscent of the class I ligase, allowing for additional minimisation of the 

ribozyme. Certain nucleotides within the core are highly conserved and likely play a key role in 

catalysis. Interestingly, the thio-modification on the uracil was necessary to observe nucleotide 

synthesis. Kinetic isotope effect analysis revealed that pyrimidine synthesis proceeds through an 

oxocarbenium intermediate stabilised by the phosphate backbone, via chemistry that differs sig-

nificantly from other ribozyme-catalysed mechanisms.70 A subsequent in vitro selection for purine 

nucleotide synthetases revealed ribozymes that are up to 100 times more efficient than compa-

rable pyrimidine nucleotide synthetases. This difference aligns with the disfavoured thermody-

namics of pyrimidine glycosidic bond formation compared to purine synthesis.  

5¢-Triphosphorylating and Capping Ribozymes  

Following the synthesis of nucleosides, an RNA world would have necessitated a method 

of activation to energetically drive polymerisation, specifically, nucleoside triphosphates.71,72 Cy-

clic trimetaphosphate (cTMP) has been shown to be a promising activating agent and was likely 

prebiotically available. An in vitro selection aimed to generate a ribozyme capable of utilising 

cTMP yielded a sequence that could triphosphorylate the 5¢-end of RNA both in cis and trans. 
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Secondary structure analysis revealed a central, four-helix junction, and kinetic studies indicated 

a dependence on Mg2+ .  

A 5¢-triphosphorylated RNA can become the substrate for RNA capping. Two capping ri-

bozymes, Iso6 and 6.17, have been evolved, both having promiscuous substrate recognition.73 

These ribozymes have little sequence or structure similarities, yet their molecular mechanisms 

are quite comparable and include a two-step mechanism with a covalent intermediate. Substrate 

catalysis is dependent on the phosphate chain length, with triphosphate substrates reacting faster 

than monophosphates. However, the identity of the base does not significantly affect the capping 

reaction. The ribozymes are also capable of decapping and cap exchange. This substrate prom-

iscuity is in contrast to the majority of ribozymes that have very specific active site requirements.  

Flexizyme 

Two of the strongest pieces of scientific evidence that support the notion of an early RNA 

world are the existence of the ribosome and RNase P as discussed above.74 For RNA-based 

primitive translation machinery, it would be necessary to also have a ribozyme capable of charg-

ing amino acids on to tRNA, the catalytic equivalent of today’s aminoacyl-tRNA synthetases. An 

in vitro selection aimed to select for RNAs capable of charging amino acids on to the 3¢-end of 

tRNA yielded ribozymes with modest 4% activity.75 Subsequent selections and alterations to the 

original ribozyme led to the evolution of a class of versatile aminoacylating ribozymes, termed 

flexizymes, with practically no structural limits on the amino acid or tRNA substrates. X-ray crys-

tallographic studies of this family of ribozymes showed two internal helices, P1 and P2, with an 

additional three base-pair recognition helix formed between the 3¢-end of the flexizyme and the 

tRNA. The amino acid recognition site is located in J1a/2 and J2/1a (Figure 1.5d,e). There are 

three magnesium ions present, with one in the catalytic core and the other two structural. This 

tRNA-charging reaction proceeds in two steps: First, the 5¢ hydroxyl of the G1 position of the 



 28 

ribozyme self-aminoacylates using an activated L-phenylalanine derivative. Next, the charged ri-

bozyme recognises the correct tRNA substrate via base-pairing and exclusively aminoacylates 

its terminal 3¢ hydroxyl (Figure 1.5f).76  

Polymerase 

If RNAs were to be the sole genetic and catalytic biopolymers on early Earth, as suggested 

by the RNA World hypothesis, there needed to be a system for self-replication, during which an 

RNA template could be replicated, possibly by a ribozyme catalysing the templated addition of a 

nucleotide to the 3¢-end of an RNA strand. A single step in such a polymerisation corresponds to 

ligation of an activated nucleotide to an RNA terminus. The first in vitro selection of a ribozyme 

aimed to select for a ligase, which was later evolved in vitro into a bona fide RNA polymerase.77-

79 The ligase core has been extensively studied revealing a mechanism in which the 3¢-hydroxyl 

on the substrate attacks the phosphate on the 5¢-ribozyme, ligating the substrate and releasing 

pyrophosphate (Figure 1.5g–i).80 The selected polymerase ribozyme (R18) is capable of extend-

ing a primer sequence by 14 nucleotides and did so with a rather high fidelity rate at about 96.7%. 

To further push the limits of this polymerase ribozyme, another selection was preformed that 

added a randomised sequence to the 5¢-end of R18 to improve the primer–template interactions. 

The new selected ribozyme was then engineered to improve activity, and the resulting polymerase 

was able to extend a template to 95 nucleotides.81 Further iterations of polymerase ribozymes 

have been selected to improve the length of polymerase products and fidelity of amplification. 

One such polymerase ribozyme, 24-3, not only performs RNA polymerisation but also acts as 

reverse transcriptase.82,83 Further evolution of the 24-3 polymerase led to the 38-6 variant, which 

is capable of synthesising its ancestor, the class I ligase.84 Additionally, the 38-6 ribozyme can 

use other nucleoside analogues based on threose or arabinose sugars.85  



 29 

 

Figure 1.5. Structures and proposed reaction mechanisms of the in vitro selected Diels 

Alderase, flexizyme, and RNA polymerase ribozymes. (a) Crystal structure of an unmodified 

Diels Alderase, which catalyses the addition of a maleimide to an anthracene diene, the product 

of which is shown in the active site. (b) The ribozyme consists of three helical domains (I–III) and 

a catalytic core depicted in red. The selection was done with the anthracene covalently attached 

to the ribozyme at guanidine between helices II and III. (c) The Diels–Alder reaction catalysed by 

the ribozyme yields a product with only one enantiomer. (d) Crystal structure of the flexizyme, 
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which preforms ribozyme-catalysed tRNA aminoacylation, fused to an RNA substrate. Phenylal-

anine and a magnesium ion are shown in the binding pocket. (e) The core consists of two internal 

helices, P1 and P2, with an additional three base-pair recognition helix formed between the 3¢-

end of the flexizyme and the tRNA in P3. (f) The aminoacylation occurs in two steps: First, the 5¢ 

hydroxyl of the G1 position of the ribozyme self-aminoacylates, utilising an activated phenylala-

nine derivative. Second, the charged ribozyme recognises the correct tRNA substrate via base-

pairing and exclusively aminoacylates its terminal 3¢ hydroxyl, completing the reaction. (g) Crystal 

structure of the postligation state of the ligase ribozyme that functions as the core of the polymer-

ase ribozyme. (h) The core of the in vitro selected RNA-dependent RNA ligase contains three 

coaxially stacked domains, with P2 stacked on P1 (shades of green), P3 stacked on P6 and P7 

(shades of blue) and P4 stacked on P5 (shades of red). The ligation site is contained within P1, 

whereas P4 and the catalytic C47, shown shaded in grey, for the active site. The site of ligation 

is indicated by a grey arrowhead. (i) The ligation reaction is initiated by an attack of the 𝛼-phos-

phate at the 5¢-end of the ribozyme by the 3¢ hydroxyl on the substrate, ligating the substrate and 

releasing pyrophosphate. The suggested transition state is shown with the ligation substrate in 

blue. One magnesium ion is shown in the active site, possibly stabilising the transition state.  

1.4 Final Remarks 

Ribozymes catalyse several chemical transformations central for cellular function and as 

such are essential for life. These reactions include ribosomal peptide synthesis, tRNA maturation 

and splicing. Recent discoveries of the widespread distribution of self-cleaving ribozymes, a co-

factor-dependent ribozyme and an allosteric group I intron suggest that many new biological func-

tions of ribozymes remain to be discovered. The multitude of reactions catalysed by in vitro se-

lected ribozymes, including a polymerase ribozyme capable of synthesising another catalytic 

RNA, support the RNA World hypothesis and give hope to ever larger application in 
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biotechnology, synthetic biology and perhaps therapy as well.  
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CHAPTER 2: ENZYMATIC RNA PRODUCTION FROM NTPS SYNTHESIZED FROM NUCLE-
OSIDES AND TRIMETAPHOSPHATE 
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2.1 Abstract 

A mechanism of nucleoside triphosphorylation would have been critical in an evolving 

“RNA world” to provide high-energy substrates for reactions such as RNA polymerization. How-

ever, synthetic approaches to produce ribonucleoside triphosphates (rNTPs) have suffered from 

conditions such as high temperatures or high pH that lead to increased RNA degradation, as well 

as substrate production that cannot sustain replication. Previous reports have demonstrated that 

cyclic trimetaphosphate (cTmp) can react with nucleosides to form rNTPs under prebiotically-

relevant conditions, but their reaction rates were unknown and the influence of reaction conditions 

not well-characterized. Here we established a sensitive assay that allowed for the determination 

of second-order rate constants for all four rNTPs, ranging from 1.7×10-6 to 6.5×10-6 M-1 s-1. The 

ATP reaction shows a linear dependence on pH and Mg2+, and an enthalpy of activation of 

88±4kJ/mol. At millimolar nucleoside and cTmp concentrations, the rNTP production rate is suffi-

cient to facilitate RNA synthesis by both T7 RNA polymerase and a polymerase ribozyme. We 
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suggest that the optimized reaction of cTmp with nucleosides may provide a viable connection 

between prebiotic nucleotide synthesis and RNA replication.  

2.2 Introduction  

Efforts to elucidate the chemical processes by which life arose on Earth suggest that ribo-

nucleic acid (RNA) was the first biopolymer capable of sustaining Darwinian evolution.1-7 In order 

to establish a plausible path to an RNA-only system, it is critical to connect prebiotic formation of 

nucleosides and ribozyme evolution through development of reactions that yield activated sub-

strates, particularly nucleoside triphosphates (rNTPs).8-15  Cyclic trimetaphosphate (cTmp) has 

been shown to be particularly promising as both a prebiotically relevant and a highly reactive 

substrate among polyphosphorylating reagents (Figure 2.1).16-19  

Several reports have demonstrated that cTmp is capable of phosphorylating a number of 

different substrates, including nucleosides.20-27 However, these reactions typically require condi-

tions that are not generally favorable for RNA stability, such as high pH, additional cofactors, high 

temperatures, and urea.28-30 We address these limitations by optimization of a cTmp reaction to 

produce the canonical 5¢-triphosphorylated ribonucleosides in sufficient concentrations to synthe-

size RNA by both protein and ribozyme RNA polymerases.  

 

 

 

Figure 2.1. Triphosphorylation of adenosine with cTmp.  
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2.3 Results  

In order to measure the low concentrations of nucleoside triphosphates, we developed an 

ultrasensitive ATP detection assay using highly purified firefly luciferase (Fluc)31 and a cooled 

EMCD detector equipped with a high-numerical aperture (NA ~ 0.5) lens system (Figure 2.2A). 

This allows the detection of ATP down to pM concentrations and monitoring of multiple reactions 

in parallel (Figure 2.2B) to provide a systematic characterization of the reaction (Figure 2.2C).  

 

Figure 2.2. Luminescence based detection of ATP production.  

(a) A macroscope setup consisting of two high-numerical-aperture lenses mounted in opposition 

on a cooled electron-multiplying CCD camera. The macroscope field of view is the same as the 

size of its CCD chip (13.3 × 13.3 mm) and allows observation of several 1 μL reactions in parallel. 

(b) An example of two reactions containing 100 pM (top) and 50 pM (bottom) ATP detected 

through a chemiluminescent reaction catalyzed by firefly luciferase. A wide range of ATP concen-

trations was used to calculate a calibration curve for ATP concentration measurement in cTmp 

reactions. (c) Time course of reactions containing 10 mM cTmp, 50 mM boric acid, 150 mM MgCl2, 
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and varying concentrations of adenosine at pH 9.0 at 40°C. Synthesized ATP was measured 

using the luciferase assay at each timepoint.  

We first established a calibration curve for ATP concentration measurement by relating 

the photon output of the chemiluminescent reaction catalyzed by the firefly luciferase to ATP over 

a wide range of concentrations. We then determined the ATP concentration at each time point of 

the triphosphorylation reactions. We confirmed previous experiments showing that the reaction 

between adenosine and cTmp is likely base-catalyzed (Figure 2.3A).32 The reaction was inde-

pendent of the buffer identity (Figure 2.3A–C and Figure 2.S1–2.S2), and the rate constants 

exhibited different slopes below and above neutral pH, suggesting that the rate-limiting step is 

different in these two regimes. We also observed that the reaction dependence on Mg2+ ions 

increases linearly up to ~ 200 mM with a slope of ~ 1.1, consistent with a Mg2+ -catalyzed rate-

limiting step (Figure 2.3B). Given the relatively high concentration at which the Mg2+ curve 

reaches saturation, this rate-limiting step likely does not involve a Mg2+ ion coordinated by multiple 

phosphates of the cTMP; rather, a weakly coordinating position, such as the 5¢ oxyanion, that 

likely acts as the nucleophile in the triphosphorylation reaction.33-34 We also measured the en-

thalpy and entropy of activation of ATP production from nucleosides and cTmp. An Eyring plot 

(Figure 2.3C) revealed the enthalpy of activation of 88 ± 4 kJ/mol and entropy of -66 ± 10 J/mol 

· K. This relatively high energetic barrier highlights the importance of a catalyzed ATP synthesis 

for early self-replicating systems to emerge.  
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Figure 2.3. Reaction analysis of nucleoside triphosphorylation by trimetaphosphate 

ATP synthesis rate measured as a function of pH (A) and Mg2+ ion concentration (B) in a 

three-buffer system (white) or a boric acid system (black), measured using a firefly luciferase 

assay. (C) An Eyring plot for the reaction, revealing the activation enthalpy as 88±4 kJ/mol 

(20.9±1.1 kcal/mol) for boric acid (black), and 87±3 kJ/mol (20.8±0.7 kcal/mol) for the three-buffer 

system (white). The entropy was calculated as - 66±10 J/mol · K and - 70±9 J/mol · K (white), 

respectively. (D) Synthesis of all four canonical ribonucleotide triphosphates measured using a 

firefly luciferase assay coupled to 5¢-diphosphate kinase, which uses rNTPs to produce ATP. (E) 

Nucleoside 5¢ diphosphate kinase transfers a phosphate from an rNTP to ADP to generate ATP. 

(F) Anion exchange chromatography showing production of ATP. The trace of the reaction prod-

ucts (black line) was overlaid with a chromatographic trace of the same reaction supplemented 

with 2 μM of AMP, ADP, and ATP (gray line) to confirm the phosphorylation state of the products. 

(G) Anion exchange chromatography showing production of other rNTPs (dark line) overlaid with 

2 μM of each rNTP standard (light line). No additional peaks were seen at later retention volumes 

in any of the chromatograms.  
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To detect the formation of other nucleoside triphosphates (NTPs) with firefly luciferase, 

we developed a coupled enzymatic assay using nucleoside 5¢-diphosphate kinase, which trans-

fers the gamma phosphate of nucleoside triphosphates to ADP, yielding a molecule of ATP for 

each NTP (Figure 2.3E).35 Triphosphorylation was confirmed for all four RNA nucleotides, with 

rate constants estimated to be 4.8 × 10 - 6 M - 1 s - 1 for ATP, 1.7×10 - 6 M - 1 s - 1 for GTP, 3.5×10 

- 6  M - 1 s - 1 for CTP, and 6.5×10 - 6 M - 1 s - 1 for UTP (Figures 2.2C, 2.3D, and 2.S3). We further 

confirmed the synthesis of the nucleotides using anion- exchange liquid chromatography and as-

signed the phosphorylation states of the peaks in the chromatogram by co-injecting known 

amounts of AMP, ADP, and ATP (Figure 2.3F) or one of the other three rNTPs, as appropriate 

(Figure 2.3G). The guanosine reaction suffered both from lower levels of GTP production and 

from the generation of additional side products. This result corroborates the luciferase assay, 

which indicated that GTP synthesis is more challenging than synthesis of the other canonical 

rNTPs (Figure 2.3D).  

To demonstrate the utility of this reaction, we used the synthesized nucleotides to sustain 

RNA transcription using T7 RNA polymerase. We chose to transcribe an HDV-like ribozyme, drz-

Fpra-2, because of its small size and because its self-scission requires high-fidelity transcription.36 

Furthermore, we have recently used this system to show that omitting a single nucleotide (CTP) 

can stably pause the polymerase in the elongation mode without detectable production of a full-

length transcript, making it a sensitive readout for incorporation of freshly synthesized rNTPs.37 A 

band corresponding to the full-size transcript of drz-Fpra-2 was readily observed when using only 

the cTmp-derived nucleotides (Figure 2.4A). However, no cleavage product was detected, likely 

due to misincorporation of other nucleotides. To test this model, we supplemented the transcrip-

tion with GTP and observed a greatly increased yield of the transcripts and the fraction of active 

ribozymes (Figure 2.4B). Similarly, we used the synthesized nucleotides with tC19Z, a polymer-

ase ribozyme capable of extending an RNA primer along an RNA template.11 PAGE analysis 
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showed the addition of three of the four nucleotides (Figure 2.4C and Figure 2.S4), with the 

polymerase activity apparently again limited by the low concentration of GTP.  

 

Figure 2.4. In vitro RNA production coupled to cTmp-derived rNTPs. 

(A) In vitro transcriptions of a self-cleaving ribozyme. cTmp reactions were diluted into T7 

RNA polymerase reactions to produce the drz-Fprau-2 self-cleaving ribozyme. A control reaction 

(+Ctrl) with additional rNTPs shows production of full-length ribozyme, as well as the products of 

self-scission. (B) Transcription reactions with cTmp-derived NTPs supplemented with GTP at con-

centrations indicated above the gel, showing robust transcription initiation and production of active 

ribozymes. Control reactions (+Ctrls) include a five-fold serial dilution series of transcriptions con-

taining all NTPs. (C) A laboratory-evolved polymerase ribozyme, tC19Z, utilizing cTmp-derived 

rNTPs generated at 70 ºC to extend a primer along a template. Lanes 1–3 (left to right) show 
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positive controls and lanes 4–5 negative control reactions. Lane 6 resolves the reaction containing 

cTmp-generated nucleotides and shows extension of three nucleotides along the template. 

2.4 Conclusion 

In summary, we synthesized all four canonical nucleoside triphosphates from cTmp and 

nucleosides, and utilized them in RNA synthesis. We found that in each NTP synthesis reaction, 

the formation of GTP was significantly lower than formation of the other three nucleosides. We 

hypothesize that reduced GTP synthesis may result from relatively low solubility and the propen-

sity for guanosine to assume the syn conformation in solution, perhaps hindering the 5¢ oxygen 

from reacting with cTmp. This was further corroborated by the presence of additional peaks in the 

chromatograms of the guanosine-cTmp reaction, which likely represent other phosphogua-

nosines (Figure 2.3F). The low concentrations of GTP present in the reactions presented a 

unique challenge when transcribing and copying RNA. Although RNA was successfully produced 

and detected in each case, yields were low or GTP was not incorporated in appreciable amounts, 

as was the case in ribozyme-mediated primer-extension. Thus, robust RNA production may re-

quire an alternate route to GTP synthesis or reliance on ribozymes that are composed of only two 

or three types of nucleotides.38,39 Nevertheless, rNTP synthesis in prebiotically-relevant conditions 

provides a crucial link between nucleoside formation and RNA production. Further development 

of this reaction with alternative conditions to increase GTP synthesis or by the introduction of 

ribozymes that enhance the rate of production would have been crucial for an evolving system to 

emerge.40,41 Another challenge is represented by the high Mg2+ ion concentration required for both 

NTP and ribozyme-catalyzed RNA synthesis, because these conditions also promote RNA deg-

radation (Figure 2.S4) and would likely require a shift of the reactions towards less RNA-damag-

ing conditions, such as the presence of weak chelators of Mg2+ ions, for stable functional RNAs 

to emerge and for their encapsulation in protocells.42,43 
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2.6 Materials and Methods 

All chemicals were purchased from Sigma-Aldrich, unless otherwise stated. 

ATP detection by chemo-luminescent assay. 

ATP was detected using the highly thermostable StayBrite luciferase enzyme (BioVision). 

In order to remove trace amounts of ATP present in the enzyme stock, StayBrite luciferase was 

pre-incubated for 6 hours at room temperature in a solution containing 3 µM luciferase enzyme, 

50 µM D-luciferin, 200 µM ammonium sulfate, 1 mM dithiothreitol (DTT), 20 mM MgCl2, and 25 

mM Tris-HCl at pH 7.4. After this pre-incubation, ATP was detectable down to 10 pM concentra-

tion. ATP detection was performed by mixing 2 parts of pre-incubated enzyme solution with 1 part 

of the ATP-containing solution on a glass coverslip (Fisher Scientific) attached to a Frame-Seal 

chamber (Bio-Rad). The chamber was then closed by a second glass coverslip. The closed 

Frame-Seal chamber was then attached to a mirror and mounted in front of a macro lens system 

constructed by mounting two Nikkor f/1.2 lenses in opposition. The macro lens system images an 

area of the same size as the CCD chip on the camera. In our case, this system images an area 

approximately the size of the Frame-Seal chamber, ensuring that most of the luminescence output 

is directed to the chip of an EMCCD camera (iXon Ultra 888, Andor). The temperature of chip of 

the EMCCD camera was maintained at –100 °C during detection using a thermoelectric recircu-

lating chiller (Thermocube 300, Solid State Cooling Systems). The sample slides were held on 
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the mirror using a paper clip and mounted on a micrometer connected to a sliding platform for the 

precise focusing. To prevent contamination from environmental light sources, the sample was 

isolated with two nested dark boxes (Thorlabs) and kept in a dark room. Standard curves were 

generated using increasing concentrations of ATP in order to convert the luminescence output of 

samples containing unknown amounts of ATP to molar concentration. 

CTP, GTP, and UTP detection by enzymatic phosphorylation of ADP to ATP. 

In order to detect CTP, GTP, and UTP using the ATP-dependent chemo-luminescent as-

say described above, the enzyme nucleoside 5’-diphosphate kinase (NDK) was used. The kinase 

used either CTP, GTP, or UTP as the substrate to phosphorylate ADP to ATP. Samples contain-

ing the triphosphorylated nucleotides to be used as substrates for the ATP production were diluted 

10-fold in 10 mM 2-amino-2-(hydroxymethyl)propane-1,3-diol (Tris), 0.1 mM EDTA at pH 7.4 

(buffer TE), along with 0.05 units of the kinase enzyme and 50 nM ADP. The ADP used was 

purified using ion-exchange chromatography to remove trace amounts of ATP. The phosphoryla-

tion reaction was incubated for 5 minutes at room temperature, after which the samples were 

analyzed using the luciferase-based assay described above. Standard curves were generated by 

using the same conditions for ATP phosphorylation as for the unknown samples and by including 

increasing concentrations of commercial CTP, GTP, and UTP, as appropriate. The standard 

curves were then used to convert the luminescence output of the luciferase assay to the molar 

concentration of each of the individual triphosphorylated nucleotides.  

Adenosine phosphorylation reaction.  

Adenosine and cyclic trimetaphosphate (cTmp) were allowed to react under different con-

ditions, and the production of ATP was assessed using the luciferase assay described above. To 

derive the ATP synthesis rate, ATP production was measured multiple times during the reaction. 

Standard conditions were 1 mM adenosine, 10 mM cTmp, 150 mM MgCl2, and 50 mM boric acid 

at pH 9.0. The pH was adjusted using sodium hydroxide after all the components of the reactions 

were mixed together. The standard temperature for the reaction was 40 °C, unless otherwise 
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stated. The pH dependence of ATP production was assessed using a three-component buffer 

system, in which the pH could be directly titrated from 4.0 to 10.0. This was done in order to 

maintain constant ionic strength of the solution. The system was composed of 100 mM acetic 

acid, 100 mM 2-(N-morpholino)ethanesulfonic acid (MES), and 100 mM boric acid. To assess the 

possible role of boric acid on the catalysis of ATP, boric acid was replaced with N-cyclohexyl-2-

aminoethanesulfonic acid (CHES). Prior to the luciferase assay measurement of ATP concentra-

tion, the synthesis reactions were diluted 10-fold in TE buffer. 

Guanosine, cytidine, and uridine phosphorylation reactions. 

Guanosine, cytidine, or uridine at a concentration of 1 mM were allowed to react with 10 

mM cyclic trimetaphosphate (cTmp) in a buffer containing 150 mM MgCl2 and 50 mM boric acid 

with pH adjusted to 9.0 using sodium hydroxide. Reactions were carried out at 40 °C, and aliquots 

were taken out at different time points in order to estimate the synthesis rates of the different 

triphosphorylated nucleotides. At each time point, the concentration of GTP, CTP, or UTP, re-

spectively, was measured through the coupled enzymatic phosphorylation of ADP and chemilu-

minescence measurement with the luciferase assay, as described above.  

FPLC analysis of phosphorylation reaction products.  

An FPLC Äkta Purifier UPC-10 system (GE Healthcare) was used to analyze the products 

of the reactions between nucleosides and cTmp. All reactions were performed with 50 mM cTmp 

and 50 mM MgCl2 in 50 mM boric acid (pH 9.0). Starting concentrations of the nucleosides for the 

different reactions were 25 mM adenosine, 25 mM guanosine, 50 mM cytidine, and 50 mM uridine. 

Reactions were incubated at 40 °C for 4 hours, and afterwards diluted 20-fold in TE buffer. Ap-

proximately 1 mL of the diluted reactions was then loaded onto the FPLC system, and the reaction 

products were separated by charge using a DNAPac PA-100 column (Dionex) with a linear gra-

dient of 0.9 M ammonium carbonate. Control reactions were performed using the same compo-

sitions supplemented with 2 μM of either ATP, GTP, CTP, or UTP, as appropriate. In the case of 
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the ATP synthesis reaction, 2 μM of ADP and 2 μM of AMP were co-injected with the ATP stand-

ard.  

RNA synthesis from triphosphorylated nucleosides with T7 RNA polymerase. 

A triphosphorylation reaction to synthetize the four rNTPS starting from the four nucleo-

sides and cTmp contained 25 mM adenosine, 25 mM guanosine, 50 mM uridine, 50 mM cytidine, 

10 mM cTmp, 50 mM MgCl2, and 25 mM Tris-HCl at pH 9.0. Tris-HCl was used as the buffer 

instead of boric acid, as tests showed that the presence of boric acid inhibited the activity of T7 

RNA polymerase. The reaction was then incubated at 40 °C for 4 hours. An HDV-like ribozyme, 

drz-Fpra-2 (Table 2.S1), was used as the template for the in vitro transcription. RNA was tran-

scribed at 37 °C for one hour in a 20 μL reaction containing 40 mM Tris-HCl (pH 7.9), 10 mM 

MgCl2, 2 mM spermidine, 1 mM dithiothreitol, 4.5 μCi [a-32P]ATP (Perkin Elmer), 10 units of T7 

RNA polymerase (NEB), 2 pmoles of DNA template, and 4 μL of the rNTP synthesis reaction. For 

the positive-control reaction, 100 μM ATP and 1 mM of each GTP, UTP, and CTP were used in 

place of the rNTPs synthesis reaction. The transcripts were resolved on a 10% polyacrylamide 

gel electrophoresis (PAGE) under denaturing conditions (7 M urea). The PAGE gel was dried, 

exposed to a phosphor image screen, and analyzed using a Typhoon phosphorimager (GE 

Healthcare). 

RNA Primer phosphorylation. 

A primer labeling reaction was prepared in a total volume of 20 μL containing 20 μM of 

RNA primer, 1x T4 Polynucleotide Kinase (PNK) ligase buffer (NEB), 1 unit of T4 PNK enzyme 

(NEB), and 0.5 μCi [γ-32P]ATP (Perkin Elmer). The reaction was incubated at 37 °C for one hour. 

The radiolabeled RNA primer was purified by 7.5% polyacrylamide gel electrophoresis (PAGE) 

under denaturing conditions (7 M urea), and the resolved gel was visualized using a Typhoon 

phosphorimager (GE Healthcare). The band of interest was excised, eluted from the gel into 300 

μL of 300 mM KCl, and precipitated by adding 1 μL glycoblue and 700 μL of 98% ethanol at –80 

°C. 
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RNA synthesis with cTmp derived nucleotides using tC19Z RNA polymerase ribozyme.  

A reaction containing 25 mM adenosine, 25 mM guanosine, 50 mM uridine, 50 mM cyti-

dine, 10 mM cTmp, 25 mM Tris HCl (pH 9.0), and 50 mM MgCl2 was incubated at 70 °C for 1 

hour. The reaction was centrifuged to remove the unreacted nucleosides from the nucleoside 

triphosphates remaining in solution. Polymerase reactions were prepared in 10 μL volumes where 

5 μL were added directly from the cTmp reaction. Additionally, the reactions contained 0.5 μM 

tc19z ribozyme (Table 2.S1), 0.5 μM template, and 0.5 μM [α-32P] 5¢-end radiolabeled RNA primer 

(Table 2.S1) in 200 mM MgCl2 and 50 mM Tris HCl (pH 8.0). The RNA was added first and heated 

at 85 °C for two minutes, then cooled to 17 °C for 10 minutes. The remaining reagents were added 

and incubated at 17 °C for 5 days. The first positive control did not contain any cTmp reaction, 

but had 4 mM of each nucleotide. The second positive control resembled the first, but with addition 

of the cTmp reaction. Negative controls contained cTmp reaction, but were missing either the 

polymerase ribozyme or the template. After 5 days, reactions were quenched with 5 μL of 500 

mM EDTA and 5 μL of 7 M urea loading dye, and then were resolved on a 20% PAGE under 

denaturing conditions (7 M urea). The PAGE gel was dried and exposed to a phosphor image 

screen and analyzed using a Typhoon phosphorimager (GE Healthcare).  
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2.7 Supplementary Data 

 

Figure 2.S1. ATP synthesis does not depend on boric acid. 

ATP synthesis rates measured in the presence of varying borate/CHES ratios. Reactions 

containing 1 mM adenosine, 10 mM cTmp, and 50 mM MgCl2 at pH 9.2 were incubated at 40 °C 

in a buffer composed of 100 mM final concentration of CHES and borate, mixed at different ratios.  
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Figure 2.S2. Temperature dependence of ATP synthesis is independent of buffer identity. 

Either a three-buffer system (white), or a boric acid buffer (black), was used with a reaction 

consisting of 1 mM adenosine, 10 mM cTmp, 150 mM MgCl2 at pH 9.0. ATP production at various 

temperatures was measured using the optimized luciferase assay to measure synthesis rate. 
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Figure 2.S3. ATP synthesis as a function of cTmp. 

Reactions containing 10 mM cTmp, 50 mM boric acid, 150 mM MgCl2, and varying con-

centrations of cTmp at pH 9.0 were allowed to react at 40 ºC for up to 1.5 hours. ATP concentra-

tions were measured using the luciferase assay.  
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Figure S4. RNA extension by an RNA polymerase ribozyme using synthesized nucleotides.  

Reactions containing 25 mM adenosine, 25 mM guanosine, 50 mM uridine, 50 mM cyti-

dine, and indicated concentrations of cTmp in 50 mM MgCl2 and 25 mM Tris-HCl at pH 9.0 were 

incubated at 40 °C for 4 hours. The reactions were diluted either 1:2.5 or 1:5 as in RNA polymer-

ization reactions, composed of a radiolabeled RNA primer and the RNA polymerase ribozyme 
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(tC19Z). Some reactions were supplemented with either GTP or all four rNTPs, while a negative-

control reaction contained no added nucleotides. The polymerization reactions were incubated 

for 36 hours at 17 °C and then resolved on a 20% polyacrylamide gel under denaturing conditions. 

While the no-reaction control showed a weak band corresponding to the one-nucleotide exten-

sion, the reactions using 5 mM and 10 mM cTmp showed extension by two nucleotides. Single 

nucleotide primer degradation is seen in the lower half of the gel. Consistent with what was pre-

viously observed for GTP synthesis, the reactions supplemented with GTP showed an extension 

of 4 nucleotides. Some reactions are shown with two different dilution factors. 

Table 2.S1. Sequences  
 

drz-Fprau-2 Primer (Fwd.) 5′-TTC CCG CGA AAT TAA TAC GAC TCA CTA 

drz-Fprau-2 Primer (Rev.) 5′-GAC AAT ATT GCA TCT CAG CCA CAT 

drz-Fprau-2 DNA Full Length 

5′-TTC CCG CGA AAT TAA TAC GAC TCA CTA TAG GGG AGA TAT AAG 
GCT GTG GGA AGG TTC TCA CAG CTT TGC CGC TCG AAA CTT TGC ACA 
CCT CTA CGC GGT GGG TGG CAG GCA ACA CAT GAG AAT GTG GCT 
GAG ATG CAA TAT TGT C  

tC19Z Template Elongation (Fwd.) 5′-GGG AGA AGC ACA CTA AAT TGA CCT GAC GAG GCC TAA GGG GCC 
GAA ACC GGG GCA ACC CCG 

tC19Z Template Elongation (Rev.) 5′-CTG CCA ACC GTC AGA AGC GTG TCA TTG ACG ACG GGG TTG CCC 
CGG TTT CGG 

tC19Z Template Primer (Fwd.) 5′-GCT AAT ACG ACT CAC TAT AGG GGA GAA GCA CAC TAA ATT G 

tC19Z Template Primer (Rev.) 5′-CTG CCA ACC GTC AGA AG 

tC19Z RNA Primer 5′-CUG CCA ACC G 
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3.1 Abstract 

 

Prior to the advent of modern life, the early Earth is likely to have progressed through an 

RNA based world, because RNA can act both as an information carrying polymer as well as a 

catalyst for chemical reactions. Critical to such an evolving world would have been a system of 

replication that allowed for the transfer of heritable information such as an RNA polymerase. 

Though a substantial body of work has been published on evolving such a polymerase, many 

iterations still suffer from low yield of full-length sequences and low number of active sequences 

as a result of premature termination and non-optimal fidelity, respectively. One of the first pheno-

types that could lend an evolutionary advantage to an early protocell would be the ability to repli-

cate with higher stability and fidelity. Cells today achieve this through a variety of means including 

complex damage repair mechanisms and proofreading pathways, but these would likely not have 

had dedicated machinery in an evolving world. Herein we demonstrate the first example of ribo-

zyme-mediated repair of damaged and mismatched RNA sequences. Under conditions of high 

concentrations of pyrophosphate, a polymerase ribozyme (tC19Z) is capable of repairing a 2´-3´ 
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cyclic-phosphate terminated RNA sequence, a mismatch terminated sequence, or both to subse-

quently allow for further extension along a template. Increased fidelity and processivity of polymer-

ization advances the longstanding goal of developing a truly self-replicating polymerase ribozyme. 

 

3.2 Introduction  

 

 The cellular functions of ribonucleic acid (RNA), including critical roles in translation, ca-

talysis, and metabolite-dependent gene expression, suggest that it may have been the first bi-

opolymer to assume both informational and catalytic roles on an evolving Earth.1-5 Replication is 

a process fundamental to life and is the mechanism by which heritable information is stored and 

propagated. Though today this is done through protein-based polymerase enzymes, in an RNA 

World, prior to the advent of genetically encoded proteins, replication would likely have been car-

ried out by RNA polymerase ribozymes.6,7 These ribozymes would have to have sufficient activity 

and fidelity to build up an information storage system, and could serve as the central molecules 

linking phenotype to genotype.8,9  

Transphosphorylation of the a-phosphate of a triphosphorylated nucleoside to a 3¢ hy-

droxyl of another nucleoside, with concomitant release of a pyrophosphate, is the central reaction 

catalyzed by enzymes replicating phosphodiester-based informational polymers.  A large body of 

work using molecular evolution and engineering has been generated to isolate ribozymes that 

catalyze this reaction, beginning with the first in vitro selection of a ligase ribozyme.10-14 This ribo-

zyme has continued to be evolved into progressively more sophisticated polymerases capable of 

production of other functional nucleic acids, reverse transcription, and transcription of XNAs, 

among others.15-20 However, even the most advanced polymerase ribozymes suffer from low 

yields of full-length products (through premature termination and degradation) and mutation bur-

dens that reduce the activity of produced transcripts.21-23 Thus, a mechanism of repair of both of 
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degraded and mismatched sequences would lend an evolutionary advantage to an evolving sys-

tem. However, very few mechanisms of RNA repair have been reported, and none that are ribo-

zyme mediated.24-26 Additionally, there is a lack of data on the role of pyrophosphate on the activity 

of these ribozymes and the related stability of the transcripts. 

We present below our study of one of the evolved RNA polymerases, the tC19Z ribozyme, 

and the effect of pyrophosphate on its activity. Herein, we began by characterizing the kinetics of 

the polymerization reaction, and the effect the addition of pyrophosphate had on extension. We 

then demonstrated that addition of pyrophosphate and tC19Z to 2¢-3¢ cyclic phosphate-terminated 

(damaged) RNA sequences facilitated damage repair and subsequent RNA extension. Finally, 

we show that addition of pyrophosphate to mismatched RNA sequences allowed for repair and 

alteration of extension profiles.  

3.3 Results 

Kinetic analysis of extension by tC19Z. 

 The tC19Z ribozyme was the product of evolution from R18, the first polymerase ribozyme 

generated from evolution of the class I ligase.16,18 It was evolved to have improved sequence 

generality and polymerase activity, though the template sequence still plays a major role in repli-

cation efficiency. In order to extend a sequence, the 5¢ end of the tC19Z ribozyme base-pairs with 

the 5¢ end of the template sequence, which is in turn bound to a primer at its 3¢ end (Figure 3.1A). 

The ribozyme consists of two domains, a catalytic domain made up of the class I ligase core and 

an accessory domain, and can extend the primer along the template sequence. We began by 

using a primer/template sequence that had been characterized by the Holliger lab in their publi-

cation of the tC19Z ribozyme (Figure 3.1A and Figure 3.S1), and have used variations of that 

sequence throughout this paper. 



 61 

 We began characterizing factors that influenced the extension rate including nucleoside 

triphosphate concentration, MgCl2 concentration, and temperature (Figure 3.S2). To do this, we 

used a 5¢ 32P-labeled primer, and tracked the extension reaction by single nucleotide resolution 

polyacrylamide gel electrophoresis (PAGE). We found that the reactivity drops off sharply with 

decreasing MgCl2 concentrations, and increases in temperature led to a substantial increase in 

degradation products. We further fully characterized the kinetics of the forward reaction with re-

gard to changing concentrations of NTPs (Figure 3.1B and 3.1D and Figure 3.S3). Initial rates 

were plotted as a function of substrate concentration and a KM for rNTPs was estimated to be ~4 

mM (Figure 3.1E).  

Pyrophosphate inhibition of ribozyme mediated polymerization.  

 The centrality of phosphate in the origin of life stems from its presence in the backbone of 

RNA and DNA and is inextricably coupled to replication.27 Pyrophosphate is the byproduct of RNA 

polymerization but has also been demonstrated to be a source of available phosphate on an early 

Earth.28-31 Because of its prebiotic availability and likely accumulation from replication, we decided 

to investigate the effect of pyrophosphate on ribozyme mediated replication. We noticed a sharp 

decrease in extension products upon addition of high concentrations of exogenous pyrophos-

phate to the polymerization reaction (Figure 3.S4A). Using the standard reaction conditions for 

polymerization (200 mM MgCl2 and 4 mM NTPs), we demonstrated that at 100 µM, exogenous 

pyrophosphate began to inhibit the forward polymerization reaction (Figure 3.1C). We then plot-

ted the initial rates of tC19Z mediated polymerization as a function of pyrophosphate concentra-

tion (Figure 3.1F). Because we saw significant inhibition by pyrophosphate, we began investigat-

ing a possible mechanism of inhibition. To start, we noticed that upon addition of 10 mM pyro-

phosphate, a visible white precipitate formed which we attributed to complexation with Mg2+ be-

cause magnesium pyrophosphate is practically insoluble under most aqueous conditions.32 We 

performed the extension reaction under standard ribozyme conditions with addition of 10 mM 
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pyrophosphate and following reaction completion, separated the precipitate from the solution. The 

precipitate was resuspended and redissolved and the two fractions were analyzed by high-reso-

lution PAGE (Figure 3.S4B). We found that a substantial portion of the 32P-labeled primer RNA 

co-precipitated with the magnesium-pyrophosphate; however, the extension reaction only oc-

curred in solution. This led us to hypothesize that one mechanism of inhibition by pyrophosphate 

may be through the removal of RNA from the reaction.  
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Figure 3.1. Kinetic analysis of primer extension by tC19Z and inhibition by pyrophosphate. 

(A) An in vitro evolved polymerase ribozyme, tC19Z, base-pairs to a template strand and adds 

nucleotides to the 3¢ end of a primer with pyrophosphate as the byproduct of the reaction. (B) The 

fraction extended of the 32P-labeled primer (shown in A) is quantified as a function of time at 

varying NTP concentrations by high resolution PAGE. (C) The fraction of the 32P-labeled primer 

extended quantified as a function of time at varying pyrophosphate conditions. (D) High-resolution 

PAGE of the primer extension at 4 mM rNTPs which is plotted on the graph in B. (E) The fraction 

of primer extended per minute is plotted as a function of NTP concentration and shows an esti-

mated KM of ~4 mM. (F) The fraction extended per minute is plotted as a function of the log of 

pyrophosphate concentration.   

Generation of 2¢-3¢ cyclic-phosphate-terminated hairpins.  

 RNAs terminated with 2¢-3¢ cyclic phosphates are the products of degradation via a 2¢ 

oxyanion nucleophilic attack on the adjacent phosphate—a reaction common to self-cleaving ri-

bozymes, many RNases, and base-catalyzed RNA degradation.33-35 This reactivity is responsible 

for the relatively low stability of RNA, when compared with DNA or other nucleic acids that lack a 

phosphate-adjacent hydroxyl group. Because this type of damage is the most common form of 

RNA degradation, we devised an RNA hairpin with terminal 2¢-3¢ cyclic phosphate damage that 

serves as a primer-template substrate of the polymerase ribozyme to test repair ability of the 

ribozyme. In order to generate the hairpin, we first engineered a four-nucleotide loop into a pri-

mer/template complex to both increase local concentration of RNA components, as well as for 

ease of preparation. We generated the hairpin via an in vitro transcription reaction of a self-cleav-

ing HDV-like ribozyme (drz-Mbac-1) fused to the hairpin (Figure 3.S5).36 The ribozyme self-

cleaves from the 5¢ hairpin sequence, leaving a 2¢-3¢ cyclic phosphate on the 3¢ end of the “primer” 

strand. This 2¢-3¢ cyclic phosphate acts as a chain terminator, blocking the 3¢ hydroxyl from 
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extension during polymerization (Figure 3.2A). The cyclic phosphate can be removed enzymati-

cally by T4 polynucleotide kinase (PNK) to serve as a positive control for testing the extension 

efficiencies of the newly generated hairpins (Figure 3.S6 and 3.S7).37,38  

Pyrophosphate-mediated repair of 2¢-3¢ cyclic-phosphate-terminated RNA sequences. 

 We generated RNA hairpins terminating on the 3¢ “primer” end in each of the four canon-

ical nucleotides with the corresponding match on the “template” strand. No extension of the se-

quence by the ribozyme was seen when polymerization of the terminated sequence was at-

tempted. However, upon digestion by PNK, or addition of pyrophosphate, each of the sequences 

could be extended by the polymerase ribozyme (Figure 3.2B, 3.2C, 3.S8). The extension effi-

ciency, as well as repair efficiency, is largely dependent on the identity of the sequence with U/A 

(U on the “primer” strand and A on the “template” strand) repaired the most and G/C repaired the 

least efficiently (A/U = 22%, U/A = 49%, C/G = 17%, G/C = 8%). The kinetics of extension follow-

ing repair with pyrophosphate can be visualized with respect to enzymatic PNK repair for each of 

the four hairpins (Figure 3.2D and 3.S9). An additional kinetic comparison is given for the A/U 

hairpin where pyrophosphate is added to a PNK digested sequence to visualize the role of pyro-

phosphate inhibition on hairpin extension.  

We hypothesized that one mechanism of repair could be through pyrophosphate acting to 

remove the 3¢ terminal, damaged nucleotide, thus we set out to further investigate this possibility. 

We endeavored to visualize the removal of a nucleotide by pyrophosphate by high-resolution 

page; however, in every iteration and reaction condition, we were unable to see a shift that could 

definitively be attributed to removal of a single nucleotide from the 2¢-3¢ cyclic phosphate-termi-

nated hairpin. We hypothesize that this is due to the anomalous gel shifts that arise from treatment 

with PNK and acid respectively (Figure 3.S6). It has been previously reported that treatment of a 

2¢-3¢ cyclic phosphate-terminated sequence with PNK to remove the cyclic phosphate leads to an 
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upward gel shift, and treatment of a 2¢-3¢ cyclic phosphate-terminated sequence with acid to gen-

erate a linear phosphate leads to a downward gel shift. 39-41  We see consistently see the opposite 

effect and hypothesize that this is a property of the hairpin sequence, which differs structurally 

from the previously reported experiments with linear RNA sequences. Thus, the gel shift from 

removal of a nucleotide is likely being occluded by other bands. 

We began by performing repair experiments that could indirectly indicate the removal of a 

nucleotide, first we omitted the rNTP from the reaction buffer that would correspond to the dam-

aged nucleotide to be replaced. In the case of an A/U hairpin, we omitted ATP from the rNTPs 

mixture since following excision of the terminal damaged adenosine, the ribozyme would need to 

replace it to continue extension. We indeed found that if ATP was not present in the reaction, the 

sequence was not extendable (Figure 3.S10) To demonstrate additional evidence of repair, we 

transcribed hairpins without a-32P-ATP and subsequently performed the polymerization reaction 

with a-32P-NTPs. We observed that the a-32P-NTP is only incorporated in sequences that have 

been repaired (Figure 3.S11). However, it is notable that the ribozyme can incorporate a mis-

match when provided with certain nucleotides. This misincorporation occured with lower efficiency 

than the matched nucleotide, but it is nonetheless detectable, especially with a-32P-UTP. Finally, 

we also disproved the hypothesis that the 2¢-3¢ cyclic phosphate was being opened by pyrophos-

phate to form a triphosphate by adding uridine and pyrophosphate to extension reactions. No 

addition to the hairpin was seen under these conditions indicating that this is not the pathway of 

repair (Figure 3.S6). 

Finally, in order to demonstrate that addition of pyrophosphate to ribozyme mediated ex-

tension reaction did repair the sequence and allowed for extension of the hairpin, we purified and 

prepared extension reactions for Illumina sequencing. We isolated extended A/U hairpins from 

pyrophosphate treated polymerization reactions. Initial sequencing data showed extension 
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products of varying lengths indicating that the sequences are being repaired and correctly ex-

tended (Figure 3.S12).  

 

Figure 3.2. Pyrophosphate-utilizing, ribozyme-mediated repair of terminal 2¢-3¢ cyclic phos-

phate damage. (A) The 3¢ end of a hairpin is damaged with a 2¢-3¢ cyclic phosphate (red) and is 

not extendable by tC19Z. Upon addition of pyrophosphate the damaged nucleotide triphosphate 

can be removed, and polymerization of undamaged nucleotides can occur (blue). (B) A graphical 

representation of the 2¢-3¢ cyclic phosphate damaged A/U hairpin and subsequent repair. (C) 

High-resolution PAGE images of a-32P-ATP labeled hairpins terminated in all four base-pairs 

(shown left of each image). Lane 1 is a control reaction showing that the 2¢-3¢ cyclic-phosphate-

terminated hairpin is not extended by the ribozyme. Lane 2 shows the gel mobility shift following 

removal of the 2¢-3¢ cyclic phosphate by PNK. Lane 3 is a positive control showing extension of 
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the hairpin by tC19Z following 2¢-3¢ cyclic phosphate removal by PNK. Lane 4 is the repair of the 

hairpin by tC19Z and pyrophosphate, and the resulting extension products. (D) Extension kinetics 

for each of the hairpins derived from the high-resolution PAGE gels. Closed triangles are exten-

sions resulting from PNK repaired hairpins. Open circles are extension resulting from pyrophos-

phate repaired hairpins. Finally, because pyrophosphate inhibits the forward extension reaction 

an additional control is included for the A/U hairpin, where the crosses denote inhibition of exten-

sion of the PNK digested hairpin.  

Effect of pyrophosphate on terminally mismatched hairpin sequences  

 In order to prevent propagation of mutations, modern replication machinery has dedicated 

active sites or entire protein complexes to correct mismatched base-pairs, but at the onset of 

living, evolvable systems, it was likely that mismatch repair was not available as a distinct bio-

chemical activity.42,43 In addition to damage repair, pyrophosphate-dependent mismatch repair 

would also have been a desirable feature of an early replicating polymerase, lending itself to 

increased fidelity of replication. To test the hypothesis that pyrophosphate could also correct a 

mismatch, we once again generated hairpin sequences using the HDV-like ribozyme; however, 

this time with a terminal 3¢ mismatch. We began by generating an A/C mismatch and adding 

pyrophosphate to the cyclic-phosphate-terminated hairpin. We did not observe any repair and 

subsequent extension of the sequence. Upon digestion with PNK and as well as addition of NTPs, 

we still did not observe any extension, the mismatch effectively acting as a terminator. However, 

after both digestion with PNK as well as addition of pyrophosphate, we observed ribozyme-medi-

ated extension of the sequence (Figure 3.3A and Figure 3.S13).  

 We generated all other possible mismatch sequences, and observed variable efficiencies 

of extension reactions: for certain hairpins, both damage and mismatch repair was observed with 

addition of pyrophosphate. Specifically, the purine/purine mismatches (A/A, G/A, and A/G) and 
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the G×U wobble pairs (G/U and U/G) could be repaired by the polymerase when pyrophosphate 

was added to the extension reaction of these cyclic phosphate terminated mismatches. (Figure 

3.3B). Similar to the variable efficiency of extension of different terminal nucleotides in the 

matched hairpins, the mismatches were also extendable with varying efficiencies either following 

2’-3’ cyclic phosphate removal with PNK or both PNK and pyrophosphate (Figure 3.3C and 

3.S14).  The pyrimidine/pyrimidine (C/C, U/U, C/U, and U/C) mismatches were best extended by 

the ribozyme following 2¢-3¢ cyclic phosphate removal by PNK, and addition of pyrophosphate 

made no substantial difference on extension, indicating that tC19Z is more tolerant of some mis-

matches over others. Finally, some sequences did show similar behavior to the A/C mismatch 

and only showed extension following treatment with PNK and pyrophosphate (C/A, U/G, G/U, and 

the purine/purine mismatches) although with varying efficiencies. The preference for the ribozyme 

to extend some sequences over others was confirmed with select primer/template constructs 

(Figure 3.S15). Removal of the mismatched base and replacement with the correct base on the 

3¢ end of the sequence was confirmed for the G/U mismatch by sequencing (Figure 3.3D). 
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Figure 3.3. Effects of pyrophosphate on terminally mismatched hairpins. (A) A terminally 

mismatched and cyclic phosphate damaged hairpin can either be repaired by pyrophosphate and 

extended, repaired by PNK and extended, or repaired by PNK and pyrophosphate and extended 

dependent on the identity of the mismatch. (B) The primer (top) and template (side) nucleotide 

identities are shown for all combinations. Boxes in purple indicate which mismatch sequences are 

extended following addition of pyrophosphate when cyclic phosphate damage is also present. (C) 

Mismatches that have first been treated with PNK. Shades of red indicate percent of extension 

that occurs following addition of pyrophosphate. Grey boxes indicate the mismatches that are 

extended by tC19Z prior to addition of pyrophosphate, and addition of pyrophosphate does not 

enhance the extension. (D) Sequencing data of the G/U mismatch indicates replacement of the 
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mismatched base with the correct base can occur during a tC19Z polymerization reaction treated 

with pyrophosphate. The G/U mismatch hairpin is the first sequence shown in the 5¢ to 3¢ direction. 

Subsequent sequences are in varying states of extension and show the repaired terminal 3¢ base. 

Bases with no color are part of the DNA ligation primer used to prepare the hairpins for sequenc-

ing.   

3.4 Discussion 

 It would have been critical for an evolving replication system to achieve mechanisms of 

repair to increase genome stability and fidelity. The tC19Z ribozyme was initially selected to ex-

tend a primer along a template in the effort to generate a system of self-sustained replication. 

Although many ribozymes have been shown to have varying levels of replication efficiency, no 

ribozyme to date has been reported that has RNA repair capabilities. We have demonstrated that 

the tC19Z ribozyme can use pyrophosphate to repair 2¢-3¢ cyclic phosphate-damaged RNA se-

quences, effectively rescuing them for further extension. Additionally, tC19Z can repair some mis-

matched sequences, which may present a solution to the fidelity problems faced by early replica-

tion ribozymes.  

 We were particularly interested in the mechanism of repair employed by tC19Z when uti-

lizing pyrophosphate and have made some strides to understand the pathway. Most of our exper-

iments have focused on understanding the repair of 2¢-3¢ cyclic phosphate-terminated hairpins, 

and we hypothesize that the ribozyme is catalyzing the removal of the terminal, damaged nucle-

otide using pyrophosphate. We have been unable to directly visualize the removal of a single 

nucleotide, likely as a result of the anomalous migration on a high-resolution polyacrylamide gel 

exhibited when the terminal cyclic phosphate is removed from a hairpin. This has occluded our 

efforts to definitively conclude that removal of the terminal nucleotide is the mechanism of action 

and has induced us to pursue indirect methods.  
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 When a repair reaction was not provided with exogenous terminal nucleotide (ATP), we 

were unable to observe primer extension. This result would indicate that the 3¢ nucleotide is being 

removed by tC19Z utilizing pyrophosphate, and thus the extension reaction is stalled without the 

undamaged, terminal nucleoside triphosphate starting the polymerization. In another experiment 

when the hairpin was not transcribed with a 32P-radiolabel, but rather provided with a-32P-NTPs, 

the hairpins were only visualized when they had been repaired in some manner. The PNK pro-

cessed hairpin was labeled because it has a terminal 3¢-OH to which the ribozyme can add a 32P-

nucleotie . However, the reaction that contained the pyrophosphate-repaired hairpin was also 

labeled, indicating that it also must have a free 3¢-OH. Once again, the anomalous shift of the 

PNK-processed hairpin occludes the result, because we were unable to determine a difference in 

length between the two repaired hairpins. From this experiment we also somewhat surprisingly 

found that tC19Z can incorporate mismatches into the template sequence in appreciable 

amounts. We saw that when provided with only one nucleotide, the ribozyme would incorporate 

it into the sequence even if it was mismatched with the template base. Overall, we observed that 

tC19Z is more efficient at incorporating some mismatches over others and has a preference for 

UTP.  

 To explore alternative mechanisms, we hypothesized that pyrophosphate could potentially 

act through opening the 2¢-3¢ cyclic phosphate, thus generating either a 2¢ or 3¢ triphosphate, then 

utilizing the pyrophosphate to activate an incoming nucleoside in situ for transesterification. We 

tested this mechanism by adding uridine to the pyrophosphate-repair reactions, rationalizing that 

the 5¢-OH of the uridine (the first templated nucleotide) could displace the pyrophosphate to begin 

the polymerization reaction. However, we found that uridine was not incorporated into the reaction 

at any stage, indicating that this is likely not the mechanism of repair. Taken in concert, these 

findings suggest that the ribozyme is using pyrophosphate to remove the 2¢-3¢ cyclic phosphate 

terminated nucleotide from the hairpin in order to repair the sequence for further extension. 
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Further experimentation is necessary though, to fully characterize the mechanism of repair.  

 With the addition of mismatches to the hairpins, the effect of tC19Z and pyrophosphate 

becomes increasingly complex. For some mismatches, the addition of pyrophosphate to the ex-

tension reaction removes the 2¢-3¢ cyclic phosphate damage and allows for further extension of 

the sequence, but this primarily occurs for the purine/purine mismatches and wobble mismatches.  

Previously published data, as well as our observations on single nucleotide incorporation and 

patterns of extended sequences, showed that tC19Z prefers some nucleotides and sequences 

over others. For example, we have observed that the ribozyme prefers to both add and repair 

uridine nucleotides and terminal sequences, respectively, over the other nucleotides. After re-

moval of the 2¢-3¢ cyclic phosphate, we observed that tC19Z will extend pyrimidine/pyrimidine 

mismatched sequences quite efficiently, not discriminating against the mismatch. Thus, addition 

of pyrophosphate to these sequences seems to have no effect on the extension outside of simply 

inhibiting the extension reaction. On the other hand, for some sequences, such as the A/C mis-

match or the G/U wobble, the ribozyme does not extend the sequence unless pyrophosphate is 

added. Some mismatches are repaired or extended less efficiently, specifically, the purine/purine 

mismatches. We hypothesize that there is a structural basis for the trends in ribozyme mediated 

extension of mismatched sequences and the effect of pyrophosphate on extension. The trends 

we observed could suggest that narrowing or widening of the terminal base-pair affects the recog-

nition and polymerization capabilities of the ribozyme.45-49 However, for this ribozyme-hairpin RNA 

complex, it would be difficult to definitively conclude what the ramifications of the mismatches are 

on tC19Z polymerization reactivity without additional structural data. 

 We have shown that tC19Z has the ability to extend various mismatches with or without 

pyrophosphate, but critically, we wanted to establish the mechanism of repair, and thus demon-

strate the potential to improve ribozyme fidelity. To this end we sequenced the PNK-processed, 

pyrophosphate treated G/U wobble mismatched hairpin. The sequencing data we obtained 
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comprised primarily of truncated sequences, and over 90% of the full-length sequences were not 

extended or corrected. However, we observed some sequences that were corrected, and a few 

sequences that were both corrected and extended within the sequencing data. The corrected 

base, from a guanosine to an adenosine, was statistically significant over background sequencing 

error. This confirms that we can correct a mismatch during ribozyme mediated polymerization 

with addition of pyrophosphate by removing the terminal nucleotide.  

 Modern biological systems have numerous, distinct complexes and pathways dedicated 

to repairing each different type of damage that could arise. Early replicating systems in an RNA 

world would not have had those functionalities or diversity available to them. However, this would 

have been an entirely necessary set of reactivities for an such a system in order to evolve herita-

bility of long genomes. It has been widely hypothesized that in order for known polymerase ribo-

zymes to truly achieve efficient self-replication capabilities, there would need to be an increase in 

the current standard of fidelity of replication. Unfortunately, this has been an elusive goal for even 

the most evolved polymerase ribozymes. Rather than further evolving polymerase ribozymes, we 

address this shortcoming by demonstrating that a highly evolved polymerase ribozyme (tC19Z) 

has repair functionalities. The ability for tC19Z to rescue 2¢-3¢ cyclic phosphate-terminated se-

quences that can be generated from base-catalyzed cleavage, lends itself to a more stable early 

genome. Additionally, the fact that tC19Z in concert with pyrophosphate can correct mismatched 

base-pairs suggests a possible mechanism for improving replication fidelity of polymerase ribo-

zymes. These results indicate that we may be one step closer to generating truly self-replicating 

systems that could have evolved in an RNA world.  

3.5 Materials and Methods 

Cloning tC19Z into a pUC19 vector. 
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The insert, tC19Z, was amplified with primers containing the restriction enzyme sites 

BamHI and EcoRI (Table 3.S1). The tC19Z insert and pUC19 vector were double digested with 

BamHI and EcoRI for four hours. Additionally, the pUC19 vector was further treated with calf-

intestinal, alkaline phosphatase (CIP) for one hour following the double digestion. The insert was 

ligated into the vector using T4 DNA ligase and incubating at 16 ºC for 16 hours. The resulting 

ligation was transformed into DH5a competent cells and subsequently plated on ampicillin con-

taining agar plates which were grown at 37 ºC for 14 hours. Single colonies were picked and 

grown in 3 mL of ampicillin containing LB broth for 14 hours. Cultures were subjected to alkaline 

lyses and the plasmids were purified. The presence of tC19Z in the vector was confirmed by 

sequencing. Future PCR reactions of tC19Z were done fresh from the plasmid for each batch of 

ribozyme.  

 

PCR and Transcription of tC19Z and generation of hairpin constructs. 

Polymerase chain reaction (PCR) was performed to isolate tC19Z from the plasmid prepared 

above. 5 ng of the plasmid, 0.5 µM of each primer (Table 3.S1), and Taq DNA polymerase were 

used to amplify the sequence at an annealing temperature of 49 ºC. PCR products of tC19Z from 

the plasmid prepared above were used for in vitro transcription. Transcription was performed un-

der the following conditions: 50 mM Tris HCl, 2 mM spermidine, 12 mM MgCl2, 8 mM DTT, 2 mM 

each rNTP, and 0.01% Triton X-100 at a total volume of 100 µL. T7 RNA polymerase was added 

to the reaction and allowed to react at 37 ºC for 3 hours. The transcriptions were desalted with 

G15 Sephadex and then purified with polyacrylamide gel electrophoresis and subsequent elution 

and ethanol precipitation.  

To prepare the RNA hairpins (Table 3.S1), the hairpin sequence (0.5 µM) was amplified 

with the drz-Mbac-1 HDV-like ribozyme (0.5 µM) (Table 3.S1). Following amplification, the se-

quence was transcribed and with α-32P-ATP by adding 50 mM Tris HCl, 2 mM spermidine, 12 mM 

MgCl2 8 mM DTT, 2 mM GTP, 2 mM CTP, 2 mM UTP, 200 µM ATP and 0.01% Triton X-100 to a 
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50 µL reaction containing T7 RNA polymerase and subsequently reacting at 37 ºC for 2 hours. 

The HDV-like ribozyme self-cleaves co-transcriptionally to yield the cyclic phosphate terminated 

hairpins. The transcriptions were desalted with G10 Sephadex and then purified with polyacryla-

mide gel electrophoresis and subsequent elution and ethanol precipitation.  

 

Adding γ-32P-ATP to an RNA primer. 

An RNA primer 10 nucleotides in length was obtained from Dharmacon (Table 3.S1). The 

RNA primer was added at a concentration of 5 µM to a reaction containing γ-32P ATP, 1x poly-

nucleotide kinase buffer, and 5 units polynucleotide kinase to add a 32P label to the 5`-end of the 

sequence. The reaction was incubated at 37 ºC for 2 hours and subsequently purified on a 12% 

denaturing polyacrylamide gel, followed by elution and ethanol precipitation.  

 

Kinetic analysis of RNA primer extension by tC19Z. 

The KM of the reaction was determined by monitoring the extension of a 32P-labeled primer 

by tC19Z over time and varying concentrations of nucleoside triphosphates. Equimolar concen-

trations (0.5 uM) of tC19Z, primer, and template (Table 3.S1) were mixed and heated to 82 ºC for 

2 minutes, then cooled slowly to 17 ºC for 10 minutes. Buffer containing 200 mM MgCl2, 50 mM 

Tris buffer, and varying concentrations of rNTPs was added to the RNA and the reaction was 

incubated at 17 ºC for 24 hours. Time points were taken by removing 5 µL aliquots and quenching 

with 250 mM EDTA and 7 M urea gel-loading loading buffer. An 18% polyacrylamide gel was 

prepared by generating a solution containing 18% w/v Acrylamide/Bis 19:1 solution, 7 M urea, 

and 0.5x TBE Buffer (50 mM Tris, 45 mM boric acid, and 0.5 mM EDTA, pH 8.4). The crosslinking 

reaction was initiated by addition of 0.1% w/v of ammonium persulfate, and 6.7 mM N,N,N`,N`-

tetramethylethylenediamine and allowed to polymerize between glass plates to form a gel 0.4 mm 

in depth. The reactions were then analyzed on the denaturing polyacrylamide gel to obtain single-

nucleotide resolution images. All gels were either dried or frozen and exposed to an imaging 
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screen for 24-96 hrs. The gels were imaged on a Typhoon 9410 Variable Mode Imager. Histo-

grams were generated in ImageJ from the pixel density of the images and the area under the 

curves for each band was integrated. The value of all bands was added to generate a value for 

the total RNA, then the values obtained for each band corresponding to an extension was added. 

Finally, the values for extension were divided by the value for total RNA to generate a fraction 

extended value shown by Equation 3.1 below. Initial rates were generated by calculating the 

slope of the line of the first four time points in Prism9. The approximate KM with respect to nucle-

otide concentration was generated by fitting the initial rates to a Michaelis-Menten curve.  

Equation 3.1 

𝐹𝑟𝑎𝑐𝑡𝑖𝑜𝑛	𝑒𝑥𝑡𝑒𝑛𝑑𝑒𝑑 = 	
(𝑃𝑟𝑖𝑚𝑒𝑟!"+. . . +𝑃𝑟𝑖𝑚𝑒𝑟!#)

(𝑃𝑟𝑖𝑚𝑒𝑟!"+. . . +𝑃𝑟𝑖𝑚𝑒𝑟!#) + 𝑃𝑟𝑖𝑚𝑒𝑟
 

 

Kinetic analysis of pyrophosphate inhibition of RNA primer extension.  

Kinetic data for pyrophosphate inhibition was obtained by monitoring the extension of a 

32P labeled primer by tC19Z over time and varying concentrations of pyrophosphate. Equimolar 

concentrations (0.5 µM) of tC19Z, primer, and template were mixed and heated to 82 ºC for 2 

minutes, then cooled slowly to 17 ºC for 10 minutes. Varying concentrations of pyrophosphate 

were then added to the reactions followed by buffer containing 200 mM MgCl2, 50 mM Tris buffer, 

and 4 mM rNTPs. The reaction was then allowed to incubate at 17 ºC and 5 µL aliquots were 

taken at varying time points and were quenched with 250 mM EDTA and 7 M urea gel-loading 

buffer. The reactions were analyzed on an 18% denaturing polyacrylamide gel to obtain single 

nucleotide resolution images. The gels were imaged on a Typhoon 9410 Variable Mode Imager 

and the pixel density of the bands was analyzed using ImageJ to generate the kinetic data. Initial 

rates were calculated using the first four time points and used to demonstrate pyrophosphate 

inhibition.   

Detection of 32P-labeled RNA co-precipitation with pyrophosphate under reaction conditions.  
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32P-labeled RNA hairpin, RNA template, and tC19Z were added together at concentrations 

of 0.5 µM each. Reactions were heated to 82 ºC for 2 minutes, cooled slowly to 17 ºC for 10 

minutes, followed by addition of varying concentrations of pyrophosphate up to 10 mM. A buffer 

containing 200 mM MgCl2, 50 mM Tris buffer, and 4 mM rNTPs was added and the reactions 

were incubated at 17 ºC for 24 hours. The reactions were then centrifuged at 2,000xg for 10 

minutes to pellet the pyrophosphate precipitate, and the supernatant was removed. The superna-

tant was mixed with 250 mM EDTA and 7 M urea gel-loading buffer and the pellet was re-dis-

solved in 10 µL of water and mixed with the same gel-loading buffer. The reactions were then 

resolved on an 18% denaturing polyacrylamide gel and imaged on a Typhoon 9410 Variable 

Mode Imager. 

 

Repair of cyclic phosphate damaged RNA hairpins. 

Hairpin repair was visualized and quantified by imaging the extension of a a-32P-ATP la-

beled hairpin by tC19Z. For negative controls, equimolar concentrations (0.5 µM) of tC19Z and 

2¢-3¢ cyclic phosphate-terminated hairpin were mixed and heated to 82 ºC for 2 minutes then 

cooled slowly to 17 ºC for 10 minutes. Either a buffer containing 200 mM MgCl2 and 50 mM Tris 

buffer, or 200 mM MgCl2, 50 mM Tris buffer, and 4 mM rNTPs were added and the reactions were 

allowed to incubate at 17 ºC for 24 hours. The reactions were quenched with 250 mM EDTA and 

7 M urea gel-loading buffer and were analyzed on a 15% denaturing polyacrylamide gel. For the 

repair reaction, equimolar concentrations (0.5 µM) of tC19Z and cyclic phosphate-terminated hair-

pin were mixed and heated to 82 ºC for 2 minutes then cooled slowly to 17 ºC for 10 minutes, 

followed by addition of 10 mM pyrophosphate. A buffer containing 200 mM MgCl2, 50 mM Tris 

buffer, and 4 mM rNTPs was added and the reaction was allowed to incubate at 17 ºC for 24 

hours. The reactions were quenched with 250 mM EDTA and 7 M urea gel-loading buffer and 

were analyzed on a 15% denaturing polyacrylamide gel. In order to generate a positive control, 
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the cyclic phosphate was removed from the hairpin by reacting with polynucleotide kinase in 1x 

PNK buffer for 1 hour at 37 ºC then inactivated at 65 ºC for 10 minutes. The PNK digested hairpin 

was then added to tC19Z, both at concentrations of 0.5 µM and heated to 82 ºC for 2 minutes 

then cooled slowly to 17 ºC for 10 minutes. Either a buffer containing 200 mM MgCl2 and 50 mM 

Tris buffer, or 200 mM MgCl2, 50 mM Tris buffer, and 4 mM rNTPs was added and the reactions 

were allowed to incubate at 17 ºC for 24 hours. The reactions were quenched with 250 mM EDTA 

and 7 M urea gel-loading buffer and were analyzed on a 15% denaturing polyacrylamide gel. The 

gels were imaged on a Typhoon 9410 Variable Mode Imager. 

 

Kinetic analysis of cyclic phosphate damage repair. 

Kinetics of extension by tC19Z of pyrophosphate-repaired hairpin, PNK-repaired hairpin, 

and pyrophosphate inhibited PNK-repaired hairpin were obtained under similar conditions as 

those described above. Either hairpin, or PNK repaired hairpin was incubated with tC19Z at 82 

ºC for 2 minutes and then cooled slowly to 17 ºC for 10 minutes. Pyrophosphate was added at a 

concentration of 10 mM to the pyrophosphate repaired hairpin and pyrophosphate inhibited hair-

pin reactions. A buffer containing 200 mM MgCl2, 50 mM Tris buffer, and 4 mM rNTPs was added 

and the reaction was allowed to incubate at 17 ºC. Time points were removed from the reactions 

in 5 µL aliquots and quenched with 250 mM EDTA and 7 M urea gel-loading buffer. The reactions 

were analyzed on a 15% denaturing polyacrylamide gel that was imaged on a Typhoon 9410 

Variable Mode Imager. ImageJ was used to quantify band density and generate the kinetic data 

for tC19Z extension of hairpins under varying pyrophosphate and repair conditions. 

 

MgCl2 dependence of hairpin extension by tC19Z.  

The Mg2+ dependence of the extension reaction was determined by quantifying the exten-

sion of a a-32P-ATP labeled G/C hairpin by tC19Z at varying concentrations of MgCl2. Equimolar 

concentrations (0.5 µM) of tC19Z and PNK treated hairpin were mixed and heated to 82 ºC for 2 
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minutes, then cooled slowly to 17 ºC for 10 minutes. Buffer containing varying concentrations of 

MgCl2, 50 mM Tris buffer, and 4 mM rNTPs was added to the RNA and the reaction was allowed 

to incubate at 17 ºC for 24 hours. The reactions were quenched with 250 mM EDTA and 7 M urea 

gel-loading buffer and then analyzed on an 18% denaturing polyacrylamide gel. The gels were 

imaged on a Typhoon 9410 Variable Mode Imager. 

 

Hairpin migration and extension under varying conditions. 

To better understand hairpin migration and reactivity, an A/U hairpin was either left un-

treated, or was reacted with a phosphatase (5 µM hairpin, 1x cutsmart buffer, and shrimp alkaline 

phosphatase) for 30 mins at 37 ºC. The two conditions were then either left as is, treated with 

PNK as described above, or with acid (25 mM HCl) followed by quenching. These conditions were 

then analyzed on a 15% denaturing polyacrylamide gel. Furthermore, each treated hairpin (0.5 

µM) was heated with tC19Z (0.5 µM) for 2 minutes at 85 ºC and then cooled to 17 ºC over 10 

minutes. A buffer containing 200 mM MgCl2, 50 mM Tris HCl and in some reactions 4 mM rNTPs 

was added. Additionally, 4 mM uridine and/or 10 mM pyrophosphate were added to some reac-

tions. The mixtures were incubated at 17 ºC for 24 hours followed by quenching with 250 mM 

EDTA and 7 M urea gel-loading buffer. The reactions were analyzed on a 15% denaturing poly-

acrylamide gel that was imaged on a Typhoon 9410 Variable Mode Imager.  

 

Incorporation of a-32P-rNTPs into non-labeled, repaired hairpins. 

To further demonstrate repair, an A/U hairpin was either transcribed with an a 32P[ATP] or 

without (cold). Some of the hairpins were then treated with PNK as described above. The a-32P-

ATP labeled hairpin (0.5 µM) was incubated with tC19Z (0.5 µM) at 82 ºC for 2 mins and cooled 

to 17 ºC over 10 minutes. A buffer containing 200 mM MgCl2, 50 mM Tris HCl and in some reac-

tions 4 mM rNTPs was added, and to some reactions 10 mM pyrophosphate and/or a 32P[ATP] 
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were added. The cold hairpin was treated in the same way. The mixtures were incubated at 17 

ºC for 24 hours followed by quenching with 250 mM EDTA and 7 M urea gel-loading buffer. The 

reactions were analyzed on a 15% denaturing polyacrylamide gel that was imaged on a Typhoon 

9410 Variable Mode Imager.  

A U/A hairpin was transcribed without a-32P-ATP and either left untreated or reacted with 

PNK as described above. The hairpin (0.5 µM) was heated with tC19Z (0.5 µM) for 2 minutes at 

85 ºC and then cooled to 17 ºC over 10 minutes. A buffer containing 200 mM MgCl2, 50 mM Tris 

HCl and, in some reactions, 10 mM pyrophosphate was added. Additionally, either a 32P[ATP], a 

32P[UTP], or a 32P[CTP] were added. The mixtures were incubated at 17 ºC for 24 hours followed 

by quenching with 250 mM EDTA and 7 M urea gel-loading buffer. The reactions were analyzed 

on a 15% denaturing polyacrylamide gel that was imaged on a Typhoon 9410 Variable Mode 

Imager.  

 

Extension of mismatched RNA hairpin sequences. 

Mismatched RNA hairpins were extended by tC19Z under conditions of PNK repair or 

pyrophosphate. Pyrophosphate enables extension of both a cyclic phosphate damaged and mis-

matched hairpin when 0.5 µM hairpin was added to 0.5 µM tC19Z. The reaction was then incu-

bated at 82 ºC for 2 minutes and then cooled slowly to 17 ºC for 10 minutes. Pyrophosphate was 

added at a concentration of 10 mM followed by a buffer containing 200 mM MgCl2, 50 mM Tris 

buffer, and 4 mM rNTPs and the reaction was allowed to react at 17 ºC for 24 hours. A reaction 

containing a PNK repaired mismatched hairpin and tC19Z at concentrations of 0.5 µM each were 

incubated at 82 ºC for 2 minutes and then cooled slowly to 17 ºC for 10 minutes. A buffer was 

then added containing 200 mM MgCl2, 50 mM Tris buffer, and 4 mM rNTPs and the reaction was 

allowed to react at 17 ºC for 24 hours. A reaction containing a PNK repaired mismatched hairpin 

and tC19Z at concentrations of 0.5 µM each were incubated at 82 ºC for 2 minutes and then 
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cooled slowly to 17 ºC for 10 minutes. Pyrophosphate was added at a concentration of 10 mM 

followed by a buffer containing 200 mM MgCl2, 50 mM Tris buffer, and 4 mM rNTPs and the 

reaction was allowed to react at 17 ºC for 24 hours. All reactions were quenched with 250 mM 

EDTA and 7 M urea gel-loading buffer and analyzed on a 15% denaturing polyacrylamide gel that 

was imaged on a Typhoon 9410 Variable Mode Imager. ImageJ was used to quantify band density 

to generate fraction extended graphs.  

 

Ribozyme extension of mismatched primer/template sequences. 

Primers having a terminal 3¢ mismatch with the template sequence and a 5¢-Cy3 fluores-

cent tag were ordered from IDT DNA (Table 3.S1). The primers (0.5 µM) were mixed with tC19Z 

(0.5 µM) and incubated at 82 ºC for 2 minutes and then cooled slowly to 17 ºC for 10 minutes. A 

buffer was then added containing 200 mM MgCl2, 50 mM Tris buffer, and in some reactions 4 mM 

rNTPs and/or varying concentrations of pyrophosphate, and were allowed to react at 17 ºC for 24 

hours. All reactions were quenched with 250 mM EDTA and 7 M urea gel-loading buffer and 

analyzed on a 18% denaturing polyacrylamide gel that was imaged on a Typhoon 9410 Variable 

Mode Imager. 

 

Sequencing RNA hairpins.  

RNA hairpins were sequenced by Illumina Sequencing to determine sequence identity. 

Cyclic phosphate repair and mismatch extension reactions as described above were performed 

and separated by polyacrylamide gel electrophoresis. The images obtained were analyzed for 

extension products and the corresponding bands were excised from the gel, followed by elution 

and ethanol precipitation. The RNA sequences were resuspended and then ligated to a DNA 

sequence containing an Illumina forward adaptor (Table 3.S1). The DNA sequence was designed 

with a 5¢-phosphate followed by four randomized nucleotides to reduce ligation bias on the 
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unknown 3¢-RNA end. To anneal the sequences, the DNA strand was added in approximately 

three times excess of the RNA hairpin (1.2 µM), as well as 10 mM Tris HCl and 10 mM NaCl. The 

reaction was heated to 85 ºC for 2 mins, then slowly cooled to 25 ºC over 1.5 hrs. The ligation 

was performed in 1X SplintR Ligase Buffer and with 15 units SplintR Ligase at 25 ºC for 1.5 hrs.  

After ligation, the sequence was reverse transcribed using the RT primer in Table 3.S1. 

To the ligation reaction, 0.5 µM RT primer and 0.5 mM dNTPs were added, heated to 65 ºC for 

five mins., and then quickly chilled on ice. 1X First Strand Buffer and 1 mM DTT were added to 

the reaction and heated to 42 ºC for 2 mins. House RT, 100 units Superscript II, 100 units M-

MuLV, and 5 units Bst DNA polymerase were added and the reaction was cycled through the 

following conditions: 25 ºC for 10 mins, 35 ºC for 10 mins, 42 ºC for 10 mins, 50 ºC for 10 mins, 

60 ºC for 10 mins, and 70 ºC for 10 mins.  

The resulting cDNA was PCR amplified with 0.5 µM of a forward primer with an Illumina 

adapter, 0.5 µM of a reverse primer and 1X Taq Master Mix (Table 3.S1). A second PCR reaction 

was performed to install the Illumina Barcodes and the reaction was gel purified. The libraries 

were submitted for Illumina Sequencing and the resulting data was counted and primer regions 

were trimmed using FastAptamer and CutAdapt.50 Full length and extended sequences were iso-

lated from data using FastAptamer and Python 3.0.  
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3.6 Supplementary Data 

 

Figure 3.S1. 32P labeling and ribozyme mediated extension of a primer/template sequence. 

A primer sequence (blue) is 32P labeled (red) on the 5¢-end using T4 Polynucleotide kinase. Under 

published conditions, the primer is then annealed to the template and tC19Z and extension occurs 

over 24 hours. The resulting reactions were analyzed on a high-resolution PAGE gel. A negative 

control shows just the 32P labeled primer and the positive control shows that eight nucleotides are 

added to the primer sequence before the ribozyme stalls after nearing the ribozyme annealed 

portion of the template.  
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Figure 3.S2. Magnesium dependence of tC19Z. A a-32P-ATP labeled G/C hairpin was treated 

with PNK to remove the cyclic phosphate and was allowed to react under standard conditions 

with varying concentrations of MgCl2 for 24 hours. The resulting reactions were analyzed on a 

high-resolution PAGE gel. The hairpin and extension products are labeled. As magnesium con-

centration decreases, the extension reaction also decreases. 

MgCl2 (mM) 200 100 50 10

hp

ext.

G/C hairpin, PNK digested
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Figure 3.S3. Kinetics of tC19Z mediated extension of a primer. The primer/template se-

quences were reacted with tC19Z under standard conditions and variable concentrations of NTPs 

for up to 24 hours. Reaction aliquots were taken at ten different time points and quenched before 

being analyzed by high-resolution PAGE. Some representative gel images are shown here. 

4 mM NTPs 2 mM NTPs 1 mM NTPs 

Time (min) 0  10 20 30 45 60 90 120 180 1440 0  10 20 30 45 60 90 120 180 1440 0  10 20 30 45 60 90 120 180 1440 

0.5 mM NTPs 1.5 mM NTPs 

Time (min) 0  10 20 30 45 60 90 120 180 1440 0  10 20 30 45 60 90 120 180 1440 
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Figure 3.S4. Pyrophosphate inhibits ribozyme mediated extension and co-precipitates 

RNA. (A) A primer/template sequence is extended by the ribozyme under standard conditions, 

but the extension is inhibited when pyrophosphate is also added to the reaction as seen in lanes 

2-4. However, addition of pyrophosphate either with or without tC19Z does not show any addi-

tional degradation or chewback bands. (B) Following completion of an extension reaction under 

standard conditions and containing 10 mM pyrophosphate, the resulting magnesium pyrophos-

phate precipitate was pelleted and separated from the supernatant. After resuspension and 

quenching, the pellet and supernatant were analyzed by high-resolution PAGE and show that 

although extension of the primer occurs in the supernatant, the majority of the 32P labeled RNA is 

co-precipitating with the magnesium pyrophosphate.  
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Figure 3.S5. Purification of 2¢-3¢ cyclic phosphate-cleaved hairpins. Each of the four 

matched, drz-Mbac-1-hairpin (HDV + hp) sequences were transcribed with an a-32P-ATP and 

self-cleave during transcription. The transcription reactions were purified via PAGE and the hair-

pin (hp) band containing the 2¢-3¢ cyclic phosphate was excised from the gel and used in tC19Z 

extension reactions.  

G/C C/G U/A A/U 

HDV + hp 

HDV 

hp 
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Figure 3.S6. Hairpin controls and gel shift calibration. (A) A hairpin was either subjected to 

conditions of phosphatase or no phosphatase, as well as digestion by PNK or acid. The resulting 

hairpins were reacted with tC19Z under standard reaction conditions with variations shown by the 

± indications. Phosphatase removes the 5¢-phosphate from the hairpin causing a downward shift 

in the position of the hairpin. (B) The hairpin was treated the same as above, but variations in 

hairpin gel shift are compared directly. Digestion with PNK (and thus removal of the cyclic phos-

phate) causes the hairpin to shift down on the gel. Treatment with acid (and thus opening the 

cyclic phosphate) causes the hairpin to shift up on the gel.  
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Figure 3.S7. Full hairpin extension controls. A U/A hairpin was reacted under standard exten-

sion conditions with variations shown by ± symbols above. The reactions were then analyzed by 

high-resolution PAGE.  
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Figure 3.S8. Repair reactions and controls for all matched hairpins. All hairpins were reacted 

under standard conditions with variations shown by the ± symbols. Hairpins were analyzed by 

high-resolution PAGE. The A/U, U/A, and C/G hairpins were all run on the same gel, however, 

the G/C hairpin was run on a separate gel due to lower a-32P-ATP incorporation efficiency.  
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Figure 3.S9. Example time course of a U/A hairpin extension and pyrophosphate repair. An 

a-32P-ATP U/A hairpin was either treated with PNK or pyrophosphate and then subjected to stand-

ard extension conditions. Nine time points were collected with emphasis on early time points and 

were analyzed by high-resolution PAGE. 
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Figure 3.S10. Omission of a single nucleotide prevents extension of an A/U hairpin. An a-

32P-ATP labeled A/U hairpin was extended under standard reaction conditions with variations 

indicated by ± symbols. Lanes 1-5 are negative controls, lane 6 is a positive control, and lane 7 

is the pyrophosphate repair reaction at 10 mM pyrophosphate. Lane 8 indicates that upon addition 

of all nucleotides except ATP, indicated by the nucleotide nomenclature (B)TP, there is no exten-

sion. Lanes 9-12 demonstrate that the repair does not occur at lower concentrations of pyrophos-

phate.  
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Figure 3.S11. a-32P-rNTPs can be incorporated into repaired, non-labeled hairpins. (A) An 

A/U hairpin was either transcribed and purified with a-32P-ATP, or without. The hairpin was then 

subjected to repair and extension conditions, largely consistent with standard reaction conditions. 

The exception being the addition of a-32P-ATP to some reactions. In the case of the non-labeled 

hairpin, the a-32P-ATP is only incorporated if the sequence has been repaired. (B) A U/A hairpin 

was transcribed without a-32P-ATP and was subjected to standard extension conditions, however, 

an a-32P-rNTP was added in place of the standard NTPs. Different a-32P-rNTPs are incorporated 

into the repaired hairpin with different efficiencies as shown by the varying intensities of the bands. 

UTP is incorporated most efficiently because the first nucleotide on the template sequence is an 
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adenosine. However, misincorporation is seen of the other nucleotides and a second nucleotide 

appears to be added in the case of the addition of UTP.  

 

Figure 3.S12. An A/U hairpin is repaired and extended as seen by Illumina sequencing. The 

sequence of the A/U hairpin is shown at the top of the block in the 5¢ to 3¢ direction. Sequences 

underneath the A/U hairpin have been isolated from processed Illumina sequencing data. Colored 

bases extending past the A/U hairpin sequence are repair and extensions (of varying lengths) by 

the tC19Z ribozyme in the presence of pyrophosphate. Bases in white are four random nucleo-

tides originating from the DNA sequence ligated to the 3¢ end of the hairpin when preparing for 

sequencing. 

10 20 30 40 50
A/U_Hairpin/1-43
8170-2-5.66/1-51
12876-1-2.83/1-51
6363-3-8.49/1-51
8170-2-5.66/1-51
8170-2-5.66/1-51
8170-2-5.66/1-49
2442-14-39.64/1-48
3602-8-22.65/1-48
4235-6-16.99/1-48
4235-6-16.99/1-48
4235-6-16.99/1-48

GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA - - - - - - - -
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCGA GA T
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCGA GA T
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCGT CCC
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCGT CT C
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCGT CCG
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCCT T - -
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCGA - - -
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GCCA - - -
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T T CGA - - -
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GT A A - - -
GT CA A T GA CA CGCT T CGCA T GGT T GGCA GGCCT CT GCCA A CCA T GT GA - - -
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Figure 3.S13. An A/C mismatch is only extended following treatment with both PNK and 

pyrophosphate. An a-32P-ATP A/C mismatch was treated with PNK and then subjected to stand-

ard reaction conditions and two pyrophosphate concentrations. No extension of the hairpin is 

seen in lanes 1-4 prior to removal of the cyclic phosphate damage, even when pyrophosphate is 

added. Extension is also not seen after digestion with PNK (lane 6), and it is only after both di-

gestion with PNK and addition of pyrophosphate (lane 7) that the ribozyme is able to extend the 

hairpin.  
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Figure 3.S14. Controls and repair of all mismatch combinations. All mismatches were a-32P-

ATP labeled and reacted under standard conditions with variations indicated with ± symbols. The 

reactions were then analyzed by high-resolution PAGE.  

 

Figure 3.S15. Selected fluorescently labeled primer/template sequences show varying ex-

tension efficiencies. Fluorescently labeled primers (5¢-Cy3) with terminal mismatches were in-

cubated with the template and tC19Z under standard reaction conditions and varying concentra-

tions of pyrophosphate. The primers were analyzed by high-resolution PAGE. The third lane of 

each primer sequence shows the extension efficiency of that mismatch by tC19Z. The U/C and 

G/A mismatches follow similar extension efficiency trends as the corresponding PNK repaired 

hairpins.  
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Table 3.S1. Chapter 3 DNA and RNA sequences. 
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APPENDIX A: TEMPLATE DIRECTED, PRIMER-FREE POLYMERIZATION OF NUCLEO-
SIDE TRIPHOSPHATES BY A POLYMERASE RIBOZYME 

 
 
 

A.1 Introduction  

 Fundamentally, the transmission of genetic information depends heavily on Watson-Crick 

base-pairing between nucleosides on a template and incoming nucleoside triphosphates.1,2 Fol-

lowing recognition, polymerization can occur between adjacent bases. In contemporary biological 

systems, this reaction is carried out by complex, protein-based polymerases.3-5 However, in an 

evolving RNA world, these intricate functionalities would likely not have been available.6-8 A few 

different approaches have been taken toward generating RNA in a presumed prebiotic world, 

beginning in its most basic form with de novo RNA synthesis, which largely relies on a range of 

activated nucleosides to achieve polymerization.9-12 This could then have evolved into templated, 

non-enzymatic copying of RNA, which has been demonstrated and requires primers and/or acti-

vated nucleosides.13-19 

Another approach to RNA replication relies on ribozymes acting as polymerases that can 

extend primers along templates with varying efficiencies.20-25 These approaches require primers 

to initiate polymerization, and although modern biology uses enzymes such as primases to gen-

erate primers for replication, it was likely that in an early RNA world, there was no dedicated 

machinery for their production.26 Thus, there are few bridges linking nonenzymatic polymerization 

with activated nucleosides, and primer-dependent RNA catalyzed polymerization. To begin to 

address this gap, we report the first instance of primer-free polymerization of nucleoside triphos-

phates along a template, catalyzed by a polymerase ribozyme.  

A.2 Results and Discussion 

Polymerization of rNTPs along a template using g-32P[ATP] as the means for visualization.  

 The polymerase ribozyme tC19Z was evolved to bind to a template and then extend a 

primer along that template (Chapter 3).23 We hypothesized that because tC19Z base-pairs with 
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the template, effectively holding it in place, it may not require the primer to initiate polymerization. 

To test this, we began by performing a polymerization reaction under standard conditions (200 

mM MgCl2, 50 mM Tris HCl, 4 mM NTPs, 0.5 µM tC19Z, and 0.5 µM template strand) with the 

addition of g-32P[ATP] to track any potential polymerization. The ribozyme and template were 

mixed and heated to 82 ºC for 2 minutes before cooling to 17 ºC over 10 minutes. The remaining 

buffers and reagents were added and the reaction was kept at 17 ºC for 24 hours.  We chose to 

test with g-32P[ATP] because of the position of 32P on the g-phosphate. With the 32P-label at this 

position, the product of polymerization can only be visualized if adenosine is the first nucleotide 

incorporated in the sequence and becomes the 5`-end of the replication (Figure A.1A).  

 We did observe polymerization beginning with ATP and then extending at least two and 

possibly up to four nucleotides (Figure A.1B). This process is both template dependent and ribo-

zyme dependent, since the absence of either prevents any polymerization from occurring. Addi-

tionally, supplementing the reaction with 10 mM pyrophosphate also inhibits polymerization. We 

found these results to be somewhat surprising because the experimental design resulted in the 

concentrations of other nucleoside triphosphates in the reaction substantially higher than that of 

the g-32P[ATP]. Thus, the visualization of the polymerization stems from a single 32P-radiolabel at 

the 5`-end of the growing sequence and is accumulating in high enough concentrations for detec-

tion after only 24 hours, indicating this may be a robust functionality of the tC19Z ribozyme.  

Polymerization of rNTPs along a template using α-32P[UTP] as the means for visualization.  

 After visualizing primer-free polymerization with g-32P[ATP], we decided to test the 

polymerization with α-32P[UTP] because we found previously that tC19Z has a preference for 

incorporating UTP over the other nucleoside triphosphates (Chapter 3). In this experiment, we 

used 200 mM MgCl2, 50 mM Tris HCl, 0.5 µM tC19Z, 0.5 µM template strand, and 0.5 mM NTPs, 

as well as α-32P[UTP]. We used a lower concentration of NTPs in order to allow for more incorpo-

ration of the 32P-labeled UTP, and thus better visualization of the reaction. We also allowed the 
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reaction to incubate at 17 ºC for 72 hours rather than 24 to increase the accumulation of polymer-

ization products. Once again, we were able to visualize primer-free polymerization of nucleotides, 

this time with more distinct products indicating polymerization of 4-5 nucleotides (Figure A.1C). 

  

Figure A.1. Ribozyme mediated, primer-free polymerization along a template. (A) Adenosine 

triphosphate is shown with the 32P-label on the g-phosphate. Because the polymerization must 

begin with ATP to be seen on the gel, all possible places on the template where the polymerization 

could occur are shown, with the starting A shown in red and subsequent nucleotides shown in 

blue. (B) Polymerization of nucleoside triphosphates along a template by tC19Z is shown. The 

lowermost band is g-32P[ATP] and any subsequent upward shifts are polymerization products. 
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Polymerization is not seen in controls lacking the template or ribozyme, as well as upon addition 

of pyrophosphate. (C) Polymerization of nucleoside triphosphates along a template by tC19Z is 

shown with α-32P[UTP] acting as the label and shown as the bottom most band.  

 These results taken in concert indicate that primer-free polymerization of nucleotides 

along a template is a functionality of the tC19Z ribozyme. This is a reactivity that has not yet been 

seen with polymerase ribozymes and could provide an important link in the evolution of infor-

mation transfer in an RNA world. Additional experiments are necessary to further understand the 

limits of reactivity and characterize the kinetics. Additionally, these small RNA products should be 

sequenced to concretely demonstrate that they are templated polymerizations, as well as to gain 

information on variation of sequences produced.   

 

A.3 Materials and Methods 

Polymerization of rNTPs along a template using g-32P[ATP]. 

 Reactions were performed in 10 µL volumes with g-32P[ATP] and with the concen-

tration of the reagents when present as follows: 200 mM MgCl2, 50 mM Tris HCl, 4 mM NTPs, 0.5 

µM tC19Z, and 0.5 µM template strand. Either the template strand, tC19Z, or both (Table A.1) 

were added to a tube and heated to 82 ºC for 2 minutes before cooling to 17 ºC over 10 minutes. 

To one reaction was added 10 mM pyrophosphate. The remaining buffers and reagents were 

added and the reaction was kept at 17 ºC for 24 hours. The reactions were quenched by addition 

of 250 mM ethylenediaminetetraacetic acid (EDTA) and 7 M urea gel-loading buffer. Samples 

were analyzed on a high-resolution polyacrylamide gel (18% acrylamide/bis 19:1, 7 M urea, 0.5x 

Tris/Borate/EDTA buffer). The gel was then dried and imaged on a Typhoon 9410 Variable Mode 

Imager. 

 

Polymerization of rNTPs along a template using α-32P[UTP]. 
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Reactions were performed in 10 µL volumes with α-32P[UTP] and with the concentration 

of reagents as follows: 200 mM MgCl2, 50 mM Tris HCl, 0.5 mM NTPs, 0.5 µM tC19Z, and 0.5 

µM template strand. The template strand and tC19Z were added to a tube and heated to 82 ºC 

for 2 minutes before cooling to 17 ºC over 10 minutes. The remaining buffers and reagents were 

added and the reaction was kept at 17 ºC for 72 hours. The reactions were quenched by addition 

of 250 mM EDTA and 7 M urea gel loading buffer. Samples were analyzed on a high-resolution 

polyacrylamide gel. The gel was then frozen and imaged on a Typhoon 9410 Variable Mode Im-

ager.  

Table A.1. Appendix A sequences. 
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APPENDIX B: USING NUCLEOSIDE DIPHOSPHATES AS SUBSTRATES FOR  
POLYMERIZATION 

 

 

B.1 Introduction  

The prevalence of phosphate in the origin of life on Earth derives from its use in the backbone 

of RNA, and potential earlier precursors.1-4 Phosphate utilization is inextricably coupled to repli-

cation, and it is therefore plausible that a phosphate metabolism would have been one of the first 

chemical transformations to be encoded in early genomes, potentially providing one of the first 

phenotypes of early cells.5,6 However, relatively little has been done to delineate the energy me-

tabolism requirements of early phosphate-based reactions. Specifically, there has been a lack of 

investigation into the role of phosphate energetics in replication, repair, and related prebiotic pro-

cesses.7-9 Although nucleoside triphosphates predominate the energy metabolism landscape in 

cells today, a lower energy counterpart, such as nucleoside diphosphates, could have been a 

more stable precursor in an RNA world.10,11  

 Our previous work has demonstrated that DNA polymerases can use nucleoside diphos-

phates as substrates for replication.12,13 Analysis of polymerization products showed that the rate 

of DNA synthesis from dNDPs is a little over an order of magnitude lower than from dNTPs, and 

data support a transition state model that is energetically very similar for di- or tri-phosphorylated 

nucleosides. This indicates that polymerases do not fundamentally require triphosphorylated sub-

strates for DNA synthesis.  Because of the success with DNA polymerases, we hypothesized that 

both protein-based and nucleic acid-based RNA polymerases may also be able to utilize diphos-

phorylated substrates for transcription and replication respectively.  

B.2 Results and Discussion 

T7 RNA polymerase can use rNDPs to transcribe a ribozyme. 

 Recently it has been reported that E. coli RNA polymerase can use rNDPs in transcription.14 

We decided to test if T7 RNA polymerase was also capable of using nucleoside diphosphates in 
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transcription. To this end, we decided to use an HDV-like ribozyme, Fprau-2, because a certain 

level of fidelity of replication must be maintained in order to visualize the self-cleaving activity.15 

We transcribed Fprau-2 with rNDPs, then used g-32P[ATP] to label the 5`-end of the transcripts 

for visualization on a denaturing polyacrylamide gel. Varying time points were taken from the 

transcription reaction (Figure B.1A). A band corresponding to the full-length sequence is easily 

visualized on the gel and the amount of transcribed RNA increases over time. However, although 

the full-length sequence is present, the bands are largely missing (except at the longest time 

point) that would indicate the self-cleaving activity is present. This implies that perhaps there is 

misincorporation during transcription of one or more of the nucleobases critical to maintaining 

self-cleaving activity.16,17  

 Since guanine is important to the initiation of transcription, we hypothesized that we could 

increase transcription products by the addition of a low concentration of GTP (10 µM).18 Indeed, 

upon addition of GTP, we did visualize an increase in transcription products (Figure B.1B). Addi-

tion of exogenous GTP also rescued the ribozyme self-cleaving activity and bands are present on 

the gel that correspond to the cleavage products. Once again, time points were taken from the 

reaction, although some variability in the 32P-labeling is seen on the denaturing polyacrylamide 

gel between time points.  

 A substantial amount work needs to be done to fully characterize the reactivity, kinetics, and 

fidelity when using rNDPs as substrates for transcription. Sequencing experiments would have to 

be performed to confirm the assumptions made about the possible lower fidelity that resulted in 

the absence of ribozyme activity. Since the lack of self-cleaving activity was seen when only 

rNDPs are present in the transcription, it may suggest that one reason for the current dependence 

on higher energy substrates (i.e., nucleoside triphosphates) was to improve fidelity of replication.  

 

tC19Z (a polymerase ribozyme) can use rNDPs in replication. 
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 While polymerase ribozymes have been shown to incorporate a range of modified nucleo-

tides, they have never been shown to use nucleoside diphosphates.19,20 We demonstrated tran-

scription was possible using lower energy substrates, so we wanted to test a polymerase ribo-

zyme as well. To that end, we used the polymerase ribozyme tC19Z and standard reaction con-

ditions (200 mM MgCl2, 50 mM Tris HCl, 0.5 µM ribozyme, 0.5 µM template, and 0.5 µM primer) 

as well as 4 mM rNDPs.21 The polymerization was allowed to react at 17 ºC for 48 hours before 

analysis using high-resolution polyacrylamide PAGE. (Figure B.1C) A positive control was per-

formed with 4 mM rNTPs and addition of rNDPs did not visibly inhibit the reaction. When only 

provided with rNDPs, the ribozyme can add at least two nucleotides to the primer sequence. The 

ribozyme has difficulty incorporating guanosine (Chapter 2 and Chapter 3), which may account 

for the stalling after adding two nucleotides. If provided with a template that did not require incor-

poration of guanosine, longer extension products may be possible. Though we have demon-

strated that tC19Z can utilize nucleoside diphosphates to extend a primer along a template, more 

experiments must be performed to gain information on kinetics, energetics, and fidelity of replica-

tion.  
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Figure B.1. T7 RNA polymerase and tC19Z can use rNDPs as substrates for polymerization. 

(A) T7 RNA polymerase was used to transcribe a self-cleaving ribozyme (Fprau-2) with rNDPs 

and visualized by 5`-end labeling with g-32P[ATP]. Aliquots were removed at 10, 30, 60, and 120 

minutes and the amount of full-length ribozyme band is seen increasing over time. (B) The same 

transcription reaction was performed as in (A), but the reaction was supplemented with 10 µM 

GTP. Aliquots were taken at 10, 30, 60, and 120 minutes and the full-length sequences and prod-

ucts from ribozyme self-cleavage are seen. (C) A polymerase ribozyme (tC19Z) was used to ex-

tend a primer along a template. Lane 1 is a negative control showing no extension without the 

presence of the ribozyme. Lane 2 is a positive control showing that the primer is extended along 

the template in the presence of rNTPs. Lane 3 is a control showing that addition of rNDPs to the 

reaction does not significantly affect the primer extension. Lane 4 shows that in the presence of 

only rNDPs, two nucleotides are incorporated. 

T7 RNA pol. T7 RNA pol. + GTP tC19Z Ribozyme 

Time (min.) Time (min.) 10 30 60 120 10 30 60 120 tC19Z
NTPs
NDPs

 - 
+
-

+
+
-

+
+
+

+
-
+

Fprau-2 
Fprau-2+seq. 

Fprau-2 

seq. 

Primer 

+1 (U) 

+2 (G) 

A B C



 115 

B.3 Materials and Methods 

T7 polymerase uses rNDPs or rNDPs supplemented with GTP in transcription.  

Transcription was performed under the following conditions: 50 mM Tris HCl, 2 mM sper-

midine, 12 mM MgCl2, 8 mM DTT, 2 mM each rNDP, and 0.01% Triton X-100 at a total volume of 

50 µL (for reactions in Figure B.1B, 10 µM GTP was added to the transcription). T7 RNA poly-

merase was added to the reaction and allowed to react at 37 ºC. 10 µL aliquots were removed 

from the reaction at 10, 30, 60, and 120 minutes and were desalted with G10 Sephadex. To each 

time point was added 1x Cutsmart buffer and 1 unit of shrimp alkaline phosphatase which were 

reacted at 37 ºC for 30 minutes followed by reaction at 65 ºC for 5 minutes. 5`-end, 32P-labeling 

was done by adding 0.5 µL of g-32P[ATP], 0.5 mM DTT, and 20 units of T4 polynucleotide kinase 

(PNK) and reacting at 37 ºC for 2 hrs. The resulting mixture was again desalted with G10 Se-

phadex and mixed with 7 M urea gel-loading dye. The reactions were analyzed on a 10% dena-

turing polyacrylamide gel (10% acrylamide/bis 19:1, 7 M urea, 0.5x Tris/Borate/EDTA buffer) and 

imaged on a Typhoon 9410 Variable Mode Imager. 

tC19Z uses rNDPs in polymerization.  

 An RNA primer 10 nucleotides in length was added at a concentration of 5 µM to 

a reaction containing g-32P[ATP], 1x polynucleotide kinase buffer, and 10 units polynucleotide 

kinase to add a 32P label to the 5`-end of the sequence. The reaction was incubated at 37 ºC for 

2 hours and subsequently purified on a 12% denaturing polyacrylamide gel, followed by elution 

and ethanol precipitation. Equimolar concentrations (0.5 uM) of tC19Z, 32P-labeled primer, and 

template were mixed and heated to 82 ºC for 2 minutes, then cooled slowly to 17 ºC for 10 

minutes. Buffer containing 200 mM MgCl2, 50 mM Tris buffer, and either 4 mM rNTPs, 4 mM 

rNDPs, or both was added to the RNA and the reaction was incubated at 17 ºC for 24 hours. 

Reactions were quenched with 250 mM EDTA and 7 M urea gel-loading loading buffer and ana-

lyzed on an 18% denaturing polyacrylamide gel (18% acrylamide/bis 19:1, 7 M urea, 0.5x 
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Tris/Borate/EDTA buffer). The gel was frozen and then imaged on a Typhoon 9410 Variable Mode 

Imager. 

Table B.1. Appendix B sequences. 
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APPENDIX C: EFFECT OF SUBSTRATE ENERGETICS ON RIBOZYMES SELECTED FROM 
A RANDOM POOL 

 
 

Contribution Statement 
 
Luiz F. M. Passalacqua (L.F.M.P.) performed rounds 1-6 of the selection and first sequencing 

analysis. A.D.K. performed rounds 7-12 of the selection and second sequencing analysis. A.L. 

conceived the study. 

 

C.1 Introduction 

 Phosphate reactions have been integrally incorporated into chemical processes fundamental 

to life—from maintenance of genetic information to energy transduction. Phosphoryl transfer re-

actions are enzymatically catalyzed and provide the chemical energy necessary for cellular ho-

meostasis and proliferation. Nature has clearly chosen phosphate as the activating molecule for 

these processes, likely during the advent of an RNA-based world on an early Earth.1-4 Because 

ribonucleic acids can act as genetic polymers and chemical catalysts, RNA catalyzed reactions 

likely arose as one of the earliest genetically encoded chemical transformations.5-7 While much 

effort has been extended towards discovering and generating catalytic RNAs (ribozymes), little 

has been done to investigate the chemical-evolutionary rationale for their overwhelming reliance 

on triphosphorylated substrates.8 In other words, nucleoside triphosphates prevail as one of the 

preferred high-energy molecules, but the evolutionary mechanism for choosing nucleoside tri-

phosphates vs. diphosphates, has not yet been elucidated.9-13 

  One possibility for the preference for triphosphates is that enzymes that use them as sub-

strates can be simple or act faster. To address these hypotheses and gain insight into the evolu-

tion of prebiotic energy metabolism, we performed a de novo selection of adenylylating ribo-

zymes utilizing either ATP or ADP. We have evolved a series of ribozymes that catalyze reac-

tions with di- or triphosphorylated substrates. We performed these selections in direct 
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competition to gauge ribozyme abundance in random pools, giving us a method to measure the 

relative requirement of high-energy phosphate substrates.14  

 

B.2 Results and Discussion 

  We performed an in vitro selection (from a random pool of ~5×1015 sequences) for ribo-

zymes with reversible self-adenylylating activity with ADP and ATP substrates (addition of adenyl-

ate, i.e. AMP). At the beginning of each round, the RNA pools were transcribed with limiting ATP 

and limiting Mg2+ to prevent Mg2+-dependent ribozyme adenylylation during transcription. Tran-

scribed RNA was purified, incubated with the bead-immobilized substrate––ATP and ADP in par-

allel selections––and the adenylylated RNA was separated from the rest of the pool using exten-

sive denaturing washes. Reverse transcription was performed on the beads after each round and 

the resulting cDNA was amplified and subjected to additional rounds of selection. The selection 

was sequenced at rounds 6 and 12. Previous studies with ATP and GDP substrates revealed 5′-

capping ribozymes, and we expected that the majority of the selected sequences would have 

capping activity as well.15-17 

  In order to select for ribozyme activity with either ATP or ADP, additional stringency was added 

at each round of the selection. Either the concentration of ATP used in transcription was de-

creased, the length of incubation time was decreased, or the bead volume was decreased. For 

the last 6 rounds of selection, a counter selection step was added where the RNA pool was incu-

bated with agarose beads prior to the selection round. Before the start of round 7, the pool was 

mutagenized by performing PCR with two modified nucleosides, 8-oxo-dGTP and dPTP used 1:1 

with regular dNTPs.18 Covalently bound RNA was detected on the ATP and ADP beads following 

all washes in each of the last 6 rounds of selection (Figure C.1A-B). The fraction of covalently 

bound RNA did not increase significantly between rounds; however, each round introduced new 

stringency which could account for the consistently low fraction of the pool RNA reacting with ATP 

or ADP. Following round 12 of the selection, the pool was sequenced and the relative abundancies 
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of the top 10 sequences were plotted (Figure C.1C). Sequencing the pool at different rounds of 

the selection allowed for comparison of relative sequence abundance between rounds, and al-

lowed us to monitor the shifting sequence rankings as the selection progressed. We found that 

many sequences that appeared at the top of the selection at round six appeared much lower 

ranked in the round 12 selection. For example, the top sequence in the ADP selection after round 

6 (ADP-6-1) appeared as the 42nd most abundant sequence in round 12 (ADP-12-42), and the 

second and third top sequences from round six do not appear in round 12 at all. Some sequences 

appear in both the ATP and ADP selections. The top sequence in the ADP selection after round 

12 appears in the ATP selection as the 227th sequence, and ADP-12-2 appears as ATP-12-785. 

In the ATP selection, ATP-12-1 appears as ADP-12-23. The top sequences were subjected to 

Vienna RNAfold and many are predicted to have a highly structured hairpin on the 3`-end of the 

sequence. Additionally, a known adenosine binding motif appears in some of the top sequences 

of both selections.19  

  Our preliminary data indicate that the in vitro selections for both ATP and ADP utilizing ribo-

zymes are equally successful, with no drastic difference in amplification efficiency between the 

two selections. Among the most abundant sequences in each selection, there were few se-

quences in common and they appeared as low abundance sequences in the counterpart selection 

indicating that the ADP/ATP reacting ribozymes are largely unique to the individual substrates. 

Beyond these initial observations, further analysis of the sequencing data as well as biochemical 

activity of individual clones is necessary to draw additional conclusions. Adenylylation activity 

must be measured for each of the two substrates to determine the activity of ATP vs ADP utilizing 

ribozymes, as well as the relative complexity of those ribozymes. This step will provide information 

that will further our understanding of ribozyme properties with respect to substrate energetics.20  
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Figure C.1. Selection for ATP/ADP utilizing ribozymes. Rounds 7-12 of the selection for ATP 

(A) or ADP (B) utilizing ribozymes. The black column represents the counter selection step with 

agarose beads. All blue columns represent the different washing steps following the reaction of 

ribozymes with ATP-agarose beads. The green column represents the fraction of RNA covalently 

bound to the ATP-agarose beads, presumably after having reacted with ATP (A) or ADP (B). (C) 

The abundancies of the first 10 sequences of both ATP and ADP selections.  

 

C.3 Materials and methods 

PCR, transcription, binding assay, and reverse transcription of the RNA pool. 

  Either ATP selected pools or ADP selected pools were transcribed and 32P-labeled for 1 hour 

at 37 ºC under the following conditions: 0.25 mM GTP, 0.25 mM CTP, 0.25 mM UTP, varying ATP 

concentrations, 4 mM MgCl2, 8 mM DTT, 15% v/v DNA template, a-32P-[ATP], 50 mM Tris HCl, 2 

mM spermidine, and 0.01% Triton X-100 at 50 µL total volume. Following the transcription, 2 units 

of DNase I and 1x DNase I reaction buffer were added to the transcription and reacted at 37 ºC 

for 15 minutes. The reactions were then mixed with 7 M urea gel-loading buffer and purified on a 

10% denaturing polyacrylamide gel (10% acrylamide/bis 19:1, 7 M urea, 0.5x Tris/Borate/EDTA 

buffer). The RNA was eluted from the gel in 300 mM KCl and then ethanol precipitated.  

  Agarose beads were suspended in a SpinX column and washed with 40 µL of 1x binding 

buffer (50 mM Tris HCl, 25 mM MgCl2, 150 mM KCl, pH 7.6).17 ATP and ADP RNA was resus-

pended in 40 µL of 1x binding buffer, heated to 42 ºC and added to the agarose beads. The RNA 

and agarose beads were rotated for 30 minutes, centrifuged (3000 rpm for 1 min), then the flow 

through was collected. The flow through was heated to 42 ºC and was either added to ATP or 

ADP-agarose beads with respect to the selection. The RNA was allowed to react with the ATP 

and ADP-agarose beads, then was centrifuged and the flow through collected. The columns were 

washed 8x with either a urea denaturing buffer (7 M urea, 50 mM EDTA) or a formamide buffer 

(95% formamide, 22.5 mM EDTA) heated to 42 ºC. The first four washes were incubated with the 



 123 

beads for 5 minutes at room temperature with shaking. The fifth and sixth washes were incubated 

with the beads at room temperature for 20 minutes with shaking. The seventh and eighth washes 

were added to the beads with no incubation time. A final wash was done with 1x Tris buffer (50 

mM Tris). The agarose counter selection beads, all the flow throughs and washes, and the ATP 

and ADP-agarose beads were collected and counted using a Beckman LS 6500 Multi-purpose 

Scintillation Counter. The fraction of RNA was calculated by dividing the counts of each condition 

by the total counts and multiplying by 100.  

  Reverse transcription was performed on the ATP and ADP-agarose beads under the following 

conditions: 0.5 µM RT Primer, 1x First Strand Buffer, 10 mM DTT, 0.5 mM each dNTP, and 100 

units of M-MuLV reverse transcriptase. The reactions were allowed to incubate for 30 minutes at 

42 ºC then centrifuged. The ATP and ADP-beads were washed with 1x Tris buffer and added to 

the reverse transcription reactions. The cDNA was ethanol precipitated and subsequently resus-

pended. PCR was performed to amplify the selected sequences with 0.5 µM each of a forward 

primer and reverse primer, and 1x DreamTaq PCR Master Mix. The resulting DNA was then car-

ried on to subsequent rounds of selection. DNA from round 12 of the selection was amplified with 

TrueSeq adaptors, then another PCR was performed to add the Illumina barcodes to the ATP 

and ADP-selections and the reactions were gel purified. The libraries were submitted for Illumina 

Sequencing and the resulting data was counted and primer regions were trimmed using FastAp-

tamer and CutAdapt.21 

Conditions for each selection round. 

Round 7: All conditions as above, but the transcription was performed with 0.075 mM ATP. The 

transcribed and purified pools were incubated with 40 µL (~5 mM) of either ATP or ADP-agarose 

beads for 2 hours.  

Round 8: All conditions as above, but the transcription was performed with 0.050 mM ATP. The 

transcribed and purified pools were incubated with 40 µL (~5 mM) of either ATP or ADP-agarose 

beads for 2 hours. 
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Round 9: All conditions as above, but the transcription was performed with 0.050 mM ATP. The 

transcribed and purified pools were incubated with 40 µL (~5 mM) of either ATP or ADP-agarose 

beads for 1 hour.  

Round 10: All conditions as above, but the transcription was performed with 0.050 mM ATP. The 

transcribed and purified pools were incubated with 20 µL (~2.5 mM) of either ATP or ADP-agarose 

beads for 1 hour.  

Round 11: All conditions as above, but the transcription was performed with 0.050 mM ATP. The 

transcribed and purified pools were incubated with 20 µL (~2.5 mM) of either ATP or ADP-agarose 

beads for 30 minutes.  

Round 12: All conditions as above, but the transcription was performed with 0.050 mM ATP. The 

transcribed and purified pools were incubated with 10 µL (~1.25 mM) of either ATP or ADP-aga-

rose beads for 30 minutes. 

 

Table C.1. Appendix C sequences. 
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APPENDIX D: BIOLUINESCENT PROBES FOR IMAGING CELL-CONTACT                  
EVENTS IN VIVO 

 

Note: Previously submitted as the Second Year Research Report in partial satisfaction for the                      

degree of Doctor of Philosophy in Chemistry. 

D.1 Abstract 

Cell-contact events are key to numerous biological processes and govern many functions 

including disease onset and cell motility. However, current methods of studying these interactions 

are incapable of delivering information on the macroscale. I am developing caged luciferins that 

can report on cell-cell interactions in tissues and whole animals. I have synthesized one probe 

that can be selectively released by nitroreductase (NTR)-expressing cells. The liberated luciferin 

is preferentially consumed by neighboring luciferase-expressing cells, providing a readout on cell 

proximity. I have also designed caged luciferase enzymes that provide an amplification of signal 

for more sensitive imaging. Herein is presented progress toward this goal employing caged lucif-

erin molecules or circularly permutated, caged luciferases capable of imaging cell proximity in 

vivo. 

D.2 Introduction 

Cell-cell interactions govern numerous in vivo functions from immune responses to host-

pathogen communication.1-3 These cellular communications occur on the microscopic scale and 

cannot be visualized non-invasively on a whole animal scale.4,5 Studying these exchanges is cen-

tral to expanding our understanding of fundamental physiological processes. Thus, methods to 

“see” cell-cell interactions are needed. The goal of my research is to develop a toolset that gives 

us a window into the world of microscopic interactions on a macroscopic scale.  

Much of our knowledge regarding cell-cell interactions derives from fluorescence-based 

imaging strategies.4 However, these techniques are largely confined to imaging on the microscale. 

This is due, in part, to their need for excitation light. Researchers must know where and when to 
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excite the sample, which may be unclear when surveying a large area. Tissues also exhibit high 

autofluorescence, decreasing the sensitivity of many conventional fluorescent proteins on the 

macroscale.6  

As a complement to fluorescence-based microscale approaches, bioluminescence imag-

ing (BLI) enables examination of cellular interactions on a macroscopic scale.7-9 BLI relies on 

enzymes (luciferases) that produce light with luciferin substrates. The most widely used lucifer-

ase/luciferin pair originates from the firefly.7 Firefly luciferase (Fluc) catalyzes the oxidation of D-

luciferin (D-luc), releasing light that can penetrate tissues and skin and be detected by sensitive 

cameras.10 Since BLI relies on a chemical reaction and requires no excitation light, it is often more 

suitable for addressing biological questions on a whole animal level. Indeed, Fluc and D-luc have 

been used to image diverse biological phenomena such as tumor metastases and bacterial clus-

ters in mouse models.3, 11-13 

 

Figure D.1. Monitoring cell-cell interactions utilizing a caged luciferin probe. Figure adapted 

from Reference (14) (A) Strategy for visualizing cell contact. (B) After removal of the cage in an 

activator cell, D-luciferin (D-luc) or an analog diffuses into a firefly luciferase (Fluc) expressing 
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cell, and is oxidized to produce light. (C) Luntr or nitro caged luciferin (NCL) can be uncaged by 

nitroreductase (NTR) to produce hydroxylamine luc or D-luc respectively. 

While broad in scope, BLI currently lacks the spatial resolution to report on microscopic 

cell contact events with adequate detail.8 BLI tracks global cell movements and numbers, but like 

many macroscale techniques, can only approximate cell locations and interactions. The objective 

of my research is to build on the sensitivity of BLI and craft bioluminescent tools to observe cell-

cell interactions by correlating cell proximity with bioluminescent photon output (Figure D.1).14 To 

this end, I have been working to develop “caged” luciferins.15 These probes incorporate masking 

groups that prevent light emission until removed by a corresponding enzyme. Such luciferins can 

be co-opted to visualize cell-cell interactions.16,17 In this strategy, one cell (expressing the uncag-

ing enzyme) can liberate the luciferin, enabling nearby Fluc-expressing cells to use the probe.18 

Light emission is greatest in regions where the two cell types are in direct contact.  

Caged luciferins for imaging cell-cell contacts must meet several criteria. They should emit 

little to no light before enzymatic release, and thus be resistant to non-specific uncaging under 

physiological conditions. The luciferins should also freely diffuse between cells and produce a 

high level of light emission upon Fluc catalysis. Finally, the probes should be rapidly uncaged, 

enabling sufficient luciferin to be produced on timescales relevant to cell-cell interactions.18 Ni-

troreductase (NTR) is an enzyme not expressed in many mammalian cells, making it an attractive 

uncaging enzyme for imaging cell-cell interactions relevant to human biology. NTR has also been 

widely used to remove masking groups from fluorophores and other clinically relevant imaging 

molecules, demonstrating its robustness for reducing nitro groups in vivo.19-22  

Previously, the Prescher lab capitalized upon the selective reducing nature of nitroreduc-

tase and designed a NTR-sensitive caged luciferin (Luntr) comprising a 6’-nitro group. Although 

NTR could effectively uncage Luntr and liberate a reduced hydroxylamine luciferin (Figure D.1B), 

the product displayed low light emission. We hypothesized that this was due to a combination of 

low cell membrane permeability, slow uncaging, and Fluc turnover of Luntr itself. Low light 
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emission coupled with very slow in cellulo uncaging rates, extending 6-12 h in some experiments, 

severely limited in vivo utility, necessitating the development of new caged probes.  

To identify improved probes, I am exploring alternative NTR-sensitive cages (Figure 

D.1C). I hypothesized that an alternative nitro caged luciferin (NCL) could address some of the 

limitations presented by Luntr. NCL is known to exhibit faster uncaging kinetics and permeate 

bacterial cell walls. Thus, I pursued this avenue of investigation and report my progress toward 

developing a more robust, caged, bioluminescent tool. I also hypothesized that with previously 

mentioned advantages, NCL might extend its utility to bacterial sensing and host pathogen inter-

actions, biological interactions Luntr was unable to report on. Finally, I present my efforts toward 

developing a new method to visualize cell contacts with extracellularly activated luciferases. Such 

tools have the potential to boost bioluminescent photon output and enable more sensitive imaging 

of cell-cell interactions. 

D.3 Results and Discussion 

Design and in vitro characterization of an NTR-responsive caged luciferin.  

In exploring new probe designs, I was attracted to a recently reported caged luciferin. 23 

NCL was designed to sense engineered strains of bacteria expressing Fluc. Most bacterial spe-

cies express high levels of NTR, such that NCL can be rapidly cleaved, liberating D-luc. Unlike 

Luntr, NCL uncaging provides a more cell permeant luciferin.24 D-Luc is the native substrate of 

Fluc and can easily pass between cell membranes. D-Luc also possesses a higher quantum yield 

and photon output compared to other luciferin architectures.25,26 These enhancements should im-

prove imaging sensitivities, and enable NCL to be used in a wider array of cell contact applica-

tions. 
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Figure D.2. NCL is stable, but is uncaged in vitro. (A) NCL (250 µM) was incubated with media 

(DMEM + 10% FBS) or 50,000 DB7 cells at 37 °C for 62 h. Non-specific uncaging was monitored 

by fluorescence (Ex: 350, Em: 534). Fluorescence signal was normalized for background and 

plotted as percent of uncaged probe present. (B) NCL (100 µM) was incubated with NADH (200 

µM) and NTR ([+] = 10 µg/mL, [–] = no enzyme) at 37 °C for 0-45 min. Reactions were then 

imaged for 5 min following the addition of Fluc (10 µg/mL) and ATP (500 mM). The fold induction 

in bioluminescent signal is plotted and sample bioluminescence images are shown. Error bars for 

(A) and (B) represent the standard deviation of the mean for n = 3 replicates.  

To test this hypothesis, I first prepared NCL according to an established protocol (Figure 

D.S1).23 The stability of NCL was then assessed via NMR (Figure D.S2). No degradation was 

observed over several days, suggesting that it would be suitable for imaging in tissues and whole 

organisms.27 The probe was also tested in more physiologically relevant conditions. NCL was 

incubated with cell media (DMEM + 10% FBS) or DB7 cells, and probe integrity was monitored 

via fluorescence over time (Figure D.2A). NCL and the uncaged probe (D-luc) have unique fluo-

rescence signatures and thus the non-specific uncaging of the probe can be monitored at 𝜆ex 350 

nm and 𝜆em 534 nm.28 Minimal degradation was observed after 1 h, the time scale relevant to the 

majority of in vivo imaging experiments.  
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 Confident in NCL’s ability to capture cell-cell interactions, I evaluated its uncaging in vitro. 

NCL was incubated with purified NTR for 0-45 min and aliquots were then added to purified Fluc 

and imaged (Figure D.2B). Robust light emission was observed even after 5 min of incubation. 

NCL exhibits much faster uncaging kinetics compared to Luntr, where little signal was observed 

until 30 min of NTR exposure.14 It should be noted that these data were acquired with NTR ex-

hibiting 45% activity relative to previously published activity (Figures D.S3-S4).14 While the rela-

tive comparisons between Luntr and NCL are most important, future experiments will utilize fully 

active NTR. Thus far, the initial experiments indicate that NTR provides a two-fold improvement 

in activation compared to Luntr, but on a much faster time scale. A detailed kinetic analysis of 

NCL responsiveness to NTR in vitro has been previously published and comparable activity will 

be confirmed upon expression of NTR.23 

NCL can be uncaged by NTR-expressing mammalian cells.  

The uncaging reaction of NCL by NTR was also investigated in cellulo using a mouse 

breast cancer cell line (DB7) engineered to express bacterial NTR.14, 29 NCL was added to DB7-

NTR cells. After 30 min, the media from these cultures was transferred to wells containing Fluc 

and ATP. As shown in Figure D.3A, dose-dependent light emission was observed up to 10 µM. 

Non-NTR expressing cell lines showed no appreciable uncaging (figure D.S5).30 Less light emis-

sion was observed at higher concentrations of NCL though, likely due to product inhibition or NCL 

competitively binding the Fluc active site. To test this latter hypothesis, increasing amounts of 

NCL were added to a solution of Fluc and D-luc. As shown in Figure D.3B, larger concentrations 

of NCL inhibited light output. Oxyluciferin (the product of Fluc catalysis) is also an inhibitor of 

Fluc.31,32 Thus, these two phenomena are likely impeding light emission. It is possible that NTR is 

exhibiting low uncaging efficiency in cells. However, the exact amount of D-luc being released is 

difficult to measure. More experiments will be done to test this hypothesis, but uncaging efficiency 

is a possible parameter to improve in my strategy. If improved uncaging is necessary in 
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mammalian cells, I will engineer the cells to express a codon optimized NTR.33,34 Future experi-

ments could also focus on evolving NTR to for improved uncaging efficiency.   

 

Figure D.3. NTR is uncaged in cellulo in a dose dependent manner. (A) NCL was added to 

50,000 DB7 NTR expressing cells. Media was then transferred to a 96-well plate containing Fluc 

(10 µg/mL) and ATP (500 mM) after a 30 min incubation at 37 °C. The total flux is plotted on a 

log scale. Error bars represent the standard deviation of the mean for n = 3 replicates. (B) Caged 

probe inhibits light emission. NCL was added to a 96-well plate containing Fluc (10 µg/mL), ATP 

(500 mM), and D-luc (100 µM). The total flux is plotted and sample bioluminescence images are 

shown. Error bars represent the standard deviation of the mean for n = 3 replicates.  

NCL selectively reports on cell-cell interactions. 

Based on promising initial data, I progressed to a completely cellular regime in which NCL 

uncaged by one cell type could be processed by Fluc-expressing cells. DB7-NTR cells were again 

incubated with NCL for 0-120 min. Media samples from the cultures were then transferred to DB7 

cells expressing Fluc (DB7-Fluc). Light emission was observed as early as 5 min into the incuba-

tion period, a drastic improvement over the 16 h incubation period required for light emission with 

Luntr (Figure D.4A).14 This result confirms that the uncaged form of NCL, D-luc, can easily diffuse 
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between cells and solves one of the key limitations of earlier cell-contact investigations in the 

Prescher lab. DB7 NTR cells were then co-plated with DB7 Fluc cells, and BLI was performed 

periodically after addition of NCL (Figure D.4B). Successful uncaging of NCL was observed in 

the co-plating experiment and a 40-fold increase in bioluminescent signal over non-specific back-

ground was observed. Compared to the six-fold increase seen from Luntr, NCL offers a significant 

improvement.14 Both media transfer and co-plating assays provide strong evidence that NCL is 

reporting on cell contact, which will be verified through obtaining distance dependent data by 

employing stencils previously pioneered in the Prescher lab.14,35 Photon output from these co-

plating data further suggests that as few as 300-700 cell-cell interaction events can be visualized 

with NCL in a mouse model, as calculated from bioluminescence imaging standards.36,37 

 

Figure D.4. NCL is uncaged and consumed in cells. (A) NCL and uncaged D-luc are cell per-

meant demonstrated with a media transfer assay. NCL (250 µM) was added to 50,000 DB7 NTR 

cells and allowed to incubate at 37 °C for 0-120 min. Media from those cells was then transferred 

to DB7 Fluc cells and imaged. Total photon flux is plotted. Error bars represent the standard 

deviation of the mean for n = 3 replicates and the data are representative of two independent 

runs. (B) NCL is uncaged and used when DB7 NTR and DB7 Fluc cells are plated together. NCL 

(250 µM) was added to 50,000 DB7 NTR cells and 50,000 DB7 Fluc cells. Bioluminescence 
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images were collected over 120 min. The fold induction in bioluminescent signal over control DB7 

cells is plotted. Error bars represent the standard deviation of the mean for n = 3 replicates and 

the data are representative of three independent runs. 

Application of NCL to host-pathogen interactions. 

Earlier probes prevented sensitive imaging of host pathogen interactions. In order to de-

termine if NCL would be a viable probe to monitor these phenomena, a model bacteria system 

with Escherichia coli was investigated. E. coli transformed with an ampicillin resistant vector were 

grown overnight from a single colony. The number of bacteria in the stock was estimated from 

OD600 measurements. Serially diluted samples were then added to DB7-Fluc cells and incubated 

for 0-90 min (Figure D.5A). Following addition of NCL, signal was observed over background in 

a dose-dependent manner, but with inverse dependence with respect to E. coli concentration. 

The lowest concentrations of bacteria showed the highest light emission from 0-30 min; for 100 

E. coli cells, a 12-fold increase was measured over background indicating that very low numbers 

of bacteria can be detected (Figure D.5B). Some reports on bacterial growth indicate that NTR 

and other metabolic enzymes are upregulated at low E. coli concentrations, which could provide 

one hypothesis for the inverse dependency.38,39 The high concentrations of bacteria could also be 

causing mammalian cell death.40 More experiments will be conducted to evaluate these hypothe-

ses. A sensitive assay for detection of bacteria could have applications in investigating pathogen 

interactions with specific cell types in vivo such as tracking immune responses to infection.41 
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Figure D.5. NCL can detect low numbers of bacteria. (A) E. coli (102-108 cells) were added to 

DB7 Fluc cells. NCL (250 µM) was added and bioluminescence images were acquired over time. 

Total flux is plotted. (B) The fold induction in bioluminescent signal over background is potted for 

100 E. coli. For (A) and (B) error bars represent the standard deviation of the mean for n = 3 

experiments and data are representative of two biological repeats.  

Progress towards a protease-responsive luciferase.  

In conjunction with my work on NTR-responsive caged luciferins, I have also been design-

ing a system for detection of cell contact events that does not rely on caged luciferins. This ap-

proach involves “caged” luciferase enzymes that can be expressed on cell surfaces and uncaged 

in response to secreted enzymes from neighboring cells (Figure D.6A).42-44 The luciferases se-

lected for this purpose were Gaussia luciferase and Nanoluc.45,46 These enzymes can emit light 

in the extracellular space, as they do not require ATP to catalyze their substrates (coelantrazine 

and furimazine, respectively). This approach could potentially provide a more direct readout of 

cell contact, but more importantly, it could enhance bioluminescent photon output. Each produc-

tive uncaging results in the release of an enzyme that can catalyze multiple turnovers. In the case 

of NCL and other caged substrates, each uncaging event provides a maximum of one photon. 

Caged enzymes could thus enable imaging on a broader timescale than transient interactions 
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that can be studied with other caged tools.37 It can be applied to problems such as organ devel-

opment and longer-lived immune interactions.1,47 

 

 

Figure D.6. Circular luciferases can be used to monitor cell contact. (A) A circular luciferase 

is split by a protease (TEV) recognition site. TEV cleaves the recognition site keeping the two 

halves of the protein apart allowing the protein to reform. (B) Sequences of the cLuc inserts in 

pBMN vectors. The secreted version featured on the top has a Flag recognition sequence on the 

N terminus followed by the C terminal portion of Nluc, a TEV recognition sequence, and the N 

terminal portion of Nluc at amino acid split 65/66. In the transmembrane version, the C terminus 

of Gluc is followed by a TEV recognition sequence, the N terminus of Gluc, a Glycine-Serine 

linker, and the CD4 transmembrane domain at amino acid split 93/94.  

I have been working toward developing circular variants of Gaussia (Gluc) and Nano 

(Nluc) luciferases in which they are split at one point and encoded such that the C-terminus (B) 

of the protein precedes the N-terminus (A).48-50 The two parts of the protein are then joined by a 

protease recognition element. When in the presence of the matching protease, that sequence is 

cleaved and should allow for the reformation of functional protein (Figure D.6A). After careful 

review of literature precedence for circularized proteins and use of extracellular luciferases to 

detect small molecules, I designed split positions for both extracellular luciferases and added a 

protease recognition sequence. I chose TEV protease as an initial model to work with due to its 
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detailed characterization and use in other circularized protein variants.51 I expressed TEV prote-

ase according to a protocol adapted from the Martin lab (UCI) and confirmed its activity compared 

to a standard (Figure D.S6). I designed both secreted and transmembrane variants of both 

Gaussia and Nano luciferases. We cloned two of these constructs into PBMN vectors (Figure 

D.6B). I have been progressing toward making other circularly permutated luciferases and trans-

fecting current plasmids into HEK293 cells. 

D.4 Summary and Future Directions 

A pressing need in the bio-imaging field is the visualization of microscopic events on a 

macroscopic scale. I have been working to address these needs on two fronts. In one area, I have 

made strides toward the development of a viable approach to imaging cell contact events utilizing 

a caged luciferin, NCL, which represents an improvement over other NTR-responsive probes in 

both in vitro and in cellulo regimes. NCL has also been shown to exhibit bacteria-sensing capa-

bilities useful for host pathogen visualization due to low detection limits. Cell data suggests that 

only 300-700 contact events are necessary to visualize cell-cell interactions in a mouse model, 

demonstrating progress toward in vivo imaging.  I can further improve on that limit through codon 

optimization and directed evolution of NTR. Optimized NCL imaging will be used to detect immune 

interactions with tumor metastases in vivo. Finally, I have begun progress toward developing of a 

fully genetic cell contact visualization system, that allows for signal amplification compared to BLI 

methods employing caged probes and could thus afford even greater sensitivity in the quest to 

visualize cell contact. In further developing these probes, I am adding more tools for biolumines-

cent imaging to those already available in the Prescher Lab in order to shed light on macroscale 

biological processes. 
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D.5 Supporting Information 

 

Figure D.S1. Synthetic route for NCL following the protocol reported by Vorobyeva, A. G. et al.23 

 

 

 

 

Figure D.S2. NMR stability study in D2O. Monitoring of probe in D2O over seven days shows 

no degradation products.  
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Figure D.S3. Gel electrophoresis image and bioluminescence from NTR expression. (A) Gel 

electrophoresis image displaying the expression of NTR as described in the Materials and Meth-

ods section. The uninduced fraction comprised BL21 cells before addition of IPTG, and the in-

duced fraction comprised cells following addition of IPTG and growth. The supernatant and pellet 

fractions were collected taken after lysis of the bacteria and centrifugation. The flow through (FT) 

was the fraction collected after the supernatant was allowed to bind to a Ni-NTA column. Washes 

(W1, W2) were performed and the protein was eluted (E1-E5). NTR (26 kDa) appears in E1-E3.  

(B) Expressed NTR was not active and did not reduce the Luntr. Luntr (100 µM) was incubated 

with NADH (200 µM) and NTR (10 µg/mL) at 37 °C for 0-45 minutes. Reactions were treated with 

Fluc (10 µg/mL) and ATP (500 mM), then imaged. Background light emission indicates samples 

containing Fluc and ATP only. Note that Luntr does show some activity with Fluc over background 

consistent with previously published data.14 Error bars represent the standard deviation of the 

mean for n = 3 replicates.  
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Figure D.S4. Fluorescence data generated from partially active NTR uncaging Luntr. NTR 

aliquot demonstrates reduced activity. Luntr (100 µM) was added to NADH (200 µM) and NTR (2 

µg/mL). The reaction was monitored over 4.5 h at an excitation wavelength of 350 nm. Measure-

ments were taken in 5 min intervals and representative spectra are shown. 
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Figure D.S5. DB7-NTR cells selectively remove a nitro cage. Nitroimidizole caged Oregon 

Green (NMOG 100µM) (courtesy of the Lavis lab, HHMI Janelia) was added to 50,000 cells of 

DB7-NTR, DB7-Fluc, or DB7 cells.30 Fluorescence was measured at 𝜆ex 500 nm and 𝜆em 528 nm 

and was monitored over 24 h. Error bars represent the standard deviation of the mean for n = 3 

replicates and data are representative of three independent runs. 
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Figure D.S6. Gel electrophoresis images from TEV protease expression.  (A) Gel electro-

phoresis image for TEV protease isolation as described in the Materials and Methods section. 

The uninduced fraction comprised BL21 cells before addition of IPTG, and the induced fraction 

comprised cells following addition of IPTG and growth. The supernatant and pellet fractions were 

collected taken after lysis of the bacteria and centrifugation. The flow through (FT) was the fraction 

collected after the supernatant was allowed to bind to a Ni-NTA column. Washes (W1, W2) were 

done and the protein was eluted (E1-E5). TEV protease (27 kDa) as well as the MBP-TEV fusion 

can be visualized. (B) Gel electrophoresis image of the second purification of TEV protease after 

self-cleavage from the MBP tag. (C) Sequence of expressed protein. Maltose binding protein 

(MBP) is followed by the protease recognition sequence for TEV. A poly histidine tag allowing for 

nickel column purification precedes TEV protease, and the construct ends with a poly arginine 

tag (poly R). 
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Figure D.S7. Fluorescence data for Figure D.2A. NCL (250 µM) was incubated with media 

(DMEM + 10% FBS) or 50,000 DB7 cells at 37 °C for 62 h. Non-specific uncaging was monitored 

by fluorescence (Ex: 350, Em: 534). Fluorescence signal was normalized for background. The 

dashed line represents 250 µM D-luc. Error bars represent the standard deviation of the mean for 

n = 3 replicates.  

 
D.6 Materials and Methods 
 
General biological methods. 

All restriction enzymes and T4 DNA ligase were purchased from New England Biolabs. 

DNA polymerase (DreamTaq) was purchased from Thermo Scientific. Buffer salts and dNTPs 

were purchased from Fisher Scientific. Luria-Bertani medium (LB) was purchased from Genesee 

Scientific. Profinity IMAC Uncharged Resin was purchased from BioRad  and then charged with 

0.1 M NiCl2 before use in protein purification. NADH was purchased from Research Products 

International Corp. and D-luciferin was purchased from Biosynth International Inc. All PCR reac-

tions and restriction enzyme reactions were analyzed using agarose gel electrophoresis and eth-

idium bromide staining. For all experiments, NCL was prepared as a 25 mM stock by first dissolv-

ing in DMSO followed by dilution with PBS (final concentration of 10% DMSO). NCL was stored 

as a solid at –80 °C under argon. Solutions of NCL were stored at –80 °C for up to two weeks.  

General fluorescence imaging. 
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All fluorescence uncaging and stability assays were performed using black Grenier-Bio 

96-well microplates on a Molecular Devices SpectrMax Gemini XPS microplate reader. Sample 

volumes of 100 µL per well were used and all plates were incubated at 37 °C for the duration of 

the experiment. All measurements were performed in triplicate. Fluorescence data were exported 

and analyzed using GraphPad Prism 7 and Microsoft Excel.  

General bioluminescence imaging.  

All in vitro biochemical and cell culture assays were performed using Grenier-Bio 96-well 

microplates. Plates were imaged in a light proof chamber with an IVIS Lumina (Xenogen) CCD 

camera chilled to –90 °C. The imaging stage was kept at 37 °C throughout the experiment. The 

camera was controlled utilizing Living Image software. Exposure times ranged from 1-10 s for in 

vitro biochemical assays with data binning levels set to medium. Exposure times ranged from 10-

30s for cell culture assays with data binning levels set to medium. Total flux values were quantified 

using Living Image software and bioluminescence images were taken from those displayed using 

Living Image software. Data were plotted and analyzed using GraphPad Prism 7.  

General cell culture methods.  

HEK 293 cells (ATCC), DB7 cells, DB7-Luc2 cells (courtesy of the Contag Lab, Stanford), 

and DB7-NTR cells (generated in the Prescher Lab) were cultured in complete media: DMEM 

containing 10% (vol/vol) FBS (Corning), 4.5 g/L glucose, 2mM glutamine, 100 U/mL penicillin, 

and 100 µg/mL streptomycin all from Gibco. Cells were maintained in a 5% CO2, water-saturated 

incubator at 37 °C. Circularized luciferase plasmids in Figure 7B were obtained from Krysten 

Jones (Prescher Lab). The pET-NTR plasmid was obtained from William Porterfield (Prescher 

Lab). 

Cloning of circularized luciferase constructs.  

Table D.S1. Primers used for cloning.  
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Number Primer Sequence 5' to 3'  
1 For ATAATGCATGAGGCGATCGTCGAGATTC 

2 Rev 
ATACTCGAGGCCCTGGAAGTACAGGTTCTCACGCGTGTCACCAC-
CGGCCCC 

3 For ATAGAATTCGGTCTGAGCGGCGACC 
4 Rev GCCCTGGAAGTACAGGTTCTCACGCGTCGCCAGAATGCGTTCGC 

5 For 
ACGCGTGAGAACCTGTACTTCCAGGGCATGCATGTCTTCACAC-
TCGAAGATTTCGTTG 

6 Rev ATAATTAATTAATTCATACGGGATGATGACATGG 
7 For ATAATGCATGGGCTGAAGATCGACATCCA 
8 Rev GCCCTGGAAGTACAGGTTCTCACGCGTCGCCAGAATGCGTTCGC 

9 For 
ACGCGTGAGAACCTGTACTTCCAGGGCCTCGAGGTCTTCACAC-
TCGAAGATTTCGTTG 

10 Rev ATAGCGGCCGCTTAATTTTCACCGCTCAGGACAATC 
11 For ATAGAATTCGGGCTGAAGATCGACATCCA 

12 For 
ACGCGTGAGAACCTGTACTTCCAGGGCATGCATGTCTTCACAC-
TCGAAGATTTCGTTG 

13 Rev ATAATTAATTAAATTTTCACCGCTCAGGACAATC 
14 For GGCCGGCCGAGGCGATCGTCGACATTC 

15 Rev 
CTCGAGGCCCTGGAAGTACAGGTTCTCATTAATTAAGTCACCAC-
CGGCCCC 

16 For GGCCGGCCGGGCTGAAGATCGACATCCA 

17 Rev 
CTCGAGGCCCTGGAAGTACAGGTTCTCATTAATTAAC-
GCCAGAATGCGTTCG 

18 For 
TAATTAATGAGAACCTGTACTTCCAGGGCCTCGAGGTCTTCACAC-
TCGAAGATTTCGTT 

19 Rev TCTAGATTAATTTTCACCGCTCAGGACA 
20 For GGCCGGCCGGTGAAAGCTTGTTTAAGGGACC 
21 Rev TCTAGAGGTTCATGAGTTGAGTTGCTTCTTT 

 

Circularized secreted GLuc plasmid (pBMN) 

Progress was made toward a circularized secreted Gluc construct preceded by a Kozak sequence 

with the structure: FLAG-GlucB-TEVRS-GlucA. The GlucB-TEVRS portion of this sequence was 

cloned using Primers 1 and 2 from the Prescher lab vector: pBMN Fos-GlucB. A plasmid, pBMN 

Jun-GlucA, previously made in the Prescher lab was digested with restriction enzymes NsiI and 

XhoI to prepare for cloning of the insert. 

Circularized transmembrane Nluc65/66 plasmid (pBMN) 
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Vector backbone and insert were prepared en route to a transmembrane secreted Nluc construct 

preceded by a Kozak sequence with the structure: FLAG-Nluc66-TEVRS-Nluc65-CD4. The 

Nluc66-TEVRS-Nluc65 portion of this sequence was cloned using Primers 3-6 from the Prescher 

lab vector: pBMN Nluc-FL. pBMN Jun-GlucA-CD4 was digested with restriction enzymes EcoRI 

and PacI to prepare for cloning of the insert. 

Circularized secreted NLuc52/53 plasmid (pBMN) 

Vector backbone and insert were prepared en route to a circularized secreted Nluc construct 

preceded by a Kozak sequence with the structure: FLAG-Nluc53-TEVRS-Nluc52. The Nluc53-

TEVRS-Nluc52 portion of this sequence was cloned using Primers 7-10 from the vector pBMN 

Nluc-FL. pBMN Jun-GlucA was digested with restriction enzymes NsiI and NotI to prepare for 

cloning of the insert. 

Circularized transmembrane Nluc52/53 plasmid (pBMN) 

Vector backbone and insert were prepared en route to a transmembrane secreted Nluc construct 

preceded by a Kozak sequence with the structure: FLAG-Nluc53-TEVRS-Nluc52-CD4. The 

Nluc53-TEVRS-Nluc52 portion of this sequence was cloned using Primers 8 and 11-13 from the 

vector pBMN Nluc-FL. pBMN Jun-GlucA-CD4 was digested with restriction enzymes EcoRI and 

PacI to prepare for cloning of the insert. 

Circularized secreted GLuc plasmid (pcDNA) 

Vector backbone and insert were prepared en route to a circularized secreted Gluc construct 

preceded by a Kozak sequence with the structure: FLAG-GlucB-TEVRS-GlucA. The GlucB-

TEVRS portion of this sequence was cloned using Primers 14-15 from the Prescher lab vector: 

pcDNA3.1 Fos GlucB. The Prescher lab vector, pcDNA3.1 Jun-GlucA was digested with re-

striction enzymes FseI and XhoI to prepare for cloning of the insert. 

Circularized secreted NLuc52/53 plasmid (pcDNA) 

Vector backbone and insert were prepared en route to a circularized secreted Nluc construct 

preceded by a Kozak sequence with the structure: FLAG-Nluc53-TEVRS-Nluc52. The Nluc53-
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TEVRS-Nluc52 portion of this sequence was cloned using Primers 16-19 from the vector pBMN 

Nluc-FL. pcDNA3.1 Jun-GlucA was digested with restriction enzymes FseI and XbaI to prepare 

for cloning of the insert. 

Secreted TEV plasmid (pcDNA) 

Vector backbone and insert were prepared en route to inserting TEV protease into a mammalian 

vector. A protein expression plasmid containing TEV (courtesy of the Martin Lab, UCI) was used 

to clone an insert containing TEV using Primers 20-21. pcDNA3.1 Jun-GlucA was digested with 

restriction enzymes FseI and XbaI to prepare for cloning of the insert. 

NTR expression and purification.  

A pET-NTR plasmid was transformed into chemically competent E. coli BL21 cells. Over-

expression and purification were performed following the procedure of Olekhnovich, et al.52 The 

purified protein was dialyzed into 50 mM Tris, 50 mM NaCl (pH 7.5) buffer. The sample was then 

concentrated to 750 µg/mL via spin column (GE Healthcare, VivaSpin, 5 kDa MWCO). Gel elec-

trophoresis and staining with coomassie blue was done to confirm expression and the resulting 

image is shown in Figure D.S3. 

TEV protease expression and purification.  

TEV protease overexpression and purification were performed following a protocol provided by 

the Martin lab (UCI).  In brief, an MBP-TEV protease plasmid (courtesy of the Martin lab) was 

transformed into chemically competent E. coli BL21 cells. A single colony was grown in 25 mL of 

LB with ampicillin overnight. The culture was added to 1 L of LB with ampicillin and allowed to 

grow at 37 °C to OD600 = 0.7. IPTG was added to a concentration of 1 mM, and the culture was 

allowed to grow at 37 °C for 6.5 h. The culture was centrifuged at 6000 x g and the resulting pellet 

was resuspended in 35 mL of lysis buffer (300 mM NaCl, 50 mM Na3PO4, 10 mM imidazole, 

0.05% NaN3, 10% glycerol, pH 7.4). Cells were lysed with sonication and centrifuged at 10,000 

rpm. The supernatant was applied to a Ni-NTA column overnight. The flow through was collected 

and then two washes were done with wash buffer (300 mM NaCl, 50 mM Na3PO4, 10 mM 
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imidazole, 0.05% NaN3, pH 7.8). Five elutions were done with elution buffer (300 mM NaCl, 50 

mM Na3PO4, 250 mM imidazole, 0.05% NaN3, pH 7.8). In order to facilitate self cleavage, 1 mM 

DTT and 0.5 mM EDTA were added to the elution fractions and allowed to incubate for 24 h at 4 

°C. The elution fractions were then applied to a Ni-NTA column for 5 min. The flow through was 

collected and two washes were done with wash buffer. Elution buffer was used to collect 3 elution 

fractions. The elution fractions were combined and dialized for 24 h in dialysis buffer (300 mM 

NaCl, 50 mM Na3PO4, 0.05% NaN3, pH 7.8). TEV protease was concentrated to 980 µg/mL via 

spin column (GE Healthcare, VivaSpin, 5 kDa MWCO). Activity was confirmed using a SensoLyte 

520 TEV Protease Assay Kit.  

Fluorescence assays. 

Luntr uncaging by expressed NTR 

Luntr (100 µM) was incubated with NADH (200 µM) and NTR (2 µg/mL). Assays were performed 

in PBS in black 96-well microplates. Incubation and readings were conducted at 37 °C. Fluores-

cence spectra were acquired every 10 min over 4.5 h. An excitation wavelength of 350 nm was 

used and spectra were collected over 400-650 nm. Assays were performed in triplicate and the 

data shown in Figure D.S4 are representative of two independent runs.  

NCL stability assay 

DB7 cells (50,000 cells/well in complete media) were plated in a black 96-well microplate at 100 

µL volumes. Complete media (100 µL/well) was added to a number of wells on the microplate. D-

Luc (250 µM) or NCL (250 µM) was added to either DB7 cells or complete media. Fluorescence 

was monitored at 𝜆ex 350 nm and 𝜆em 534 nm for 60 h. The microplate was incubated at 37 °C for 

the duration of the experiment. Assays were performed in triplicate, and the data are shown in 

Figure D.2A.  

Uncaging efficiency of DB7 cell lines 

DB7, DB7-Fluc, and DB7 NTR cells were plated in separate wells on a black 96-well plate (50,000 

cells/well) and allowed to adhere for 24 h. Nitroimidizole caged Oregon Green (NMOG 100 µM) 
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was added wells containing cells or media only. Fluorescence was measured at 𝜆ex 500 nm and 

𝜆em 528 nm. The microplate was incubated at 37 °C for the duration of the experiment. Assay was 

performed in triplicate and the data are shown in Figure D.S5. 

Enzymatic bioluminescent assays.  

Bioluminescent assay with Luntr and expressed NTR 

Luntr (200 µM) was incubated with NADH (400 µM) in the presence or absence of NTR (20 µg/mL) 

for 0-45 min at 37 °C. Aliquots (50 µL) were added to wells on a 96-well black microplate contain-

ing purified Fluc (expressed by Krysten Jones, Prescher lab) (20 µg/mL) and ATP (1 mM) in 

bioluminescence imaging (BLI) buffer (20 mM Tris, 0.5 mg/mL BSA, 0.1 mM EDTA, 1 mM TCEP, 

2 mM MgSO4, pH 7.6) for a total volume of 100 µL. Bioluminescent images were acquired, and 

the data are shown in Figure D.S3. Assays were performed in triplicate. 

Bioluminescent assay with NCL and expressed NTR  

NCL (200 µM) was incubated with NADH (400 µM) in the presence or absence of NTR (provided 

by William Porterfield, Prescher lab) (20 µg/mL) for 0-45 min at 37 °C. Aliquots (50 µL) were 

added to wells on a 96-well black microplate containing purified Fluc (expressed by Krysten 

Jones, Prescher lab) (20 µg/mL) and ATP (1 mM) in bioluminescence imaging (BLI) buffer for a 

total volume of 100 µL. Bioluminescent images were acquired and the data are shown in Figure 

D.2B. Assays were performed in triplicate. 

Bioluminescent assay with NCL, D-luc, and Fluc 

NCL (0-1 mM) was added to wells in a black 96-well microplate containing purified Fluc (10 

µg/mL), ATP (500 µM), and D-luc (100 µM) in 100 µL BLI buffer. Bioluminescent images were 

acquired 5 min after addition of substrate and data are shown in Figure D.3B. Assays were per-

formed in triplicate. 

Bioluminescent assay with D-luc 

D-Luc (0-100 nM) was added to wells in a black 96-well microplate containing purified Fluc (10 

µg/mL) and ATP (500 µM) in 100 µL BLI buffer. Bioluminescent images were acquired 5 min after 
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addition of substrate and the data is shown in Figure D.S6. Assays were performed in triplicate 

and data are representative of two independent runs.  

Cell culture bioluminescent assays. 

Bioluminescent assay with NCL with DB7-NTR cells and Fluc 

DB7 or DB7-NTR cells (50,000 cells/well) were plated in a 96-well, clear, flat-bottomed microplate 

in 100 µL of media and allowed to adhere for 24 h. NCL (0-500 µM) was added to wells containing 

cells and allowed to incubate for 30 min at 37 °C. Media (50 µL) from the wells were removed and 

added to wells in a 96-well black microplate containing Fluc (20 µg/mL) and ATP (1 mM) in 50 µL 

BLI buffer. Bioluminescent images were acquired and the data are shown in Figure D.3A. The 

total flux from DB7 cells was subtracted from the total flux from DB7-NTR cells at each concen-

tration of NCL. Assays were performed in triplicate. 

DB7-NTR NCL uncaging assay (media transfer) 

DB7-NTR cells or DB7 cells (50,000 cells/well) were plated in a clear 96-well microplate and al-

lowed to adhere for 24 h. DB7-Fluc cells (50,000 cells/well) were plated in a black 96-well micro-

plate and allowed to adhere for 24 h. NCL (500 µM) was added to wells containing DB7-NTR or 

DB7 cells and allowed to incubate at 37 °C for 0-120 min. Media (50 µL) was transferred from 

wells containing NCL to wells containing DB7-Fluc cells to a final volume of 100 µL. Biolumines-

cent images were acquired 5 min after addition of media and data are shown in Figure D.4A. 

Assays were performed in triplicate and data are representative of two independent runs.  

DB7-NTR NCL uncaging assay (co-plating assay) 

DB7-NTR cells (50,000 cells/well) or DB7 cells (50,000 cells/well) and DB7-Fluc cells (50,000 

cells/well) were mixed and then plated in a black 96-well microplate. Cells were allowed to adhere 

for 24 h. NCL (250 µM) was added to wells and allowed to incubate for 0-120 min at 37 °C. 

Bioluminescent images were acquired and the data are shown in Figure D.4B. Assays were per-

formed in triplicate and the data are representative of three independent runs.  

NMR stability studies.  
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NCL was dissolved in deuterated H2O and incubated at room temperature for 7 days. NMR spec-

tra were collected over time. The spectra were referenced to residual solvent and data are shown 

in Figure D.S2. 

General synthetic methods. 

All reagents were purchased from commercial suppliers, were of analytical grade, and were used 

without further purification. Intermediates (1) and (2) were provided by W. B. Porterfield. Reaction 

progress was monitored by thin layer chromatography on EMD 60 F254 plates and visualized 

with UV light. Flash column chromatography with Sorbent Technologies 60 Å, 230-400 mesh silica 

gel was used to purify (3). HPLC purification of NCL was performed on a Varian ProStar equipped 

with 325 Dual Wavelength UV-Vis detector. Semi-preparative runs were performed using an Ag-

ilent Prep-C18 Scalar column (9.4 x 150 mm, 5 µm). Preparative runs were performed using an 

Agilent ZORBAX Eclipse XDB-C18 column (21.2 x 250 mm, 7 µM). Reaction vessels were flame 

dried prior to use. NMR spectra were acquired using a Bruker Advanced spectrometer. All spectra 

were acquired at 298 K and 1H NMR spectra were collected at 400 Hz. Chemical shifts are re-

ported in ppm in relation to non-deuterated NMR solvent. 

Compound syntheses.  

6-((5-Nitrofuran-2-yl)methoxy)benzo[d]thiazole-2-carbonitrile (3). Following the procedure of 

Vorobyeva et al,23 to a flask was added triphenylphosphine 

(0.461 g, 1.76 mmol), 6-hydroxylbenzo[d]thazole-2-car-

bonitrile (1) (0.200 g, 1.13 mmol), and (5-nitrofuran-2-

yl)methanol (2) (1.36 mL, 1.36 mmol) in 4.5 mL of THF. The reaction mixture was cooled to 0 °C. 

To this, 1,1’-(Azodicarbonyl)dipiperadine (0.444 g, 1.76 mmol) in 2.5 mL of THF was then added 

dropwise. The reaction mixture was allowed to stir at 0 °C for 1 h and then warmed to room 

temperature and stirred overnight under N2. The crude material was purified by flash column chro-

matography eluting with 9:1 hexanes:EtOAc to provide 3 as a yellow oil (0.251 g) This material 
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was carried on to the next step without further purification or characterization. 

 Potassium(S)-2-(6-((5-nitrofuran-2-yl)meth-

oxy)benzo[d]thiazol-2-yl)-4,5-dihydrothiazole-4-

carboxylate (NCL). Following the procedure of Vo-

robyeva et al,23 to a flask was added potassium carbonate (0.127 g, 0.916 mmol) and 6-((5-nitro-

furan-2-yl)methoxy)benzo[d]thiazole-2-carbonitrile (3, crude from above) as a suspension in 2.5 

mL of THF. D-Cysteine•HCl (0.160 g, 0.916 mmol) was added to the flask in 2.5 mL of H2O. The 

reaction mixture was allowed to stir under N2 at room temperature for 2 h. The reaction mixture 

was then concentrated in vacuo. The crude product was then filtered and the eluent was purified 

by HPLC. NCL was isolated as a light yellow powder (0.115 g, 23% over two steps). 1H NMR (400 

MHz, CD3OD) 𝛿 7.99 (d, J = 9.0 Hz, 1H), 7.70 (s, 1H), 7.47 (d, J = 3.5 Hz, 1H), 7.26 (dd, J = 8.9, 

1.7 Hz, 1H), 6.90 (d, J = 3.4 Hz, 1H), 5.27 (s, 2H), 5.22 (t, J = 9.3 Hz, 1H), 3.75 (d, J = 9.3 Hz, 

2H). The spectra were in accordance with reported characterization.23 
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