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ABSTRACT OF THE DISSERTATION 
 

Microbiome Dynamics and Pathogen-Driven Impacts in Marine Mollusks: Insights from Oysters 
and White Abalone 

 
by 

 

Emily Kunselman 

 

Doctor of Philosophy in Marine Biology 
 

University of California San Diego, 2024 
 

Jack Gilbert, Chair 
 

Marine ecosystems are facing various threats, from population declines to diseases that 

impact their overall health. My dissertation investigates the complex interplay between 

microbiomes, pathogens, and environmental conditions in three distinct marine organisms: 

Olympia oysters (Ostrea lurida) in the Puget Sound, Pacific oysters (Crassostrea gigas) in San 

Diego Bay exposed to OsHV-1 SDB µvar, and white abalone (Haliotis sorenseni) afflicted by 

Abalone Withering Syndrome. The goal of combining and comparing these systems is to 
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elucidate the crucial role of microbiota in understanding ecosystem and host health, including 

microbes’ response to environmental variables and their interaction with pathogens.  

The first chapter focuses on the Olympia oyster, a native species in the Puget Sound that 

has experienced a substantial population crash. To assess the impact of eelgrass habitat and 

geographical location on oyster microbiomes, Olympia oysters from a single parental family 

were deployed at multiple sites, both within and outside eelgrass (Zostera marina) beds. Using 

16S rRNA gene amplicon sequencing, I demonstrate that gut-associated bacteria differ 

significantly from the surrounding environment. Regional differences in gut microbiota are 

associated with the oyster survival rates at different sites after two months of field exposure. 

However, eelgrass habitat does not influence microbiome diversity significantly. This research 

highlights the importance of understanding the specific bacterial dynamics associated with oyster 

physiology and survival rates in the Puget Sound. 

In the second chapter, I explore the OsHV-1 SDB µvar, a virus threatening oyster 

aquaculture globally, with a focus on its microvariant in San Diego Bay. The study investigates 

the influence of temperature on OsHV-1 SDB µvar infectivity. All microvariants of this virus 

exhibit limited replication and are unable to induce oyster mortality at lower water temperatures. 

Through experimental infections of hatchery-raised oysters at temperatures ranging from 15 to 

24°C, I found that no oysters died at 15°C but most exposed oysters died above 18°C. The 

infection took hold faster at 21 and 24°C compared to 18°C. As oysters are often 

immunocompromised by this viral infection, I also chose to focus on the potential contribution of 

secondary bacterial infections to the disease. The microbiome of healthy, sick and dead oysters 

was compared using 16S rRNA gene amplicon sequencing to determine how the microbiome is 

disrupted by infection and which bacteria may be responsible for further progression of the 
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disease. There is a clear shift in microbiome composition and decreases in evenness following 

infection with OsHV-1 SDB µvar.  

The third chapter centers on Abalone Withering Syndrome, characterized by the 

intracellular parasite Candidatus Xenohaliotis californiensus (CaXc) which disrupts gut 

morphology leading to starvation and possible death. Investigating the microbiome in 

endangered white abalone exposed to CaXc over an 11-month period reveals dynamic variations 

in the fecal microbiome and its distinctiveness from the internal tissue microbiomes. CaXc 

exposure notably impacts the anterior region of the digestive tract more than the distal tissues 

and feces, sometimes representing up to 99% relative abundance in the post esophagus samples. 

This comprehensive analysis incorporates qPCR to quantify pathogen loads over time and feces 

and in internal tissues. The pathogen is detected after 5 months of exposure and is most abundant 

in the post-esophagus tissue. The samples with the highest relative abundance of the pathogen 

were also shotgun sequenced to generate whole genome assemblies of bacteria. This led to the 

novel assembly of a 90% complete genome for CaXc, which is deposited in a public database. 

To pair these data with a more holistic understanding of the impact of this pathogen, RNA 

sequencing data was analyzed for differential gene expression patterns between exposed and 

unexposed abalone. While functional annotation and prediction was poor on the de novo 

assembled transcriptome, clear differences exist in gene-level response to CaXc between post 

esophagus and digestive gland tissue.  
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Introduction 
OYSTER AND ABALONE MICROBIOMES: DRIVERS, DISTURBANCES AND 

KNOWLEDGE GAPS. 
 

The dynamic interaction between mollusks and their microbiome remains understudied 

Thus far, research has demonstrated the importance of tissue type, genetics, age, diet and other 

external environmental variables in determining the composition and structure of the oyster 

microbiome. Disturbance to the microbiome is complex, with both the physical environmental 

variables and pathogens causing drastic shifts in the mollusk microbiome that may be equated 

with dysbiosis. This poses a risk to mollusks due to the potential protective and nutritional 

benefits of the microbiome. Presented here is review of the existing literature on oyster and 

abalone microbiomes to preface subsequent chapters which delve deeper into some of these 

topics. 

 

Intro 

            Research aimed at elucidating the composition and function of the microbial 

communities associated with oysters is becoming more prevalent (Figure 1). Published studies 

cover a wide breadth of research topics, such as characterizing the impact of internal and external 

environmental factors on the microbiome. Some common assumptions are that the oyster 

microbiome consists of both resident and transient members [1–3]. Resident members include 

those that are possibly co-evolved with the host and distinct from the surrounding environment. 

Transient members exist because of the constant exposure of the oyster tissue to the surrounding 

seawater community. Transient bacteria are those that come and go with environmental change, 

meaning they may be sampled at any given time point just by chance. Many studies will try to 

remove transient bacteria to better understand the interaction between resident bacteria and the 
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host [2,3]. Some studies also refer to these resident bacteria as “core” microbiota because they 

are ubiquitous across oysters, even if at low relative abundance, and potentially hold functional 

roles [4–6]. Core or resident bacteria are most likely to be conserved across individuals. 

However, when disturbance occurs, the oyster microbiome can shift completely from its original 

state [7]. 

 Similar tends are found between the oyster and abalone microbiomes. Although abalone 

are marine snails and oysters are marine bivalves, the factors that drive their microbiomes and 

some of the resident bacteria within them are highly conserved.  

This review will focus on the common bacteria associated with oysters and abalone and 

how their proportional abundance is influenced by environmental and host disturbance. Some 

speculation regarding the potential role these bacteria play in the health of mollusks is touched 

on. This background information is foundational for the experiments laid out in this dissertation 

and the conclusions derived from those experiments. Special consideration will be given to the 

oyster microbiome, with comparisons to abalone to demonstrate how these patterns can be 

extrapolated to other mollusk species. 
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Figure 1. The number of papers published relating to the oyster microbiome each year from 
1999 to 2019. 

 

Factors that influence the composition and structure of the oyster and abalone microbiome  

            The mollusk microbiome is shaped by many factors. The factors that govern microbial 

abundance and composition are both internal and external to the oyster or abalone. Each tissue 

hosts its own unique microbial community, but this community is impacted by both the 

environment and the host’s genetic background.   

  

Tissue 

            Tissue is an important factor to consider in microbiome studies because the bacterial 

communities are adapted to each tissue’s unique environment. Many studies combine the entire 

adult tissue homogenate for microbiome analysis, but this provides little information on host-

microbial associations [8–10]. In order to better understand the relationship between a 

microbiome and the host, tissue specific resolution should be implemented in all studies that 
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hope to gain new insight on the oyster associated microbiota. The digesta, gill and hemolymph 

have been studied for their respective microbial communities.  

The microbiome of oyster digestive tissues is difficult to analyze but demonstrates 

common characteristics across studies. One key component of the oyster digestive tract is its 

incredibly selective environment, due to digestive enzymes and low oxygen. This can lead to 

high [11,12] or low [13,14] richness, which is the number of unique operational taxonomic units 

(OTUs; often equated to species level taxonomy) found in a specific sample. While the 

environment of the digestive tract may limit the number of bacteria that can grow, 

polysaccharides in the oyster gut mucus that are not successfully removed during DNA 

extraction may inhibit PCR amplification and result in false estimation of gut bacterial diversity 

[11,15]. In many cases, there is evidence that a single bacterial taxon dominates the gut-

associated community by relative abundance [15]. Mollicutes, and specifically the genus 

Mycoplasma, is often among the most prevalent taxa in the gut of more than one oyster genus 

[2,6,11,13]. Mycoplasma are also very common in abalone gut microbiomes and may contribute 

to mollusk digestion [16–19]. Burkholderiales are also commonly identified in the gut of juvenile 

and adult Pacific oysters (Crassostrea gigas) in regions across the world [11,20]. These common 

groups found in oysters despite genera-level differences and geographic barriers suggest the 

presence of “core” members or functional groups within the oyster gut microbiome. These 

groups may have more to offer to the host than is currently known.   

The gill also shares common bacterial groups across studies and could be the most 

diverse and active site within the oyster. Spirochaetes tend to be more abundant in oyster gills 

than any other tissue in both C. gigas and Pinctada margaritifera [6,11]. Endozoicomonas are 

found in the gills of oysters from French Polynesia to the Mediterranean [6,21]. The gill of the 



5 

oyster consistently interacts with the surrounding water because it is the site of filter feeding. The 

similarities in dominant taxa seen across species and regions suggest selection for specific 

bacterial groups. The gill is characterized by high bacterial diversity [14]. There are frequently 

high quantities of bacterial DNA extracted from the gill compared to the digestive tract tissues 

[11,15]. One study used DAPI staining to illuminate bacterial DNA within the oyster gill [14]. 

The bacteria they found were of various morphologies, validating the diversity observed by 16S 

amplicon sequencing [14]. Furthermore, this study used Fluorescence In Situ Hybridization 

(FISH) to validate the taxonomic groups of bacteria in the oyster gill [14]. FISH uses short DNA 

fragments analogous to those from a specific group of bacteria but incorporates fluorescently 

labeled nucleotides into the sequence. The probes, or fluorescently labeled nucleotide strands, 

will bind to the complement strand in the target bacteria’s DNA and fluoresce under a confocal 

microscope. A bright signal was seen for different bacterial groups in the gill, but not as strong in 

the gut [14].  This may suggest a more active group of bacteria in the oyster’s gill than its gut, 

despite numerous core bacteria identified in both tissues. 

            The hemolymph is another unique region of the oyster and the bacteria found in the 

hemolymph could be an indicator of oyster health.  The hemolymph of the oyster is analogous to 

blood, but oysters have an open circulatory system. Their circulatory fluid is passed through 

sinuses and cavities which interact with other tissues. Bacterial richness in hemolymph also 

varies across studies [6,13]. In some cases, the hemolymph community is abundant in few taxa, 

such as Chromatiaceae and Rhodobacteraceae in C. gigas. In other C. gigas, the community is a 

diverse assemblage of Arcobacter, Flavobacteria, Psychrilyobacter, Oceanospirillaceae, 

Vibrionaceae, and Spirochaetes [13]. In either case, no clear similarities have shown up across 

studies.  Interestingly, Psychrilyobacter and Vibrio are also considered core abalone microbiota, 
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but are found dominant in the gastrointestinal tract [18,19]. The hemolymph may be an axis 

between the seawater and other tissues, as seen by the transfer of Vibrio from the hemolymph 

into solid tissue [13]. Healthy oysters often have Vibrio in their hemolymph, but oysters found 

with high relative abundances of Vibrio in hard tissues are likely diseased [13]. This 

demonstrates the hemolymph as an important region for immune defense and predictor of oyster 

health.  

            While the gut, gill and hemolymph are the most studied regions in the oyster, the gonad, 

mantle, and adductor muscle have also been analyzed. The oyster gonad and mantle show lower 

alpha diversity than other tissues, with alpha diversity referring to the average diversity seen 

within the specific tissue across individuals [6,11]. Gonads may be dominated by 

Endozoicimonaceae [6]. The mantle is dominated by Spirochaetes for C. gigas in Australia [11]. 

Compared to the gut and hemolymph, the adductor muscle of the oyster has high alpha diversity 

and is most compositionally similar to the gill [15]. Overall, these tissues are understudied and 

may yield new information on the colonization of the oyster microbiome.  

 The microbiome of various abalone tissues has been characterized, including digestive 

gland, intestine and gills [16–19,22–26], but there is a lack of studies comparing abalone tissue 

types directly. Therefore, more research must be done to compare tissue microbiomes for 

multiple species to further elucidate how microbial structure and function may depend on tissue 

properties.   

 

Host Age and Genetics 

            The oyster microbiome has various external forces acting on it, but there is host 

specificity in the oyster microbiome attributed to genetic background. The maintenance of a 
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portion of bacteria within one oyster population suggests some host-specific control over their 

microbiome [27]. Even when oysters encounter an entirely new environment than their place of 

origin, their microbiome is not completely changed. This trend holds true of other species of 

oysters, such as Crassostrea gigas.  In the Wadden Sea, oysters from Northern and Southern 

populations were translocated to the opposite region and still maintained a portion of their 

microbiome from the original population for over a month [28]. The microbiome of oysters from 

the host environment showed significant dissimilarity from the newly transplanted oysters [28]. 

There is evidence from multiple studies that genetic differentiation among oysters can lead to 

differences in microbiome composition. In fact, microbiome differentiation correlates with host 

genetic distance across the gills of C. gigas [7]. Additionally, the more closely related the hosts 

are by comparison of satellite markers, the more taxa they share [7]. However, once these 

unrelated oysters undergo heat shock treatment in the lab, their host-associated differentiation 

disappears [7]. Extreme stress may result in a loss of these co-adapted groups.  Another case of 

host differentiation results from oysters that are continually bred for OsHV-1 resistance. OsHV-1 

(ostreid herpesvirus) is frequently associated with severe mortality outbreaks [29]. Breeding for 

resistance tries to eliminate massive mortalities that cause huge economic losses for the 

aquaculture industry. Oysters that have high resistance to OsHV-1 due to selective breeding 

show dissimilarity in the muscle microbiome compared to oysters with naturally low resistance 

to the virus [5]. Specific bacteria are differentially abundant across resistance groups [5]. The 

natural populations with low resistance show an elevated proportion of Pseudomonas and Vibrio, 

and a reduced proportion of Tenacibaculum and Dokdonia compared to the selectively bred 

oysters [5]. This demonstrates that breeding for resistance to OsHV-1 not only improves the 

host’s ability to defend itself from the virus, but also carries over microbial associates which may 
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offer additional protection. The genetic divergence of oyster populations affects the bacteria that 

are associated with them and leads to variability between individuals.  

 Abalone genetics are also important when studying their microbiome. Different species 

of abalone may respond in contrasting ways to environmental interventions [16]. The differences 

in microbiome composition between species may be due to the depth at which different abalone 

species reside or specialized diets [17].  

Another important factor often overlooked in abalone and oyster microbiome studies, 

likely due to time constraints and long development periods, is age or life stage. With respect to 

oysters, various studies have sampled larvae, juveniles and adult oysters to compare bacterial 

composition and diversity [20,30,31]. The microbiome resembles the surrounding water in early 

life stages but then becomes more specialized in adults [30,31]. Studies have speculated that this 

may also be a factor influencing abalone microbiomes, but the transition of the microbiome with 

age has not been directly tracked [18].  

  

External Environment 

            The biogeography of the oyster microbiome may be influenced by a complex interaction 

of geographic and environmental features.  Geographic separation of different study sites yields 

very different transient bacterial communities within oysters. Across different water masses, the 

influence of the external environment on the microbiome composition is evident. For example, 

invasive oysters from the Red Sea into the Mediterranean retained a small portion of core 

microbiota, but the transient community changed: it is made up of bacteria more adapted to the 

new surrounding environment [27]. Another example is in Australia, where there are clear 

differences in oyster-associated microbiomes between wave dominated and tide dominated 
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estuaries [11]. The tide dominated estuaries experience more ocean flushing which has led to 

higher bacterial diversity in the oysters [11]. However, Spirochataceae is a conserved taxa in all 

estuaries, demonstrating the influential yet limited importance of the external environment in 

dictating bacterial composition [11].  Even at small spatial scales, such as from low to high 

intertidal zones, oyster gut microbiota significantly diverge and are greatly influenced by the 

environmental fluctuations of their habitat [2]. 

There are specific environmental factors that have been directly associated with variation 

in the oyster microbiome, including oxygen concentrations and temperature fluctuations 

associated with seasons. Under low oxygen conditions, gut richness actually increases, 

suggesting the adaptation of gut microbiota to a hypoxic environment [32]. Seasonal studies are 

primarily split into summer and winter, where high and low temperatures influence relative 

abundances. The winter is characterized by lower bacterial richness, including culturable bacteria 

[4,10,21,27,33,34]. Oceanospirillales were found to be enriched in the winter [27], but otherwise 

bacterial community diversity decreases in colder months. In summer months, oysters tend to 

have higher bacterial richness [10,21,27,33]. Bacteria enriched in the summertime include 

Enterobacteriaceae, Synechococcus, Spirochaetes and especially Vibrio [27,33,35]. While Vibrio 

are frequently associated with warmer temperatures, one study found species differentiation 

across seasons. Vibrio splendidus were dominant in warmer months while Vibrio harveyi were 

more prevalent in colder months [34]. Furthermore, the diversity of carbon substrates used by 

oyster-associated bacteria was higher in summer compared to winter [4,31]. Oysters may be 

more active in the summer than in the winter, explaining the variation in their corresponding 

microbiome activity. Returning to the study in the Mediterranean, the comparison between the 

Red Sea and Mediterranean demonstrates a clear relationship between oyster microbiomes and 
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temperature fluctuation (17, 18). The Red Sea maintains a far more stable temperature than the 

Mediterranean, which may translate to the greater shift seen in the microbiome of oysters in the 

Mediterranean Sea through seasons (17, 18). Other than temperature, seasonal changes in 

microbiome have also been attributed to changes in rainfall (10). 

The type of food available to and selected by oysters is another external factor that 

impacts the microbiome. Oyster gut microbiomes respond rapidly (within a week) to changing 

food sources from one algal stock to another (34). The composition of the microbiome is 

significantly different based on which algae the oysters are fed (34). 

Abalone microbiomes are also prone to the impact of temperature and other external 

variables. Temperature impacts both alpha and beta diversity in the abalone microbiome, with 

moderate temperatures enabling the highest bacterial diversity [16]. Additionally, diet can impact 

gut microbiota of abalone because abalone are able to feed on various algae species and this may 

promote specialized species of bacteria which degrade those algae [16]. However, In additional 

to temperature and algae, other variables may change seasonally and contribute to shifts 

observed in the abalone microbiome over time [18,19]. Temperature of the environment and type 

of food available in a given region are both important drivers of the abalone microbiome, but 

there are likely additional factors yet to be explored.  

Environmental influences are hard to disentangle into specific variables, such as 

temperature, oxygen, pH, salinity or even food availability. This emphasizes the importance of 

controlling for and recording environmental conditions in mollusk microbiome studies. Research 

on the oyster microbiome may benefit from more controlled lab experiments to assess the 

individual impact of each environmental variable on the microbiome.  
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Factors that Disturb the Microbiome 

            Oysters are filter-feeders and in constant contact with their external environment. 

Because of this, the oyster microbiome is greatly affected by external changes, especially those 

that would induce stress on the oyster’s physiology.  Both oysters and abalone may encounter a 

variety of stressors in their lifetime, some of which they are better equipped to deal with than 

others. Mollusks must survive predation, seasonal changes in the environment, variation in 

oxygen and salinity levels, pollution and even human induced-changes to their habitat. Currently, 

temperature stress, translocation and pathogen invasion are the only documented disturbances 

that have a negative impact on the microbiome.  These types of stressors induce internal 

disruptions in the microbiome and decrease diversity. 

 

Temperature Stress 

           Ocean warming is a big concern for oyster aquaculture, and heat waves are already 

leading to mass mortality events (Personal communication with Dennis Peterson of San Diego 

Bay Aquaculture). The disruption of the microbiome by temperature stress rather than impact on 

the oyster itself, is likely leading to significant mortality [8]. The oyster microbiome diverges 

from the ambient state under high temperatures, with negative consequences [7,8,36]. Steep 

temperature increase over a period of days can lead to decreases in bacterial alpha diversity, 

including in the gill and hemolymph, and allow for opportunists to proliferate [7]. Vibrio species 

are the most common pathogens detected under high temperature stress [8,36]. In some cases, 

these Vibrio, such as V. harveyi and V. fortis in Crassostrea gigas, stem directly from the 

original bacterial population of the oysters’ tissues [8]. This shows that bacteria do not have to be 

newly introduced to turn pathogenic. Arcobacter also tends to increase in abundance in response 
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to heat stress [8] and has been previously identified as an opportunistic pathogen to oysters [9]. 

Normally oysters and abalone will encounter heat stress in summer months, and seasonal 

differences in the microbiome have already been demonstrated for both mollusks 

[10,18,21,27,33]. One study sampled oysters during the winter and exposed them to heat stress 

[7]. In contrast to other studies, Vibrio were rarely detected but Mycoplasma and 

Planctomycetales increased in relative abundance following the heat stress [7]. This may be due 

to seasonal differences in the background composition of the oyster microbiome.  Overall, higher 

temperatures are an imminent threat to the oyster microbiome and survival.  

 

Translocation 

Oyster translocation is another applicable stress, considering most commercial production 

involves moving post-larval spat from hatcheries to grow-out fields, where oysters experience an 

extremely different environment from where they were raised. Oysters that are either in rearing 

tanks or lab conditions generally have lower evenness in their microbiome [13]. Once they are 

moved to the field, they are not well suited to deal with their surrounding environment. More 

research should be done in this area to understand how host-microbial interactions are affected 

by moving them from rearing tanks to wild conditions.  Adult oysters can experience similar 

stress from translocation. Oysters that were translocated from the southern Wadden Sea in 

Northern Europe to the northern Wadden Sea harbored greater proportions of Vibrio [13]. 

Proliferation of Vibrio demonstrates a disturbed microbiome state and host stress.  Most studies 

look at how the microbiome is structured after a disturbance, but it is also important to 

understand how the microbiome may affect susceptibility of the oyster to infection and 

mortality.  
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Pathogens  

             Pathogen invasion presents a challenge to the oyster’s immune system as well as its 

microbiota because pathogens can outcompete resident bacteria. Oyster pathogens consist of 

known invaders to the system as well as proliferation of opportunistic species within the oyster 

microbiome when there is increased stress on the oyster. When one population of oysters is 

challenged with a pathogen, they tend to share similar microbiome features and lose natural 

inter-individual variability [37]. Vibrio species are most frequently documented as oyster and 

abalone pathogens and a common suspect for mass mortality episodes [9,37,38]. For example, V. 

harveyi and other Vibrio species were at higher abundances in oyster tissue during a disease 

outbreak in Australia [37]. Vibrio aestuarianus is another known oyster pathogen which has 

resulted in decreased microbial diversity in Crassostrea gigas [9]. Diversity decreases because of 

the proliferation of Vibrio and other opportunists, such as Arcobacter [9]. This shift in microbial 

evenness suggests a cascading effect of polymicrobial disease in oysters that are disrupted with 

pathogens.  Once the oyster begins to die, they have no defense against their bacterial invaders 

and bacteria such as Paludibacter show up to take advantage of the wasting tissue [37]. The 

oyster herpesvirus, OsHV-1, is another pathogen of concern for oyster populations [37,39]. 

Oysters infected with OsHV-1 are often found with elevated abundances of Vibrio, suggesting a 

weakening of the host control over their microbiome [9,39]. While Vibrio and OsHV-1 are 

frequently detected in C. gigas populations, Sydney rock oysters (Saccostrea glomerata) are 

faced with a protozoan parasite, Marteilia sydneyi [40]. A study looking at S. glomerata infected 

with Marteilia sydneyi found one dominant OTU in the gut which was closely related to the 

Rickettsiales-like prokaryote that causes abalone withering syndrome [40]. These oysters ceased 
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feeding, which may have allowed the proliferation of one bacterium [40]. All of the above 

pathogens have been associated with decreased diversity in the microbiome.  While specific 

pathogens (bacteria, virus or protozoa) are often blamed for mass mortality of oysters, the shifts 

in the microbiome associated with many of these diseases may also be a factor in the eventual 

demise.  

 Abalone are susceptible to many other pathogens, including viruses and intracellular 

pathogens [38]. The intracellular pathogen (Candidatus Xenohaliotis Californiensis) known to 

impact digestive tissue and cause withering syndrome in abalone also causes significant 

microbiome disruption [41,42]. Similar to oyster diseases, this pathogen leads to a decrease in 

microbiome diversity [42]. Although Candidatus Xenohaliotis Californiensis is a known 

pathogen, its presence alone does not confirm the withering syndrome disease, as this bacterium 

can be found in perfectly healthy abalone in low stress conditions [17]. In many cases, it is 

difficult to distinguish between pathogenic and beneficial microbes based on composition and 

relative abundances alone [18].  

  

Protective Functions of the Microbiome 

            Pathogens can lead to major shifts in the oyster microbiome, but there is growing 

evidence for pathogen inhibition ability by certain oyster-associated bacteria. In two different 

culture-dependent studies, Pseudoalteromonas isolated from the Crassostrea gigas hemolymph 

displayed antibacterial activity against Vibrio [43,44]. Pseuodoalteromonas is able to inhibit the 

growth of Vibrio without negatively impacting the oyster’s hemocyte viability [43]. Certain 

nonpathogenic species of Vibrio are also seen to exhibit antibacterial activity against primarily 

Gram negative bacteria [44]. Antimicrobial peptides have also been isolated from the 
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hemolymph of the oysters where the Pseudoalteromonas and Vibrio were isolated 

[44].  Bacteriocin-Like Inhibitory Substances are produced directly from these 

Pseuodalteromonas [44]. Since these studies came out in the early 2010s, no more have looked 

directly at pathogen inhibition by oyster-associated microbiota, despite this evidence that certain 

members of the microbiome may offer protection against pathogenic bacteria. There is 

speculation about the oyster’s ability to select for bacteria in the gills that may be used for 

antimicrobial activity and enzyme production [6]. It has been suggested that simply having a 

diverse microbiome helps prevent pathogen proliferation by enhancing competition [12]. Indirect 

evidence of pathogen protection includes the differentiation between microbiomes of OsHV-1 

resistant and non-resistant groups [5,39]. Specific bacterial groups, such as Winogradskyella and 

Bradyrhizobiaceae are more present in oysters with higher resistance to OsHV-1, but their true 

function is unknown [5]. Oysters certainly have the potential to host bacteria that will help 

defend them from pathogens. Probiotic studies have shown the suppression of pathogenic Vibrio 

in the oyster by Bacillus pumilis and Streptomyces supplements [30,45]. The treatment with 

Streptomyces increases oyster microbiome diversity and promotes the growth of Bacteriovorax, a 

bacteria which preys on gram negative bacteria, like Vibrio [30]. The oyster microbiome, 

especially in the hemolymph, has potential to benefit the host by preventing pathogen 

proliferation.  

 Abalone also benefit from probiotics and their natural microbial inhabitants. Two 

Shewanella species administered to abalone as probiotics led to enhanced immunity and 

pathogen resistance [46]. Microbiota within the abalone digestive tract may be contributing 

important digestive enzymes for the breakdown of complex algal polysaccharides [25,47]. 

Higher microbiome diversity has been correlated with higher feed efficiency in Pacific abalone 
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[25]. However, multiple mechanisms may be at play to lead to increased efficiency of digestion, 

including both direct enzyme production by bacteria and indirect protection of the intestine and 

its function through bacterial defenses [25]. While less studied in oysters, gut associated bacteria 

maybe be similarly important for oyster digestion and growth.  

 

 

Figure 2. Summary of the interaction between the environment, oyster host and its microbiome. 
Arrows going from the environment sphere into the oyster sphere are environmental interactions 
with the oyster that impact its microbiome. Arrows going from the oyster into the microbiome 
sphere are host factors that impact their microbiome. The arrows that point back out from the 

microbiome into the oyster are potential services or risks from the microbiome to its oyster host. 
 

Conclusion 

            Compositional data on the oyster and abalone microbiomes show similar trends across 

mollusk types. Each tissue likely harbors a select community of microbes. Across environments 

and genotypes, these communities diverge. The mollusk microbiome is most impacted by 
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pathogens and external stress. Disease state is especially of interest with regard to microbial 

dynamics and associations.  While the bacteria in mollusk microbiomes may offer some benefits, 

such as pathogen inhibition and aid in digestion, the activity is largely undescribed. This 

dissertation will explore various environmental influences on the oyster and abalone microbiota 

and pathobiota.  
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Chapter 1 VARIATION IN SURVIVAL AND GUT MICROBIOME COMPOSITION OF 
HATCHERY-GROWN NATIVE OYSTERS AT VARIOUS LOCATIONS WITHIN THE 

PUGET SOUND 
 

Abstract 

The Olympia oyster (Ostrea lurida) of the Puget Sound suffered a dramatic population 

crash, but restoration efforts hope to revive this native species. One overlooked variable in the 

process of assessing ecosystem health is association of bacteria with marine organisms and the 

environments they occupy. Oyster microbiomes are known to differ significantly between 

species, tissue type, and the habitat in which they are found. The goals of this study were to 

determine the impact of field site and habitat on the oyster microbiome and to identify core 

oyster-associated bacteria in the Puget Sound. Olympia oysters from one parental family were 

deployed at four sites in the Puget Sound both inside and outside of eelgrass (Zostera marina) 

beds. Using 16S rRNA gene amplicon sequencing of the oyster gut, shell, and surrounding 

seawater and sediment, we demonstrate that gut-associated bacteria are distinct from the 

surrounding environment and vary by field site. Furthermore, regional differences in the gut 

microbiota are associated with the survival rates of oysters at each site after 2 months of field 

exposure. However, habitat type had no influence on microbiome diversity. Further work is 

needed to identify the specific bacterial dynamics that are associated with oyster physiology and 

survival rates.  

Importance  

This is the first exploration of the microbial colonizers of the Olympia oyster, a native 

oyster species to the West Coast, which is a focus of restoration efforts. The patterns of 

differential microbial colonization by location reveal microscale characteristics of potential 
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restoration sites which are not typically considered. These microbial dynamics can provide a 

more holistic perspective on the factors that may influence oyster performance. 

Introduction 

Invertebrate microbiology research is increasingly important in the face of environmental 

and anthropogenic change. Olympia oyster (Ostrea lurida) populations declined across their 

native range on the west coast of the United States due to overharvesting by humans in the late 

1900s [48]. The loss of the Olympia oysters poses a threat to ecosystem services, as oysters 

create structured habitat and filter surrounding water [48]. Recovery of these valuable services 

could be achieved through restoration efforts. To improve restoration outcomes, it is essential to 

identify where juvenile oysters will survive and grow successfully. Environmental and host-

associated microbiota can impact settlement and growth in marine invertebrates [49–51] but the 

impact of microbial communities on the survival and growth of Olympia oysters in particular is 

unknown. Here, we explore the connection between Olympia oyster performance and associated 

microbiota through a field experiment in Puget Sound, Washington (USA).  

Temperature, dissolved oxygen, salinity, and carbonate chemistry can limit oyster 

growth, metabolism, and survival [52–54] and may therefore limit restoration success. Alone or 

in tandem, environmental conditions can stress oysters and make them more susceptible to 

disease [52,55]. Environmental stress can alter diversity and composition of oyster microbiomes, 

either as a result of bacterial response to the changing environment, or to the host’s changing 

gene expression [36,56,57]. A core microbiota has been demonstrated for oysters [1,11,20], but 

microbiota also vary significantly depending on environmental conditions and on the geographic 

location of the host [1,11,32,33,36,56]. A disturbance of the oyster microbiome may have 

consequences for host health due to the direct and indirect benefits of bacteria. Metabolism and 
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enzyme production by bacteria in the gut improves digestion and provides additional nutrients to 

the host [58]. Studies have shown that bacteria may prime the immune system and protect 

against pathogens [59]. Some bacteria may have the ability to regulate oxidative stress through 

production of antioxidants [60]. Finally, the oyster microbiome can indirectly benefit the host 

through production of antimicrobial peptides, which may limit growth of pathogens [43].  

In this study, we evaluated the microbial diversity associated with the native Olympia 

oyster by comparing environmental and host-associated microbiota to identify differences across 

field sites and habitats and connections with oyster performance. The study aimed to: (i) 

characterize core or consistent members of the Olympia oyster microbiome, independent of other 

factors; and (ii) assess the extent of microbial variation across space. Methodologically, oysters 

were outplanted from a hatchery to field sites either inside or outside of eelgrass beds, left in 

place for 2 months, and then dissected and processed for bacterial community analysis. The field 

sites and habitats were further characterized by physicochemical parameters and assessment of 

the environmental microbiome. 

Materials and Methods 

 Sampling. Juvenile Olympia oysters (~1 year old) were collected from the hatchery at 

the Kenneth K. Chew. Center for Shellfish Research in Manchester (WA, USA) and distributed 

to four field sites throughout Puget Sound in June of 2018 and retrieved 2 months later in August 

2018 (Fig. 3). All oysters used were from a common genetic background (a subpopulation of 

Fidalgo Bay oysters) and were raised in the same hatchery conditions. At each of the four field 

sites, one PVC mesh oyster cage was deployed in the center of a patch of eelgrass (Zostera 

marina) habitat and another cage was deployed in the center of a patch of unvegetated habitat. 

The 1-cm mesh-size cages were intended to exclude predators while allowing circulation. Each 
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cage was anchored to a PVC post and contained 10 oysters upon deployment. A “patch” of 

eelgrass habitat was defined as an area at least 6 m in diameter with at least 60 shoots per square 

meter, and a “patch” of unvegetated habitat was defined as an area at least 6 m in diameter with 

no eelgrass present. The centroid of all patches was located at a tidal elevation between 20.3 m 

and 21 m MLLW. Cages were cleaned of biofouling organisms and debris every 2 weeks during 

the deployment.  

Upon retrieval, three water samples and three sediment samples were taken from the area 

around each oyster cage (n = 6 water and 6 sediment samples per site). At Case Inlet, only three 

water samples were taken (n = 2 inside eelgrass beds and n = 1 outside eelgrass) due to a 

shortage of bottles in the field. Water samples were collected within 3 m of each oyster cage on 

an ebbing tide, when the water column was approximately 1 m deep. Samples were collected in 

acid-washed Nalgene bottles with mesh filters over the opening. The bottle was dipped below the 

surface of the water while wearing gloves and kept underwater until nearly full. Sediment 

samples were collected in 15 mL Falcon tubes by opening the tubes at the top of the sediment, 

sweeping the tube opening across the top 1 in. of sediment and then pouring out excess water 

before capping. Oyster cages were then retrieved and transported to the laboratory within 1.5 to 2 

h in cool, dark and dry conditions.  

In the laboratory at the University of Washington, oyster shells were lightly scrubbed 

with sterile toothbrushes to remove mud and left to dry for a few minutes. Biofilm samples were 

collected from three oysters in each cage by swabbing back and forth across the entirety of the 

shell surface on one side. Swab tips were removed, placed in individual 1.5 mL vials, 

immediately frozen in a dry ice bath, and then stored at -80°C. Shell length was recorded for all 

oysters after swabbing to prevent cross contamination. Living oysters were then shucked using a 
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sterile scalpel. Complete stomach and digestive tissue were removed using a newly sterilized 

scalpel blade, flash frozen, and then stored at -80°C. For each oyster cage, survival was recorded 

as the proportion of living oysters remaining out of 10.  

Sediment samples were stored at -80°C upon arrival at the laboratory, and water samples 

were filtered over 0.2 mm-pore size cellulose filters using vacuum filtration. The filters were 

folded and dropped into Powerbead tubes from the Qiagen DNeasy Powersoil Kit and stored at -

80°C.  

Environmental data collection. PME miniDOT sensors (for temperature and dissolved 

oxygen data) and Odyssey conductivity loggers (for salinity data) were deployed alongside 

oyster cages in eelgrass habitat and in unvegetated habitat at each site. Instruments logged at 10-

min intervals from early June 2018 to late August 2018. Measurements collected when the 

predicted tidal elevation was lower than 0 m MLLW were excluded to eliminate data collected 

during immersion. Dissolved oxygen data were adjusted based on salinity and reported in mg*L-

1. To assess relative differences between habitats and between field sites, temperature and 

dissolved oxygen data from the 24 h immediately prior to collection were analyzed. A 

permutational two-way ANOVA for repeated measurements was run to account for repeated 

measures from the same sensors at the same sites over time (51). This data did not follow a 

normal distribution, and therefore the permutational ANOVA approach was used. The 

interaction between site and habitat was also explored when assessing differences in the 

environmental data.  

DNA extraction, amplification, and sequencing. Following the Earth Microbiome 

Project protocols, DNA was extracted from all sample types using the single tube Qiagen 

DNeasy Powersoil Kit. Single tube extractions, although more time-consuming, reduce the 
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amount of well-to-well contamination [61]. Extracted DNA was shipped over dry ice to Scripps 

Institution of Oceanography and stored at -20°C. DNA was amplified following the 16S rRNA 

gene Illumina amplicon protocol provided by the Earth Microbiome Project [62]. Primers 515F 

and 806R were used to target the V4 region of the 16S rRNA gene and sequenced on the 

Illumina MiSeq platform to produce 250 bp forward and reverse reads.  

Sequence analysis. Resulting sequence data were uploaded to Qiita [63] (Qiita ID 

12079) and demultiplexed, trimmed to 150 bp and erroneous sequences were removed using the 

Deblur workflow positive filter [64]. The deblur final table was exported to Qiime2 [65] and 

used for all subsequent analyses. Alpha diversity across sample types was assessed by Shannon 

diversity index [66], which measures richness and evenness within given sample types (Fig. 4). 

Significance of alpha diversity across groups was conducted with a Kruskal-Wallis test. Beta 

diversity was analyzed via Bray Curtis [67], weighted and unweighted UniFrac [68,69], and 

Qiime2’s DEICODE RPCA [70] method with a sampling depth of 1,920. A sampling depth of 

1,920 was chosen based on rarefaction curves, which are displayed in the supplementary data 

(Data Set F). The number of observed ASVs started to plateau around 2,000 sequences, but in 

order to retain one feature which had 1,922 sequences, the sampling depth used was 1,920. 

Phylogenetic tree derivation for UniFrac was performed using an insertion tree with the fragment 

insertion sepp function in Qiime2 [71]. PERMANOVA tests for all beta diversity metrics were 

run in Qiime2 [72]. RPCA was chosen for presentation because this method does not use 

pseudocounts and is therefore termed a more robust version of the Aitchison’s distance metric 

(Fig. 4). Taxonomy was assigned in Qiime2 against the Silva database v.138 [73,74]. The biom 

table and taxonomy was downloaded from Qiime2 and reconstructed in R using the program 

Qiime2R. The taxonomy bar plots and heat maps were generated in R (Fig. 5), alongside the 
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alpha diversity boxplot in Fig. 4. All samples that were retained through the Deblur workflow are 

presented in the taxonomy plots in Fig. 5. The heatmap encompasses sediment, water, biofilm, 

and oyster gut samples, while the bar plot was generated using only oyster gut samples. RPCA 

analysis was conducted once again, but after filtering out all sediment, seawater, and shell 

biofilm samples to include oyster gut samples only. The purpose of this was to further investigate 

the differences within oysters across field sites (Fig. 6). For oyster gut samples, DEICODE 

RPCA beta diversity analysis was performed at a sampling depth of 1,000 because the alpha 

diversity started to plateau at a lower sequencing depth compared to other sample types (Data Set 

F). This depth allowed one additional gut sample to be retained in the analysis. Songbird 

differential abundance analysis was then performed to rank the differentials of every ASV across 

field sites [75].  

Results 

Oyster survival was highest at Case Inlet and Fidalgo Bay and lowest at Skokomish and 

Port Gamble (Fig. 3A). Difference in survival is significant between Port Gamble and Case Inlet 

(proportion test, P = 0.0336). Mean survival in eelgrass beds across all sites (mean = 77.5 +/- 

20.6%) was slightly higher than that of unvegetated habitat (mean = 67.5 +/- 22.2%), but this 

trend is not consistent across all sites and is not significant (two-way t test, P = 0.533). Alpha and 

beta diversity analyses were conducted on habitat type (eelgrass habitat versus unvegetated 

habitat) with considerations for nestedness. For alpha diversity, an ANOVA was run on habitat 

type and showed no interactions with geographic location or sample type (Data Set A2), 

although assumptions of normal distribution were violated to test this effect. For beta diversity, 

adonis was run on habitat type, which was nested within each site and across sample types (Data 

Set B2). Overall, no significant differences in alpha diversity or beta diversity among all samples 
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were observed between habitats (Shannon ANOVA, F = 0.002, P = 0.962; Unweighted UniFrac 

Adonis, F = 1.257, P = 0.123). For this reason, habitat type was not considered for subsequent 

analyses.  

 

Figure 3. Overview of study site characteristics. (A) Juvenile oyster survival rates across four 
field sites and two types of habitats in Washington State, USA (20 oysters initially deployed at 
each site). (B) Temperature and dissolved oxygen measurements at each site, for both habitats, 

plotted over the 24-h period prior to sampling. 
 

Temperature was significantly different across the sites but did not vary between eelgrass 

and unvegetated habitat (PERMANOVA by site, F = 411.478, P = 0.0002, PERMANOVA by 

habitat, F = 0.33596, P = 0.5626, Data Set D2). Dissolved oxygen also varied significantly across 

site but not between habitats (PERMANOVA by site, F = 258.9586, P = 0.0002, PERMANOVA 

by habitat, F = 0.9197, P = 0.3266, Data Set D1). There were no interactions between site and 

habitat when comparing temperature or dissolved oxygen. These data were plotted by site and 

habitat and the Skokomish site showed the lowest values overall for both temperature and 

dissolved oxygen (Fig. 3B). 
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Figure 4. Alpha (A) and beta (B) diversity across sample types: seawater and sediment (n = 3 
per cage), oyster gut (n varies by cage due to differences in survival) and shell biofilm (n = 3 per 

cage). (A) Shannon Diversity Index used to calculate alpha diversity by sample type. 
Significance of pairwise comparisons is indicated by ***, which implies adjusted P < 0.001. (B) 
Robust Aitchison Principal Components Analysis plot demonstrating distance between sample 
types. Within each sample type grouping, different shapes are used to differentiate which study 

site the sample comes from. The RPCA metric was used to calculate the dissimilarity matrix and 
define top explanatory axes. 

 

Alpha diversity (Shannon’s index) was significantly different (Kruskal-Wallis, H = 

95.084, P =1.77 x 10-20) between sample types (Fig. 4A, Data Set A1). All pairwise comparisons 

between groups were significant, indicating that sediment samples host the highest diversity, 

followed by biofilm, seawater, and oyster gut (Fig. 4A, Data Set A1). While oyster gut samples 

were found to host the lowest diversity of bacteria, they also manifest the greatest range in alpha 

diversity, suggesting that some samples were higher in richness and evenness than others (Fig. 

4A). Robust Aitchison principal component analysis (RPCA) analysis of beta diversity 

concluded that sample types varied significantly from one another in composition 

PERMANOVA, F = 123.43, P = 0.001; Fig. 4B, (Data Set B1). Pairwise comparisons in beta 

diversity between sample types show that they all are significantly different in composition (Data 

Set B1). As a reference, gut samples were closest in similarity to the biofilm samples (mean 
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distance = 1.67, P < 0.001), followed by sediment samples (mean distance = 2.13, P < 0.001), 

and furthest in distance from seawater samples (mean distance = 2.28, P < 0.001).  

 

Figure 5. Taxonomic composition assigned by comparison to the Silva database to identify 
bacterial groups across sample types. (A) Heat map comparing relative abundances of taxa 

across sample types. The scale assigns a positive number to taxa which comprise a large majority 
of their sample composition while negative numbers are assigned to taxa which comprise a 

minority of the sample or are completely absent. Abundances are not absolute, but rather the 
relative percentage unique to each sample showing patterns in the over or under representation of 

key taxa. (B) Taxa bar plot displaying relative abundances of major bacterial groups within 
oyster gut samples. The bar plot is separated by study sites after finding significant differences in 

the beta diversity of gut samples between different sites. 
 

Taxonomic alignment of bacteria amplicon sequence variants (ASVs) reveals relative 

abundances of key taxa groups within each sample type (Fig. 5A). Taxonomic assignment of 

ASVs identified across samples demonstrates that Mycoplasma sp. dominates the oyster gut 

samples compared to any other sample type, which mostly lack Mycoplasma spp. (Fig. 5A). A 

large proportion of gut samples contain an unidentified ASV in relatively high abundance. This 
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ASV was blasted against the NCBI 16S rRNA gene database to assess the nature of this 

sequence. The ASV was found to be only 87% similar to the closest match, which is 

Nitrosomonas marina. When placed in a phylogenetic tree, the ASV falls within a large group of 

Proteobacteria. This ASV was not filtered out of the data set during mitochondrial and 

chloroplast sequence exclusion and insertion tree placement, therefore, it is unlikely to be a 

eukaryotic sequence.  

 

Figure 6. Variance in the oyster gut microbiota between sites. (Left) RPCA plot with only oyster 
gut samples. The dots are color coded by geographic location (site) within the Puget Sound and 

the arrows are colored by groups of bacterial ASVs found across samples which drive separation 
of that site. The RPCA biplot displays arrows which demonstrate the top 8 features associated 
with dissimilarity between samples. The visual association of these arrows with specific study 

sites informed the taxonomic groups to use for the differential abundance analysis ratios 
displayed in the box plot on the right. (Right) Ratio of differential abundances generated by 

Songbird analysis with Vibrio, Verrucomicrobiales, and Synechococcus aligned ASVs as the 
numerator and Mycoplasma and Desulfocapsaceae aligned ASVs as the denominator. 

 

Although alpha diversity within the oyster gut samples did not significantly vary across 

sites (Kruskal-Wallis, H = 5.01, P = 0.17, Data Set E), beta diversity did significantly vary across 
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sites (PERMANOVA on RPCA distance matrix, F = 10.6534, P = 0.001; Fig. 6, Data Set B3). 

DEICODE biplots were used to identify ASVs driving differences across sites. One ASV (pink 

Vibrio arrow, Fig. 6) appeared to drive separation of the Skokomish samples. This ASV was 

inspected closer by searching related sequences in the NCBI nucleotide blast database. Multiple 

species were 100% similar to this sequence, but the top hits were Vibrio toranzoniae, Vibrio 

crassostreae, and Vibrio kanaloae. Using Qurro, a visualization tool for the differentials 

generated by Songbird (21), ratios of the driving taxa were generated for the boxplot in Fig. 6 

and values were organized by site. DEICODE and Songbird differentials can both be viewed in 

Qurro, but Songbird models are trained on metadata variables of interest and therefore the 

predictive accuracy of the model is directly related to the metadata variables included in the 

model’s formula. The Songbird model that was generated with a formula of field site 

outperformed the null model with a Q2 score, which is similar in concept to an R2 value, of 0.17. 

For the ratio, groups of ASVs assigned to Vibrio, Synechococcus, and Verrucomicrobiales were 

clustered because they were heavily associated with oysters in the Port Gamble and Skokomish 

sites. ASVs assigned to Mycoplasma and Desulfocapsaceae were clustered because they 

appeared to drive the separation of the Fidalgo Bay oyster samples from other gut samples. 

Seven samples were dropped from the Qurro visualization because zeros were present in the log-

ratio, implying that these ASVs were not actually detected in those samples. The comparison of 

relative abundances of a single taxon across samples can be misleading because its value within 

each sample depends on the abundance of all other taxa within that sample. To avoid this issue, 

one taxon is chosen as a reference and differentials of the other taxa are compared to this 

reference. This allows inference of the taxa's true change in relative abundance from one site to 

the next. Mycoplasma spp. were chosen as the reference because this group is found in the 
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majority of gut samples, allowing for a consistent comparison of other groups from one site to 

the next. The “identify core features” command was used to identify ASVs present in over 75% 

of gut samples, one of which was a Mycoplasma ASV. After the differentials of specific taxa are 

grouped into the ratio, with the reference group in the denominator, the natural log is taken, and 

these values are plotted in Fig. 6.  

Mycoplasma and Desulfocapsaceae ASVs were at greater proportions in the samples at 

Fidalgo Bay than Vibrio, Verrucomicrobiales, and Synechococcus ASVs. Port Gamble and 

Skokomish demonstrated the opposite trend: Vibrio, Verrucomicrobiales, and Synechococcus 

ASVs were at a greater proportion than Mycoplasma and Desulfocapsaceae ASVs. Case Inlet 

represents a middle ground, where the ratio fluctuates around 0 to show that these specific ASVs 

were overall fairly equal in abundance for the group of samples from this site. While this ratio 

does not come from absolute abundances and therefore, we cannot define the midpoint of the x 

axis, the use of reference points from the differential abundance analysis confirms the 

observation that these taxa explain variation between sites. The natural log ratio values were 

imported into R and run through a Kruskal Wallis nonparametric analysis of variance test and 

found to be significantly different across sites (H = 33.243, P =2.86 x 10-7, Data Set C1). A post 

hoc Dunn test was also run to confirm the specific differences across sites, and all were 

significantly different from one another except Port Gamble and Skokomish (Data Set C1). This 

can be seen in Fig. 6 as the boxplots heavily overlap between these sites. Additional tests were 

performed on the log ratios to determine whether environmental variables also drove differences 

in these key taxa. Linear models were created to test the correlation between the log ratios of the 

above taxa and the mean values for temperature or dissolved oxygen over the 24 h prior to 

collection for each site and habitat. Neither of these linear models showed significant 
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correlations of environmental conditions with the oyster-associated bacteria (linear regression 

correlation and P values: R2temperature = 20.009721, ptemperature = 0.4709; R2DO = 0.02157, pDO = 

0.1557).  

In summary, Port Gamble and Skokomish experienced the highest overall mortality and 

highest fraction of Vibrio, Verrucomicrobiales, and Synechococcus. 

Discussion 

Olympia oysters in Puget Sound are a focal species for conservation and restoration 

science, due to the dramatic decline in population numbers from historical overfishing and 

failure of recovery efforts [48,76]. This field study found differences in Olympia oyster survival 

and microbiome between field sites, suggesting that some locations in Puget Sound may be more 

amenable to restoration than others. Temperature and dissolved oxygen were also significantly 

different across field sites. Upon further inspection, these variables only changed across sites and 

not between habitat types within those sites. There were also no differences within microbiome 

communities across the different habitats and no association between eelgrass habitat and oyster 

survival. The distance between eelgrass and unvegetated habitat at each site was minimal 

compared to geographic separation of the sites and leads to the conclusion that site 

characteristics were more impactful than microscale habitat changes.  

Microbial communities showed significant variation across sample types: seawater, 

marine sediment, oyster shell biofilm, and oyster gut. The gut of the oyster hosted the lowest 

diversity of bacteria, which has been demonstrated previously in comparison to the surrounding 

water and sediment [2,77]. Beta diversity analysis suggests that the gut microbiome was 

significantly different from the microbiome found on the shell or in surrounding seawater. There 

are some shared ASVs between the gut and the surrounding environment, but these are primarily 
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transient bacteria and the degree to which these bacteria are functional within the oyster gut is 

unclear. In another study, the biofilm of the shell of live and dead oysters was compared and 

found not to vary, suggesting that the shell microbiome is not controlled in the same way as the 

internal oyster tissue microbiota [77]. Previous studies have demonstrated that the community of 

bacteria within the gut tends to be more controlled by the host itself than surrounding 

environmental variables [12]. The ASVs unique to the oyster gut were, in fact, the most 

prevalent groups in the gut, creating a specialized microbial community. The oyster gut 

microbiome is hypothesized to break down polysaccharides and produce amino acids and 

vitamins, likely aiding in host digestion and nutrient absorption [6].  

The most abundant bacteria within the oyster gut cannot be predicted by the 

environmental bacterial community or physical variables. In this study, Mycoplasma and an 

unidentified bacterial group made up a high percentage of the total community and were found in 

over 75% of oyster gut samples. Mycoplasma is a genus of the Mollicutes class and have been 

found in high proportions in various oyster species across a broad geographic range [1,2,77]. 

One study demonstrated that Mycoplasma are likely relying on the oyster to provide certain 

compounds [78]. The other highly abundant ASV in the oyster gut did not align to any known 

bacterial subgroups, which suggests some potential novelty in the microbiota of oysters. 

Synechococcus were also found in many of the oyster gut samples, and along with other 

cyanobacteria are frequently observed in the oyster gut [35,79], but are likely sourced from the 

environment as they are also found frequently and in high proportions in seawater [79]. While it 

is difficult to tease apart resident versus transient and active versus inactive microbial 

populations from amplicon sequencing data, the groups identified here come to play an important 

role in further analysis.  
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Variation in gut microbiome composition by sites is largely driven by the balance of a 

few key taxa. Site-specific characteristics, such as temperature, salinity, and dissolved oxygen, 

may influence the abundances of these key taxa. In fact, many studies show significant 

dissimilarity in the internal oyster microbiome across growing locations [1,20,28]. However, 

there is little evidence to suggest the gut bacteria originate solely from the environment [80]. 

Some studies see far less variation in the microbiome across sites [33], but this could depend on 

how closely the sites are linked. The microbiome responds strongly to the food ingested by the 

oysters, and the type of food available is likely to change across habitats [81]. In the case of this 

study, the variation can be summarized by the ratio of small groups of taxa across the sites. A 

higher ratio of Vibrio, Verrucomicrobiales, and Synechococcus in oyster gut microbiomes are 

responsible for the separation of Port Gamble and Skokomish from the other sites. Fidalgo Bay 

and Case Inlet, on the other hand, host more of the bacteria that are thought to be core to the 

oyster’s gut tissue, particularly Mycoplasma spp. [1,4,9,78]. A previous study on Pacific oysters 

in the Hood Canal, Washington identifies Tenericutes (the phylum Mycoplasma belongs to) and 

Vibrio in their samples, which matches the Hood Canal sites used in this study, Port Gamble and 

Skokomish [82]. While Vibrio may be a common constituent of the oyster microbiome and are 

frequently non-pathogenic [83], they generally make up only a small percentage of the total 

community. In the case of Skokomish, Vibrio makes up a larger percentage than expected for a 

healthy oyster (Fig. 5). Port Gamble and Skokomish oysters also held a higher proportion of 

Synechococcus in their gut. Synechococcus could be a transient member of the community from 

filter-feeding, but previous studies also demonstrate its successful colonization of oyster tissue 

[35,84]. The overrepresentation of this taxa in Port Gamble and Skokomish oysters could 

indicate higher filtering activity than the oysters at Fidalgo Bay and Case Inlet or an increase in 
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Synechococcus in the water column. The connection of Port Gamble and Skokomish by the 

Hood Canal supports the hypothesis that these sites experienced the same Synechococcus bloom. 

The groups of bacteria which drive differences across sites also fluctuate similarly with 

respect to survival rate. Ratios of bacteria from Port Gamble and Skokomish were not 

statistically different from one another and these sites had the lowest survival rates (55% and 

60%, respectively). Previous studies focused on stressed oysters suggest that proportions of 

Vibrio similar to those observed in our study are a sign of infection [13]. Furthermore, the 

specific Vibrio sequence that is overrepresented in Skokomish aligns with species which have 

been reported as fish or shellfish pathogens, including Vibrio toranzoniae, Vibrio crassostreae, 

and Vibrio kanaloae [85,86]. On the contrary, Mycoplasma is characterized as a core member of 

the oyster gut in this study and associated with higher survival. One study found that 

Mycoplasma actually increased in proportion in the gills of disturbed oysters [7], but as they are 

normally identified in the gut, this could be a sign of inappropriate translocation from the gut to 

more distal tissues, suggesting physiological disturbance. Therefore, the high prevalence of gut-

associated Mycoplasma in our study is unlikely to be a sign of disturbance. In more recent years, 

research has explored the role of the microbiome in responding to viral or parasitic infections of 

oysters. Microbiome composition could be used to predict oyster mortality following exposure to 

OsHV-1, the ostreid herpesvirus [87]. Susceptibility of oysters to infections could be dictated by 

their microbiome composition, stressing the importance of characterizing bacterial dynamics at 

oyster restoration sites. Oysters can also experience a loss of core bacteria following infection, 

such as the decreased abundance of Mollicutes in oysters infected with the parasite Perkinsus 

marinus [78]. In this study, the reduced presence of Mycoplasma in the Skokomish samples 

could be explained by the increase in Vibrio, which may indicate some type of infection. The 
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type of infection cannot be determined, as there are no records of Vibrio species causing disease 

in Olympia oysters. In anoxic conditions, the oyster microbiome may respond to host stress and 

shift toward an opportunist-dominated community, leading to mortality of the host, even if it had 

the physiological capacity to withstand the anoxic conditions [57]. Oysters at Skokomish were 

collected after a period of very low oxygen compared to the other sites, suggesting a stressful 

environment for the oysters and a likely cause for the dominance of potentially opportunistic 

Vibrio species in the gut microbiome at this site. While the microbiomes of dying oysters could 

not be captured in this study, the patterns between survival rate and bacterial differentials suggest 

a potential role of these bacteria in oyster mortality, which should be further tested.  

Bacterial dynamics are important to consider when monitoring ecosystem health. A 

diverse set of microorganisms are better equipped to handle disturbance and outcompete invaders 

[12]. Looking at the sites observed in this study, Fidalgo Bay varied greatly from Port Gamble 

and Skokomish, which are connected by the Hood Canal. The Fidalgo Bay oysters fared better 

than the Hood Canal oysters, which could predict higher likelihood of recruitment success and 

survival at Fidalgo Bay, compared with other sites. In fact, Fidalgo Bay restoration efforts have 

been very successful and native oyster populations grew from about 50,000 oysters in 2002 to 

almost 5 million in 2016 [88]. Environmental conditions also varied in the time leading up to 

oyster collection, which could influence microbial communities in the environment and within 

the oyster. However, the environmental data failed to fully explain the variation in key bacterial 

taxa driving the differences across sites. There is no explanation yet as to why the bacterial 

communities varied so much or how to evaluate an optimal microbiome. Other variables that 

were not assessed in this study can also cause variation in the microbiome, such as estuary 

morphology [11], non-bacterial disease causing agents [5,39,89], and pollutants [90]; it is 
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possible that these other unknown variables may be linked to the oyster gut microbiota 

differences, and may be driving mortality rates. Transcriptional activity can also vary along 

environmental gradients and provide more insight about the behavior of bacteria within the 

oyster [91]. While this type of data was not collected for this study, it will be an important factor 

to evaluate in the future. 

As with any microbiome study, there are limitations in amplicon sequencing and deriving 

conclusions from a single time point of environmental data and tissues. Amplicon sequencing 

has biases in many steps of the process, from the initial subsampling of tissue to PCR primer 

bias. Bacterial proportions were not absolute, which prevents us from declaring that specific 

ASVs were increased or decreased from one sample to the next. However, future studies should 

aim for targeted quantification of the bacteria identified in this and other oyster microbiome 

studies or attempt to normalize ASV abundances with quantitative PCR of the total bacterial 

community [80]. Moreover, microbiome data was only collected for one time point in the late 

summer. A time series of samples or an early sampling point for comparison may have revealed 

how the oyster microbiome initially responded to field conditions and how it changed over time. 

Temperature and dissolved oxygen variables were explored over the 24 h prior to collection, but 

the time of mortality for any lost oysters was unknown, meaning it was not possible to test 

association between these environmental conditions and mortality. Furthermore, it was not 

possible to statistically test correlation between survival rate and microbiome because the time of 

mortality for oysters at each site was unknown and microbiome of dying oysters was not 

captured. Additional constraints required all oysters to be held in one cage per site and habitat, 

which could lead to batch effects within the cages. Additionally, triplicate sediment and seawater 

samples were taken within close proximity of one another in order to investigate those 
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communities closest to the oysters, but this likely led to higher similarity among the individual 

clusters and did not show a true range of alpha or beta diversity across the entire site. 

Considering such limitations, future field sampling efforts such as this should attempt to limit 

random and fixed effects as much as possible and collect widely dispersed samples to capture the 

full range of variation. 

Conclusion 

Oyster microbiomes have the potential to change because of their environment and/or 

host biology. This study demonstrated that while Olympia oyster gut microbiomes varied greatly 

by field site, the gut hosts a microbiome distinct from the surrounding environment. The 

microbial community was also associated with the survival rates, suggesting a connection 

between bacterial composition in the gut and oyster performance. These outcomes have 

implications for restoration management of the native Olympia oyster in the Puget Sound, 

providing critical insight into the bacterial dynamics faced by oysters recruiting to these sites. 

Furthermore, this study takes one step toward developing microbiome analysis as a diagnostic 

tool, which could use oyster gut samples to determine whether a given population is under stress. 

Data availability  

Sequence data generated in this project are deposited in the EBI-ENA database and NCBI 

BioProject database under (accession no. PRJEB49367) and made available through Qiita (Study 

ID: 12079). Processed data files and scripts for Qiime2 and R are available in the GitHub 

Repository (https://github.com/ekunselman/OlympiaOysterMicrobes). 
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Chapter 2 TEMPERATURE AND MICROBE MEDIATED IMPACTS OF THE SAN DIEGO 
BAY OSTREID HERPESVIRUS (OSHV-1) MICROVARIANT ON JUVENILE PACIFIC 

OYSTERS 
 

Abstract: 

The ostreid herpesvirus (OsHV-1) was recently detected in San Diego Bay for the first 

time in farmed juvenile oysters. Due to the virus’ ability to cause mass mortality (50 to 100%), it 

is important to determine the factors that promote infection as well as the consequences of 

infection. Here we assess the role of temperature in controlling OsHV-1 induced mortality. 

Oysters were exposed to the San Diego Bay microvariant of OsHV-1 at 4 different temperatures 

(15, 18, 21, and 24°C). While OsHV-1 was able to replicate in oyster tissues at all temperatures, 

it did not induce mortality at 15°C, only at the higher temperatures. Additionally, we examined 

oyster tissue-associated bacterial response to OsHV-1 infection. As shown previously, bacterial 

richness increased following OsHV-1 exposure, and then decreased as the oysters became sick 

and died. Four bacterial taxa linked to the San Diego Bay microvariant infection, including 

Arcobacter, Vibrio, Amphritea, and Pseudoalteromonas, were the same as those shown for other 

microvariant infections in other studies from globally distributed oysters, suggesting a similar 

spectrum of co-infection irrespective of geography and microvariant type. The significant shift in 

the bacterial community following exposure suggests a weakening of the host defenses as a 

result of OsHV-1 infection, which potentially leads to adverse opportunistic bacterial infection. 

Sustainability Statement:  

The temperature threshold of OsHV-1 microvariant from San Diego Bay is critical 

information for management of the virus. With global ocean temperatures rising, the likelihood 

of OsHV-1-induced mortality outbreaks may increase. Microbial sequencing also further 

elucidated the presence of genus-specific bacterial activity in association with OsHV-1, which 
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may be critical in disease progression and potential targets for combatting oyster disease. The 

impacts that OsHV-1 has on oyster aquaculture affect both food security (UN Sustainable 

Development Goal 2) and ocean sustainability (UN Sustainable Development Goal 14) because 

growth of aquaculture is essential to address seafood demand but disease outbreaks can cause 

negative consequences to both food supply and the health of the environment around those 

outbreaks.  

Introduction: 

The Ostreid herpesvirus (OsHV-1) is a pathogen that plagues aquaculture industries 

around the world, namely in France, Italy, Ireland, New Zealand, Australia and the West Coast 

of the United States [29,92–101]. Microvariants of OsHV-1 (μVar) have developed which carry 

several sequence variations compared to the reference genome published by Davison et al 2005 

[102]. Microvariants of OsHV-1 are highly virulent and lead to mass mortality events on oyster 

farms [94,97,98,103]. Herpesvirus particles are seen in microscopy across various tissues, 

including adductor muscle, mantle and digestive gland, and specifically target oyster immune 

cells called hemocytes which may act as a vehicle transporting the viral particles to different 

tissues [89,104,105]. The virus attaches to host cells to invade them and replicate within [106]. 

Inhibition of apoptosis is frequently found in susceptible oysters and may be caused by viral 

reprogramming in favor of its own proliferation [89,104,107,108]. OsHV-1 may be detected and 

quantified, both DNA copies and mRNA expression levels, with quantitative PCR [94,109–112]. 

Controlled laboratory studies have shown that OsHV-1 may be transmitted by filtered viral 

homogenate into naïve oysters through intramuscular injection, bath exposure with tissue 

homogenates or bath exposure using shed virus [89,105,110]. The virus is also spread through 
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cohabitation, suggesting inter-oyster transmission on farms and in natural populations during 

outbreaks [89,113].  

OsHV-1 virulence is exacerbated by increasing temperatures. In fact, certain 

microvariants of OsHV-1 are incapable of inducing mortality below certain temperatures. An 

Australian microvariant was only found to induce mortality above 14°C [114]. Other 

microvariants, such as the French microvariant, have greatly reduced replication and almost no 

oyster mortality at lower temperatures such as 13°C [115]. As temperatures are increased, 

OsHV-1 induced mortality can increase up to 57% [116], 84% [114], 89.8% [113] or even 100% 

[52]. The most optimal range for most OsHV-1 microvariants appears to be between 16 and 

26°C [52,113–117]. Optimal growth and function temperature for Pacific oysters is typically 

around 20°C [118]. Higher temperatures may interfere with antiviral gene expression and cause 

differential response to OsHV-1, leading to higher likelihood of mortality [119].  

In San Diego Bay, temperatures vary from 15°C in winter to more than 22°C in summer 

(NOAA National Data Buoy Center). High temperatures reach to 25°C in San Diego Bay. The 

first detection of an OsHV-1 microvariant in San Diego Bay occurred in 2018 in farmed triploid 

juvenile oysters [94]. The detection of high OsHV-1 copy numbers in October of 2018 coincided 

with 99% spat mortality [94]. This is a microvariant of OsHV-1 which is highly virulent, similar 

to French and Australian microvariants (Kachmar et al in press). There have since been ongoing 

sentinel studies to monitor the spread of the OsHV-1 microvariant, which is more similar to the 

French, Australian and Chinese microvariants than to the Tomales Bay, California OsHV-1 

variant [94]. OsHV-1 San Diego Bay microvariant has since been detected during a mass 

mortality of small juvenile oysters in San Diego Bay in 2020 (Evans et al. submitted). The 

mitigation of this virus can be successful with selective breeding programs, informed planting 

https://www.ndbc.noaa.gov/view_climplot.php?station=sdbc1&meas=st
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times to avoid vulnerable periods based on age, temperature and other environmental factors, 

appropriate stocking density and limiting oyster transfer from one location to another [110,120–

124]. Currently, a single oyster nursery exists in San Diego Bay, and the current management 

strategy is to allow commercial production of oysters only in times when the temperature is <20 

°C, while sentinel oysters remain to better understand when outbreaks occur. 

In addition to temperature, microbes may also play an important role in OsHV-1 

infection. The ability of OsHV-1 to impair host immune defense offers the opportunity for 

opportunistic microbiota to also invade and colonize the oyster. Oysters launch a predominantly 

antibacterial response at later stages of infection, hinting at the likelihood of secondary bacterial 

co-infections associated with viral infection [107]. This is further demonstrated by drastic shifts 

in microbiome community composition and bacterial accumulation with associated tissue 

damage upon histological examination of infected oysters [89]. A specific group of opportunistic 

bacteria is conserved across many OsHV-1 infectious environments, including Arcobacter, 

Pseudoalteromonas, Amphritea, Marinomonas, and Marinobacterium [89,117,125,126]. It is 

also likely that Vibrio species contribute to disease and further its progression after initial 

infection with OsHV-1 [87,89,125,127,128]. Some bacteria may be co-infectors, while others 

may take advantage of both the host's immunocompromised state and resources produced by 

other bacteria, such as siderophores [127].  

As a result of the limited known detections in San Diego Bay, it is difficult to narrow 

down an optimal temperature range for the OsHV-1 San Diego Bay microvariant. Therefore, the 

first goal of this study is to assess the temperature threshold of this microvariant in naïve oysters 

without prior exposure to OsHV-1. This was conducted through bath exposure to OsHV-1 in 

experimental aquaria under four different temperatures (15, 18, 21, and 24°C) and monitoring 
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mortality for 14 days after exposure. To explore microbial community dynamics after OsHV-1 

exposure, another bath exposure was performed at 21°C and oysters were visually assessed and 

categorized into different disease states (alive, sick or dead). The microbial patterns in 

community diversity across disease states and key bacterial players after exposure were 

compared with other studies to reinforce the theory that a common group of OsHV-1-associated 

bacteria are conserved across both geographic regions and across different microvariant 

infections. Finally, to assess the magnitude of bacterial impact on OsHV-1 disease, an antibiotic 

treatment was applied to half of the tanks in all temperatures but failed to reduce mortality. This 

study has critical implications for OsHV-1 management in San Diego Bay, revealing a tight 

linkage between temperature and mortality, as well as demonstrating the ability for opportunistic 

and potentially detrimental bacteria to emerge during viral outbreaks.   

Methods: 

Oyster Infection Trials: 

Due to handling of a deadly oyster virus, the experimental room used for infection was an 

enclosed, climate-controlled room with no flow-through seawater. Waterproof lab boots were 

worn at all times when in the room and a 10% bleach bath was prepared in a mat outside of the 

room for washing the boots after working in the room. Lab coats and boots worn inside the room 

did not leave the area and were reserved strictly for use in this room. All trash that was 

accumulated from the experiment was disposed of in double-bagged biohazardous trash bags for 

off-campus autoclaving. All sharps, including needles and scalpels, were disposed of in 

biohazardous sharps containers. Drop cloths were placed over tanks to control possible 

aerosolization of the virus, therefore keeping a barrier between controls and OsHV-1 as a 

measure of contamination prevention. At the end of the experiment, all containers and materials 
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which were in contact with oysters or OsHV-1 were soaked in 10% bleach for 30 minutes or 

sprayed with 10% bleach before rinsing and drying. All protocols were reviewed by the state of 

California and the facility inspected prior to the start of experiments. 

Oyster Infection Experiment #1 - Mortality:  

Juvenile oysters (9 mm or 24 mm in length) were shipped on ice from an oyster farm in 

Humboldt Bay, California to Scripps Institution of Oceanography. Oysters had only been 

exposed to Humboldt Bay water, where OsHV-1 has never been detected (Burge CA, 

unpublished data, Elston RA unpublished data). All seawater used was from the Scripps 

Institution of Oceanography pier inlet, was at 35 ppt and was 0.2 micron-filtered prior to use. 

Immediately upon arrival, oysters were rinsed briefly with freshwater to clean off sediment and 

placed into tanks at 15 or 17℃. Oysters were split into either “donor” or “recipient” tanks. Water 

with OsHV-1 present would later be transferred from donor oyster to recipient oyster tanks. The 

two donor tanks were 39 Liter Sterilite containers with 100 oysters (24 mm length) each starting 

at 17℃. Recipient tanks were split into two sides: OsHV-1 exposure or Control (Figure 7). Each 

side had 4 water baths to allow for the final acclimation of oysters to 4 different temperatures 

(Figure 7).  The recipient tanks were 1 Liter lidded containers with a hole in the lid for an airline. 

10 oysters (9mm length) were placed in each of these recipient tanks and 4 tanks were placed 

into each water bath (Figure 7). One water bath on each side (both Control and OsHV-1 

exposed) was kept at room temperature, which was 15℃, while all other water baths were started 

at 17 ℃ by using water heaters. Starting one day after the arrival of the oysters, the temperature 

in the water baths and the donor tanks was increased 1℃ per day until the water reached the 

desired temperature. Donor tanks were increased to 21℃, while recipient tanks were made to be 
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15, 18, 21 and 24℃ (Figure 7). Temperature loggers were placed in the recipient tank water 

baths at 21℃ to monitor true water temperature fluctuation.  

Water in every tank was changed completely every 2 days. All seawater used in the 

experiment was bleached at 10% before being disposed of down the sink drain. Oysters were fed 

ad libitum every day during the acclimation period. A mix of algae containing 50% Chaetoceros 

muelleri, 5% Tetraselmis sp., 20% Tisochrysis lutea and 25% Nannochloropsis oculata was 

boiled at 100℃ for 1 minute to kill exogenous bacteria before being fed to oysters.  

Once all tanks had reached their target water temperatures (21℃ for donor oysters or 15, 

18, 21 and 24℃ for recipient oysters), the donor oysters were placed into an epsom salt bath at 

50 g/L overnight to relax their adductor muscle. These donor oysters were injected with 100 uL 

of OsHV-1 homogenate with a total of 1x106 copies using a 27-gauge needle injected directly 

into the adductor muscle. The homogenate used was a secondary pass from the original 

homogenate (Burge et al 2021) prepared previously and cryopreserved at -80 C (Kachmar et al in 

press). After waiting for 10 minutes oysters were placed back into the 39 Liter containers with 

filtered seawater at 21℃ for 48 hours. After 48 hours, a water sample was collected from each 

donor tank, extracted using the Zymo Quick-DNA Miniprep Plus Kit following the Biological 

Fluids and Cells Protocol and the concentration of OsHV-1 copies was quantified using qPCR 

(see full description below). The quantification of virus in the water in each tank was deemed 

sufficient for exposure (>1x105 copies/mL). The water in the two donor tanks was mixed and 

another sample was taken to determine the final viral concentration in the water (4.05x106 

copies/mL). 500 mL of the seawater carrying the virus was added to each recipient tank for every 

temperature on the OsHV-1 exposure side, dosing each set of 10 oysters with 2.03x109 copies of 

OsHV-1. For oysters on the control side, tank water was changed with just filtered seawater.  
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For each temperature and condition (OsHV-1 exposed or control), there were four tanks 

with 10 oysters each (n = 32 tanks, n = 320 oysters). Two replicate tanks received antibiotics 

while the other two replicates did not (Figure 7). Starting with the first day of exposure and 

continuing at each water change, Chloramphenicol at a final concentration of 10 mg/L [57], 

Ampicillin at a final concentration of 1 mg/L, and Streptomycin at a final concentration of 0.1 

mg/mL [8] were added to the seawater immediately before adding the seawater to the antibiotic-

treated tanks. Control tank water did not receive any additives. A follow-up experiment was 

conducted to validate the lack of difference in mortality between antibiotic and non-antibiotic 

treated oysters at 18℃. All conditions were replicated, except 20 oysters were used per antibiotic 

treatment in an OsHV-1 exposure condition, and 10 oysters were used per treatment in the 

control tanks.  

Oysters from all conditions were fed boiled algae immediately after virus exposure and 

24 hours after virus exposure to ensure filtering of the virus but were starved for the remainder of 

the experiment.  Every day, oysters were monitored for mortality. Starting with the control side, 

tanks were lifted from the water bath, tapped to confirm that live oysters would close, and 

investigated further if any oysters remained gaping open. Any oysters that remained open were 

touched lightly with a pair of tweezers. If oysters did not close after this, they were deemed dead 

and removed from the tank. The tissue of the dead oysters was immediately removed from the 

shell, weighed, and stored in DNA/RNA shield solution (Zymo Research). Once mortality 

leveled out, with less than 3 oyster deaths per day for 4 days, the experiment was terminated and 

tissue from all remaining live oysters was dissected and preserved in DNA/RNA shield. 

Oyster tissue was homogenized in the DNA/RNA shield solution for 30 seconds using 

the soft tissue tips with the Omni Tissue Homogenizer tool (Omni International). Then, 500 uL 
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of homogenate was used for DNA extraction with the Zymo Quick-DNA Miniprep Plus Kit 

following the Solid Tissues Protocol. This kit included a Proteinase K digestion for 1 hour. The 

extracted DNA template was stored at -20℃ until use for qPCR.  

Oyster Infection Experiment #2 - Microbiome:  

A replicate experiment was conducted at 21℃ to collect oyster tissue samples from 

control and exposed oysters (alive, sick/moribund and dead) for microbiome characterization and 

comparison (Figure 7). Oysters from the nursery in Humboldt Bay were shipped to the climate-

controlled room and placed in filtered seawater at 17℃. The temperature of the seawater 

increased 1℃/day until it reached 21℃. Water was changed every 2 days and oysters were fed 

boiled algae. Once oysters reached 21℃, 10 oysters were dissected, weighed and stored in 

DNA/RNA shield solution. Then, over 100 donor oysters were relaxed with an epsom salt bath 

overnight and injected with 100 uL of 1x106 total copies of OsHV-1 homogenate.  After 48 

hours, a water sample from the tank was collected, extracted and run through qPCR. The water 

contained 1.41x106 copies/mL of OsHV-1. 500 mL of this virus water was added to each of 6 

recipient tanks with 10 oysters per tank. After 4 days, 10 dead oysters and 2 sick oysters were 

collected from the tanks overall. Dead oysters failed to close after touching them with sterile 

tweezers, while sick oysters closed slowly and only after the tweezers touched their shells 

directly. After 5 days, 8 more sick oysters and 10 live oysters were collected from the tanks 

overall and the experiment was terminated. Live oysters closed immediately after tapping the 

outside of their tank.  

Oyster tissue was homogenized in the DNA/RNA shield solution for 30 seconds using 

the soft tissue tips with the Omni Tissue Homogenizer tool and stowed at -20℃. Then, 500 uL of 

homogenate was sent for DNA extraction at the UCSD Microbiome Core using the Applied 
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Biosystems MagMax Ultra Nucleic Acid Isolation Kit. A portion of extracted DNA template was 

returned from the Microbiome Core and viral quantification was performed via qPCR.  

qPCR: 

Tank water and all oyster tissue samples were run through a quantitative PCR reaction to 

determine if OsHV-1 was present and at what concentration. Methods were adapted from Burge 

et al 2020, Burge et al 2021, and Agnew et al 2020 [94,109,110]. Each qPCR reaction well was 

prepared with 10 uL of Agilent Brilliant III Ultra-Fast SYBR QPCR master mix, 0.8 uL of each 

10 uM OsHV-1 primer (ORF100 Forward and Reverse), 0.5 uL of BSA, 5.9 uL of molecular 

grade sterile H2O and 2 uL of DNA template. All samples were run in triplicate. A standard 

curve and negative extraction and qPCR controls were included in every run. The standard curve 

was prepared using a synthetic gBlock strand of the OsHV-1 ORF100 region in a dilution series 

from 2x107 copies down to 20 copies/uL. Thermocycler conditions included one cycle of 20 

seconds at 95℃, followed by 40 cycles of 3 seconds at 95 ℃ and 30 seconds at 60℃, and 

finished with a melt curve profile of 95℃ for 15 seconds, 60℃ for 15 seconds and a ramp up to 

95℃ held for 15 seconds. OsHV-1 copy number in unknown oyster and water samples was 

derived from the standard curve equation for that plate and averaged across the 3 replicates. 

Specificity of the amplified template was confirmed by comparing the melt curve of samples to 

that of the gBlock positive controls.  

Microbiome Sequencing: 

Control (n=10), live (n=10), sick (n=10) and dead (n=10) oyster microbial community 

libraries were prepared and sequenced by the Microbiome Core and the Institute for Genomic 

Medicine at UCSD. Library preparation was conducted by the UCSD Microbiome Core using 

the KAPA Hyper Plus Kit (Roche Diagnostics, USA). The protocol for library preparation and 
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sequencing is based on the Earth Microbiome Project, which uses primers 515F/806R to target 

the V4 region of the 16S rRNA gene in bacteria [62,129]. Sequencing was conducted by the 

UCSD IGM Genomics Center on the Illumina MiSeq platform with paired-end 250 base pair 

cycles. 

Analysis 

Oyster Infection Experiment #1 - Mortality:  

During the 14-day period following OsHV-1 exposure, oysters were monitored every day 

for mortality. If an oyster was found dead, it was recorded as a “1”, along with its temperature, 

exposure condition (control vs. OsHV-1 Exposed), antibiotic treatment (yes or no), and the days 

since exposure for when it was found dead. Each mortality was recorded as an individual data 

point. At the end of the experiment, any remaining live oysters across all variables were recorded 

individually as “0”. The data on mortality was tracked in this way to perform a survival analysis 

using the Kaplan-Meier estimate [130]. In R, the Kaplan Meier survival estimate was computed 

with the function survfit() from the package survival [131,132]. Then, the step function plots 

were created using ggsurvplot() from the survminer package. Finally, a log rank test was 

conducted with the survdiff() function in the survival package to determine whether mortality 

varied significantly across conditions.  

All oyster tissue was collected from this experiment and all tissue was assessed for 

OsHV-1 viral load. Quantitative PCR data for all OsHV-1 exposed oysters was normalized by 

weight of tissue in grams, because samples were collected in a standardized volume. The log of 

the normalized copy numbers by temperature and mortality status (live vs. dead) were visualized 

with violin plots. Kruskall Wallis tests were used to determine whether OsHV-1 copy number 

varied between live and dead oysters and across temperatures.  
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Oyster Infection Experiment #2 - Microbiome:  

Sequencing reads from the control, alive, sick and dead oyster samples were 

demultiplexed with Qiime2 [65]. DADA2 from Qiime2 v2020.6 was used to denoise the data 

and produce a feature abundance table of Amplicon Sequence Variants [133]. Reads were 

truncated at 224 base pairs on the forward reads and 200 base pairs on the reverse reads based on 

sequence quality plots.  Taxonomic classification of reads was conducted with the Qiime2 pre-

trained classifier from Greengenes2 v2022.10 [134]. ‘Unassigned’ taxa were filtered out of the 

feature abundance table. A phylogenetic tree was constructed using the SEPP fragment insertion 

method [71]. The DADA2 ASV abundance table, Greengenes2 taxonomy file, and phylogenetic 

tree were imported into R as a phyloseq object. Phyloseq was used to calculate Richness, 

Evenness, Shannon’s, and Simpson’s alpha diversity [135]. Kruskal Wallis tests with pairwise 

Dunn’s test were used to determine statistical significance between groups. An alpha correlation 

test was run to determine strength of linear correlation between evenness and viral load. 

Richness values were plotted against evenness values as proposed by Gauthier and Derome 

[136]. A distance matrix was calculated with unweighted UniFrac using the Phyloseq package 

and plotted with Principal Coordinates Analysis [68,69]. Adonis tests were run on unweighted 

UniFrac distances to determine significance of both disease state and viral load in altering 

microbial composition. Hierarchical clustering was conducted with the unweighted UniFrac 

distance matrix and hclust using the complete linkage method. The tree was cut into its primary 5 

clusters. Differential abundance analysis was conducted with ANCOM-BC, which corrects the 

bias from uneven sampling fractions across samples, uses a log-linear regression, and conducts 

multiple pairwise comparisons all while controlling the multi-direction false discovery rate 

[137]. ANCOM-BC is robust to the sparse matrices used in microbiome data and adaptive to 
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structural versus sampling zeros. The disease state of the oyster sample was used as the fixed 

formula for ANCOM-BC with an initial prevalence cutoff of 10% and Holm p-value adjustment. 

Pairwise comparisons were conducted against the control samples (before OsHV-1 exposure) as 

the reference. An adjusted p-value of less than 0.05 was used as the cutoff for significantly 

different taxa, which were agglomerated at the genus level. Finally, Random Forest analysis with 

randomForest() [138] package and function in R was performed to assess the ability to predict 

disease state and OsHV-1 exposure status based on the microbial composition and abundance 

data. A prevalence cutoff of 10% for each sample set was used again to remove rare taxa. Out of 

bag error rate was calculated for two comparisons: Alive versus Dead oysters and Control 

(“Before”) vs. Alive & Sick (“After”) oysters. The top 20 ASVs that were most important for 

predicting condition in either comparison were selected based on the greatest mean decrease in 

GINI coefficient, which equates to the ASVs improving predictive capabilities at a given node in 

the decision tree.  

Results: 
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Oyster Infection Experiment #1 - Mortality:  

 

Oyster Infection Experiment #2 - Microbiome:  

 

Figure 7. Experiment schematic. Top panel is showcasing mortality experiment setup while 
bottom panel is showing microbiome experiment setup. A highly similar timeline as shown in 

the bottom panel was used for both experiments, with the exception that mortality was monitored 
for longer in the first experiment and oysters were not sampled until they died, or the experiment 

was ended at 14 days post exposure. 
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Oyster Infection Experiment #1 - Mortality:  
 

 

Figure 8. Kaplan Meier mortality curves displaying the proportion of oysters dead in each 
condition each day and estimated probability of survival with 95% confidence intervals. 

Top panel displays survival curves by temperature with an x axis of time in days. Significance of 
the statistical difference between temperatures is exhibited with p value < 0.0001. The number of 

oysters remaining at given time points is displayed below the Kaplan Meier plot, where the 
initial sample size of oysters is the first number listed (n = 40 for 15, 21 and 24°C, n = 39 for 
18°C). Bottom panel displays survival curves by antibiotic exposure, faceted into one plot per 

temperature. For 18°C, the follow-up validation experiment with 40 oysters is coupled with the 
original experiment to show trends from the duplicated experiments. 

 

Mortality varied significantly by temperature but did not vary with antibiotic treatment. 

No oysters in the control group, at any temperature with or without antibiotic treatment died, 

thus only OsHV-1 exposed oysters were plotted for mortality. At 15°C, no oysters died in any of 

the temperatures either with or without antibiotic treatment (Figure 8). In all other temperatures, 

there was no significant difference in mortality between antibiotic treated or untreated oysters 

(Figure 8). Log rank tests were used to determine whether mortality was significantly different 

between temperatures. Overall, mortality did significantly vary between temperatures (p < 

0.0001*) (Figure 8). Mortality at 18°C was significantly different from that of 15°C (p < 

0.0001*), 21°C (p = 0.00065*) and 24°C (p = 0.00227*). However, mortality at 21°C did not 
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vary from 24°C (p = 0.66852). Over 75% of oysters died in all temperatures 18°C and higher, 

but oysters at 21°C and 24°C started dying sooner after OsHV-1 exposure than oysters at 18°C 

(Figure 8). At 18°C, antibiotic treated oysters appear to start dying later than untreated oysters, 

but this difference was not statistically significant in either the initial or the follow-up experiment 

(Figure 8). 

 

Figure 9. Viral load of OsHV-1 copies normalized by weight across temperatures faceted 
by mortality. Copy numbers were determined by qPCR and each individual dot represents one 
sample. Violin plots are used to summarize density distribution of values across temperatures. 

Left panel displays normalized qPCR values for dead oysters sampled throughout the 
experiment, while the right panel displays values for remaining live oysters collected only at the 

end of the experiment. 15°C is not included in the left panel as no oysters died at this 
temperature. 

 

OsHV-1 load was much higher in dead oysters compared to remaining live oysters but 

did not vary by temperature. Kruskal Wallis tests were conducted separately for live and dead 

oysters. Within the dead oysters, OsHV-1 normalized qPCR values did not significantly differ 
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between temperatures (p = 0.168) (Figure 9). Similarly, OsHV-1 load did not significantly differ 

between temperatures within remaining live oysters (p = 0.7112) (Figure 9). A Wilcoxon test (or 

Mann Whitney test) was conducted to determine whether OsHV-1 load varied between dead and 

live oysters across all temperatures combined. OsHV-1 load was significantly higher in dead 

oysters compared to live oysters (p < 0.001*) (Figure 9). The variability of normalized qPCR 

values was much higher in remaining alive oysters, while values for dead oysters were all very 

similar (Figure 9). 

Oyster Infection Experiment #2 - Microbiome:  
 

 

Figure 10. Alpha Diversity of oysters before and after exposure to OsHV-1. Left displays 
Shannon and Simpson diversity with boxplots corresponding to 4 different disease states: 1: 

before OsHV-1 exposure, 2: after exposure but still alive, 3: after exposure and showing signs of 
sickness and 4: completely dead. Statistically significant difference (p < 0.05) between groups is 

denoted by “A”, “AB”, and “B”, with “AB” suggesting overlap with both “A” and “B”. Right 
displays the richness in number of observed ASVs versus the evenness as measured by Pielou’s 

index as a dotplot. Dots are colored by their respective disease states. 
 

Following infection, the tissue-associated microbial alpha diversity decreased over the 

spectrum of mortality (alive>sick>dead; Figure 10). Figure 10 demonstrates two alpha diversity 
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measures across oyster disease states (Shannon’s and Simpson’s) and then breaks down these 

metrics into their components by plotting Richness against Evenness. Richness and Evenness are 

both components of Shannon’s and Simpson’s index, with richness having more weight in 

Shannon’s index and evenness having more weight in Simpson’s index. After exposure to 

OsHV-1, but while oysters were still alive or sick, Shannon’s and Simpson’s overall diversity 

measures were unchanged (Kruskal Wallis (KW) & Dunn’s test(D)/ p > 0.05*)(Figure 10).  

However, Richness increased significantly from before exposure to after (Control – Alive/ 

KW&D/ p = 0.0012*; Control – Sick/ KW&D/ p = 0.0012*)(Figure 10). Evenness only started 

to decrease once oysters show signs of sickness (Control – Sick/ KW&D/ p = 0.0026*)(Figure 

10). Once oysters were found dead, Shannon’s and Simpson’s diversity decreased significantly 

(Figure 10). In dead oysters, Richness returned to a similar level to before OsHV-1 exposure 

(Control – Dead/ KW&D/ p = 0.4515) and was significantly lower than remaining sick and alive 

exposed oysters (Alive – Dead/ KW&D/ p = 0.0086*; Sick – Dead/ KW&D/ p = 

0.0073*)(Figure 10). However, Evenness decreases in dead oysters and was significantly lower 

than oysters before exposure and oysters that were still alive without signs of sickness (Control – 

Dead/ KW&D/ p = 0.001*; Alive – Dead/ KW&D/ p = 0.0228*)(Figure 10).  Evenness was also 

significantly negatively correlated with viral load. As OsHV-1 load (log(copies/g)) increased, 

evenness decreased (alpha correlation, r = - 0.7318, p < 0.0001*). 
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Figure 11. Beta Diversity Distances between Disease States. Left displays a Principal 
Coordinate Analysis of the Unweighted UniFrac distances between samples. Dots are each a 

single sample color-coded by Disease State and ellipses are added around the groups to 
demonstrate overlap. Significant differences are denoted by groups “A”, “B”, and “C”. Right 

displays hierarchical clustering of samples based on the Unweighted Unifrac dissimilarity matrix 
using the complete linkage method. Sample names are listed along the bottom and color-coded 

by Disease State. The colors of the lines indicate the 5 most prevalent clustering groups. 
 

The microbial composition of oyster tissues changes after OsHV-1 exposure and shifts 

again once the oyster has died. Figure 11 demonstrates the clustering of similar samples based on 

their microbial communities. Unweighted UniFrac (beta diversity metric) looks at ASVs present 

but not their abundance. UniFrac also accounts for phylogenetic similarity based on the SEPP 

fragment insertion phylogenetic tree. Unweighted UniFrac shows significant difference between 

the microbial constituents of control oysters and alive oysters (adonis, p = 0.006*), as well as 

control oysters and sick oysters (adonis, p = 0.006*), but not between alive and sick oysters 

(adonis, p = 0.906) (Figure 11). Dead oysters also have a significantly different beta diversity 

compared to control, alive and sick oysters (adonis, all pairwise comparisons p = 0.006*)(Figure 

11). Unweighted and weighted Unifrac distances are also significantly associated with viral load 

(adonis, Unweighted: R2 = 0.064, p = 0.001*, Weighted: R2 = 0.224, p = 0.001*). Hierarchical 
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clustering breaks the oyster samples into 5 distinct clusters (Figure 11). Three clusters are 

composed of only control oysters, and control oysters are not found in either of the other two 

clusters (Figure 11). One cluster contains a mix of alive and sick oysters with a few dead oysters 

(Figure 11). The final cluster contains only dead oysters (Figure 11). The oysters which cluster 

into groups together are most likely to be found in close positions on the Unweighted UniFrac 

plot as well, suggesting some overlap in the ASVs found in these samples. Most notable is the 

clear separation between unexposed and OsHV-1-exposed oysters in terms of both Unweighted 

UniFrac ordination and Hierarchical clustering (Figure 11). 

 

Figure 12. Differential abundance analysis of taxa changing significantly from before to 
after OsHV-1 exposure. Taxonomic classification down to genus level is provided on the left 

side of the plot, with distinct levels or groups of levels separated by text color. The log fold 
change of the taxa from A: Control to Alive, B: Control to Sick, and C: Control to Dead is listed 
in order from left to right. The value of log fold change is written in its respective box for each 

comparison and taxa, and the box is colored along a gradient scale from negative to positive 
values, with a center around 2. Numbers in the blue-green color and taxa names ending with 3 
asterisks *** indicate that this genus was also identified as one of the top 20 most important in 

Random Forest analysis for predicting disease state, which are listed in Table 1. 
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There were 27 genera found to be differentially relatively abundant after conducting 

pairwise comparisons between control oysters and alive, sick or dead oysters with ANCOM-BC. 

The heatmap in Figure 12 displays significant log fold change values (Holm-adjusted p value < 

0.05) for each genus for each pairwise comparison. Only one genus was found to significantly 

decrease in abundance from the control group (Figure 12). The Cyanobacteria Family 

Coleofasciculaceae was a significantly lower proportion of the community in the sick oysters 

(Figure 12). Many genera were more abundant in both alive and sick oysters compared to control 

oysters, but not in dead oysters (Figure 12). These include 2 genera from Verrucomicrobiales 

(one of which is from the family Akkermansiaceae), the Proteobacterial groups Eionea and 

Micavibrionaceae, a Planctomycetota, a Myxococcota group, and a Delongbacteria group 

(Figure 12). There were also groups that were more abundant in both sick and dead compare to 

control, but not alive oysters (Figure 12). These are Vibrio, Kiloniella and Arcobacteraceae 

(Figure 12). No genera were found to be more abundant in both alive and dead, but not sick 

oysters (Figure 12). Two Planctomycetota groups (GCA−2683825 and Thalassoglobus) were 

only more abundant in alive oysters post-OsHV-1 exposure. (Figure 12) Various groups were 

only more abundant in sick oysters, such as Arenicellales, Kapabacteriales, Flavobacteriaceae, 

and Flavilitoribacter (Figure 12). Four groups were only more abundant in dead oysters; an 

unknown genus of Nitrincolaceae, 2 Alteromonadaceae, one of which was Pseudoalteromonas, 

and Phaeobacter (Figure 12). Finally, various taxa were found to be more abundant in all oyster 

disease states after OsHV-1 exposure, including Amphritea (which increases in log fold change 

with increasing severity of disease state), Sneathiella, Peredibacter, Vicingaceae, and 

Crocinitomicaceae (Figure 12).  
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Of the genera found to be differentially abundant by ANCOM-BC, 9 were also identified 

to be predictive of disease state using Random Forest analysis (Figure 12, Table 1). These are 

both Verrucomicrobiales genera, Eionea, Amphritea, Vibrio, Pseudoalteromonas, 

Micavibrionaceae TMED27, Kiloniella, and Flavilitoribacter (Figure 12, Table 1). These taxa 

were most important based on the greatest mean decrease in the Gini coefficient, which means 

that these taxa increased the ability of the model to predict which group the sample was from. 

Random Forest models were run on two different subsets of the samples. One model was run on 

control oysters (n = 9) versus alive and sick oysters grouped together (n = 20), which was 

“Before versus After OsHV-1 Infection” (Table 1). Dead oysters were removed from this model 

because dead oyster tissue likely contains many bacteria involved in decomposition, but not 

directly associated with OsHV-1 infection. This model had an out of bag error rate of 3.45%. 

The second model was run on alive (n = 10) versus dead (n = 10) oysters to determine which 

bacteria were responsible for moving between disease states once the oyster was already exposed 

to the virus (Table 1). This model had an out of bag error rate of 10%. Some taxa were found to 

be important for model prediction in both “Before versus After OsHV-1 infection” and “Alive 

versus Dead oysters” (Table 1). These include Akkermansiaceae, Roseovarius, and Amphritea 

spongicola (Table 1).  

Taken together, ANCOM-BC and Random Forest results can be more robustly assessed. 

For example, Akkermansiaceae, Flavilitoribacter, Vibrio, Kiloniella, Amphritea, 

Verrucomicrobiales genus Arctic95d-9, Eionea, and Micavibrionaceae TMED27 were all found 

to be important for predicting whether oysters had been exposed to OsHV-1 or not (Table 1). In 

ANCOM-BC, these genera were also significantly different between exposed and unexposed 

oysters, with all groups having increased in the exposed oysters (Figure 12). In predicting 
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whether oyster samples came from surviving or dead oysters under OsHV-1 exposure, 

Pseudoalteromonas, Vibrio, Amphritea, and Akkermansiaceae were all found to be important 

(Table 1).  In differential abundance analysis, Pseudoalteromonas, Vibrio and Amphritea all 

increased as a proportion of the microbiome in dead oysters (Figure 12). Akkermansiaceae is 

significantly increased in surviving oysters, but not in dead oysters (Figure 12). 
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Table 1. Top 20 most important ASVs for classifying oyster samples in Random Forest 
analysis. ASVs are listed in order of increasing importance. Genus and Species are italicized. 

Red lettering denotes the same ASV in both “Before versus After” and “Alive versus Dead” lists. 
The three asterisks *** indicates that the Genus was identified in both Random Forest and 

ANCOM-BC analysis. 
 

Top 20 ASV Predictors for Before versus After OsHV-1 Infection 

Predictor Classification 
Mean 
Decrease 
Gini 

Bacteroidota|Bacteroidia|Flavobacteriales_877923|Flavobacteriaceae|Tenacibaculum_A_805184 0.1641 

Verrucomicrobiota|Verrucomicrobiae|Verrucomicrobiales|Akkermansiaceae|Uba985 *** 0.1734 

Bacteroidota|Bacteroidia|Chitinophagales|Saprospiraceae|Lewinella_A 0.1774 

Planctomycetota|B15-G4|B15-G4|B15-G4|B15-G4|Sp003644265 0.1788 

Bacteroidota|Bacteroidia|Flavobacteriales_877923|Flavobacteriaceae|Patiriisocius Sp000170815 0.1891 

Proteobacteria|Alphaproteobacteria|Rhodobacterales|Rhodobacteraceae|Roseovarius_489432 0.2040 

Campylobacterota|Campylobacteria|Campylobacterales|Arcobacteraceae|Arcobacter_474983 0.2098 

Bacteroidota|Bacteroidia|Chitinophagales|Saprospiraceae|Flavilitoribacter ***| Nigricans 0.2135 

Planctomycetota|B15-G4|B15-G4|B15-G4|B15-G4| Sp003644265 0.2186 

Planctomycetota|Planctomycetia|Pirellulales|Pirellulaceae|Mariniblastus| Sp011087765 0.2268 

Bacteroidota|Bacteroidia|Flavobacteriales_877923|Flavobacteriaceae 0.2348 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Vibrionaceae|Vibrio_678715 *** 0.2404 

Proteobacteria|Alphaproteobacteria|Rhizobiales_A_501396|Rhizobiaceae_A_499470 0.2571 

Proteobacteria|Alphaproteobacteria|Kiloniellales|Kiloniellaceae|Kiloniella *** 0.2871 

Proteobacteria|Gammaproteobacteria|Pseudomonadales_641035|Nitrincolaceae|Amphritea ***| 
Spongicola 

0.2910 

Verrucomicrobiota|Verrucomicrobiae|Verrucomicrobiales|Dev007|Arctic95d-9 *** 0.2994 

Proteobacteria|Alphaproteobacteria|Sphingomonadales|Emcibacteraceae|Paremcibacter| Congregatus 0.3072 

Proteobacteria|Gammaproteobacteria|Pseudomonadales_650612|Cellvibrionaceae|Eionea *** 0.3570 

Proteobacteria|Alphaproteobacteria|Micavibrionales|Micavibrionaceae|Tmed27 ***|Sp002167715  0.3641 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Kangiellaceae|Aliikangiella_737838| 
Coralliicola 

0.4182 
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Table 1. Top 20 most important ASVs for classifying oyster samples in Random Forest 
analysis. ASVs are listed in order of increasing importance. Genus and Species are italicized. 

Red lettering denotes the same ASV in both “Before versus After” and “Alive versus Dead” lists. 
The three asterisks *** indicates that the Genus was identified in both Random Forest and 

ANCOM-BC analysis. (Continued) 
 
 
Top 20 ASV Predictors for Alive versus Dead oysters (following OsHV-1 infection) 

Predictor Classification 
Mean 
Decrease 
Gini 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Alteromonadaceae_665222 0.0990 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Alteromonadaceae_665222|Paraglaci
ecola 

0.1000 

Bacteroidota|Bacteroidia|Chitinophagales|Saprospiraceae|Jaautg01|Sp012031785 0.1145 

Bacteroidota|Bacteroidia|Flavobacteriales_877923|Cryomorphaceae 0.1274 

Planctomycetota|Brocadiae|Brocadiales 0.1400 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Alteromonadaceae_665222|Pseudoal
teromonas***|Phenolica 

0.1417 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Shewanellaceae_666538|Shewanella
| Colwelliana 

0.1442 

Campylobacterota|Campylobacteria|Campylobacterales|Arcobacteraceae 0.1450 

Proteobacteria|Alphaproteobacteria|Rhodobacterales|Rhodobacteraceae|Roseovarius_489432 0.1543 

Bacteroidota|Bacteroidia|Flavobacteriales_877923|Flavobacteriaceae 0.1583 

Proteobacteria|Alphaproteobacteria|Rhodobacterales|Rhodobacteraceae 0.1720 

Calditrichota|Calditrichia|Rbg-13-44-9|J042|J075|Sp003695285 0.1742 

Proteobacteria|Gammaproteobacteria|Enterobacterales_A_737866|Vibrionaceae|Vibrio_678715 ***| 
Hanmi 

0.1763 

Planctomycetota|Gca-002687715|Gca-002687715|Gca-002687715|Gca-2683135| Sp002683135 0.1772 

Proteobacteria|Gammaproteobacteria|Xanthomonadales_616050|Marinicellaceae|Marinicella| Sediminis 0.1829 

Proteobacteria|Gammaproteobacteria|Pseudomodales_641035|Nitrincolaceae|Amphritea ***| 
Spongicola 

0.1980 

Verrucomicrobiota|Verrucomicrobiae|Verrucomicrobiales|Akkermansiaceae|Uba985 *** 0.1990 

Proteobacteria|Gammaproteobacteria|Pseudomonadales_650612|Pseudohongiellaceae|Uba9145 0.2765 

Bacteroidota|Bacteroidia|Flavobacteriales_877923|Flavobacteriaceae|Maritimimonas|Rapae 0.3192 

Proteobacteria|Gammaproteobacteria|Pseudomonadales_650612|Porticoccaceae|Porticoccus 0.4142 
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Discussion:  

Oyster Infection Experiment #1 - Mortality: 

Mortality in this experiment is due to the interaction between temperature and OsHV-1. 

Temperature alone was not responsible for killing oysters, because no control oysters died during 

experimentation. Marine diseases are tightly linked with temperature. This has been especially 

well documented in corals, which have been monitored for disease for decades [139–141]. 

Exposure of pathogens to new hosts via range expansion of either the host or the pathogen is in 

part driven by changes in ocean heat content making new areas suitable for invasion [139,140]. 

This may be exacerbated by human-mitigated introduction of new species or populations [140].  

Spread of Dermo and MSX in eastern oysters (Crassostrea virginica) on the East Coast of the 

United States was likely driven by warming ocean temperatures [139–141]. Temperature can 

also impact virulence of pathogens in their current ranges and alter host susceptibility through 

physiological stress [140,141]. There may also be overlap in the optimal growth temperature of 

known pathogens with other opportunistic bacteria, fungi and viruses which creates conditions 

for polymicrobial infections [141].  

Colder temperatures have previously been shown to decrease mortality in OsHV-1 

exposed oysters [113–115]. For the French microvariant, oyster survival is highest at 13°C or 

lower [113,115]. For the Australian microvariant, OsHV-1 was not capable of killing oysters 

when the temperature was dropped to 14°C, and a threshold for productive viral infection and 

mortality is likely between 14°C and 18°C [114]. Low temperature likely permits more effective 

antiviral response by oysters hosts, allowing oysters to survive by limiting viral replication [119]. 

In the case of the San Diego Bay microvariant assessed in this study, temperatures of 15°C or 

lower are likely to confer 100% survival against OsHV-1 infection. While quantification of viral 
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copies showed that the virus was able to replicate in at least some oysters at the low temperature, 

this did not lead to mortality. Therefore, in San Diego Bay, naïve juvenile oysters are unlikely to 

become lethally infected with OsHV-1 at these low temperatures.  

As temperatures increase, the ability of OsHV-1 to infect oysters increases. In this 

experiment, the optimal temperature for the San Diego Bay OsHV-1 microvariant was 21 to 

24°C. Oysters died faster at these temperatures than at 18°C, which may be due to increased 

metabolism at higher temperatures promoting increased viral replication [142]. Mortality after 

just 2 days of bath exposure has been documented previously [110]. However, overall survival 

was very low at temperatures above 18°C, making any temperature that is permissive to the virus 

a big risk for juvenile oysters. In other OsHV-1 variants and microvariants, mortality also 

increases with temperature [113,116,143]. The Tomales Bay, CA variant causes outbreaks 

during the summer which are primarily associated with temperature extremes above 24°C 

[93,143]. The French microvariant tends to be most virulent at temperatures between 16 and 

26°C [113,116]. Above this temperature range, oyster mortality is decreased, potentially due to 

altered oyster physiology and more efficient immune response [113,116,144]. The highest 

temperature tested in this study was 24°C, but it is possible that higher temperatures could 

inactivate and limit replication of the San Diego Bay microvariant. For the Australian 

microvariant, mortality increases severely at 22 and 26°C, with 26°C likely being the optimal 

temperature for inducing mortality [114]. The San Diego microvariant likely has a similar 

temperature threshold to other OsHV-1 microvariants, but viral copies are still found in oysters 

at 15°C after 14 days, suggesting infection is still possible at these lower temperatures if the 

virus is introduced.  
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All dead oysters had very similar viral loads regardless of temperature, while remaining 

alive oysters had highly dispersed viral loads at all temperatures. These dispersed viral loads 

suggest that individual oysters were at various stages of infection. The viral load and likelihood 

of mortality also depend highly on genotype, as some families could be more resistant to OsHV-

1 infection than others [89]. Burge and Friedman 2012 suggests that viral gene expression is 

highest in the first few days after infection [111]. Infection may be occurring at different times 

for each individual oyster, as 10 oysters are housed together, and they may be feeding at different 

times and rates. Low viral load below 106 copies/mg [94] suggests that the oyster was tolerant of 

the viral infection or was able to slow infection from bath exposure and from viral shedding of 

other oysters throughout the experiment. Higher viral loads in live oysters may be predictive of 

further mortality, had the oysters been monitored for longer. Oysters may be able to tolerate high 

viral loads without succumbing to death, which was demonstrated by high viral loads (108 

copies) in surviving oysters infected with the French and Australian microvariants [109]. Some 

viral loads in alive oysters overlapped with dead, further suggesting that surpassing a threshold 

of viral copies may not be the only predictor of death. Although many oysters exposed to OsHV-

1 at low temp were able to clear the virus, another study showed that OsHV-1 load increased 

again when moved to warmer temperatures [115]. Once the virus is present in an oyster, it is 

likely latent and can persist until warmer temperatures are able to re-activate it [145]. This is 

likely part of the cause for reactivation during 2020 In San Diego. Outbreaks have only occurred 

in San Diego Bay in 2018 and 2020, despite temperatures rising well above 18°C every summer. 

Infected oysters were entirely removed from San Diego following OsHV-1 detection, but OsHV-

1 may survive latently in wild oysters or other unknown sources [93]. OsHV-1 has never been 

detected in wild oysters in San Diego Bay, but these oysters may be tolerant of the virus and 



67 

keep viral copies below the limit of detection. Temperature is likely not the only reason for 

OsHV-1 activation, but additional factors leading to OsHV-1 dispersal are unknown. 

Antibiotics had no effect on mortality rates in this experiment. Therefore, the OsHV-1 

San Diego Bay microvariant is capable of killing oysters even with a suppressed bacterial 

community, which differs from other microvariants where Vibrio colonization is essential to full 

disease expression [145].  As was used in a prior study, Chloramphenicol was utilized as an 

antibiotic to limit bacterial colonization of oysters during OsHV-1 infection [89]. The study by 

de Lorgeril et al found that antibiotic treatment significantly reduced mortality in OsHV-1 

challenged oysters [89]. Based on gene expression analysis, OsHV-1 infection places oysters in 

an immunocompromised state, allowing pathogenic bacteria to overcome host immune defenses 

and leading to lethal bacterial infection [89].  However, the present study did not inoculate 

Vibrio pathogens into the seawater alongside OsHV-1, which would have ensured the presence 

of a bacterial pathogen with capacity to kill oysters. It is possible that the oysters used in this 

study did not contain any known pathogenic bacteria from the start of the experiment, which 

would have been necessary to see the difference between antibiotic treated versus untreated 

oysters. Alternatively, the viral infection may have been highly potent and efficient in 

dampening oyster immune response in the specific experimental setting used, whereas a weaker 

viral infection would have permitted a stronger effect of the antibiotics on survival. Therefore, 

antibiotics did not offer any additional survival benefit, even if they altered activity of 

opportunistic bacteria within the oyster microbiome. In other words, the OsHV-1 San Diego Bay 

microvariant can kill oysters independently of other infections under the right conditions. This 

experiment focused on juvenile stage oysters, but age has been found to play an important role in 
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OsHV-1 susceptibility [146]. As such, these results may not directly apply to other age groups, 

such as oyster seed or adults.  

Oyster Infection Experiment #2 - Microbiome:  

Bacterial community diversity deteriorates as OsHV-1 induced disease progresses to 

mortality. Microbial alpha diversity metrics, such as Shannon’s and Simpson’s indices, remain 

unchanged following exposure of Pacific oyster spat to an OsHV-1 microvariant in New Zealand 

[126], but these metrics do not portray specific changes in either richness or evenness, which can 

change in themselves without impacting Shannon’s or Simpson’s diversity. Microbe richness 

increases after OsHV-1 exposure but decreases as the oysters display illness symptoms, and then 

die. Based on previous studies, both absolute abundance of bacteria and number of different 

bacterial species commonly increase during OsHV-1 infection [89,125,147]. De Lorgeril et al 

2018 refers to this period as a destabilization of the bacterial community, which coincides with a 

decrease in antimicrobial products [89]. Oyster defenses against bacteria are likely suppressed by 

viral infection and this disturbance likely promotes the growth of bacteria which were previously 

susceptible to host immune responses. Once the oyster has died, there is no more host immune 

response to bacterial invaders and no control over the bacterial community within the tissue. This 

allows for the bacteria community to shift based on environmental controls and competition for 

resources rather than host mitigation. At this point, the community has likely shifted to a state of 

decomposition favoring oyster spoilage bacteria [148] and appears to select for dominance of 

fewer bacterial groups. This is further reflected by the paired drop in evenness when oysters 

become visibly sick. Bacteria previously promoted by the oyster immune system have likely lost 

protection with a deficient immune response. As the oysters immune system is weakened by 

viral proliferation, microbes are also able to proliferate [147], but competition between bacteria 



69 

leads to winners and losers in the oyster microbiome. Certain taxa outcompete others and grow 

in abundance, while many other taxa die out, leaving an uneven distribution of bacterial 

abundances. In other studies, evenness was found to predict oyster survival against OsHV-1, as 

resistant oyster families started off with higher bacterial evenness measurements and maintained 

high evenness during infection [87]. Evenness is an important measure to consider with OsHV-1 

infection because the imbalance of bacteria in susceptible oysters is likely an additional stress to 

the host. Taken together, the changes in richness and evenness are likely due to a weakening 

immune system brought on by viral infection, which leads to a re-assembling of the bacterial 

community and a transition towards an opportunist-dominated microbiome and eventually 

mortality. 

Community composition is significantly impacted by OsHV-1 exposure. After OsHV-1 

exposure, there is a significant shift towards a new community of bacteria. This community is 

highly similar between alive and sick oysters (Fig. 11). Multiple studies show a strong shift in 

the microbiome from before to after OsHV-1 exposure [87,126], with the greatest change 

occurring after 24 hours of exposure [89,125]. This change likely occurs alongside exponential 

viral replication and dysfunction of hemocytes [89,125]. Although oysters were not sampled 

until at least 4 days after exposure in this study, the shift in the microbiome likely occurred after 

just 24 hours if the disease behaves similarly to prior studies [89,125]. There is strong overlap 

between alive and sick oysters in hierarchical clustering analysis. Some of the dead oysters are 

also close in microbial composition to alive and sick oysters, one explanation for which is that 

they died more recently and are yet to decompose. Disease states were subjectively assigned 

based on behavior and appearance, but microbial composition may do a better job at suggesting 

disease stage than visual appearance and could even provide an estimation of time since death 
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[149]. Another shift in composition happens once oysters die. Similar to alpha diversity, this 

likely results from a lack of host control over the microbial community, causing exclusion of 

certain bacteria and favoring decomposing bacteria. The timing of viral replication is likely the 

most important factor dictating microbial community composition, as demonstrated in previous 

studies [89,125], as opposed to visual characteristics of exposed oysters. Therefore, the taxa 

responsible for these shifts in composition may be closely linked to OsHV-1 replication and 

altered hemocyte function. 

Certain bacterial taxa were significantly associated with the transition between disease 

states. The only bacteria group found to significantly decrease in any comparison was 

cyanobacterial family Coleofasciculaceae, which was far less represented in sick oysters 

compared to pre-exposure oysters. This family of cyanobacteria has not been reported in oyster 

tissue before, preventing a thorough assessment of whether the loss of the bacteria is a sign of 

declining oyster health. Taxa found in mostly live and sick oysters that were exposed to OsHV-1 

may take advantage of the host’s compromised state. In this study, these taxa include 

Akkermansiaceae, Flavilitoribacter, Vibrio, Kiloniella, Amphritea, Verrucomicrobiales genus 

Arctic95d-9, Eionea, and Micavibrionaceae TMED2. Each of these taxa were also important for 

predicting whether oysters fit into pre- or post-OsHV-1 exposure status. Vibrio and Amphritea 

specifically have been identified in association with OsHV-1 infected oysters across many 

studies [89,117,125,126] and increased in this study with increasing severity of disease state. 

Additionally, Arcobacter was found to be important for distinguishing between exposed and 

unexposed oyster samples, although the genus itself was not identified in the differential 

abundance analysis between disease states. Of all these taxa, Arcobacter, Vibrio and Amphritea 

were found to have significantly higher transcriptional activity than other bacteria during OsHV-
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1 infection in Clerissi et al 2023. Some of these bacteria may be functionally complementary and 

take advantage of the weakened host state [125]. On the other hand, certain Vibrio species are 

known to act synergistically with OsHV-1 to accelerate the disease, working in tandem to cause 

hemocyte damage and impair immune defenses [127]. Peredibacter is another bacteria 

overrepresented in exposed oysters of all states which has been seen with OsHV-1 infection 

before but only early on in infection [125]. Other bacteria in this study were found to be 

primarily associated with mortality or predictive of whether oysters were alive or dead, such as 

Pseudoaltermononas, Phaeobacter and Cryomorphaceae. Pseudaltermonoas and Phaeobacter 

were also found to be associated with OsHV-1 in Clerissi et al 2023, but only Pseudaltermonoas 

demonstrated high transcriptomic activity during infection [125]. Cryomorphaceae was 

overrepresented in OsHV-1 infected oysters in both Clerissi et al 2023 and de Lorgeril 2018 

[89,125]. In this study, Pseudalteromonas and Phaeobacter are more unique to dead oyster 

samples, which may either suggest that they have an important role in the disease progression, 

alongside Arcobacter, Vibrio and Amphritea, or they are just coincidental with dying tissue. 

Arcobacter and Pseudoalteromonas were found to be some of predominant spoilage or 

decomposing bacteria in oyster gills [148], but this does not rule out their potential to be 

opportunistic oyster pathogens. In conclusion, despite differences in OsHV-1 microvariant and 

temperature thresholds, similar bacteria are found to associate with OsHV-1 induced disease 

across many studies. Arcobacter, Vibrio and Amphritea and Pseudoalteromonas are most likely 

to be interconnected with OsHV-1 induced disease and further research should follow up on their 

potential to work in concert with OsHV-1 to kill oysters.  

Conclusion: 
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In the present study, mortality of oysters was significantly impacted by the interaction 

between temperature and OsHV-1 exposure. The San Diego Bay OsHV-1 microvariant can 

infect, but not kill, oysters when temperatures are 15°C or below. OsHV-1 can kill oysters faster 

at 21 and 24°C, which are typical summer temperatures experienced in San Diego Bay. Bacterial 

communities are significantly altered by OsHV-1 exposure but suppression of bacteria did not 

significantly lower mortality rates. OsHV-1 may shape bacterial community structure by altering 

host immune response, leading to an initial increase in bacterial richness followed by a 

dominance of a few bacteria. The microbiome composition is predictive of disease status, likely 

more so than visual observation of slow valve closing symptoms. Similar bacteria (Arcobacter, 

Vibrio and Amphritea and Pseudoalteromonas) were found to associate with OsHV-1 induced 

disease across this and multiple other studies despite differences in OsHV-1 microvariants and 

temperature thresholds. Overall, this study determined that temperature is important for 

predicting OsHV-1 San Diego Bay microvariant induced mortality, but it is unknown which 

factors instigate a transmission to previously unexposed oysters in natural conditions in San 

Diego Bay. This study also importantly recognized a high abundance of 4 conserved taxa which 

are almost always detected in OsHV-1 exposed oysters but had not previously been 

demonstrated for the San Diego microvariant and oysters from California. Future research should 

further investigate the interactions between these bacterial taxa and OsHV-1 to better understand 

their roles in oyster mortality and disease progression. 

Data Availability:  

All 16S rRNA amplicon DNA sequences are deposited publicly in the European 

Nucleotide Archive at study accession PRJEB72643. The scripts for analyzing data generated in 

this study are publicly available at https://github.com/ekunselman/OsHV-1. 
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Chapter 3 ABALONE WITHERING SYNDROME 
 

Chapter 3.1 METAGENOME-ASSEMBLED GENOME OF WITHERING SYNDROME 
CAUSATIVE AGENT, ‘CANDIDATUS XENOHALIOTIS CALIFORNIENSIS’, FROM 

ENDANGERED WHITE ABALONE (HALIOTIS SORENSENI) 
Abstract: 

The genome of ‘Candidatus Xenohaliotis californiensis’ was assembled from shotgun 

metagenomic sequencing of experimentally infected white abalone. 91% genome completeness 

was achieved with low contamination. This provides further insight to an uncultured bacterial 

pathogen and opportunity to further investigate its functionality.  

Announcement: 

White Abalone (Haliotis sorenseni) in the Captive Breeding Program at UC Davis 

Bodega Marine Lab were experimentally infected with the intracellular bacterial pathogen, 

‘Candidatus Xenohaliotis californiensis’ (CaXc) using header tanks with infected abalone. CaXc 

is uncultured and falls in the order Rickettsiales. CaXc presence and quantification was 

determined using CaXc-specific quantitative PCR [150] and 16S rRNA amplicon sequencing of 

the V4 region using primer pair 515F–806R [129]. Post esophagus, digestive gland tissue and 

fecal matter were all sampled, with some containing over 99% of Candidatus Xenohaliotis reads. 

One post-esophagus and one digestive gland sample from different abalone were chosen for 

shotgun metagenomic sequencing due to dominance of pathogen DNA. A fecal sample with 20% 

of Candidatus Xenohaliotis reads was also sequenced due to an expectation of lower host DNA 

contamination. The goal of shotgun metagenomic sequencing was to obtain a genome for the 

abalone pathogen, CaXc, which causes withering syndrome in many abalone species.  

DNA was extracted by the UCSD Microbiome Core using the Applied Biosystems 

MagMax Ultra Nucleic Acid Isolation Kit (cat #A52358). Library preparation was conducted by 

the UCSD Microbiome Core using the KAPA Hyper Plus Kit (Roche Diagnostics, USA). 
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Sequencing was conducted by the UCSD IGM Genomics Center on the Illumina NovaSeq 6000 

platform with paired-end 150 base pair cycles.  

A protocol for assembling draft genomes from metagenomic sequencing reads was 

followed in KBase [151].  Read quality was assessed with FastQC v0.12.1. 18,524,162 

sequences were obtained across all 3 samples and sequence quality remained above 30 for all 

bases. Trimmomatic v0.36 was used to trim adapters and pair forward and reverse reads [152]. 

Following this, 12,667,415 paired sequences were retained. metaSPAdes v3.15.3 was chosen for 

assembly based on best contig length, high N50 and low L50 [153]. Contigs were binned using 

MaxBin2 v2.2.4, MetaBAT2 v1.7, and CONCOCT v1.1 and DAS tool v1.1.2 was used to 

optimize bins from all outputs combined [154–157]. 3 bins were generated, one of which had 83 

genomes, was from the order Rickettsiales and was suspected to be the CaXc genome.  

To confirm the identity of the assembly as CaXc, the 16S rRNA gene sequence was 

extracted using ConTest16S [158] and compared to reference genomes using NCBI’s BLASTn. 

The sequence shared 99% similarity across 99% of the query with ‘abalone withering syndrome 

agent’ and 100% similarity across 88% of the query with ‘Candidatus Xenohaliotis 

californiensis’. This confirmed that the genome assembly is that of CaXc, the abalone pathogen 

in our experiment.  

N’s in the CaXc assembly were removed before it was uploaded to MicroScope 

Microbial Genome Annotation and Analysis Platform v3.16.2 [159]. This platform identified 

1,054 coding sequences in the 1,095,060 base pair long genome. CheckM [160] determined that 

the assembly had 91.1369% completeness and 1.18% contamination with 25 marker genes 

missing and 3 markers duplicated. CaXc is a gram-negative bacterium and the genome has a GC 

content of 30.99%. A majority of genes were unknown (40.61%) or unclassified (59.39%).  
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Data Availability: 

The CaXc genome is publicly available through ENA project accession PRJEB68339 and 

sample accession ERS17938213.  
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Chapter 3.2 ABALONE WITHERING SYNDROME: THE CASCADING MICROBIAL 
IMPACTS OF ONE BACTERIAL INVADER. 

Abstract: 
 

Candidatus Xenohaliotis californiensis (CaXc) is an intracellular pathogen that infects 

abalone gastrointestinal tract tissue, causing Withering Syndrome, characterized by starvation 

and mortality. While previous research highlights CaXc’s impact on gut morphology, its effects 

on the abalone microbiome, host gene expression, and consequently the overall impact on 

abalone health remain poorly understood in stages prior to clinical symptoms appearing. White 

abalone are highly susceptible to Withering Syndrome and are severely endangered. To better 

understand how this pathogen impacts white abalone, this study characterizes the microbiome of 

abalone gastrointestinal tract tissues (post esophagus, digestive gland, distal intestine), gut 

contents, and feces under pathogen exposure compared to baseline conditions. An 11-month time 

series was carried out to examine trends in pathogen load, fecal microbiome diversity and 

composition post CaXc exposure via fecal transmission. At the end of the 11-month exposure 

period, white abalone tissues were assessed for microbiome diversity, composition, and gene 

expression patterns. Results show the volatile nature of the white abalone fecal microbiome over 

time and a small but significant impact of CaXc exposure on the fecal microbiome. Differential 

infection, impacting early digestive tract greater than late digestive tract, leads to a drop in 

microbial evenness and loss of many taxa (including Mycoplasma, Vibrio and Psychrilyobacter). 

Transcriptional responses to CaXc vary between post esophagus and digestive gland tissue. All 

results are taken in the context of a phage infected CaXc, which likely reduced pathogenicity and 

explains a lack of visible withering symptoms in the white abalone used in this study.  

Introduction: 
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Withering Syndrome in abalone is caused by a Rickettsiales-like prokaryote which 

infects the digestive or gastrointestinal tract [161]. The unique name of the pathogen is 

Candidatus Xenohaliotis californiensis (CaXc) [161]. This pathogen is obligately intracellular 

[162], dividing in the cytoplasm of host cells [161] like many Rikettsiales bacteria [163]. They 

are able to cause significant damage to cell structure and move between adjacent cells via 

adhesion and direct cell-cell contact as they are non-motile but able to bind to host cells and 

manipulate host gene expression [163]. Infection leads to disruption of gut morphology, 

starvation, shrinking of the foot tissue and mortality [162]. Infection and mortality rates may 

increase exponentially although this takes place over long periods of time, typically around 6 

months [162]. More clinical signs of withering occur at warmer temperatures [162]. CaXc has 

been documented in wild black, white and red abalone on the North American coast [162] 

(personal communication with J Moore and B Marshman). A phage has evolved to infect CaXc 

and can induce morphological changes of the CaXc bacteria [162,164]. The phage delays and 

reduces CaXc load and mortality of abalone [162,165]. Infected abalone can be treated and 

completely clear the infection with oxytetracycline baths [166]. Of utmost concern are captive 

abalone because of the proximity of the animals, but proper husbandry practices can minimize 

this risk [162]. 

White abalone (Haliotis sorenseni) are a critically endangered species of abalone along 

the west coast of North America. Overfishing decimated the white abalone population before 

Withering Syndrome started appearing [167]. White abalone were the first ever invertebrate to be 

listed as an endangered species (Federal Register 66 (103), 29046-29055, 29 May 2001). There 

are too few white abalone in the wild to reproduce on their own, thus a captive breeding program 

was established and is now centered at the University of California Davis Bodega Marine 
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Laboratory. White abalone are one of the abalone species that is highly susceptible to Withering 

Syndrome [162,168]. Few studies to date have looked at the impact of Withering Syndrome in 

white abalone, but published work focuses on the response of the microbiome and treatment by 

oxytetracycline [23,169]. While antibiotic treatment temporarily reduces bacterial alpha diversity 

in the gut of white abalone, it does not cause negative long term impacts and is a useful tool for 

preventing reinfection [23]. Withering Syndrome has been documented in captive white abalone 

but not wild white abalone, despite the presence of CaXc in wild broodstock (unpublished).  

Hence the use of antibiotic treatment to eliminate CaXc infections is practical specifically in 

captive settings.  

Other bacteria within abalone are likely to experience effects of CaXc infection due to 

bacterial interactions and impacts on host gene expression. However, gene expression in CaXc-

infected abalone is severely understudied and the only results, which come from pinto abalone, 

found no significant change in expression of immune genes in response to infection [170]. It is 

expected that phagocytosis, apoptosis and antimicrobial production would be some primary 

methods of immune defense, similar to other abalone species and other mollusks [171–173]. 

However, without any immune expression data, it is unclear how the pathogen may be impacting 

abalone immune function. Therefore, it is also unclear how host immune response to a pathogen 

would impact other bacteria within the digestive tract. On the other hand, CaXc-exposed pinto 

abalone did show upregulation of receptors involved in feeding signaling, which demonstrates 

stress related to feeding [170]. It is possible that this stress would cause dampened immune 

function and led to a reduction of immune system expression [172]. Bacteria are important for 

both digestion and defense and could contribute to both the nutritional health and pathogen 

defense within abalone. Bacteria may be used as probiotics for abalone to support disease 
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resistance [46] and may assist in seaweed digestion [47]. It has previously been shown that 

overall bacterial community diversity is reduced during CaXc infection [23]. Instead of 

defending against the pathogen, it is possible that the bacterial community turns dysbiotic with 

infection [41]. Discovery of new or existing multiple pathogen infections are becoming more 

common in marine organisms and this could be the case in abalone [162]. Maintaining bacterial 

diversity may be a critical component of abalone resistance or tolerance to CaXc [41]. 

As CaXc primarily infects the gastrointestinal tract, starting at the post-esophagus, 3 

different gastrointestinal tract tissues as well as feces were targeted for response to CaXc in this 

study. CaXc can transfer via feces into a new abalone, and this was used to both experimentally 

infect naïve abalone and as a reason to assess the fecal microbiome after exposure to CaXc. 

Feces are also the only non-invasive sample collected in this study and allowed an 

extraordinarily long time series of fecal pathogen load monitoring and microbial response. At the 

end of the study, abalone were sacrificed to obtain gastrointestinal tract tissues from the post-

esophagus, digestive gland and distal intestine. These samples were analyzed for both 

microbiome characterization and abalone gene expression. The goal of this study was to 

determine how CaXc exposure impacts both the white abalone and its microbiome. 

Methods: 

Pathogen-free recipient white abalone were available on site at the UC Davis Bodega 

Marine Laboratory. Seven days prior to the start of the experiment, abalone were placed into 

individual tanks with flow-through seawater and aeration and acclimated in these conditions. 

Four days prior to the start of the experiment, abalone were fed with a local batch of local kelp 

(Macrocystis pyrifera). At the start of the experiment (day 0), fecal samples were collected from 

abalone tanks using transfer pipettes. In addition to fecal samples, 5 acclimated abalone were 
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sacrificed and dissected for post-esophagus, digestive gland, distal intestine and gut contents. 

Gut contents were collected by pinching the distal intestine with a sterile blunt tool and pushing 

its contents out the end. These tissues were split in 2, with one half placed in RNAlater and the 

other immediately frozen at -80°C. After the first round of fecal and tissue samples were taken, a 

few CaXc-positive or negative abalone were placed in the respective header tanks. Fecal samples 

were spun down, and the supernatant was discarded. The pellet was resuspended for transfer into 

a 1.5 mL cryogenic tube, spun down again and the supernatant was discarded. These pellets were 

frozen at -80°C and shipped to the Scripps Institution of Oceanography for extraction. Fecal 

samples were taken once a month for the next 10 months following the same procedure. Abalone 

were fed a combination of kelp (Macrocystis pyrifera) and dulse (Palmaira mollis) ad libitum as 

each species was available. On the final day of collection at 11 months, fecal samples were 

collected and then all remaining abalone were sacrificed and dissected for post-esophagus, 

digestive gland, distal intestine and gut contents. Any animals that became moribund prior to the 

end of the experiment were sacrificed and dissected for their digestive gland only, because other 

tissues were too decomposed to retrieve. 

Extraction and Sequencing: 

Fecal matter and tissue samples were transferred to an extraction tube using a sterile 

swab. The UC San Diego Microbiome Core performed nucleic acid extractions utilizing 

previously published protocols [174]. Briefly, samples were purified using the MagMAX 

Microbiome Ultra Nucleic Acid Isolation Kit (Thermo Fisher Scientific, USA) and automated on 

KingFisher FlexT robots (Thermo Fisher Scientific, USA). Some of the fecal sample extracts 

were additionally cleaned with AMPure XP magnetic beads (Beckman Coulter). Blank controls 

and mock communities (Zymo Research Corporation, USA) were included and carried through 
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all downstream processing steps. 16S rRNA gene amplification was performed according to the 

Earth Microbiome Project protocol [175]. Briefly, Illumina primers with unique forward primer 

barcodes were used to amplify the V4 region of the 16S rRNA gene (515F-806R, [62,129]. 

Amplification was performed as single reactions per sample [176], then equal volumes of each 

amplicon were pooled and the libraries sequenced on the Illumina NovaSeq 6000 sequencing 

platform with paired-end 150 bp cycles at the Institute for Genomic Medicine (IGM), UC San 

Diego.  

RNA extraction was performed on tissue samples preserved in RNA later, which were 

shipped over dry ice to Scripps Institution of Oceanography. RNA was extracted using the 

Qiagen RNeasy mini kit (cat. #74004). Quantification and quality checks were performed by 

submitting the RNA for a Bioanalyzer run through UCSD IGM.  Five randomly selected abalone 

each from both the exposed and control groups were submitted to UC Davis Genome Center for 

Poly-A depletion, library prep, and RNA sequencing. The sequencing was carried out at the 

DNA Technologies and Expression Analysis Core at the UC Davis Genome Center. Each 

abalone had two different tissue types (post-esophagus and digestive gland) which were 

sequenced.  

qPCR: 

Extracted DNA was sent back to the Bodega Marine Lab in plates over dry ice. 

Quantitative PCR of the CaXc pathogen was conducted using primers and a custom Taqman 

probe designed by Friedman et al 2014 [150]. 96-well plates were set up with 10 uL of Applied 

Biosystems Taqman Gene Expression Master Mix (cat #4369016), 0.26 uL of each 25 uM 

primer (WSN1-F/WSN1-R), 0.04 uL of the 100 uM stock probe, 0.6 uL of BSA and 6.84 uL of 

nuclease-free water in each well. A plasmid stock of the WSN1 gene was run in duplicate with 1 
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to 10 dilutions from 3 million down to 3 copies. Negative controls of nuclease-free water were 

run in duplicate on every plate. DNA template was run in duplicate and absolute quantity was 

determined by using the equation of the standard curve to convert the fluorescence value to the 

copy number per ng of genomic DNA and then taking the average between the two duplicates. 

Values below 3 copies were converted to 0 because 3 is the limit of detection for this qPCR 

assay. To address zeros in the qPCR data, a pseudo count of 1 was added to the average copy 

number of every sample. Pathogen load was then normalized by dividing the copy number by the 

concentration of input DNA per sample. Values are either reported in log10 of the normalized 

copy number or the axis is adjusted as a log scale.  

Sequence Analysis:  

Paired end sequences were demultiplexed in qiime2  [65] and denoised by DADA2 [133], 

which produced exact amplicon sequence variants (ASVs) for analysis. In qiime2 [65], data was 

cross-checked with controls using Bray Curtis beta diversity PCoA plot assessment. Four 

samples were closely clustered with controls, so these samples were removed from the analysis. 

Sequences were re-clustered after filtering out errant samples and all positive and negative 

controls. Sequences were trimmed to a length of 150 base pairs, forward and reverse reads were 

merged with vsearch [177], and filtered by Q score using qiime2 quality filter to remove low 

quality sequences. Clustering was re-performed with the Deblur program [64], which removes 

probable artifact sequences produced by the sequencing machine. Sequences were aligned with 

the Silva 16S database [73]. Any sequences matching to chloroplast or mitochondria were 

filtered out. A phylogenetic tree was built using SEPP fragment insertion [71]. Alpha rarefaction 

curves were created to determine the number of observed ASVs at which observed richness and 
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diversity plateaued. Rarefaction depths for diversity analyses were informed by the number of 

observed ASVs per depth and the number of samples retained at each sampling depth.  

The first analysis focused on changes in fecal microbiome with time and across 

conditions. The Deblur table was filtered to retain only fecal samples from animals which 

remained alive for the entire experiment and was rarefied at 58,660 sequences per sample. 

Longitudinal Weighted UniFrac volatility between conditions was plotted with the q2 

longitudinal plug in [68,69,178]. Pairwise distance from time point zero (prior to exposure) to 11 

months post-exposure was compared between the control and CaXc-exposed treatments with a 

Kruskal Wallis test to determine if there was a larger change in the microbiome in one treatment 

compared to the other. Fecal samples were then subset by time of collection and analyzed for 

their Weighted UniFrac distances and the control and exposed treatments were statistically 

compared with a PERMANOVA test using the adonis command in qiime2. The qiime2 deblur 

table subset by fecal samples was imported into R as a phyloseq object using the Qiime2R 

package [179] and converted into a Tree Summarized Experiment (tse) object using the mia 

package. Maaslin2 [180] was run on fecal samples with a fixed effect of time (reference = Time, 

0) and random effect of tube id to account for repeated sampling of the same animals. A linear 

model was used in Maaslin2 after TSS normalization and an 85% prevalence filter to focus on 

the most common features, corresponding to the use of weighted UniFrac to display sample 

distances. The top 4 most significant features changing over time are plotted in Figure 13, Panel 

D. Next, the phyloseq [135] object was subset to only look at the final collection time point and 

compare the most differentially abundant features between the control and exposed condition. 

Maaslin2 was run with a fixed effect of treatment (reference = Treatment, Control) and the same 
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parameters as listed prior. The top 4 most significant features differing between control and 

exposed abalone fecal samples are displayed in Figure 13, Panel E.  

The second analysis focused on differences between sample types and the impact of 

CaXc exposure on the typical microbiome differentiation between tissue types and feces. In 

qiime2, the Deblur table was filtered to retain only samples from the final collection time point 

(all sample types included).  Tables were subset into either control (n=44) or exposed (n=44) 

abalone samples from the final collection. The control table was rarefied at 43,246 sequences 

while the exposed table was rarefied at 28,738 sequences to accommodate the maximum number 

of observed ASVs while retaining most of the samples. Alpha diversity focused on 

measurements of evenness and beta diversity focused on weighted UniFrac distances to display 

differences in microbiome by sample type (Figure 13, Panels B & C). Alpha diversity plots were 

constructed in R using the microbiome package to estimate evenness and ggplot2 [181] to create 

figures. Beta diversity plots were constructed in Emperor from qiime2 distance matrices [182]. A 

Kruskal Wallis test was used to statistically compare evenness across sample types while a 

PERMANOVA was used for weighted UniFrac distances. Maaslin2 was utilized again to model 

differentially abundant features between fecal samples and tissue samples, and between exposed 

and control abalone. Fixed effects of both sample type (reference = Fecal) and treatment 

(reference = Control) were used with the same parameters as described previously. The top 50 

most significant features identified in either comparison (Tissue/ Fecal or Exposed/ Control) is 

plotted in the heatmap from Maaslin2 in Panel D of Figure 13. Values were log transformed to 

demonstrate whether there was a positive or negative change from one sample set to the other.  

The third analysis focused on different levels of impact from CaXc exposure in each 

tissue type. The deblur table with only samples from the final collection point was subset again 
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to remove fecal samples. The table was converted to a phyloseq object in R and samples were 

merged by either (1) tissue type or (2) treatment using summation of all features into one 

representative sample per tissue type. The microViz package [183] was used to generate 

taxonomic bar plot visualizations shown in Figure 15, Panel A. The top 10 most abundant 

features are listed by name, while the remaining portion of features is compiled as “other”. In 

qiime2, samples from each tissue type were subset into their own tables for core diversity metrics 

analysis. To compare pathogen load to microbial richness, Faith’s Phylogenetic diversity [184] 

was calculated and plotted against the log10 transformed, normalized copy number of CaXc in 

the sample (Figure 15, Panel B). Points are also colored by treatment, but statistical analysis of 

correlation was performed on normalized copy numbers versus Faith’s PD values. To compare 

presence and absence of bacteria between exposed and control abalone, unweighted UniFrac 

distances were generated and plotted in PCoA plots in Figure 15, Panel C. Statistical 

comparisons of beta diversity were performed between control and exposed abalone using 

PERMANOVA tests. Finally, in Panel D of Figure 15, ANCOM-BC [137] was run in R on 

tables with either post esophagus or distal intestine samples individually. In R, either table was 

converted to a tse object and differential abundance between treatments was analyzed with 

ANCOM-BC, using a prevalence cutoff of 0.1 to include potentially rarer bacterial species, in 

line with the use of unweighted UniFrac beta diversity analyses. ASVs were grouped at the 

genus level. The ANCOM-BC output was filtered to a table containing only significantly 

different features (alpha < 0.05). The plots in Panel D of Figure 15 display log10 fold changes 

from the control to the exposed groups. Features are colored according to the group in which 

they are overrepresented.  
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Two tissue samples were also sent for shotgun metagenomic sequencing as described in 

Kunselman et al 2024 (Chapter 3.1). Each sample was from a different abalone, one digestive 

gland sample and one post esophagus sample, but both were from the CaXc-exposed condition 

on the final collection in April 2022. Both abalone tested positive for CaXc by qPCR with a high 

pathogen load and contained over 99% relative abundance of Candidatus Xenohaliotis 16S 

rRNA sequence reads. The DNA in these samples was used to build a draft genome of the 

Candidatus Xenohaliotis californiensis pathogen. In addition to the methods described in the 

genome announcement (Chapter 3.1), Kaiju [185] taxonomic classification was run on the raw 

metagenomic reads to search for presence of the CaXc phage [164,165]. 

The final analysis focused on the gene expression patterns between control and exposed 

abalone. RNA sequences were trimmed to remove adaptors, polyX sequences and polyA tails 

using fastp [186]. Reads were also quality filtered with fastp to remove sequences below 50 base 

pairs, with low quality scores, and with unmatched forward or reverse reads in the dataset. 

FastQC was used to confirm the trimming and quality filtering steps were successful [187]. 

Trinity v2.15.1 was used for de novo assembly of the transcriptome of the white abalone, 

producing 737,166 genes and 1,137,019 transcripts [188]. Median contig length was 395 base 

pairs. Transcript abundance was estimated using RSEM [189] and a gene counts matrix was 

generated for differential expression analysis. Functional annotation of the genes was performed 

with Trinotate v4.0.2 [190]. Differential expression analysis was run in R using DESeq2 [191]. 

DESeq2 data sets were subset into either post esophagus or digestive gland samples and filtered 

to remove low abundance genes (< 10 reads) per group. DESeq2 was run to compare exposed to 

control abalone. Principal Component Analysis with a variance stabilizing transformation was 

computed to look at overall differences in gene expression between conditions. The DESeq2 
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results were filtered to retain only significantly differentially expressed genes with p value less 

than 0.05 and Log2FoldChange greater than 2. This was performed separately for post esophagus 

and digestive gland samples and then the differentially expressed genes were compared with a 

Venn diagram using jvenn [192]. 
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Results: 

 
Figure 13. Abalone fecal microbiome is volatile over time and impacted by exposure to 

CaXc. 
A) qPCR quantification of the pathogen, CaXc, normalized by DNA concentration, in fecal 
samples over time from pre-exposure to 11 months post-exposure. None of the control fecal 

samples were positive for the pathogen. Trend lines were fit with locally estimated scatterplot 
smoothing.  

B) Microbiome Volatility analysis using q2-longitudinal. This plot shows average distance 
between fecal samples over time from pre-exposure to 11 months post-exposure. Each line is an 

individual animal tracked over time, with the bold lines demonstrating the mean value on 
Principal Component 1 for either the control or exposed group of animals. Principal Component 

1 is shown because it was the top explanatory axis, explaining 30.49% of Weighted UniFrac 
distance between samples. Kruskal Wallis test compares whether the distances from 0 to 11 

months post exposure were different between control and exposed groups. p values over each 
bend indicate whether control was different from exposed at that time point using a 

PERMANOVA test.  
C) Weighted UniFrac beta diversity PCoA plot demonstrating quantitative and compositional 
differences in fecal microbiomes between Exposed and Control abalone after 11 months. A 
PERMANOVA test accompanies these results to demonstrate the percent of variation in the 

microbiome explained by treatment (6.6%) and its significance (p = 0.036).  
D) Maaslin2 regression and boxplots showing ASVs responsible for differences over time and 
between treatments at 11 months. The top 4 explanatory ASVs are shown for both change over 
time and difference between treatments. Only the ASVs present in at least 85% of samples were 

considered for analysis. FDR is the adjusted p value of the statistical comparison, and the 
coefficient can be interpreted as the log fold change from the left to the right side of any plot. 
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Part 1: Abalone fecal microbiome is volatile over time and impacted by exposure to CaXc 

All abalone which were exposed to Candidatus Xenohaliotis californiensis by infected 

animals in header tanks eventually tested positive (n=17). In fecal samples, the first detection of 

CaXc occurred at 4 months after the start of exposure (Fig13A). Copies of CaXc per ng of DNA 

peaked at approximately 6 months post-exposure and leveled out in consecutive months to an 

average of less than 100 copies (Fig13A). Copies of CaXc per ng of DNA served as a proxy for 

level of infection, which varied greatly across individual abalone (Fig13A). Although CaXc 

infection did not present its signal in the fecal samples until 4 months post exposure, the beta 

diversity (Weighted UniFrac principal complaint 1) of the fecal microbiota already significantly 

varied between exposed and control conditions after 2 months (adonis permanova, R2 = 0.05, F 

= 2.35, p = 0.033) (Fig13B).  However, the beta diversity between exposed and control was 

again indistinguishable at 5 months post-exposure (adonis permanova, p = 0.406) (Fig13B). For 

the remainder of the experiment, the beta diversity of the fecal microbiomes significantly varied 

between exposed and control abalone (adonis permanova; Time = 7, R2 = 0.08, F = 3.40, p = 

0.003; Time = 8, R2 = 0.10, F = 4.15, p = 0.003; Time = 10, R2 = 0.098, F = 3.70, p = 0.014; 

Time = 11, R2 = 0.066, F = 2.27, p = 0.36)(Fig 13B). Abalone fecal microbial community 

structure experienced large divergences from the global mean of the first principal component of 

the weighted UniFrac distance as it changed over time (Fig 13B). Beta diversity distances from 

the pre-exposure collection timepoint to 11 months post-exposure were not significantly different 

between control and exposed abalone (Kruskal Wallis, H = 2.1, p = 0.146881). In other words, 

the fecal microbial composition changed at the same magnitude whether abalone are exposed to 

the pathogen or not. Differential abundance analysis within each abalone over time revealed that 

the topmost explanatory features for this variation included the Sphingomonadaceae family, the 
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Shimia genus, the Ahrensia genus, or the Pelagibius genus (Fig 13D). The 4 most abundant 

ASVs explaining the variation through time tended to increase over time and their spikes in 

relative abundance coincided with principal component 1 values close to or above the global 

mean.  These spikes occurred at 2, 7, 8, 10 or 11 months after the start of the experiment. Even 

though abalone fecal microbiomes were consistently volatile through time, some weighted 

compositional differences in the microbiome could be attributed to exposure by CaXc (Fig13C). 

Zooming in on the final collection time point, around 7% of the variation in the microbiome at 

this instance could be explained by exposure to the pathogen (adonis permanova, R2 = 0.066285, 

F = 2.27, p = 0.036)(Fig13C).  These variations were primarily explained by the top 4 most 

proportional abundant ASVs in Figure 13E. From control to exposed abalone, an ASV from the 

Halieaceae family was largely lost (Fig 13E). Meanwhile, ASVs associated with 

Rhodobacteraceae, Fusibacter and Candidatus_Xenohaliotis (the pathogen itself) were 

overrepresented in the exposed abalone microbiomes. In conclusion, while the abalone 

microbiome showed significant changes over time, CaXc exposure and infection had a limited 

impact on community structure and the relative proportions of specific taxa. 
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Figure 14. CaXc differentially infects early digestive tract (PE) more than late digestive 
tract (DI, GC, F) and this contributes to a drop in microbial evenness of the early digestive 

tract. 
A) qPCR quantification of the pathogen, CaXc, normalized by DNA concentration in tissue and 

fecal samples from exposed abalone only. Kruskal Wallis and Pairwise Wilcoxon tests were 
performed to demonstrate whether pathogen load varied by sample type and which sample types 

had significantly different pathogen load, respectively. 
B) Microbiome evenness by sample type, measured by Pielou’s evenness metric. Kruskal Wallis 
and Pairwise Wilcoxon tests were performed to demonstrate whether evenness varied by sample 

type and which sample types had significantly different evenness, respectively. All boxplots 
demonstrate average value for the group, spread of data, and outliers as shown by separate dots.  

C) Weighted UniFrac beta diversity PCoA plot demonstrating abundance and compositional 
differences in the microbiome between sample types in either control or exposed treatments. A 

PERMANOVA test accompanies these results to demonstrate which sample types were 
significantly different from one another. Similarity in microbiome of different sample types is 

denoted by the ‘=‘ sign.   
D) Maaslin 2 heatmap for two fixed effects: sample type and treatment. ASVs are organized by 

row, with the family and genus (if known) indicated on the right. Differential abundance of 
ASVs between sample types is shown in the left column, with a red ‘+’ indicating an increase in 
representation of that ASV from fecal to tissue samples, and a blue ‘-’ indicating a decrease from 

fecal to tissue samples. Differential Abundance of ASVs between treatments is shown in the 
right column, with a red ‘+’ indicating an increase in representation of that ASV from control to 
exposed samples, and a blue ‘-’ indicating a decrease from control to exposed samples. The top 

50 features with significant associations to either effect are shown (p < 0.05) Only the ASVs 
present in at least 85% of samples were considered for analysis. 
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Part 2: CaXc differentially infects early digestive tract (PE) more than late digestive tract (DI, 

GC, F) and this contributes to a drop in microbial evenness of the early digestive tract. 

Pathogen load and microbial diversity varied across the sample types. The final time 

point was selected to assess differences in pathogen load, alpha and beta diversity between 

sample types in either condition, as well as the features responsible for distinguishing tissue from 

fecal samples and exposed from control abalone. Within exposed abalone, pathogen load was 

greatest in post esophagus samples and least in distal intestine samples (Fig. 14A).  A few 

outliers existed in different tissues, demonstrating the different levels of infection between 

individual abalone. Although not pictured in Figure 14, the trend from greatest CaXc copies in 

the PE to least in the DI was consistent within individual animals as well, suggesting that the 

overall trend mimicked infection levels within an individual abalone. Digestive gland pathogen 

load was at a similar level to gut contents and fecal pathogen load, suggesting that these non-

invasive samples were a proxy for digestive gland infection rate. Alpha diversity, by comparison, 

did not follow the same trend as pathogen load in exposed abalone (Fig 14B). In exposed 

abalone, the microbial evenness (Pielou’s evenness metric) was inversely correlated with 

pathogen load in the post esophagus (Fig. 14A&B). Yet, without exposure to CaXc, evenness in 

the post esophagus tissue was not significantly different from other internal abalone tissues and 

gut contents (Fig 14B). Overall, feces has the greatest evenness (Pielou’s J; Kruskal Wallis, p < 

0.01 for Fecal-PE, Fecal – DG, Fecal – DI, and Fecal – GC; Fig. 14B). Beta diversity (Weighted 

UniFrac) was significantly different between feces and other sample types (adonis permanova on 

control abalone, F – PE p = 0.0025, F – DG p = 0.0025, F – DI p = 0.0025, F – GC p = 0.0025; 

Fig. 14C). In control abalone, which captured typical beta diversity trends across sample types, 

post esophagus and digestive gland tissue (both in the anterior portion of the digestive tract) 
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shared similar microbial community structure (adonis permanova on control abalone, PE – DG, p 

= 0.617; Fig. 14C). Gut contents which were squeezed out of the distal intestine tissue shared a 

similar microbial composition to the distal intestine (adonis permanova on control abalone, F – 

GC, p = 0.293; Fig. 14C). In exposed abalone, all sample types significantly varied in beta 

diversity (Fig. 14C). In pairwise comparisons, post esophagus samples were closest to digestive 

gland samples, followed by distal intestine, gut contents, and finally feces (adonis permanova on 

exposed abalone; PE – DG pseudo F = 7.385460, p = 0.002; PE – DI pseudo F = 32.977724, p = 

0.001; PE – GC pseudo F = 38.012759, p = 0.001; PE – F pseudo F = 53.016694, p = 0.001). 

Weighted UniFrac was used as the beta diversity metric to encapsulate differences in 

composition and relative abundance of ASVs within each sample. This was paired with evenness 

data for each sample type to demonstrate that decline in evenness in the post esophagus was 

caused by dominance of a few ASVs, which shifted beta distances further from other sample 

types. The observed trends in specific features were further examined by differential abundance 

analysis of abundant ASVs between sample types and treatments (Fig. 14D). Candidatus 

Xenohalitois and two unidentified bacteria had a significantly greater proportion in tissue 

samples, while most other taxa were at a significantly greater proportion in feces (Fig. 14D). One 

of the unidentified bacteria was most closely related to Spirochaetaceae, but the other could not 

be identified further. Candidatus Xenohalitois was the only ASV significantly enriched in 

exposed samples (Fig. 14D). The strong log fold increase of CaXc in the post esophagus samples 

was the most likely culprit for the decrease in evenness and the divergence in beta diversity 

observed in exposed PE samples.  
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Figure 15. Changes to the exposed abalone microbiome are primarily related to 
replacement of key taxa by CaXc in the Post Esophagus and Distal Intestine, and to a 

minor extent, presence or absence of rarer ASVs. 
(A) Summed Taxonomic Bar Plots demonstrate composition of each sample type across 

treatments. Samples of the same category were merged with Phyloseq using summation. Genus 
or Family are written in the legend to identify bars by color. “Other” category includes 

remaining, lower abundance ASVs.  
(B) Scatterplots demonstrate the correlation between Faith’s Phylogenetic diversity and the 

pathogen load of each individual animal, organized by sample type. A spearman correlation test 
was run to determine the significance of the correlation between diversity and CaXc copies. The 
correlation coefficient is included for the post esophagus samples, which were the only sample 

type that had a correlation between diversity and pathogen load.  
(C) Unweighted UniFrac beta diversity PCoA plot demonstrating compositional differences 
(presence or absence and phylogenetic relatedness) between control and exposed abalone, 

organized by sample type. A PERMANOVA test was run to determine whether the control and 
exposed conditions significantly varied in their microbiome composition, and if significant (p < 

0.05), what percentage of the variation was explained by whether they were exposed or not (R2 x 
100).  

(D) ANCOMBC differential abundance analysis between control and exposed abalone, within 
either the post esophagus or distal intestine tissues. Log fold change indicates change from 
control to exposed abalone. A significance cutoff of 0.05 was used to select taxa. Any taxa 

present in less than 10% of samples were dropped. 
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Part 3: Changes to the exposed abalone microbiome are primarily related to replacement of both 

core and rare taxa by CaXc in the Post Esophagus and Distal Intestine. 

Considering the microbial compositional divergence between abalone tissues after 11 

months, each tissue was analyzed separately. First, taxonomic bar plots show the summed 

composition of the top 10 most abundant ASVs across all control or exposed abalone for each 

tissue type (Fig. 15A). As suspected, post esophagus samples had a greater proportion of the 

pathogen, outweighing other taxa such as Mycoplasma, Vibrio and Psychrilyobacter (Fig. 15A). 

Digestive gland samples shared a similar pattern of relative abundance with post esophagus 

samples but with a greater proportion of Terasakellaceae and slightly lower proportion of the 

pathogen (Fig. 15A). In contrast to the esophagus and digestive gland, both distal intestine and 

gut contents samples had an absence of the pathogen in the top ten most abundant ASVs (Fig. 

15A). Second, Faith’s phylogenetic diversity calculated for each abalone was plotted against the 

pathogen load, which shows that post esophagus tissues experienced lower alpha diversity as 

pathogen burden increased (Spearman correlation, r = -0.8252, p < 0.0001). For all other tissue 

types, there was no significant correlation between phylogenetic richness and pathogen load (Fig. 

15B). One of the control dots falls above zero in the digestive gland plot because this animal 

tested positive for CaXc by qPCR at the 11-month mark. We also compared Unweighted 

UniFrac beta diversity between exposed and control across tissues (Fig. 15C). In the post 

esophagus and distal intestine, microbial community structure was significantly different upon 

exposure to CaXc (Fig. 15C; PE - adonis permanova, R2 = 0.082758, F = 2.89, p = 0.001;  DI - 

adonis permanova, R2 = 0.045692, F = 1.48, p = 0.011). However, no significant difference in 

beta diversity was observed in the digestive gland and gut content samples between treatments (p 

> 0.05; Fig. 15C). ANCOM-BC results demonstrated that in post esophagus and distal intestine 
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samples, CaXc dominated the community of exposed abalone with no other significantly 

differentiated taxa (Fig. 15D). The most significantly reduced taxa in the post esophagus 

(Rhodobacteraceae, Laiaceae, Flavobacteriales and Mycoplasma) were different from those in 

the distal intestine (Proteus, Shimia - within the Rhodobacteraceae family, Candidatus 

Nitrosopumilis, Shewanella, Pschrilyobacter and Phocoenobacter) (Fig. 15D). The ASVs with 

the greatest proportion that were impacted by CaXc were Mycoplasma, Psychrilyobacter, and 

Shewanella (Fig15A&D). Other ASVs identified as driving differences between control and 

exposed abalone were at lower proportions, or at least not included in the top 10 most abundant 

ASVs displayed in the taxa bar plots (Fig. 15B&D).  

Part 4: Detection of CaXc phage in shotgun metagenomic data 

Using metagenomic assembly techniques we assembled a 90% complete metagenome for 

CaXc from samples in this study (Chapter 3.1). However, we were also able to assemble two 

strains of the CaXc phage using the Kaiju taxonomic classification, Xenohaliotis phage pCXc-

HR2015 with taxonomy ID 1933104 and Xenohaliotis phage pCXc-HC2016 with taxonomy ID 

1933103. Xenohaliotis phage pCXc-HR2015 was submitted by the Centro de Investigacion 

Cientifica y de Educacion Superior de Ensenada in 2017. In total, 56,369 reads mapped to pCXc-

HR2015 and 21 reads mapped to pCXc-HC2016. This confirmed the presence of a phage 

targeting CaXc in this experiment. Only a few samples were tested, so these results do not 

demonstrate the extent of the phage presence in all samples. 
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Figure 16. Gene expression in response to CaXc exposure varies between Post Esophagus 
and Digestive Gland. 

(A) Principal Components Analysis of gene matrix for digestive gland tissue samples only. Color 
coded by control (n=5) and CaXc-exposed (n=5) abalone.  

(B) Venn diagram produced with jvenn showcasing the number of significant gene IDs shared 
between digestive gland and post esophagus samples (n = 6), the number of significant gene IDs 
unique to digestive gland samples (n = 55) and the number of significant gene IDs unique to post 
esophagus samples (n = 35). Significant gene IDs are those which were found to be differentially 

expressed between CaXc-exposed and control abalone with a p value less than 0.05 and a 
log2FoldChange greater than 2.  

(C) Bar plot displaying the total number of significantly differentially expressed genes in CaXc-
exposed versus control abalone for each tissue type.  

(D) Principal Components Analysis of gene matrix for post esophagus tissue samples only. Color 
coded by control and CaXc-exposed abalone. 

 
Part 5: Differential expression of host genes between CaXc-exposed and control abalone varies 

by tissue. 

Digestive Gland and Post Esophagus tissues were analyzed separately because the 

microbial response to CaXc differed between tissues. Host gene expression overlapped greatly 

between control and exposed abalone in both digestive gland (Fig. 16A) and post esophagus 
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(Fig. 16B). There was no clear separation between conditions on the most explanatory axes of 

the PCA. Of the genes that were significantly differentially expressed with a log fold change 

greater than 2, only 6 overlapped between digestive gland and post esophagus samples (Fig. 

16C). The 6 genes which were significantly expressed in both tissue types were all 

downregulated in exposed conditions. The majority of significantly differentially expressed 

genes between exposed and control abalone were unique to specific tissue types. More genes 

were significantly differentially expressed in digestive gland tissue (n = 61) as compared to post 

esophagus tissue (n = 41) (Figure 16D). Unfortunately, due to low levels of gene annotation (< 

9%) and poor predictive capability, functional responses to CaXc in white abalone could not be 

determined.  

Discussion 

The white abalone fecal microbiome is volatile over the course of 11 months and 

differentially impacted by exposure to CaXc between tissues. This study produced the longest 

time series analysis of abalone feces from CaXc-infected abalone. The pathogen CaXc is 

intracellular [161,162] but was detected in fecal samples after 4 months of exposure. While the 

pathogen load initially increased, all samples collected after 6 months remained at a similar 

pathogen load and no abalone showed symptoms of Withering Syndrome for the entire 11-month 

time series. This is likely due to the presence of the CaXc phage, which decreases the virulent 

impact of the CaXc pathogen [164,165]. The CaXc phage pCXc-HR2015 was detected in at least 

a few of the exposed abalone tanks. As such, the results presented here should be assessed in the 

context of a less virulent CaXc infection. In contrast to quantification of CaXc, disruption of the 

microbiome initially occurs at 2 months post exposure. This may indicate initial establishment of 

CaXc internally in the post esophagus or digestive gland without expulsion by the abalone. 
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Alternatively, because the microbiome does not significantly vary between control and exposed 

abalone at 5 months, this signal may not be a result of CaXc infection. At later time points, the 

microbiome of exposed abalone differs consistently from that of the control abalone, suggesting 

some disruption to the internal microbiome that has downstream effects on the fecal microbiome. 

After all, the fecal microbiome of a mollusk is typically composed of transient or excluded 

bacteria [193], which may differ depending on the behavior of the host immune system and other 

bacterial competitors. 

The abalone fecal microbiome demonstrated a significant shift over the 11 months of 

observation regardless of exposure status. This is likely caused by a change in diet over time, 

because abalone were fed kelp, dulse or a mix of both at any given time, which was solely 

dependent on availability of either algae and equally changed for both control and exposed 

abalone. Diet has been previously demonstrated to cause high turnover in the fecal microbiome 

of oysters [81]. Across all abalone the proportion of Sphingomonadaceae, Shimia, Ahrensia and 

Pelagibius increased over the experimental period. None of these taxa have been previously 

found in association with CaXc [23,41,42]. Their overrepresentation may be due to changes in 

food over time. In fact, Ahrensia has previously been identified as a diet-specific bacteria in 

abalone, found to be scarce in a L. japonica diet compared to a G. lemaneiformis diet [194]. 

Sphingomonadaceae have been detected in abalone guts [22], Shimia haliotis was isolated from 

an abalone gut [195] but Pelagibius has yet to be found in abalone. Considering the novelty of 

abalone microbiome studies, this is not unexpected. There were taxa, in addition to the 

Candidatus Xenohaliotis genus, in the fecal samples which were specifically associated with 

CaXc-exposed abalone, including Rhodobacteraceae and Fusibacter, but these have also not 

been documented in previous studies of abalone Withering Syndrome. Marinomonas has been 
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documented to increase in abundance in Withering Syndrome affected abalone, but was not 

detected in this study [42]. Halieaceae was underrepresented in CaXc-exposed abalone, which 

may be a sign that this group is impacted by CaXc presence. In abalone, Rhodobacteraceae have 

been correlated with increasing water temperature [196]. Interestingly, CaXc infection is also 

correlated to increased water temperatures, and Rhodobacteraceae may favor similar conditions 

to CaXc [197]. While there are nuanced differences between exposed and unexposed abalone, 

the relative impact of CaXc on the fecal microbiome is minimal compared to the high volatility 

of the abalone microbiome over time. The fecal microbiome is also highly diverse compared to 

inner tissue microbiomes and may not be the best proxy for measuring the microbial impacts of 

CaXc infection. 

CaXc affects individual tissues quite differently. Along the digestive tract, the post 

esophagus tissue comes first, followed by the digestive gland, and finally the distal intestine. The 

earliest tissue in the digestive tract is also the most impacted by CaXc infection. This is known to 

be the first site targeted by CaXc infection [165,197]. Weighted UniFrac was paired with 

evenness data to demonstrate that decline in evenness in the post esophagus, caused by 

dominance of few ASVs, contributes greatly to the shift in the microbial community of that 

tissue. The post esophagus hosts the highest pathogen load after 11 months of exposure and 

phylogenetic diversity is negatively correlated with pathogen load, suggesting a direct interaction 

between the pathogen and other resident bacteria that persists in the long term. The post 

esophagus microbiome closely resembles the digestive gland microbiome in the healthy abalone, 

but pathogen exposure causes the post esophagus microbiome to diverge significantly from the 

digestive gland microbiome.  Disruption of the microbiome in the gut of CaXc-exposed abalone 

has been documented across species of abalone to differing degrees [41,42]. These previous 
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studies have only focused on one tissue type or homogenized the whole gut of abalone to 

characterize its microbiota. Therefore, this is the first study to recognize similarity in 

microbiome of post esophagus and digestive gland tissue. Interestingly, the digestive gland 

microbiome composition is not significantly altered by CaXc-exposure.  Although the CaXc 

pathogen is thought to predominantly infect both the digestive gland and post esophagus tissue 

[161], the majority of microbial disruption is seen in the post esophagus. Keeping in mind that 

the virulence of CaXc is likely reduced in this case due to the CaXc phage and the abalone 

showed no visible symptoms of Withering Syndrome, the digestive gland microbiome appears to 

be more resilient against the pathogen than the post esophagus tissue. This may be important for 

maintaining abalone health during this study, considering the digestive gland is the primary site 

of digestive activity and may host bacteria important for aiding in digestion [47,198].  

The distal intestine has negligible pathogen load but experiences a significant shift in 

microbiome composition. CaXc is typically found at much lower intensity in the distal intestine, 

as observed through microscopy [161]. However, the infection and disruption of the microbiome 

in the early digestive tract appears to have downstream consequences on the intestinal 

microbiome without leading to visible symptoms of withering. Faith’s phylogenetic diversity 

was not correlated to distal intestine pathogen load because it was too low, but a significant shift 

was seen in the distal intestinal microbial composition. Exposed abalone have a distal intestine 

microbiome which is very different from the gut contents which moved through it. This is not 

necessarily due to a change in the gut contents, but rather by a change in the distal intestine 

microbiome (Fig 15D). The distal intestine of abalone contains enzymes for terminal digestion 

[199], but is proposed to have a minor role in overall nutrient absorption [197]. Similar to the 

post esophagus, the microbiome of the intestine may not be as resilient against pathogens 
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because of different interactions between intestinal tissue cells and bacterial adhesion. The 

digestive gland, on the other hand, is a critical site of nutrient absorption and may host highly 

dependent and strongly associated bacteria. Therefore, if the abalone had succumbed to 

Withering Syndrome, this likely would have been reflected by an alteration in the digestive gland 

microbiota and this would equate with signs of poor health.  

The shift in microbiome diversity and composition in infected abalone was due to a 

dominance of the CaXc bacterial pathogen, but no other bacteria increased in coordination with 

CaXc. Although polymicrobial infections are possible with a weakened host immune system, 

this did not appear to be the case in this experiment because other bacteria were greatly 

outweighed in relative abundance by CaXc. Since the data produced in this study are relative 

abundances, the dominance of CaXc reads may be due to either replacement of other bacteria or 

an overall increase in bacterial biomass favoring CaXc. This can be seen in both Figures 14D 

and 15C, where Candidatus Xenohaliotis is the only taxa overrepresented in exposed abalone, 

yet many other taxa were underrepresented. This poses alternative concerns for the health of the 

abalone because beneficial bacteria are typically involved in the digestive process and contribute 

to the nutrition of the abalone [47]. Many bacteria found in the abalone gut are capable of 

degrading algal polysaccharides and other compounds, which is important for an organism with 

an algal-based diet [199]. In healthy control abalone, Mycoplasma, Psychrilyobacter, and 

Shewanella were all proportionally abundant, but were dramatically outweighed by CaXc in 

exposed abalone, specifically in post esophagus and distal intestine samples. The decreased ratio 

of Mycoplasma to Candidatus Xenohaliotis under exposure conditions has also been noted in red 

abalone experiencing Withering Syndrome [41,42]. Mycoplasma have the potential to be highly 

metabolically active in abalone with the capability of breaking down complex compounds and 
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are likely to directly interact with CaXc at the host cell interface [17,41]. Cicala et al 2022 

presented a great overview of some of the functional potential of Mycoplasma and their 

specificity within abalone. The loss of Mycoplasma is a warning for the loss of potential core 

microbiota, which has also been reported by this author previously in oysters [200]. 

Psychrilyobacter are typically found in high abundance in abalone guts, enriched in abalone 

compared to the surrounding environment and stable across changing environmental conditions 

and diets [194,196]. This also supports some potential selection for this species within the 

abalone microbiome and importance of its metabolic function within the abalone gut [196]. 

Shewanella species are proposed as potential probiotics for disease resistance in abalone [46]. 

The loss of all these bacteria may present a sign of dysbiosis within the infected abalone tissue 

and suggests that there are hidden yet considerable effects of CaXc on the abalone without 

visible symptoms and even with the CaXc phage present.  

The signal of CaXc is strongest within gastrointestinal tissue, even without visible 

symptoms of Withering Syndrome. Rhodobacteraceae and Haliaeaceae were found to be 

underrepresented in both post esophagus and fecal samples from exposed abalone. However, this 

is the only common trend in bacteria between tissue and feces, suggesting that feces are not a 

good indicator of internal changes, as previously mentioned and showcased in other mollusks 

[193]. CaXc was also overrepresented in tissue samples compared to fecal samples, further 

supporting this conclusion. With the presence of the CaXc phage, some microbial impacts of 

CaXc infection may be dampened [165]. Nonetheless, there are clear internal disruptions to the 

core microbiome of abalone following CaXc exposure and infection which do not appear to 

affect the abalone health visually but may still induce stress and alter gene expression. 
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Gene expression of white abalone varied only minimally with CaXc exposure. Despite 

significant microbial disruption to the post esophagus samples following CaXc exposure, the 

patterns of genes expressed overlapped between control and exposed post esophagus tissue. Yet, 

41 genes were significantly up or downregulated in response to CaXc exposure. Interestingly, 

more genes were significantly altered in response to CaXc exposure in the digestive gland, 

which experienced less microbiome disruption. However, digestive gland gene expression also 

overlapped greatly between control and exposed abalone. The low variability in gene expression 

between exposed and control abalone may be due to the presence of the CaXc phage, which 

would reduce the virulence of the pathogen and reduce host recognition of pathogenic activity. 

However, a previous study on Pinto abalone found no significant immune gene expression in 

response to CaXc infection, and rather the pathogen impacted hunger and metabolic pathways 

[170]. This study also experienced difficulty with gene annotation, which could explain the lack 

of immune response detected [170]. Considering the abalone in the current study also showed no 

visible signs of withering, it is reasonable not to see a broad genetic response, whether it was 

immune response or metabolic pathway signals. The most interesting result from this analysis of 

gene expression is the unique genetic responses of each tissue type. Post esophagus and digestive 

gland tissue only share only a minority of similar genes expressed, suggesting a difference in 

cellular response and function. These differences may also play into the response to CaXc and 

the ability of CaXc to invade post esophagus tissue before entering the digestive gland. These 

questions should be explored further once greater resolution of white abalone gene annotation is 

achieved. White abalone are one of the more susceptible species to Withering Syndrome and 

they need to be better understood to ensure successful captive breeding and restoration in the 

wild.  
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Conclusion 

White abalone are a critically endangered species and highly susceptible to Withering 

Syndrome. This study demonstrated the cascading impacts of CaXc exposure on the abalone 

digestive tract microbiome. The early digestive tract, the post esophagus, was most impacted by 

CaXc exposure, with CaXc outweighing all other bacteria and the highest quantification of 

pathogen load of all tissue and fecal samples. The digestive gland microbiome was more resilient 

against CaXc infection, and this maintenance of bacterial diversity in the region of digestion may 

be critical to abalone health through protection of gut tissue. Both the post esophagus and the 

digestive gland had some differential gene expression following CaXc infection, but the overall 

response was not at an intensity expected for a severely diseased animal. While the distal 

intestine microbiome was also significantly impacted by CaXc exposure, it likely plays less of a 

role in nutrient absorption and the microbiome may be less specialized and less resilient than the 

digestive gland. The stabilization of infection and lack of withering signs may be more due to the 

presence of the CaXc phage, which would reduce its virulence and minimize its ability to 

damage host tissue. While fecal samples may be used to detect CaXc, the changes in the 

microbiome of the feces vary more with time than with CaXc exposure. The abalone fecal 

microbiome does not reflect the internal tissue microbiome of the abalone, which is specific to 

each tissue in the digestive tract. The internal host response to CaXc also varied between tissues 

in the digestive tract, suggesting a unique role of each abalone tissue in infection, immunity and 

microbial activity.   

Data Availability: 

Raw 16S V4 reads for microbial DNA are available at NCBI BioProject accession 

PRJNA1079384. Raw RNA Sequences for abalone genes are available at NCBI BioProject 

https://www.ncbi.nlm.nih.gov/bioproject/PRJNA1079384


107 

accession PRJNA1090106. Scripts for data processing are available at 

https://github.com/ekunselman/AbaloneCaXc  
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CONCLUSION 
 

 This dissertation has discussed microbiome dynamics under both environmental and 

pathogen-driven disturbances for Olympia oysters, Pacific oysters, and white abalone.  

 The microbiome is important in mollusks for digestion and pathogen defense, but 

mollusk microbiomes experience a high level of exposure to the environment and the microbes 

in that environment. Microbial communities are unique to tissues and may be highly specialized. 

This is important for digestion of different algal diets for both oysters and abalone. Pathogens are 

also specialized based on their evolved route of infection, and this creates dysbiosis in infected 

tissue, as seen in oysters’ infection with OsHV-1 and abalone infected with CaXc. Disruption to 

one tissue may spread to other tissues during severe disease progression. Large disturbances such 

as pathogens or increasingly stressful environments can lead to a reassembly of the mollusk 

microbiome which is not favorable to its health or recovery from infection. For example, low 

oxygen as demonstrated in Chapter 1, viral infection as demonstrated in Chapter 2, or pathogenic 

bacterial exposure as demonstrated in Chapter 3.  

The study of microbiomes in mollusks is highly relevant to aquaculture. One form of 

aquaculture is for restoration, such as for the native Olympia oyster or the endangered white 

abalone, both found on the West Coast of the United States. The microbiome may be influenced 

by the environmental characteristics of a specific restoration site, including physical parameters 

such as temperature and oxygen, environmental microbial communities, presence of pathogens, 

and food sources and the microbes that may be associated with them. These all impact the 

suitability of restorations sites and the suitability of an animal for a restoration site. Both the 

environment and the outplanted mollusk should be assessed prior to enacting restoration 

strategies due to the potential risks which may jeopardize the health of new mollusks, their 
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establishment success, and the organisms around them which may be susceptible to infections. 

Although abalone Withering Syndrome can be detected by fecal samples, it takes a long time to 

present and other invasive methods cannot be used to test infection before outplanting abalone in 

wild, which may make the assessment process more difficult. Commercial aquaculture must also 

consider microbiomes, especially regarding disease because it may impact profit, food safety and 

environmental impact assessments. Oyster herpesvirus is a serious threat to aquaculture because 

its onset is rapid and mortality rates are high in oysters, which leads to reduced supply and shifts 

in the microbial community in response to OsHV-1 could negatively impact surrounding 

ecosystems. The microbiome is altered when the oyster dies, and these microbes may be expelled 

into the environment and exposed to nearby susceptible hosts. Similar microbes have been found 

across mollusks species, such as Vibrio and Mycoplasma which were seen in all chapters in this 

dissertation, which alludes to that fact that they can positively or negatively impact multiple 

mollusks in the same way.  

Many commonalities have been found across the mollusk species assessed in this 

dissertation. For example, Vibrio species are a common member of the microbiome of both 

oysters and abalone. However, their presence can be a positive or negative indicator of mollusk 

health depending on species. Unfortunately, species-level resolution of Vibrio bacteria is very 

hard to accomplish with 16S rRNA sequencing data. Mycoplasma species are also found to be 

core members in the guts of most mollusk species, but this genus also has different species which 

may fall into either commensal or pathogenic categories.  Again, without species resolution and 

without knowledge of species characteristics within the Mycoplasma genus, it is difficult to 

confirm whether a high relative abundance of Mycoplasma is a sign of a healthy or dysbiotic 

mollusk gut. Yet, there are multiple cases documented where Mycoplasma bacteria decrease 
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relative to invaders, such as a decreased ratio of Mycoplasma to Candidatus Xenohaliotis 

californiensis in infected abalone. A final commonality described in this dissertation is the 

phenomenon of decreased bacterial evenness in stressed and pathogen-infected mollusks. 

Decrease in evenness flags a decrease in ecosystem health in macro and microscale ecology, 

because it suggests the dominance of fewer species and therefore a decrease in diversity. A 

healthy level of disturbance often promotes high diversity in an ecosystem because it lowers the 

likelihood that one species will outcompete the rest, but too large of a disturbance will knock 

down beneficial members of the mollusk microbiome and allow for the most opportunistic 

species or bacterial invaders to take over. While these general conclusions offer insight into the 

dynamics of mollusk microbiomes and how they are linked to health and disease, future studies 

should dive deeper into the direct relationships between mollusk pathogens and resident bacteria 

and the functions being performed by different members of the community to solidify the 

explanation behind these trends.  

While many commonalities do exist across mollusks, there are also many species-specific 

considerations that must be taken into account. Their response to environmental changes and 

different types of pathogens may vary from one species to the next. For example, OsHV-1 is 

hypothesized to be a polymicrobial infection because the infection by the virus leads to a shift in 

the microbial community and previous studies have demonstrated increased bacterial load and 

bacterial infestation of tissue. However, abalone Withering Syndrome does not appear to be a 

polymicrobial infection, because no bacteria were found to increase alongside CaXc. The 

differences between these systems are numerous and any one of these differences could explain 

why the systems do not respond in the same way. CaXc is a bacterial pathogen while OsHV-1 is 

a virus, CaXc is intracellular, CaXc is specialized to abalone while OsHV-1 is specialized to 
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Pacific oysters, and CaXc has a phage which may reduce its pathogenicity.  These differences 

call for adaptive practices to manage and eliminate pathogens of different classes across different 

species of mollusks.  

The main takeaways of this dissertation are 1) a robust microbiome is important in the 

face of multiple stressors, such as temperature, reduced oxygen, and pathogen exposure, but the 

definition and characteristics of a robust microbiome may vary based on the host, 2) there is a 

strong connection between the microbiome and mollusk performance which can be taken 

advantage of when designing alternative solutions to mollusk aquaculture, such as treatment with 

probiotics and phage, and 3) changing ocean temperatures and other impacts of climate change 

pose serious concerns for mollusks due to the increased virulence and spread of marine 

pathogens and impacts on internal mollusk microbiomes.   
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