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ABSTRACT	

Mechanisms	of	Lipid	Homeostasis	in	the	Endoplasmic	Reticulum	and	Lipid	Droplets	

By	

Clark	W Peterson	

Doctor	of	Philosophy	in	Metabolic	Biology	

University	of	California,	Berkeley,	

Professor	James	A.	Olzmann,	Chair	

The	endoplasmic	reticulum	(ER)	serves	as	the	entry	point	to	the	secretory	system	where	nearly	
one-third	 of	 the	 cellular	 proteome	 must	 undergo	 synthesis,	 folding,	 and	 maturation	 events	
before	being	deployed1-3.	Proteins	that	fail	to	successfully	navigate	these	processes	and	achieve	
their	 native	 conformation	 are	 detained	 by	 endoplasmic	 reticulum-associated	 degradation	
(ERAD),	 a	 quality-control	 mechanism	 responsible	 for	 targeting	 misfolded	 proteins	 for	
degradation	by	the	cytosolic	26S	proteasome4.	Recent	studies	have	demonstrated	that	treatment	
with	the	long	chain	acyl-CoA	synthetase	inhibitor	triacsin	c	disrupts	lipid	droplet	(LD)	biogenesis	
and	ERAD,	suggesting	a	functional	connection	between	the	processes142.	However,	whether	LDs	
are	involved	in	ERAD	remains	an	outstanding	question.	

LDs	 are	 highly	 dynamic	 neutral	 lipid	 storage	 organelles	 that	 function	 as	 central	 hubs	 of	 lipid	
metabolism	 charged	with	 storing	 lipids	 and	maintaining	 energy	 homeostasis	 of	 the	 cell.	 The	
specific	metabolic	role	of	LDs	is	dictated	by	the	cell	type	and	the	metabolic	state	of	the	cell,	which	
can	 fluctuate	 in	 response	 to	 a	 number	 of	 cellular	 stimuli1,15.	 LD	 functions	 are	 regulated	 by	 a	
complement	 of	 integral	 and	 peripheral	 proteins	 that	 associate	 with	 the	 bounding	 LD	
phospholipid	monolayer.	The	ability	to	define	a	high-confidence	LD	proteome	is	paramount	to	
understanding	 LD	 functions	 and	 dynamics.	 However,	 accurate	 analysis	 of	 the	 LD	 proteome	
composition	 has	 remained	 a	 challenge	due	 to	 the	 presence	 of	 contaminating	 proteins	 in	 LD-
enriched	buoyant	fractions.	

In	chapter	one,	we	discuss	the	connection	between	protein	and	lipid	regulatory	systems	within	
the	 ER	 and	 LDs,	 highlighting	 the	 importance	 of	 ERAD	 and	 lipophagy	 in	 maintaining	 cellular	
homeostasis.	In	chapter	two,	we	use	chemical	and	genetic	approaches	to	disrupt	LD	biogenesis	
to	explore	a	potential	role	for	LDs	in	ERAD,	ultimately	providing	evidence	that	LDs	are	dispensable	
for	mammalian	ERAD.	Instead,	our	results	suggest	that	triacsin	c	causes	global	alterations	to	the	
lipid	 landscape	 that	 disrupt	 ER	 proteostasis	 by	 interfering	 with	 the	 glycan	 trimming	 and	
dislocation	steps	of	ERAD.	Finally,	in	chapter	three	we	develop	a	proximity	labeling	strategy	that	
exploits	LD-targeted	APEX2	to	biotinylate	LD	proteins	in	living	cells.	We	apply	this	approach	to	
two	 different	 cell	 types	 and	 are	 able	 to	 identify	 the	 vast	majority	 of	 previously	 validated	 LD	
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proteins,	exclude	common	contaminating	proteins,	and	identify	the	autophagy	adaptor	p62	as	a	
mediator	 of	 hepatic	 lipophagy.	 Together	 these	 studies	 advance	 our	 understanding	 of	 the	
mechanisms	 that	 regulate	 lipid	 dynamics	 in	 the	 ER	 and	 LDs	 and	 their	 contribution	 towards	
maintaining	cellular	homeostasis.		
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Chapter	One:	Protein	and	lipid	regulatory	systems	in	the	endoplasmic	reticulum	
and	lipid	droplets	
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Introduction	

Lipids	 are	 essential,	 highly	 diverse	 building	 blocks	 that	 have	 numerous	 functions	 in	 cellular	
metabolism,	including	as	substrates	for	energy	homeostasis,	ligands	in	signaling	pathways,	and	
core	structural	components	in	cellular	membranes1.	The	majority	of	lipids	are	synthesized	in	the	
endoplasmic	 reticulum	 (ER)	 before	 being	 distributed	 throughout	 the	 cell	 via	 the	 secretory	
pathway	or	the	action	of	lipid	transfer	proteins	present	at	organelle	contact	sites.	ER-synthesized	
neutral	 lipids	can	be	packaged	directly	 into	ER-derived	 lipid	storage	organelles	known	as	 lipid	
droplets	 (LDs)2.	 The	 ER	 is	 similarly	 recognized	 as	 the	 site	 of	 secretory	 protein	 synthesis,	
modification,	and	quality	control2-4.	As	mature	LDs	bud	off	from	the	ER	and	enter	the	cytosol,	a	
subset	of	ER	proteins	 remain	associated	with	 the	LD	surface	 through	 the	presence	of	various	
hydrophobic	 topologies	 that	 facilitate	 their	 integration	 into	 the	 LD	monolayer1,15.	 The	 other	
remaining	proteins	 that	 collectively	make	up	 the	LD	proteome	are	 instead	synthesized	 in	 the	
cytosol	and	later	targeted	to	the	LD	surface	through	different	mechanisms.	The	composition	of	
proteins	that	comprise	the	overall	LD	proteome	are	able	to	collectively	govern	LD	functions.	As	
LDs	are	considered	cellular	hubs	of	lipid	metabolism,	many	of	the	proteins	that	are	found	within	
the	LD	proteome	belong	to	a	number	of	lipid	metabolic	pathways,	such	as	those	involved	in	lipid	
synthesis,	lipid	storage,	or	lipolysis1,9.	Identifying	the	LD	proteome	has	typically	been	challenging	
due	 to	 the	 high	 degree	 of	 organelle	 interactions	 maintained	 by	 LDs	 that	 can	 produce	 false	
positives,	as	well	as	limitations	inherent	to	the	methods	of	subcellular	separation	and	organelle	
purification.	Recent	advancements	 in	proteomic	 labeling	techniques	has	greatly	 improved	our	
ability	to	successfully	identify	high-confidence	LD	proteins	while	increasing	our	understanding	of	
the	complex	mechanisms	that	regulate	LD	proteome	dynamics.		

The	endoplasmic	reticulum	

The	endoplasmic	reticulum	(ER)	is	a	multifunctional	membranous	organelle	that	plays	a	central	
role	in	protein	and	lipid	metabolism.	Approximately	one-third	of	all	proteins	are	targeted	to	the	
secretory	pathway	and	must	initially	pass	through	the	ER	at	the	point	of	entry4.	The	ER	contains	
specialized	machinery	that	is	tasked	with	ensuring	the	proper	synthesis,	folding,	and	modification	
of	proteins	prior	to	trafficking	to	downstream	organelles5.	Misfolded	proteins	that	are	unable	to	
achieve	their	proper	conformation	must	be	recognized	and	removed	by	a	process	known	as	ER-
associated	degradation	(ERAD),	 in	which	folding-defective	proteins	are	retrotranslocated	back	
into	the	cytosol	and	ultimately	degraded	by	the	ubiquitin-proteasome	system6.	The	ER	 is	also	
regarded	as	a	primary	site	for	lipid	synthesis2,8.	A	large	portion	of	ER-resident	enzymes	involved	
in	lipid	metabolism	integrate	directly	into	the	ER	bilayer	through	the	utilization	of	hydrophobic	
transmembrane	 domains10,	 such	 as	 the	 TAG	 synthesis	 enzymes	 glycerol	 phosphate	
acyltransferase	 (GPAT)	 and	 acylglycerolphosphate	 acyltransferase	 (AGPAT;	 also	 known	 as	
LPAAT)8,81.	Alternatively,	other	proteins	may	peripherally	associate	with	the	outer	ER	membrane	
domain	 through	 protein-protein	 interactions,	 including	 the	 AAA+	 ATPase	 valosin-containing	
protein	(VCP/p97)		which	gets	recruited	to	the	ER	through	its	interaction	with	the	membrane-
embedded	UBX-domain	containing	protein	8	(UBXD8)4.	
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Endoplasmic	reticulum-associated	degradation	
Newly	 synthesized	 secretory	 proteins	 translocated	 into	 the	 ER	must	 be	 correctly	 folded	 into	
specific	three-dimensional	native	conformations	with	the	help	of	resident	chaperones	in	order	
to	attain	proper	function3.	Upon	reaching	their	native	conformation,	proteins	are	transported	
out	 of	 the	 ER	 and	 trafficked	 to	 various	 downstream	 organelles	 or	 secreted	 from	 the	 cell5.	
However,	proteins	that	misfold	and	fail	to	reach	their	native	conformation	remain	trapped	in	the	
ER	 and	 possess	 an	 inherent	 propensity	 towards	 forming	 cytotoxic	 aggregates,	 a	 pathology		
associated	 with	 the	 progression	 of	 many	 debilitating	 diseases	 including	 cystic	 fibrosis,	
Alzheimer’s,	 and	 Parkinson’s	 disease5,6.	 ERAD	 has	 evolved	 as	 a	 mechanism	 allowing	 cells	 to	
identify	potentially	misfolded	proteins	and	target	them	for	degradation	to	preserve	the	fidelity	
of	the	secretory	proteome4.	ERAD	facilitates	the	transfer	of	a	substrate	from	the	ER	lumen	to	the	
cytoplasmic	26S	proteasome	through	a	serious	of	four	spatially	and	temporally	coupled	steps:	
recognition	of	 the	 substrate	 by	 ER-resident	 chaperones	 and	 lectins;	 retrotranslocation	of	 the	
substrate	across	the	lipid	bilayer	into	the	cytoplasm;	ubiquitination	by	ER-resident	E3	ligases;	and	
targeting	of	the	protein	for	degradation	by	the	26S	proteasome4-6.	
	
Regulation	of	ER	lipid	metabolism	
The	 ER	 is	 a	 central	 hub	 of	 lipid	 metabolism,	 serving	 as	 the	 primary	 site	 of	 biosynthesis	 of	
numerous	 lipid	 species,	 including	 phospholipids,	 cholesterol,	 and	 neutral	 lipids	 such	 as	
triacylglycerol	(TAG)	and	cholesteryl	esters	(CE)7,8.	These	lipids	can	then	be	transported	out	from	
the	ER	to	other	cellular	compartments	via	the	secretory	system	or	by	non-vesicular	lipid	transport	
at	 membrane	 contact	 sites9,10.	 The	 majority	 of	 lipid	 synthesis	 enzymes	 are	 ER-resident	
transmembrane	proteins,	allowing	the	ER	to	rapidly	detect	and	respond	to	fluctuations	in	lipid	
levels	 to	 maintain	 homeostasis7,10.	 Multiple	 regulatory	 mechanisms	 exist	 in	 concert	 to	
coordinately	modulate	the	activity	of	ER-resident	enzymes11,12.	An	important	example	of	such	a	
system	is	presented	in	the	opposing	regulatory	effects	of	insulin-induced	genes	(Insig-1	and	Insig-
2)	on	the	cholesterol	synthesis	pathway	through	altered	trafficking	of	sterol	regulatory-element	
binding	protein	(SREBP)	and	targeted	degradation	of	3-hydroxy-3-methylglutaryl-CoA	reductase	
(HMGCR),	the	rate-limiting	enzyme	in	cholesterol	biosynthesis12.	SREBP	is	a	transcription	factor	
that	 preferentially	 regulates	 the	 expression	 of	 genes	 involved	 in	 cholesterol	 synthesis	 and	
uptake11.	 When	 cholesterol	 levels	 in	 the	 cell	 reach	 a	 sufficient	 threshold,	 inactive	 SREBP	 is	
retained	 in	 the	ER	 through	 its	 interactions	with	SREBP	cleavage-activating	protein	 (SCAP)	and	
Insig-1/212.	A	decrease	in	cholesterol	levels	induces	a	conformational	change	in	SCAP	causing	it	
to	 dissociate	 from	 the	 Insigs,	 allowing	 the	 SCAP-SREBP	 complex	 to	 traffic	 to	 the	Golgi	where	
proteolytic	cleavage	releases	the	active	form	of	SREBP,	which	subsequently	enters	the	nucleus	
to	 activate	 transcription	 of	 cholesterogenic	 genes,	 including	 HMGCR11,12,74.	 Once	 cellular	
cholesterol	levels	have	been	restored,	sterol-induced	binding	of	Insig-1/2	to	HMGCR	facilitates	
its	delivery	to	the	gp78	and	Trc8	complexes	for	degradation,	thereby	creating	a	feedback	loop	in	
which	lipid	species	are	able	to	influence	their	own	biosynthesis	through	employment	of	ERAD11,12	
	
Lipid	droplet	dynamics	
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LDs	 play	 an	 essential	 role	 in	 maintaining	 metabolic	 homeostasis	 by	 providing	 a	 reservoir	 of	
energy-rich	lipids	that	can	be	readily	mobilized	for	cellular	energy,	membrane	synthesis,	and	lipid	
signaling	pathways	during	conditions	of	increased	cellular	need1.	Conversely,	LDs	also	serve	to	
protect	the	cell	 from	lipotoxicity	during	periods	of	nutrient	excess	by	sequestering	potentially	
harmful	fatty	acids	(FAs)	 in	the	form	of	TAG13.	Apart	from	their	role	 in	 lipid	storage,	LDs	have	
been	 implicated	 in	 many	 cellular	 processes,	 including	 the	 ER	 stress	 response4,7,	 protein	
degradation15,	 histone	 regulation16,	 and	multiple	 stages	 of	 the	hepatitis	 C	 virus	 life	 cycle17,18.	
Dysregulation	 of	 LD	 metabolism	 and	 physiological	 function	 has	 been	 implicated	 in	 the	
development	 of	 several	 human	 pathologies,	 including	 neutral	 lipid	 storage	 disease	 (NLSD),	
cardiovascular	disease,	obesity,	and	non-alcoholic	fatty	liver	disease	(NAFLD)7,15.	
	
Biogenesis	in	the	ER	
The	 process	 of	 LD	 biogenesis	 begins	 in	 the	 ER	 where	 the	 enzymes	 catalyzing	 neutral	 lipid	
synthesis	are	located19.		An	essential	step	for	TAG	synthesis	is	the	initial	activation	of	fatty	acids	
by	 the	 acyl-CoA	 synthetase	 (ACSL)	 family	 of	 enzymes20.	 ACSLs	 utilize	 ATP	 to	 catalyze	 the	
formation	 of	 fatty	 acyl-CoA,	 thereby	 allowing	 for	 incorporation	 in	 the	 sequential	 acylation	
reactions	catalyzed	by	GPAT,	LPAAT,	and	acyl-CoA:diacylglycerol	acyltransferase	(DGAT)	required	
to	convert	glycerol	to	TAG20.	Similarly,	the	acyl-CoA:cholesterol	O-acyltransferases	(ACAT1	and	
ACAT2)	require	activated	fatty	acyl-CoA	to	catalyze	the	esterification	of	a	FA	to	sterols	to	produce	
sterol	esters21.	As	the	concentration	of	neutral	lipids	increases	they	begin	to	aggregate	between	
the	 leaflets	of	 the	ER	bilayer	due	 to	phase	separation,	 leading	 to	 the	 formation	of	a	 lens-like	
structure20.	Continued	deposition	of	neutral	lipids	drives	the	cumulative	growth	of	the	lens	until	
eventual	budding	of	the	nascent	LD	into	the	cytoplasm	begins	to	occur.	The	mechanisms	that	
govern	directional	 budding	of	 LDs	 remain	 incompletely	understood,	 but	 key	proteins	 such	 as	
seipin	likely	regulate	this	process.	At	this	stage,	the	phospholipid	monolayer	of	the	nascent	LD	
often	remains	continuous	with	the	ER	membrane,	thus	allowing	for	direct	trafficking	of	proteins	
from	the	ER	to	the	LD	to	occur22.	
	
Proteome	Composition	
LDs	are	highly	conserved	organelles	found	in	nearly	every	organism	and	cell	type5.	The	size	and	
number	of	LDs	can	vary	dramatically	between	cell	types	as	well	as	within	individual	cells.	The	LD	
proteome	is	also	highly	dynamic4,	as	the	overall	function	of	the	LD	is	determined	by	the	collection	
of	proteins	associated	with	its	surface	and	LD	function	must	be	able	to	adapt	to	the	changing	
metabolic	demands	of	the	cell21.	The	LD	proteome	has	been	studied	extensively	over	the	 last	
decade	across	bacteria,	yeast,	insects,	plants	and	mammals22-23.	Although	protein	composition	
can	vary	across	different	organisms	and	tissues,	several	highly	conserved	functional	classes	of	
proteins	were	shown	to	be	present	across	species21.	These	 included	enzymes	associated	with	
lipid	 storage	 and	 metabolism,	 as	 well	 as	 those	 involved	 in	 membrane	 trafficking,	 protein	
degradation	and	cell	signaling.	Histones	or	histone-like	proteins	have	similarly	been	found	in	the	
majority	of	 LD	proteomes22,23,	 indicating	a	 conserved	 role	 in	DNA	maintenance	and	potential	
roles	in	antibacterial	responses102.	
	
The	mammalian	LD	proteome	contains	over	100	proteins	in	a	typical	cell2.	The	perilipin	(PLIN)	
family	of	proteins	consists	of	five	isoforms	(PLIN1-5)	that	are	inherently	found	on	the	surfaces	of	
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LDs,	with	each	family	member	exhibiting	separate	expression	patterns	dependent	on	the	tissue24.	
PLIN	proteins	are	generally	classified	as	proteins	that	contribute	to	the	overall	structure	of	the	
LD,	although	studies	have	also	identified	various	other	roles	involved	in	regulating	lipolysis,	LD	
formation,	 lipid	 signaling	 pathways,	 and	 mediating	 LD-organelle	 interactions.	 The	 latter	 is	
evidenced	by	the	unique	ability	of	PLIN5	to	promote	LD-mitochondrial	association	and	increase	
fatty	 acid	 channeling	 to	 mitochondria	 for	 oxidation28,29.	 PLIN1	 was	 the	 first	 protein	 to	 be	
identified	on	the	surface	of	LDs	and	was	shown	to	regulate	TAG	storage	in	adipocytes25,26.	PLIN2	
is	ubiquitously	expressed	in	all	tissues	and	considered	a	primary	marker	protein	for	LDs,	though	
it	 is	 also	widely	 known	as	a	prominent	hepatic	 LD	protein	 involved	 in	 LD	 formation	and	 lipid	
storage29.	A	large	percentage	of	the	LD	proteome	is	comprised	of	proteins	involved	in	various	
aspects	of	lipid	metabolism34.	These	include	enzymes	involved	in	TAG	synthesis,	such	as	the	acyl-
CoA	 synthetase	 ACSL3	 and	 the	 acyltransferases	 GPAT4	 and	 DGAT2,	 as	 well	 as	 enzymes	 that	
facilitate	TAG	hydrolysis	such	as	the	rate-limiting	lipase	ATGL	and	its	regulator	comparative	gene	
identification-58	(CGI-58)32.	The	localization	of	these	central	lipid	metabolic	enzymes	to	the	LD	
surface	allows	for	rapid	and	precise	regulation	of	neutral	lipid	stores	in	response	to	changes	in	
cellular	demand.	During	physiological	conditions	that	promote	LD	growth,	neutral	lipid	synthesis	
must	be	coordinated	with	a	 concomitant	 increase	 in	phosphatidylcholine	 (PC)	 to	maintain	an	
appropriate	volume-to-surface	area	ratio	and	prevent	LD	coalescence35.	Low	levels	of	PC	in	the	
expanding	phospholipid	monolayer	leads	to	the	LD-localization	and	activation	of	CTP:phospho-
choline	cytidylyltransferase	 (CCT),	an	enzyme	catalyzing	 the	rate-limiting	step	 in	PC	synthesis,	
ultimately	leading	to	an	increase	in	PC	to	facilitate	LD	expansion36.	

Protein	targeting	and	association	
Due	to	the	unique	ultrastructure	of	the	LD,	proteins	targeted	to	the	LD	surface	are	faced	with	
several	constraints	limiting	their	interaction.	The	hydrophobic	neutral	lipid	interior	of	LDs	is	an	
energetically	unfavorable	environment	that	prevents	the	direct	insertion	of	hydrophilic	protein	
residues34.	Furthermore,	 the	presence	of	a	phospholipid	monolayer	rather	than	a	typical	 lipid	
bilayer	precludes	the	option	of	using	a	transmembrane	domain	as	a	binding	motif,	thus	excluding	
the	presence	of	bitopic	and	polytopic	transmembrane	proteins	from	the	LD	surface34.	In	spite	of	
these	challenges,	proteins	are	able	to	associate	with	the	LD	monolayer	through	adopting	one	of	
four	potential	topologies:	membrane	insertion	of	an	amphipathic	helix,	membrane	integration	
via	a	monotopic	hairpin	loop,	membrane	insertion	of	a	covalent	fatty	acid	modification	employed	
as	a	lipid	anchor,	and	peripheral	binding	via	protein-protein	interactions	with	stably	integrated	
LD	proteins37.	In	addition	to	the	method	of	membrane	integration,	integral	LD	proteins	can	be	
broadly	classified	based	on	their	trafficking	pathways:	Class	I	LD	proteins	initially	insert	into	the	
ER	membrane	and	traffic	laterally	to	LDs,	while	Class	II	LD	proteins	are	targeted	from	the	cytosol	
and	insert	directly	into	the	LD	monolayer.	

Class	I	LD	proteins	contain	a	functionally	diverse	assortment	of	proteins,	including	the	acyl-CoA	
synthetase	ACSL3	and	acyltransferases	GPAT4	and	DGAT2	involved	in	TAG	biosynthesis,	the	ERAD	
components	AUP1	and	UBXD8,	and	caveolin-1,	a	caveolae	membrane	component	known	to	have	
a	role	in	modulating	lipid	droplet	formation38,39.	A	common	feature	among	Class	I	LD	proteins	is	
the	presence	of	a	hydrophobic	domain	flanked	by	hydrophilic	N-	and	C-	termini	exposed	to	the	
cytosol,	 forming	 an	 embedded	 hairpin	 structure	 in	 the	 membrane40,41.	 Importantly,	 these	
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proteins	lack	the	luminal	domains	typically	found	in	transmembrane	proteins,	allowing	for	their	
integration	in	both	the	ER	bilayer	and	LD	monolayer	membranes.	

Class	II	LD	proteins	bypass	initial	insertion	into	the	ER	and	are	instead	recruited	to	LDs	directly	
from	 the	 cytoplasm.	 Most	 proteins	 in	 this	 group	 tend	 to	 associate	 with	 the	 LD	 surface	 via	
amphipathic	 helices.	 However,	 insertion	 into	 the	 monolayer	 using	 a	 lipid	 anchor	 and	 direct	
protein-protein	interactions	with	integral	LD	proteins	have	also	been	observed.	Examples	of	this	
class	include	CCT,	the	perilipin	family	of	proteins	(PLIN1-5),	and	cell	death	activator	A	(CIDEA),	a	
protein	present	in	brown	adipocytes	that	promotes	the	enlargement	of	LDs	through	targeted	LD-
LD	 fusion	 events42.	 The	 binding	 of	 Class	 II	 proteins	 to	 the	 LD	 surface	 appears	 to	 involve	 the	
inherent	 ability	 of	 the	 amphipathic	 helices	 to	 sense	 packing	 defects	 in	 the	 phospholipid	
monolayer	 that	 form	 ideal	 binding	 sites	 for	 amphipathic	 helices	 to	 integrate	 into	 the	
membrane43.	One	example	of	this	is	PLIN3	(also	known	as	TIP47),	whose	structure	is	comprised	
of	 four	amphipathic	helices.	 In	 the	unbound	state,	 the	 four	helices	 form	a	closed	pocket	and	
sequester	 the	 hydrophobic	 regions	 in	 its	 core.	 When	 PLIN3	 comes	 in	 contact	 with	 LDs	 the	
amphipathic	 helices	 unfold,	 exposing	 the	 hydrophobic	 regions	 which	 become	 preferentially	
embedded	in	the	LD	monolayer	while	the	hydrophilic	regions	of	the	helices	remain	exposed	to	
the	aqueous	environment	of	the	cytosol44.	

Organelle	contacts	
LDs	 are	dynamic	 storage	organelles	 primarily	 responsible	 for	 regulating	 lipid	metabolism	and	
maintaining	cellular	energy	homeostasis.	Being	a	major	metabolic	hub	of	the	cell	requires	LDs	to	
take	part	in	a	multitude	of	processes	throughout	the	cell	often	requiring	intimate	contact	with	
various	other	organelles,	 including	 the	ER,	mitochondria,	peroxisomes33,	and	 lysosome37-40.	 In	
order	to	engage	organelles	located	in	different	regions	of	the	cell,	LDs	utilize	interactions	with	
the	 cytoskeletal	 network	 and	 associated	 motor	 proteins	 to	 navigate	 their	 transport	 along	
microtubules	throughout	the	cell45.	The	ER	serves	as	the	initial	site	of	LD	biogenesis,	and	some	
LDs	 that	 do	 not	 fully	 bud	 off	 into	 the	 cytoplasm	will	 retain	 this	 connection	 throughout	 their	
existence46.	 The	 presence	 of	 continuous	 lipid	 bridges	 between	 the	 outer	 leaflet	 of	 the	 ER	
membrane	 and	 the	 LD	 monolayer	 allows	 for	 protein	 trafficking	 to	 occur	 between	 the	 two	
organelles,	with	the	majority	of	LD-associated	proteins	believed	to	have	originated	in	the	ER	prior	
to	being	targeted	to	LDs9.	

Contact	sites	between	LDs	and	mitochondria	are	highly	dynamic	and	frequent	occurrences.	The	
coordinated	hydrolysis	of	TAG	stores	in	LDs	leads	to	the	release	of	free	FAs	which	can	be	coupled	
with	direct	 transport	 into	 the	mitochondria	 to	 generate	ATP	 through	b-oxidation47.	 LDs	have	
been	shown	to	maintain	 increasingly	close	proximity	to	mitochondria	 in	oxidative	tissues	that	
have	a	high	demand	for	FA	oxidation-driven	energy	production48,	though	the	specific	mechanism	
of	LD-mitochondria	contact	has	remained	elusive.	Several	proteins	have	been	reported	to	play	a	
role	 in	 LD-mitochondrial	 contact	 sites,	 including	 the	 SNARE	 protein	 SNAP23,	 PLIN1,	 and	 the	
mitochondrial	 fusion	 GTPase	 mitofusion	 2	 (MFN2)50,	 although	 the	 most	 well-studied	 LD-
mitochondrial	interactor	is	PLIN547-49.	PLIN5	is	highly	expressed	in	oxidative	tissues	and	has	been	
shown	 to	 improve	 hepatic	 lipotoxicity	 by	 inhibiting	 lipolysis51.	 In	 addition,	 overexpression	 of	
PLIN5	has	been	shown	to	induce	mitochondrial	recruitment	to	LDs,	lending	support	to	its	role	in	
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mediating	LD-mitochondrial	contact	sites.	However,	it	is	presently	unclear	whether	PLIN5	does	
indeed	function	as	a	LD-mitochondrial	tether	or	if	the	increased	association	is	driven	through	an	
indirect	mechanism49,52.	
	
Mobilization	of	stored	lipids	within	lipid	droplets	by	lipolysis	and	lipophagy	
	
Neutral	lipid	reservoirs	stored	within	LDs	provide	an	excellent	source	of	readily	available	TAG	that	
can	be	rapidly	mobilized	in	response	to	increased	cellular	demands	to	produce	a	pool	of	free	FAs	
that	can	be	utilized	as	fuel.	Cells	have	evolved	two	seemingly	distinct	pathways	that	function	to	
mediate	 LD	 breakdown	 and	 TAG	 hydrolysis:	 lipolysis	 and	 targeted	 autophagy	 of	 LDs,	 better	
known	as	“lipophagy”14.	
	
Lipolysis	
Lipolysis	is	defined	as	the	hydrolytic	cleavage	of	ester	bonds	in	TAG,	resulting	in	the	generation	
of	FAs	and	glycerol60.		Although	the	term	“lipolysis”	is	used	to	refer	specifically	to	the	breakdown	
of	TAG	stored	within	LDs,	similar	hydrolytic	reactions	also	occur	that	are	catalyzed	by	alternate	
sets	of	enzymes	that	selectively	target	other	esterified	lipid	species,	namely	cholesterol	esters	
and	phospholipids.	Regarding	the	breakdown	of	cholesterol	esters,	a	vast	number	of	cholesterol	
ester	 hydrolases	 have	 been	 identified	 throughout	 the	 cell61,	 including	 include	 lysosomal	 acid	
lipase	 (LAL)62	 and	 hormone-sensitive	 lipase	 (HSL)57,61,	 previously	 known	 as	 cholesteryl	 ester	
hydrolase	(CEH).	HSL	 is	an	 important	component	 in	 lipid	metabolism	capable	of	hydrolyzing	a	
variety	of	esterified	 lipids,	 including	 its	 role	 in	catalyzing	 the	second	step	 in	TAG	hydrolysis63.	
Efficient	 lipolysis	of	 TAG	 involves	 three	 sequential	 rounds	of	hydrolysis	with	each	 requiring	 a	
different	enzyme	to	catalyze	the	removal	of	an	additional	FA,	thereby	also	generating	a	different	
lipid	species	to	be	acted	on	after	each	step.	
	
Adipose	triglyceride	lipase	
Adipose	 triglyceride	 lipase	 (ATGL)	 catalyzes	 the	 first	 and	 rate-limiting	 step	 of	 lipolysis	 by	
hydrolyzing	 one	 of	 the	 ester	 bonds	 in	 TAG	 to	 yield	 DAG	 and	 a	 FA57.	 The	 activity	 of	 ATGL	 is	
regulated	through	the	binding	of	its	cofactor	CGI-58,	with	CGI-58	interaction	being	required	for	
efficient	ATGL	activity60.	ATGL	is	present	across	nearly	all	tissue	types	with	the	highest	expression	
levels	occurring	 in	adipose	 tissue58.	 Inhibition	of	ATGL	activity	 leads	 to	 significantly	 increased	
levels	 of	 TAG	 accumulation	 throughout	 cells	 while,	 alternatively,	 overexpression	 of	 ATGL	 is	
sufficient	to	induce	a	marked	decrease	in	the	presence	of	TAG	storage	in	LDs59.	
	
Hormone	sensitive	lipase	
HSL	is	known	to	interact	with	various	lipid	regulatory	pathways63-66	although	its	primary	function	
is	regarded	to	be	its	role	in	catalyzing	the	second	step	in	lipolysis.	Here,	HSL	is	responsible	for	the	
hydrolytic	 cleavage	of	DAG	 to	 remove	a	 FA	and	generate	MAG.	HSL	exhibits	broad	 substrate	
specificity	and	is	able	to	confer	hydrolytic	activity	against	multiple	lipid	species,	including	MAG,	
TAG,	 CE,	 and	 retinoid	 esters63.	 Although	HSL	 does	 possess	 the	 hydrolase	 activity	 required	 to	
catalyze	 the	 initial	 step	 of	 lipolysis	 as	well,	 its	 activity	 has	 been	 shown	 to	 be	 11-fold	 greater	
towards	DAG	than	towards	TAG,	indicating	an	inherent	preference	towards	DAG	as	a	substrate63.	
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Monoacylglycerol	lipase	
Monoacylglycerol	 lipase	 (MGL)	 catalyzes	 the	 terminal	 step	 in	 lipolysis	by	hydrolyzing	MAG	 to	
glycerol	and	a	FA.	In	addition	to	a	role	in	lipolysis,	MGL	utilizes	its	hydrolytic	activity	to	serve	as	a	
key	 regulator	 of	 the	 cannabinoid	 receptors	 CB1	 and	 CB2	 by	 degrading	 the	 endocannabinoid	
ligand	2-arachidonoyl	glycerol67.	Global	deletion	of	MGL	in	mouse	models	was	shown	to	produce	
a	leaner	phenotype	with	delayed	lipid	absorption	and	decreased	levels	of	circulating	lipids68.		In	
the	absence	of	MGL,	HSL	is	able	to	partially	compensate	for	catalyzing	MAG	hydrolysis	during	the	
terminal	step	of	lipolysis,	albeit	impairments	in	lipolysis	still	persist69.	

	
Autophagy	
Autophagy	 is	 a	 self-targeted	 catabolic	 process	 utilized	 by	 all	 eukaryotic	 cell	 types	 in	 which	
cytoplasmic	material	such	as	damaged	or	non-essential	organelles,	misfolded	proteins,	or	cellular	
pathogens	 are	 delivered	 to	 the	 lysosome	 for	 degradation70-72.	 Starvation	 and	 other	 forms	 of	
cellular	 stress	 induce	 autophagy	 as	 a	 form	of	 cell	 survival	 in	 order	 to	 acquire	 nutrients	 from	
internal	 components	 or	 eliminate	 harmful	 material73.	 The	 highly	 acidic	 environment	 of	 the	
autolysosome	 contains	 over	 50	 hydrolases	 functioning	 together	 to	 degrade	 a	 wide	 range	 of	
sequestered	material	from	nucleic	acids,	lipids,	and	proteins	to	entire	bacterial	organisms,	and	
recycle	the	components	back	into	the	cytosol	for	reuse	by	the	cell70-73.	
	
There	 are	 three	 types	 of	 autophagy:	 macroautophagy,	 microautophagy,	 and	 chaperone-
mediated	 autophagy	 (CMA).	 Macroautophagy	 is	 the	 main	 autophagic	 pathway	 (referred	 to	
simply	as	“autophagy”)	in	which	a	substrate	becomes	enveloped	by	a	double	membrane	vesicular	
structure,	known	as	an	autophagosome,	which	ultimately	fuses	with	the	 lysosome	to	form	an	
autolysosome70.	Microautophagy	is	similar	to	macroautophagy,	however,	instead	of	forming	an	
autophagosome	 the	 cytosolic	 components	 are	 sequestered	 directly	 by	 the	 lysosome	 through	
invagination	 of	 the	 lysosomal	 membrane76.	 In	 CMA,	 targeted	 substrates	 become	 bound	 by	
chaperone	proteins	and	delivered	to	the	lysosomal	membrane,	where	interaction	with	the	CMA	
receptor	 lysosome-associated	 membrane	 protein	 (LAMP)-2A	 results	 in	 their	 unfolding	 and	
translocation	across	the	lysosomal	membrane	for	degradation77.	
	
Autophagic	process	
Initiation	of	autophagy	is	controlled	by	the	unc-51-lke	kinase	1	(ULK1)	complex78.	When	nutrients	
are	 limited,	 inactivation	of	mTOR	prevents	 the	 subsequent	phosphorylation	of	ULK1,	 thereby	
activating	the	complex78.	The	active	ULK1	complex	translocates	to	the	ER	membrane	where	its	
activation	 of	 the	 phosphatidylinositol	 3	 kinase	 (PI3K)	 complex	 leads	 to	 nucleation	 of	 the	
phagophore70.	 PI3K	 then	 recruits	 ubiquitin-like	 conjugate	 system	 1,	 consisting	 of	 autophagy-
related	(ATG)	proteins	ATG5-12-16,	which	enables	elongation	of	the	phagophore	membrane	and	
recruitment	of	microtubule-associated	protein	1A/1B-light	chain	3	(LC3)78.	The	presence	of	LC3	
on	 both	 sides	 of	 the	 autophagosomal	 membrane	 is	 important	 for	 facilitating	 membrane	
elongation	and	closure	as	well	as	serving	as	the	binding	site	for	autophagic	adapter	proteins,	such	
as	 sequestosome-1	 (p62/SQSTM1)79.	 Following	 sequestration	 of	 cytoplasmic	 cargo,	 the	
autophagosome	undergoes	fusion	with	the	lysosome	to	form	an	autolysosome	in	a	process	that	
is	mediated	by	a	set	of	SNARE	proteins	including	syntaxin-17	(STX17),	synaptosomal-associated	
protein	29	(SNAP29),	and	vesicle-associated	membrane	protein	8	(VAMP8)80,81.	
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Selective	autophagy	
Autophagy	 was	 traditionally	 considered	 to	 be	 a	 nonselective	 process	 intended	 for	 general	
degradation	of	proteins	and	organelles	 to	maintain	energy	homeostasis	of	 the	cell.	However,	
multiple	scenarios	involving	selective	degradation	of	cytoplasmic	components	have	since	been	
discovered82,	 including	 targeting	 of	 protein	 aggregates	 (aggrephagy)83,	 mitochondria	
(mitophagy)84,85,	 peroxisomes	 (pexophagy)86,	 ribosomes	 (ribophagy)87,	 sections	 of	 the	 ER	
(reticulophagy)88,	 and	 LDs	 (lipophagy)14,55,56.	 Selective	 autophagy	 is	 mediated	 through	 the	
involvement	of	specific	proteins	known	as	autophagy	adapters	that	act	as	cargo	receptors	for	the	
degradation	 of	 ubiquitinated	 substrates81.	 Common	 autophagy	 adapters	 include	 p6279,89,	
neighbor	of	BRCA1	gene	1	(NBR1)90,	nuclear	dot	protein	52	(NDP52)91,	and	optineurin	(OPTN)85.	
Most	 autophagy	 adapters	 have	 a	 set	 of	 core	 structural	 components,	 including	 a	 ubiquitin-
associated	domain	(UBA),	which	facilitates	the	binding	to	ubiquitinated	substrates,	and	an	LC3-
interacting	region	(LIR)	that	is	required	for	recruitment	to	the	autophagosome	through	its	binding	
of	LC389-91.	The	AAA+	ATPase	valosin-containing	protein	(VCP/p97)	similarly	contains	both	UBA	
and	LIR	domains	and	has	been	implicated	in	selective	autophagy92.	
	
Lipophagy	
The	selective	autophagy	of	LDs,	or	“lipophagy”,	serves	as	an	intracellular	mechanism	to	regulate	
lipid	storage	and	energy	homeostasis	through	mobilization	of	TAG.	The	process	was	discovered	
in	 2009	 by	 researchers	 studying	 the	 regulation	 of	 lipid	 metabolism	 by	 autophagy	 in	
hepatocytes93.	They	found	that	key	autophagic	pathway	components	(ATG5,	ATG7,	LC3)	localized	
to	 the	surface	of	LDs	and	 that	pharmacological	and	genetic	 inhibition	of	autophagy	 led	 to	an	
increase	in	TAG	and	LDs	that	was	due	to	a	decrease	in	TAG	breakdown	as	opposed	to	increased	
lipid	synthesis.	Additionally,	inhibition	of	autophagy	increased	LD	content	both	in	the	basal	state	
and	following	a	brief	stimulus	of	exogenous	free	FAs	indicating	that	lipophagy	is	a	constitutive	
process93.	 While	 lipophagy	 is	 strongly	 induced	 by	 prolonged	 starvation,	 intriguingly,	 brief	
exposure	to	FAs	such	as	oleic	acid	is	also	a	sufficient	stimulus93,94.	Conversely,	deleting	Atg7	in	
mice	blocks	autophagy	and	leads	to	an	increase	in	hepatic	lipid	accumulation	similar	to	human	
fatty	liver	disease93.	
	
Since	its	discovery,	lipophagy	has	been	observed	in	numerous	cell	types,	including	hepatocytes14,	
brown	 adipocytes55,101,	 enterocytes13,	 cardiomyocytes30,	 macrophages95,	 and	 neurons94.	 The	
mechanisms	 underlying	 lipophagy	 have	 been	 shown	 to	 similarly	 follow	 those	 required	 in	
macroautophagy55,96,	although	the	exact	machinery	involved	in	LD	recognition	remains	unknown.	
The	ubiquitination	factor	ancient	ubiquitous	protein	1	(AUP1)	is	a	protein	known	to	recruit	the	
E2	ubiquitin-conjugating	enzyme	UBE2G2	and	that	also	has	been	shown	localizing	to	LDs97,98.	This	
suggests	 that	 recruitment	 of	 a	 larger	 ubiquitination	 complex	 to	 LDs	 is	 possible,	 perhaps	 to	
facilitate	 ubiquitination	 of	 LD	 proteins	 as	 a	 target	 for	 autophagic	machinery.	 A	 recent	 study	
showed	that	treatment	with	the	autophagic	activator	rapamycin	resulted	in	the	association	of	
p62	with	LDs	and	the	predominant	LD	protein	PLIN299.	A	separate	study	used	the	expression	of	a	
fusion	protein	consisting	of	p62	attached	to	the	LD-binding	domain	of	TIP47/PLIN3	to	generate	a	
forced	lipophagy	system	capable	of	inducing	a	reduction	in	both	LD	size	and	number100.	These	
studies	provide	evidence	suggesting	 that	p62	or	perhaps	other	autophagic	adapters	might	be	
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involved	 in	 recognizing	 LDs	 as	 substrates	 for	 autophagy.	 Future	 studies	 involving	 genetic	
manipulation	of	autophagic	adapters	as	well	as	members	of	the	lipophagic	pathway	are	needed	
to	determine	the	full	complement	of	factors	that	are	involved	in	the	initiation	of	lipophagy.	
	
Lipolysis-lipophagy	crosstalk	
Although	the	independent	roles	of	 lipolysis	and	lipophagy	in	TAG	mobilization	have	been	well	
studied,	whether	their	contributions	to	lipid	catabolism	are	complementary	to	one	another	has	
only	 recently	been	explored.	 In	one	example,	ATGL	was	shown	to	be	recruited	to	LC3	on	LDs	
through	 the	 presence	 of	 an	 internal	 LIR	 domain	 following	 cold-induced	 lipophagy	 in	 brown	
adipocytes101.	Mutation	of	the	LIR	domain	was	sufficient	to	disrupt	ATGL	colocalization	while	also	
blocking	lipolysis,	indicating	that	ATGL	activity	is	dependent	on	its	interaction	with	LC3.	Further	
evidence	 of	 cooperation	 between	 the	 two	 catabolic	 systems	 came	 from	 the	 discovery	 that	
lipolysis	 and	 lipophagy	 appear	 to	 act	 sequentially	 on	 LDs	 depending	 on	 size,	 with	 lipolysis	
targeting	larger	LDs	upstream	of	lipophagy	in	hepatocytes14.	Whether	this	sophisticated	tandem	
approach	to	lipid	homeostasis	represents	a	universal	system	governing	all	cell	types	or	is	unique	
to	 hepatocytes	 has	 yet	 to	 be	 determined,	 though	 it	 uncovers	 exciting	 potential	 for	 future	
discoveries	in	lipid	biology.	
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Chapter	Two:	Lipid	disequilibrium	disrupts	ER	proteostasis	by	impairing	ERAD	
substrate	glycan	trimming	and	dislocation	
	
Contents	in	this	chapter	are	modified	with	permission	from	the	previously	published	research	
article:	
	
To	M*,	Peterson	CW*,	Roberts	MA,	Counihan	JL,	Wu	TT,	Forster	MS,	Nomura	DK,	Olzmann	JA.	
Lipid	disequilibrium	disrupts	ER	proteostasis	by	impairing	ERAD	substrate	glycan	trimming	and	
dislocation.	Mol	Biol	Cell.	2017	Jan	15;28(2)270-284.	
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Introduction	
	
As	 the	 entry	 point	 into	 the	 secretory	 pathway,	 the	 endoplasmic	 reticulum	 (ER)	 is	 host	 to	 an	
extensive	 cohort	 of	 enzymes	 and	 chaperones	 that	 coordinate	 the	 folding,	 modification,	 and	
deployment	of	a	 large	fraction	of	the	proteome.	Failure	of	secretory	proteins	to	achieve	their	
native	 structure	 due	 to	mutations,	 errors	 in	 transcription	 or	 translation,	 protein	 damage,	 or	
inefficient	folding	can	have	dire	consequences	for	cellular	physiology	and	has	been	implicated	in	
the	etiology	of	numerous	human	diseases105.	 Incorrect	protein	folding	not	only	can	result	 in	a	
reduction	 in	 protein	 activity	 (i.e.,	 loss	 of	 function),	 but	 it	 can	 also	 lead	 to	 the	 generation	 of	
cytotoxic	 protein	 aggregates	 (i.e.,	 gain	 of	 function).	 To	 ensure	 the	 fidelity	 of	 the	 secretory	
proteome,	 the	ER	has	evolved	a	quality	control	 system	that	detects	 terminally	misfolded	and	
unoligomerized	proteins	and	targets	them	for	clearance	via	a	process	known	as	ER-associated	
degradation106-108	(ERAD).	The	cell	also	responds	to	perturbations	in	ER	homeostasis	by	activating	
the	unfolded	protein	response108,109	(UPR),	a	set	of	signaling	pathways	that	enhance	the	overall	
folding	capacity	of	the	ER.	
	
ERAD	 involves	 a	 series	 of	 spatially	 and	 temporally	 coupled	 steps	 that	 mediate	 substrate	
recognition,	 dislocation	 (also	 known	 as	 retrotranslocation)	 across	 the	 ER	membrane	 into	 the	
cytoplasm,	ubiquitination,	and	targeting	to	the	proteasome	for	proteolysis106-108.	Although	the	
mechanism	by	which	substrates	are	triaged	for	degradation	is	incompletely	understood,	it	is	clear	
that	 the	 structure	of	 substrate-conjugated	N-linked	glycans	provides	 a	 “molecular	 code”	 that	
plays	a	determining	role	 in	 the	 fate	of	secretory	proteins110.	During	 insertion	 into	the	ER,	 the	
majority	of	the	secretory	proteome	is	modified	by	covalent	attachment	of	a	triantennary	glycan	
moiety111.	Progressive	trimming	by	ER-resident	mannosidases	exposes	an	α-1,6–linked	mannose,	
which	 acts	 as	 a	 signal	 for	 ERAD	 and	 is	 recognized	 by	 the	 mannose	 6-phosphate	 receptor	
homology	(MRH)	domain	of	the	ER	lectin,	OS-9,	and	possibly	a	second	ER	lectin,	XTP3-B112.	These	
two	ER	lectins	interact	with	the	Hrd1	luminal	adaptor	SEL1L113-115,	facilitating	substrate	delivery	
for	dislocation.	Most	models	posit	that	the	AAA	ATPase	VCP	(also	known	as	p97)	then	extracts	
substrates	from	proteinaceous	pores	in	the	membrane,	possibly	formed	by	the	E3	ubiquitin	ligase	
Hrd1116-118,	the	derlin	family	of	proteins119-122	or,	in	some	cases,	the	Sec	61	translocon123,124.	
	
In	addition	to	its	role	as	a	protein-folding	compartment,	the	ER	functions	as	a	major	site	of	lipid	
metabolism,	mediating	the	synthesis	of	important	lipids	(e.g.,	phospholipids,	sterols,	and	neutral	
lipids)	 and	 the	 biogenesis	 of	 lipid	 storage	 organelles	 called	 lipid	 droplets125-127	 (LDs).	 LDs	 are	
ubiquitous,	conserved	organelles	composed	of	a	neutral	lipid	core	(e.g.,	triacylglycerol	[TAG]	and	
sterol	esters)	encircled	by	a	phospholipid	monolayer.	Whereas	the	hydrophobic	core	of	LDs	is	
devoid	of	proteins,	the	bounding	phospholipid	monolayer	is	decorated	with	a	unique	proteome	
that	regulates	LD	growth,	breakdown,	and	trafficking.	LDs	function	as	dynamic	repositories	of	
lipids,	protecting	the	cell	from	fatty	acid–induced	toxicity128	and	providing	the	cell	with	an	“on-
demand”	source	of	lipids	for	membrane	biogenesis129,	energy	production	via	β-oxidation130,	and	
use	 as	 ligands	 in	 lipid	 signaling	 pathways131-132.	 Several	 unexpected	 roles	 have	 also	 been	
identified	for	LDs,	such	as	the	regulation	of	the	hepatitis	C	life	cycle133,134,	the	sequestration	of	
histones135,136,	and	the	control	of	cytosolic	inclusion	body	clearance137.	
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Reports	have	identified	a	number	of	intriguing	links	between	ERAD	and	LDs.	A	subset	of	proteins	
implicated	 in	 ERAD,	 including	 UBXD8,	 UBXD2,	 VCP,	 AUP1,	 and	 Ube2g2,	 were	 identified	 in	
proteomic	analyses	of	buoyant,	LD-enriched	biochemical	fractions138-140,	and	the	localization	of	
these	proteins	to	the	LD	surface	was	confirmed	by	fluorescence	microscopy114,141-146.	This	subset	
of	ERAD	factors	has	been	implicated	in	the	regulation	of	LD	abundance,	size,	and	clustering114,141-
146,	 but	 whether	 these	 effects	 on	 LDs	 are	 related	 to	 their	 functions	 in	 ERAD	 remains	 to	 be	
determined.	ERAD	substrates	have	also	been	observed	on	the	LD	surface	(e.g.,	ApoB100144,147)	
and	 in	 ER	 subdomains	 that	 are	 closely	 juxtaposed	 to	 LDs	 (e.g.,	 3-hydroxy-3-methylglutaryl-
coenzyme	A	reductase	[HMGCR]148).	In	addition,	ER	stress	induces	LD	biogenesis149,150	and	loss	of	
LDs	activates	the	UPR151-154.	
	
Indirect	experimental	evidence	supporting	a	functional	role	for	LDs	in	ERAD	came	from	studies	
employing	 triacsin	 C,	 a	 polyunsaturated	 fatty	 acid	 analogue	 that	 inhibits	 long-chain	 acyl-CoA	
synthetases	 (ACSLs)155,156	 and	 blocks	 LD	 biogenesis157,158.	 These	 studies	 found	 that	 triacsin	 C	
impaired	the	degradation	kinetics	of	several	ERAD	substrates,	including	the	null	Hong	Kong	(NHK)	
mutant	of	α-1	antitrypsin142,	a	truncated	variant	of	ribophorin	I142,	class	I	MHC	heavy	chain142,	
and	HMGCR145,148.	Together	these	findings	led	to	multiple	models	of	how	LDs	might	be	involved	
in	 ERAD142,144,145,148,150,159:	 	 1)	 LD	 biogenesis	 is	 coupled	 to	 the	 dislocation	 of	 luminal	 ERAD	
substrates	via	the	formation	of	transient	pores	in	the	membrane	or	the	dislocation	of	integral	
membrane	ERAD	substrates	via	capture	 in	the	membrane	of	an	exiting	LD,	2)	ERAD	substrate	
dislocation	and	ubiquitination	preferentially	occur	 in	 LD-associated	ER	 subdomains,	and/or	3)	
ERAD	substrates	are	sequestered	on	the	surface	of	LDs	as	an	intermediate	step	en	route	to	the	
proteasome.	 Although	 these	models	 are	 attractive,	 triacsin	 C	 is	 not	 a	 specific	 inhibitor	 of	 LD	
biogenesis,	as	it	also	affects	unrelated	processes	that	require	activated	fatty	acids	(e.g.,	de	novo	
phospholipid	synthesis156).	Moreover,	the	degradation	kinetics	of	several	ERAD	substrates	was	
unaffected	in	a	strain	of	yeast	lacking	LDs153,160,	indicating	either	that	LD	formation	is	not	essential	
for	ERAD	or	 that	 there	are	unrecognized	differences	between	 the	ERAD	process	 in	yeast	and	
mammalian	cells.	Thus,	the	functional	relationship	between	ERAD	and	LDs	remains	unresolved.	
	
In	 this	 study,	we	 focused	our	attention	on	 the	effect	of	 triacsin	C	on	ERAD	and	 the	potential	
requirement	of	LDs	for	ERAD	in	mammalian	cells.	Our	results	demonstrate	that,	as	in	yeast153,160,	
LDs	 are	dispensable	 for	 ERAD	 in	mammalian	 cells.	However,	 our	data	 indicate	 that	 triacsin	C	
causes	 widespread	 changes	 in	 the	 cellular	 lipid	 composition,	 impairs	 ERAD	 substrate	 glycan	
trimming	and	dislocation,	and	induces	the	UPR,	culminating	in	cell	death.	These	findings	support	
a	fundamental	connection	between	fatty	acid	metabolism	and	ER	proteostasis.	
	
Results	
	
Inhibition	of	long-chain	acyl-CoA	synthetases	with	triacsin	C	impairs	select	ERAD	pathways	
Triacsin	c	has	been	shown	to	be	a	potent	inhibitor	of	ACSLs	1,	3	and	4	at	a	concentration	of	5	µM,	
although	it	does	not	inhibit	ACSL	5	or	6252.	Therefore,	to	ensure	broad	inhibition	across	all	ACSL	
isoforms	present,	we	chose	to	examine	the	effects	of	triacsin	C	in	HEK293	cells,	in	which	ACSL5	
and	ACSL6	are	not	physiologically	detectable253,254.	To	examine	the	effect	of	triacsin	C	on	ERAD,	
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we	analyzed	the	degradation	kinetics	of	a	panel	of	substrates	that	reflect	a	range	of	topologies	
and	use	distinct	degradation	pathways	(Figure	2-1A).	The	panel	included	an	endogenous	ERAD	
substrate,	CD147,	which	is	a	glycosylated	type	I	transmembrane	protein	that	is	recognized	as	an	
unassembled	subunit	of	an	oligomeric	complex	and	is	constitutively	degraded	by	a	Hrd1/SEL1L	
pathway115.	We	also	tested	two	exogenously	expressed	mutant	substrates:	the	NHK	mutant	of	
α-1	antitrypsin—a	soluble,	luminal	substrate	degraded	by	a	Hrd1/SEL1L	pathway113,161—and	the	
∆F508	mutant	cystic	fibrosis	transmembrane	conductance	regulator	(CFTR∆F508)—a	polytopic	
integral	membrane	substrate	degraded	by	multiple	E3	ligase	pathways162-164.	
	
To	 determine	 the	 kinetics	 of	 triacsin	 C	 treatment	 on	 ERAD	 disruption,	we	 performed	 a	 time	
course	of	triacsin	C	incubation	and	analyzed	the	degradation	of	CD147	during	emetine	translation	
shutoff	 (Figure	2-1,	B–D).	As	expected115,165,	CD147	migrated	as	 two	primary	 species:	a	high–
molecular	weight	plasma	membrane	form	bearing	complex	glycans	(CD147(mature	[Mat.]))	and	
a	lower–molecular	weight	ER	form	bearing	the	core-glycan	structure	(CD147(CG);	Figure	2-1C).	
CD147(CG)	was	degraded	during	the	6-h	emetine	chase	(Figure	2-1,	C	and	D).	Addition	of	triacsin	
C	at	time	0	of	the	emetine	chase	had	no	effect	on	CD147(CG)	degradation	(Figure	2-1,	C	and	D).	
Increasing	 stabilization	 of	 CD147(CG)	was	 observed	 as	 the	 triacsin	 C	 preincubation	 time	was	
lengthened,	with	a	maximal	stabilization	occurring	after	a	16-h	triacsin	C	pretreatment	(Figure	1,	
C	and	D).	Using	the	16-h	triacsin	C	pretreatment,	we	analyzed	the	degradation	kinetics	of	our	full	
panel	 of	 ERAD	 substrates	 (Figure	 2-1,	 E–J).	 The	 Hrd1	 substrate	 CD147(CG)	 was	 stabilized	 by	
triacsin	C	pretreatment	(Figure	2-1,	E	and	F).	Although	the	majority	of	newly	synthesized	CD147	
is	degraded	by	ERAD,	a	small	fraction	can	correctly	assemble	and	mature	by	trafficking	through	
the	Golgi	 to	 the	plasma	membrane115,165.	 To	account	 for	both	 fates	of	CD147,	we	performed	
radioactive	pulse-chase	experiments	(Supplemental	Figure	S2-1A).	Over	the	6-h	time	course	of	
our	 experiment,	 no	 CD147	 maturation	 was	 detected,	 and	 triacsin	 C	 pretreatment	 stabilized	
CD147(CG).	These	results	 indicate	 that	 the	effect	of	 triacsin	C	 is	due	to	 impairment	of	CD147	
degradation	rather	than	maturation.	The	Hrd1	luminal	substrate	NHK–green	fluorescent	protein	
(GFP)	was	also	stabilized	by	triacsin	C	pretreatment	(Figure	2-1,	G	and	H).	No	secretion	of	NHK-
GFP	was	observed	in	this	cell	line	(Supplemental	Figure	S2-1B).	In	contrast	to	CD147	and	NHK-
GFP,	CFTR∆F508	degradation	kinetics	was	unaffected	by	the	triacsin	C	pretreatment	(Figure	2-1,	
I	and	J).	These	data	demonstrate	that	treatment	with	the	ACSL	inhibitor	triacsin	C	impairs	select	
ERAD	pathways.	
	
Triacsin	C	does	not	generally	inhibit	the	ubiquitin-proteasome	system	
Our	finding	that	triacsin	C	inhibits	the	degradation	of	a	subset	of	ERAD	substrates	suggests	that	
triacsin	 C	 treatment	 does	 not	 generally	 inhibit	 the	 ubiquitin-proteasome	 system	 (UPS).	 In	
agreement	 with	 this	 notion,	 ubiquitinated	 proteins	 accumulated	 in	 cells	 treated	 with	 the	
proteasome	inhibitor	MG-132,	but	not	with	triacsin	C	(Figure	2-2A).	To	assess	more	directly	the	
effect	of	triacsin	C	on	the	degradation	of	cytosolic	proteins,	we	used	flow	cytometry	to	measure	
the	degradation	kinetics	of	a	cytosolic	UPS	reporter	(Figure	2-2B).	This	reporter	consists	of	the	
Venus	fluorescent	protein	fused	to	a	destabilized	domain	(Venus-DD),	a	variant	FK506-binding	
domain	from	FKBP12	that,	in	the	absence	of	the	small	molecule	shield-1,	is	misfolded	and	rapidly	
degraded	via	the	UPS166-168.	Triacsin	C	had	no	significant	effect	on	the	constitutive	degradation	
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of	Venus-DD	(Figure	2-2B),	indicating	that	triacsin	C	does	not	generally	affect	the	degradation	of	
cytosolic	UPS	substrates.	
	
After	 dislocation,	 ERAD	 substrates	 are	 deglycosylated	 by	 the	 cytosolic	 peptide:N-glycanase	
(PNGase)	and	cleared	by	the	UPS106,110.	Thus,	the	presence	and	accumulation	of	a	deglycosylated	
form	of	ERAD	substrates	reflect	inefficient	coupling	of	dislocation	with	proteasomal	degradation.	
Incubation	 with	 the	 proteasome	 inhibitor	 MG-132	 during	 an	 emetine	 chase	 resulted	 in	 the	
accumulation	 of	 deglycosylated	 CD147	 (CD147(-CHO)),	 indicating	 the	 buildup	 of	 cytosolically	
dislocated	CD147	(Figure	2-2C).	CD147	deglycosylated	in	vitro	by	incubation	with	the	glycosidase	
PNGase	F	resolved	at	the	same	molecular	weight	as	the	CD147	band	that	accumulated	in	MG-
132–treated	 cells,	 and	 no	 additional	 lower–molecular	 weight	 forms	 appeared	 (Supplemental	
Figure	 S2-2),	 confirming	 the	 identity	 of	 the	 CD147(-CHO)	 species.	 A	 portion	 of	 CD147	 also	
migrated	in	a	high–molecular	weight	smear,	likely	representing	ubiquitinated	CD147	(Figure	2C).	
In	 contrast	 to	 MG-132,	 triacsin	 C	 pretreatment	 solely	 stabilized	 CD147(CG);	 deglycosylated	
CD147	and	ubiquitinated	CD147	were	absent	(Figure	2-2C).	Together,	these	data	indicate	that	
triacsin	C	impairs	ERAD	upstream	of	the	proteasome	and	does	not	cause	a	global	defect	in	the	
UPS.	
	
Triacsin	C	does	not	impair	protein	secretion	
Dysregulated	 lipid	 metabolism	 can	 alter	 organelle	 morphology	 and	 function169-171,	 and	
disruptions	in	ER-to-Golgi	trafficking	reduce	the	degradation	of	some	ERAD	substrates172-174.	To	
examine	 the	 function	of	 the	 secretory	pathway,	we	analyzed	 the	 secretion	of	hemagglutinin-
tagged	 transthyretin	 (TTR-HA),	a	 tetrameric	protein	 that	 is	normally	 secreted	 into	 the	 serum,	
where	it	functions	as	a	carrier	of	the	thyroid	hormone	thyroxine.	Similar	levels	of	TTR-HA	were	
immunoprecipitated	 from	media	 isolated	 from	 cells	 incubated	 in	 the	presence	or	 absence	of	
triacsin	 C	 (Figure	 2-2,	 D	 and	 E),	 indicating	 that	 triacsin	 C	 pretreatment	 does	 not	 affect	 TTR	
secretion.	Furthermore,	the	overall	morphology	of	the	ER	(Figure	2-2F)	and	Golgi	complex	(Figure	
2-2G)	 remained	 unperturbed	 by	 a	 triacsin	 C	 pretreatment	 at	 the	 resolution	 of	 fluorescence	
deconvolution	microscopy.	Together,	these	results	 indicate	that	the	secretory	system	remains	
functionally	and	morphologically	intact	after	a	16-h	triacsin	C	treatment.	
	
Triacsin	C	impairs	CD147	glycan	trimming	
Our	initial	results	indicated	that	triacsin	C	affects	ERAD	upstream	of	the	proteasome	(Figure	2-2).	
To	determine	more	precisely	the	steps	in	ERAD	that	are	compromised,	we	focused	our	attention	
on	the	degradation	of	the	endogenous	substrate	CD147,	which	was	strongly	stabilized	by	triacsin	
C	(Figure	2-1).	Glycan	trimming	is	often	believed	to	be	one	of	the	most	upstream	events	in	ERAD,	
potentially	 acting	 as	 a	 timing	 mechanism	 that	 releases	 a	 substrate	 from	 futile	
calnexin/calreticulin	 folding	 cycles	 and	 facilitates	 targeting	 for	degradation	by	enabling	direct	
interactions	with	the	ERAD-implicated	lectins110.	The	various	trimmed	CD147(CG)	glycoforms	are	
not	resolved	on	small	SDS–PAGE	gels.	Therefore,	to	examine	a	potential	effect	of	triacsin	C	on	
CD147(CG)	glycan	trimming,	we	separated	CD147	on	large-format	SDS–PAGE	gels	(Figure	2-3A).	
On	 these	 larger	 gels,	 the	 variety	 of	 CD147	 glycoforms	 becomes	 evident,	 and	 CD147(CG)	 is	
resolved	as	approximately	five	bands	(Figure	2-3A).	Treatment	of	lysates	in	vitro	with	PNGase	F	
collapsed	 all	 CD147	 forms	 into	 a	 single	 band	 of	 ∼29	 kDa	 (Figure	 2-3D),	 consistent	 with	 the	
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conjecture	 that	 the	 variations	 in	 the	 CD147	 banding	 pattern	 reflect	 the	 diversity	 of	 CD147	
glycoforms.	
	
During	 the	course	of	an	emetine	 translation	 shutoff	experiment,	 the	upper	CD147(CG)	bands	
were	rapidly	lost	(Figure	2-3,	A	and	B,	vehicle),	whereas	the	lower	bands	displayed	a	slight	lag	
period	 before	 clearance	 (Figure	 2-3,	 A	 and	 C,	 vehicle).	 These	 results	 are	 consistent	with	 the	
conversion	 of	 CD147(CG)	 from	 a	 slower-migrating,	 untrimmed	 form	 into	 a	 faster-migrating,	
trimmed	form	before	degradation.	Treatment	with	the	mannosidase	inhibitor	kifunensine	(Figure	
2-3,	A–C,	kifunensine)	or	the	glucosidase	inhibitor	deoxynojirimycin	(Supplemental	Figure	S2-3)	
stabilized	 CD147(CG)	 in	 the	 slower-migrating	 form,	 providing	 evidence	 that	 these	 bands	
represent	an	untrimmed	form	of	CD147(CG).	It	is	worth	noting	that	CD147(CG)	continued	to	be	
degraded	 in	 the	 presence	 of	 kifunensine	 (Figure	 2-3A,	 kifunensine),	 albeit	 at	 a	 slower	 rate,	
indicating	either	that	glycan	trimming	is	not	a	strict	requirement	for	CD147(CG)	degradation	or	
that	kifunensine	inhibition	of	glycan	trimming	is	 incomplete.	Cotreatment	with	kifuensine	and	
deoxynojirimycin	did	not	result	in	additional	stabilization	(Supplemental	Figure	S2-3).	Analysis	of	
CD147(CG)	in	cells	pretreated	with	triacsin	C	revealed	a	significantly	reduced	rate	of	CD147(CG)	
conversion	from	untrimmed	to	the	trimmed	glycoform	(Figure	2-3,	A–C,	triacsin	C),	similar	to	the	
effect	of	kifunensine.	 In	contrast,	blocking	CD147(CG)	degradation	at	a	downstream	step	with	
the	VCP	inhibitor	CB-5083	resulted	in	the	accumulation	of	a	lower–molecular	weight,	presumably	
highly	trimmed	form	of	CD147(CG)	(Figure	2-3,	A–C,	CB-5083).	These	data	suggest	that	triacsin	C	
impairment	in	ERAD	is	caused,	at	least	in	part,	through	inhibition	of	substrate	glycan	trimming.	
	
Triacsin	C	disrupts	CD147	delivery	to	the	Hrd1	dislocation	complex	
CD147	 is	degraded	via	an	ERAD	pathway	 that	 requires	Hrd1,	SEL1L,	and,	 to	 some	extent,	 the	
lectins	 OS-9	 and	 XTP3-B115.	 The	 Hrd1	 dislocation	 complex	 is	 a	 membrane-embedded,	
macromolecular	 complex114,175.	 Several	 properties	 of	 membrane	 lipids	 can	 influence	 the	
interactions	 and	 functions	 of	 membrane-embedded	 protein	 complexes176,177.	 To	 determine	
whether	ACSL	 inhibition	 affects	 the	 composition	of	 the	Hrd1	dislocation	 complex,	we	used	 a	
quantitative	 triple	 stable	 isotope	 labeling	with	 amino	 acids	 in	 cell	 culture	 (SILAC)	 strategy	 to	
measure	the	dynamics	of	Hrd1	interactions	in	response	to	triacsin	C	treatment	(Figure	2-4A).	The	
results	from	this	experiment	are	displayed	in	a	two-dimensional	plot	(Figure	2-4A),	which	groups	
nonspecific	 background,	 as	well	 as	 constitutive	 and	dynamic	 interactors.	Of	 the	 145	proteins	
detected,	 15	passed	our	 criteria	 for	 high-confidence	 interactors	 (SILAC	 ratio	M:L	 >	 2-fold).	 In	
addition	to	the	identification	of	Hrd1	itself	(the	bait),	the	strongest	interactors	(SILAC	ratio	M:L	>	
20-fold)	were	known	members	of	the	Hrd1	complex—SEL1L,	FAM8A1,	ERLIN2,	OS-9,	and	XTP3-
B.	Other	noteworthy	interactors	that	were	captured	included	proteins	involved	in	protein	folding	
and	degradation,	such	as	VCP,	PDI,	GRP94,	Hsp47,	calnexin,	and	ubiquitin.	The	significance	of	
Hrd1	association	with	RPN1	(also	known	as	ribophorin	I),	PGRC1,	and	EMD	is	unknown.	These	
proteins	are	not	known	to	be	involved	in	protein	quality	control	and	may	represent	endogenous	
substrates	of	the	Hrd1	complex.	Several	previously	reported	Hrd1	complex	members	(UBXD8,	
AUP1,	derlin-1,	derlin-2)	were	not	detected	in	our	SILAC	experiment,	possibly	due	to	their	lower	
abundance.	 Therefore,	 we	 examined	 the	 association	 of	 these	 interactors	 with	 Hrd1	 by	
immunoblotting	of	affinity	purified	S-tagged	Hrd1	complexes	(Figure	2-4B).	Analysis	of	the	results	
from	both	the	SILAC	(Figure	2-4A)	and	immunoblotting	(Figure	2-4B)	experiments	indicate	that	
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few	 Hrd1	 interactions	 were	 affected	 by	 triacsin	 C	 treatment.	 The	 core	 Hrd1	 complex,	
characterized	 by	 SEL1L,	 FAM8A1,	 XTP3-B,	 OS-9,	 and	 ERLIN2,	 remained	 intact	 after	 triacsin	 C	
treatment.	There	were	minor	trends	toward	increased	associations	with	VCP	and	ubiquitin,	as	
well	as	decreased	association	with	Hsp47.	
	
To	examine	a	potential	effect	of	triacsin	C	on	the	delivery	of	CD147	to	the	Hrd1	complex,	we	
analyzed	endogenous	Hrd1	complexes	immunoprecipitated	from	vehicle-	and	triacsin	C–treated	
cells.	Hrd1	bound	only	the	ER-localized	core	glycosylated	form	of	CD147	(Figure	2-4,	C	and	D),	
supporting	the	specificity	of	the	interaction	with	CD147.	Of	interest,	triacsin	C	treatment	caused	
a	pronounced	decrease	in	the	amount	of	CD147(CG)	that	coprecipitated	with	Hrd1	(Figure	2-4,	C	
and	D).	Thus,	our	results	indicate	that	whereas	the	overall	composition	of	the	Hrd1	dislocation	
complex	is	mostly	unaffected,	triacsin	C	treatment	reduces	the	delivery	of	the	substrate	CD147	
to	the	Hrd1	complex.	
	
Triacsin	C	impairs	the	dislocation	of	a	luminal	glycosylated	ERAD	substrate	
Given	the	effects	of	triacsin	C	on	CD147	glycan	trimming	(Figure	2-3)	and	association	with	Hrd1	
(Figure	 2-4,	 C	 and	 D),	 we	 predicted	 that	 triacsin	 C	 would	 affect	 substrate	 dislocation.	 The	
accumulation	of	deglycosylated	CD147	in	response	to	MG-132	treatment	provides	one	potential	
method	to	assess	dislocation.	However,	MG-132	also	stabilized	CD147(CG),	and	the	appearance	
of	deglycosylated	CD147	was	minimal	and	difficult	to	detect	(Figure	2-2C).	Therefore,	to	assess	
quantitatively	 the	 effects	 of	 triacsin	 C	 on	 dislocation,	 we	 used	 a	 more	 sensitive	 and	 robust	
fluorescent	ERAD	dislocation	assay	based	on	the	reconstitution	of	split	Venus	(Figure	2-4E)179.	In	
this	assay,	the	N-terminal	half	of	deglycosylation-dependent	Venus	is	fused	to	the	H2-Kb	signal	
sequence	(SS-dgdV1Z),	targeting	it	to	the	ER	lumen179.	SS-dgdV1Z	is	glycosylated,	recognized	as	
an	aberrant	protein,	and	dislocated	into	the	cytosol	for	degradation179.	In	the	presence	of	MG-
132,	SS-dgdV1Z	accumulates	in	the	cytosol	and	associates	with	the	C-terminal	half	of	Venus	(VZ2),	
reconstituting	the	mature	fluorescent	protein	and	enabling	dislocation	to	be	measured	by	flow	
cytometry179.	Of	importance,	the	fluorescence	is	deglycosylation	dependent,	ensuring	that	any	
fluorescence	detected	results	from	the	dislocation	of	dgdV1Z	from	the	ER	lumen	into	the	cytosol.	
	
Incubation	of	293T.FluERAD	cells	stably	expressing	SS-dgdV1Z	and	VZ2	with	MG-132	resulted	in	
a	large	increase	in	Venus	fluorescence	(Figure	2-4F,	16.4-fold	increase).	In	agreement	with	a	role	
for	VCP	in	SS-dgdV1Z	dislocation179,	coincubation	with	CB-5083	and	MG-132	nearly	completely	
blocked	 the	 increase	 in	 fluorescence	 (Figure	 2-4F,	 1.6-fold	 increase).	 Similar	 to	 the	 effect	 of	
kifunensine	treatment	(Figure	2-4F,	7.6-fold),	triacsin	C	treatment	partially	blocked	the	increase	
in	 fluorescence	 in	 response	 to	 MG-132	 (Figure	 2-4F,	 7.3-fold).	 Thus,	 triacsin	 C	 significantly	
reduces	the	dislocation	of	a	luminal	glycosylated	ERAD	substrate.	
	
Lipid	droplets	are	dispensable	for	CD147	ERAD	
The	observation	that	triacsin	C	inhibits	ERAD142,145,148	(Figure	2-1)	is	in	agreement	with	a	role	for	
LDs	 in	 ERAD;	 however,	 triacsin	 C	 is	 not	 a	 selective	 inhibitor	 of	 LD	 biogenesis	 (Figure	 2-5A).	
Although	 a	 selective	 inhibitor	 of	 LD	 biogenesis	 has	 not	 been	 identified,	 ablation	 of	 the	
diacylglycerol	acyltransferase	(DGAT)	enzymes	(DGAT1	and	DGAT2),	which	catalyze	the	final	and	
committed	step	in	TAG	synthesis	(Figure	2-5A),	causes	a	complete	blockade	of	LD	biogenesis	in	
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adipocytes178.	Therefore,	to	examine	a	role	for	LDs	in	ERAD,	we	exploited	a	recently	developed	
DGAT1	 inhibitor,	 T863	 (DGAT1i)180,	 and	 mouse	 embryonic	 fibroblast	 (MEF)	 cell	 lines	 lacking	
DGAT2	 (DGAT2-/-)178,181	 to	 simultaneously	 disrupt	 both	 DGAT	 enzymes.	 The	 DGAT2-/-	 MEFs	
exhibited	a	low	amount	of	LDs	under	basal	conditions,	which	increased	dramatically	after	a	6-h	
treatment	with	200	µM	oleate	(Figure	2-5,	B	and	C),	indicating	that	DGAT2-/-	MEFs	are	still	able	
to	generate	LDs	in	response	to	an	oleate	challenge,	due	to	the	presence	of	DGAT1.	Treatment	
with	 either	 triacsin	 C	 or	 DGAT1i	 reduced	 the	 amount	 of	 LDs	 in	 non–oleate-treated	 cells	 and	
completely	blocked	the	increase	in	LD	biogenesis	in	response	to	oleate	(Figure	2-5,	B	and	C).	The	
levels	of	the	LD	protein	perilipin-2	(PLIN2)	are	known	to	correlate	with	LD	abundance,	and,	in	the	
absence	of	LDs,	PLIN2	is	degraded	by	the	ubiquitin-proteasome	system182-184.Analysis	of	PLIN2	
levels	 and	 cellular	 distribution	 indicate	 that	 triacsin	 C	 and	 DGAT1i	 treatments	 block	 oleate-
induced	 increases	 in	PLIN2	 levels	 and	PLIN2-immunoreactive	 LDs	 (Supplemental	 Figure	 S2-4).	
Together	 these	 data	 demonstrate	 that	 the	DGAT2-/-	MEFs	 provide	 a	 facile	means	 to	 acutely	
manipulate	LD	biogenesis	at	an	upstream	step	(i.e.,	with	triacsin	C)	or	a	downstream	step	(i.e.,	
with	DGAT1	inhibitor).	
	
As	 observed	 in	HEK293	 cells,	 CD147(CG)	was	 degraded	 in	DGAT2-/-	MEFs	 during	 an	 emetine	
translation	shutoff	experiment	and	was	stabilized	by	a	triacsin	C	pretreatment	(Figure	2-5,	D	and	
E).	The	rate	of	CD147(CG)	degradation	was	greater	in	the	DGAT2-/-	MEFs	than	in	the	HEK293	cells	
(half-life	∼25	min	vs.	∼2	h).	DGAT1i	pretreatment,	despite	inhibiting	LD	biogenesis	(Figure	2-5,	B	
and	C),	had	no	effect	on	the	kinetics	of	CD147	degradation	(Figure	2-5,	D	and	E).	These	results	
argue	against	a	 requirement	 for	LDs	 in	CD147	degradation	and	suggest	 that	 triacsin	C	affects	
ERAD	through	a	mechanism	independent	of	LDs.	
	
Metabolomic	profiling	reveals	global	alterations	 in	the	cellular	 lipid	 landscape	of	triacsin	C–
treated	cells	
Long-chain	FAs	are	centrally	involved	in	a	number	of	metabolic	pathways,	including	the	synthesis	
of	important	biomolecules	such	as	TAG,	cholesterol	esters,	phospholipids,	and	ceramides,	as	well	
as	the	catabolism	of	FFAs	for	energy	production	via	b-oxidation255.	Thus,	since	triacsin	c	inhibits	
the	 production	 of	 activated	 FA-CoAs	 available	 for	 such	 processes,	 its	 effects	 on	 cellular	 lipid	
metabolism	may	be	broader	than	those	directly	tied	to	LD	biogenesis.	To	understand	the	effects	
of	 triacsin	 C	 on	 cellular	 lipid	 homeostasis,	we	performed	 targeted	 single	 reaction	monitoring	
(SRM)–based	 liquid	 chromatography–tandem	 mass	 spectrometry	 (LC-MS/MS)	 steady-state	
lipidomic	profiling	of	>100	lipid	metabolites,	encompassing	a	wide	array	of	lipid	classes,	including	
neutral	 lipids,	 fatty	 acids,	 acyl	 carnitines	 (ACs),	 N-acyl	 ethanolamines,	 sterols,	 phospholipids,	
sphingolipids,	lysophospholipids,	and	ether	lipids	(Figure	2-6).	Among	the	118	lipids,	71	exhibited	
significant	changes	(p	<	0.05)	after	a	16-h	triacsin	C	treatment	(Figure	2-6,	A–K).	As	expected,	we	
observed	a	prominent	decrease	in	the	levels	of	many	neutral	lipids—monoacylglycerols	(MAGs),	
diacylglycerols	(DAGs),	and	TAGs	(Figure	2-6,	B	and	C).	Not	all	species	of	TAG	were	reduced	(e.g.,	
C16:0/C20:4/C16:0	TAG	and	C18:0/C18:0/C18:0	TAG;	Figure	2-6,	B	and	C),	suggesting	that	there	
may	be	protected	pools	of	TAGs	or	that	some	ACSLs	that	are	incompletely	inhibited	mediate	the	
formation	 of	 these	 specific	 TAGs156.	We	 also	 observed	 an	 anticipated	 decrease	 in	 AC	 levels,	
particularly	 in	C16:0	AC	 (Figure	2-6,	B	and	E).	Although	 free	 fatty	acids	might	be	expected	 to	
accumulate	 due	 to	 the	 inhibition	 of	 ACSLs	 and	 consequent	 lack	 of	 conversion	 into	 the	 CoA	
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intermediate	for	cellular	use,	no	changes	in	fatty	acid	 levels	were	detected	(Figure	2-6B).	This	
may	be	due	to	a	compensatory	efflux	of	free	fatty	acids156,	which	could	result	in	an	underestimate	
of	total	free	fatty	acid	levels,	or	increased	flux	through	ACSL	enzymes	that	are	not	inhibited.	
	
Broad	 changes	 in	 additional	 cellular	 lipids	 were	 also	 observed,	 including	 decreases	 in	 many	
phospholipids,	phospholipid	ethers,	neutral	ether	lipids,	and	lysophospholipid	ethers	(Figure	2-
6,	B–K).	The	decreases	in	lipid	levels	presumably	resulted	from	impairments	in	synthesis	caused	
by	the	inability	of	ACSLs	to	activate	fatty	acids,	a	requirement	for	conjugation.	Particularly	striking	
was	the	general	decrease	in	nearly	all	phosphatidylinositol	and	phosphatidylinositol	ether	lipids	
(Figure	2-6,	B,	 F,	 and	 J).	 This	 is	 interesting,	 given	 the	 recent	 finding	 that	phosphatidylinositol	
maintains	ER	homeostasis	in	yeast	by	sequestering	fatty	acids	when	LD	biogenesis	is	inhibited185.	
Our	results	suggest	that	phosphatidylinositol	may	represent	an	especially	dynamic	phospholipid	
pool	that	reflects	the	levels	of	fatty	acid	flux.	
	
Several	lipid	species	displayed	significant	increases,	including	many	lysophospholipids	(Figure	2-
6,	B,	D,	and	H),	which	can	act	as	signaling	molecules,	and	several	phospholipids	(Figure	2-6,	B–K).	
The	increase	in	some	lipids	is	consistent	with	the	possible	increased	flux	of	fatty	acids	through	
ACSL	 enzymes	 that	 are	 not	 inhibited	 or	 are	 incompletely	 inhibited	 by	 triacsin	 C.	 The	 ratio	 of	
phosphatidylcholine	 (PC)	 to	 phosphatidylethanolamine	 (PE)	 has	 been	 implicated	 in	 ER	
homeostasis171,186,187,	and	although	we	observed	alterations	in	PC	and	PE	levels	(Figure	2-6,	B	and	
F),	the	ratio	between	the	two	lipid	species	was	relatively	unchanged.	An	increase	in	ceramides	
(C16:0	ceramide	and	C18:0	ceramide)	was	detected	(Figure	2-6,	B	and	G),	which	is	notable,	given	
their	role	 in	cellular	stress	responses	and	UPR	activation188.	Together	our	results	 indicate	that	
triacsin	C	treatment	not	only	affects	the	levels	of	neutral	 lipids	sequestered	in	LDs,	but	it	also	
causes	widespread	alterations	in	the	cellular	lipid	landscape	(Figure	2-6).	The	levels	of	several	of	
the	altered	lipids	have	been	suggested	to	affect	ER	homeostasis	(e.g.,	phosphatidylinositol	and	
ceramides).	
	
Triacsin	C	activation	of	the	PERK	and	IRE1	arms	of	the	UPR	has	opposing	effects	on	cell	viability	
Disruptions	 in	 ERAD	 and	 in	 lipid	 homeostasis	 can	 activate	 the	 UPR188,189.	 Inositol-requiring	
enzyme-1	(IRE1),	an	ER	transmembrane	serine/threonine	kinase	and	endonuclease,	is	a	primary	
mediator	of	the	UPR	that	splices	XBP1	mRNA	to	enable	the	translation	of	the	XBP1	transcription	
factor108.	 Analysis	 using	 reverse	 transcription	 PCR	 revealed	 that	 incubation	 with	 triacsin	 C	
induced	XBP1	splicing	(Figure	2-7A).	The	spliced	form	of	XBP1	was	detectable	at	 low	levels	as	
early	as	8	h,	and	it	became	much	more	prominent	at	16	and	24	h	(Figure	2-7A).	A	second	arm	of	
the	UPR	is	controlled	by	the	ER-resident	kinase	PKR-like	ER	kinase	(PERK),	which	phosphorylates	
the	 α	 subunit	 of	 eukaryotic	 translation-initiation	 factor	 2	 (eIF2α).	 Phosphorylation	 of	 eIF2α	
represses	 global	 translation	 while	 simultaneously	 promoting	 the	 translation	 of	 the	 ATF4	
transcription	factor	to	up-regulate	stress-responsive	genes	such	as	the	proapoptotic	transcription	
factor	C/EBP	homologous	protein	(CHOP)190.	To	examine	the	potential	effect	of	triacsin	C	on	PERK	
induction	of	stress-responsive	genes,	we	exploited	a	clonal	HEK293	reporter	cell	line	expressing	
an	8.5-kb	CHOP	gene	fragment	fused	to	GFP	(CHOP::GFP)191,192.	Treatment	with	tunicamycin,	an	
inhibitor	 of	 N-linked	 glycosylation	 that	 induces	 the	 UPR,	 resulted	 in	 a	 robust	 and	 rapid	
accumulation	in	GFP	fluorescence	(Figure	2-7C	and	Supplemental	Figure	2-S5).	Treatment	with	
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triacsin	C	 also	 caused	an	 increase	 in	GFP	 fluorescence	but	with	different	 temporal	dynamics.	
During	the	first	8	h,	no	increase	in	GFP	fluorescence	was	observed	(Figure	2-7C).	This	lag	period	
was	followed	by	an	increase	in	GFP	fluorescence	levels	at	16	and	24	h	(Figure	2-7C).	
	
The	IRE1	and	PERK	arms	of	the	UPR	play	well-characterized	protective	roles	through	the	induction	
of	genes	 involved	 in	protein	 folding	and	membrane	expansion	and	 through	 the	 repression	of	
translation108.	Of	note,	UPR	up-regulation	protected	yeast	from	ER	trafficking	and	ERAD	defects	
induced	by	lipid	disequilibrium171.	However,	persistent	activation	of	IRE1	or	PERK	can	lead	to	cell	
death169,192,193.	To	determine	the	role	of	the	IRE1	and	PERK	pathways	in	the	cellular	response	to	
triacsin	C	treatment,	we	analyzed	the	effects	of	the	IRE1	inhibitor	4μ8c	(IRE1i)	and	PERK	inhibitor	
GSK2606414	(PERKi).	IRE1i	completely	blocked	triacsin	C–induced	XBP1	cleavage	(Figure	2-7,	A	
and	B),	and	PERKi	significantly	attenuated	the	induction	of	the	CHOP::GFP	reporter	(Figure	2-7D).	
Inhibition	of	PERK	increased	the	amounts	of	cell	death	induced	by	triacsin	C	at	8,	16,	and	24	h	
(Figure	2-7E),	indicating	that	PERK	plays	a	predominantly	protective	role	under	these	conditions.	
In	 contrast,	 inhibition	 of	 IRE1	 had	 little	 effect	 during	 triacsin	 C	 treatment	 and	 increased	 the	
amount	of	cell	death	at	24	h	(Figure	2-7E).	These	findings	indicate	that	both	the	IRE1	and	PERK	
arms	of	the	UPR	are	induced	by	triacsin	C,	but	that	the	outputs	of	these	two	signaling	pathways	
have	opposing	effects	on	cell	viability.	
	
Discussion	
	
Although	 there	 are	 several	 intriguing	 connections	 between	 LDs	 and	 ERAD,	 whether	 LDs	 are	
directly	involved	in	the	ERAD	mechanism	has	remained	an	outstanding	question.	Our	data	argue	
that	LD	biogenesis	 is	not	a	 fundamental	requirement	for	ERAD.	 Instead,	our	results	support	a	
model	(Figure	2-7F)	in	which	triacsin	c	induces	widespread	alterations	in	lipid	homeostasis,	most	
likely	 due	 to	 inhibition	 of	 ACSL	 1,	 3	 and	 4,	 that	 impairs	 specific	 steps	 in	 ERAD,	 resulting	 in	
disruptions	in	ER	proteostasis,	activation	of	the	UPR,	and	eventual	cell	death.	Thus,	dysregulated	
fatty	 acid	 metabolism	 negatively	 affects	 ER	 homeostasis	 and	 protein	 quality	 control	
independently	of	LDs.	However,	although	triacsin	c	has	been	demonstrated	to	inhibit	ACSL	1,	3,	
and	 4,	 it	 remains	 possible	 that	 it	 could	 have	 other	 targets.	 Further	 studies	 using	 genetic	
approaches	to	deplete	these	targets	alone	or	in	combination	are	needed	to	test	our	model.	
	
To	inhibit	LD	biogenesis	but	avoid	the	broad	effects	that	ACSL	inhibition	has	on	lipid	homeostasis,	
we	pursued	an	approach	that	would	disrupt	a	downstream	step	in	TAG	synthesis.	To	this	end,	we	
characterized	 a	 combined	 chemical	 (DGAT1	 inhibition)	 and	 genetic	 (DGAT2-/-)	 approach	 to	
inhibit	both	of	the	DGAT	enzymes,	which	are	required	for	the	conversion	of	DAG	to	TAG	and	the	
generation	of	 LDs178,194.	 This	 strategy	 enabled	 acute	disruption	of	 LD	biogenesis,	 reducing	 LD	
abundance	 under	 basal	 and	 oleate-stimulated	 conditions	 as	 effectively	 as	 triacsin	 C	 does.	 In	
contrast	to	triacsin	C,	disruption	of	LD	biogenesis	by	inhibiting	the	DGATs	had	no	effect	on	the	
kinetics	of	CD147	ERAD.	These	results	are	consistent	with	previous	analyses	of	ERAD	 in	yeast	
models	of	LD	disruption153,160,	which	together	demonstrate	that	LD	biogenesis	is	not	integral	to	
the	ERAD	mechanism	in	yeast	or	mammalian	cells.	The	possibility	that	LDs	may	function	in	the	
degradation	 of	 specific	 substrates	 or	 in	 ERAD	 under	 specific	 conditions	 is	 still	 worth	
consideration.	 For	 example,	 for	 ApoB100,	 an	 extremely	 large,	 hydrophobic	 protein,	 the	
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association	with	LDs	might	provide	a	specialized	ERAD	mechanism	to	reduce	aggregation144,147.	
LDs	may	also	contribute	to	ERAD	only	under	particular	conditions,	such	as	periods	of	disrupted	
proteostasis.	Under	conditions	in	which	proteasomal	capacity	is	limiting,	the	LD	surface	could	act	
as	a	transient	site	for	the	sequestration	of	ERAD	and	other	UPS	substrates147,150.	
	
Our	findings	are	in	agreement	with	previous	reports	that	triacsin	C	impairs	ERAD142,145,148.	Indeed,	
we	 found	 that	 triacsin	 C	 inhibited	 the	 degradation	 of	 two	 glycosylated	Hrd1	 substrates—the	
luminal	 substrate	NHK	and	 the	endogenous	 integral	membrane	substrate	CD147.	The	highest	
amount	of	substrate	stabilization	required	a	16-h	pretreatment	with	triacsin	C,	suggesting	that	
ACSL	activity	 is	not	required	acutely	during	ERAD	but	 instead	that	ACSL	activity	 is	 required	to	
establish	a	particular	cellular	environment	conducive	for	ERAD.	To	define	more	precisely	the	step	
in	ERAD	that	is	affected	by	triacsin	C,	we	tested	individual	steps	of	ERAD	in	the	context	of	triacsin	
C	 treatment.	Our	 results	 indicate	 that	 the	 triacsin	C–induced	defect	 in	protein	degradation	 is	
upstream	of	the	proteasome	and	is	confined	to	a	subset	of	ERAD	pathways.	This	conclusion	is	
supported	 by	 several	 findings:	 1)	 ubiquitinated	 proteins	 did	 not	 accumulate	 in	 response	 to	
triacsin	C,	2)	triacsin	C	did	not	stabilize	a	cytosolic	UPS	substrate,	3)	triacsin	C	affected	a	subset	
of	 ERAD	 substrates—CD147	 and	 NHK—but	 not	 CFTR∆F508,	 and	 4)	 triacsin	 C	 impaired	 the	
dislocation	of	a	luminal	glycosylated	substrate.	Moreover,	analyses	of	the	glycosylation	state	of	
CD147	during	degradation	 indicate	that	 triacsin	C	 treatment	 impaired	CD147	glycan	trimming	
and	delivery	to	the	Hrd1	complex,	suggesting	that	the	primary	impairment	in	ERAD	is	due	to	the	
failure	 to	 expose	 the	 trimmed	 glycan	 structure	 necessary	 for	 degradation	 commitment.	 Our	
proteomics	data	indicate	that	the	composition	of	the	Hrd1	complex	is	largely	unaltered	in	triacsin	
C–treated	cells;	however,	it	is	possible	that	alterations	in	the	ER	lipid	composition	could	modulate	
the	structure	and/or	function	of	the	complex.	The	enzymes	involved	in	the	trimming	of	CD147’s	
glycans	are	unknown,	but	this	step	is	most	likely	catalyzed	by	ER-resident	mannosidases	ERManI	
and/or	 EDEM1-3.	 Disruptions	 in	 lipid	 composition	 could	 influence	 substrate	 localization	 to	
ERManI-containing	 ER	 subdomains195	 or	 could	 affect	 EDEM	membrane	 association,	 which	 is	
known	to	affect	EDEM	glycan	trimming	activity	toward	certain	substrates196.	 It	 is	also	possible	
that	the	 inhibition	of	ACSLs	could	 influence	protein	acylation,	and	both	calnexin197,198	and	the	
ERAD	E3	ligase	gp78199	have	been	reported	to	be	palmitoylated.	Whether	other	ERAD	factors	are	
regulated	by	lipid	modifications	is	unknown.	
	
Activation	of	the	UPR	initiates	signaling	pathways	with	opposing	outputs,	a	protective	response	
that	seeks	to	reestablish	ER	homeostasis	and	an	apoptotic	response	that	promotes	cell	death	in	
the	face	of	persistent	ER	stress192,200,201.	Consistent	with	disruptions	in	ER	homeostasis,	treatment	
with	 triacsin	 C	 induced	 XBP1	 splicing	 (IRE1	 arm)	 and	 CHOP::GFP	 expression	 (PERK	 arm)	 and	
eventually	caused	cell	death.	Treatment	of	cells	with	the	UPR	inducer	tunicamycin	causes	a	rapid	
and	transient	up-regulation	of	IRE1	signaling	that	is	paralleled	by	a	slower	increase	in	apoptotic	
PERK	 signaling	 at	 later	 times192.	 Of	 interest,	 in	 response	 to	 triacsin	 C,	 we	 see	 very	 different	
temporal	dynamics	and	effects	of	UPR	induction.	Both	the	PERK	and	IRE1	arms	exhibited	similar	
activation	 kinetics	 and,	 after	 an	 initial	 lag	 period,	 steadily	 increased	 until	 the	 end	 of	 our	
experiments.	Despite	increasing	CHOP	reporter	expression,	PERK	actions	were	overall	protective	
in	 response	 to	 triacsin	 C.	 This	 finding	 indicates	 that	 CHOP	expression	 alone	 is	 not	 conclusive	
evidence	of	a	proapoptotic	signaling	output,	consistent	with	the	observation	that	forced	CHOP	
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expression	was	insufficient	to	induce	cell	death169.	In	contrast	to	PERK,	IRE1	signaling	appeared	
to	 promote	 cell	 death,	 and	 the	 inhibition	 of	 IRE1	 attenuated	 triacsin	 C–induced	 apoptosis,	
possibly	by	inhibiting	excessive	regulated	Ire1-dependent	decay	(RIDD)	of	 important	secretory	
transcripts193	or	activation	of	a	JNK	apoptotic	signaling	pathway202.	These	results	highlight	the	
complex	relationship	between	the	UPR	and	cell	death	and	reveal	that	the	mode	of	UPR	activation	
(e.g.,	tunicamycin	vs.	triacsin	C)	has	a	profound	effect	on	the	ultimate	effects	of	each	UPR	branch.	
Alterations	in	phospholipids	can	directly	induce	UPR	signaling188,203	and	whether	the	changes	in	
the	 lipid	 environment,	 the	 defects	 in	 ER	 protein	 quality	 control,	 or	 both	 are	 responsible	 for	
triacsin	C	activation	of	the	UPR	is	unclear.	In	addition,	how	the	UPR	is	customized	to	fit	a	particular	
ER	stressor	is	not	evident.	It	is	possible	that	the	temporal	coordination	of	individual	UPR	branches	
influences	the	end	output	(i.e.,	protection	vs.	cell	death)	or	that	different	ER	stressors	provide	a	
unique	“second	hit”	(e.g.,	disruptions	in	lipid	homeostasis	or	depletion	in	ER	calcium	pools)	that	
sensitizes	cells	to	IRE1-	or	PERK-dependent	cell	death	pathways.	
	
Our	 study	 reveals	 an	 intimate	 relationship	between	cellular	 lipid	homeostasis	 and	ER	protein	
quality	 control.	 Our	 findings	 raise	 the	 possibility	 that	 certain	 lipid	 environments	 and/or	
modifications	may	affect	ER	proteostasis	by	regulating	specific	steps	of	the	ERAD	process.	It	is	
worth	noting	that	a	multitude	of	diseases,	ranging	from	obesity	to	neurodegenerative	diseases,	
are	associated	with	altered	lipid	homeostasis	and	upregulated	UPR204.	In	addition,	targeting	lipid	
metabolic	enzymes	to	decrease	fatty	acid	availability	(e.g.,	inhibition	of	FASN)	is	being	actively	
pursued	as	a	therapeutic	strategy	for	the	treatment	of	cancer205-207.	Therefore,	elucidating	the	
connections	between	ER	lipid	and	protein	homeostasis	could	have	significant	ramifications	for	
our	understanding	of	the	pathogenic	mechanisms	underlying	a	wide	number	of	diseases.	
	
Materials	and	Methods	
	
Plasmids,	antibodies,	and	reagents	
The	pcDNA3.1(-)	plasmids	for	expression	of	TTR-HA,	the	null	Hong	Kong	mutant	of	α-1	antitrypsin	
(NHK-HA	 and	 NHK-GFP),	 and	 S-tagged	 Hrd1	 (Hrd1-S)	 were	 previously	 described113.	 The	
CFTR∆F508	plasmid	was	kindly	provided	by	Doug	Cyr	(University	of	North	Carolina	at	Chapel	Hill,	
Chapel	Hill,	NC).	
	
Antibodies	 employed	 in	 this	 study	 include	 anti-CD147	 (A-12,	 G-19,	 8D6;	 Santa	 Cruz	
Biotechnology),	 anti-Hrd1	 (A302-946A;	 Bethyl),	 anti-HA	 (HA7;	 Sigma-Aldrich),	 anti–S-peptide	
(EMD	Millipore),	anti-tubulin	(Abcam),	anti–glyceraldehyde-3-phosphate	dehydrogenase	(EMD	
Millipore),	 anti-GFP	 (Roche),	 anti-CFTR	 (University	 of	 North	 Carolina	 at	 Chapel	 Hill,	 CFTR	
Antibodies	 Distribution	 Program),	 anti–ubiquitin	 conjugates	 (FK2;	 EMD	Millipore),	 anti-AUP1	
(Proteintech),	 anti-SEL1L	 (T-17;	 Santa	Cruz	Biotechnology)	and	anti-KDEL	 (Enzo).	Anti–derlin-1	
and	 anti–derlin-2	 antibodies	 were	 kind	 gifts	 from	 Yihong	 Ye	 (National	 Institutes	 of	 Health,	
Bethesda,	MD).	 Rabbit	 polyclonal	 anti-UBXD8	 antibodies	were	 generated	 against	 a	 histidine-
tagged	 fragment	 of	 UBXD8	 (amino	 acids	 97–445)	 by	 Proteintech	 Group.	 All	 IRDye680-	 and	
IRDye800-conjugated	 secondary	 antibodies	 for	Western	 blotting	were	 obtained	 from	 LI-COR.	
Alexa	 Fluor–conjugated	 secondary	 antibodies	 for	 immunofluorescence	 microscopy	 were	
obtained	from	Thermo	Fisher	Scientific.	
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Reagents	employed	in	this	study	include	triacsin	C	(Enzo	Life	Sciences),	emetine	dihydrochloride	
hydrate	 (Sigma-Aldrich),	 CB-5083	 (Cleave	 Biosciences)208,	 oleate	 (Sigma-Aldrich),	 kifunensine	
(Cayman	Chemical),	deoxynojirimycin	(Sigma-Aldrich),	MG-132	(Selleck	Chemicals),	T863	(Sigma-
Aldrich),	4μ8C	(EMD	Millipore),	GSK2606414	(EMD	Millipore),	tunicamycin	(Cayman	Chemical),	
and	PNGase	F	(New	England	Biolabs).	
	
Cell	culture	and	transfections	
HEK293,	HEK293T,	MEF,	HeLa,	and	U2OS	cells	were	cultured	in	DMEM	containing	4.5	g/l	glucose	
and	 L-glutamine	 (Corning)	 supplemented	 with	 10%	 fetal	 bovine	 serum	 (FBS)	 (Thermo	 Fisher	
Scientific	and	Gemini	Bio	Products)	at	37°C	and	5%	CO2.	293T.FluERAD	cells	stably	expressing	a	
split-Venus	system	for	the	analysis	of	the	dislocation	step	of	ERAD179	were	kindly	provided	by	
Peter	Cresswell	(Yale	University,	New	Haven,	CT).	U2OS	cells	stably	expressing	Venus-DD168	and	
HEK293	 cells	 stably	 expressing	 the	 CHOP::GFP	 reporter	 were	 kindly	 provided	 by	 Ron	 Kopito	
(Stanford	University,	Stanford,	CA).	DGAT2-/-	MEF	cells	were	kindly	provided	by	Robert	Farese,	
Jr.	 (Harvard	 University,	 Cambridge,	 MA).	 All	 plasmid	 transfections	 were	 performed	 using	 X-
tremeGENE	HP	(Roche)	transfection	reagent	according	to	the	manufacturer’s	instructions.	
	
Immunoblotting	analysis	
Cells	were	washed	extensively	in	phosphate-buffered	saline	(PBS)	and	lysed	in	1%	SDS.	Protein	
amounts	 were	 normalized	 using	 a	 bicinchoninic	 acid	 (BCA)	 protein	 assay	 (Thermo	 Fisher	
Scientific).	 Proteins	 were	 separated	 on	 4–20%	 polyacrylamide	 gradient	 gels	 (Bio-Rad)	 and	
transferred	 onto	 low-fluorescence	 polyvinylidene	 fluoride	 or	 nitrocellulose	 membranes	 (Bio-
Rad).	 Large-format	 gel	 electrophoresis	was	 performed	 using	 10%	 acrylamide	 gels	made	with	
acrylamide/bis	19:1.	Membranes	were	incubated	in	5%	nonfat	milk	in	PBS	plus	0.1%	Tween-20	
(PBST)	for	30	min	to	reduce	nonspecific	antibody	binding.	Membranes	were	then	incubated	for	
at	 least	2	h	in	PBST	containing	5%	milk	or	1%	bovine	serum	albumin	(BSA;	Sigma-Aldrich)	and	
primary	 antibodies,	 followed	 by	 incubation	 for	 at	 least	 1	 h	 in	 PBST	 containing	 1%	 BSA	 and	
fluorescence-conjugated	secondary	antibodies.	Immunoblots	were	visualized	on	a	LI-COR	imager	
(LI-COR	Biosciences),	and	ImageJ209	was	used	for	quantification.	
	
Immunofluorescence	microscopy	
HeLa	and	MEF	cells	were	plated	on	poly-L-lysine–coated	coverslips.	Cells	were	treated	the	next	
day,	washed	with	PBS,	and	fixed	at	room	temperature	with	4%	paraformaldehyde	in	PBS	for	10	
min.	Cells	were	washed	three	times	with	PBS	and	permeabilized	with	0.1%	Triton	X-100	plus	1%	
BSA	in	PBS	at	room	temperature	for	30	min.	Cells	were	washed	three	times	with	1%	BSA	in	PBS	
and	incubated	for	2	h	in	primary	antibodies,	washed	three	times,	and	incubated	for	1	h	with	Alexa	
Fluor–conjugated	secondary	antibodies,	BODIPY493/503	(LD	staining;	Thermo	Fisher	Scientific),	
and	4ʹ,6-diamidino-2-phenylindole	 (DAPI;	nuclei	 staining;	Thermo	Fisher	Scientific).	Cells	were	
washed	three	times	and	mounted	using	Fluoromount-G	(SouthernBiotech).	Cells	were	visualized	
using	 a	 DeltaVision	 Elite	 microscope	 and	 acquired	 images	 deconvolved	 and	 analyzed	 using	
SoftWoRx.	 The	 abundance	 of	 LDs	 per	 cell	 was	 determined	 by	 measuring	 the	 area	 of	
BODIPY493/503–stained	LDs	per	cell	using	ImageJ209.	
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Affinity	purifications	
HEK293	cells	were	harvested,	washed	with	PBS,	and	lysed	in	immunoprecipitation	(IP)	buffer	(50	
mM	Tris-HCl,	pH	7.5,	150	mM	NaCl,	1%	digitonin,	and	protease	inhibitor	tablets	[Thermo	Fisher	
Scientific])	at	4°C	for	30	min.	Lysates	were	clarified	by	centrifugation	at	20,000	×	g	for	10	min.	
Protein	concentrations	were	measured	using	 the	BCA	assay.	For	 the	affinity	purification	of	S-
tagged	protein	complexes,	lysates	were	loaded	onto	S-protein	agarose	beads	(EMD	Millipore)	at	
a	concentration	of	25	µl	beads	per	1	mg	of	lysate.	For	endogenous	Hrd1	IPs,	2	mg	of	lysate	was	
incubated	with	anti-Hrd1	antibodies	 for	1	h	and	then	 loaded	onto	25	µl	of	protein	G	agarose	
beads	(EMD	Millipore).	Lysates	were	incubated	with	the	beads	rotating	at	4°C	for	2	h,	washed	
three	times	with	lysis	buffer	containing	0.1%	digitonin,	and	eluted	in	loading	buffer.	
	
Radiolabeling	and	pulse-chase	analysis	
HEK293	 cells	 plated	 on	 poly-L-lysine–coated	 plates	 were	 washed	 twice	 with	 “cold”	medium,	
which	lacked	L-methionine	and	L-cysteine	and	contained	10%	dialyzed	FBS,	and	then	starved	in	
this	medium	for	30	min.	Cells	were	radiolabeled	in	medium	containing	125	µCi/ml	35S-labeled	
cysteine/methionine	(Easytag	Express	Protein	Labeling	Mix	35S;	PerkinElmer)	for	30	min,	washed	
twice	with	Hanks’	buffered	saline	solution,	and	then	chased	in	complete	medium	containing	75	
µM	emetine	for	the	indicated	times.	Cells	were	harvested,	collected	by	centrifugation,	washed	in	
PBS,	and	lysed	in	pulse-chase	IP	buffer	(25	mmol/l	4-(2-hydroxyethyl)-1-piperazineethanesulfonic	
acid	 buffer,	 pH	 7.4,	 150	 mmol/l	 NaCl,	 5	 mmol/l	 MgCl2,	 1%	 3-[(3-
cholamidopropyl)dimethylammonio]-1-propanesulfonate	 detergent,	 and	 protease	 inhibitors).	
Lysates	were	cleared	by	centrifugation	at	20,000	×	g	for	15	min	at	4°C	and	protein	concentrations	
determined	using	the	BCA	assay.	Lysates	were	precleared	with	protein	G	beads	(EMD	Millipore).	
CD147	was	immunoprecipitated	from	lysates	by	incubation	with	anti-CD147	antibody	(8D6;	Santa	
Cruz	biotechnology)	for	4	h	at	4°C	with	mixing,	followed	by	incubation	with	protein	G	beads	(EMD	
Millipore)	for	an	additional	2	h	at	4°C	with	mixing.	Immunoprecipitated	proteins	were	washed	
thrice	with	 the	pulse-chase	 IP	 buffer	 and	 then	 separated	by	 SDS–PAGE.	Gels	were	dried	 and	
exposed	 to	 a	 Storage	 Phosphor	 Screen	 (GE	 Healthcare	 Life	 Sciences)	 for	 16	 h	 at	 room	
temperature.	Radioactive	signals	corresponding	to	CD147(Mat.)	and	CD147(CG)	were	detected	
using	a	Typhoon	9400	Molecular	Imager	(GE	Healthcare	Life	Sciences).	
	
SILAC	mass	spectrometry	
Parental	HEK293	cells	or	HEK293	cells	expressing	S-tagged	Hrd1	were	grown	in	DMEM	lacking	L-
arginine	 and	 L-lysine	 supplemented	 with	 10%	 dialyzed	 FBS	 (Life	 Technologies)	 and	 the	
appropriate	SILAC	amino	acids:	light,	L-arginine	(Arg0)	and	L-lysine	(Lys0);	medium,	13C6-L-arginine	
(Arg6)	and	4,4,5,5-D4-L-lysine	(Lys4);	and	heavy,	13C615N4-L-arginine	(Arg10)	and	13C615N2-L-lysine	
(Lys8).	Cells	were	cultured	for	at	least	seven	cell	doublings	to	allow	for	complete	incorporation	
of	 the	 stable	 isotope-labeled	amino	acids	 (Cambridge	 Isotope	Laboratories).	Parental	HEK293	
control	 cells	 were	 light	 SILAC	 labeled,	 and	 S-tagged	 Hrd1	 cells	 were	
either	medium	or	heavy	labeled.	At	16	h	before	harvest,	the	S-tagged	Hrd1	cells	were	incubated	
with	either	 vehicle	 (medium	 SILAC	 labeled)	or	 1	µg/ml	 triacsin	C	 (heavy	 SILAC	 labeled).	After	
several	washes	in	PBS,	cells	were	lysed	in	IP	buffer,	and	3	mg	of	protein	lysate	was	loaded	onto	
75	µl	of	S-protein	agarose	beads	(EMD	Millipore).	Lysates	were	rotated	at	4°C	for	2	h	and	washed	
three	 times	 with	 IP	 buffer	 containing	 0.1%	 digitonin	 and	 twice	 with	 50	 mM	 ammonium	
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bicarbonate.	 Beads	 were	 resuspended	 in	 75	 µl	 of	 0.2%	 RapiGest	 SF	 (Waters)	 in	 50	 mM	
ammonium	bicarbonate	for	15	min	at	65°C,	followed	by	incubation	with	2.5	µg	of	trypsin	(Thermo	
Fisher	Scientific)	overnight	at	37°C.	The	affinity	purification	for	each	condition	was	performed	
separately	 to	 prevent	 exchange	 of	 interaction	 partners	 during	 the	 incubations.	 After	 the	
proteolysis	step,	equal	volumes	of	digested	peptides	were	combined	and	acidified	with	HCl	to	pH	
2.0.	Rapigest	 SF	precipitate	was	 removed	by	 centrifugation	at	20,000	×	g	 for	30	min	and	 the	
peptide	solution	concentrated	to	40	µl	using	a	SpeedVac.	Digested	peptides	were	analyzed	by	LC-
MS/MS	on	 a	 Thermo	 Scientific	Q	 Exactive	Orbitrap	Mass	 spectrometer	 in	 conjunction	with	 a	
Proxeon	 Easy-nLC	 II	 HPLC	 (Thermo	 Fisher	 Scientific)	 and	 Proxeon	 nanospray	 source	 at	 the	
University	of	California,	Davis,	Proteomics	Core	Facility.	The	digested	peptides	were	loaded	onto	
a	100	μm	×	25	mm	Magic	C18	100-Å	5U	reverse-phase	trap,	where	they	were	desalted	online	
before	being	separated	using	a	75	μm	×	150	mm	Magic	C18	200-Å	3U	reverse-phase	column.	
Peptides	were	eluted	using	a	180-min	gradient	with	a	flow	rate	of	300	nl/min.	An	MS	survey	scan	
was	obtained	for	 the	m/z	 range	300–1600,	and	MS/MS	spectra	were	acquired	using	a	 top	15	
method,	 in	which	the	top	15	 ions	 in	the	MS	spectra	were	subjected	to	high-energy	collisional	
dissociation.	An	isolation	mass	window	of	1.6	m/z	was	used	for	the	precursor	ion	selection,	and	
a	normalized	collision	energy	of	27%	was	used	for	fragmentation.	A	5-s	duration	was	used	for	the	
dynamic	exclusion.	The	acquired	MS/MS	spectra	were	searched	against	a	full	UniProt	database	
of	 human	 protein	 sequences,	 and	 SILAC	 ratios	 were	 determined	 using	MaxQuant.	 The	mass	
spectrometry	proteomics	data	have	been	deposited	to	the	ProteomeXchange	Consortium	via	the	
PRIDE	partner	repository	with	the	data	set	identifier	PXD005633.	
	
Lipidomic	profiling	
HEK293	cells	were	grown	to	70%	confluence	in	a	10-cm	dish	and	treated	for	16	h	with	vehicle	or	
1	µg/ml	triacsin	C.	Cells	were	washed	twice	with	PBS	and	harvested,	and	cell	pellets	were	stored	
at	−80°C.	Lipid	metabolite	extraction	and	analysis	by	SRM-based	LC-MS/MS	was	performed	as	
previously	 described207,210,211.	 Briefly,	 nonpolar	 lipid	 metabolites	 were	 extracted	 in	 2:1:1	
chloroform/methanol/PBS	 supplemented	 with	 internal	 standards	 C12:0	 dodecylglycerol	 (10	
nmol)	and	pentadecanoic	acid	(10	nmol).	The	organic	and	aqueous	layers	were	collected	after	
separation	by	centrifugation	at	1000	×	g	for	5	min.	The	aqueous	layer	was	acidified	by	addition	
of	0.1%	formic	acid	and	subjected	to	a	second	chloroform	extraction.	The	resulting	organic	layers	
were	combined	and	mixed,	dried	down	under	N2,	and	dissolved	in	120	µl	of	chloroform.	A	10-µl	
aliquot	was	analyzed	by	SRM	LC-MS/MS.	Metabolites	were	separated	using	a	Luna	reverse-phase	
C5	column	(Phenomenex),	and	MS	analysis	was	performed	on	an	Agilent	6430	QQQ	LC-MS/MS.	
Quantification	of	metabolites	was	performed	by	integrating	the	area	under	the	peak,	normalized	
to	 internal	 standard	 values,	 adjusted	 based	 on	 external	 standard	 curves,	 and	 expressed	 as	
relative	levels	compared	with	the	control	sample.	
	
XBP1	splicing	assay	
RNA	was	isolated	using	TRIzol	Reagent	(Life	Technologies)	and	cDNA	generated	using	the	High-
Capacity	cDNA	Reverse	Transcription	Kit	(Applied	Biosystems)	according	to	the	manufacturer’s	
directions.	XBP1	was	amplified	using	the	primers	5’-AAACAGAGTAGCAGCTCAGACTGC-3’	and	5’-
TCCTTCTGGGTAGACCTCTGGGAG-3’.	Amplified	products	were	separated	on	a	2.5%	agarose	gel	at	
80	V	for	2	h	and	visualized	using	a	Gel	Doc	imaging	system	(Bio-Rad).	
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Cell	viability	
Cells	 were	 trypsinized,	 pelleted	 by	 centrifugation	 at	 500	 ×	 g	 for	 5	min,	 washed	 in	 PBS,	 and	
resuspended	in	100	µl	of	PBS	containing	2.5	µg/ml	propidium	iodide	(BD	Biosciences).	After	a	5-
min	incubation,	cells	were	diluted	with	PBS	to	a	final	volume	of	1	ml	and	analyzed	using	a	BD	
Biosciences	 LSRFortessa.	 Cell	 suspensions	 were	 stored	 on	 ice	 throughout	 the	 procedure.	
Subsequent	data	analysis	was	performed	using	FlowJo	software.	
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Figure	2-1:	Triacsin	C	inhibits	a	subset	of	ERAD	pathways.	(A)	ERAD	substrate	panel,	indicating	
substrate	 topology	 and	 degradation	 pathway(s).	 Substrates	 are	 indicated	 in	 blue	 and	 ERAD	
components	in	green.	Yellow	triangles	 indicate	N-linked	glycans.	(B)	Triacsin	C	treatment	time	
course.	Triacsin	C	was	added	for	the	indicated	times	(blue	bars)	and	maintained	in	the	medium	
throughout	the	emetine	chase.	(C)	HEK293	cells	were	pretreated	with	1	μg/ml	triacsin	C	for	the	
indicated	times	(as	depicted	in	B),	followed	by	addition	of	75	μM	emetine	for	6	h.	CD147	levels	
were	assessed	by	 immunoblotting	of	SDS	 lysates.	 (D)	The	relative	CD147(CG)	 levels	 in	C	were	
quantified	and	are	presented	as	percentage	of	the	levels	at	time	0	h	(n	=	3).	Asterisk	indicates	
significant	 stabilization	 (p	 <	 0.05).	 (E)	 HEK293	 cells	 were	 pretreated	with	 vehicle	 or	 1	 μg/ml	
triacsin	 C	 for	 16	 h,	 followed	 by	 75	 μM	 emetine	 for	 the	 indicated	 times.	 CD147	 levels	 were	
assessed	 by	 immunoblotting	 of	 SDS	 lysates.	 (F)	 The	 relative	 levels	 of	 CD147(CG)	 in	 E	 were	
quantified	and	are	presented	as	percentage	of	the	 levels	at	time	0	h	(n	=	3).	 (G)	HEK293	cells	
expressing	NHK-GFP	were	pretreated	with	vehicle	or	1	μg/ml	triacsin	C	for	16	h,	followed	by	75	
μM	emetine	for	the	indicated	times.	NHK-GFP	levels	were	assessed	by	immunoblotting	of	SDS	
lysates.	(H)	The	relative	levels	of	NHK-GFP	in	G	were	quantified	and	are	presented	as	percentage	
of	 the	 levels	at	 time	0	h	 (n	=	3).	 (I)	HEK293	cells	expressing	CFTRΔF508	were	pretreated	with	
vehicle	 or	 1	 μg/ml	 triacsin	 C	 for	 16	 h,	 followed	 by	 75	 μM	 emetine	 for	 the	 indicated	 times.	
CFTRΔF508	 levels	 were	 assessed	 by	 immunoblotting	 of	 SDS	 lysates.	 (J)	 The	 relative	 levels	 of	
CFTRΔF508	in	I	were	quantified	and	are	presented	as	percentage	of	the	levels	at	time	0	h	(n	=	4).	
Mat.,	mature;	CG,	core	glycosylated.	Error	bars	indicate	SEM.	 	
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Figure	 2-2:	 Triacsin	 C	 does	 not	 generally	 inhibit	 the	 ubiquitin-proteasome	 system	 or	 protein	
secretion.	(A)	SDS	lysates	from	HEK293	cells	incubated	with	1	μg/ml	triacsin	C	for	16	h	or	10	μM	
MG-132	for	6	h	were	analyzed	by	 immunoblotting.	(B)	U2OS	cells	stably	expressing	Venus-DD	
were	incubated	with	vehicle	or	1	μg/ml	triacsin	C	for	16	h,	followed	by	emetine	treatments	for	
the	indicated	times.	Venus	fluorescence	levels	were	monitored	by	flow	cytometry	and	quantified	
as	the	percentage	of	the	levels	at	time	0	h	(n	=	3).	(C)	HEK293	cells	were	incubated	with	vehicle	
or	1	μg/ml	triacsin	C	for	16	h	and	then	treated	with	75	μM	emetine	for	the	indicated	times.	Where	
indicated,	10	μM	MG-132	was	added	at	the	beginning	of	the	emetine	chase.	The	levels	of	the	
different	 forms	 of	 CD147	were	 assessed	 by	 immunoblotting	 of	 SDS	 lysates.	 (D)	 HEK293	 cells	
expressing	TTR-HA	were	treated	with	vehicle	or	1	μg/ml	triacsin	C	for	16	h.	Cells	were	washed	
with	 PBS,	 and	 the	medium	was	 replaced	with	 serum-free	OPTI-MEM	 containing	 vehicle	 or	 1	
μg/ml	triacsin	C	for	the	remaining	6	h.	Lysates	and	TTR-HA	immunoprecipitated	from	the	media	
were	analyzed	by	immunoblotting.	(E)	The	levels	of	TTR-HA	in	the	media	were	quantified	from	D	
and	are	presented	as	percentage	of	the	levels	in	the	control	sample	(n	=	3).	(F,	G)	The	morphology	
of	the	ER,	anti-KDEL	(green)	and	the	Golgi	complex,	anti-GM130	(green),	 in	HeLa	cells	treated	
with	vehicle	or	1	μg/ml	 triacsin	C	 for	16	h	was	analyzed	by	 immunofluorescence	microscopy.	
Nuclei	were	stained	with	DAPI	(blue).	Scale	bar,	10	μm.	Mat.,	mature;	CG,	core	glycosylated;	-
CHO,	deglycosylated.	Error	bars	indicate	SEM.	
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Figure	2-3:	Triacsin	C	impairs	ERAD	substrate	glycan	trimming.	(A)	HEK293	cells	were	pretreated	
with	vehicle	or	1	μg/ml	triacsin	C	for	16	h,	followed	by	75	μM	emetine	for	the	indicated	times.	
Where	 indicated,	5	μg/ml	kifunensine	and	5	μM	CB-5083	were	added	at	the	beginning	of	the	
emetine	 chase.	 SDS	 lysates	were	 separated	 on	 large-format	 SDS–PAGE	 gels	 and	 analyzed	 by	
immunoblotting	to	visualize	the	different	CD147	glycoforms.	A	darker	exposure	of	the	CD147(CG)	
bands	 is	 provided	 to	 facilitate	 visualization	 of	 the	 different	 trimmed	 glycoforms.	 (B,	 C)	 The	
relative	levels	of	untrimmed	CD147(CG)	(B)	and	trimmed	CD147(CG)	(C)	were	quantified	from	A	
and	are	presented	as	percentage	of	the	levels	at	time	0	h	(n	=	3).	(D)	Lysates	from	cells	treated	
as	 in	 A	 were	 incubated	 with	 PNGase	 F	 as	 indicated	 and	 analyzed	 by	 immunoblotting.	Mat.,	
mature;	CG,	core	glycosylated;	-CHO,	deglycosylated.	Error	bars	indicate	SEM.	
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Figure	2-4:	Triacsin	C	impairs	substrate	delivery	to	and	dislocation	from	the	Hrd1	complex.	(A)	
Two-dimensional	plot	 representing	 the	proteomic	analysis	of	Hrd1-S	 interactors	 from	a	 triple	
SILAC	 experiment.	 The	 ratio	 of	 Hrd1-S/control	 on	 the	 x-axis	 indicates	 the	 strength	 of	 the	
interaction	under	basal	conditions.	The	ratio	of	Hrd1-S	+	triacsin	C/Hrd1-S	on	the	y-axis	indicates	
the	 change	 in	 the	 interaction	 in	 response	 to	 triacsin	 C	 treatment.	 Gray	 filled	 circles	 are	
nonspecific	interactors,	and	blue	filled	circles	are	high-confidence	interactors.	(B)	HEK293	cells	
expressing	an	empty	vector	or	S-tagged	Hrd1	were	pretreated	with	vehicle	or	1	μg/ml	triacsin	C	
for	 16	 h.	 Affinity-purified	 complexes	 were	 analyzed	 by	 immunoblotting	 with	 the	 indicated	
antibodies.	 (C)	 HEK293	 cells	 were	 pretreated	 with	 vehicle	 or	 1	 μg/ml	 triacsin	 C	 for	 16	 h.	
Endogenous	Hrd1	complexes	were	immunoprecipitated	and	analyzed	by	immunoblotting	with	
the	indicated	antibodies.	(D)	The	fold	change	in	Hrd1-associated	CD147(CG)	in	C	was	quantified	
and	 is	 presented	 as	 a	 bar	 graph	 (n	 =	 3).	 (E)	 The	 split-Venus	 dislocation	 assay.	 See	 text	 for	
description.	(F)	293T.FluERAD	cells,	which	stably	express	the	deglycosylation-dependent	Venus	
dislocation	 system,	were	pretreated	with	1	μg/ml	 triacsin	C	 for	16	h,	 followed	by	a	0-	or	6-h	
treatment	with	10	μM	MG-132.	Where	 indicated,	 5	μg/ml	 kifunensine	or	5	μM	CB-5083	was	
added	together	with	10	μM	MG-132	for	0	or	6	h.	Venus	fluorescence	levels	were	quantified	by	
flow	cytometry	and	are	represented	as	the	fold	change	relative	to	the	0	h.	Asterisk	indicates	a	
significant	decrease	in	the	fold	change	in	fluorescence	levels	(p	<	0.05).	AP,	affinity	purification;	
CG,	 core	 glycosylated;	 endo.,	 endogenous;	 IP,	 immunoprecipitation;	 Mat.,	 mature;	 Sprot,	 S-
protein	agarose.	Error	bars	indicate	SEM.	
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Figure	2-5:	Lipid	droplet	biogenesis	is	dispensable	for	CD147	ERAD.	(A)	The	Kennedy	pathway	of	
TAG	synthesis	indicating	the	enzymes	(blue	boxes)	and	metabolites.	Select	additional	pathways	
that	use	acyl-CoA	are	also	depicted.	Approaches	to	disrupt	LD	biogenesis	through	the	inhibition	
of	ACSLs	(triacsin	C)	or	the	DGAT	enzymes	(DGAT1i	and	DGAT2-/-)	are	indicated	in	red.	(B)	DGAT2-
/-	MEFs	were	pretreated	with	1	μg/ml	triacsin	C	or	20	μM	DGAT1i	for	3	h	and	then	incubated	
with	200	μM	oleate	for	0	or	6	h	as	indicated.	Fluorescence	microscopy	was	employed	to	visualize	
LDs	(green)	and	nuclei	(blue).	Scale	bar,	5	μm.	(C)	The	abundance	of	LDs	was	quantified	from	cells	
treated	as	shown	in	B.	Asterisk	indicates	a	significant	increase	in	LD	amount	relative	to	untreated	
cells	(p	<	0.05).	(D)	DGAT2-/-	MEFs	were	pretreated	with	vehicle,	1	μg/ml	triacsin	C,	or	20	μM	
DGAT1i	for	16	h,	followed	by	75	μM	emetine	for	the	indicated	times.	CD147	levels	were	assessed	
by	immunoblotting	of	SDS	lysates.	(E)	The	relative	levels	of	CD147(CG)	in	D	were	quantified	and	
are	 presented	 as	 percentage	 of	 the	 levels	 at	 time	 0	 h	 (n	 =	 3).	 ACSL,	 long-chain	 acyl-CoA	
synthetase;	 AGPAT,	 acylglycerolphosphate	 acyltransferase;	 DAG,	 diacylglycerol;	 DGAT,	
diacylglycerol	acyltransferase;	GPAT,	glycerol-phosphate	acyltransferase;	LPA,	lysophosphatidic	
acid;	PA,	phosphatidic	acid;	PAP,	phosphatidic	acid	phosphatase;	TAG,	triacylglycerol.	Error	bars	
indicate	SEM.	
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Figure	2-6:	Triacsin	C	alters	 the	cellular	 lipid	 landscape.	Targeted	metabolomic	analysis	of	 the	
nonpolar	metabolome	of	cells	treated	with	1	μg/ml	triacsin	C	for	16	h	revealed	alterations	in	71	
lipid	species,	illustrated	as	a	volcano	plot	(A)	and	a	heat	map	organized	by	lipid	class	(B).	Red	text	
in	B	indicates	a	significant	change	(p	<	0.05).	(C–K)	Quantification	showing	the	relative	levels	of	
significantly	altered	 lipids	 (n	=	4	or	5).	*p	<	0.05,	**p	<	0.01.	White	bars,	 vehicle;	black	bars,	
triacsin	 C.	 (L)	 Pathway	 map	 depicting	 the	 general	 effects	 of	 triacsin	 C	 on	 neutral	 lipids	 and	
phospholipids.	 DAG,	 diacylglycerol;	 FFA,	 free	 fatty	 acid;	 MAG,	 monoacylglycerol;	 NAE,	 N-
acylethanolamine;	 PA,	 phosphatidic	 acid;	 PC,	 phosphatidylcholine;	 PE	
phosphatidylethanolamine;	 PG,	 phosphatidylglycerol;	 PI,	 phosphatidylinositol;	 PS,	
phosphatidylserine;	 TAG,	 triacylglycerol.	 “L”	 before	 a	 lipid	 phospholipid	 designation	 indicates	
lyso-;	“e”	after	a	lipid	designation	indicates	an	ether	lipid;	“p”	after	a	lipid	designation	designates	
plasmalogen.	Error	bars	indicate	SEM.	
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Figure	2-7:	Triacsin	C	activates	opposing	arms	of	the	UPR.	(A)	Reverse	transcription	PCR	assay	of	
XBP1	mRNA	 from	HEK293	 cells	 treated	with	1	μg/ml	 triacsin	C	 for	 the	 indicated	 times	 in	 the	
presence	and	absence	of	100	μM	IRE1	inhibitor	4μ8c	(IRE1i).	XBP1	amplicons	were	separated	on	
an	agarose	gel	and	imaged.	XBP1u,	unspliced	XBP1;	XBP1s,	spliced	XBP1.	(B)	Quantification	of	the	
percentage	of	spliced	XBP1	in	A	(n	=	3).	(C)	HEK293	cells	stably	expressing	a	CHOP::GFP	construct	
were	treated	with	vehicle,	1	μg/ml	triacsin	C,	or	5	μg/ml	tunicamycin	as	indicated	and	GFP	levels	
measured	using	flow	cytometry.	The	fold	change	in	GFP	fluorescence	relative	to	time	0	h	is	shown	
(n	=	3).	(D)	HEK293	cells	stably	expressing	a	CHOP::GFP	construct	were	treated	with	vehicle	or	1	
μg/ml	triacsin	C	for	0	and	16	h	in	the	presence	and	absence	of	1	μM	PERK	inhibitor	GSK2606414	
(PERKi).	GFP	levels	were	measured	using	flow	cytometry.	The	fold	change	in	GFP	fluorescence	
relative	to	time	0	h	is	shown	(n	=	3).	(E)	HEK293	cells	were	treated	with	1	μg/ml	triacsin	C	and	
vehicle,	100	μM	IRE1i,	or	1	μM	PERKi	for	the	indicated	times	and	stained	with	propidium	iodide	
to	identify	apoptotic	cells.	The	percentage	of	apoptotic	cells	relative	to	time	0	h	is	shown	(n	=	3).	
(F)	 A	 model	 depicting	 the	 relationship	 between	 fatty	 acid	 metabolism	 and	 ER	 proteostasis.	
Disruptions	 in	 fatty	 acid	metabolism	 result	 in	 lipid	 disequilibrium,	 causing	 impairments	 in	 ER	
quality	control	by	 inhibiting	specific	steps	 in	ERAD	(independent	of	LDs).	The	disruption	 in	ER	
homeostasis	activates	the	UPR,	which	protects	cells	via	the	PERK	pathway	and	eventually	kills	
cells	via	the	IRE1	pathway.	Error	bars	indicate	SEM.	
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Figure	2-S1:	Analysis	of	CD147	maturation	and	NHK	secretion.	(A)	HEK293	cells	were	pretreated	
with	vehicle	or	1	μg/mL	triacsin	C	for	16	hr,	pulse	labeled,	and	samples	collected	at	0	hr	and	6	hr.	
CD147	was	immunoprecipitated,	separated	by	SDS-PAGE,	and	radioactivity	detected	using	a	
Typhoon	9400.	(B)	HEK293	cells	expressing	NHK-GFP	were	treated	with	vehicle	or	1	μg/mL	
triacsin	C	for	16	hr.	Cells	were	washed	with	PBS,	and	the	media	was	replaced	with	serum-free	
OPTI-MEM	containing	vehicle	or	1	μg/mL	triacsin	C	for	the	remaining	6	hr.	Lysates	and	NHKGFP	
immunoprecipitated	from	the	media	were	analyzed	by	immunoblotting.	
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Figure	2-S2:	Proteasome	inhibition	causes	accumulation	of	CD147	in	a	deglycosylated	form.	
HEK293	cells	incubated	with	vehicle	or	10	μM	MG-132	for	6	hr	were	lysed	in	1%	SDS.	Lysates	
were	then	incubated	in	the	presence	and	absence	of	PNGase	F	for	30	min	at	37o	C.	Proteins	were	
separated	by	SDS-PAGE	and	analyzed	by	immunoblotting.	
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Figure	 2-S3:	 Analysis	 of	 glucosidases	 and	 mannosidases	 in	 CD147	 glycan	 trimming	 and	
degradation.	HEK293	cells	were	incubated	with	75	μM	emetine	in	the	presence	and	absence	of	
5	μg/mL	kifunensine	and	50	μM	deoxynojirimycin	as	indicated.	SDS	lysates	were	separated	on	
large	format	SDS-PAGE	gels	and	analyzed	by	immunoblotting	to	visualize	the	different	CD147	
glycoforms.	
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Figure	2-S4:	Triacsin	C	and	DGAT1	reduce	the	amount	of	PLIN2-positive	lipid	droplets.	(A)	DGAT2-
/-	MEFs	were	pretreated	with	1	μg/mL	triacsin	C	or	20	μM	DGAT1i	for	3	hr	and	then	incubated	
with	200	μM	oleate	for	0	hr	or	6	hr	as	indicated.	Cells	were	lysed	in	1%	SDS	and	PLIN2	levels	were	
analyzed	 by	 immunoblotting.	 (B)	 Cells	 were	 treated	 as	 in	 panel	 A	 and	 immunofluorescence	
microscopy	employed	to	visualize	PLIN2	(red),	LDs	(green),	and	nuclei	(blue).	Scale	bar	=	10	μm.	
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Figure	2-S5:	Characterization	of	a	CHOP::GFP	reporter	cell	line.	(A)	Untransfected	HEK293	cells	or	
HEK293	cells	stably	expressing	the	CHOP::GFP	reporter	plasmid	were	incubated	in	the	presence	
or	absence	of	5	μg/mL	tunicamycin	as	indicated.	GFP	levels	were	analyzed	by	immunoblotting.	
(B)	 HEK293	 cells	 stably	 expressing	 a	 CHOP::GFP	 construct	 were	 treated	 with	 increasing	
concentrations	 of	 tunicamycin.	 GFP	 levels	 were	 measured	 using	 flow	 cytometry	 and	 are	
represented	as	a	histogram	normalized	to	the	mode.	 (C)	The	fold	change	 in	GFP	fluorescence	
levels	relative	to	time	0	hr	from	cells	treated	as	in	panel	B	is	shown.	
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Chapter	Three:	A	proximity	labeling	strategy	provides	insights	into	the	
composition	and	dynamics	of	lipid	droplet	proteomes	
	
Contents	in	this	chapter	are	modified	with	permission	from	the	previously	published	research	
article:	
	
Bersuker	K,	Peterson	CWH,	To	M,	Sahl	SJ,	Savikhin	V,	Grossman	EA,	Nomura	DK,	Olzmann	JA.	A	
Proximity	Labeling	Strategy	Provides	Insights	into	the	Composition	and	Dynamics	of	Lipid	
Droplet	Proteomes.	Dev	Cell.	2018	Jan	8;44(1):97-112.e7.	
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Introduction	
	
Lipid	droplets	(LDs)	are	conserved	neutral	 lipid	(e.g.,	triacylglycerol	and	sterols	esters)	storage	
organelles	that	are	present	in	nearly	all	cells125-127.	Although	the	mechanisms	of	LD	biogenesis	
are	not	well	understood,	emerging	data	suggest	that	LDs	are	formed	de	novo	through	deposition	
of	neutral	lipids	between	the	leaflets	of	the	ER,	followed	by	vectorial	budding	of	the	nascent	LD	
from	the	outer	leaflet	of	the	ER	into	the	cytoplasm212.	The	mature	LD	contains	a	neutral	lipid	core	
encircled	 by	 a	 phospholipid	monolayer	 decorated	 with	 integral	 and	 peripheral	 proteins	 that	
regulate	LD	functions34.	LDs	are	lipid	storage	depots	that	can	be	rapidly	accessed	to	provide	cells	
with	 fatty	 acids	 for	 energy	 production,	 membrane	 biosynthesis,	 and	 lipid	 signaling125-127.	 In	
addition,	 LDs	 prevent	 lipotoxicity	 caused	 by	 free	 fatty	 acids	 and	 their	 flux	 into	 toxic	 lipid	
species47,128,213,214.	The	accumulation	of	LDs	 in	non-adipose	tissues	 is	a	pathological	 feature	of	
metabolic	 disease	 such	 as	 obesity,	 diabetes,	 and	 atherosclerosis215,216.	 A	 role	 for	 LDs	 in	 the	
pathogenesis	of	metabolic	diseases	is	further	supported	by	the	identification	of	mutations	in	LD-
associated	proteins	that	cause	familial	lipodystrophies	and	neutral	lipid	storage	diseases215,216.	
	
The	hydrophobic	core	of	LDs	is	an	energetically	unfavorable	environment	for	hydrophilic	protein	
domains.	Thus,	proteins	are	absent	from	the	LD	core	and	are	embedded	within	the	bounding	
phospholipid	 monolayer	 through	 a	 variety	 of	 structural	 motifs,	 including	 hairpin-forming	
hydrophobic	 elements,	 short	 hydrophobic	 regions,	 amphipathic	 helices,	 and	 lipid	 anchors34.	
Proteins	 also	 associate	 peripherally	 with	 LDs	 by	 binding	 to	 proteins	 integrated	 into	 the	 LD	
membrane.	LD	functions	are	intrinsically	connected	to	the	composition	of	the	LD	proteome.	For	
example,	 LD-associated	 acyltransferases	 such	 as	 GPAT4,	 AGPAT3,	 and	 DGAT2	 regulate	 TAG	
synthesis	and	LD	expansion	during	LD	biogenesis217.	Conversely,	LD-associated	lipases	mediate	
TAG	 catabolism	 and	 LD	 degradation218.	 LD	 metabolism	 is	 also	 controlled	 by	 recruitment	 of	
proteins	 to	 LDs	 in	 response	 to	 changes	 in	 cellular	 metabolism;	 e.g.,	 CCT136,	 GPAT4217,	 and	
hormone-sensitive	 lipase	 (HSL)219.	 Defining	 a	 comprehensive	 inventory	 of	 LD	 proteins,	 their	
functions,	and	their	mechanisms	of	regulation	is	paramount	for	understanding	the	role	of	LDs	in	
health	 and	 disease.	 Numerous	 studies	 have	 attempted	 to	 catalog	 the	 LD	 proteome	 through	
proteomic	analysis	of	LD-enriched,	biochemically	isolated	buoyant	fractions.	The	interpretation	
of	 these	 studies	 has	 been	 complicated	 by	 the	 presence	 of	 proteins	 from	 co-fractionating	
organelles	and/or	membrane	fragments.	Common	false	positives	include	ER	and	mitochondrial	
proteins	 whose	 spatial	 segregation	 from	 LDs	 (e.g.,	 proteins	 in	 the	 ER	 lumen)	 or	membrane-
integrated	 motifs	 (e.g.,	 polytopic	 proteins	 integrated	 into	 ER	 and	 mitochondrial	 bilayer	
membranes)	prevent	them	from	accessing	the	LD	monolayer34.	Thus,	accurately	defining	the	LD	
proteome	and	its	mechanisms	of	regulation	remains	an	outstanding	challenge.	
	
The	limitations	associated	with	proteomic	analysis	of	biochemically	purified	organelles	spurred	
the	 development	 of	 proximity	 labeling	 strategies	 to	 define	 organelle	 proteomes220,221.	
Engineered	ascorbate	peroxidase	(APEX),	and	its	more	active	version,	APEX2222,	have	been	used	
to	 map	 the	 proteomes	 of	 the	 mitochondrial	 matrix223,	 intermembrane	 space224,	 and	 outer	
membrane225,	 as	 well	 as	 the	 proteomes	 of	 the	 ER	 outer	 membrane225,	 the	 autophagosome	
lumen226,	and	the	primary	cilium227.	In	the	presence	of	the	APEX2	substrate	biotin-phenol	(also	
known	as	biotin-tyramide),	a	brief	pulse	of	hydrogen	peroxide	(H2O2,	<1	min)	results	in	the	APEX2-
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catalyzed	generation	of	short-lived,	membrane-impermeable	biotin-phenoxyl	radicals	that	form	
covalent	 adducts	 with	 electron-rich	 amino	 acids	 in	 proteins	 located	 within	 a	 10–20	 nm	
radius224,228.	The	 irreversible	conjugation	of	biotin	enables	 the	capture	of	 labeled	proteins	 for	
proteomic	 analysis.	 Labeling	 of	 proteins	 is	 performed	 in	 intact,	 living	 cells,	 thus	 preserving	
organelle	architecture	and	minimizing	post-lysis	artifacts.	
	
In	 this	 study,	APEX2	 targeted	 to	 LDs	 in	 two	 cell	 types	 labeled	 the	 vast	majority	of	previously	
validated	 LD	 proteins	 and	 identified	 proteins	 whose	 localization	 on	 LDs	 was	 not	 previously	
established.	Importantly,	the	high-confidence	LD	proteomes	generated	using	LD-targeted	APEX2	
are	free	of	common	contaminating	proteins.	We	further	demonstrate	the	utility	of	LD-targeted	
APEX2	to	examine	LD	proteome	dynamics	and	discover	that	the	composition	of	the	LD	proteome	
is	 in	 part	 regulated	 by	 ER-associated	 degradation	 (ERAD),	 a	 process	 that	mediates	 ubiquitin-
dependent	protein	quality	and	quantity	control	 in	the	early	secretory	pathway106,229,230.	These	
data	provide	an	 important	LD	proteomics	resource	 (http://dropletproteome.org)	and	reveal	a	
mechanism	that	regulates	the	composition	of	LD	proteomes.	
	
Results	
	
Generation	and	characterization	of	LD-targeted	APEX2	
To	target	APEX2	to	the	LD	membrane,	we	generated	osteosarcoma	(U2OS)	Flp-In	cell	lines	that	
inducibly	express	V5-tagged	APEX2	genetically	 fused	 to	 the	C	 terminus	of	 the	perilipin	 family	
member	PLIN2	(PLIN2-APEX2)	and	a	mutant	version	of	the	lipase	ATGL	(ATGL*-APEX2)	containing	
an	inactivating	S47A	mutation	that	prevents	ATGL-mediated	lipolysis	of	LDs	(Figure	3-1A).	Cells	
expressing	a	cytosolic	version	of	APEX2	(Cyto-APEX2)	were	also	generated	to	control	 for	non-
specific	labeling	of	cytosolic	proteins	by	LD-targeted	APEX2.	Incubation	of	cells	with	doxycycline	
induced	expression	of	the	APEX2	fusions	and	the	addition	of	biotin-phenol/H2O2	increased	the	
levels	 of	 biotinylated	 proteins	 (Figure	 3-1B),	 indicating	 that	 the	 APEX2	 fusion	 proteins	 are	
catalytically	active.	
	
To	confirm	that	the	LD-targeted	APEX2	proteins	are	recruited	to	LDs,	the	localization	of	V5-APEX2	
fusions	was	 determined	 after	 induction	 of	 LD	 biogenesis	with	 oleate.	 Both	 PLIN2-APEX2	 and	
ATGL*-APEX2	decorated	the	periphery	of	LDs	labeled	by	the	fluorescent	fatty	acid	BODIPY-C12-
568,	indicating	that	APEX2	is	recruited	to	the	LD	monolayer	(Figure	3-1C).	In	contrast,	Cyto-APEX2	
was	diffusely	distributed	throughout	the	cytoplasm	and	nucleoplasm	(Figure	3-1C).	Fluorescently	
labeled	streptavidin	stained	the	periphery	of	LDs	in	PLIN2-APEX2	and	ATGL*-APEX2	cells	treated	
with	 biotin-phenol/H2O2	 (Figure	 3-1D),	 but	 not	 in	 the	 Cyto-APEX2	 cells,	 indicating	 that	 LD-
targeted	APEX2	biotinylates	proteins	on	the	LD	surface.	To	further	verify	that	LD-targeted	APEX2	
biotinylates	proteins	on	LDs,	we	analyzed	the	distribution	of	biotinylated	proteins	in	LD-enriched	
buoyant	fractions	isolated	by	sucrose	gradient	centrifugation	(Figures	3-1E	-	3-1G).	PLIN2-APEX2	
and	ATGL*-APEX2	were	not	exclusively	present	 in	 the	buoyant	 fraction	and,	 like	Cyto-APEX2,	
biotinylated	proteins	in	the	cytosolic	fractions	(Figures	3-1E	-	3-1G,	fractions	2–5),	and,	to	a	lesser	
extent,	 proteins	 in	 the	 membrane	 fraction	 (Figures	 3-1E	 –	 3-1G,	 fraction	 P).	 Importantly,	
biotinylated	 proteins	were	 only	 observed	 in	 LD-enriched	 buoyant	 fractions	 isolated	 from	 the	
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PLIN2-APEX2	and	ATGL*-APEX2	cells	(Figures	3-1E	–	3-1G,	fraction	BF).	Together,	these	results	
demonstrate	that	LD-targeted	APEX2	biotinylates	proteins	on	LDs.	
	
Identification	of	a	high-confidence	LD	proteome	
Non-specific	labeling	of	cytosolic	proteins	has	been	reported	in	previous	proteomics	studies	of	
organelles	in	which	APEX2	was	exposed	to	the	cytosol224,225.	This	limitation	can	be	addressed	by	
using	ratiometric	stable	isotope	labeling	with	amino	acids	in	cell	culture	(SILAC)	to	subtract	the	
cytosolic	background224,225.	However,	this	approach	selects	against	proteins	that	localize	to	more	
than	one	cellular	compartment.	Given	that	several	known	LD	proteins	localize	to	LDs/ER	(e.g.,	
UBXD8,	 GPAT4,	 and	 AUP1)	 and	 LDs/cytosol	 (e.g.,	 VCP,	 UBE2G2,	 and	 HSL),	 we	 chose	 to	 use	
subcellular	fractionation	in	lieu	of	SILAC	to	separate	the	biotinylated	proteins	on	LDs	from	those	
present	 in	 the	 cytosol	 and	on	other	 organelles	 (Figure	 3-2A).	 Liquid	 chromatography-tandem	
mass	 spectrometry	was	used	 to	determine	 the	 identity	and	abundance	 (i.e.,	normalized	 total	
spectral	counts)	of	proteins	isolated	by	affinity	purification	and	of	proteins	in	the	total	buoyant	
fraction.	The	proteins	 identified	 in	the	PLIN2-APEX2	samples	 (152	proteins)	and	ATGL*-APEX2	
samples	(192	proteins)	represented	a	small	subset	of	the	proteins	identified	in	the	total	buoyant	
fraction	(1,227	proteins)	(Figures	3-2B	and	3-2C),	but	the	spectral	counts	from	these	two	samples	
were	highly	correlated	(R2	=	0.76991)	(Figure	3-2D).	Fifty-two	proteins	were	also	identified	in	the	
Cyto-APEX2	samples,	accounting	for	non-specific	labeling	by	LD-targeted	APEX2	(Figure	3-2B).	
	
The	buoyant	fraction	contained	44	proteins	that	were	previously	observed	to	localize	to	LDs	by	
microscopy	analyses	of	endogenous	or	tagged	proteins	(Figure	3-2B),	all	of	which	were	labeled	
by	at	 least	one	of	the	LD-targeted	APEX2	proteins	(Figure	3-2B).	The	LD	protein	SPG20231	was	
labeled	by	APEX2,	but	was	not	identified	in	the	buoyant	fraction),	suggesting	that	LD-targeted	
APEX2	can	identify	low-abundance	LD	proteins.	The	relative	abundance	of	biotinylated	proteins	
isolated	from	the	APEX2	lines	was	used	to	compute	a	confidence	score	(CS)	for	each	identified	
protein.	The	CS	accounts	for	protein	abundance,	identification	in	replicate	experiments,	labeling	
by	both	 LD-targeted	APEX2	proteins,	 and	 specificity	 (i.e.,	 absence	or	 low	abundance	 in	Cyto-
APEX2	 control	 samples)	 (see	 the	 STAR	Methods	 for	 details).	 To	 define	 a	 high-confidence	 LD	
proteome,	we	set	a	threshold	CS	value	that	included	>85%	of	previously	validated	LD	proteins,	
yielding	 a	 high-confidence	 proteome	 consisting	 of	 153	 proteins	 (Figure	 3-2B).	 The	 abundant	
proteins	in	the	buoyant	fraction	that	were	not	labeled	by	PLIN2-APEX2	or	ATGL*-APEX2	included	
many	 common	 contaminants	 identified	 in	 previous	 proteomic	 studies,	 including	 ER	 luminal	
proteins	 (disulfide	 isomerases	 PDIA1,	 PDIA3,	 and	 PDIA6),	 chaperones	 (GRP78,	 GRP94,	 and	
SerpinA1),	and	polytopic	ER	membrane	proteins	(CALR,	CANX,	and	VAPA)	(Figures	3-2E	–	3-2G).	
Thus,	the	proximity	labeling	approach	discriminates	between	proteins	on	LDs	and	contaminating	
proteins	in	the	buoyant	fraction.	
	
Gene	ontology-term	analysis	of	high-confidence	LD	proteins	 showed	enrichment	of	pathways	
that	 control	 TAG	metabolism,	 lipid	 biosynthesis,	 and	 sterol	 biosynthesis	 (Figure	 3-2H).	 Other	
pathways	 included	protein	and	vesicle-mediated	 transport,	 small	GTPase	 signaling,	oxidation-
reduction	 processes,	 and	 membrane	 organization	 (Figure	 3-2H).	 To	 visualize	 functional	
relationships	between	LD	proteins,	high-confidence	proteins	were	grouped	 into	modules,	and	
physical	interactions	between	proteins	were	retrieved	from	the	Bio-GRID	database	(Figure	3-3).	
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The	 high-confidence	 LD	 proteome	 contained	 a	 group	 of	 previously	 validated	 LD	 regulatory	
scaffold	proteins	and	TAG	metabolism	enzymes,	including	the	perilipin	family	members	(PLIN2,	
PLIN3,	 and	 PLIN4),	 acyl-coenzyme	 A	 (acyl-CoA)	 synthetases	 (ACSL3	 and	 ACSL4),	 glycerol-3-
phosphate	acyltransferases	 (GPAT3	and	GPAT4),	 lipases	 (PNPLA2,	PNPLA3,	and	LIPE),	and	 the	
PNPLA2	lipase	regulator	(ABHD5,	also	known	as	CGI-58).	Another	group	within	the	metabolism-
related	module	 contained	 several	 enzymes	 from	 the	 cholesterol	 biosynthesis	 (SQLE,	 LSS,	 and	
NSDHL)	 and	 retinol	 metabolism	 (RDH10	 and	 RDH11)	 pathways.	 Proteins	 that	 function	 in	
oxidation-reduction	 reactions	 (AIFM2,	 CYB5R3,	 HSDL1,	 and	 DHRS1)	 were	 also	 identified,	 the	
majority	of	which	have	not	been	validated	as	LD	proteins.	Surprisingly,	half	of	all	human	Rab	
GTPases	were	present	within	the	vesicular	trafficking	module,	several	of	which	(RAB1A,	RAB7A,	
RAB8A,	and	RAB11B)	were	previously	demonstrated	to	have	functional	roles	on	LDs.	This	result	
suggests	 that	 the	 large	 number	 of	 RAB	 GTPases	 identified	 in	 previous	 LD	 proteomics	
studies139,232,233	 are	 present	 on	 LDs.	 Another	 prominent	module	 has	 functions	 related	 to	 the	
ubiquitin	 system	and	 several	of	 these	proteins	 (FAF2,	UBXN4,	AUP1,	UBE2G2,	and	VCP)	 form	
protein	complexes	on	the	ER	membrane	that	function	in	degrading	luminal	and	membrane	ER	
proteins	through	the	ERAD	pathway175,230. The	identification	of	UBE2G2	and	VCP,	which	associate	
with	 LDs	 by	 binding	 to	 their	 membrane-integrated	 adaptors	 AUP1142,143,	 and	 UBXD8144,146,	
respectively,	 demonstrates	 that	 LD-targeted	 APEX2	 can	 identify	 peripherally	 associated	 LD	
proteins.	
	
An	integrated	U2OS	and	Huh7	high-confidence	LD	proteome	
LDs	in	different	cell	types	have	unique	attributes	(e.g.,	differences	in	size,	regulatory	mechanisms,	
or	 lipid	 composition)	 and	 express	 distinct	 LD	 proteins	 that	 specify	 these	 features.	 Liver	 is	 a	
metabolic	organ	that	mediates	the	packaging	and	secretion	of	very	low	density	lipoproteins,	de	
novo	lipogenesis,	and	recycling	of	lipoprotein	remnants234.	The	aberrant	accumulation	of	LDs	in	
the	liver,	or	hepatic	steatosis,	is	a	feature	of	many	metabolic	diseases	and	a	pathogenic	hallmark	
of	infection	by	the	hepatitis	C	virus234.	Thus,	the	differences	between	U2OS	and	liver	cells,	as	well	
as	the	physiological	importance	of	LDs	in	liver	function,	led	us	to	investigate	the	LD	proteome	in	
a	liver-derived	cell	model.	
	
To	map	the	liver	LD	proteome,	we	introduced	the	APEX2	proximity	biotinylation	system	into	the	
Huh7	 human	 hepatocellular	 carcinoma	 cell	 line	 (Figures	 3-S1A	 and	 3-S1B),	 which	 has	 been	
extensively	utilized	to	study	hepatocyte	function.	LDs	were	more	abundant	in	Huh7	than	in	U2OS	
cells,	and	exhibited	a	larger	heterogeneity	in	size	(Figures	3-1C,	3-S1C,	and	3-S1D).	Similiarly	to	
LD-targeted	APEX2	in	U2OS	cells,	PLIN2-APEX2	and	ATGL*-APEX2,	but	not	Cyto-APEX2,	localized	
to	LDs	and	biotinylated	proteins	in	buoyant	fractions	(Figures	3-S1C–3-S1G).	Proteomic	analyses	
identified	 197	biotinylated	proteins	 purified	 from	PLIN2-APEX2	 and	124	biotinylated	proteins	
purified	from	ATGL*-APEX2	cells	among	624	total	proteins	in	the	Huh7	buoyant	fraction	(Figures	
3-S2A	–	3-S2F).	Despite	the	lower	number	of	high-confidence	LD	proteins	identified	in	Huh7	cells,	
all	37	previously	validated	proteins	present	in	the	Huh7	buoyant	fraction	were	labeled	by	at	least	
one	version	of	LD-targeted	APEX2	(Figures	3-S3A	and	3-S3B).	 In	addition,	several	validated	LD	
proteins	(e.g.,	CIDEB	and	MGLL)	that	were	not	identified	in	the	buoyant	fraction	were	labeled	by	
LD-targeted	APEX2	(Figures	3-S3A	and	3-S3B),	further	supporting	the	ability	of	LD-targeted	APEX2	
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to	identify	low-abundance	LD	proteins,	while	avoiding	abundant	contaminants	(e.g.,	CALR,	CANX,	
and	HSPA5)	(Figures	3-S2D	–	3-S2F	and	3-S3C).	
	
When	comparing	the	high-confidence	LD	proteomes	 from	U2OS	and	Huh7	cells,	we	 found	63	
shared	high-confidence	LD	proteins	(Figures	3-S4A	and	3-S4B).	These	proteins	included	9	of	the	
11	new	proteins	validated	in	U2OS	cells	(Figure	3-4).	CIDEB,	which	belongs	to	a	family	of	CIDE	
proteins	that	mediate	LD	fusion235,	was	only	identified	in	Huh7	cells,	consistent	with	the	larger	
LDs	in	this	cell	line.	The	absence	of	other	CIDE	proteins	(CIDEA	and	CIDEC)	indicates	that	CIDEB	is	
the	dominant	member	of	this	protein	family	in	Huh7	cells	and	is	consistent	with	the	expression	
pattern	of	CIDE	family	genes	in	mouse	tissues	(Figure	3-S4C).	Interestingly,	we	identified	SQSTM1	
(also	known	as	p62)	as	a	Huh7-specific	LD	protein.	p62	mediates	selective	autophagy	by	binding	
ubiquitin-conjugated	cargo	through	its	ubiquitin-associated	(UBA)	domain	and	autophagosome	
membranes	conjugated	to	LC3	through	its	LC3-interacting	region	(LIR)	motifs81,	thus	physically	
linking	cargo	to	autophagic	machinery.	Since	LDs	in	Huh7	cells	and	mouse	liver	are	degraded	by	
a	selective	autophagy	pathway	known	as	lipophagy93,236,	our	data	raise	the	possibility	that	p62	
may	be	an	adapter	that	targets	LDs	for	degradation	by	lipophagy.	
	
p62	is	required	for	successful	lipophagy	in	hepatocytes	
To	 further	 explore	 the	 requirement	 of	 p62	 in	 hepatic	 lipophagy,	 we	 initially	 confirmed	 the	
reliance	of	Huh7	cells	on	increased	lipophagic	induction	as	a	response	to	prolonged	starvation,	
as	has	previously	been	reported236.	Indeed,	a	significant	reduction	in	both	number	and	size	of	LDs	
was	observed	by	fluorescence	microscopy	following	a	48-h	serum	starve,	and	this	response	was	
blocked	 by	 co-treatment	 with	 the	 upstream	 autophagy	 inhibitor	 3-methyladenine	 (3-MA)	
indicating	that	the	reduction	in	LDs	is	due	to	increased	lipophagy	(Figure	3-5A	–	3-5C).	To	test	
whether	 lipophagy	 is	 mediated	 by	 p62,	 we	 established	 clonal	 populations	 in	 which	 the	
CRISPR/Cas9	method	was	 utilized	 to	 remove	 SQSTM1	 (the	 gene	 encoding	 for	 p62)	 from	 the	
genome	and	subjected	these	cells	to	similar	prolonged	starvation.	We	found	that	in	the	absence	
of	 p62,	 cells	were	no	 longer	 able	 to	upregulate	 LD	 turnover	 in	 response	 to	 serum	 starvation	
(Figure	3-5D	–	Figure	3-5F).	Importantly,	when	the	p62	variant	mCherry-p62-HA	was	reintroduced	
to	cells,	they	once	again	regained	the	capacity	to	induce	a	lipophagic	response	in	the	presence	of	
prolonged	starvation,	as	evidenced	by	a	similar	decrease	in	LD	number	and	size	as	was	seen	in	
wild	type	cells	(Figure	3-5G	–	3-FI).	Together	these	results	confirm	the	role	of	p62	as	a	UBA-LIR	
containing	adapter	protein	required	for	selective	LD	autophagy	in	hepatocytes.	
	
Discussion	
	
LDs	are	regulators	of	lipid	and	energy	metabolism	that	are	central	to	the	pathogenesis	of	human	
metabolic	 diseases.	 Attempts	 to	 define	 the	 LD	 proteome	 through	 proteomic	 analysis	 of	
biochemically	isolated	buoyant	fractions	have	been	plagued	by	the	presence	of	contaminating	
proteins.	Recent	studies	combined	fractionation	of	LDs	with	protein	correlation	profiling	to	yield	
more	specific	LD	proteomes	in	Drosophila	S2	cells237	and	yeast238,	but	potentially	failed	to	detect	
proteins	that	localize	to	multiple	cellular	compartments.	Refined	fractionation	approaches	have	
further	increased	the	purity	of	LD	preparations,	but	have	been	unable	to	completely	separate	
LDs	from	other	associated	organelles239.	Thus,	the	inability	to	accurately	define	LD	proteomes	
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has	remained	an	obstacle	to	understanding	the	role	of	LD-associated	proteins	in	LD	biology.	In	
this	 study,	 we	 implemented	 a	 proximity	 labeling	 strategy	 to	 generate	 high-confidence	 LD	
proteomic	maps	in	two	human	cell	lines	and	established	the	utility	of	this	approach	to	study	LD	
proteome	dynamics.	
	
Our	 results	 indicate	 that	 proximity	 labeling	 proteomics	 identifies	 a	 complete	 and	 specific	 LD	
proteome.	 LD-targeted	 APEX2	 labeled	 all	 proteins	 in	 the	 total	 buoyant	 faction	 that	 were	
previously	shown	to	localize	to	LDs,	and	identified	previously	validated	LD	proteins	(e.g.,	SPG20,	
CIDEB,	and	MGLL)	that	were	not	detected	in	the	LD-enriched	buoyant	fraction.	The	method	also	
identified	a	significant	number	of	new	proteins	on	LDs,	many	of	which	were	identified	in	both	
U2OS	and	Huh7	cells.	These	proteins	may	constitute	functionally	important	LD	machinery	and	
therefore	 warrant	 further	 investigation.	 Importantly,	 LD-targeted	 APEX2	 effectively	 excluded	
abundant	non-LD	proteins	that	are	frequently	identified	in	LD	proteomic	studies	and	comprise	
the	vast	majority	of	proteins	present	in	buoyant	fractions.	
	
Some	 limitations	have	been	ascribed	 to	proximity	 labeling	approaches.	For	example,	proteins	
that	are	buried	within	macromolecular	complexes	may	not	be	accessible	for	labeling.	While	this	
may	be	a	limitation	in	our	study,	LD-targeted	APEX2	fusions	labeled	all	known	LD	proteins	in	the	
buoyant	 fraction,	 suggesting	 that	APEX2	 labeling	achieves	high	coverage	of	 the	LD	proteome.	
Recent	APEX2	studies	using	ratiometric	SILAC	to	subtract	cytosolic	background	labeling	reported	
that	 some	proteins	 that	 localize	 to	more	 than	one	cellular	compartment	may	be	 filtered	out,	
contributing	 to	 the	 incomplete	 coverage	of	 organelle	 proteomes:	 53%	 coverage	of	 the	 outer	
mitochondrial	membrane	proteome225,	44%	coverage	of	the	outer	ER	membrane	proteome225,	
and	 67%	 coverage	 of	 the	 mitochondrial	 intermembrane	 space	 proteome224.	 In	 light	 of	 this	
limitation,	we	used	a	subcellular	fractionation	step	to	isolate	LD	proteins	from	labeled	cytosolic	
proteins.	Although	it	remains	possible	that	some	peripherally	associated	LD	proteins	were	lost	
during	the	fractionation	procedure,	we	successfully	identified	peripheral	proteins	that	are	known	
to	 have	 both	 LD	 and	 cytosolic	 localization	 (e.g.,	 VCP146,240,241,	 HSL219,242,	 and	 UBE2G2142,143).	
Together,	these	findings	establish	the	utility	of	proximity	labeling	in	investigating	LD	proteome	
dynamics	and	provide	a	foundation	for	future	studies	that	will	investigate	how	the	LD	proteome	
is	remodeled	in	response	to	metabolic	signals	in	diverse	models	of	cellular	metabolism.	
	
Materials	and	methods	
	
Cell	Culture	
U2OS,	 Huh7,	 and	 HEK293	 cells	 were	 cultured	 in	 DMEM	 containing	 4.5	 g/L	 glucose	 and	 L-
glutamine	(Corning)	supplemented	with	10%	fetal	bovine	serum	(FBS,	Thermo	Fisher	Scientific	
and	Gemini	Bio	Products)	at	37°C	with	5%	CO2.	
	
Huh7	TetR	expression	lines	were	generated	by	infection	with	pLenti	CMV	TetR	Blast	virus	(716-
1)	(Addgene	plasmid	#17492)	and	treatment	with	8	μg/mL	polybrene	followed	by	selection	in	
media	containing	4	μg/mL	blasticidin.	Huh7	TetR	cells	were	subsequently	 infected	with	pLenti	
CMV/TO	 Puro	 DEST	 virus	 (670-1)	 (Addgene	 plasmid	 #17293)	 containing	 V5-APEX2	 fusion	
constructs	and	expressing	cells	were	selected	in	media	containing	2	μg/mL	puromycin.	Huh7	null	
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cell	line	was	generated	using	CRISPR/Cas9	technology	by	transfection	with	pSpCas9(BB)-2A-Puro	
(PX459)243,	a	gift	from	Feng	Zhang	(Addgene	plasmid	#	48139),	followed	by	selection	in	1	ug/mL	
puromycin	and	isolation	of	individual	clones	by	limited	dilution.	
	
Plasmids	
ATGL*-V5-APEX2	and	PLIN2-V5-APEX2	were	generated	by	insertion	of	ATGL*	and	PLIN2	between	
the	NotI	and	BamHI	sites	in	pcDNA3.1+	followed	by	insertion	of	V5-APEX2	between	downstream	
BamHI	and	XhoI	sites.	V5-APEX2	was	amplified	by	PCR	from	Mito-APEX2,	a	gift	from	Dr.	Alice	Ting	
(Stanford	 University).	 The	 resulting	 V5-APEX2	 fusion	 constructs	 were	 cloned	 into	
pcDNA5/FRT/TO	using	polymerase	incomplete	primer	extension	(PIPE)244.	Lentiviral	constructs	
were	generated	by	insertion	of	V5-APEX2	constructs	between	the	NotI	and	XhoI	sites	in	pLenti	
CMV/TO	Puro	DEST.	
	
CRISPR	 guide	 RNA	 (sgRNA)	 sequence	 targeting	 p62	 was	 designed	 using	 the	 online-available	
CRISPR	 design	 tool	 developed	 by	 the	 Zhang	 laboratory	 (http://crispr.mit.edu/).	 The	 seed	
sequence	 preceding	 the	 protospacer	 motif	 was:	 p62	 guide	 1,	 5ʹ	
CACCGACCGTGAAGGCCTACCTTCT	 3ʹ.	 Nucleotides	 in	 italics	 show	 the	 overhangs	 necessary	 for	
incorporation	into	the	BbsI	restriction	site	of	PX459	vector.	
	
Reagents	used	 in	 this	 study	 include:	doxycycline	 (Sigma),	emetine	 (Sigma),	oleic	acid	 (Sigma),	
CB5083247	(Cleave	Biosciences),	MLN-7243	(AOBIOUS,	 Inc.),	biotin-phenol	(Iris	Biotech	GmbH),	
puromycin	(Invitrogen),	hygromycin	(Invitrogen),	and	MG132	(Enzo	Life	Sciences).	
	
Immunoblotting	
Cells	were	washed	in	PBS,	lysed	in	1%	SDS,	sonicated	for	10-30	sec,	and	boiled	for	5	min	at	100°C.	
Protein	 concentrations	 were	 determined	 using	 the	 bicinchoninic	 acid	 (BCA)	 protein	 assay	
(Thermo	 Fisher	 Scientific),	 and	 equal	 amounts	 of	 protein	 by	weight	 were	 combined	with	 1X	
Laemmli	buffer,	separated	on	4-20%	polyacrylamide	gradient	gels	(Bio-Rad	Laboratories,	 Inc.),	
and	transferred	onto	low	fluorescence	PVDF	or	nitrocellulose	membranes	(Bio-Rad	Laboratories,	
Inc.).	Membranes	were	washed	in	PBS	with	0.1%	Tween-20	(PBST)	and	blocked	in	PBST	containing	
5%	(wt/vol)	dried	milk	for	30	min.	Membranes	were	incubated	for	2-24	hr	in	PBST	containing	5%	
bovine	serum	albumin	(BSA)	(Sigma	Aldrich)	and	primary	antibodies.	After	washing	with	PBST,	
membranes	were	 incubated	with	fluorescent	secondary	antibodies	diluted	 in	5%	BSA/PBST	at	
room	 temperature	 for	 30-60	min.	 All	 immunoblots	were	 imaged	 on	 a	 LI-COR	 imager	 (LI-COR	
Biosciences).	
	
The	 following	blotting	 reagents	 and	antibodies	were	used:	 anti-V5	 tag	 (Invitrogen),	 anti-Plin2	
(Abgent),	anti-α-tubulin	(Cell	Signaling	Technology,	Inc.),	anti-GAPDH	(EMD	Millipore),	IRDye800	
conjugated	streptavidin	(LI-COR	Biosciences),	anti-rabbit	IRDye800	conjugated	secondary	(LI-COR	
Biosciences),	anti-mouse	Alexa	Fluor	680	conjugated	secondary	(Invitrogen).	
	
Fluorescence	Microscopy	
For	 fluorescence	 microscopy	 of	 fixed	 cells,	 cells	 grown	 on	 coverslips	 were	 incubated	 in	 the	
presence	 of	 200	 μM	oleate	 for	 24	 hr.	 Cells	were	washed	 3X	 in	 PBS,	 fixed	 for	 15	min	 in	 PBS	
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containing	4%	(wt/vol)	paraformaldehyde,	and	washed	3X	with	PBS.	Cells	were	permeabilized	
and	blocked	for	15	min	with	1%	BSA/PBS	containing	0.01%	digitonin	(prior	to	staining	LDs)	or	for	
5	min	with	1%	BSA/PBS	containing	0.1%	Triton-X100	(prior	to	staining	ER)	followed	by	blocking	
in	1%	BSA/PBS	 for	15	min.	Cells	were	washed	3X	with	1%	BSA/PBS	and	 incubated	 in	primary	
antibody	 for	 2	 hr	 at	 RT.	 Cells	 were	 washed	 3X	 and	 incubated	 for	 1	 hr	 in	 blocking	 solution	
containing	anti-rabbit	or	anti-mouse	secondary	antibodies	conjugated	to	Alexa	Fluor	488	or	594,	
or	in	solution	containing	streptavidin-568	(Thermo	Fisher	Scientific).	Droplets	were	stained	with	
10	ug/ml	BODIPY	493/503	(Thermo	Fisher	Scientific)	that	was	added	to	the	secondary	antibody	
solution.	 Cells	 were	 subsequently	 washed	 3X	 and	 mounted	 using	 Fluoromount	 G	 (Southern	
Biotech).	
	
For	live-cell	microscopy,	cells	were	grown	in	4-well	or	8-well	Lab-Tek	II	Chambered	Coverglass	
(Thermo	Fisher	Scientific).	To	image	LDs,	cells	were	incubated	for	24	hr	with	200	μM	oleate	and	
1	μM	Bodipy-C12-568	(Thermo	Fisher	Scientific)	or	incubated	with	100	μM	AUTOdot	(Abgent).	
Cells	were	imaged	using	a	Deltavision	Elite	widefield	epifluoresence	deconvolution	microscope	
(GE	Healthcare)	equipped	with	a	60×	oil	immersion	objective	(Olympus)	using	DAPI,	FITC,	Tx-Red	
and	Cy5	filters.	For	live-cell	microscopy,	cells	were	imaged	in	an	enclosure	heated	to	37°C	and	
exposed	 to	 continuous	 perfusion	 of	 a	 gas	 mixture	 containing	 5%	 CO2,	 21%	 O2	 and	 74%	
N2	 (BioBlend,	Praxair).	 Images	were	analyzed	using	 ImageJ	 (http://imagej.nih.gov/ij/)	 and	 line	
scan	intensities	were	generated	using	softWoRx	(GE	Healthcare	Life	Sciences).	
	
LD	Proteome	Labeling	and	LD	Isolation	
For	each	APEX2	cell	line,	18	15-cm	plates	of	cells	were	treated	with	5-10	ng/uL	doxycycline	for	48	
h	followed	by	incubation	in	200	μM	oleate	and	7	μM	Hemin	for	24	hr.	Cells	were	subsequently	
treated	with	500	μM	biotin-phenol	for	45	min.	Prior	to	harvesting,	biotinylation	of	proteins	was	
catalyzed	by	addition	of	1	μM	H2O2	for	1	min,	and	the	reaction	was	quenched	by	washing	cells	2X	
with	PBS	containing	10	mM	sodium	ascorbate	and	5	mM	Trolox.	Cells	were	harvested	 in	PBS,	
centrifuged	for	10	min	at	500	×	g,	and	cell	pellets	were	incubated	for	10	min	in	cold	hypotonic	
lysis	medium	(HLM,	20	mM	Tris-HCl	pH	7.4	and	1	mM	EDTA)	containing	Mini	EDTA-free	Protease	
Inhibitor	Cocktail	(Sigma-Aldrich).	Cells	were	dounced	80X	strokes	in	a	7	mL	dounce	and	lysates	
were	centrifuged	at	1000	×	g	for	10	min.	The	supernatant	was	subsequently	transferred	to	Ultra-
Clear	 ultracentrifuge	 tubes	 (Beckman-Coulter),	 diluted	 to	 a	 final	 concentration	 of	 20%	
sucrose/HLM,	 and	 overlaid	 by	 4	mL	 of	 5%	 sucrose/HLM	 followed	 by	 4	mL	 of	 HLM.	 Overlaid	
samples	were	centrifuged	for	30	min	at	15,000	×	g	in	an	ultracentrifuge	using	an	SW41	swinging	
bucket	rotor	(Beckman-Coulter).	Buoyant	fractions	were	isolated	using	a	tube	cutter	(Beckman-
Coulter),	 additional	 fractions	 were	 pipetted	 from	 the	 top	 of	 the	 sucrose	 gradient	 in	 1	 mL	
increments	and	pellets	were	resuspended	in	1	mL	HLM.	100	μL	of	10%	SDS	was	added	to	each	
fraction,	 yielding	 a	 final	 concentration	 of	 1%	 SDS.	 Samples	 were	 then	 sonicated	 for	 15	 sec.	
Buoyant	 fractions	were	additionally	 incubated	at	37°C	 for	1	hr	with	 sonication	every	20	min,	
followed	by	a	final	incubation	for	10	min	at	65°C.	
	
Proteomic	Analysis	of	LD	Proteins	
For	isolation	of	biotinylated	proteins	from	U2OS	cells,	buoyant	fractions	containing	1%	SDS	were	
diluted	 with	 PBS/0.1%	 Tween-20	 (PBST)	 to	 a	 final	 concentration	 of	 0.1%	 SDS.	 0.4	 mL	 of	
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streptavidin-conjugated	agarose	bead	slurry	(Thermo	Fisher	Scientific)	was	washed	3X	with	PBST	
and	 added	 to	 the	 diluted	buoyant	 fractions	 for	 4	 hr	 at	 RT	with	 constant	mixing.	 Beads	were	
centrifuged	at	2000	×	g	and	washed	5X	with	PBST,	followed	by	3X	washes	with	PBS	and	3X	washes	
with	50	mM	ammonium	bicarbonate.	The	beads	were	resuspended	in	one	bead	volume	of	50	
mM	ammonium	bicarbonate	containing	0.02%	Rapigest	 (Waters)	 (w/v),	heated	at	65°C	for	15	
min	and	bound	proteins	were	digested	O/N	at	37°C	with	1	μg	mass	spectrometry	grade	trypsin	
(Promega).	After	protein	digestion,	beads	were	removed	and	the	supernatant	was	acidified	to	
pH	<	2	by	addition	of	500	mM	HCl	and	incubation	at	RT	for	45	min.	All	precipitated	material	was	
removed	by	centrifugation	at	20,000	×	g	for	15	min.	Peptides	were	dried	down	to	a	final	volume	
of	15-20	μl	in	a	vacuum	centrifuge.	
	
For	isolation	of	biotinylated	proteins	from	Huh7	cells,	an	in-gel	digestion	protocol	was	used	to	
minimize	 contamination	 of	 samples	 with	 streptavidin	 from	 the	 beads.	 Buoyant	 fractions	
containing	1%	SDS	were	diluted	with	HLM	buffer	to	a	final	concentration	of	0.1%	SDS.	0.2	mL	of	
streptavidin-conjugated	agarose	bead	slurry	(Thermo	Fisher	Scientific)	was	washed	3X	with	PBST	
and	1X	with	HLM	buffer	and	added	to	the	diluted	buoyant	fractions	for	4	hr	at	RT	with	constant	
mixing.	Beads	were	centrifuged	at	2000	×	g	and	washed	5X	with	PBST,	followed	by	3X	washes	
with	PBS.	Proteins	were	eluted	with	2%	SDS	+	3	mM	biotin	by	incubating	at	RT	for	15	min	with	
constant	mixing	followed	by	heating	at	95°C	for	15	min.	The	eluted	proteins	were	mixed	with	1X	
Laemmli	 buffer	 and	 run	 into	 a	 mini-PROTEAN	 TGX	 4-20%	 polyacrylamide	 gel	 (Bio-Rad),	 and	
proteins	were	digested	in-gel	overnight	with	0.5	μg	trypsin	in	5%	acetonitrile/5	mM	ammonium	
bicarbonate.	Digested	peptides	were	extracted	by	addition	of	5%	formic	acid	in	acetonitrile	and	
incubation	at	37°C	for	15	min	with	constant	agitation.	The	resulting	supernatant	was	dried	down	
to	a	final	volume	of	15-20	μL	in	a	vacuum	centrifuge.	
	
Total	proteins	from	U2OS	and	Huh7	buoyant	fractions	were	isolated	by	dilution	of	fractions	to	a	
final	volume	of	1%	SDS	and	addition	of	trichloroacetic	acid	(TCA)	to	a	final	concentration	of	15%.	
Precipitated	proteins	were	pelleted	by	centrifuging	at	20,000	×	g	for	30	min	at	4°C,	washed	twice	
with	cold	acetone	and	resuspended	in	0.02%	Rapigest.	
	
1	μg	of	peptides	was	analyzed	by	LC-MS/MS	on	a	Thermo	Scientific	Q	Exactive	Orbitrap	Mass	
spectrometer	connected	to	a	Proxeon	Easy-nLC	II	HPLC	(Thermo	Fisher	Scientific)	and	Proxeon	
nanospray	source	at	the	University	of	California,	Davis	Proteomics	Core	Facility.	Peptide	identity	
and	MS/MS	counts	were	determined	by	analyzing	RAW	output	files	in	MaxQuant	(Max	Planck	
Institute	of	Biochemistry)	using	the	reviewed	human	protein	database	obtained	from	UniProt.	
Variable	modifications	were	set	to	include	N-terminal	acetylation	and	oxidation.	The	FDR	was	set	
to	1%	and	minimum	peptide	length	was	set	to	6	amino	acids.	All	proteomic	data	files	are	available	
through	the	PRoteomics	IDEntifications	(PRIDE)	database	(Project	PXD007695).	
	
	
Bioinformatic	Characterization	of	the	LD	Proteome	
A	LD	confidence	score	was	calculated	using	the	equations	depicted	in	Figure	3-S5.	This	algorithm	
accounts	for	protein	abundance	(i.e.	SAF),	replication	in	multiple	experiments	with	different	LD-
targeted	 APEX2	 fusion	 proteins,	 and	 specificity	 (i.e.	 absence	 from	 Cyto-APEX2	 samples).	 The	
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confidence	score	is	equal	to	the	sum	of	the	SAF	of	a	protein	identified	in	the	LD-targeted	APEX2	
samples	 (PLIN2	 or	 ATGL*)	 minus	 the	 SAF	 in	 the	 corresponding	 Cyto-APEX2	 control	 sample,	
multiplied	 by	 the	 number	 of	 times	 the	 protein	 was	 identified	 in	 the	 LD-targeted	 APEX2	
experimental	replicates.	Thus,	proteins	that	are	detected	with	high	numbers	of	spectral	counts	
in	 multiple	 LD-targeted	 APEX2	 samples	 and	 are	 not	 detected	 in	 the	 Cyto-APEX2	 sample	 are	
assigned	 a	 high	 LD	 confidence	 score.	 Proteins	 that	 have	 low	 spectral	 counts	 or	 have	 high	
abundance	 in	 the	Cyto-APEX2	 sample	 are	 assigned	a	 low	 LD	 confidence	 score.	 The	 threshold	
value	CST	was	manually	determined	to	include	the	largest	number	of	validated	proteins	while	
excluding	 likely	 contaminant	proteins.	Ultimately,	 the	 threshold	 is	 not	 a	 definitive	 cutoff	 and	
validated	LD	proteins	are	detected	below	the	threshold,	but	with	reduced	likelihood.	
	
Heatmaps	were	 generated	 using	Multiple	 Experiment	 Viewer	 Version	 10.2.	 To	 represent	 the	
proteomics	data	on	a	heatmap	for	comparison	we	used	a	normalized	SAF	(NSAF)	to	account	for	
the	difference	in	protein	abundance	between	the	different	samples.	The	NSAF	was	calculated	by	
dividing	the	SAF	by	the	average	SAF	in	the	sample	(Figure	3-S5).	
	
GO	analysis	of	high	confidence	LD	proteomes	was	performed	using	the	Database	for	Annotation,	
Visualization	 and	 Integrated	 Discovery	 (DAVID)	 v6.8248.	 GO	 terms	 were	 then	 summarized,	
simplified,	and	visualized	by	analyzing	the	GO	terms	and	the	Benjamini	corrected	P-values	using	
REVIGO249.	 GO	 networks	 were	 downloaded	 from	 REVIGO	 and	 the	 final	 GO	 networks	 were	
generated	using	cytoscape250.	
	
QUANTIFICATION	AND	STATISTICAL	ANALYSIS	
	
Quantification	of	LDs	
To	quantify	LD	size	distributions,	cells	were	treated	with	200	μM	oleate	for	24	hr	or	treated	with	
200	 μM	 oleate	 for	 24	 hr	 and	 then	 starved	 in	 glucose-free	 DMEM	 (Life	 Technologies)	
supplemented	with	 10%	 FBS	 and	 1X	 glutamate	 (Life	 Technologies)	 for	 16	 hr.	 Live	 cells	 were	
stained	with	BODIPY	493/503	and	Hoechst,	and	>100	positions	were	automatically	acquired	in	a	
grid	pattern	for	each	experimental	condition	using	a	60×	objective.	The	resulting	BODIPY	493/503	
images	were	loaded	into	a	custom	package	written	in	MATLAB	(MathWorks)	that	uses	a	built-in	
algorithm	to	detect	circular	objects	(LDs),	a	recursive	segmentation	algorithm	to	quantify	nuclei	
number	and	a	data	analyzer	to	bin,	normalize	and	compile	the	data	of	LD	size	distributions	into	
histograms.	All	histograms	were	normalized	by	the	number	of	nuclei	to	determine	mean	LD	size	
distribution	 per	 cell.	 The	 MATLAB	 programs	 and	 supporting	 documentation	 can	 be	 found	
at	http://dropletproteome.org.	
	
Quantification	of	Immunoblotting	
All	immunoblots	were	visualized	using	a	LI-COR	imager	(LI-COR	Biosciences).	Band	density	was	
quantified	using	ImageJ	software	and	the	mean	±	SEM	was	determined	from	three	independent	
experiments.	
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Figure	3-1:	Lipid	Droplet-Targeted	APEX2	Biotinylates	Proteins	on	Lipid	Droplets.	(A)	Illustration	
of	the	proximity	labeling	strategy	to	identify	lipid	droplets	(LD)	proteins.	Cells	stably	expressing	
ATGL*-V5-APEX2,	PLIN2-V5-APEX2,	or	Cyto-V5-APEX2	are	treated	with	doxycycline	(dox)	for	48	
hr	to	induce	expression	of	LD-targeted	or	cytosolic	APEX2	proteins,	and	then	treated	with	oleate	
for	24	hr	to	induce	formation	of	LDs.	LD-targeted	APEX2	covalently	modifies	proximal	LD	proteins	
with	biotin	upon	addition	of	biotin-phenol	and	hydrogen	peroxide	(H2O2).	Biotinylated	proteins	
are	 subsequently	 affinity	 purified	 and	 identified	 by	mass	 spectrometry.	 (B)	 U2OS	 cells	 stably	
expressing	cytosolic	or	 LD-targeted	APEX2	were	 treated	with	0–100	ng/mL	dox	 for	48	hr	and	
biotin-phenol/H2O2.	Total	proteins	from	lysed	cells	were	separated	by	SDS-PAGE	and	analyzed	by	
blotting	with	 fluorescently	 labeled	streptavidin	and	antibodies	against	 the	V5	epitope	tag.	 (C)	
U2OS	cells	stably	expressing	cytosolic	or	LD-targeted	APEX2	were	treated	with	200	μM	oleate	
and	1	μM	BODIPY-C12-568	for	24	hr	to	induce	formation	of	BODIPY-C12-568-positive	LDs	(red).	
Cells	were	 imaged	by	 fluorescence	microscopy	and	 the	APEX2	 fusion	proteins	were	detected	
using	antibodies	against	the	V5	epitope	tag	(green).	Magnified	insets	show	cellular	regions	with	
LDs.	Scale	bars	represent	10	μm.	(D)	U2OS	cells	stably	expressing	cytosolic	or	LD-targeted	APEX2	
incubated	with	200	μM	oleate	for	24	hr	were	treated	with	biotin-phenol/H2O2	and	imaged	by	
fluorescence	microscopy	using	fluorescent	streptavidin-568	(red)	and	antibodies	against	the	V5-
epitope	tag	(green).	Scale	bars	represent	10	μm.	(E–G)	Lysates	from	U2OS	cells	stably	expressing	
LD-targeted	or	cytosolic	APEX2	were	fractionated	by	sucrose	gradient	centrifugation.	Proteins	in	
individual	 fractions	 were	 separated	 by	 SDS-PAGE	 and	 analyzed	 by	 blotting	 with	 fluorescent	
streptavidin-568	and	antibodies	against	the	V5	epitope	tag.	
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Figure	3-2:	Proteomic	Analysis	of	Biotinylated	LD	Proteins.	(A)	Illustration	depicting	the	two-step	
strategy	 to	 identify	 biotinylated	 LD	 proteins.	 Following	 the	 induction	 of	 biotinylation	 in	 cells	
stably	expressing	cytosolic	or	LD-targeted	APEX2,	LD-enriched	buoyant	fractions	are	isolated	by	
sucrose	 gradient	 centrifugation.	 Biotinylated	 proteins	 are	 then	 affinity	 purified	 from	buoyant	
fractions	using	streptavidin-conjugated	beads	and	identified	by	mass	spectrometry.	(B)	Proteins	
identified	in	total	buoyant	fraction	and	in	streptavidin	affinity	purifications	from	the	indicated	
APEX2	 cell	 lines	 were	 ranked	 by	 descending	 LD	 confidence	 score	 (CSN).	 Data	 from	 two	
independent	experimental	replicates	for	each	sample	are	shown.	The	intensity	of	the	blue	color	
represents	the	CSN	value	and	the	intensity	of	the	red	color	represents	the	normalized	spectral	
abundance	factor	(NSAF)	value.	The	heatmap	scale	is	linear.	A	black	box	indicates	if	a	protein	was	
previously	validated	as	an	LD	protein	by	microscopy.	The	boxed	inset	shows	the	high-confidence	
LD	proteins	(CSN	>	1).	(C)	Venn	diagram	illustrating	the	overlap	between	proteomes	identified	in	
the	LD-targeted	APEX2	cell	lines	and	in	the	buoyant	fraction.	(D)	Comparison	of	average	spectral	
abundance	factors	(SAF)	for	proteins	identified	in	the	affinity	purifications	from	ATGL*-V5-APEX2	
and	PLIN2-V5-APEX2	cells.	Each	symbol	corresponds	to	an	LD	protein	identified	in	both	cell	lines.	
The	R2	coefficient	for	the	linear	regression	line	is	indicated.	(E–G)	The	average	SAF	for	proteins	
identified	in	the	affinity	purifications	from	the	ATGL*-V5-APEX2	(E)	or	PLIN2-V5-APEX2	(F)	cells	
or	 in	 the	 total	 buoyant	 fractions	 isolated	 from	parental	 cells	 (G).	 (H)	 Selected	 enriched	 gene	
ontology	(GO)-term	categories	for	high-confidence	LD	proteins.	
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Figure	3-3:	 Illustration	of	 the	High-Confidence	 LD	Proteome.	High-confidence	 LD	proteins	 are	
grouped	 into	 functional	modules	 based	on	GO	analysis	 and	UNIPROT	 functional	 annotations.	
Solid	 lines	 represent	 physical	 interactions	 within	 functional	 modules	 and	 transparent	 lines	
represent	 interactions	 between	 proteins	 in	 distinct	 modules,	 as	 annotated	 in	 Bio-GRID.	 The	
intensity	 of	 the	 blue	 color	 in	 a	 node	 indicates	 the	 confidence	 score.	 Nodes	 outlined	 in	 red	
represent	proteins	that	have	been	previously	validated	to	localize	to	LDs	by	microscopy.	
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Figure	 3-4:	 Combined	High-Confidence	 LD	 Proteomes	 from	U2OS	 and	Huh7	 Cells.	 Composite	
illustration	 of	 high-confidence	 LD	 proteins	 identified	 in	 U2OS	 and	 Huh7	 cells.	 Proteins	 are	
grouped	into	functional	modules.	Boxes	indicate	U2OS-specific	proteins	(green),	Huh7-specific	
proteins	(blue),	and	shared	proteins	(red).	Microscopic	validation	of	individual	nodes	at	LDs	in	
previous	 studies	 (red	 circle)	 and	 in	 this	 study	 (shaded	 red	 circle)	 is	 also	 indicated.	 Asterisk	
indicates	that	the	protein	was	identified,	but	was	below	the	high-confidence	threshold	(CSN	<	1)	
in	one	or	both	cell	lines.	
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Figure	3-5:	p62	is	required	for	LD	catabolism	in	hepatocytes.	(A-C)	Fluorescence	imaging	of	
Huh7	cells	grown	for	48-h	in	control	medium	containing	DMEM	supplemented	with	10%	FBS	or	
serum	starved	medium	containing	DMEM	supplemented	with	0.2%	FBS	in	the	presence	or	
absence	of	the	autophagy	inhibitor	3-MA	and	the	corresponding	quantifications	of	LD	number	
and	size	per	cell.	Cells	were	visualized	by	addition	of	1	µg	mL-1	BODIPY	493/503	to	detect	LDs	
and	using	antibodies	direct	against	p62.	(D-F)	Images	and	quantifications	of	a	similar	starvation	
experiment	performed	in	Huh7	p62KO	cells.	(G-I)	Images	and	quantifications	of	a	similar	
starvation	performed	in	Huh7	p62KO	cells	expressing	the	mCherry-p62-HA	construct.	p62	was	
observed	through	direct	visualization	of	mCherry.	Scale	bars	=	40	µm.	
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Figure	3-S1:	Lipid	droplet-targeted	APEX2	biotinylates	lipid	droplet	proteins	in	Huh7	cells.		(A	and	
B)	Huh7	cells	stably	expressing	ATGL*-APEX2	or	PLIN2-APEX2	were	treated	with	10	ng/mL	dox	
for	48	hr.	Whole	cell	lysates	(WCL,	normalized	by	total	protein	levels)	or	buoyant	fractions	(BF,	
normalized	 by	 AUP1	 levels)	 were	 separated	 by	 SDS-PAGE	 and	 analyzed	 by	 blotting	 with	 the	
indicated	 antibodies.	 Endo.,	 endogenous	 protein.	 6	 (C	 and	 D)	 Huh7	 cells	 stably	 expressing	
cytosolic	or	LD-targeted	APEX2	were	treated	for	24	hr	with	1	µM	BODIPY-C12-	568	or	200	µM	
oleate	and	1	µM	BODIPY-C12-568	 (red).	Cells	were	 imaged	by	 fluorescence	microscopy	using	
antibodies	against	the	V5	epitope	tag	(green).	Magnified	insets	show	cellular	regions	with	LDs.	
Scale	 bars	 represent	 10	 µm.	 (E-G)	 Lysates	 from	 Huh7	 cells	 stably	 expressing	 LD-targeted	 or	
cytosolic	 APEX2	 were	 fractionated	 by	 sucrose	 gradient	 centrifugation.	 Proteins	 in	 individual	
fractions	were	separated	by	SDS-PAGE	and	analyzed	by	blotting	with	fluorescent	streptavidin-
568	and	antibody	against	the	V5	epitope	tag.	
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Figure	3-S2:	Proteomic	analysis	of	biotinylated	lipid	droplet	proteins	in	Huh7	cells.	(A)	Proteins	
identified	in	total	buoyant	fractions	and	in	streptavidin	affinity	purifications	from	the	indicated	
Huh7	APEX2	cell	 lines	were	 ranked	by	descending	 LD	 confidence	 score	 (CSN).	Data	 from	 two	
independent	experimental	replicates	for	each	sample	are	shown.	The	intensity	of	the	blue	color	
represents	the	CSN	value	and	the	intensity	of	the	red	color	represents	the	normalized	spectral	
abundance	factor	(NSAF)	value.	The	heat	map	scale	is	linear.	The	black	color	indicates	if	a	protein	
was	 previously	 validated	 as	 an	 LD	 protein	 by	 microscopy.	 The	 boxed	 inset	 shows	 the	 high	
confidence	LD	proteins	(CSN	>	1).	(B)	Venn	diagram	illustrating	the	degree	of	overlap	between	
proteomes	identified	in	the	Huh7	LD-targeted	APEX2	cell	lines	and	in	the	buoyant	fraction.	(C)	
Comparison	of	average	spectral	abundance	 factors	 (SAF)	 for	proteins	 identified	 in	 the	affinity	
purifications	from	ATGL*-V5-APEX2	and	PLIN2-V5-APEX2	Huh7	cells.	Each	symbol	corresponds	to	
an	 LD	 protein	 identified	 in	 both	 cell	 lines.	 The	 R2	 coefficient	 for	 the	 linear	 regression	 line	 is	
indicated.	(D-F)	The	average	SAF	for	proteins	identified	in	the	affinity	purifications	from	ATGL*-
V5-APEX2	(D)	or	PLIN2-V5-	APEX2	(E)	Huh7	cells	or	in	the	total	buoyant	fractions	isolated	from	
parental	cells	(F).	(G)	Selected	enriched	GO-Term	categories	for	high	confidence	LD	proteins	in	
Huh7	cells.		
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Figure	3-S3:	Spectral	profiles	of	validated	lipid	droplet	proteins	and	select	contaminants	in	Huh7	
cells.	 (A-C)	 Graphs	 indicating	 the	 SAF	 in	 APEX2	 (blue)	 and	 BF	 (red)	 samples	 for	 (A)	 validated	
proteins	identified	as	high	confidence	LD	proteins,	(B)	validated	proteins	that	were	detected,	but	
were	below	the	threshold	value	and	were	not	designated	as	high	confidence	LD	proteins,	and	(C)	
select	common	contaminant	proteins.	CS,	confidence	score.	
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Figure	3-S4:	 Illustration	of	 the	high	confidence	 lipid	droplet	proteome	 in	Huh7	cells.	 	 (A)	High	
confidence	LD	proteins	identified	in	Huh7	cells	(CSN	>	1)	are	grouped	into	functional	modules	
based	 on	 GO	 analysis	 and	 UNIPROT	 functional	 annotations.	 Solid	 lines	 represent	 physical	
interactions	within	 functional	modules	 and	 transparent	 lines	 represent	 interactions	 between	
proteins	in	distinct	modules,	as	annotated	in	BIOGRID.	The	intensity	of	the	blue	color	in	a	node	
indicates	 the	 confidence	 score.	 Nodes	 outlined	 in	 red	 represent	 proteins	 that	 have	 been	
previously	validated	to	localize	to	LDs	by	microscopy.	(B)	Venn	diagram	illustrating	the	degree	of	
overlap	between	high	confidence	LD	proteins	identified	in	U2OS	and	Huh7	cells.	(C)	Expression	
of	CIDEA,	CIDEB,	and	CIDEC	transcripts	in	mouse	tissues.	Expression	data	was	downloaded	from	
BioGPS	and	normalized	to	the	maximum	expression	level.	
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Figure	3-S5:	Calculation	of	LD	confidence	score.	The	LD	confidence	score	(CS)	for	a	protein	“P”	is	
calculated	by	multiplying	a	replication	value	(Eq.	1),	which	is	the	sum	of	the	number	of	times	the	
protein	was	 detected	 in	 LD-targeted	 APEX2	 samples	 (RLD,P),	 by	 an	 abundance	 value	 (Eq.	 2),	
which	is	the	sum	of	the	spectral	abundance	factor	(SAF)	for	the	protein	in	the	LD-targeted	APEX2	
samples	(XLD,P)	minus	the	SAF	for	the	protein	in	the	corresponding	control	Cyto-APEX2	sample	
(XC,P).	SAF	is	calculated	by	dividing	the	total	spectral	counts	(TSC)	by	the	number	of	amino	acids	
(aa)	in	the	protein,	multiplied	by	10.	The	normalized	SAF	2	(NSAF)	is	calculated	by	dividing	the	
SAF	by	the	average	SAF	for	proteins	in	the	sample	(based	on	proteins	with	an	SAF	>	0).	
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CONCLUSION	
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The	ability	to	respond	to	changes	in	protein	and	lipid	metabolism	involves	a	complex	network	of	
inter-organelle	 regulation	 vital	 for	 maintaining	 cellular	 homeostasis.	 Dysregulation	 of	
endoplasmic	 reticulum-associated	 degradation	 (ERAD)	 and	 proteostasis	 in	 the	 ER	 has	 been	
implicated	 in	 the	pathology	of	many	diseases,	 including	Alzheimer’s	 and	Parkinson’s	Disease,	
while	neutral	lipid	storage	disorders	such	as	obesity	and	non-alcoholic	fatty	liver	disease	(NAFLD)	
are	becoming	increasingly	prevalent	in	today’s	society.	Understanding	the	various	mechanisms	
by	which	these	fundamental	pathways	are	regulated	and	respond	to	fluctuations	in	nutrition	is	
essential	in	efforts	to	help	combat	such	diseases.		
	
In	chapter	two,	we	disentangle	the	underlying	mechanisms	surrounding	the	impairment	of	ERAD	
and	 lipid	droplet	 (LD)	 biogenesis	 following	 inhibition	of	 acyl-CoA	 synthetases	 (ACSL)	with	 the	
chemical	 inhibitor	 triacsin	 c,	 finding	 these	 effects	 are	 rather	 due	 to	 broad	 alterations	 in	 the	
cellular	 lipid	 landscape	 producing	 divergent	 complications	 in	 downstream	 protein	 and	 lipid	
homeostasis.	Our	findings	indicate	that	triacsin	c	impairs	the	glycan	trimming	process	of	CD147	
and	its	delivery	to	the	Hrd1	complex,	suggesting	that	a	failure	to	establish	the	properly	trimmed	
glycan	 structure	 leads	 to	 impairments	 in	 ERAD.	 Moreover,	 while	 ACSLs	 are	 required	 for	
triacylglycerol	 (TAG)	 synthesis	 and	 LD	 biogenesis,	 genetic	 disruption	 of	 DGAT-mediated	 LD	
biogenesis	in	cells	did	not	lead	to	an	impact	in	CD147	degradation,	indicating	that	LDs	are	not	
required	for	ERAD,	arguing	against	a	previously	proposed	model159.	
	
The	 observed	 overlap	 of	 pathways	 pursuant	 to	 ERAD	 and	 LD	 biogenesis	 in	 chapter	 two	
demonstrate	 an	 intimate	 connection	 between	 protein	 and	 lipid	metabolism	 in	 the	 cell.	 ACSL	
activation	of	 fatty	 acids	has	been	 similarly	been	 shown	 to	have	 regulatory	effects	on	 various	
components	involved	in	the	ERAD	pathway	through	the	reversible	addition	of	a	palmitate	moiety	
to	the	protein103,104.	Indeed,	we	have	identified	several	additional	ERAD	components	that	appear	
to	be	modified	by	palmitoylation	as	well,	indicating	a	potentially	unrecognized	level	of	regulation	
involved	in	ERAD.	However,	whether	the	palmitoylation	status	of	these	proteins	has	an	impact	
on	 their	 functionality	 and	 the	 full	 extent	 of	 this	modification	occurring	 throughout	 the	 ERAD	
pathway	remains	unanswered.	
	
In	 chapter	 three,	 we	 employed	 a	 proximity-labeling	 approach	 using	 modified	 ascorbate	
peroxidase	 (APEX2)	 to	 biotinylate	 proteins	 LD	 proteins	 in	 living	 cells	 and	 identify	 a	 high-
confidence	LD	proteome	in	two	metabolically	divergent	cell	types.	In	addition	to	identifying	the	
majority	of	previously	 identified	LD	proteins,	 this	approach	provides	an	 improved	method	for	
discriminating	the	large	number	of	contaminant	proteins	that	frequently	plague	LD	preparations.	
We	were	also	able	to	use	this	technique	to	identify	new	LD	proteins	whose	functions	involved	
with	 LDs	 have	 previously	 been	 uncharacterized,	 including	 the	 autophagy	 adapter	 protein	
p62/SQSTM1.	 Further	 analysis	 indicated	 that	 that	 p62	 indeed	 functions	 as	 adapter	 protein	
mediating	the	recruitment	of	autophagosomal	membranes	to	LDs	and	is	required	for	starvation-
induced	lipophagy	in	hepatocytes.	
	
In	summary,	the	work	presented	in	this	dissertation	illustrates	the	intricate	relationship	between	
protein	 and	 lipid	 homeostasis	 and	 identified	 important	 aspects	 involving	 in	 their	 regulation,	
including	the	previously	uncharacterized	requirement	of	the	adapter	protein	p62	in	mediating	
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lipid	droplet	autophagy	in	hepatocytes.	Together	these	approaches	provide	new	insight	into	the	
development	of	novel	therapeutic	targets	of	metabolic	disease.	
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