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ABSTRACT OF THE DISSERTATION 

  
  

Investigating the cell type-specific potentials for axon  
  

regeneration in zebrafish 
  

  

by 

  

Kadidia Pemba Adula 

Doctor of Philosophy in Neuroscience 

University of California, Los Angeles, 2021 

Professor Alvaro Sagasti, Chair 

  
Synapses link neuronal populations into circuits, which in turn regulate behavior. Axon damage 
is a hallmark of traumatic injuries and neurodegenerative diseases such as Alzheimer’s. Its 
ravages upon individuals and societies alike are well known, yet effective treatment of the 
consequences remains a challenge to modern medicine.  
  
Axon regeneration in humans is quite poor due to the limited regenerative capacities of the 
peripheral nervous system (PNS) and the inhibitory conditions of the central nervous system 
(CNS). While axon regeneration is regulated by a fine-tuned balance between intrinsic and 
extrinsic factors, the contribution of intrinsic factors to this process is not fully understood. The 
MAP3Ks DLK and LZK are two such intrinsic factors. These axon damage sensors are activated 
in response to injury and direct diverse, context-specific outcomes to injury. Accounting for the 
environment around the cell, magnitude of the injury, cell type specificity, and subcellular 
localization of key actors offers insight into these disparate resolutions. This work designs an 
experimental approach to investigate the context-specific capacities for axon regeneration and 
finds that DLK and LZK have cell type- and injury type-specific responses to axon damage. 
  
In chapter 1, I describe a new protocol for precise axon injury in single cells using zebrafish. Unlike 
in mammals, the zebrafish PNS and CNS are permissive to axon regeneration, making them a 
perfect environment to study the contribution of intrinsic factors. I take advantage of zebrafish 
genetic tractability and optic clarity to mosaically label neuronal cell types. I then use a precise 
laser to cut individual axons with minimal damage to the surrounding tissue. Using live imaging, I 
capture the post-axotomy processes of Wallerian degeneration and the axonal dynamics of 
regenerating axons.  
  
In chapter 2, I describe a new zebrafish model to address the variability in DLK and LZK outcomes 
following axon injury. DLK and LZK CRISPR mutants, as well as DLK LZK double mutants, are 
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adult viable and fertile. Using the protocol described in chapter 1, I found that DLK and LZK are 
redundantly required for axon regeneration in motor neurons, but not in touch-sensing neurons. 
However, DLK and LZK regulate collateral sprouting in non-injured axons of touch-sensing 
neurons, at both the individual neuron and population levels. 
  
In chapter 3, I describe an effort to create lines labeling DLK- and LZK- expressing neurons. In 
different organisms, RNA studies indicate that DLK and LZK translation is mostly neuronal; 
however, these studies lack cell-type specificity. Using CRISPR/Cas9 technology, I attempted to 
insert the signal amplifying GAL4 gene upstream of DLK and LZK start sites. These enhancer 
traps were characterized using confocal microscopy, and several techniques were used to 
validate the lines. Although validation revealed incorrect insertion of GAL4, identifying the cell 
types in which these proteins are expressed under basal and pathological conditions would be a 
powerful tool in elucidating their multifaceted activation.  
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Introduction: 

A brief introduction to neurons and axon injury: 

A healthy, functional nervous system is not only essential for consciousness, but also key to 

experiencing life to the fullest. Stroke, traumatic injury, or disease leads to axon damage by 

disrupting neuronal circuits; these changes can result in disability. Neuronal dysfunction takes a 

heavy toll on both individuals and society ranging from lost wages and medical bills. Some 

patients lose the ability to perform daily tasks on their own, which in turn affects their 

independence and feelings of self-worth. Others may experience cognitive dysfunction, thereby 

losing the identity woven by a lifetime of memories and experiences. Others still can no longer 

distinguish between sensory inputs from distinct sources or of varying amplitudes; this loss in 

acuity may result in numbness or pain, presenting a challenge to patient safety. To identify 

potential pharmaceutical targets and provide relief to patients, the study of pathways regulating 

nerve damage and repair is paramount. 

 

The nervous system is mainly composed of neurons and support cells known as glia. Neurons 

are electrical cells. A classic neuron is organized in three parts: dendrites, a cell body and an 

axon. Dendrites sense stimuli and transform it into electrical impulses. These impulses are then 

sent to the cell body, the control room of all cellular activity and the repository of its genetic 

material. From the cell body, the electrical signals gather into the axon. It is in the axon that these 

electrical signals are converted into chemical signals and released at synapses-- the sites of 

communication between neurons. Neurons form complex networks of connected synapses to 

disseminate information. This organization is the basis of neuronal circuits. Several organisms 

are used to study nervous system development, model disease progression, and injury. 

Invertebrates such as the C.elegans roundworm have a simple nervous system composed of 

basic neurons and support cells. The nervous system of vertebrates, which include fish, rodents, 

and humans, also contains neurons and support cells but, additionally, it is divided into a central 
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nervous system (CNS) and a peripheral nervous system (PNS). The CNS consists of the brain 

and the spinal cord, both of which are surrounded by bone; the peripheral nervous system is not. 

The PNS and CNS communicate extensively to collect, convert, and interpret environmental 

stimuli before coordinating an appropriate response. 

 

Axon injury disrupts neuron to neuron communication. This break must be repaired to restore 

circuit transmission. Many types of tissues, such as the skin, rely on stem cells to restore their 

damaged components. Unlike skin cells, most neurons cannot be easily replaced. With the 

exception of the subventricular zone of the lateral ventricles and the dentate gyrus of the 

hippocampus, the neurons of our youth remain with us to old age. Therefore, 

neuronal maintenance and repair must occur individually and at the cellular level.  

Following an injury, an axon is separated into a distal stump and a proximal stump. The distal 

stump is an axonal piece separated from the rest of the neuron at the time of injury; it eventually 

fragments and degenerates in a process known as Wallerian degeneration (Coleman and 

Freeman 2010). Axon debris is then cleared, an important step for successful axon regeneration. 

The proximal stump is the part of the axon that is still attached to the cell body and is the site of 

axon regeneration. Successful axon regeneration occurs in several steps: sensing the damage, 

transmitting the injury signal to the cell body, activating pro-regenerative genes, axon guidance 

towards appropriate targets, and finally, circuit reintegration. 

 

Extrinsic and intrinsic factors contribute to axon regeneration:  

Extrinsic and intrinsic factors regulate axon regeneration but their specific contributions are not 

well understood. Intrinsic factors are elements inside the neuron itself that have an effect on the 

cell’s response to axon damage, whereas extrinsic factors are elements outside of the injured 

neuron that influence the cell’s response. In the mature mammalian CNS, the balance between 

permissive and inhibitory extrinsic cues is shifted towards inhibition following axon injury. Glial 
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cells produce some of these extrinsic factors, which include myelin-associated glycoprotein 

(MAG), oligodendrocyte myelin protein (OMgP), and chondroitin sulfate proteoglycans (CSPGs). 

However, the mammalian PNS allows for some limited axon regrowth. A rodent study showed 

that following injury to a CNS nerve connecting the medulla to the spinal cord, the severed CNS 

nerve was able to regrow 30 millimeters into a  bridge formed by the grafting of the PNS nerve 

segment (David and Aguayo 1981). By contrast, both CNS and PNS environments in zebrafish 

Danio rerio are permissive to axon regeneration. In fish, retinal ganglion cells are able to 

regenerate following optic nerve crush. However, in mammals the optic nerve does not 

regenerate. Goldfish axons from retinal explants are repelled by mammalian oligodendrocytes 

when cultured together (Bastmeyer et al. 1991). The reverse is also true, as rat retinal explants 

can extend growth cones and elongate on top of fish oligodendrocyte-like cells (Bastmeyer, Bähr, 

and Stuermer 1993). To get a complete picture of the axon regeneration process, the contribution 

of signals coming from both the injured neuron itself and signals in the surrounding milieu must 

be accounted for. 

 

Understanding the contribution of intrinsic factors in relation to extrinsic factors gives us a more 

complete view of the processes involved in axon injury and repair. Some well-studied intrinsic 

factors include cyclic-AMP (cAMP), phosphatase and tensin homolog (PTEN), and dual leucine 

zipper-bearing kinase (DLK). This introduction will focus on DLK, an example that demonstrates 

how activation of an intrinsic factor can lead to different, or even opposite effects, depending on 

the environment around the cell. If we are to effectively treat axon damage, we must account for 

diversity in neuronal cell types. A central piece in this puzzle will be uncovering the tight regulatory 

mechanisms used by neurons to enable specific effects of DLK activation in different conditions. 

 

DLK is a well conserved intrinsic factor frequently implicated axon injury responses. DLK is also 

known as mitogen-activated kinase kinase kinase 12 (MAP3K12), MAPK-upstream kinase 
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(MUK), and zipper protein kinase (ZPK). DLK’s function as an axon injury sensor was first 

identified in a C. elegans genetic screen, in which mutant motor neurons failed to form growth 

cones after axotomy. DLK is a MAP3K family member which belongs to the Mixed Lineage Kinase 

(MLKs) subfamily (Holzman, Merritt, and Fan 1994). MAP3Ks regulate a myriad of cellular events, 

including growth, differentiation, and proliferation to stress responses. MAP3Ks can be activated 

downstream of G protein-coupled receptors (GPCRs), receptor tyrosine kinases (RTKs) or by 

intracellular signals. The signaling cascade initiated by this family of proteins starts with the 

activation of a MAP3K, which then phosphorylates and activates a MAP2K, which in turn 

phosphorylates and activates a MAPK. All MAP3Ks converge on one of three classes of MAPKs: 

extracellular regulated kinases (ERK1/2, ERK3, ERK4, ERK5, ERK6/P38γ, ERK7, ERK8), P38 

mitogen-activated protein kinase (P38α, P38β, P38γ/ERK6, P38δ), or Jun NH₂ terminal kinases 

(JNK1, JNK2, JNK3) (Dhanasekaran et al. 2007). MAP3Ks can phosphorylate target proteins at 

serine/threonine residues. Like all MAP3Ks, MLKs are serine/threonine kinases. MLKs can also 

phosphorylate their targets at tyrosine residues (Gallo and Johnson 2002). Invertebrates have 

one DLK related gene while vertebrates have two: DLK and leucine zipper kinase (LZK) (Sakuma 

et al. 1997). Among MLKs, DLK and LZK are distinguished by having two leucine zipper domains 

instead of one. Upon activation, DLK and LZK form homodimers (Mata et al. 1996; Sakuma et al. 

1997). Although DLK and LZK are not believed to form heterodimers with each other via their 

leucine zippers, they can bind to each other via their N-terminal domains (Pozniak et al. 2013; 

Deepak Nihalani, Merritt, and Holzman 2000). DLK and LZK have been consistently associated 

with neuronal development and responses to axon injury. 

 

DLK and LZK protein structure, activation, and regulation: 

DLK’s kinase domain, especially its activation loop, is very well conserved across species. 

Roundworm DLK-1 can be activated via cytoskeletal disruption or calcium binding to its C-

terminus calcium domain (Ghosh-Roy et al. 2010; Yan and Jin 2012). DLK-1 activation 
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phosphorylates MKK4, which in turn phosphorylates P38. In the Drosophila fly DLK, also known 

as Wallenda, does not have a calcium domain and is thought to be activated by cytoskeletal 

damage (Chisholm 2013). Wallenda phosphorylates MMK7, which in turn phosphorylates JNK. 

Although DLK has been more extensively studied than LZK, there exists the possibility that these 

two proteins could perform redundant, complementary, or completely different functions. Human 

DLK and LZK share 87% sequence similarity in their kinase domain (Sakuma et al. 1997). 

Vertebrate LZK has a calcium domain in its C-terminus, making it physiologically closer to 

invertebrate DLK-1 than vertebrate DLK. While vertebrate DLK and LZK can activate both MKK4 

and MKK7 in vitro, in vivo they preferentially activate one or the other (Xu et al. 2001; Haeusgen, 

Herdegen, and Waetzig 2011; T. Itoh et al. 2014; Yang et al. 2015; Yunbo Li et al. 2021). Both 

MKK4 and MKK7 can activate JNK but MKK4 alone can activate P38. Scaffold proteins such as 

JNK-interacting proteins use palmitoylation to bring together a particular MAP3K, MAP2, and JNK 

into a signaling module, thereby determining the specificity of the cascade (Dickson et al. 2010; 

Holland et al. 2016).  

 

DLK activation and signaling is well characterized in roundworms. C. elegans have two DLK-1 

isoforms: DLK-1L (long isoform) and DLK1S (short isoform). DLK-1L heterodimerizes with DLK-

1S in its inactive form. Upon activation DLK1-L disengages from DLK-1S to homodimerize with 

itself (Ghosh-Roy et al. 2010; Yan and Jin 2012). Activated DLK is then assembled into a complex 

by the JIP3 scaffolding protein with MKK4 and P38; this complex is retrogradely transported to  

the cell body where it activates pro-regenerative genes via CCAAT/enhancer-binding protein-1 

(CEBP-1) and promotes the upregulation of cytoskeletal dynamics (Yan et al. 2009).  

 

DLK and LZK RNA levels in neurons are not detected in most RNAseq experiments, implying that 

these MAP3Ks are tightly regulated (Jin and Zheng 2019). Various strategies are used by cells to 

regulate DLK and LZK activation.  For example, JIP-1 association with DLK prevents DLK 
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dimerization (D. Nihalani 2001). Vertebrates do not have a short isoform of DLK, but they have a 

MAP3K12 binding-inhibitory protein-1 (MBIP). MBIP has been reported to keep DLK in its inactive 

state, but its function has not been studied in neurons (Fukuyama et al. 2000). The E3 ligases 

such as Regulator of Presynaptic Morphology 1 (RPM-1) also negatively regulate DLK (Nakata 

et al. 2005; Collins et al. 2006). While DLK signaling in invertebrates is well-understood, 

vertebrate DLK and LZK module formations, potential crosstalk, and regulation are still being 

unveiled. 

 

DLK and LZK functions in neuronal development and homeostasis: 

DLK and LZK are expressed in several human tissues. DLK mRNA was found in the brain of 

human fetuses and both the brain and kidneys in adults (Reddy and Pleasure 1994). LZK 

mRNA was found in the brain, pancreas, liver, placenta of adult humans (Sakuma et al. 1997). 

Because human experimentation to elucidate DLK and LZK function is not possible, studies in 

model organisms have been used to understand the functions of these kinases. This section 

summarizes what is known about DLK and LZK developmental functions. 

Studies over the past two decades show that DLK, unlike LZK, is essential for various aspects 

of the developing nervous system in embryonic and postnatal mice. DLK mRNA is found in the 

CNS, spinal ganglia, the skin, intestine, pancreas and kidney of mouse embryos (Holzman, 

Merritt, and Fan 1994; Nadeau, Grondin, and Blouin 1997). DLK protein is broadly expressed in 

the brain, the spinal cord, dorsal root ganglia (DRG), trigeminal ganglia, parasympathetic 

neurons, and in the liver. In neuronal cells, DLK protein localizes preferentially to axons (Hirai et 

al. 2005). In cultured cortical cells, DLK is often associated with vesicles travelling along 

microtubules and the Golgi apparatus (Hirai et al. 2002). Knockout embryos display cellular 

migration and axonal abnormalities in the brain. DLK was shown to enable radial migration of 

differentiating neurons in the telencephalon by regulating cytoskeletal dynamics (Hirai et al. 

2002). It is also essential for granule cell differentiation and migration in the postnatal 
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cerebellum (Suenaga et al. 2006). Moreover, DLK regulates the formation of axonal tracts by 

pyramidal neurons in the cerebellum. Mutant neonates have an excessive number of motor 

neurons, indicating a disruption of developmental programmed cell death (Sengupta Ghosh et 

al. 2011; T. Itoh et al. 2014). These data indicate that DLK is essential for organogenesis in 

several tissues and for cell differentiation of developing mice. It is no surprise therefore that DLK 

loss of function mutants die perinatally (Hirai et al. 2006). Less is known about the distribution of 

LZK expression in mouse embryos. However, LZK mutants have no apparent developmental 

abnormalities and survive to adulthood (Welsbie et al. 2017). 

DLK and LZK are also expressed in the fully formed nervous system of adult mice, but their 

absence is not deleterious. DLK mRNA is present in the brain, gastro-intestinal tract, and testis 

(Holzman, Merritt, and Fan 1994; Blouin et al. 1996). In the brain, DLK and LZK proteins are 

present at synapses (Pozniak et al. 2013). This expression pattern implies homeostatic 

functions in healthy animals. For example, DLK was shown to regulate insulin-like growth factor-

1 (IGF-1) signaling in the cerebellum (Goodwani et al. 2020). Therefore, it is startling that the 

loss of function of DLK and LZK in adult mice using inducible knockouts, protein inhibitory 

drugs, or down-regulation with RNAi does not appear to alter neuronal morphology (Pozniak et 

al. 2013; Goodwani et al. 2020; Yunbo Li et al. 2021). It is equally unexpected that over-

expression of DLK and LZK in vivo led to self-activation and to neuronal death (Yunbo Li et al. 

2021). These findings point to the tight spatio-temporal regulation of DLK and LZK activity by 

mammalian neurons in vivo.   

Additional information about subcellular localization has come from studies in rats. In situ 

hybridization comparing DLK mRNA expression in rats and mice found similar patterns in both 

organisms. Subcellular fractionation of the adult rat cortex found that DLK protein is enriched in 

the synaptic membrane of neurons, but not in the myelin nor the synaptic vesicle fractions. Only 

unphosphorylated, inactive DLK is membrane-bound, whereas a lower amount of DLK protein, 
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both phosphorylated and unphosphorylated, is present in the cytosol of neuronal synapses 

(Mata et al. 1996).  

In invertebrates, such as flies and roundworms, DLK loss-of-function mutants do not show a 

developmental phenotype. While DLK overexpression leads to aberrant synaptic structures, it 

does not cause cell death (Nakata et al. 2005; Collins et al. 2006). An interesting study in 

roundworms showed that DLK-1 regulation by two different E3 ligases, MEC-15 and RPM-1, led 

to opposite effects on axon growth and synaptic development in the same neuronal cell type 

(Liao et al. 2004; Bounoutas et al. 2009; Zheng et al. 2020). Controlling DLK-1 levels may help 

sequester it in specific subcellular compartments and avoid inappropriate associations. 

DLK and LZK redundant functions in pathological conditions:  

DLK and LZK have been repeatedly implicated in neuronal stress responses across organisms 

and life stages. Neuronal stress conditions, including axon damage and exposure to 

neurotoxins, lead to diverse and sometimes contradictory outcomes (Tedeschi and Bradke 

2013; Jin and Zheng 2019; Asghari Adib, Smithson, and Collins 2018). Depending on the 

context, DLK and LZK activation following neuronal insult results in the regeneration of the 

proximal stump, degeneration of the distal stump, failure of axon regeneration, and cell death.  

Ample evidence suggests that DLK and LZK promote axon regeneration. DLK’s function as an 

axon damage sensor was first discovered in a roundworm screen. In juvenile roundworm DLK-1 

mutants, severed motor neurons fail to form growth cones (Hammarlund et al. 2009). Later that 

year, another study showed that DLK-1 is required for axon regeneration in the touch-sensing 

neurons of adult roundworms (Yan et al. 2009). In fly larvae, following segmental nerve crush, 

which includes motor and sensory neurons, DLK mutant axons fail to regenerate (Xiong and 

Collins 2012). Moreover, overexpression of DLK and LZK in cultures of cerebellar granule 

neurons isolated from postnatal mice promotes axon elongation after axotomy, and LZK 

additionally increases axon branching (M. Chen et al. 2016). However, a different study found 
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that LZK overexpression inhibits axon regeneration in postnatal mice cerebellar granule neurons 

cultured in the presence of myelin (Dickson et al. 2010).  

DLK has been reported to be dispensable for growth cone formation but essential for the axon 

elongation step in primary cultures of cortical rat neurons, primary DRG neuronal cultures of 

juvenile mice, and following sciatic nerve transection (Eto et al. 2010; A. Itoh et al. 2009). DLK 

was also required for axon elongation in regenerating motor neurons, and following sciatic nerve 

crush in mice (Shin et al. 2012). It is possible that redundancy among MAP3Ks has evolved for 

some stages of regeneration. 

Along with axon regeneration and axon elongation, DLK also regulates the execution of 

Wallerian degeneration. DLK deficiency significantly delays the degradation of distal axons in 

several contexts: in the olfactory neurons of adult flies, DRG cultures from mutant mice embryos 

post-axotomy or following exposure to a chemotoxic drug, and sciatic nerve of adult mice after 

transection (Miller et al. 2009; Summers, Milbrandt, and DiAntonio 2018; Summers et al. 2020). 

However, a study in fly larvae showed that a pre-conditioning lesion within the same nerve 

enables a DLK-mediated protective effect on distal axon integrity after the second nerve lesion 

(Xiong and Collins 2012). 

Finally, DLK and LZK can also trigger cell death in adult mouse models of CNS injury. DLK is 

required for somal degeneration in retinal ganglion cells (RGC) but not for axonal degeneration 

following optic nerve crush (Fernandes et al. 2014). DLK inhibition increases survival of 

dopaminergic neurons in an in vivo model of Parkinson’s disease, and of hippocampal neurons 

under in vivo excitotoxic conditions (X. Chen et al. 2008; Pozniak et al. 2013). Together, these 

results demonstrate the variety of DLK and LZK responses to neuronal insult. 

How do DLK/LZK promote divergent outcomes to axon injury?  

As MAP3K family members, DLK and LZK functions are expected to be context-specific. 

Various experimental paradigms have been used to investigate DLK and LZK activation under 

pathological conditions. A few settings can be highlighted for contributing to the diversity in 
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neuronal responses: the environment around the cell, magnitude of the injury, cell type 

specificity, and subcellular localization.  

The environment surrounding a damaged neuron affects the consequence of DLK and LZK 

activation. Most invertebrate studies and those conducted in the mammalian PNS point to these 

MAP3Ks promoting cellular survival and axon regeneration in permissive conditions. Under non-

permissive conditions, such as those in the mammalian CNS, DLK and LZK activation results in 

cell death or the formation of retraction bulbs at the injury site. This hypothesis is bolstered by in 

vitro experiments using cultured mouse cerebellar neurons. In primary mouse cerebellar 

cultures, individually expressing DLK or LZK was sufficient to promote axon regeneration after 

axotomy (M. Chen et al. 2016); however, the addition of myelin to the in vitro culture resulted in 

a Nogo A- and LZK-dependent regrowth inhibition (Dickson et al. 2010). These data underline 

the importance of considering the environment around the cell when injury occurs in vivo. 

Controlling the scale of the damage is also key to understanding the contribution of intrinsic 

factors such as DLK and LZK. Nerve crushes cause damage to the tissues surrounding axons, 

confounding extrinsic factor contribution with that of intrinsic factors. With single cell axotomy, 

precise lasers can be used to cause minimal damage. Moreover, crushes are themselves 

incomplete injuries that include cut, partially cut, and completely spared axons. This ambiguity 

makes it difficult to distinguish collateral sprouting from de novo regeneration: two growth 

mechanisms that may differentially engage MAP3Ks (Steward, Zheng, and Tessier-Lavigne 

2003; Tuszynski and Steward 2012). From single cell resolution to large scale injury models, the 

outcomes of complete axon severing and complete nerve transections should be interpreted 

differently from partial axotomies and nerve crushes.  

With the environment surrounding the cell and scale of the injury taken into account, it is also 

important to address cell type specificity. Nerve crushes are commonly used in axon 

regeneration studies. Nerves are composed of axons from different neuron subtypes, making it 

difficult to assess cell-type-specific responses to damage. LZK and DLK activate neuronal as 



	 11	

well as non-neuronal cells to respond in a cell-type-specific manner to axon injury. In motor 

neurons, DLK has been reported to be required for multiple steps of axon regeneration, 

including growth cone formation in roundworms and axon elongation in mice (Hammarlund et al. 

2009; Shin et al. 2012). In astrocytes, LZK upregulation leads to their activation and mobilization 

to the site of spinal cord injury (M. Chen et al. 2018). The treatment of diseases that impact 

specific neurons, such Parkinson’s, Huntington’s, and amyotrophic lateral sclerosis (ALS), 

would greatly benefit from studies with cell-type specificity and single-cell resolution (Fu, Hardy, 

and Duff 2018). 

Several studies indicate that DLK and LZK can direct compartment-specific responses such as 

regeneration or no regeneration of the axonal compartment, and degeneration of the distal 

axon. Even in a seemingly global response, such as cell death, these MAP3Ks can form distinct 

signaling complexes in the same neuron (Fernandes et al. 2014; Watkins et al. 2013). For 

example, following optic nerve crush, DLK signaling is required for death of the RGCs’ soma but 

not for axon degeneration (Fernandes et al. 2014). It is possible that LZK is capable of 

compensating for DLK function in axon degeneration but not in somal degeneration. It is also 

likely that DLK forms distinct signaling complexes in different subcellular compartments. For 

axon degeneration, which does not require transcriptional activation, DLK is reported to 

associate with scaffold protein Sterile Alpha And TIR Motif Containing 1 (SARM-1) in the distal 

axon (Summers, Milbrandt, and DiAntonio 2018; Summers et al. 2020). For somal 

disintegration, which involves transcriptional activation, DLK is reported to associate with a JNK-

interacting protein scaffold (Jin and Zheng 2019; Tedeschi and Bradke 2013). Moreover, the 

Wallerian degeneration slow mutation (WldS) mutation, which delays SARM-1 activation, 

prevents axonal degeneration but not somal death following optic nerve crush (Beirowski et al. 

2008). Loss of BAX, a cell death activating protein downstream of JNK, prevents somal death 

but not axonal degeneration following optic nerve injury (Y. Li et al. 2000). These results 
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indicate that DLK and LZK form distinct signaling complexes in different subcellular 

compartments even within the same neuron. 

Specificity lies in a precise signaling complexosome code: 

Downstream of the specific environment, injury, cell type, and subcellular localization is the 

assembly of a signaling module. Different subcellular localizations have different protein 

compositions. The variety of outcomes seen in DLK and LZK activity reflect the variety of 

signaling partners with which they can be complexed locally resulting in distinct assembly 

signatures. Scaffolding proteins, E3 ligases, and protein chaperones determine the composition 

of locally available signaling partners.  

It has been proposed that this specificity is a result of the formation of distinct signaling modules 

by specific scaffolds that assemble different downstream proteins (Elion 2001; Faux and Scott 

1996; Qi and Elion 2005).Scaffolding proteins contain domains and sequence motifs with 

affinities to particular ligands. These affinities enable scaffolds to form specific signaling 

modules whose amplitude and duration they control. JNKs are the most commonly reported 

MAPKs participating in axon damage responses; therefore, investigating the different JNK-

associated scaffolding proteins is key to deciphering DLK and LZK signal specificity. JNK 

scaffolds are known as JNK-interacting proteins (JIPs); each JIP has preferences for particular 

members of the MAP3K cascade (Whitmarsh 2006). JIPs include JIP1, JIP2, JIP3/JSAP1, 

JIP4/JPL, and POSH. JIPs were reported to have region-specific distribution in the brain of adult 

mice. While high levels of JIP3 and POSH were detected in the forebrain, the cerebellum has 

high levels of JIP1 (Goodwani et al. 2020). JIPs are also reported to form homo- and hetero-

oligomers (Whitmarsh 2006) . Oligomerization may enable signal amplification, or offer 

additional specificity. 

Along with JIPs, the presence or absence of particular E3 ligases could help explain the 

subcellular specificity of DLK and LZK action. E3 ligases mark protein targets for degradation, 

thereby providing local control of protein content (Pinto, Tomé, and Almeida 2021). These 
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ligases display specific subcellular localization in neurons. Active Cdc20-containing APC and 

NeuroD2 are present in the cell body. While Nedd4, CHIP, and HUWE1 activity are found in the 

axon shaft during axon outgrowth, ZNRF-1 and FBXW7 activity localizes to the axon shaft 

during axon degeneration. Active RPM-1, RNF, MEC15-containing SCF, and Cdh1-containing 

APC were reported in the presynaptic terminal, along with inhibited forms of Siah1 and Sel10-

containing SCF. A developmental study in roundworms showed that a MEC15 mutation results 

in DLK-dependent inhibition of axon growth, whereas RPM-1 mutation facilitates axon growth 

(Zheng et al. 2020). These data bolster the idea that interaction partner availability affects the 

formation of distinct signaling complexes.  

Chaperones are another group of proteins that can influence the interaction partners available 

to DLK and LZK. Chaperones ensure the proper folding and stabilization of their client proteins. 

Over the last three decades, it has become clear that chaperones play pivotal roles in the 

resolutions of CNS and PNS insults (Ousman, Frederick, and Lim 2017; Meriin and Sherman 

2005). DLK is a client protein of the Heat Shock Protein 90 family (HSP90), which has an 

additional role in facilitating signaling complex assembly and sub-cellular specificity (Taipale, 

Jarosz, and Lindquist 2010). Pharmaceutical inhibition of HSP90 prevents DLK-mediated 

induction of axon regeneration in DRG cultures of adult mice and DLK-mediated injury signaling 

following ventral nerve crush in fly larvae (Karney-Grobe et al. 2018). Ectopic expression of 

HSP70 and HSP26 in the fly mushroom body protects axons from Wallerian degeneration in an 

age-dependent model of axon degeneration; HSP70 and HSP26 confers axon protection from 

Wallerian degeneration in a manner similar to WldS (Rallis, Lu, and Ng 2013). These findings 

indicate that specific chaperones can either support DLK signaling, as in axon regeneration, or 

counteract it, as in axon degeneration. 

Since the consequences of DLK and LZK activation are context-specific, a clear understanding 

of the kinases’ action in vivo is a prerequisite to their use as drug targets. It is important to 

determine all potential DLK- and LZK-dependent outcomes following axon injury, and the 
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specific cell types in which each arises. For the same reason, inhibiting or upregulating these 

MAP3Ks cannot occur on a global scale. While DLK and LZK inhibition may prevent cell death 

in some instances, their activity is also important for axon degeneration of the distal stump and 

regeneration of the proximal stump. Cell-type-specific treatment of axon damage in humans is 

the next biomedical frontier. 

Zebrafish as a model to study axon regeneration: 

While most invertebrate studies suggest that DLK is required for axon regeneration after injury, 

the consequences of DLK and LZK activation in vertebrates are more diverse. Indeed, rodent 

studies are more relevant to human health but, unlike invertebrates, they lack specificity and 

precision at the single cell level. Among vertebrate model organisms, DLK and LZK function in 

zebrafish is the least understood. Prior to this study, no zebrafish model existed to study DLK 

and LZK function. To clarify the disparate effects of DLK and LZK activation following neuronal 

insult, I created a zebrafish model. 

This thesis recognizes that variability of outcomes observed in studies of neuronal injury poses 

a challenge to treatment. Here, I identify four experimental settings that need to be accounted 

for when evaluating and comparing study outcomes. Chapter 1 offers an experimental protocol 

that enables assessment of axon regeneration in zebrafish with single cell resolution. In chapter 

2, I use this protocol to determine the effects of DLK and LZK activation in different cell types 

and after different types of injuries. In chapter 3, I seek to capture the cell-autonomous 

expressions of these kinases with enhancer traps.  
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Abstract 

Axon severing results in diverse outcomes, including successful regeneration and 

reestablishment of function, failure to regenerate, or neuronal cell death. Experimentally injuring 

an axon makes it possible to study degeneration of the distal stump that was detached from the 

cell body and document the successive steps of regeneration. Precise injury reduces damage to 

the environment surrounding an axon, and thereby the involvement of extrinsic processes, such 

as scarring or inflammation, enabling researchers to isolate the role that intrinsic factors play in 

regeneration. Several methods have been used to sever axons, each with advantages and 

disadvantages. This chapter describes using a laser on a 2-photon microscope to cut individual 

axons of touch-sensing neurons in zebrafish larvae, and live confocal imaging to monitor its 

regeneration, a method that provides exceptional resolution. 

 

Keywords Axotomy, Transient transgenesis, Somatosensory, Regeneration, Axon, Zebrafish, 

Live imaging 

 

1. Introduction 

Outcomes of axon injury are variable. A severed axon may regenerate to reinnervate its correct 

target, fail to regenerate altogether, regenerate but grow in the wrong direction, or die. 

Successful axon regeneration is dictated by both intrinsic and extrinsic factors that integrate a 

balance of positive and negative cues (1–4). Intrinsic factors refer to the state of signaling 

pathways in the injured neuron itself, while extrinsic factors are signals from nearby cells and 

the extracellular matrix. For example, in the mammalian central nervous system glial and 

immune cells release a myriad of both positive and negative factors (5). These extrinsic cues 

make it difficult to experimentally disambiguate the contribution of intrinsic growth pathways 

from those of external factors in the axon regeneration process. Methods that use scissors or 

forceps to create injuries, including spinal cord, sciatic nerve, and optic nerve crushes, as well 
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as traumatic brain injury models, damage multiple axons and surrounding tissues, and are thus 

more likely to trigger extrinsic cells to participate in the axon injury response.  

 

Determining an individual neuron’s contribution to the repair process is essential for 

understanding the heterogeneous outcomes of repair responses. MicroPoint UV pulsed lasers 

and femtosecond lasers mounted on 2-photon microscopes can be used to target individual 

axons, but the latter offers more control and thus more precisely limits damage to the target (6–

15) . Zebrafish (Danio rerio) is an excellent model organism in which to ask these questions 

because both its central and peripheral nervous systems are permissive to axon regrowth (1, 

16). Moreover, transient transgenesis can be used to label and image individual neurons in 

living animals. Zebrafish larvae have been used to elucidate mechanisms of Wallerian 

degeneration, axon regeneration, engulfment of axonal debris, and to characterize physiological 

changes during these processes (17–21). This chapter describes precise axotomies in zebrafish 

using a laser mounted on a 2-photon microscope. Although this protocol focuses specifically on 

severing the peripheral axons of larval sensory neurons, called Rohon-Beard (RB) neurons (22, 

23), with different transgenes this approach can be easily adapted to study other types of 

zebrafish peripheral neurons, including motor and lateral line neurons. 

 

2. Materials 

2.1 Somatosensory neuron labeling 

1. Zebrafish: 3–18-month-old type male and female fish (e.g., ZFIN: ZDB-GENO-960809-7). 

Fish are kept in a 14/10 dark/light cycle. Embryos are raised in a 28.5℃ incubator until 5dpf. 

2. 20ng/uL of tg(isl1[ss]: Gal4-VP16, UAS:DsRed) or Tg(isl1[ss]:Gal4-VP16,UAS:GFP) (24) 

3. Pulled borosilicate glass needles (with a filament): 10cm in length, inner diameter (0.78mm), 

outer diameter (1.0mm). 
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4.  Injection mold (2% agarose, molecular biology grade): add 0.8g of agarose, 50 mL of 1X E3 

embryo buffer in a 500 mL Erlenmeyer flask. Obstruct the opening of the flask with a crumpled 

paper towel. Microwave the flask for 2 minutes, stopping every 20 seconds to swirl the flask 

(see Note 1), or until the agarose is fully dissolved. Cool until warm to the touch. Pour the 

agarose gel into a 10cm plate. Place a plastic micro-injection mold with straight ridges on top of 

the gel and press gently (see Note 2). Wait for the gel to solidify. Remove the plastic mold and 

store the 2% agarose gel at 4C.  

2.2 Fish embryo cultivation 

1. 60X E3 embryo buffer (1L): Dissolve 17.2g NaCl, 0.76g KCl, 2.9g CaCl2·2H2O, 4.9g 

MgSO4·7H2O in deionized (ddH2O) water (25), use 0.1 M NaOH to bring to pH 7.2. Autoclave. 

2. 1X E3 embryo buffer: In a 20 L carboy, mix 333 mL of 60X E3 embryo buffer with 19.667 L of 

ddH2O, and twelve drops of 0.05 wt. % methylene blue aqueous solution. Store at room 

temperature (see Note 3). 

2.3 Preventing pigment development 

1. 50X PTU solution: Dissolve 0.3g of 1-phenyl 2-thiourea (PTU) in 200 mL of 1X E3 embryo 

buffer in a chemical hood. Heat the solution to 60℃ on a hot plate with a magnetic stirrer until 

dissolved. Divide the 50X stock solution (10mM) into 10 mL aliquots and store at -20℃. 

2. E3P (E3 buffer with 0.2 mM PTU): Thaw 20 mL 50X PTU aliquot, mix with 980 mL of 1X E3 

embryo buffer. Heat the 1L diluted solution to 60℃. Cool down to room temperature before use 

(see Note 4).  

2.4 Anaesthetizing fish 

1. Tricaine methanesulfonate (MS-222 or 3-amino benzoic acid ethyl ester): 400mg of tricaine in 

97.9 mL of ddH2O, 2.1 mL of 1M Tris solution (pH 9.0), 0.1 M NaOH, pH to 7.0. Make 50 mL 

aliquots and store at -20℃. Keep an aliquot at 4℃ when in use.  

2.5 Mounting embryos for imaging 
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1. 5mm-thick Delrin rings (see Note 5): Oval ring (inner diameter 12mm x 23mm, outer diameter 

19mm X 30mm); circular ring (inner diameter 12mm, outer diameter 16mm) (Fig. 2) 

2. Microscope cover glass: 24 X 60mm  

3. Pre-cleaned and single frosted end glass slides: 75 X 25 X 1mm 

4. Dow Corning high vacuum grease 

5. A curved probe: Insert a black enameled insect pin into a microdissecting needle holder. 

Manually curve the insect pin tip.  

6. For 1% agarose (molecular biology grade): Add 0.5g of low melting agarose, 50 mL of 1 X E3 

embryo buffer in a 500 mL Erlenmeyer flask. Obstruct the opening of the flask with a crumpled 

paper towel. Microwave the flask for 2 minutes, stopping every 20 seconds to swirl the flask 

(see Note 1), or until the agarose is fully dissolved. Cool until warm to the touch and aliquot 1 

mL of melted agarose into 1.5 mL tubes. Store the tubes in a 42℃-heat block with a cover to 

maintain temperature uniformity. 

 

3. Methods 

These instructions use Zeiss 800 series microscopes for laser axotomy and imaging, but this 

procedure can be adapted to any confocal microscope, imaging software, or standard operating 

parameters. 

3.1 Injections 

1. Set up zebrafish crossing tanks with adult male and female zebrafish in the evening. 

Separate males and females with a divider. 

2. The next morning, remove the divider to allow the fish to breed. After ~20 minutes collect 

freshly fertilized eggs using a tea strainer and wash into a petri dish. 

3. Bring the 2% agarose gel injection mold to room temperature. Gently load embryos into the 

mold (as described elsewhere in detail (26)). Fill the mold with 1 X E3 embryo buffer.  
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4. Load 20ng/uL of Tg(isl1[ss]: Gal4-VP16, UAS:DsRed) plasmid into a pulled glass needle (see 

Note 6). 

5. Inject embryos at the 1- to 4-cell stage (Fig. 1) with 5nL of this plasmid (for details see (26)). 

Injecting plasmids into larvae at this stage results in transient expression. Since 

extrachromosomal plasmids are inherited unequally during cell division, this approach results in 

mosaic labeling of touch-sensing neurons (TSN) in the skin, making it possible to screen for 

animals with expression in isolated neurons (see Note 7 and Fig. 1). 

6. Maintain embryos in 1 X E3 embryo buffer and raise them in a 28.5C incubator.  

3.2 Screening embryos 

1.  At 22-23 hours post-fertilization (hpf), exchange the medium for E3P (E3 + PTU). Pigment 

cells interfere with laser axotomy and make it difficult to image neuronal arbors; PTU inhibits 

pigmentation, enabling embryos to remain transparent (Fig. 2, upper right panel) (see Note 8). 

2. A few hours before axotomy, manually dechorionate embryos using forceps (see Note 9).  

3. To immobilize larvae, in a 10 cm dish with E3P, add ten drops of tricaine (~0.08%) with a 3 

mL plastic pasteur pipette and monitor them under a microscope to confirm that they stop 

moving.  

4. Screen through embryos to find animals with isolated labeled neurons, using a dissecting or 

compound fluorescence microscope (e.g., Zeiss, Axioskop 2 Fs Plus). For our experiments, we 

identified larvae with a single labeled neuron innervating the tail (see Note 10 and Fig. 1).  

5. Transfer screened larvae to a small petri dish. Label each dish, indicating whether the 

identified axon innervates the right or left side of the body. Animals must be mounted so that the 

side with the identified axon faces the coverslip, since laser illumination for severing and 

imaging does not penetrate through the animal. 

6.  Once screening is complete, replace media with E3P (without tricaine). Place the larvae in a 

28.5℃ incubator until they reach the 48 hpf stage. 

3.3 Mounting 
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1. Using a micropipette tip, collect and apply a thin layer of vacuum grease on one side of an 

oval mounting ring (see Note 11) and press the ring onto a clean cover glass (Fig. 2, top left 

panel).  

2.  When larvae are 48 hpf (Fig. 2, top right panel), anesthetize them with tricaine (10 drops, or 

~0.08%). For larvae in a 10cm petri dish, 10 drops of tricaine is sufficient. If the larvae are in a 

6cm petri dish, add fewer drops. Confirm that the animals have stopped moving. 

3. Mix in one drop of tricaine into the 1% melted agarose tube. Use a glass pasteur pipette 

inserted into a pump pipettor (see Note 12) to pick up one anesthetized embryo with as little 

media as possible, and transfer it to a tube containing 1% low melting agarose. Use the pipette 

to transfer the larvae along with melted agarose onto the cover glass, inside the mounted ring 

(see Note 13). Rinse the inside of the glass pipette a few times with E3P + tricaine to remove 

residual agarose.  

4. Arrange the animal in the molten agarose under a dissecting light microscope. Use a curved 

probe (Fig. 2, second right panel) to gently press the larva (the side with the labeled neuron), as 

close to the cover glass as possible (Fig. 2, third right panel and bottom panel). To target touch-

sensing neurons in the tail, larvae should be mounted horizontally (on their sides) and the two 

eyes should be aligned when viewed from above. If the larva floats away from the cover slip, 

gently push it back down with the curved probe. The agarose should reach ~⅓ of the mounting 

ring in height. Wait ~15 minutes for the agarose to solidify (see Note 14). 

5. Grease the other side of the mounted ring and fill the rest of the chamber with E3P + tricaine.  

6. Press the microscope slide with the frosted end against the greased ring. Clean off any 

excess water around the mounted ring with a kimwipe (Fig. 2, third right panel and bottom 

panel). 

3.4 Pre-axotomy imaging 

1. Use a confocal microscope to collect images of the target neurons from living larvae (Fig. 3). 

Imaging parameters for acquisition with a Zeiss LSM-800 (or LSM 880) upright microscope and 
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the Zen Blue 2.3 software are as follows: Under the “Acquisition Mode” tab, optimize imaging 

parameters, including: bits per pixel, image frame size, pixel dwell time, averaging, image size 

and pixel size. We usually use a 8 bits per pixel format, an image frame size of 512 X 512, a 

1.52 usec pixel dwell time, a 1.86 sec scan time, an averaging number of 2, and a 1.25 um pixel 

size. Under the “Channels” tab, choose the appropriate laser wavelengths, gain, and pinhole 

diameter to image the neurons. For eGFP or dsRed, we use 488 nm and 561 nm laser lines, 

respectively, and a master gain of 650V. We set a pinhole diameter to an Airy unit of 1, which 

maximizes confocality. 

2. Start the Zen Blue 2.3 software to visualize cells. If the system is being used for the first time 

that day, the stage and focus should be calibrated to avoid accidents (see Note 15). After 

hardware initialization is complete, a “Stage/Focus not calibrated” dialog window will appear. 

Select “Calibrate Now”. Calibration will take less than a minute. Maintain the stage at a 28.5C 

temperature with a heated stage or objectives. 

3. Go to the “Acquisition” window and open your protocol. Go to the “Locate” window and under 

“Reflected Light” activate the “On” tab. Under “Favorites” select the “DsRed” configuration 

setting. Using the eyepiece, find the larva with the 10X objective (Plan-Neofluar, NA = 0.3) and 

center it in the field of view. Switch to a 20X (Plan-Apochromat, NA = 0.8) objective and focus 

on the axon.  

4. Go to the “Acquisition” window. Open the DsRed fluorescent beam by checking and 

highlighting the “DsRed track” sub-tab in the “Channels” tab.  Return to the protocol tab and 

press the “Live” tab to see the neuron on the screen. In the “Acquisition Mode” tab, you may 

adjust the zoom. Press the “Live” sub-tab in the protocol tab to image and center the axon (see 

Note 16).  

5. Under the “Z-Stack” tab, optimize your “slice interval”; we usually set ours at 1 um. Use the 

manual focus knob, and the manual monitor to set the range of your z-stack by selecting a “Set 

First” slice position and a “Set Last” slice position. In the protocol tab, exit the “Live” mode. 
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Press the “Start Experiment” tab to acquire the pre-axotomy image (see Note 17). As the image 

acquires, a stack-by-stack 2D projection will be displayed on the monitor (see Note 18). Save 

the image as a “.czi” file. 

3.5 Axotomies with a 2-photon microscope 

1. For axotomies, we use a LSM-880 inverted confocal/2-photon microscope equipped with a 

laser (Chameleon, 690-1064 nm) for 2-photon imaging and Zen Black 2.1 SP3 software, but this 

procedure can be adapted to any equivalent microscope. To begin, turn the key on the 2-photon 

laser box from “Standby” to “On”. Let the power ramp up. Wait until the screen on the laser box 

displays the following messages: “Power: 3960 mV”, “813 nm” and “Status: Ok”. 

2. Start the Zen Black 2.1 SP3 software to visualize the neuron. Go to the “Locate” window and 

under “Reflected Light” activate the “On” tab. Under “Configuration” select “DsRed”. Locate and 

center your sample through the objectives, starting with a 10X objective (Plan-Apochromat, NA 

= 0.45) to find the larva. Center the larva in the field of view before switching to a 20X objective 

(Plan-Apochromat, NA = 0.8) to focus on the axon.  

3. Go to the “Acquisition” window. Activate the DsRed fluorescent laser by checking and 

highlighting the “DsRed track” sub-tab in the “Channels” tab.  Return to the protocol tab and 

press the “Live” tab to see the neuron on the screen. In the “Acquisition Mode” tab, adjust the 

zoom to 1X zoom and center the peripheral axon in the field of view. Press the “Live” tab a 

second time to exit the “Live” mode and use the “Crop” tab to zoom into the area of the target 

axon. Zoom to a minimum of 100X. Ensure that DsRed fluorescence is below saturation by 

reducing the gain. Exit “Live” mode in the protocol tab.  Imaging parameters for the axon 

severing protocol are as follows: Under the “Acquisition Mode” tab, optimize imaging 

parameters including: image frame size, pixel dwell time, scanning time, averaging, and pixel 

size. Use the imaging parameters described under Subheading 3.4. Under the “Channels” tab, 

choose the appropriate laser wavelengths, gain, pinhole diameter, and slice interval for your 

neurons.  
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4. Activate the 2-photon laser (813 nm) by checking and highlighting the “2-photon track” tab 

(see Note 19). Start with 5.0% laser power. In the protocol tab, press “Live” again for 1 second; 

a burst of fluorescence indicates damage to the axon. Exit “Live” mode. Turn off the 2-photon 

laser beam (813 nm) by unchecking and deselecting the “2-photon track” tab. Switch back to the 

“DsRed track” and return to 1X zoom to see if the axon is cut. It may take a few moments for the 

axon to be severed. Axon beading adjacent to the target site is a good indication that it will be 

severed. If the axon remains uncut, raise the 2-photon laser power in 0.5% increments and 

repeat, until cutting is successful (see Note 20).  

5. At the end of the microscopy session, exit the program. A “Laser Off” window will appear. 

Turn off all the lasers and press “OK”. 

6. Take a “post-axotomy” confocal image using the same settings as described for pre-axotomy 

under Subheading 3.4. Within a few hours post-axotomy, the detached branch will degenerate 

by Wallerian degeneration (Fig. 3, middle panel). 

3.6 Larva recovery 

1. Recover zebrafish larvae under a dissecting light microscope. Separate the cover slide from 

the mounting ring. The agarose might remain attached to the cover glass or detach to float in 

the E3P + tricaine-filled chamber formed by the mounting ring. In either case, use a glass 

pipette to remove media around the agarose. Remove the mounting ring.  

2. Use a thin metal spatula or a razor blade to trim away the agarose surrounding the larva. Use 

2 sets of forceps to carefully push away the remaining agarose from the larva. Pay particular 

attention not to puncture the yolk or damage the tail.  

3. Once the larva is free, add a few drops of E3P. Use a glass pipette to transfer the larva from 

the glass slide to an individually labeled small petri dish. Fill the petri dish with E3P.  

4. Allow 5-10 minutes for the larva to recover. When it responds to touch, put the petri dish back 

into the 28.5C incubator. After 24 hours, remount the larva and take a 24-hour post-axotomy 

image.  
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3.7 Post-regeneration imaging and time-lapse movies 

1. Remount larvae to assess regeneration after the desired time-interval (see Subheading 3.3). 

We typically assess RB neuron regeneration 24 hours after axotomy. Image the neuron with the 

same confocal settings as described under Subheading 3.4.  

2.  In addition to taking static images of peripheral axons at specific time points, time-lapse 

movies of the regeneration process can be recorded. To record the first 12 hours post-injury, 

start the movie immediately after-axotomy (do not recover animals from the agarose). To record 

later phases of regeneration, recover the larva after axotomy (see Subheading 3.6), and 

remount it later (see Note 21). Set up imaging acquisition as described above, but add 

additional sections to the z-stack, both above and below the axon, to accommodate potential 

drift of the stage or neurons as the larva continues to grow. Using the “Time-series” option 

under the “Acquisition” tab, you can collect a single movie for up to 12 hours, without harming 

the animal. We typically collect movie frames at 5 minutes intervals for 144 cycles (12 hours). 

Using the “Tiles'' option allows the recording of several movies within the same time period. To 

capture dynamics of an entire peripheral arbor, movies can be made using a 20X air or water 

objective. To focus on growth cone dynamics, use a 40-63X oil objective.  

3.8 Peripheral axon arbor tracing 

1. Most RB neurons have a single peripheral arbor (Fig. 4, left panel) which extends from the 

cell body and leaves the spinal cord to penetrate the skin, at which point it branches between 

epithelial cells, like the arbors of a tree (22, 23). We compare arbor sizes pre-axotomy to arbor 

sizes immediately after axotomy and 24 hours post-axotomy. For tracing, use the Simple 

Neurite Tracer (SNT) plugin in FIJI (27) with the images in a z-stack format. SNT is part of FIJI’s 

Neuroanatomy suite (see Note 22). 

3.9 Post-imaging processing 

1. For presentation and analysis, use imageJ (FIJI) or other image processing software to 

produce maximum projections of the .czi files. We convert images to grayscale and invert them 
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before saving them as tiff images to maximize contrast. Multiple images of large neurons can be 

stitched together to create a complete representation.  

 

4. Notes 

1. Remove the crumpled paper towel and orient the flask away from you before swirling to 

release pressure. Reinsert the crumpled paper towel and return the flask to the microwave for 

the next 20-second heating cycle.  

2. To make the agarose injection mold, a plastic mold is placed on the gel before it solidifies. 

For specific dimensions, see (26). We use molds with straight ridges to make trenches into our 

2% agarose injection molds. Trenches are used to align the embryos and secure the chorions in 

place for ease of injection. Plastic molds can imprint various shapes onto agarose gels, 

including spirals and linear trenches. 

3. Ringer’s solution optimized for zebrafish may also be used to grow zebrafish embryos (29).    

4. PTU crystals form during freezing and may not dissolve completely once thawed. Heating the 

solution to 60℃ will dissolve them. Let the solution cool to room temperature before use. If 

making several bottles of E3P, leave one out at room temperature for use, and store the rest at 

4℃. 

5. A white delrin acetal resin sheet, 5mm thick, was laser cut to fashion mounting rings. 

Alternatively, mounting rings can be 3D printed or cut from other materials. If you plan to treat 

mounted larvae with drugs during imaging, you may want to use rings made with sheets 2mm in 

thickness. These shorter rings will reduce the volume of the imaging chamber, and thus require 

less medium to fill the chamber. A 22mm X 22mm microscope cover glass may also be used.  

6. Other transgenes can be used to label different neuron types (e.g. 30, 31).  

7. To achieve sparser labeling, and thus maximize the probability of labeling single neurons, 

inject the plasmid into the yolk between the 2- and 4-cell stages, rather than the 1-cell stage. 
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8. PTU specifically prevents the formation of the pigment melanin in zebrafish melanophores, 

which can obstruct neurons during imaging. Embryos should be switched to PTU-containing 

medium before the onset of melanogenesis in the skin. Alternatively, mutant embryos lacking 

pigment cells can be used (32, 33). 

9. To dechorionate embryos, use two forceps. Under the light microscope, being careful not to 

poke and injure the larva, pinch and hold the top of the chorion with the first forcep. Pinch the 

chorion with the second forcep, close to the first forcep, and gently pull the forceps apart to rip 

the chorion and free the wriggling larvae.   

10. The cell body of a tail-innervating neuron may be anywhere in the caudal spinal cord, but its 

peripheral arbor typically arborizes at or posterior to the cloaca. Moreover, a tail-innervating 

neuron has an ascending central axon but no descending central axon.  

11. A 10 mL syringe, with a Luer-Lok Tip, filled with vacuum grease can be used to facilitate the 

application of grease onto the sides of a mounting ring. 

12. A pump pipettor offers more control than a bulb for transferring liquids with a glass pasteur 

pipette.  

13. Several larvae can be simultaneously mounted within a ring; however, to keep track of 

individual larvae and facilitate rescue, mount a single larva in a circular ring and a maximum of 

two larvae in an oval ring. 

14. If you are mounting larvae to record a time-lapse movie, wait more than 15 minutes for the 

agarose to solidify or until wrinkles can be seen over the surface of the agarose drop with the 

naked eye. This extra polymerization time ensures the solidity of the agarose, preventing the 

larva from drifting out of z-stack range.  

15. To avoid crushing slides and potentially damaging objective lenses, the first user of the day 

should calibrate both the stage and the focus.  

16. The “Stage” tab can be used to change the position of the neuron on the monitor with the 

mouse instead of using the manual knob. By clicking on the arrowheads of the “x-position” and 
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the “y-position”, the neuron can be moved to the left and right, or upwards and downwards 

respectively. 

17. It can be useful, for presentation purposes, to collect separate images of the cell body and 

peripheral axon, since the spinal cord and the skin are at different focal depths. The images can 

then be collaged and stitched together using FIJI or Photoshop to create a complete 

representation of the neuron. 

18.  To see a preview of your image as a maximum projection before saving your image as a 

“.czi” file, go to the “Ortho tab”, select the “Ortho-Display” sub-tab, and select “Maximum 

Intensity Projection”.  

19. At 813 nm, the 2-photon laser beam is out of the visible spectrum. Although the beam 

cannot be seen, the damage it inflicts can. Choose any wavelength to visualise the fluorescent 

debris resulting from the 2-photon laser damage; if severing is successful, a burst of light will 

appear across the screen.  

20. It is essential to be patient at this step and switch back to the “DsRed track” to check for 

axonal damage after each 0.5% increase of the 2-photon laser (813 nm), whether or not there is 

a burst of fluorescence indicating the scattering of debris. Depending on how a larva is 

mounted, 5% to 8% of 2-photon laser power should be sufficient to cut an axon innervating the 

skin. As mounting between individual larvae varies slightly, starting at 5.0% for each larva is 

important. If more power is required to cut an axon, remount the larva. If remounting does not 

solve the issue, the 2-photon laser may need to be realigned. 

21. In our experiments, we observed a slower axon regeneration rate for larvae that were in 

tricaine during 12-hour movies, in comparison with freely moving, unanesthetized larvae that 

were remounted after 12 hours. While tricaine does not block axon regeneration, the slowed 

growth rate could be related to its effect on a neuron’s electrical activity. 

22. Note that a small number of RB neurons have more than one peripheral arbor; for example, 

a peripheral axon can branch in the spinal cord, creating a neuron with two separate peripheral 
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arbors innervating the skin. We measure total arbor length for such neurons by adding together 

the lengths of the two arbors. The point at which an axon exits the spinal cord is often 

detectable as a kink in the axon’s trajectory. Lengths between branches of peripheral arbors can 

vary considerably, which can sometimes make a single arbor appear to be two separate arbors 

(Fig. 4, lower right panel). 
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Figure Legends 

Fig. 1 

Upper panels: zebrafish embryo at the 1-, 2-, and 4-cell stages. Middle panel: Cartoon of 

zebrafish larva with a single tail-innervating RB neuron depicted in red. RB cell bodies are 

located in the dorsal spinal cord. The peripheral axon, after exiting the spinal cord, arborizes 

upon reaching the skin. Lower panel: A tail-innervating RB neuron, with the cell body, the 

ascending central axon in the spinal cord, and the peripheral axon indicated. Arrowheads point 

to PTU-resistant pigment cells. The image was converted to grayscale and inverted. Scale bar, 

100 μm. 

Fig. 2  

Left panel: Schematic of oval and circular rings with dimensions indicated. Upper right panel: 

Zebrafish larva at 48 hours post-fertilization. The larva was anesthetized with tricaine (E3P + 

tricaine). Middle right panel: Manually curved probe. Lower right panel: Two larvae mounted 

against a microscope cover slide. The larvae were sealed in an oval mounting ring, which was 

sandwiched between the microscope cover glass and a glass slide. The chamber was filled with 
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E3P with tricaine. Bottom panel: Labeled cartoon with a side-view of larvae mounted in an oval 

ring. 

Fig. 3 

At 48 hours post-fertilization, a touch-sensing neuron innervating the tail was imaged before 

axotomy. Using a laser mounted on a 2-photon microscope, its peripheral arbor was cut at the 

second branching point, and imaged again within the hour. The detached distal axon branch, 

outlined in red, underwent Wallerian degeneration a few hours after the injury. At 24 hours post-

axotomy, the neuron was imaged again to assess regeneration.  Regeneration from the injury 

site is shaded in green, and the spared branch is shaded in red. The ability to distinguish injury 

site regeneration from spared branches illustrates the clarity provided by labeling and injuring a 

single neuron. For display purposes, the image was converted to a maximum projection and 

inverted. Scale bar, 100 μm. 

Fig. 4 

Left panel: Cartoon depicting a RB neuron with a single peripheral arbor. The spinal cord is 

usually at a deeper focal plane than the peripheral arbor. Upper right panel : A RB neuron with 

two peripheral arbors. Lower right panel:  A RB neuron with a single peripheral arbor with one 

significantly longer branch.  The Simple Neurite Tracer plugin in FIJI was used to trace all 

images in a z-stack format.  
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Fig. 2 
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Fig. 3 
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Fig. 4 
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Chapter 2:   

Anatomy of zebrafish motor and Rohon-Beard touch-sensing neurons 

To determine whether DLK and LZK outcomes following axon injury are cell-type-specific, I 

compare two neuronal cell types with distinct structures: motor neurons (MNs) and touch-

sensing neurons. The following sections give a brief description of their anatomies. 

Motor neurons innervate muscles and their signaling enables movement. The bodies of 

zebrafish larvae are arranged into repeating muscle segments. Muscle segments are further 

divided into dorsal and ventral myotomes and innervated by primary MNs (Issa et al. 2011). 

MNs express Homeobox Protein 9 (HB9), also known as Pancreas and Motor Neurons 

Homeobox Protein 1 (MNX1). There are 3 subtypes of primary MNs: rostral primary MN (RoP), 

middle primary MNs (MiP), and caudal primary MN (CaP). Rop MNs innervate dorsal muscles 

and grow in an upwards direction. MiP MNs innervate dorsal muscles in a downward direction 

but stop at the myoseptum or the separation between dorsal and ventral myotomes. Cap MNs 

innervate the ventral muscles. With their cell bodies positioned in the spinal cord, a bouquet 

containing each MN subtype exits the spinal cord at a common point; this arrangement is 

repeated in all muscle segments. The dendrites of larval MNs are small in comparison to the 

axon, and remain in the spinal cord. 

There are three types of somatosensory neurons in zebrafish: Rohon-Beard (RB) and dorsal 

root ganglion (DRG) neurons, which innervate the body, and trigeminal (TG) neurons, which 

innervate the head (Wang, Julien, and Sagasti 2013; Katz, Menelaou, and Hale 2021). All 

vertebrate touch-sensing neurons are pseudounipolar. Instead of having dendrites and an axon, 

vertebrate somatosensory neurons have one axon that splits into two to innervate separate 

targets: a canonical central axon which remains in the spinal cord and a peripheral axon that 

senses touch stimuli in the skin. Microtubules are important structural elements in neurons and 

their organization distinguishes axons from dendrites. In axons, the growing ends of 
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microtubules are oriented towards the cell body, whereas in dendrites, the growing ends face 

away from the cell body or are a combination of microtubules facing away from and others 

towards the cell body (Burton and Paige 1981; Heidemann, Landers, and Hamborg 1981). RB 

neurons are transient touch-sensing neurons that innervate the body of zebrafish larvae. Most 

of this neuronal population is replaced by DRG as the zebrafish gets older. 

There are several subtypes of RBs but their distinct categorization is not well understood. 

However, all RBs express the enhancer islet somatosensory 1 (isl1 [ss]). RB cell bodies are in 

the spinal cord; they extend a central axon connecting to downstream targets and a peripheral 

axon that exits the spinal cord to emerge in the skin. Once in the skin, the axon arborizes and 

tapers into free endings that sense mechanical, thermal, and chemical stimuli. Unlike RBs, the 

cell bodies of DRG and trigeminal neurons are organized into ganglia outside of the spinal cord. 

A DRG ganglion is found beneath the spinal cord; this arrangement is repeated in all segments 

of the body. From this position, each ganglion extends a central nerve to connections within the 

spinal cord. A peripheral nerve reaches into the skin, where it branches into free axonal 

endings. One TG ganglion is situated on each side of the head. All RBs express the enhancer 

islet somatosensory 1 (isl1[ss]). TG neurons can also be visualized using isl1[ss]. An enhancer 

from the P2RX3 gene drives expression in DRG neurons and also in a subset of RB neurons 

(Palanca et al. 2013). 
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Abstract:  

The MAP3Ks Dual Leucine Kinase (DLK) and Leucine Zipper Kinase (LZK) are essential 

mediators of axon damage responses, but their responses are varied, complex, and incompletely 

understood. To characterize their functions in axon injury, we generated zebrafish mutants of 

each gene, labeled motor neurons (MN) and touch-sensing neurons in live zebrafish, precisely 

cut their axons with a laser, and assessed the ability of mutant axons to regenerate. DLK and LZK 

were required redundantly and cell autonomously for axon regeneration in MNs, but not in larval 

Rohon-Beard (RB) or adult dorsal root ganglion (DRG) sensory neurons. Surprisingly, in dlk lzk 

double mutants, the spared branches of wounded RB axons grew excessively, suggesting that 

these kinases inhibit regenerative sprouting in damaged axons. Uninjured trigeminal sensory 

axons also grew excessively in mutants when neighboring neurons were ablated, indicating that 

these MAP3Ks are general inhibitors of sensory axon growth. These results demonstrate that 

zebrafish DLK and LZK promote diverse injury responses, depending on the neuronal cell identity 

and type of axonal injury. 

  

Significance statement: 

The MAP3Ks DLK and LZK are damage sensors that promote diverse outcomes to neuronal 

injury, including axon regeneration. Understanding their context-specific functions is a 

prerequisite to considering these kinases as therapeutic targets. To investigate DLK and LZK cell-

type specific functions, we created zebrafish mutants in each gene. Using mosaic cell labeling 

and precise laser injury we found that both proteins were required for axon regeneration in motor 

neurons, but, unexpectedly, were not required for axon regeneration in Rohon-Beard or dorsal 

root ganglion (DRG) sensory neurons, and negatively regulated sprouting in the spared axons of 

touch-sensing neurons. These findings emphasize that animals have evolved distinct 

mechanisms to regulate injury site regeneration and collateral sprouting, and identify differential 

roles for DLK and LZK in these processes. 
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Introduction: 

Axon damage caused by stroke, trauma, or disease disrupts the circuits required for sensation, 

movement and cognition. Unlike other tissues that rely on stem cells to recover from damage, 

most neurons cannot be replaced, so damaged cells must themselves be repaired to restore 

function. Successful axon regeneration requires damage sensing, the transmission of injury 

signals to the nucleus, activation of pro-regenerative genes, axon guidance, and circuit 

reintegration (Curcio and Bradke, 2018). Our understanding of the factors regulating each of these 

steps is incomplete.  

  

Mitogen-activated protein kinase kinase kinases (MAP3Ks) regulate many cellular processes, 

including development, differentiation, and stress responses (Craig et al., 2008). Among MAP3Ks, 

Dual Leucine Kinase (DLK/MAP3K12), which belongs to the Mixed Lineage Kinase (MLK) MAP3K 

subfamily (Gallo and Johnson, 2002), has been implicated in neuronal development (Nakata et 

al., 2005; Hirai et al., 2006, 2011) and axon injury responses (Hammarlund et al., 2009; Miller et 

al., 2009; Xiong et al., 2010; Welsbie et al., 2017, 2019) in a variety of organisms. DLK is activated 

by axon injury and in turn activates downstream P38 or JNK signaling cascades to induce 

transcription of injury response genes (Tedeschi and Bradke, 2013; Jin and Zheng, 2019). In 

addition to DLK itself, vertebrates have another DLK-related gene that contributes to injury 

responses, Leucine Zipper Kinase (LZK/MAP3K13), which has a domain analogous to the 

calcium-sensing domain in the worm DLK protein (Yan and Jin, 2012). 

 

In invertebrates, activation of DLK is a major signal initiating responses to axon injury and stress. 

Without DLK, regenerative axon growth is eliminated in motor and sensory neurons in both C. 

elegans (Hammarlund et al., 2009; Yan et al., 2009) and Drosophila (Xiong et al., 2010; Stone et 

al., 2014). In mammals, the outcomes of DLK and LZK activation in response to axon damage 
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are varied and context-dependent: DLK or LZK can promote neurite branching (Chen et al., 

2016b), axon elongation (Shin et al., 2012), inhibition of axon regeneration (Dickson et al., 2010), 

axon degeneration of the distal stump (Miller et al., 2009; Summers et al., 2018), cell death 

(Ghosh et al., 2011; Watkins et al., 2013; Yin et al., 2017; Welsbie et al., 2019; Li et al., 2021), or 

microglial and astrocyte responses to injury (Chen et al., 2018; Wlaschin et al., 2018). In mice 

with a DLK gene-trap, downstream responses were reduced after sciatic nerve injury, and explant 

cultures of DRG grew shorter axons than controls (Itoh et al., 2009). Selectively eliminating DLK 

in neurons strongly reduced motor axon target reinnervation after sciatic nerve crush (Shin et al., 

2012). Peripheral axons of DLK mutant DRG neurons, on the other hand, initiated regeneration 

normally, but by three days post-injury had regenerated less than controls (Shin et al., 2012). 

 

Studying genetic regulators of axon regeneration is complicated by the complexity of in vivo 

experimental injuries. In nerve crush or severing models, nerve bundles contain axons of many 

different types of neurons, thus convoluting cell type-specific responses to injury. Moreover, axon 

branching and fasciculation within nerves can obscure the source of growth after incomplete 

injuries--without single cell resolution, it is difficult to distinguish axon growth from regenerating 

neurites, regenerative sprouting from unsevered branches of damaged cells, or collateral 

sprouting from undamaged neurons (Steward et al., 2003; Tuszynski and Steward, 2012), each 

of which has distinct functional implications.  

  

To better understand the roles of dlk and lzk in axon damage responses, we created zebrafish 

mutants in both genes. Single-cell labeling allowed us to compare regeneration not only in 

different cell types, but also in central axons, peripheral axons, and specific branches of damaged 

axons. Our findings indicate that dlk and lzk are required redundantly for motor axon regeneration, 

but not for axon regeneration in RB or DRG neurons. Surprisingly, DLK inhibited sprouting of 
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larval peripheral sensory axons, emphasizing the context-dependent multifunctionality of these 

axon damage sensors. 

 

Results: 

dlkla231 and lzkla232 mutant zebrafish develop normal motor and sensory neurons 

To study the functions of zebrafish DLK and LZK in axon regeneration, we identified the closest 

homologous genes to mammalian DLK and LZK in the zebrafish genome, which were located on 

opposite ends of chromosome 9, and generated a phylogenetic tree with the full amino acid 

sequences (Figure 1A). Human, mouse, and zebrafish DLK proteins share 93% sequence 

similarity in their kinase domain, and 95% similarity in their leucine zipper domains; human, 

mouse, and zebrafish LZK proteins share 97% sequence similarity in their kinase domain, 98% 

similarity in their leucine zipper domains, and an identical C-terminal hexapeptide involved in 

calcium regulation.  

 

We created mutations in each gene using the CRISPR/Cas9 system. Using two guide RNAs 

(gRNAs), we made a 3289 base pair (bp) genomic deletion in zebrafish dlk, which removed 519 

coding base pairs, including most of the kinase domain. Using the same approach to target LZK, 

we created an allele with two separate deletions in exon 1 (a 28 base pair deletion and a 30 base 

pair deletion), placing the gene out-of-frame, upstream of the kinase domain (Figure 1B). Unlike 

DLK mutant mice, which die perinatally (Hirai et al., 2006), dlkla231, lzkla232, and dlkla231 

lzkla232double mutant zebrafish survived to adulthood and appeared grossly normal, similar to 

mutants in invertebrate DLK homologs, although both mutants were slightly smaller on average 

than wildtype fish at three larval stages (48 hpf, 72 hpf, and 5 dpf), indicating a developmental 

delay (Figure 1C-E).  
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Zebrafish dlk mRNA is expressed broadly in the nervous system at early developmental stages 

(Thisse et al., 2004), prompting us to test if dlk is required for the initial development of peripheral 

neurons. To label motor neurons (MNs), one-cell stage embryos were co-injected with MN driver 

(HB9:GAL4) (Issa et al., 2011) and effector (UAS:GFP) transgenes, which drive expression of 

cytoplasmic GFP. Since transient transgenesis results in mosaic inheritance, we screened for 

animals expressing GFP in isolated MNs. To minimize morphological variability, we selected only 

those MNs that innervated ventral muscles (Figure 2A_B), enriching for the caudal primary (CaP) 

MNs (Westerfield et al., 1986). At 5 days post-fertilization (dpf) we imaged each MN and 

measured several morphological parameters, including axon branch tip number, and total axon 

length. Despite the fact that mutant animals are slightly smaller than controls, there were no 

significant differences in neuronal morphology between dlkla231, lzkla232, or dlkla231 lzkla232 double 

mutants and wt animals (Figure 2C-D). These observations indicate that dlk and lzk are not 

required for the morphological development of MNs.  

 

To image larval RB touch-sensing neurons (Palanca et al., 2013; Katz et al., 2021), we injected 

animals with a reporter driving expression of a red fluorescent protein in these cells 

(Isl1[SS]:Gal4;UAS:DsRed) (Sagasti et al., 2005), and screened for animals expressing this 

reporter in isolated RB neurons, which allowed us to unambiguously visualize the morphology of 

the entire neuron and distinguish central from peripheral axons. To minimize variability, we 

selected only tail-innervating RB neurons for analysis, since they are flat and relatively easy to 

trace (Figure 3A-B). As with MNs, there were no significant morphological differences between 

the peripheral arbors of dlkla231, lzkla232, or dlkla231 lzkla232 double mutant and wt fish at 48 hours 

post-fertilization (hpf) (Figure 3C-E). At 72 hpf, dlkla231 and double mutant peripheral axon 

morphologies were also comparable to wildtype axons, but lzkla232 neurons were somewhat 

smaller than wildtype neurons on average, potentially reflecting their mild developmental delay. 
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Together these results indicate that, similar to homologs in invertebrate animals, DLK and LZK 

do not play major roles in initial neuronal development. 

 

dlk and lzk are redundantly required for motor axon regeneration 

Few studies have directly tested the relationship between these two closely related, potentially 

redundant MAP3K proteins in axon damage responses. To assess if dlk or lzk are required for 

motor axon regeneration in larval zebrafish, we severed axons of isolated MNs in wt, single 

mutant, and double mutant fish, and compared their ability to regenerate. Specifically, 5 dpf axons 

were severed 50 µm distal to the spinal cord exit point (Figure 4A), using a laser mounted on a 2-

photon microscope (O’Brien et al., 2009b). To minimize potential contributions from extrinsic 

factors, only neurons in which laser axotomy caused no obvious damage or scars were used for 

regeneration experiments. Motor axons were assessed for regeneration 48 hours post-axotomy 

(hpa) (Figure 4A), as in previous studies (Rosenberg et al., 2012). Wallerian degeneration 

appeared to occur normally in these mutants. Motor axon regeneration was modestly reduced in 

dlkla231 mutants, compared to wt motor axons, but strongly impaired in dlkla231 lzkla232 double 

mutants (Figure 4B-C). These observations suggest that dlk and lzk are partially redundant (or 

genetically compensate for each other) for regeneration of larval motor axons. 

 

Intriguingly, we observed that among dlkla231 lzkla232 double mutant MNs displaying severe 

regeneration deficits, ~28% (8 out of 29) grew extremely long neurites within the spinal cord, 

which are likely dendrites (Figure 4D), a phenotype not seen in individual dlkla231 or lzkla232 

mutants. This observation indicates that dlkla231 lzkla232 double mutant axons do not lack growth 

potential, but are specifically impaired in axon regeneration. 

 

To determine if dlk or lzk are required cell-autonomously for motor axon regeneration, we 

attempted to rescue their regeneration defects by expressing dlk and lzk cDNAs specifically in 
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these neurons. Since dlk and lzk were required redundantly for motor axon regeneration, we 

expressed each cDNA separately in dlkla231 lzkla232 double mutants. Strong overexpression of 

these cDNAs with the Gal4/UAS system was toxic to neurons, causing dysmorphic axons, 

spontaneous axon degeneration, and cell death (not shown). We therefore expressed lower levels 

by creating bicistronic transgenes directly under a MN-specific promoter (HB9:DLK-T2A-GFP and 

HB9:LZK-T2A-GFP), which were co-injected with transgenes that strongly drive RFP expression 

throughout the cytoplasm (HB9:Gal4 and UAS:DsRed). Only cells that clearly expressed the 

rescue transgene (i.e., GFP+ cells), and had overtly normal axons, were used for these 

experiments (Figure 4A). Expressing each cDNA improved axon regeneration to levels 

comparable to the corresponding single mutant (e.g., dlkla231 lzkla232 neurons with dlk cDNA were 

comparable to lzkla232 mutants, Figure 4B-C). However, the difference in regeneration between 

rescued neurons and double mutants did not reach significance, likely due to variability in the 

assay. Nonetheless, these results are most consistent with DLK and LZK proteins acting cell-

autonomously to promote motor axon regeneration, similar to DLK’s well documented role in axon 

regeneration in worms, flies, and mice. 

 

dlk and lzk are not required for RB central or peripheral axon regeneration  

RB neurons are bipolar or pseudo-unipolar, with a receptive peripheral axon that innervates the 

epidermis and a central axon that connects to downstream circuits in the spinal cord (Palanca et 

al., 2013; Katz et al., 2021). Unlike in mammals, fish can often regenerate axons in the central 

nervous system (Rasmussen and Sagasti, 2016). To visualize RB neurons, we used the Islet1(ss) 

enhancer, which drives expression in all touch-sensing neurons (Higashijima et al., 2000; Sagasti 

et al., 2005). To identify a time point for regeneration experiments, we characterized the structure 

of tail-innervating RB neuron arbors as development progressed, with the aim of finding a stage 

when RB neurons were morphologically stable, but still expressed the transgene strongly. These 

analyses led us to choose 48 hpf for axotomies, since approximately ⅔ of RB peripheral arbors 
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in the tail had attained a stable branching pattern (i.e., new branches were no longer added) at 

this time point, although they continued to grow bigger via scaling growth.   

 

To test if dlk or lzk are required for the regeneration of zebrafish RB central axons, we transiently 

labeled isolated RB neurons in the tail, laser severed their ascending central axons 200 μm from 

the cell body, and measured the total length of regenerated axons at 24 hpa (Figure 5A-B). We 

were careful to use the minimal effective laser power for axotomy, since we observed that even 

moderate damage and scarring in the spinal cord impedes regeneration. Surprisingly, RB central 

axons in dlkla231, lzkla232, and dlkla231 lzkla232 double mutants regenerated similar to wt neurons 

(Figure 5B). In fact, some central axons regenerated more on average than wt axons, although 

this effect did not reach significance. These data indicate that, unlike zebrafish motor axons, or 

central axons of sensory neurons in invertebrates and mice, central axons of RB neurons in 

zebrafish larvae do not require dlk or lzk for regeneration. 

 

To test if dlk or lzk are required for the regeneration of RB peripheral axons, we labeled isolated 

tail-innervating RB neurons, removed the entire peripheral arbor by severing it at the first 

peripheral branch point at 48 hpf, and measured regeneration at 24 hpa (Figure 6A). (When a 

neuron had two arbors separately innervating the skin, both were removed). Although a few axons 

in each genotype failed to regrow, most severed peripheral axons in single and double mutants 

regenerated comparable to wt, whether measured as total axon growth or as percent regeneration 

of the severed arbor (Figure 6B-C). Although all genotypes regenerated on average similar size 

arbors (Figure 6B), there were some differences in regeneration between different mutant 

genotypes when measured as percent regeneration of the original arbor (Figure 6C), reflecting 

that each group had different sized arbors to begin with. Thus, neither central nor peripheral RB 

axons require DLK or LZK for regeneration. 
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dlk and lzk are not required for DRG neuron peripheral axon regeneration in adult zebrafish 

The finding that DLK and LZK are not required for regeneration of RB axons was surprising, since 

MNs in the same genetic background failed to regenerate and DLK signaling has been implicated 

in regeneration of another sensory neuron type, DRG neurons in culture and adult mice (Itoh et 

al., 2009; Shin et al., 2012). We therefore considered the possibility that RB neurons, which are 

replaced by DRG neurons over the course of development (Reyes et al., 2004; Rasmussen et al., 

2018), might use a repair strategy different from neurons that persist into adulthood. To determine 

if DRG neurons require DLK and LZK for regeneration, we imaged them in a line stably expressing 

mCherry in sensory neurons (P2rx3a:LexA,4xLexAop:mCherryla207), in wildtype, dlkla231, lzkla232, 

and dlkla231 lzkla232 double mutant animals. Some genotypes were crossed to the casper mutant 

background, which lacks pigmentation (White et al., 2008) to facilitate imaging (see Methods for 

details of transgenic genotypes). We first examined regeneration of adult (8–11-month-old) DRG 

neurons by severing sensory nerves immediately above and under a scale (Figure 7), as these 

nerves were easily accessible for injury with a pulsed UV laser (Rasmussen et al., 2018). Adult 

fish were intubated during injury and subsequent imaging sessions (Shorey et al., 2021). By 24 

hours after axotomy, neurites distal to the cut site had degenerated, and by 96 hpa, scales were 

again fully innervated, comparable to pre-axotomy conditions, in wt, dlkla231, lzkla232, and dlkla231 

lzkla232 double mutants (n= 10 wt; n= 7 dlkla231; n= 5 lzkla232; n= 5 double mutants) (Figure 7).  

 

A previous study showing reduced regeneration of DRG peripheral axons in DLK mutant neurons 

monitored regrowth after injury closer to the cell body (Shin et al., 2012), so we considered the 

possibility that surface damage of sensory axons might be so common that it does not require 

DLK/LZK signaling. We thus severed DRG nerves close to the ganglion, using 2-photon laser 

surgery in 4–5-week-old juvenile fish (Figure 8A). At this age, DRG sensory arbors on the scale 

surface have not yet achieved a fully mature morphology, but tail-innervating neurites were 

indistinguishable from those of adults. We specifically cut the peripheral nerve exiting the most 
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caudal tail-innervating DRG (potentially the equivalent of the sacral ganglion nerve) at 

approximately 100 microns from the ganglion, resulting in the complete loss of tail fin innervation 

along the dorsal-most fin rays (Figure 8B). Surprisingly, the nerve regenerated robustly in both wt 

and dlkla231 lzkla232 double mutants (n= 5 wt; n= 6 double mutants); by 96hpa regenerated axons 

had reached the end of the tail (Figure 8B). Thus, unlike motor axons, sensory axons of RB and 

DRG neurons do not require LZK and DLK for regeneration. 

 

Spared branches of damaged RB peripheral axons sprout excessively in dlkla231 lzkla232 

double mutants  

Axon regeneration from severed neurites, regenerative sprouting from spared branches of 

damaged axons, and collateral sprouting from undamaged axons are distinct processes (Steward 

et al., 2003; Tuszynski and Steward, 2012). Our single RB neuron labeling technique provided an 

opportunity to ask if DLK or LZK play distinct roles in these processes. To compare the behavior 

of severed and spared branches of a damaged axon, we severed RB peripheral axons at the 

second branch point, sparing the first branch (Figure 9A-B). Surprisingly, partially axotomized 

peripheral axons in dlkla231 and lzkla232 mutants regenerated more than wt axons--in other words, 

mutant axons gained more total peripheral axon length than wt axons after axotomy (Figure 9C). 

By separately measuring growth in the spared and axotomized branches, we found that 

regenerative sprouting contributed virtually all of the excess growth, rather than growth from the 

injury site (Figure 9D-E). The dlkla231 mutant phenotype was stronger than the lzkla232 mutant 

phenotype, but excess growth was more pronounced in dlkla231 lzkla232 double mutants than in 

either single mutant. These results indicate that dlk and lzk inhibit peripheral axon growth 

specifically in spared branches of damaged axons. To test if this effect is compartment-specific, 

we measured the growth of peripheral axons after severing the central axon of the same neuron. 

Cutting central axons did not promote growth of spared peripheral axons preferentially in mutants, 

indicating that growth inhibition by DLK and LZK occurs locally, within a compartment (Figure 5C). 
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To test if DLK acts cell-autonomously to inhibit regenerative sprouting, we expressed dlk cDNA 

in dlkla231 mutants. Like with MNs, strong overexpression of dlk cDNA with the Gal4/UAS system 

was toxic to RB neurons, causing cell death by 24 hpf (not shown). As a result, we expressed 

lower levels of the cDNA (Crest3:DLK-T2A-GFP, co-injected with Isl1[SS]:Gal4 and UAS:DsRed) 

in RB neurons. Expression of the dlk cDNA modestly reduced axon sprouting, when measured 

as percent of the initial arbor size regenerated. This effect did not reach significance when 

compared to the dlkla231 mutants (Figure 9C-E), but the rescued single mutants were significantly 

different from dlkla231 lzkla232 double mutants. However, when measured as total axon length 

regenerated there was no apparent rescue with dlk cDNA. These ambiguous results may reflect 

the difficulty of achieving the appropriate level of cDNA expression for rescue, but could also 

suggest that these proteins do not act strictly cell-autonomously to limit regenerative sprouting of 

spared branches in RB neurons.  

 

dlk and lzk are general inhibitors of collateral sprouting in RB neurons 

Given our unexpected finding that spared branches of damaged RB neurons grew more in 

mutants than wt animals, we wondered if increased axon growth in dlkla231 and lzkla232 mutants 

was specific to injured axons, or if sensory axon growth was generally disinhibited in these 

mutants. Since axon growth during development is limited by repulsive tiling interactions (Sagasti 

et al., 2005; Grueber and Sagasti, 2010), increased growth potential in dlkla231 lzkla232 mutants 

could be masked by tiling. We therefore compared peripheral axon growth in mutants and wt 

animals in which we relieved axon tiling by ablating an entire trigeminal ganglion, since larval 

trigeminal sensory neurons are similar to larval RB neurons (Gau et al., 2013; Palanca et al., 

2013). Ablating a trigeminal ganglion early in development (24 hpf) allows axons to grow into the 

denervated side of the head significantly more than in non-ablated control animals, since axon 

arbors are not limited by their contralateral counterparts (Sagasti et al., 2005). However, this 
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growth ability diminishes by 78 hpf (O’Brien et al., 2009a). To reduce variegation of the reporter 

(i.e., silencing in some cells), we selected homozygous transgenic embryos 

(Isl1[SS]:Gal4;UAS:DsRed) in which most, if not all, trigeminal cell bodies were labeled. Although 

axons from each ganglion do not stop abruptly at a sharp midline, they rarely reach the 

contralateral eye in wildtype animals. 24 hours after ganglion ablation, axons of the spared 

ganglion grew markedly further into the denervated side of the head in dlkla231 lzkla232 than in wt 

animals (Figure 10A). Measuring the total axon length that grew over the contralateral eye 

revealed that dlkla231 and lzkla232 inhibit collateral sprouting of RB touch-sensing neurons, even in 

uninjured neurons (Figure 10B). 

 

Discussion: 

This study establishes and characterizes zebrafish mutants in the dlk and lzk genes, 

complementing existing worm, fly, and mouse models to study the function of these critical 

neuronal injury regulators (Jin and Zheng, 2019). Zebrafish offers powerful advantages over other 

vertebrate models, including the ability to label single neurons of different types and precisely 

injure them with laser axotomy, thus making it possible to distinguish the responses of different 

neurite branches to injury. Using this approach, we found that dlk and lzk were required cell-

autonomously, and partially redundantly, for MN regeneration in larval zebrafish. By contrast, dlk 

and lzk were not required for axon regeneration in larval RB touch-sensing neurons or adult DRG 

neurons. However, these kinases negatively regulated the sprouting of spared sensory neuron 

peripheral arbors, both within the injured neuron and in uninjured neighboring neurons. These 

findings reveal cell-type specific dlk and lzk functions and highlight the mechanistic differences 

between different kinds of regenerative growth, which can be promoted or inhibited by the same 

signaling molecules. 
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Invertebrates only have one DLK-related gene, but the existence of DLK’s close relative LZK in 

vertebrates raises the possibility that these MAP3Ks act redundantly (Jin and Zheng, 2019). 

Despite their similarity, however, DLK lacks a key calcium-binding domain found in LZK and in 

invertebrate DLK homologs, suggesting that these kinases may be activated in different ways. 

Studies using optic nerve crush and traumatic brain injury (TBI) models found that inhibition of 

both dlk and lzk offered the strongest protection from cell death (Welsbie et al., 2019), indicating 

that they play overlapping roles in promoting injury-induced death. By contrast, other studies 

suggest distinct, cell-type-specific gene functions, including LZK’s roles in activating astrocytes 

(Chen et al., 2018). We directly addressed the potential for redundancy between DLK and LZK in 

zebrafish axon regeneration by comparing each mutant to double mutants. In motor axons, dlkla231 

mutants had a modest regeneration defect, but dlkla231 lzkla232 double mutants had a strong defect, 

suggesting partial redundancy. dlkla231 has an in-frame deletion of the kinase domain, so it is 

unlikely to trigger genetic compensation (Rossi et al., 2015; El-Brolosy et al., 2019; Ma et al., 

2019). lzkla232 mutants, however, have a premature stop codon, which could trigger nonsense-

mediated RNA decay and thus genetic compensation, perhaps explaining why lzkla232 mutants did 

not have a strong motor axon regeneration defect on their own. The fact that a few double mutant 

motor axons were able to regenerate may suggest compensatory contributions from other 

MAP3Ks in the MLK family or parallel pro-regenerative pathways. We saw a similar pattern for 

the suppression of RB neuron regenerative sprouting (sprouting was increased in dlkla231 animals, 

but it was more pronounced in dlkla231 lzkla232 double mutants), and only found motor dendrite 

overgrowth in double mutants. Together, these results suggest a partially redundant or 

compensatory relationship between these two kinases in axon regeneration.  

 

DLK promotes axon regeneration in many different types of neurons and organisms, but in larval 

Drosophila sensory neurons it is dispensable for dendrite regeneration, even though it is required 

for axon regeneration in the same cells (Stone et al., 2014). This observation indicates that axon 
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and dendrite regeneration are mechanistically distinct, and indeed other factors differentially affect 

these processes (Nye et al., 2020). Vertebrate sensory neurons, while similar in many respects 

to Drosophila counterparts, have sensory axons rather than dendrites, as defined by physiological 

features and cytoskeletal organization (Shorey et al., 2021), so we initially hypothesized that DLK 

and LZK would be required for regeneration of both central and peripheral sensory axons. 

Surprisingly, however, central RB, peripheral RB, and peripheral DRG axons regenerated 

normally in dlkla231 lzkla232 mutants. These findings suggest that another, yet unknown pathway is 

used by fish somatosensory neurons to detect axon damage and activate the axon regeneration 

program. 

 

When an entire nerve is damaged, it is difficult to deconvolute axon regeneration from a severed 

axon stump, regenerative sprouting from spared branches, and collateral sprouting from 

neighboring neurons (Steward et al., 2003; Tuszynski and Steward, 2012). The balance of these 

types of growth, however, has important functional consequences, particularly for sensory 

neurons. For example, RB sensory axons in larval zebrafish tile to innervate discrete, minimally 

overlapping territories in the skin that provide spatial information necessary for appropriate 

behavioral responses to touch (Sagasti et al., 2005). The balance between true regeneration and 

collateral sprouting thus determines the sensory map of the periphery. Our single cell labeling 

method allowed us to directly address this issue, revealing that DLK, potentially with some 

contribution from LZK, are required to limit sprouting from uninjured axon branches, even though 

it did not affect regeneration from severed axon branches. This finding emphasizes that forming 

a growth cone in a damaged axon branch, which has experienced cytoskeletal disruption, calcium 

influx, and local mitochondrial dysfunction, is a distinct process from reactivating growth in a 

dormant, uninjured axon branch. Since it is critical for sensory neurons to restore their spatial 

sensory map in the periphery, limiting sprouting may be as functionally important as promoting 

new growth from an injured branch. Indeed, excessive neuronal sprouting induced by pathological 
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conditions such as atopic dermatitis, or selective serotonin reuptake inhibitors (SSRI) treatment, 

is associated with oversensitivity and itch in the skin (Han and Dong, 2014; Tominaga and 

Takamori, 2014; Morita et al., 2015).  

 

The cellular site in which DLK acts to limit sprouting remains unclear in our experiments, since 

expressing DLK cDNA only modestly reduced sprouting in dlkla231 RB neurons. Achieving rescue 

experimentally may be difficult, since overexpressing DLK was toxic to neurons, suggesting that 

precise regulation of DLK levels is required for an optimal injury response. These findings also 

allow the intriguing possibility that DLK may act non-cell-autonomously to limit sprouting. For 

example, DLK could function in the epidermal cells innervated by RB axons, since DLK regulates 

epidermal differentiation and integrity (Robitaille et al., 2005; Simard-Bisson et al., 2017), or in 

immune cells activated by the injury, since DLK and LZK regulate microglial and astrocyte 

responses to injury in the CNS (Chen et al., 2018; Wlaschin et al., 2018). Wherever DLK is 

functioning to limit sprouting, our findings reveal that regeneration from an injured growth cone 

and sprouting from uninjured axon branches are mechanistically distinct processes that 

differentially require DLK signaling. 

 

Our discovery that zebrafish DLK and LZK are required to promote axon growth in one context 

(motor axon regeneration), and restrain it in others (growth of RB spared branches and trigeminal 

neurons) echoes the context-specific dual roles for DLK homologs in other neurons. For example, 

in addition to its differential effects on axon and dendrite regeneration in Drosophila sensory 

neurons (Stone et al., 2014), excess DLK promotes axon growth and inhibits dendrite growth in 

the same neurons (Wang et al., 2013). Moreover, although DLK is required for axon regeneration 

in Drosophila sensory neurons, it also promotes an opposing neuroprotective response that 

inhibits axon regeneration (Chen et al., 2016a). Thus, DLK has the potential to both activate and 

inhibit regeneration in these neurons, depending on the balance of its outputs. Similarly, in C. 
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elegans sensory neurites, excess DLK resulting from loss of a negative regulator can inhibit axon 

regeneration (Yan et al., 2009) or promote developmental overgrowth (Zheng et al., 2020), 

depending on which regulator was reduced.  

 

Our study adds to a growing list of examples of distinct DLK functions in different cell types and 

conditions (Jin and Zheng, 2019). These diverse outcomes could be explained by the 

permissiveness versus non-permissiveness of the environment, expression levels of these 

signaling proteins, subcellular localization, the mode of activation, or even the duration of the 

signal, all of which could lead to the assembly of different signaling complexes that activate 

different responses (Goodwani et al., 2020). Understanding these diverse molecular processes, 

categorizing potential outcomes, and determining the neuronal cell types in which they occur in 

vivo, are prerequisites to considering dlk and lzk as targets in the treatment of axonal neuropathies 

and traumatic injuries. 

 

Materials and methods: 

Zebrafish 

Zebrafish (Danio rerio) were raised on a 14h/10h light/dark cycle, and a water temperature of 

28.5C. Embryos were incubated at 28.5C in E3 buffer (0.3g/L Instant Ocean salt, 0.1% methylene 

blue). For imaging purposes, pigment formation was blocked by treating embryos with 

phenylthiourea (1X PTU, 0.2mM) at 22-24 hpf. Embryos were then manually dechorionated using 

forceps. All mutant and transgenic lines were created using AB wildtype fish (ZFIN: ZDB-GENO-

960809-7). Experimental procedures were approved by the Chancellor’s Animal Research Care 

Committee at UCLA and the Pennsylvania State Institutional Animal Care and Use Committee. 

 

CRISPR/Cas9 mutagenesis 
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Guide RNAs were engineered using the “Short oligo method to generate gRNAs”, as previously 

described (Talbot and Amacher, 2014). To mutagenize dlk and lzk, we created a DNA template 

for making gRNAs, containing the T7 RNA polymerase promoter, the gene targeting sequence, 

and the gRNA scaffold sequence. This template was amplified by PCR and its product was used 

to synthesize gRNAs using a T7 RNA polymerase kit. The gRNAs were then purified. Fish were 

injected with a mix containing 1uL of Cas9 mRNA (1500ng/ul), 1.5uL of gRNA1 (100ng/uL), and 

1.5uL of gRNA2 (100ng/uL). Embryos at the 1-cell stage were injected with 5nL of the mix. At 48 

hpf, PCR and restriction digests were used to test guide efficiency. To identify fish carrying 

mutations in their germline, injected embryos were raised to adulthood, crossed to wildtype fish, 

and their progeny were screened by PCR. at 48 hpf, mutant PCR products flanked by the common 

M13 primers, were sent for sequencing.  

 

PCR genotyping 

PCR was usually conducted with Taq polymerase for 40 amplification cycles. The denaturation 

cycle was 94℃ for 30s. Annealing was for 30s at 53℃ for lzk wildtype and lzkla232 bands, 59℃ for 

the dlk wildtype band, and 63℃ for dlkla231 band. Elongation was at 72℃; this step was 20s for lzk 

wildtype and lzkla232 bands, 1 minute for the dlk wildtype band, and 15s for the dlkla231 band.        

Alternatively, PCR was occasionally conducted with Phusion polymerase for 40 amplification 

cycles. The denaturation cycle was 98℃ for 30s. Annealing was at 64℃ for lzk wildtype and lzkla232 

bands, 71℃ for the dlk wildtype band, and 75℃ for dlkla231 band. Elongation at 72℃ for 11s for lzk 

wildtype and lzkla232 bands, for 30s for the dlk wildtype band, and 10s for dlkla231 band.                                               

 

Transgene cloning 

HB9(3X)-E1B-DLK-T2A-GFP 

E1B-DLK-T2A was constructed by individually inserting E1B and DLK into the MCS region of a 

PME: MCS-T2A vector.  
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Step 1: E1B template 

5’ TCTAGAGGGTATATAATGGATCCCATCGCGTCTCAGCCTCA 3’  

5’ GAATTCGTGTGGAGGAGCTCAAAGTGAGGCTGAGACGCGATG 3’   

An E1B template was created by PCR amplification of overlapping oligomers.  

Step 2: att site-MCS-T2A-att site 

5’ GGGGACAAGTTTGTACAAAAAAGCAGGCTACCGTCAGATCCGCTAG  3’ 

5’ GGGGACCACTTTGTACAAGAAAGCTGGGTATGGGCCAGGATTCTC  3’ 

MCS-T2A flanked by att sites was PCR amplified and inserted into a PME vector using a Gateway 

BP reaction (Kwan et al., 2007). 

Step 3: EcorI-E1B-EcorI was inserted into the MCS region of PME: MCS-T2A vector using 

restriction digest and ligation resulting in aPME: MCS(E1B)-T2A vector. 

5’ TAAGCAGAATTCTCTAGAGGGTATATAATGGATCCCA  3’ 

5’ TGCTTAGAATTCGAATTCGTGTGGAGGAGCT 3’ 

Step 4: SaLI-DLK(no stop codon)-SacII was inserted into the PME: MCS(E1B)-T2A vector using 

restriction digest and ligation resulting in a  PME: MCS(E1B-DLK)-T2A vector. 

5’ TAAGCAGTCGACATGGCTTGTGTCCATGAGCAG 3’ 

5’ TGCTTACCGCGGGTTTTGTGGACCCTGGCCC  3’ 

PME: MCS(E1B-DLK)-T2A, a P5E:HB9(3X), and P3E:GFP were incorporated into a Gateway 

destination vector via LR reaction resulting in HB9(3X)-E1B-DLK-T2A-GFP.  

HB9(3X)-E1B-LZK-T2A-GFP 

E1B-LZK-T2A was constructed using overlap PCR to assemble E1B-LZK-T2A framed by att sites: 

Primer set 1: att site-E1B-part of lzk, use E1B sequence as a template 

5’ GGGGACAAGTTTGTACAAAAAAGCAGGCTTCTCTAGAGGGTATATAATGGATCCC 3’ 

5’ TGGTGCTGTGCGTGTGCATGAATTCGTGTGGAGGAGC 3’ 

Primer set 2: part of E1B-lzk no stop codon-part of T2A, use lzk cDNA as template 

5’ GCTCCTCCACACGAATTCATGCACACGCACAGCACCA 3’ 
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5’ CCTCTGCCCTCTCCACTTCCCCAGGATGACGGAGCGCC 3’ 

Primer set 3:  end of lzk no stop codon-T2A-att site, use T2A sequence as a template 

5’ GGCGCTCCGTCATCCTGGGGAAGTGGAGAGGGCAGAGG 3’ 

5’ GGGGACCACTTTGTACAAGAAAGCTGGGTCTGGGCCAGGATTCTCCTCGA 3’ 

All three fragments were amplified independently. Fragment 1 was added to fragment 2 by 

overlapping PCR. The resulting fragment was added to fragment 3. The complete sequence was 

then inserted into Gateway’s PME donor plasmid via a BP reaction. The resulting PME: E1B-LZK-

T2A, a P5E:HB9(3X), and P3E:GFP were incorporated into a Gateway destination vector via LR 

reaction resulting in HB9(3X)-E1B-LZK-T2A-GFP.  

Crest3: DLK-T2A-GFP 

DLK-T2A was constructed using overlap PCR to assemble DLK-T2A flanked by att sites for 

Gateway recombination: 

Primer set 1: att site-dlk no stop-part of T2A, use dlk cDNA as template 

5’ GGGGACAAGTTTGTACAAAAAAGCAGGCTTCATGGCTTGTGTCCATGAGCAG 3’ 

5’ CCTCTGCCCTCTCCACTTCCGTTTTGTGGACCCTGGCCC 3’ 

Primer set 2: end of dlk no stop-T2A-att site, use T2A sequence as template 

5’ GGGCCAGGGTCCACAAAACGGAAGTGGAGAGGGCAGAGG 3’ 

5’  GGGGACCACTTTGTACAAGAAAGCTGGGTCTGGGCCAGGATTCTCCTCGA 3’ 

Both fragments were amplified independently. Fragment 1 was added to fragment 2 by 

overlapping PCR. The resulting PME: DLK (no stop codon)-T2A, a P5E: Crest3, and a P3E:GFP 

were incorporated into a Gateway destination vector via LR reaction resulting in Crest3: DLK-

T2A-GFP.  

 

Building the phylogenetic tree 

Complete DLK and LZK protein sequences from several organisms were downloaded from the 

NCBI database. The sequences were aligned using the MUSCLE alignment algorithm on the 
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EMBL-EBI website. Phylogenetic analyses were performed with the RAxML software using a 

maximum likelihood method, the JTT substitution matrix, and empirical frequencies (Stamatakis, 

2014). The RAxML software was accessed via the CIPRES Science Gateway (Miller et al., 2010). 

The Interactive Tree of Life website (Letunic and Bork, 2007) was used to visualize the 

evolutionary tree. 

 

Larval body measurements 

The body lengths of larvae of each genotype were measured at 48 hpf, 72 hpf and 5 dpf using a 

Zeiss Discovery V8 Stereomicroscope at a 2X magnification. Bodies were measured lengthwise 

from head to tail, and tail widths measured ventral to dorsal at the end of the spinal cord. Larvae 

from different clutches (n>8) and parents of different ages (3-24 months old) were mixed for this 

analysis. 

 

Mounting larvae for live imaging 

Larva were anesthetized with 0.2 mg/mL MS-222 in embryo media (0.08%) before mounting. 

Each larva was embedded in 1% agarose and placed on a cover slip. Upon solidification of the 

agarose (~15 minutes), a plastic ring was sealed onto the cover slip with vacuum grease. The 

resulting chamber was then filled with tricaine-containing embryo media and sealed with a glass 

slide using vacuum grease (O’Brien et al., 2009b).  

 

Larval microscopy 

Live confocal images were collected on an LSM 800 using a 20X air objective (Plan-

APOCHROMAT, NA= 0.8). Images were acquired with Zen Blue software from Zeiss.  

 

Laser axotomies were performed using a LSM 880 equipped with a 2-photon laser (Chameleon 

Ultra II, Coherent), as previously described (O’Brien et al., 2009b). Zen Black 2.1 SP3 software 
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was used to visualize axons and perform axotomies. Neurons were visualized with a 561nm or 

488nm laser excitation, before switching to the Chameleon (813nm) laser for axon severing.   

 

To cut axons of RB neurons in the tail, we initially used 5% laser power. If axons were not cut, 

the laser power was increased in 0.5% increments until cutting was successful. Since MNs are 

deeper in the animal, we first attempted axotomy with 6.5% laser power.  

 

Adult experiments 

Cutting DRG nerves in juvenile fish: 4-5 week-old fish of the genotype  

P2rx3a:LexA,4xLexOP:EB3-GFP (not shown in the figure), P2rx3a:LexA,4xLexAop:mCherryla207, 

Roya9/Roya9, miftaw2/miftaw2, containing either wt or homozygous dlkla231  and  lzkla232  were 

anesthetized in a VWR polystyrene petri dish, filled halfway with 0.16% tricaine in 0.6 g/L Instant 

Ocean salt solution, and immobilized by applying agarose to their midsection only, leaving both 

the head’s respiratory apparatus, and tail free. Fish were then imaged on a Leica SP8 microscope 

equipped with an InSight X3 unit from Spectra-Physics. A 25X (NA= 1) water immersion objective 

with a working distance of 2.6mm was used to image the posterior spinal cord of the fish, and an 

ROI was chosen to restrict the cut site to the width of the nerve and positioned ~100 μm from the 

posterior-most DRG, along the posterior projecting nerve. The tunable laser was set to 900nm, 

and both the tunable and fixed wavelength 1045nm lasers were set to 100% on the slowest speed 

setting and scanned for ~1 second. The 2-photon overview showing the nerve stumps after cut 

was performed on the aforementioned SP8, all other images for this experiment were obtained 

with a Zeiss LSM 800 Axio Observer Z.1 with a 20X air objective (NA=0.8). 

 

Cutting scale nerves: All fish were between 8 and 11 months old. The single dlkla231 and lzkla232 

mutants were transgenic for P2rx3a:LexA,4xLexAop:mCherryla207, and did not possess mutant 

roy or mifta alleles.  Wildtype and double mutant fish were in a roya9/roya9, miftaw2/miftaw2 
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background and doubly transgenic for both P2rx3a:LexA,4xLexAop:EB3-GFP and 

P2rx3a:LexA,4xLexAop:mCherryla207. All images shown were collected on a Zeiss LSM 800 Axio 

Observer Z.1. For wildtype, a 25X  

a multi-immersion objective was used (NA= 0.8), and for the double mutants a 20X air objective 

(NA= 0.8) was used. Laser injury was performed using an Andor Micro-Point UV pulse laser.  

 

Image analysis and statistics 

Confocal images, saved as .czi files, were opened in ImageJ/Fiji and measured using the Simple 

Neurite Tracer (SNT) feature in z-stack format. One neuron was imaged per embryo. Axons of 

MNs were traced from the cell body to their endings in muscles. RB peripheral arbors were traced 

starting at the first branch point in the skin. If RB peripheral axons bifurcated in the spinal cord, 

creating two separate peripheral arbors, both arbors were traced. Three experimenters 

contributed to tracing. To test for tracing reproducibility between experimenters, a subset of RB 

central axons (n=76) and peripheral arbors (n=10) were separately traced by two experimenters. 

In both cases, tracings by the two experimenters were highly similar (r=0.93 for the central axons; 

r=0.99 for the peripheral arbors). 

 

For figures, maximum projections were created in ImageJ/Fiji, converted to grayscale and 

inverted. To visualize entire RB neurons, images of different parts of each neuron were stitched 

together in Adobe Photoshop. 

 

Dot plots, or box-and-whisker plots overlaid with dot plots were produced in R to visualize the 

data. In dot plots, the black bar indicates the mean. In box-and-whisker plots, the boxes indicate 

the interquartile range: the top of the box is the 75th percentile, the midline is the median, and the 

bottom of the box is the 25th percentile. Statistical analyses were performed in R. A generic 

quantile-quantile test was used to determine the normality of sample populations. Unless 
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otherwise specified, data distributions were non-parametric. Therefore, a Kruskal-Wallis, with a 

Bonferroni correction, was used to assess differences between experimental groups. A Wilcoxon 

paired test was used to identify groups with significant differences. * for a p-value < 0.05, ** for a 

p-value < 0.01, *** for a p-value < 0.005, and **** for a p-value < 0.001. 

 

Table1: Accession numbers 

DLK Accession number Common name 

Homo_sapiens_DLK NP_006292.3  Human 

Rattus_norvegicus_DLK NP_037187.1  Rat 

Mus_musculus_DLK NP_001345773.1  Mouse 

Gallus_gallus_DLK XP_025001292.1  Chicken 

Danio_rerio_DLK NP_996977.1  Zebrafish 

Xenopus_laevis_DLK NP_001094411.1  Frog 

Caenorhabditis_elegans_DLK-1 sp|O01700.4 Worm 

Drosophila_megalogaster_wallenda NP_788541.1  Fruit fly 

LZK   

Homo_sapiens_LZK sp|O43283.1 Human 

Rattus_norvegicus_LZK NP_001014000.2 Rat 

Mus_musculus_LZK NP_766409.2 Mouse 
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Gallus_gallus_LZK XP_025009526.1 Chicken 

Danio_rerio_LZK XP_017213349.1 Zebrafish 

Xenopus_laevis_LZK ABK15544.1 Frog 

 

Table 2: Gene IDs, Cas9 gRNAs, genotyping primers 

Gene Ensembl# 

dlk/Map3k12 ENSDARG00000103651 

lzk/Map3k13 ENSDARG00000009493 

CRISPR/Cas9 gRNAs, PAM site  

GTG GGT GGG CAG CGG CGC TC 

AGG 

Deletion: gRNA for exon 2 to delete dlk’s 

kinase domain, “-” strand 

GCT GTG GGA GAT GCT GAC CG GGG Deletion: gRNA for exon 5 to delete dlk’s 

kinase domain, “-” strand 

CCC CGG AGG TGC TGT CCT GGA C Deletion: gRNA 1 for exon 1 to make a 

small deletion in lzk, “+” strand 

CCT CAA GCG CTC CTG CCT CCT GC Deletion: gRNA 2 for exon 1 to make a 

small deletion in lzk, “+” strand 

Genotyping primers  

5’ GC CAA CCC TGT GGA GAC TAA Forward primer for dlk’s mutant band 
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ACC  3’   (exon 2) 

5’ CCA GCA CTG TCT GAG CAG GAT C 

3’  

Reverse primer for dlk’s mutant band 

(exon 5) 

5’ AAG GGT TAC GGT TGG GGT TAG G 

3’  

Forward primer for dlk’s wildtype band 

(exon 4) 

 5’ GTT GCG CAG TGA TGT CTG TGA A 

3’  

Reverse primer for dlk’s wildtype band 

(exon 4) 

5’ TCC TCG TGT TCC TCC AAC A  3’ Forward primer for lzk (exon 1) 

5’ GCT GTA AGT GAT GGA GAG GCA  

T 3’ 

Reverse primer for lzk (exon 1) 

 

Table 3: Plasmids used in injections, transgenic lines 

Plasmids Source 

HB9(3X):GAL4 (Issa et al., 2011) 

UAS:GFP (Kwan et al., 2007) 

UAS:DsRed (Kwan et al., 2007) 

Isl1[SS]:Gal4;UAS:DsRed (Sagasti et al., 2005) 

Isl1[SS]:Gal4;UAS:GFP (Sagasti et al., 2005) 

HB9(3X):E1B-DLK-T2A-GFP This work 
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HB9(3X):E1B-LZK-T2A-GFP This work 

Crest3:DLK-T2A-GFP This work 

PME: MCS-T2A This work 

Transgenic lines  

Tg(Isl1[SS]:Gal4;UAS:DsRed)zf234 
(Sagasti et al., 2005) 

Tg(p2rx3a:LexA;4xLexAop:mCherry)la207 
(Palanca et al., 2013) 

Mutant lines  

dlkla231 mutant (519 coding bp deletion/3289 genomic bp 

deletion) 

This work 

lzkla232 mutant (58bp deletion) This work 

 

Table 4: Reagents, resources 

Reagents Source  

HiScribe T7 High Yield RNA 

Synthesis Kit 

New England Biolabs E2040S 

RNeasy Mini Kit Qiagen 74104 

Alt-R S.p. Cas9 Nuclease 3NLS  IDT 1074182 

PfuUltra II Fusion HotStart DNA Agilent 600670 
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Polymerase 

Phusion High-Fidelity DNA 

Polymerase 

New England Biolabs M0520S 

Taq DNA Polymerase with 

Standard Taq Buffer 

New England Biolabs M0273X 

Zen 2.1(Blue edition) Carl Zeiss Microscopy http://www.zeiss.com 

Fiji/ImageJ (Schindelin et al., 2012) https://fiji.sc/ 

R R Foundation for 

Statistical Computing 

https://www.r-

project.org/ 
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Figure legends: 

 

Figure 1. dlk and lzk zebrafish mutants.  

A) Phylogenetic tree of DLK and LZK orthologs. B) Genotyping of dlkla231 and lzkla232 

CRISPR/Cas9 mutants. Left, gene structure of zebrafish dlk and lzk, with gRNA sequences. Blue 
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indicates PAM sites. Right, DNA gel showing wt and mutant genotyping with primers indicated to 

the left (arrowheads). C) 48 hpf zebrafish larvae of the indicated phenotypes. D) Overlaid box and 

dot plots comparing animal lengths from the tip of the head to the end of the tail each genotype. 

E) Overlaid box and dot plots comparing tail width in each genotype. See Methods for details of 

statistical analyses.  

 

Figure 2. Motor neurons develop normally in dlkla231 and lzkla232 mutants. 

A) Cartoon of 5 dpf larva, showing the approximate location of the image below of a single labeled 

MN in a live animal. The cell body and dendrites are in the spinal cord; the axon exits the spinal 

cord to innervate the ventral muscles of one segment. B) Labeled MNs in each of the indicated 

genotypes. C) Dot plot showing lengths of MNs in each of the indicated genotypes. Bar indicates 

the mean. There was no significant difference between groups (because distributions were 

normal, groups were compared by ANOVA). D) Dot plot showing branch tip numbers of MNs in 

each of the indicated genotypes. Bar indicates the mean. There was no significant difference 

between groups. Scale bars: 100μm in A, 50μm in B. 

 

Figure 3. Rohon-Beard neurons develop normally in dlkla231 and lzkla232 mutants. 

A) Cartoon of 48 hpf larva, showing the approximate location of the image below of a single 

labeled RB neuron in a live animal. The cell body, central and peripheral axons are labeled. The 

cell body and central axon are in the spinal cord; the peripheral axon exits the spinal cord to 

arborize in the developing epidermis. B) Tail-innervating peripheral RB axon arbors of the 

indicated genotypes at 48 and 72 hpf. C-E) Quantification of RB peripheral axon arbor lengths 

(C), 2D arbor area (D), and branch tip number (E) at 48 hpf. See Methods for details of statistical 

analyses. Scale bars: 100μm. 

 

Figure 4. Motor neuron regeneration is impaired in dlkla231 lzkla232 mutants. 
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A) Top: 5 dpf motor axons immediately after axotomy in the indicated genotypes. Lightning bolt 

indicates axotomy site. Magenta highlights the separated distal stump that will degenerate. 

Rightmost panels show neurons expressing rescue cDNAs; expression of rescue transgenes in 

cell bodies is shown below. Bottom: Same neurons 48 hours post-axotomy. Blue highlights 

regenerated axons. B-C) Dot plots showing total regenerated length in each genotype (B) and the 

percentage of the original axon length regenerated (C). Bar indicates the mean. D) Dendrite 

overgrowth phenotype following failure of axon regeneration in dlkla231 lzkla232 mutants. See 

Methods for details of statistical analyses. 

 

FIgure 5. RB central axons regenerate in dlkla231 lzkla232 mutants. 

A) Top: 48 hpf RB axon immediately after axotomy. Magenta highlights the separated distal stump 

that will degenerate. Bottom: Same neuron 24 hours post-axotomy. Blue highlights the 

regenerated axon. B) Overlaid box and dot plots showing central axon length regenerated in the 

indicated genotypes. C) Overlaid box and dot plots showing growth of peripheral arbors following 

central axotomy in the indicated genotypes. See Methods for details of statistical analyses. Scale 

bar: 100μm. 

 

Figure 6. RB peripheral axon arbors regenerate in dlkla231 lzkla232 mutants. 

A) Top panels: 48 hpf RB peripheral axon immediately after axotomy in the indicated genotypes. 

Magenta highlights the separated distal stump that will degenerate. Bottom panels: Same neurons 

24 hours post-axotomy. Blue highlights the regenerated axon. B-C) Dot plots showing total 

regenerated length in each genotype (B) and the percentage of the original axon length 

regenerated (C). Bar indicates the mean. See Methods for details of statistical analyses. Scale 

bar: 100μm. 

 

Figure 7. DRG axons innervating the adult scale regenerate in dlkla231 lzkla232 mutants. 
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Images of DRG neurons innervating the epidermis above scales in adult (8–11-month-old) 

zebrafish in indicated genotypes at 0 hours post-axotomy (top shows immediately after axotomy, 

bottom shows immediately before axotomy). Lightning bolts indicate axotomy sites of individual 

nerves growing into scales. Nerves innervating anterior scales (orange) are above the scale, 

whereas nerves innervating posterior scale (blue) are below the anterior scale. Legend refers to 

the image on the right. Most axons innervating these scales have degenerated by 24hpa (middle 

column), and reinnervated scales by 96hpa (right columns). Scales were re-innervated in all wt 

(n=10), dlkla231(n=7), lzkla232(n=5), and dlkla231 lzkla232 mutants (n=5). Scale bar: 200μm. 

 

Figure 8. DRG axons innervating the juvenile tail regenerate in wildtype and dlkla231 lzkla232 

mutants. 

A) Top left: Cartoon of juvenile casper fish, showing tail-innervating DRGs in 

P2rx3a:LexA;4xLexAop:mCherryla207 transgenic fish. Lightning bolt indicates axotomy site. Blue 

indicates spinal cord. Legend refers to the image on the right. Top Right: 2-photon overview 

showing DRG cell body position, sensory nerve layout and an example of axotomy location in a 

4–5-week-old zebrafish. Inset shows the axotomy site of the caudal-most DRG peripheral nerve. 

Green highlights separated arbors of the severed DRG nerve, which will degenerate after 

axotomy. B) Bottom left: Homozygous dlkla231 lzkla232 mutant experimental animal 24 hours post-

axotomy showing that axons have grown past the axotomy site. Bottom right: Fin of the same 

animal 24 and 96 hours post-axotomy at different magnifications. At 24hpa, axons have grown 

into the fin, but have not yet reached the fin tip. By 96hpa, axons have reached the fin tip. Axons 

regenerated in all wt (n=5) and all dlkla231 lzkla232 mutants (n=6). Scale bars: 100μm. 

 

Figure 9. Spared arbors of damaged RB neurons sprout excessively in dlkla231 lzkla232 

mutants. 
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A) Cartoon of partial RB peripheral axotomy assay, which differentiates between regeneration 

from the cut site and regenerative sprouting from spared branches. B) Top: 48 hpf RB axons 

immediately after axotomy in the indicated genotypes. Lightning bolt indicates axotomy site. 

Magenta highlights the separated distal stump that will degenerate. Rightmost panel shows a 

neuron expressing rescue cDNA; expression of the rescue transgene in the cell body is shown 

below. Bottom: Same neurons 24 hours post-axotomy. Blue highlights regenerated axons; orange 

highlights the spared branch. C-E) Box and dot plots showing total new growth, including both 

from the axotomy site and spared branch (C), percent regeneration from just the injury site (D), 

and percent increase of the spared branch (E). See Methods for details of statistical analyses. 

Scale bar: 100μm. 

 

Figure 10. Trigeminal axons grow excessively in dlkla231 lzkla232 mutants after ablation of the 

contralateral ganglion. 

A) Images and cartoon of trigeminal axons in zebrafish heads at 78 hpf. Confocal images show 

two separate examples of wt (left) and dlkla231 lzkla232 mutant (right) fish. Insets magnify a region 

over the eye, with axons traced in orange. Bottom shows cartoon depictions of the result. B) Dot 

plot showing total axon length that grew over the contralateral eye. Bar indicates the mean.  Scale 

bar: 500μm. 
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Chapter 3: DLK and LZK enhancer trap screen  

Kadidia Pemba Adula, Hannah Markovic, Alvaro Sagasti 

Introduction: 

Invertebrate dual leucine zipper-bearing kinase (DLK) and its vertebrate orthologs DLK and 

leucine zipper kinase (LZK) play important roles in development, homeostasis, and pathological 

conditions. While organism-wide studies of DLK and LZK localization have focused on tissue 

level mRNA expression, their cell type specificity within tissues is not well understood. 

Invertebrate studies reported DLK action to be in specific neuronal cell types in vivo, whereas in 

most mammalian studies, the cells in which DLK and LZK act remain unclear. Invertebrate DLK 

is expressed in touch-sensing neurons and motor neurons (Xiong and Collins 2012; 

Hammarlund et al. 2009; Yan et al. 2009; Stone et al. 2014). In mammals, including rodents and 

humans, DLK and LZK expression is mainly neuronal along with a few other organs. In humans, 

DLK transcripts were present in the brain, kidney, and skin tissues (Reddy and Pleasure 1994; 

Blouin et al. 1996; Holzman, Merritt, and Fan 1994). A mouse study looking at DLK protein 

levels in embryos confirmed these findings (Hirai et al. 2005). Human LZK mRNA transcripts 

were detected in the pancreas, kidney, and the brain (Sakuma et al. 1997). LZK is also present 

in rodents' brains (Pozniak et al. 2013). Prior to this thesis, in situ hybridization showed DLK 

distribution in zebrafish to be neuronal (“ZFIN Publication: Thisse et Al., 2004” n.d.). I show that 

DLK and LZK act cell-autonomously to promote motor neuron regeneration. However, the 

excessive growth phenotype seen in spared Rohon-Beard touch-sensing axons was partially 

rescued by cell-autonomous expression of DLK. Therefore, the creation of transgenic lines 

labeling DLK and LZK expressions would facilitate the identification of cell types expressing 

these kinases and complement my rescue experiments.  

Research over the last two decades posit DLK and LZK as drivers of diverse responses to 

neuronal insult. DLK and LZK activation resulted in axon regeneration, lack of axon 

regeneration, axon degeneration, and even cell death (Jin and Zheng 2019; Tedeschi and 
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Bradke 2013; Asghari Adib, Smithson, and Collins 2018). DLK and LZK responses to injury 

within the same context are similar and sometimes additive. I show that DLK and LZK are 

genetically redundant in promoting motor axon regeneration in zebrafish. Elucidating the cell-

type-specific patterns of DLK and LZK expression in the nervous system is an important step 

towards understanding this diversity of responses. Are DLK and LZK always expressed in the 

same cells? Do some cells only express these kinases under pathological conditions?  

Key developmental and evolutionary questions can also be addressed using DLK and LZK 

expression lines. Unlike LZK, mammalian DLK evolved a function in the organogenesis of 

several tissues including the nervous system (Nadeau, Grondin, and Blouin 1997). As a result, 

DLK deletion early in development is fatal in rodents but not in zebrafish or invertebrates (Hirai 

et al. 2005). LZK mutant mice develop normally (Welsbie et al. 2017). Surprisingly, DLK deletion 

is not fatal in adults. Tracking the spatio-temporal expression patterns and levels of DLK would 

provide clues to this evolutionary divergence among vertebrates for early developmental 

survival.  

Thanks to its optical clarity and genetic tractability, zebrafish is an excellent model in which to 

observe DLK and LZK expression patterns. Using the CRISPR/cas9 system, we attempted to 

insert the GAL4 gene upstream of DLK and LZK start sites (Kimura et al. 2015; Julien et al. 

2018). The constructs were injected into a UAS reporter line. Adults with germline insertions 

were visually screened and the expression patterns were characterized in larvae. Unfortunately, 

multiple PCR validation attempts were unsuccessful. Assays to determine genetic 

compensation and genetic linkage using DLK and LZK individual mutant lines also failed. 

Materials and Methods 

Zebrafish husbandry  

Zebrafish (Danio rerio) were raised at 28.5ºC following a 14h/10h light/dark cycle.  Embryos 

were grown in embryo water (0.3 g/L Instant Ocean Salt, 0.1% methylene blue).  
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CRISPR gRNA synthesis: 

A Cas9 construct adapted for use in zebrafish was chosen for the CRISPR experiments. Two 

optimal Cas9 target sites upstream of DLK and LZK start sites were generated on the 

CRISPRscan website. The “short oligo method to generate gRNA” protocol was used to amplify 

the guide RNAs via PCR (Montague et al. 2014). The target sequences were selected to cut 

and insert a donor plasmid containing the GAL4 gene into the genome. A heat shock promoter 

drives the GAL4 gene and is followed by a polyA tail. This donor construct was extracted from 

an original pBluescript- SK-Gbait-Hsp-Gal4FF-BGHpA plasmid procured from Shin-Ichi 

Higashijima (Kimura et al. 2015). At the one-cell-stage, 2-3nL of CRISPR injection mix 

(150ng/uL of Cas9 mRNA, 7ng/uL of donor plasmid (GAL4), 7ng/uL of gRNA targeting the 

donor plasmid, and 7ng/uL of gRNA targeting DLK or LZK) was injected into the cell of the 

embryo. Injected embryos were of a Tg(UAS:nfsb-mCherry) background. 

Confocal imaging 

To block pigmentation and facilitate imaging, embryos were treated with phenylthiourea (PTU) 

at 22-23 hpf. Larva were anesthetized with 0.2 mg/mL MS-222 in embryo media (0.08%) before 

mounting. A plastic ring was mounted onto a coverslip using vacuum grease. Individual larvae 

were embedded in 1% agarose and mounted directly on the cover slip inside the chamber. 

Upon solidification of the agarose (~15 minutes). The ring was then filled with tricaine-containing 

embryo media and sealed with a glass slide (O’Brien et al. 2009). Live confocal images were 

collected on an LSM 800 using a 10X air objective (Plan-NEOFLUAR, NA= 0.3) or 20X air 

objective (Plan-APOCHROMAT, NA= 0.8). Images were acquired with Zen Blue software from 

Zeiss.  

Table: Plasmids, reagents, zebrafish lines 

 

Plasmids Source 
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SK-Gbait-Hsp-Gal4FF-BGHpA  (Kimura et al. 2015) 

Reagents  

pCS2-nCas9n Addgene,  #47929 

HiScribe T7 High Yield RNA Synthesis kit New England Biolabs, #E2050S 

Qiagen RNeasy Mini Kit Qiagen, #74104 

Phenylthiourea Sigma, CAS#103855 

Zebrafish lines  

Tg(NeuroD:GFP) (Obholzer et al. 2008) 

Tg(isl2b:GFP) (Pittman, Law, and Chien 2008) 

Tg(UAS:nfsb-mCherry) (Davison et al. 2007) 

dlkla231 This thesis 

lzkla232 This thesis 

 

Results 

Creation of enhancer traps 

Enhancer trap lines were created using CRISPR/Cas9 to insert the Gal4-VP16 gene into the 

promoter region of either DLK or LZK in Tg(UAS:nfsb-mCherry) zebrafish embryos. In these 

enhancer traps, the DLK or LZK regulatory elements should drive expression of Gal4-VP16, 

which will then drive expression of nfsb-mCherry, allowing analysis of gene expression by 

documenting red fluorescence. I first used the CRISPRscan website to identify optimal gRNA 
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sites in the 5’ upstream regions of the DLK and LZK genes (Figure 1A, Table 1). Two guides, 

targeting two different regions, were selected for each gene. I synthesized these guide RNAs 

and injected each along with Cas9 mRNA, a plasmid with the Gal4-VP16 gene, and a guide 

RNA to cut the Gal4-containing plasmid, into a Tg(UAS:nfsb-mCherry) fish line (Figure 1B). 

Cas9 should be translated in the embryo and specifically cut both the Gal4 plasmid and the 

zebrafish genome using the two gRNAs. When DNA is repaired, the Gal4 plasmid should insert 

into the genome at a low frequency, and drive nfsb-mCherry expression (Figure 1C-D). 

Because the Tg(UAS:nfsb-mCherry) line is capable of being promiscuously activated in all cells, 

especially early in development, I screened injected embryos for mCherry expression at 24 hpf. 

Although much of the expression may come from the unincorporated Gal4 plasmid, the 

fluorescence level was a good measure of the amount of Gal4 plasmid successfully injected. 

Screening embryos for fluorescence can increase the yield of founders to 25% or more (Kimura 

et al, 2014). These embryos were grown to adulthood. After pre-screening 15-20 fish per 

injected guide RNA by PCR for Gal4 incorporation in tail tissue, I crossed these fish to WT and 

screened resulting embryos for mCherry fluorescence. I identified one presumed founder each 

for the DLK (etla233) and LZK (etla234) enhancer traps.  

Characterization of etla233 and etla234 

etla233 and etla234 enhancer trap founders were crossed to WT fish, yielding progeny 

heterozygous for both etla233:Gal4-VP16 (or etla234:Gal4-VP16) and Tg(UAS:nfsb-mCherry). 

mCherry expression was imaged in these progenies with confocal microscopy. These images 

showed that etla233 was expressed in some spinal cord neurons, muscles, the brain, the eye, and 

the nose at 24 hpf (Figure 2A-E). The proportion of spinal cord neurons expressing etla233 was 

greater than those expressing etla234 (Figure 2C, 2G, 3C, 3G). At 48 hpf, etla233 was also 

expressed in photoreceptors and no longer expressed in the nose (Figure 2F-I). At 72 hpf, it 

also was expressed in the kidney (Figure 2J-N). By 96 hpf, etla233 was only expressed in 
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muscles, photoreceptors, and the kidney (Figure 2O-S). etla234 was expressed in some spinal 

cord neurons, motor neurons, and muscle cells at 24 hpf (Figure 3A-D). By 48 hpf, it was also 

expressed in the vasculature, enteric neurons, part of the brain, some heart cells, and either 

actinotrichia or pigment cells (Figure 3E-G). By 72 hpf, expression was turned on in 

photoreceptors and the kidney, in addition to all locations it was expressed at 48 hpf (Figure 3H-

L). By 96 hpf, it was only expressed in muscles, the brain, photoreceptors, the kidney, and 

smooth muscles surrounding the intestine (Figure 3M-R).  

etla233 and etla234 appeared to share expression in muscle cells, spinal cord neurons, the brain, 

eye, and kidney during different time points in development (Table 2). Although there were 

similarities in overall expression patterns, the two enhancer traps were expressed in distinct cell 

types perhaps only overlapping in the spinal cord, photoreceptors, and the kidney. Interestingly, 

motor neurons frequently synapsed with a muscle cell that also expressed the enhancer traps 

(Figure 2C, 2G). Although both etla233 and etla234 were expressed in the brain, their expression 

patterns were clearly different. etla233 is widely expressed, whereas etla234 is expressed in a 

specific area behind the ear (Figure 2D, 2H, 3K, 3P). etla234 is also expressed in the vasculature, 

smooth muscles, and in cells on the ventral and posterior edge of the yolk which resemble 

actinotrichia or pigment cells, while etla233 was not (Figure 3G, J, O, N, I). The etla233 expression 

patterns are similar to DLK in situ data suggesting proper insertion of GAL4 (Thisse and Thisse, 

2004). 

I crossed the enhancer trap lines to the Tg(isl2b:GFP) and Tg(NeuroD:GFP) reporter lines 

(expressed in sensory neurons and motor neurons, respectively) to narrow down the cell types 

expressing the etla233 and etla234 (Figure 4). etla233 and etla234 seem to be expressed in sparse 

sensory neurons across the spinal cord (Figure 4A, D, E, G). The expression of etla233 and etla234 

in a subset of sensory neurons indicates that either this expression is specific to a subtype of 

sensory neurons, or that UAS was downregulated in some cells. Crossing etla234 to the 
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Tg(NeuroD:GFP) line did not provide much insight. Although this line should express GFP in all 

neurons other than sensory neurons, there were some neurons at the ventral side of the spinal 

cord which appeared to express etla234 but not NeuroD (Figure 4I). However, the Tg(isl2b:GFP) 

line showed that sensory neurons were on the dorsal side of the spinal cord (Figure 4G). This 

implies that there were additional neurons, which were not sensory neurons, where NeuroD was 

not expressed. 

PCR validation of the enhancer traps failed  

GAL4 insertion into the correct locus could not be validated by PCR. The gene trap technique 

used in this assay enables the insertion in either direction. Therefore, primers were designed to 

verify insertion site as well as orientation. Moreover, multiple copies of the donor plasmid can be 

incorporated at one location which can also be detected by PCR. Multiple primer pairs and 

annealing temperatures were tested; however, PCR bands did not match the expected sizes. 

While the GAL4 sequence itself was incorporated, we could not pinpoint its insertion in either 

etla233 or etla234. Although inverse PCR could reveal the exact location of GAL4 insertion in the 

genome, the process can be lengthy. Instead, genetic compensation and genetic linkage 

determination were next used to assess the potential DLK and LZK enhancer traps.  

The etla233 and etla234 do not reflect DLK and LZK genetic compensation  

Transcriptional compensation of mutant mRNA by gene with redundant functions occurs even in 

heterozygous mutants (El-Brolosy et al, 2019). I showed that DLK and LZK genetically 

compensate for each other in motor neuron regeneration in zebrafish. While dlkla231 mutants 

regenerate a little less well than lzkla232, dlkla231 lzkla232 double mutants show severe deficits. 

Were GAL4 to be correctly inserted upstream of DLK and LZK start sites in etla233 and etla234 

respectively, DLK and LZK transcriptional compensation for each other would be apparent in the 

enhancer traps. To test for transcriptional compensation, the etla234 enhancer trap was crossed 

to dlkla231 mutants whereas the etla233 enhancer trap was crossed to lzkla232 mutants (Figure 5). 
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Embryos were imaged at 72 hpf. While etla234 is only expressed in a subset of neurons (as is 

most evident in the brain), it is expected to show expression in an increased number of neurons 

in the dlkla231 +/- and dlkla231 -/- backgrounds. Since the expression pattern of the etla234 was 

identical in dlkla231 +/-, dlkla231 -/- and in embryos WT for DLK, etla234 does not show the 

transcriptional compensation by LZK (Figure 5A-C). While etla233 is not expressed in the 

vasculature, it is expected to label blood vessels in the lzkla232 +/- and lzkla232 -/- backgrounds. 

However, the expression pattern of the etla233 was identical in lzkla232 +/-, lzkla232 -/- and in 

embryos WT for LZK (Figure 5D-F). Therefore, etla233 does not show the transcriptional 

compensation by DLK. etla233 is not an enhancer trap of DLK. Similarly, etla234 is not an enhancer 

trap of LZK. 

The enhancer traps are not genetically linked to DLK and LZK mutations  

Were etla233 and etla234 to be properly inserted upstream of DLK and LZK start sites respectively, 

genetic linkage would be in effect. As a result, crossing etla233 homozygous line to dlkla231 

homozygous line could never result in a homozygous DLK mutant positive for etla233. Similarly, a 

homozygous LZK mutant could not be positive for etla234. However, seven dlkla231 homozygous 

mutants were positive for etla233. One lzkla232 homozygous mutant was positive for etla233. As a 

result, GAL4 in etla233 and etla234 are not correctly inserted in DLK’s and LZK’s 5’UTR regions. 

Figure legends 

Figure 1: Assay to incorporate Gal4 into DLK and LZK 5’ UTR using CRISPR-Cas9 

A. Representation of the locations of each guide RNA. B. A Gal4-VP16 plasmid, a guide RNA to 

cut the plasmid, a guide RNA for the genome, and Cas9 mRNA were injected into Tg(UAS:nfsb-

mCherry) embryos. C. After injection into zebrafish embryos, the Cas9 mRNA will be translated 

into Cas9 protein (purple). The guide RNAs (green) for the DLK 5’ UTR and for the Gal4 

plasmid should bind to their homologous regions and induce Cas9 to produce double-stranded 

breaks. At low frequency, the Gal4-VP16 sequence should be incorporated into the genome 



	 95	

while repairs are made to the DNA. D. Upon DLK or LZK promoter elements activation, Gal4-

VP16 would bind to the UAS sequence, in turn promoting nfsb-mCherry expression. E-F. PCR 

primers were designed to amplify a region spanning from within the Gal4 plasmid, across the 

expected insertion site, and into the DLK gene.  

Figure 2: etla233 expression in developing zebrafish. etla233:Gal4/+;UAS:mCherry/+ embryos 

were imaged for mCherry expression using confocal microscopy every 24 hours. A-E. etla233 

expression at 24 hpf. B. Developing Rohon-Beard neurons. D. The brain from a dorsal view. F-I. 

etla233 expression at 48 hpf. H. The brain is viewed across the anterior-posterior axis. J-N. etla233 

expression at 72 hpf.  O-S. etla233 expression at 96 hpf. S. Neurons behind the eye, viewed from 

the anterior-posterior axis.  

A, F, J, O. Muscles. C, G, L, Q. Motor and other spinal cord neurons. E, I, N. Photoreceptors. K, 

P. Sensory neurons in the tail. M, R. Kidney. 

Figure 3: etla234 expression in developing zebrafish. etla234:Gal4/+;UAS:mCherry/+ fish were 

imaged for mCherry expression using confocal microscopy every 24 hours. A-D. etla233 

expression at 24 hpf. C. Spinal cord neurons from the anterior-posterior axis. D. Spinal cord 

neurons from a dorsal view. E-G. etla233 expression at 48 hpf. H-L. etla233 expression at 72 hpf. I. 

Actinotrichia or pigment cells (arrowhead). M-R. etla233 expression at 96 hpf. N. Smooth muscles 

lining the intestine. 

A, E, H, M. Muscles. B, F. Rohon-Beard neurons in the tail. G, J, O. Spinal cord neurons and 

vasculature. K, P. Brain. L, R. Photoreceptors. 

Figure 4: etla233 and etla234 are expressed in a subset of sensory neurons. An Tg(isl2b:GFP) 

transgenic line, which expresses GFP in somatosensory neurons, was crossed to etla233(A-D) 

and etla234 (E-G) enhancer traps and imaged at 48 hpf using confocal microscopy. A 
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Tg(NeuroD:GFP) transgenic line, which expresses GFP in all neurons except touch-sensing 

neurons, was also crossed to the etla234 enhancer trap and imaged similarly (H-I). 

Figure 5: LZK and DLK genetic compensation is not reflected in etla233 or etla234 

Embryos were imaged for mCherry fluorescence at 72 hpf using confocal microscopy (A-F). A. 

etla234:Gal4/+; UAS:mCherry/+ B. dlkla231+/-; etla234:Gal4/+; UAS:mCherry/+  C. dlkla231-/-; 

etla234:Gal4/+; UAS:mCherry/+. Since the expression pattern of the etla234 is identical in dlkla231+/-, 

dlkla231-/- and in embryos WT for DLK, etla234 is not an enhancer trap of LZK (A-C). D. 

etla233:Gal4/+; UAS:mCherry/+ E. lzkla232+/-; etla233:Gal4/+; UAS:mCherry/+ F. lzkla232-/-; 

etla233:Gal4/+; UAS:mCherry/+. Since the expression pattern of the etla233 is identical in lzkla232+/- 

embryos, lzkla232-/- in embryos WT for DLK (D-F), etla233 is not an enhancer trap of DLK. 

Table 1: CRISPR guide RNA Sequences. The NGG sequence is underlined within the 

genome sequence. This sequence is not homologous to the guide RNA sequence but is 

important for Cas9 functionality. The gRNA sequence is in red font under “Short oligo ordered”. 

Table 2: etla233 and etla234 expression during zebrafish development. DLK and LZK are both 

expressed in neurons and muscles early in development, but this expression is turned off by 4 

days post-fertilization. By 4 days, DLK is only expressed in the kidney and photoreceptors, 

whereas LZK is expressed in the vasculature, kidney, and photoreceptors. 
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Table 1 

 

Guide RNA Homologous DNA sequence 

in genome     PAM 

Short oligo ordered 

DLK 1 CGGTGCCCGTTCTGAAGGG

TGGG 

cgctaatacgactcactataGGGTGCCCGT

TCTGAAGGGTgttttagagctagaaatagc 

DLK 2B TGCATTGCCCGAGTCCCTC

ATGG 

cgctaatacgactcactataGGCATTGCCC

GAGTCCCTCAgttttagagctagaaatagc 

LZK 3 AGGCGTGTCATAAACCCCA

TCGG 

cgctaatacgactcactataGGGCGTGTCA

TAAACCCCATgttttagagctagaaatagc 

LZK 4B GCACACAGCAGGAGACGGA

TTGG 

cgctaatacgactcactataGGACACAGCA

GGAGACGGATgttttagagctagaaatagc 

 

Table 2 

 

Time point et233 et234 

24 hpf spinal cord (including sensory 

and motor neurons), muscles, 

brain, eye, nose 

spinal cord (including sensory 

and motor neurons), muscles 

48 hpf spinal cord (including sensory 

and motor neurons), muscles, 

brain, photoreceptors 

spinal cord (including sensory 

and motor neurons), muscles, 

vasculature, enteric neurons, 

brain, heart, actinotrichia or 

pigment cells 
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72 hpf spinal cord (including sensory 

and motor neurons), muscles, 

photoreceptors, kidney 

spinal cord (including sensory 

and motor neurons), muscles, 

vasculature, enteric neurons, 

brain, heart, actinotrichia or 

pigment cells, photoreceptors, 

kidney 

96 hpf muscles, photoreceptors, kidney muscles, brain, photoreceptors, 

kidney, smooth muscles 
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Conclusion and future directions: 

As a significant cause of disability in humans, neuronal dysfunction is expected to remain a top 

health priority. Thanks to basic research using model organisms, we have acquired some 

mechanistic understanding of axon damage and repair processes. Axon regeneration is 

influenced by positive and negative cues coming from the damaged neuron itself, as well as 

from its environment. While most mammalian studies focus on extrinsic factors, assessing the 

contribution of intrinsic factors is necessary for a complete view of the regenerative process. 

Though it appears we are still far from cures, despite advances in the field, the outlook is 

optimistic. We have a wealth of data accumulated over decades of axon damage research. The 

difficulty lies in the seemingly variable outcomes to neuronal insult, which include axon 

regeneration, lack of axon regeneration, collateral sprouting, and cell death. I discerned four 

experimental factors that affect these outcomes: the environment of the cell, neuronal cell-type 

specificity, the scale of the injury, and subcellular localization. The key to understanding the 

conditions that result in different injury outcomes is to compare studies based on these four 

experimental factors. With careful comparison, patterns in studies conducted under similar 

parameters start to emerge. The same approach can be used to understand the context-

specificity of activating invertebrate DLK’s, and both DLK and LZK in vertebrates, to outcomes 

following axon injury.  

Using an experimental protocol I designed, which accounts for the four parameters previously 

described, I investigated DLK and LZK function following axon injury. I cut axons with single cell 

resolution in zebrafish, a level of precision not yet possible with mammals in vivo. This 

vertebrate model has the strengths associated with invertebrate models, such as optical clarity, 

genetic tractability, and the capacity for single cell resolution. As a vertebrate, zebrafish share 

more in common with mammals but enable mosaic labeling of specific neuronal cell-types to 

assess their intrinsic regenerative capacities.   
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I found that DLK promotes axon regeneration in zebrafish MNs, which is consistent with studies 

in other species. DLK is required for axon regeneration in roundworms, flies and rodents 

(Asghari Adib, Smithson, and Collins 2018; Tedeschi and Bradke 2013; Jin and Zheng 2019). 

Here, I am comparing apples to apples as the cell type studied is the same. The environment 

around MN in the mammalian PNS, in flies and roundworms, and in zebrafish PNS is 

permissive. MNs were completely severed and the damage occurred in the same cellular 

compartment: the axon. Additionally, my work is the first to show genetic redundancy of DLK 

and LZK function in promoting axon regeneration in motor neurons.  

While these kinases are required for axon regeneration in MNs, they are not required in RB 

touch-sensing neurons following complete axotomy. Surprisingly, DLK and LZK are essential to 

prevent excessive sprouting in non-injured branches following partial axotomy. Additionally, DLK 

and LZK regulate post-injury collateral sprouting at the population level in touch-sensing 

neurons. The sprouting phenotype I found was not seen following sciatic nerve crush in mice 

with a conditional deletion of DLK in DRGs and a few other cell types. Instead, they saw 

reduced regrowth compared to wildtype animals (Shin et al. 2012). Several conditions are 

different between the zebrafish and mouse models. This discrepancy could be due to the limited 

ability of neurons to regrow in the mammalian PNS, despite its permissiveness. Another 

possibility is that the excessive sprouting phenotype I saw in double mutants after partial 

axotomy is due to both cell autonomous and non-cell-autonomous contributions. While every 

cell had DLK and LZK mutations in the zebrafish model, the mouse study only deleted DLK in a 

few cell types, including DRGs. This could be the reason why they failed to see excessive 

growth. This idea would also explain why my cell-type-specific DLK and LZK rescues were 

partial. Immune cells are potential candidates for DLK and LZK non-neuronal action. A mouse 

study indicated that LZK is upregulated in astrocytes following nerve injury, and DLK expression 

also activates and recruits microglia to the site of injury (Wlaschin et al. 2018; M. Chen et al. 
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2018). The best comparison for my data would be to a sciatic crush following ubiquitous deletion 

of DLK and LZK in adult rodents. 

As for an invertebrate comparison, DLK was required for axon regeneration in Drosophila touch-

sensing neurons following complete axotomy (Stone et al. 2014). Despite the similarities in 

experimental factors between the zebrafish model and this Drosophila study, it may not be 

appropriate to compare DLK function in invertebrate touch-sensing neurons with that of 

vertebrates’ because the homologous cell types are structurally different. Vertebrate touch-

sensing neurons are pseudounipolar with two axons and no dendrites, whereas fly touch-

sensing neurons have canonical dendrites and an axon. 

Interpreting the excessive sprouting phenotype could benefit from a more detailed 

understanding of the cell types in which DLK and LZK are expressed. To inform my axotomy 

studies, I set out to create DLK and LZK reporter lines in zebrafish. Since the transcriptional 

expression levels of these kinases are normally kept low, I designed GAL4 gene traps to amplify 

the signals. When crossed to UAS reporter lines, these enhancer lines would visualize the 

spatio-temporal expression of the kinases, as well as identify the populations of cells in which 

they are expressed. Validation experiments revealed incorrect insertions of GAL4, but creating 

such an in vivo tool remains an important future goal. Alternatively, a fluorescent gene could be 

directly inserted upstream of the kinases in the genome. Fluorescent screening could then be 

coupled with a nervous system-wide injury assay, such as the application of a neurotoxic drug, 

to upregulate DLK and LZK expression levels. 

Vertebrate DLK and LZK evolved an additional side to their multifaceted functions wherein, at 

high expression levels, they signal cell death in neurons. It is clear that DLK and LZK are 

expressed in the mammalian nervous system, as evidenced by DLK and LZK RNA detection in 

human and rodent tissues (Reddy and Pleasure 1994; Sakuma et al. 1997; Holzman, Merritt, 

and Fan 1994; Blouin et al. 1996). Studies also reported DLK protein expression in mice (Hirai 

et al. 2002, 2005). Therefore, it is surprising that overexpressing these kinases in live rodents 
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leads to cell death (Yunbo Li et al. 2021). I also found DLK and LZK overexpression to be toxic 

to neurons in the zebrafish model. However, careful titration of the plasmids enabled the normal 

development of MN and RB neurons, as well as the rescue of mutant injury phenotypes. I 

suspect that DLK and LZK activity is tightly regulated by neurons. Overwhelming the cell’s ability 

to maintain DLK and LZK to specific levels in particular compartments may lead to inappropriate 

signaling resulting in cell death.  

While DLK and LZK over-expression leads to cell death in vertebrates, DLK over-expression in 

Drosophila and C.elegans does not. DLK-induced apoptosis in vertebrates involves BAX’s 

permeabilization of mitochondrial outer membrane (MOMP) and release of cytochrome C, which 

then activates caspases (Dhanasekaran and Reddy 2008; de Los Reyes Corrales, Losada-

Pérez, and Casas-Tintó 2021; Tsuruta et al. 2004). The MOMP phenomenon does not occur in 

Drosophila nor in C.elegans (Oberst, Bender, and Green 2008). However, studies in the 

Crassostrea gigas oyster and in various planaria flatworms reported that these invertebrates 

undergo MOMP-mediated apoptosis (Yingxiang Li et al. 2017; Bender et al. 2012). It would be 

interesting to determine if DLK overexpression results in the cell death of oyster and planaria 

neurons.  

In the future, further physiological experiments would offer insights into the mechanism 

underlying DLK and LZK regulation of collateral sprouting in touch-sensing neurons. Why do 

double mutant peripheral axons grow more and occupy more space than controls following 

partial axotomy? DLK and LZK signaling may enable RB neurons to differentiate between 

injured and non-injured axon branches. I hypothesize that in double mutants, vesicles are 

equally trafficked between the damaged axon branch and the non-injured ones following partial 

axotomy. This could be tested by making twelve-hour live-recordings of vesicle trafficking in 

wildtypes and double mutants. If my hypothesis is correct, then DLK and LZK signaling direct 

cargos, such as vesicles and mitochondria, toward the injured axon branch and away from 

uninjured ones. 
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In double mutants, the spared branches of RB axons sprout excessively following partial 

axotomy. RB axon branches do not extend excessively during development, likely because tiling 

is still occurring. Based on these findings, I hypothesize that spared axon branches in double 

mutants grow faster than in wildtype to cover the denervated area. Photo-conversion could be 

used to differentiate a partially cut RB from non-photo-converted neighbors to assess post-injury 

tiling. Live-imaging of wildtype and double mutant RBs could be used to compare their 

regenerative growth rates. Cytoskeletal dynamics in the proximal axon and at growth cones 

could also be analyzed with actin and microtubule reporters.  

Further molecular studies can also be undertaken to address the genetic redundancy of DLK 

and LZK action in MN. While individual mutants can regenerate, double mutants exhibit severe 

deficits. I hypothesize that both DLK and LZK activate JNK in response to axon damage to 

promote axon regeneration. If my hypothesis is correct, repeating axotomies of wildtype MNs in 

the presence of a JNK inhibitory drug should result in severe regeneration impairments. The 

double mutant post-injury phenotype should not worsen with exposure to a JNK inhibitor.  

These experiments and others will provide insights into how to approach the treatment of axon 

damage, a serious biomedical issue. Axon injuries have diverse origins and, unsurprisingly, 

result in diverse outcomes. The tailoring of treatment to the contextual insult is an exciting line of 

inquiry that may offer patients some relief sooner rather than later. In this thesis, I showed that 

DLK and LZK direct cell-type-specific and injury type-specific responses to axon injury. 

Investments in precise drug delivery technologies would facilitate the transition to cell-type-

specific targeting of DLK and LZK. Diseases such as Alzheimer’s, and frontotemporal lobar 

degeneration (FTLD), which only affect a particular population of neurons, would also benefit 

from such strategies(Fu, Hardy, and Duff 2018).  The emergence of cell-type-specific treatments 

for axon damage will signal our entry into a new age of precision medicine. 
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