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Abstract 
 

Tropomyosin, which binds along the length of actin filaments, has long been 

considered the master regulator over the binding of other proteins to actin. In particular, 

non-muscle tropomyosin is considered the key to the transition between the lamellipod 

and the lamellum in motile cells by inhibiting Arp2/3 complex nucleation and cofilin 

disassembly. This in vitro study of a D. melangaster tropomyosin isoform, TM1A, which 

localizes to the lamellum of S2 cells, shows that Arp2/3 and cofilin both affect the 

binding of TM1A. Labeled TM1A binds preferentially near the pointed end of actin 

filaments, and Arp2/3 blocks TM1A from binding to branched networks. Surprisingly, 

cofilin promotes the binding of TM1A to a branched actin network. Our data provides an 

exciting look at how actin, tropomyosin, cofilin and Arp2/3 complex together can self-

organize to create two structurally and dynamically different actin networks at the 

leading edge. We also explore the actin-binding characteristics of another non-muscle 

tropomyosin isoform, TM1J, and show that its binding is dependent on TM1A. Capping 

protein also contributes to the exclusion of tropomyosin from a branched network. 

Attempts at measuring the mechanical properties of a branched network ultimately 

failed, but are presented for potential future inspiration. Finally, the results of two 

collaborations are presented.  
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Chapter 1 
 
Title 

Arp2/3 complex blocks, while cofilin promotes, the binding of non-muscle tropomyosin to 

branched networks: understanding the composition of lamellipodial actin networks.  

Abstract 

Tropomyosin, which binds along the length of actin filaments, has long been 

considered the master regulator over the binding of other proteins to actin. In particular, 

non-muscle tropomyosin is considered the key to the transition between the lamellipod 

and the lamellum in motile cells by inhibiting Arp2/3 complex nucleation and cofilin 

disassembly. This in vitro study of a D. melangaster tropomyosin isoform, TM1A, which 

localizes to the lamellum of S2 cells, shows that Arp2/3 and cofilin both affect the 

binding of TM1A. Labeled TM1A binds preferentially near the pointed end of actin 

filaments, and Arp2/3 blocks TM1A from binding to branched networks. Surprisingly, 

cofilin promotes the binding of TM1A to a branched actin network. Our data provides an 

exciting look at how actin, tropomyosin, cofilin and Arp2/3 complex together can self-

organize to create two structurally and dynamically different actin networks at the 

leading edge. 

Introduction 

In motile cells, there are two actin-based networks at the leading edge that drive 

motility: the lamellipod and the lamellum. The lamellipod is characterized as an actin-

dense region, where branched filaments are nucleated by Arp2/3 complex close to the 

cell membrane and disassembled by cofilin/ADF 1-2µm away from the membrane 
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(Iwasa and Mullins, 2007). The lamellipod is thus highly dynamic (Ponti et. al. 2004) and 

is responsible for reorienting the cell in response to a rapidly changing environment. In 

contrast, the lamellum is characterized as a less actin-dense region immediately 

following the lamellipod, where the filaments are linear and stabilized by tropomyosin. 

Motility is achieved when the activity of myosin on these linear filaments pushes the cell 

forward (Ponti et. al., 2004).  

Thus far, it has been assumed that tropomyosin dominates actin dynamics at the 

leading edge (Gunning et. al., 2008). In vivo data has shown that the lamellum alone is 

capable of sustained motility in a tropomyosin-dependent manner (Gupton et. al. 2005). 

This study injected tropomyosin into motile cells and the lamellipod subsequently 

disappeared. Another study found that the lamellipod has negligible amounts of 

tropomyosin, while the lamellum is rich in tropomyosin (DesMarais et. al., 2002). 

Knocking down tropomyosin in Drosophila S2 cells resulted in the expansion of the 

lamellipod at the expense of the lamellum (Iwasa and Mullins, 2007). A combination of 

in vivo and in vitro data has shown that various tropomyosin isoforms from other 

species block Arp2/3 complex from nucleating off of actin filaments (Blanchoin et. al., 

2001; DesMarais et. al., 2002; Bugyi et. al., 2010). Certain isoforms can either enhance 

or inhibit cofilin/ADF disassembly activity (Bernstein and Bambrug, 1982; Kuhn and 

Bamburg, 2008). Thus, tropomyosin has all the characteristics of a protein capable of 

binding to a branched network, the lamellipod, and turning it into a stable set of linear 

filaments, the lamellum. 
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Tropomyosin is a coiled-coil alpha helix dimer that polymerizes head-to-tail and 

binds along the length of actin filaments. In D. melangaster, there are two tropomyosin 

genes and 15 isoforms that result from alternative splicing (Goins and Mullins). In 

general it is difficult to study the role of individual tropomyosin isoforms in mammalian 

cells because they can express 10 or more at any one time (Gunning et. al., 2008). 

Many of these isoforms have overlapping localizations and redundant roles. We chose 

to do in vitro assays on a D. melangaster tropomyosin isoform, TM1A, because 

Drosophila have relatively few non-muscle isoforms, 3 so far. These isoforms have been 

characterized extensively in vivo by Goins et. al., and have distinct roles in S2 cells. 

Specifically, TM1A has been shown to be the dominant tropomyosin isoform at the 

lamellum.  

Our study shows that the story is not that simple. While TM1A displays some of 

the known regulatory characteristics of inhibiting Arp2/3 complex nucleation and cofilin 

disassembly, Arp2/3 and cofilin both affect the binding of TM1A to a branched network.  

Results 

Tropomyosin requires the activity of cofilin to bind motile actin networks 

generated by the Arp2/3 complex and capping protein.  

In the absence of cofilin, TM1A is excluded from actin networks generated from 

ActA-coated polystyrene microspheres by the Arp2/3 complex and capping protein 

(Figure 1A). However, with the addition of increasing concentrations of cofilin, TM1A 

increasingly binds into the branched network (Figure 1B). This is a robust dependence 

on cofilin that occurs in every branched network in every reaction (Figure S1B, Movies 
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S1 & S2). The same dependence is also seen for rabbit skeletal muscle tropomyosin 

(Figure S1C).   

While cofilin promotes TM1A binding to the branched network, TM1A ultimately 

protects the network from full severing by cofilin (Figure 1B, 1C). In a reaction without 

TM1A present, the actin network is generally severed by 13 ± 5 min post reaction start 

time. Certainly, by 25min, every network has been severed. However, in a reaction with 

TM1A, none of the networks are severed, even as far out as 45 min into the reaction. 

This ability of TM1A to protect the network from cofilinʼs severing activity has been seen 

before with other tropomyosin isoforms (Bernstein and Bamburg, 1982; Blanchoin et al., 

2001; Ono and Ono, 2002; DesMarais et al., 2002).   

The ability of TM1A to protect actin filaments from cofilin severing can also be 

seen on a single filament level. Actin filaments are attached to the surface of coverslips 

with phalloidin-biotin and pre-bound with Cy5-TM1A for 10min. Cofilin is then flowed into 

the coverslip chamber and imaged with total internal reflection fluorescence (TIRF) 

microscopy. Regions of actin filaments that are not bound with TM1A are disassembled 

by 28min, while regions bound with TM1A are fully protected (Figure 2A).  

Interestingly, when equal concentrations of Cy5-TM1A and cofilin are added to single 

filaments at the same time, cofilin blocks TM1A from binding to filaments (Figure S2A). 

Thus, the ability of cofilin to promote TM1A binding to a branched network is not due to 

direct recruitment of TM1A by cofilin bound to actin filaments.   

Simiilar to other tropomyosin isoforms, TM1A can inhibit Arp2/3 nucleation, but 

not as potently as rabbit skeletal muscle tropomyosin, as seen in a pyrene actin 
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polymerization assay (Figure 2B). If we consider that each TM1A can bind 6 actin 

monomers in a filament, and the concentration of actin used was 4µM, then the 

saturating concentration of TM1A in these assays is 0.667µM. It is not until we truly 

surpass the saturating concentration (2µM) that we see significant Arp2/3 inhibition. In 

fact, when we pre-bind single actin filaments in TIRF with Cy5-TM1A, and then add 

Arp2/3 complex, we see new actin branches form off of mother filaments bound with 

TM1A (Figure 2C). Thus, TM1A only weakly inhibits Arp2/3 branching.  

 

TM1A binds near the pointed end, and binding is blocked by the Arp2/3 complex.  

After determining some of the activities common to most tropomyosins, we were 

still left with the question of how TM1A is excluded from a branched network in the 

absence of cofilin. One possibility is that either capping protein or Arp2/3 binding blocks 

TM1A from binding onto a filament. This would imply that the initial binding site of TM1A 

is biased towards either the barbed or the pointed end.  

We indeed observe a preference for the pointed end through single filament TIRF 

microscopy of actin polymerization at low concentrations of TM1A (Figure 3A-B). In 

these experiments, we can identify the pointed end because it grows much more slowly, 

and it bleaches earlier than the fast-growing barbed end. At 200nM TM1A, the pointed 

end preference is the strongest. Curiously, once TM1A binds to the pointed end, it never 

fully polymerizes along the rest of the filament. On average, TM1A remains bound to 

within 1µm of the pointed end. At 300nM TM1A, the preference for the pointed end is 

still strong. It remains bound to within 2.5µm of the pointed end (Movie S3). At 400nM 

5



 

 

TM1A, initial binding sites of TM1A are still biased towards the pointed end, but less 

strongly than at lower concentrations. After the initial binding, TM1A polymerizes along 

the remaining length of the filament. 

Using these concentrations of TM1A where there is a preference for binding to 

the pointed end, we wanted to examine whether Arp2/3 branching would affect how 

TM1A binds to actin. Using single filament TIRF, we find that the only part of the actin 

branched network that is bound by TM1A is the free pointed end of the original mother 

filament (Figure 3C). All pointed ends that are bound by Arp2/3 are incapable of binding 

TM1A at these concentrations. This is true even when we lower the Arp2/3 

concentration (Figure S3B), which indicates that elongating the length of the branches 

does not help TM1A bind. In addition, when we look at unbranched filaments and 

increase the number of free pointed ends (ends not bound by Arp2/3 complex) by 

increasing the actin concentration, the number of TM1A binding events increases 

(Figure S3A). This confirms that the binding of TM1A is truly dependent on the number 

of free pointed ends.        

 

Binding of TM1A is affected by the ATP state of filamentous actin.  

After discovering this pointed end binding preference, we wanted to characterize 

TM1A binding to actin in more detail. TM1A binds to actin cooperatively, much like other 

tropomyosins (Figure 4A; Yang et. al., 1979; Dabrowska et. al., 1983; Pittenger and 

Helfman, 1992). From our steady state TIRF binding assays, we measure a Kd of 45nM, 
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and a Hill coefficient of 5.7. This closely matches our values measured from actin 

cosedimentation  (Figure S4A).  

Since the binding of TM1A is biased towards the pointed end, it is possible that 

TM1A can sense the ATP state of the actin filament. To examine whether TM1A is 

affected by the ATP state of the actin, we created ADP-actin filaments and measured 

the binding of TM1A at different concentrations. The binding rate of TM1A to ADP-actin 

is much more concentration dependent than TM1A binding to ATP-actin (Figure 4B).  

The preference for the pointed end was also much weaker when looking at binding to 

ADP-actin (Figure 4C-D). This confirmed that TM1A binds differentially based on the 

ATP state of actin. 

To see if TM1A prefers to bind to the ADP-Pi state, we used a phosphate mimic, 

BeF3, to lock the filaments into an ADP-Pi-like state. In this reaction, ATP is still present, 

so the growing filaments still have an ATP cap, followed by some ADP-Pi-actin subunits, 

a small but existing population of ADP-actin, and then a large population of ADP-BeF3-

actin subunits (Figure S4C). Interestingly, all the binding events shift to being within 

2.5µm of the barbed end (Figure 4F). Many of these binding events were transient, 

which is in contrast to the stable binding events we see with actin filaments grown in just 

ATP (Figure 4E). At low enough concentrations (200nM or below), there are no binding 

events to these ADP-BeF3-actin filaments. We can conclude TM1A does not bind well to 

ADP-BeF3-actin, but it is unclear how well TM1A binds to ADP-Pi-actin and ATP-actin. 

Given that all the binding events are near the barbed end, it is possible that: i. TM1A is 
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binding to the small population of ADP-actin present, and/or ii. TM1A has a higher 

binding affinity to ADP-Pi-actin than to ADP- BeF3-actin.  

Discussion 

The prevailing model for actin-based cell motility is that there are two distinct 

actin networks at the leading edge of the cell: the lamellipod and lamellum (Ponti et. al., 

2004). These two networks are generated at or near the cell membrane, and may even 

overlap in the 1-2µm proximal to the membrane. It is unclear whether the actin filaments 

for these two networks are generated by the same actin nucleators. One model is that 

the two networks are nucleated separately: the lamellipod by Arp2/3 and its associated 

NPFs, and the lamellum by linear actin nucleators such as formins. Another model is 

that the two networks are nucleated by the same nucleator, Arp2/3 and its NPFs, but 

then the lamellipod is transformed into the lamellum by cofilin/ADF disassembly and 

tropomyosin stabilization (Lim et. al., 2010). In either model, it has been posited that 

tropomyosinʼs ability to block cofilin severing activity and Arp2/3 branching activity is 

what establishes the transition from the lamellipod to the lamellum (DesMarais et. al., 

2002; Gupton et. al., 2005). This assumption implies that tropomyosin binding to actin is 

not affected by other actin-binding proteins, and that once bound, tropomyosin governs 

the effect of the other proteins. What we have shown here is that the opposite can also 

be true: these other actin-binding proteins can affect tropomyosin binding, and thus 

tropomyosinʼs effect on the lamellipod to lamellum transition.  

We have shown that TM1A does not inhibit Arp2/3 branching nearly as strongly 

as rabbit skeletal muscle TM. Conversely, Arp2/3 seems to block TM1A from binding to 
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actin filaments. In the bead assay, and in the absence of cofilin, TM1A is actually 

excluded from a branched network. This is a phenomenon that had not been seen 

before in similar experiments with ActA-coated polystyrene beads and labeled 

tropomyosin (Bugyi et. al., 2010).  

From our single filament TIRF assays, the exclusion from branched networks is 

likely due to TM1Aʼs bias towards initial binding (loading) near the pointed end of actin 

filaments. Pointed end binding by tropomyosin has been seen before. In the study by 

Broschat et. al. (1989), tropomyosin was bound to actin filaments and thus inhibited 

pointed end depolymerization in pyrene assays, but this study did not determine the 

initial sites of tropomyosin binding. Almenar-Queralt et. al. (1999) found tropomodulin 

and tropomyosin staining at pointed ends in the middle of the sarcomere, but again this 

did not show initial binding sites. The strongest in vivo evidence to date of pointed end 

loading is from a study by Michele et. al. (1999) where time-resolved indirect immuno-

fluorescence of tropomyosin loading onto the pointed end of sarcomeric actin was 

observed. However, it is unclear whether this pointed end loading is influenced by any 

of the endogenous pointed end capping proteins. Our study is the first time that we have 

witnessed pointed end loading directly in vitro, and as a function of just the protein itself.  

We have shown directly that Arp2/3 blocks TM1A from binding to the pointed 

end, and thus to most of the filaments in a branched network (Figure 5A). TM1A binding 

only to free pointed ends (i.e. pointed ends not bound by Arp2/3 complex) is consistent 

with our ActA-bead data where we see TM1A is only bound to the network furthest from 

the polystyrene bead (a region we call the shell). The shell contains free pointed ends 
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that are the original mother actin filaments. The shell could also include free pointed 

ends that result from filaments breaking under the stress of the symmetry breaking 

event of the shell at the beginning of these reactions (Akin and Mullins, 2008; Dayel et. 

al., 2009).   

From Kuhn and Bamburg, 2008, different tropomyosin isoforms can either inhibit 

cofilin debranching or enhance cofilin debranching. While TM1A does inhibit cofilin 

disassembly, a novel interaction seems to be that cofilin enhances TM1Aʼs ability to 

bind to actin filaments. Our model suggests that this is due to cofilinʼs severing activity, 

which creates more free pointed ends for TM1A to bind to (Figure 5B). The 

enhancement of TM1A binding is not due to direct recruitment by actin-bound cofilin 

since equal molar cofilin blocks TM1A from binding. This mutually exclusive binding by 

cofilin and TM1A is consistent with other tropomyosin isoforms (Ono and Ono, 2002).   

Cofilin is known to bind and lock actin filaments into an under-twisted state 

(McGough, 1997), while tropomyosin is known to bind actin filaments that are in their 

natural state (Gunning et. al. 2008). This probably explains their mutually exclusive 

binding. Despite the mutually exclusive binding, it is interesting that both cofilin and 

TM1A binding are sensitive to the ATP state of actin filaments. Cofilin is known to bind 

to regions of ADP-actin subunits 40 times more strongly than to ATP-actin or ATP-Pi-

actin subunits (Blanchoin and Pollard, 1999). It has been posited that this feature of 

cofilin binding is what determines the 1-2µm width of the lamellipod (Iwasa and Mullins 

2007). It is also known that when tropomyosin is knocked down in vivo the lamellipod 

width expands (Iwasa and Mullins, 2007). Taken together, it is possible that the ADP-
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actin sensitivity of both proteins, as well as cofilinʼs ability to enhance TM1Aʼs binding, 

contributes to how wide the lamellipod is and how sharp the transition is between the 

lamellipod and lamellum.  

While TM1Aʼs sensitivity to the ATP-actin state of filaments can help explain the 

pointed end binding preference, it does not seem to explain the whole picture. A 

simulation of the growth of actin filaments with a measured rate of ATP hydrolysis 

(Blanchoin and Pollard, 2002), and the rate of phosphate release (Carlier, 1987) shows 

that at the filament lengths that we saw TM1A binding (>5um), more than 95% of the 

filament is in an ADP-actin state (Figure S4B). This indicates that the tendency for 

TM1A to bind to the pointed end is more than just ATP-state dependent. TM1A could 

also be sensing a mechanical/structural difference of the free pointed end.   

In conclusion, our data provides an exciting look at how actin, tropomyosin, cofilin 

and Arp2/3 complex together can self-organize to create two structurally and 

dynamically different actin networks at the leading edge of a cell. We are confident that 

some of the interactions we see between tropomyosin and the other proteins are 

isoform specific. Thus, more in vitro and in vivo work needs to be done to confirm how 

common these types of interactions are among the different non-muscle tropomyosin 

isoforms.  
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Materials and Methods 
 

Design of labeled tropomyosin. 

We took great care in designing our labeled tropomyosin so that the label would 

be least disruptive to the proteinʼs structure and function. The two regions of the protein 

that we avoided placing a cysteine for labeling were: i. the coiled-coil dimerization 

interface, and ii. the actin binding regions of the protein (Figure S1A; Singh and 

Hitchcock-DeGregori, 2007). To identify the actin binding regions, we searched for the 

motif: K/R, X, X, X, N ,X, E, X, X, X, E/D, K/R, A/Y, X, D/E, X, A, X, N, A/S. For TM1A, 

we replaced the endogenous cysteine with an alanine, C32A. By following the two 

principles above, we then chose a serine to replace with a cysteine, S82C.  

Since TM1A is acetylated in vivo (Goins and Mullins), we also attached an 

acetylation mimic to the N terminus of the protein: AS-TM1A.  

 

Protein Purification & Labeling 

Rabbit Skeletal Muscle Actin 

 Actin was purified from rabbit acetone powder by the method of Supich and Watt 

(1971). Briefly, rabbit muscle acetone powder (Pel-Freeze) was resuspended in G buffer 

(0.5 mM TCEP, 0.1 mM CaCl2, 0.2mM ATP, 2mM Tris pH 8.0) and let to stir on ice for 

30min. The acetone powder was pelleted by centrifugation at 30k rcf for 30 min. The 

supernatant was filtered through cheesecloth. The actin was polymerized by adding KCl 

and MgCl2 to 50mM and 2mM, respectively. Polymerization occurred at RT for 15min, 

and continued on ice for 15 min. KCl was added to 0.8M, and allowed to stir at 4°C for 
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15 min to dissociate tropomyosin. Actin was pelleted in a Ti45 rotor for 2hrs at 142k rcf. 

The pellet was resuspended in G buffer and dounced before dialysis into G buffer for 2-

3 days. Actin was gel filtered and stored in G buffer at 4°C.  

  

Actin Labeling 

 Rabbit skeletal muscle actin was labeled on Cys-374 with pyrene-iodoacetamide 

(Invitrogen), as described (Cooper et al., 1983). Briefly, gel-filtered Rabbit Skeletal 

Muscle actin was diluted to around 1mg/ml (27µM) and polymerized by addition of KMEI 

(50 mM KCl, 1 mM MgCl2, 1 mM EGTA, 10 mM imidazole pH 7.0). Polymerized actin 

was dialyzed against L-KMEI (100 mM KCl, 2 mM MgCl2, 25 mM imidazole pH 7.5, 0.3 

mM ATP). Actin was transferred to a small beaker and 4-7 moles of pyrene-

iodoacetamide (Invitrogen) per mole of actin, were added while stirring. The reaction 

was covered with foil and allowed to proceed overnight, with gentle stirring. The reaction 

was quenched with 10mM DTT and precipitated dye was removed by low speed 

centrifugation at 4k rcf. Labeled actin filaments were pelleted by centrifugation for 2 

hours at 142k rcf in a Type 45 Ti Rotor (Beckman-Coulter). Filamentous labeled actin 

was depolymerized by dialyzing into Buffer A (2mM Tris HCl, pH 8.0, 0.2mM ATP, 

0.1mM CaCl2, 0.5mM TCEP, 0.04% azide) and gel filtered on an S75 column (GE 

Healthcare). Labeled actin was stored at 4°C in the dark.  

 Actin was labeled with Alexa-488 maleimide (Invitrogen) while in the de-

polymerized state. Briefly, G-Actin was dialyzed overnight into L-Buffer A (5 mM Tris pH 

8.0, 0.2 mM ATP, 0.1 mM CaCl2). 5 molar excess of Alexa-488 maleimide was added to 
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the actin. The reaction proceeded on ice for 15 minutes and was quenched with 10mM 

DTT. Actin was polymerized by addition of 1X KMEI (50 mM KCl, 1 mM MgCl2, 1 mM 

EGTA, 10 mM imidazole pH 7.0). Filamentous, labeled actin was collected by 

centrifugation, and both resuspended in and dialyzed against Buffer A to depolymerize. 

Labeled actin was gel filtered on an S75 column (GE Healthcare). 

 

AS-TM1A 

The AS-TM1A C32A/S82C construct, in a pET20b vector, was expressed in 

BL21 E. coli cells. Bacterial pellets were resuspended in a 3X volume of lysis buffer (50 

mM Tris pH 7.5, 10 mM EDTA, 2 mM DTT, 200mM NaCl, 1 mM PMSF, 5 mg/L 

DNAse1, 10 mg/L RNAseA) and lysed by passage through a microfluidizer and cleared 

by centrifugation. The supernatant, in a 50 ml conical tube, was placed in a boiling water 

bath (95°C) for 7 min (or until the supernatant precipitates), then placed in RT water for 

7 min, then on ice for 30 min. The precipitate was pelleted by centrifugation at 150k rcf, 

4°C for 45 min, and the supernatant recovered. Precipitate the tropomyosin by adding 

1N HCl until the pH is below the PI (4.69). The precipitate was pelleted by centrifugation 

at 20k rcf, 4°C for 20 min. The pellet was resuspended in 20mM Tris-HCl pH 7.5, 0.5mM 

TCEP, and KOH added until the pH returned to 7.5. A 20-40% ammonium sulfate cut 

was taken from the resuspended pellet, and centrifuged at 130k rcf for 20 min at 4°C. 

The pellet was resuspended in and dialyzed into 10mM imidazole pH 7, 100mM KCl, 

0.5mM TCEP. The purified protein was flash frozen and stored at -80°C. 
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Rabbit Skeletal TM 

Rabbit skeletal tropomyosin was purified from rabbit acetone powder by the 

method of Smillie (1982). Briefly, rabbit muscle acetone powder (Pel-Freeze) was 

resuspended in extraction buffer (25mM Tris pH 8.0, 1M KCl, 0.1 mM CaCl2, 0.2mM 

ATP, 0.5 mM DTT) and let to stir at RT for 16hrs. The acetone powder was filtered out 

with cheesecloth, and the filtrate cleared by centrifugation at 20k rcf for 10 min at 4°C. 

Precipitate the tropomyosin by adding 1N HCl until the pH is below the PI (4.69). The 

precipitate was pelleted by centrifugation at 20k rcf, 4°C for 10 min. The pellet was 

resuspended in 1M KCl, 0.5mM DTT, and the pH adjusted to 7.4 by addition of 1N KOH. 

The solution was clarified by centrifugation at 20k rcf, 4°C for 10 min. A 25-35% 

ammonium sulfate cut was taken from the supernatant, and centrifuged at 20k rcf for 10 

min at 4°C. The pellet was resuspended in and dialyzed into 25mM imidazole pH 7.4, 

100mM KCl, 2mM MgCl2, 1mM EGTA, 1mM !-ME. The purified protein was flash frozen 

and stored at -80°C. 

 

TM Labeling 

 The D. melangaster tropomyosin isoform was labeled on an engineered cysteine 

(AS-TM1A C32A/S82C). The rabbit tropomyosin was labeled on the native cysteines 

(alpha TM: C190, beta TM: C36). Each isoform was first pre-reduced in 5mM TCEP, 

10mM Imidazole pH 7.0, 100mM KCl for 10min. The protein was then buffer exchanged 

into 10mM Imidazole pH 7.0, 100mM KCl with a pre-equilibrated PD-10. AlexaFluor 488, 

Cy3-MonoMaleimide, or Cy5-MonoMaleimide (all Sigma) was added to 4 times above 
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the molar concentration of protein, and allowed to incubate on ice for 30min. Any 

aggregate label was removed by centrifugation at 230k rcf, 4°C for 20min. Free label 

was removed by buffer exchanging into 10mM imidazole pH 7, 100mM KCl, 0.5mM 

TCEP. The labeled protein was flash frozen and stored at -80°C.    

 

Capping Protein 

 Recombinant mouse capping protein CP"1!2 was purified as described (Palmgren 

et al., 2001). Briefly, the protein construct, in a pET3d vector, was expressed in BL21 E. 

coli cells. Bacterial pellets were resuspended in a 3X volume of lysis buffer (50mM Tris 

pH 8.0, 1mM EDTA, 1mM DTT, 1mM PMSF) and lysed by passage through a 

microfluidizer and cleared by centrifugation. A 50-70% ammonium sulfate cut was taken 

from the cleared lysate and centrifuged at 32k rcf for 20 min at 4°C. The pellet was 

resuspended in 20mL of HA dialysis buffer (1mM NaH2PO4  pH 7.0, 1mM DTT) and 

dialyzed overnight into the same buffer with at least three changes. The dialysate was 

loaded onto an HA column (GE Healthcare) with 10mM NaH2PO4 pH 7.0, and then 

eluted with a gradient from 10-250mM NaH2PO4. Peak fractions were pooled and 

dialyzed against QA dialysis buffer (10mM Tris pH 8.0, 10mM KCl, 0.5mM EDTA, 

0.5mM TCEP). The sample was loaded onto a MonoQ column (GE Healthcare) and 

eluted with a 10-400mM KCl gradient. Selected fractions were dialyzed into SA dialysis 

buffer (10mM MES pH 5.8, 0.5mM EDTA, 1mM DTT). The sample was loaded onto a 

MonoS column (GE Healthcare) and eluted with a 0-350mM NaCl gradient. Selected 

fractions were dialyzed into storage buffer (10mM Tris pH 8.0, 40mM KCl, 0.5mM 
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TCEP, 50% glycerol), flash frozen, and stored at -80°C.  

 

Ancanthamoeba castellani Arp2/3 Complex 

 Arp2/3 was prepared from Acanthamoeba castellini by the method of Dayel et. al. 

(2001). Briefly, 15L of Ancanthamoeba castellani were grown up, harvested and washed 

into 10mM Tris, pH 8.0 at 4°C, 100mM NaCl. The cells were ruptured by release from a 

Parr bomb equilibrated wtih nitrogen at 400 p.s.i. Lysate was cleared with centrifugation 

first at a low speed, 15 min, 4k rcf at 4°C; then at a higher speed, 2 hrs, 113k rcf at 4°C. 

After centrifugation, the top layer of lipids was removed by gentle aspiration, and the 

pellet discarded. The lysate was loaded onto a DEAE column, and the flow through 

collected. The flow through was then loaded onto an NWASP WWCA-Sepharose 

column, washed with 10mM Tris pH 8.0, 50mM NaCl, 0.1mM CaCl2, 0.2mM ATP, 1mM 

DTT, 15 ug/mL Benzamidine. The protein complex was eluted with 10mM Tris pH 8.0, 

400mM MgCl2, 1mM DTT, and dialyzed into MonoS low buffer (10mM Tris pH 8.0, 

0.5mM TCEP, 0.5mM MgCl2, 0.1mM ATP). The sample was loaded onto a MonoS 

column (GE Healthcare) and eluted with a 0-500mM NaCl gradient. Selected fractions 

were gel filtered using a Superdex 200 column (GE Healthcare) into 20mM HEPES pH 

7.0, 0.5mM TCEP, 25mM KCl, 0.2mM MgCl2, 0.1mM ATP. Glycerol was added to 10% 

and the purified protein flash frozen and stored at -80°C.  
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ActA30-612-KCK-6XHis  

 ActA30-612-KCK-6XHis was purified as described (Akin and Mullins, 2008). Briefly, 

the construct, cloned in a pET 17b vector, was expressed in BL21 E. coli cells. Bacterial 

pellets were resuspended in 4-5X volume of lysis buffer (100mM NaH2PO4 pH 8.0, 

10mM Tris base, 6M Guanidium HCl, 10mM 2-mercaptoethanol, 1mM PMSF) and lysed 

by nutating overnight at room temperature. Clarified lysate was batch bound to Ni-NTA 

resin (1-2mL of resin per liter of culture) for 30 min. The resin was washed with wash 

buffer (100mM NaH2PO4 pH 7.8, 10mM Tris base, 10mM Imidazole, 6M Guanidium 

HCl, 10mM 2-mercaptoethanol), and eluted with elution buffer (100mM NaH2PO4 pH 

7.5, 10mM Tris base, 250mM Imidazole, 6M Guanidium HCl, 10mM 2-

mercaptoethanol). The eluate was dialyzed into Buffer QA (10mM Bistrispropane pH 

7.0, 1mM EDTA, 0.5mM TCEP), loaded onto a MonoQ column (GE Healthcare) and 

eluted with a 100-300mM KCl gradient. Selected fractions were dialyzed into storage 

buffer (10mM HEPES pH 7.0, 50mM KCl, 1mM TCEP), flash frozen, and stored at -

80°C.  

 

Profilin 1  

 Recombinant human Profilin1 was purified, as described (Reichstein and Korn, 

1979), with the following modifications. The Profilin1, in vector pET16B, was expressed 

in E. coli BL21 pLysS. Bacterial cell pellets were resuspended in lysis buffer (10 mM 

Tris pH 8.0, 1 mM EDTA, 2 mM DTT, 1 mM PMSF) and lysed using an Emulsiflex. 

Ammonium sulfate was added to the clarified lysate to a concentration of 35%. After 
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centrifugation, an additional 26% ammonium sulfate to a final concentration of 61% was 

added to the supernatant. After centrifugation, the pellet was resuspended in lysis buffer 

and dialyzed overnight against more lysis buffer. Protein was applied to a DEAE column 

and the flow through and wash fractions were collected. These fractions were dialyzed 

against HA Buffer (5mM K2HPO4 pH 7.5, 1mM DTT) and applied to a hydroxyapatite 

column. Flow through and wash fractions were pooled, and gel filtered (10mM Tris pH 

7.5, 50mM NaCl, 0.5mM TCEP) using a Superdex 200 column connected to an ÄKTA 

Purifier system. Glycerol was added to 20% final concentration to the peak fractions. 

Protein was flash frozen in liquid nitrogen and stored at -80°C.  

 

hCofilin 1  

 Recombinant human Cofilin1 was purified as described (Carlier et al., 1997), with 

the following modifications. The construct, cloned into a pET16b vector, was expressed 

in BL21 Rosetta cells (Novagen). E. coli lysate was dialyzed into DEAE buffer (10 mM 

Tris pH 7.8, 50 mM NaCl, 0.2 mM EDTA, 2 mM DTT, 1 mM PMSF). The flow through 

and wash from the DEAE column was dialyzed into (10 mM PIPES pH 6.5, 15 mM 

NaCl, 2 mM DTT, 0.2 mM EDTA), and loaded onto a MonoS 5/50 GL column connected 

to an ÄKTA Purifier system (GE Healthcare). Protein was gel filtered using a Superdex 

200 column into 10 mM Tris pH 7.5, 50 mM NaCl, 0.5 mM TCEP; glycerol was added to 

20% to peak fractions and protein was flash frozen and stored at -80°C.  
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Microscopy 

Glass Chamber Treatment & Assembly 

 The same glass treatment and chamber assembly was used for both Bead 

Motility assays and Single Filament TIRF assays. To minimize non-specific protein 

absorption, glass slides were washed in ethanol and KOH. Glass coverslips were first 

washed in ethanol and KOH, and then fully cleaned with plasma glow discharge. The 

coverslips were then treated with a 2.5% solution of APTES (3-

Aminopropyltriethoxysilane from Sigma) in 5% water, 95% ethanol pH 4.5 (with acetic 

acid). After rinsing in ethanol and water, the coverslips were treated with 10% NHS-

PEG(5000)-Biotin and 90% NHS-PEG(5000) in DMF. Microscopy chambers were 

prepared with double-stick tape between the slide and coverslip. 

 

Bead Motility Assay 

 Carboxylated, polystyrene, 5µm diameter beads (Bangs Labs) were coated with 

ActA30-612-KCK-6XHis using EDC-SulfoNHS chemistry, as described (Akin and Mullins, 

2008). Coated beads were stored in 1mg/mL BSA, 2mM Tris pH 8.0 and used at 1:120 

dilution in motility assays.  

 For motility assays without recycling agents (cofilin and profilin), we mixed the 

ActA-coated beads with 7.4µM 3% Alexa488 labeled actin, 210nM capping protein, 

125nM Arp2/3, and varying amounts of labeled TM1A. All assays were carried out in 

0.2% methyl cellulose (400 cP), 2.5mg/mL BSA, 1mM MgCl2, 1mM EGTA, 20mM 

HEPES pH 7.0, 50mM KOH [pH 7.0 with 15mM TCEP HCl], and 250µM ATP. For 
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motility assays with recycling agents, we included the indicated concentration of 

hCofilin1, and added an equal concentration of hProfilin1.  

 All images were acquired at room temperature on a software-controlled 

(MicroManager) Nikon Eclipse TE2000-E inverted epifluorescence microscope 

equipped with an EM CCD camera (Andor iXon), and a Nikon 60X water immersion 

objective. After flowing in 10µL of the motility mix, glass chambers were sealed with 

VALAP (molten mixture of Vaseline, lanolin, and paraffin at 1:1:1 mass ratio), and 

imaged immediately. Images were taken at 60 second intervals.   

 

Single Filament TIRF 

 All images were acquired at room temperature on a software-controlled (NIS 

Elements 4.1) Nikon Ti-E inverted TIRF microscope equipped with an EM CCD camera 

(Andor DU897), and a Nikon 100X oil immersion objective. Each chamber was initially 

incubated for 1 min with blocking solution (10mM Imidazole, pH 7.0, 50mM KCl, 1mM 

MgCl2, 1mM EGTA, 1mg/mL BSA, 1% Pluronic acid, 250 µg/mL #-casein).  

The chamber was then rinsed with 1X KMEI/BSA (10mM Imidazole, pH 7.0, 50mM KCl, 

1mM MgCl2, 1mM EGTA, 1mg/mL BSA). For assays where the filaments were not 

attached to the coverslip, the protein mix (labeled actin, tropomyosin, Arp2/3, hcofilin1 in 

0.2% methyl cellulose (400cP), 1mg/mL BSA, 1mM MgCl2, 1mM EGTA, 50mM KCl, 

200µM ATP, 20mM glucose, 250µg/mL glucose oxidase, 50µg/mL catalase, 20mM 

!ME, and 10mM Imidazole, pH 7.0) was flowed in, then the chamber sealed with 

VALAP (molten mixture of Vaseline, lanolin, and paraffin at 1:1:1 mass ratio), and 
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imaged immediately. For assays where the filaments were attached, before flowing in 

the protein mix, the chamber was treated with 1µM Streptavidin, rinsed with 1X 

KMEI/BSA, then 1µM biotin-phalloidin, and rinsed with 1X KMEI/BSA. For assays with 

BeF3, 1mM BeCl2 and 5mM KF were added to the protein mix before starting the 

reaction. Images were taken at 10 second intervals. 

 

TIRF binding assay 

 To determine the binding affinity of TM1A for actin using single filament TIRF, 

20% 200nM A488-actin with varying amounts of Cy5-TM1A (5-160nM) were sealed in 

glass chambers with VALAP and allowed to incubate in the dark at room temperature 

for 3.5 hrs to reach steady state. 2-color images of 20 random fields were taken for each 

concentration of TM1A.   

 

TIRF with Cofilin 

 To examine TM1Aʼs ability to protect actin filaments from cofilin severing, the 

chambers were first incubated with 1µM streptavidin and 1µM biotin-phalloidin so the 

actin filaments would be attached to the coverslip. A single filament TIRF reaction with 

20% 600nM A488-actin and 600nM Cy5-TM1A was flowed into the glass chamber and 

allowed to incubate in the dark for 10min. At 10min, a second reaction containing no 

actin, 150nM hCofilin1, and 500nM Cy5-TM1A was flowed into the chamber, displacing 

the first reaction. The chamber was then sealed with VALAP and imaged immediately at 

10 second intervals.   
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ADP-Actin 

 ADP-actin was polymerized the night before in KMEI (50 mM KCl, 1 mM MgCl2, 1 

mM EGTA, 10 mM imidazole pH 7.0) and ADP-Buffer A (2mM Tris HCl, pH 8.0, 0.2mM 

ADP, 0.1mM CaCl2, 0.5mM TCEP, 0.04% azide). To mark the pointed end, 10% 5µM 

A488-actin was polymerized for 5min at RT, then actin was added to 20% 5µM A488-

actin. The actin was allowed to polymerize overnight on ice. As a control, the opposite 

labeling was also made: 20% 5µM A488-actin was polymerized for 5min at RT, then 

actin was added to 10% 5µM A488-actin. On the day of imaging, the labeled actin was 

diluted to 1µM, and final reactions included 20nM pre-polymerized actin.  

 

Pyrene Assay 

Actin polymerization was measured by monitoring an increase in fluorescence 

($ex = 365nm, $em = 407nm) of 5%-pyrene-iodoacetamide labeled actin that was purified 

from Acanthamoeba castellanii. We mixed Arp2/3, Arp2/3 activator (ActA30-612-KCK-

6XHis) in KMEI (50mM KCl, 1mM MgCl2, 1mM EGTA, 10mM imidazole pH 7.0). Actin 

polymerization reactions contained 4µM actin (5% pyrene-labeled), all other 

components were as specified in figure legends. All reaction components, except for 

actin were mixed in a single tube. Separately, actin was pre-incubated with ME (50µM 

MgCl2, 20µM EGTA) for 2 minutes, to facilitate the exchange of Ca2+ ions for Mg2+ ions. 

Reactions were initiated by addition of actin to the other components. 
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Cosedimentation binding assay 

 AS-TM1A C32A/S82C (TM1A) was first diluted to 6.4µM in KMEI and Buffer A. 

Any aggregates were removed from the TM1A by centrifugation at 4°C, 227k rcf for 

20min. The TM1A was then diluted serially by 1/2X into KMEI and Buffer A. RSK G-

actin was then added to a final concentration of 4µM in KMEI and Buffer A to start the 

reaction. Since TM1A can polymerize and sediment on its own, at each concentration of 

TM1A, a control reaction was made that did not include actin. Once the reaction was 

started, a load gel sample was taken immediately, while the binding reactions were 

allowed to incubate at RT for 2hrs. The reactions were centrifuged at 20°C, 190k rcf for 

30min. Gel samples of the supernatant and the pellet were made. All gel samples were 

made with 250µg/mL BSA as a loading control. Gel samples were run on a NuPAGE 4-

12% Bis-Tris gel, stained with Sypro-Red stain (Life Technologies), and imaged on a 

GE Healthcare Typhoon imager. A titration of actin concentrations was used as a 

standard. A simple fit of the data was done to determine the Kd and Hill coefficient. 

 

Actin ATP State Growth Simulation  

A visual simulation of the ATP state of individual actin subunits in a growing actin 

filament was developed in MATLAB. These were the conditions and values used: 

• Actin monomer size = 6 nm (Trinick et. al., 1986) 

• ATP hydrolysis rate = 0.3 1/sec (Blanchoin and Pollard, 2002) 

• Pi release rate = 0.0062 1/sec (Carlier, 1987) 

• BeF3 Kon rate = 4*10-3 1/(µM * sec) (Antonny and Chabre, 1992) 
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• ATP-actin growth rate = 11.6 1/(µM * sec) (Pollard, 1986) 

• Actin concentration = 0.5 µM  

• Time step = 1 sec 

Each simulated filament was frozen once it reached a particular length so that the 

distribution of the different ATP states of the actin subunits could be observed.  

 

Image Analysis 

Motility Assay Image Analysis 

All image analysis was accomplished with MATLAB code written by the authors. 

The lengths of the motile actin comet tails were determined by hand-drawn line scans 

through the middle of the long axis of the tail in each image, using MATLAB code written 

in-house.  

 

Single Filament TIRF Image Analysis 

 TM1A binding distances along single actin filaments was determined by hand-

drawn line scans in ImageJ. The hand-drawn kymographs were made in MATLAB 

where for each filament, a separate line-scan was hand-drawn for every frame. This 

was necessary because the filaments were not attached to the coverslip.   

 

Analysis for TIRF binding assay 

 Each 2-color image was analyzed with MATLAB code written by the authors to 

determine the sum of the length of the filaments. A simple ratio was taken between the 
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length of the actin filaments, and 1/6 * the length of the TM1A filaments. A simple fit of 

the data was done to determine the Kd and Hill coefficient.  
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Chapter 2 
Title 

A nonmuscle tropomyosin isoform, TM1J, can only bind to actin as a co-polymer with 

another nonmuscle isoform, AS-TM1A or DcTM1A.  

Abstract 

Recently, three tropomyosin isoforms were identified in Drosophila S2 cells. Two 

of them, TM1A and TM1J, co-localize to the lamellum near the leading edge. We 

purified and labeled both of these isoforms to investigate their biochemical interactions 

with branched and un-branched actin filaments. We find that TM1J cannot bind to rabbit 

skeletal muscle actin without TM1A as a co-binder. We also find that each TM1J dimer 

can only polymerize surrounded by two TM1A dimers.  

Introduction 

Tropomyosin is a coiled-coil dimer that polymerizes head-to-tail along the major 

groove of actin filaments. Non-muscle tropomyosin has been shown to play an 

important role in many cellular processes including cell shape, cell adhesion, cell 

motility, vesicle transport, endocytosis and exocytosis, Golgi function, cytokinesis, and 

membrane function. However, because many different isoforms from each tropomyosin 

gene are generated, it is difficult to understand the role of any one isoform. For 

example, mammals have four tropomyosin genes, which together generate over 40 

distinct tropomyosin isoforms. In addition, any one cell type can express over 10 

different isoforms. (Gunning et. al., 2008)  

To try to simplify the study of different tropomyosin isoforms, Goins and Mullins 

decided to use D. melangaster S2 cells as a model system because they were believed 
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to express only one non-muscle tropomyosin isoform. With RNAi, mass-spectrometry, 

RT-PCR, and immuno-staining, Goins and Mullins were able to determine that up to four 

isoforms are expressed in S2 cells: DcTM1A, TM1A, TM1J, and TM2A. DcTM1A is the 

un-acetylated version of TM1A. It is possible that there are more isoforms present, but 

they would be expressed at thus-far undetectable levels.  

Goins and Mullins overexpressed labeled isoforms in S2 cells and imaged their 

localizations throughout the cell cycle. It was found that TM1A localized to the lamellum, 

cell cortex and cytokinetic ring during cell division. TM1J also localized to the lamellum 

during G1 and G2, but also formed rings around Golgi stacks. After nuclear envelope 

breakdown, TM1J disassembles from the Golgi, and reassembles onto kinetochores. It 

then moves into the mid-zone during cytokinesis before returning to the Golgi stacks for 

the next cell cycle. TM2A only localizes to Golgi stacks. In this study, we investigate the 

biochemical interactions between TM1A and TM1J on single actin filaments, as well as 

on a lamellipod-like Arp2/3 branched actin network.  

Results 

While Drosophila cytoplasmic AS-TM1A and DcTM1A can bind to rabbit skeletal 

muscle actin (RSK actin), AS-TM1J cannot bind to actin. Every attempt to co-pellet AS-

TM1J with RSK is negative (Figure 1A). This includes scanning a wide range of buffer 

conditions: changing KCl and MgCl2. In addition, labeled AS-TM1J does not bind to 

single actin filaments in TIRF, while labeled AS-TM1A does (Figure 1B). Labeled AS-

TM1J also does not bind to actin networks generated from ActA-coated polystyrene 
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microspheres by the Arp2/3 complex and capping protein, no matter how much extra 

dark AS-TM1J is added (Figure 1C).   

This result seemed odd at first since Goins and Mullins had clearly seen AS-

TM1J in the lamellipod in vivo along with AS-TM1A, presumably bound to actin 

filaments. It was exactly this in vivo result that led us to try co-binding AS-TM1J with AS-

TM1A. Indeed, AS-TM1J can co-bind to actin with AS-TM1A and DcTM1A. This is 

supported by co-pelleting assays where AS-TM1A and AS-TM1J are added together, 

and both co-pellet with filamentous actin (Figure1A). We also see labeled AS-TM1J co-

bind with labeled AS-TM1A to single actin filaments (Figure 1B). In Figure 1C we see 

that AS-TM1J can co-bind with AS-TM1A, DcTM1A and to a minor degree, native rabbit 

skeletal muscle tropomyosin. AS-TM1J, however, does not co-bind with AS-TM2A, 

another long tropomyosin isoform proven to be present in Drosophila S2 cells (cite LGʼs 

paper). However, we do not yet know whether our purified AS-TM2A binds to RSK actin.   

With this result that AS-TM1J could co-bind with AS-TM1A, we wanted to 

understand more about  the nature of that co-binding. Specifically, we wanted to know 

whether AS-TM1J could bind to ends of filaments that are pre-bound with AS-TM1A – in 

essence, does AS-TM1J just need a primer to bind onto filaments (AAAA-JJJJ)? Or 

does AS-TM1J need to bind in an alternating fashion (A-J-AA-J-AAAA-J), so that every 

AS-TM1J dimer is always surrounded by two AS-TM1A dimers? Two-color co-binding of 

AS-TM1J with AS-TM1A in single filament TIRF shows that AS-TM1J cannot bind by 

itself onto the ends of actin filaments pre-bound with AS-TM1A (Figure 2B). In this 

assay, actin filaments are first incubated in the reaction chamber with Cy3 labeled AS-
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TM1A. Then a second reaction mixture containing actin, and Cy5 labeled AS-TM1A or 

AS-TM1J (or a mix of AS-TM1A-Cy3 and AS-TM1J-Cy5) is flooded in, so that it replaces 

the first reaction mixture. The result is that while AS-TM1A-Cy5 can bind to the ends of 

pre-bound AS-TM1A-Cy3, AS-TM1J-Cy5 cannot. However, if in the second reaction 

mixture AS-TM1A-Cy3 and AS-TM1J-Cy5 are both present, then AS-TM1J-Cy5 can 

bind.   

So it is clear from this data that the model of AAAA-JJJJ binding is not supported. 

The other possibility is that AS-TM1J and AS-TM1A form a heterodimer. However, since 

they are different lengths (AS-TM1A is 252 amino acids and spans 6 actin monomers, 

while AS-TM1J is 285 amino acids and spans 7 actin monomers), it is geometrically 

challenging to link several heterodimers into a head-to-tail polymer without gaps. Thus it 

is likely that AS-TM1J and AS-TM1A bind head to tail, in an alternating fashion (A-J-AA-

J-AAAA-J).  

Discussion 

We have shown that TM1J is not competent to bind to actin filaments, but co-

binding with TM1A helps TM1J bind. This has been confirmed in vivo by Goins (data not 

shown). When Goins knocks TM1A down in S2 cells, TM1J no longer localizes to the 

lamellum. In our in vitro experiments, TM1J always binds with very low affinity, even in 

the presence of TM1A. However, TM1J seems to bind more strongly when co-binding 

with DcTM1A. Surprisingly, both TM1Jʼs low signal and stronger binding to over-

expressed DcTM1A is also seen in vivo (data not shown).    
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One implication is that DcTM1A might be the tropomyosin isoform endogenously 

present in the lamellum, while AS-TM1A might be the isoform present in the cortex. This 

would be an intriguing way for the cell to control these two actin-tropomyosin 

populations separately, and thus individually control the actin dynamics at these two 

locations.    

In Iwasa and Mullins (2007), the authors thought they were knocking down the 

only tropomyosin isoform present in S2 cells: TM1A. This led to the expansion of the 

lamellipod at the expense of the lamellum. However, Goins revealed that Iwasa and 

Mullins had in fact knocked down TM1J. Given our results that TM1A is the dominant 

isoform present in the lamellum, their results could imply that the concentration of TM1A 

is still quite low in the lamellum, and extra TM1J is needed to maintain a full lamellum.  

Given that TM1J alone cannot bind to actin filaments, this leaves us with the 

intriguing question of how TM1J can bind to the other regions of the cell where TM1A is 

not present. For instance, how does TM1J bind around golgi stacks? How does TM1J 

bind to kinetochores? An interesting hypothesis is that TM1J could have a different 

obligate binding partner at each of its subcellular localizations. For instance, at the golgi, 

since TM2A is also present, TM2A could be TM1Jʼs binding partner, if TM2A itself can 

bind to actin filaments. A lot more work needs to be done in vivo and in vitro in order to 

determine the answers to this question.  
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Materials & Methods 
 
Most of the materials and methods for this chapter can be found in the materials and 

methods section of Chapter 1.  

Protein Purification 

AS-TM1A & AS-TM1J & DcTM 

Separately, each of the AS-TM1A C32A/S82C, AS-TM1J C25A/S, and DcTM 

constructs, in pET20b vectors, were expressed in BL21 E. coli cells. Bacterial pellets 

were resuspended in a 3X volume of lysis buffer (50 mM Tris pH 7.5, 10 mM EDTA, 2 

mM DTT, 200mM NaCl, 1 mM PMSF, 5 mg/L DNAse1, 10 mg/L RNAseA) and lysed by 

passage through a microfluidizer and cleared by centrifugation. The supernatant, in a 50 

ml conical tube, was placed in a boiling water bath (95°C) for 7 min (or until the 

supernatant precipitates), then placed in RT water for 7 min, then on ice for 30 min. The 

precipitate was pelleted by centrifugation at 150k rcf, 4°C for 45 min, and the 

supernatant recovered. Precipitate the tropomyosin by adding 1N HCl until the pH is 

below the PI (4.69). The precipitate was pelleted by centrifugation at 20k rcf, 4°C for 20 

min. The pellet was resuspended in 20mM Tris-HCl pH 7.5, 0.5mM TCEP, and KOH 

49



 

 

added until the pH returned to 7.5. A 20-40% ammonium sulfate cut was taken from the 

resuspended pellet, and centrifuged at 130k rcf for 20 min at 4°C. The pellet was 

resuspended in and dialyzed into 10mM imidazole pH 7, 100mM KCl, 0.5mM TCEP. 

The purified protein was flash frozen and stored at -80°C. 

Contributions 

Lauren Goins purified the DcTM used in these assays. 
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Chapter 3 
Title 

Capping protein contributes to the exclusion of tropomyosin from a branched actin 

network.  

Introduction 

In Chapter 1, we showed convincing data that Arp2/3 complex inhibits 

tropomyosin from binding to branched filaments. While this is true, it is not the entire 

story. Here we show that even a relatively small concentration capping protein also 

contributes to the exclusion of TM1A from a branched network.  

Results & Discussion 

When we build actin networks off of ActA-coated polystyrene microspheres with 

only Arp2/3 complex, a hazy branched network grows symmetrically off of the bead 

surface. This network never breaks symmetry. When TM1A is added to this network, in 

the early time points, TM1A seems to bind mostly to the outer edge of this network (data 

not shown). However, by 19min into the reaction, TM1A seems to bind to the entire 

network, up to the surface of the bead (Figure 1A). This is supported by single filament 

TIRF data not shown: with 1µM TM1A, 1µM actin, and 10nM Arp2/3 complex, 50nM 

ActA, TM1A bound to the branched filament. In contrast, even when a minimal 

concentration of capping protein is added (10nM), at 19min, the TM1A is clearly 

excluded from the branched network. As a reminder, to create robust symmetry 

breaking and tail growth, we usually use 210nM capping protein. This effect is sustained 

as we add more capping protein (Figure 1A).  
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Given the data from Chapter 1, it seems that Arp2/3 complex inhibition of TM1A 

binding is TM1A concentration dependent. In fact, even 400nM TM1A can overcome the 

Arp2/3 complex inhibition (data not shown). Full exclusion of TM1A from branched 

networks at any concentration of TM1A only occurs when capping protein is present. 

This addition to the model actually more robustly explains how TM1A could be excluded 

from the lamellipod in cells, where the concentration of TM1A could fluctuate over time. 

There are some intriguing hypotheses for how capping protein could help inhibit 

tropomyosin binding. Is TM1A binding dependent on the length of the actin filaments? 

Capping protein could shorten the branched filaments to a degree that decreases TM1A 

binding. There could also be a slight conformation change in the twist of the actin 

filament when the barbed end is bound to capping protein that also prevents TM1A from 

binding. To fully understand the mechanism of capping proteinʼs effect on TM1A 

binding, more detailed single filament assays need to be done.   
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Chapter 4 
Title 

Viscoelastic moduli are robust features of an in vitro actin network that drives motility 

Personal Note 

I defended this project for my orals exam, and focused solely on it for four years. 

I spent a lot of the time trying to validate the use of quantum dots as a mechanical probe 

particle. I developed particle tracking code in MATLAB, and validated the tracking code 

by creating my own simulated image data. Experimentally, I tried to validate the method 

by measuring quantum dots in acrylamide, as well as comparing quantum-dot 

measurements of polymerized actin to rheometry data of the same actin. The quantum-

dot measurements of isotropic actin filaments turned out to work well. However, in the 

end, using the quantum-dots in the bead motility tails did not work out. I believe this is 

because the network might have been too stiff to measure accurately, and thus the 

measurements were dominated by the gross movements of the tail. The last experiment 

that killed the entire project showed that the measured stiffness scaled with the length of 

the tails. Thus, I was not making the correct measurement, and none of the data below 

is believable. I include this paper draft that I wrote in 2010 to summarize some of the 

main ideas and directions of this project.  

Abstract  

Eukaryotic cells construct many different structures from actin that are 

fundamental to diverse cellular processes, including cell motility. These structures 

exhibit differing mechanical properties that are determined by a variety of actin binding 

proteins. It is of fundamental interest how these underlying biochemical interactions 

58



between actin and its various binding partners influence a dynamic and anisotropic actin 

networkʼs mechanical properties. We used a physiologically relevant reconstituted 

system for generating anisotropic, Arp2/3 branched actin networks of the type that drive 

cell motility. To measure the viscoelastic properties of this network, we developed a 

novel microrheology method that incorporates the use of quantum-dots connected to the 

network. Our results indicate that the viscoelastic moduli of the actin network are robust 

qualities indifferent to fluctuations in capping protein and Arp2/3 concentrations. These 

methods further our understanding of how the cell changes its biochemical makeup to 

create actin networks with different mechanical properties. 

Introduction 

Eukaryotic cells construct many different structures from a single polymer, actin. 

These structures are fundamental to diverse cellular processes, including cell motility, 

adhesion, division, intracellular trafficking, and cytoplasmic streaming. Such structures 

are formed with a variety of actin binding proteins and they exhibit different mechanical 

properties, as determined by the viscoelastic moduli. It is unclear what the mechanical 

properties of a biologically relevant network are in response to fluctuations in actin 

binding protein concentrations. This is because there has not been a biomimetic in vitro 

system for studying actin network mechanics. A truly biomimetic actin network is 

dynamic (polymerizing and depolymerizing) and anisotropic. Here we present a new in 

vitro method for passively measuring the viscoelastic moduli of a dynamic and 

anisotropic actin network of the type that drives cell motility. We use this method to 

probe how a cell changes and utilizes its biochemical makeup to create actin networks 
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with different mechanical properties. Such an understanding may prove useful to 

bioengineers interested in altering a motile cellʼs mechanical properties for medicinal or 

basic science purposes. 

The new method involves combining an existing in vitro reconstituted system for 

generating anisotropic, Arp2/3 branched actin networks with microrheology using 

quantum dots as the mechanical probe particle. This system gives us full control over 

protein concentrations, including the addition of actin binding proteins. The quantum 

dots are physically linked to the network and thus provide a high optical contrast 

mechanical probe particle that can be tracked with an epi-fluorescence microscope. The 

rest of the introduction explains each part of the system in more detail.    

The inspiration for the reconstituted system came from the actin-based motility of 

the intracellular pathogen Listeria monocytogenes. This pathogen coats one end of itself 

with a nucleation promoting factor, ActA, that activates Arp2/3 network branching. The 

comet tail of branched actin that forms off the ends of Listeria has been shown to be 

structurally similar to the one that drives the eukaryotic lamellapod forward, and thus 

this is a model in vitro system for studying lamellapodial actin network biomechanics. 

The assay includes all the purified components required for continually building and 

recycling a polarized and anisotropic Arp2/3 branched network on the surface of a bead 

(actin, ActA on the bead, Arp2/3, capping protein, cofilin, and profilin). The Arp2/3 

complex nucleates actin filaments off existing filaments at a 70o angle, creating a 

meshwork (Figure 1A). Free filament ends are prevented from further elongation by 

capping protein, and the network is degraded at the back end by the severing protein, 
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cofilin. The spatial and temporal distribution of polymerization and degradation depends 

on the concentration of the components. At physiological concentrations, the network 

has a stable growing front with gel-like mechanical properties and an unstable back end 

with unknown mechanical properties. This provides a constantly changing network, 

allowing me to probe how the viscoelastic moduli change spatially and temporally due to 

changes in the network architecture. Additionally, I altered the biochemical environment 

by adding actin crosslinkers at various concentrations to the network. 

I measured the local mechanical properties of this in vitro network with a new 

form of microrheology involving the use of quantum dots instead of the regularly used 

glass beads. In general, microrheology measures the mechanical properties of a 

material by measuring the thermal fluctuations of a probe particle embedded in the 

material. By determining the mean squared displacement of these probe particles over 

many time intervals, one can calculate the elastic and viscous moduli of the material 

over a range of frequencies. These viscoelastic moduli are calculated using the 

generalized Stokes-Einstein equation below, where ! is the frequency, Gʼ(!) the elastic 

or storage modulus, G”(!) the viscous or loss modulus, F{ !r2 (" )" =1/# } the Fourier 

transform of the mean-squared displacement (the experimentally measured quantity), 

and a  the radius of the probe particle. These moduli tell us how the material will 

respond to strains of varying frequency and intensity.  

G '(! ) + iG ''(! ) = 2kBT
3"ai!F{ #r2 ($ )

$ =1/!
}

 

Previous in vitro microrheology measurements of actin networks have used 
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beads as the mechanical probe particle. These measurements have provided useful 

insights, but they are limited by the fact that they were done with a static isotropic 

network. With the system I described above, I will be using a physiologically relevant 

model system. 

 Previous methods are also limited by the large size of the bead (0.5-1µm) relative 

to the width of the branched actin network in vivo (0.5-1.5µm). This prevents local 

measurements of mechanical properties that could distinguish between the front of a 

network and the back. I will measure the thermal fluctuations of this evolving network by 

attaching quantum dots directly to the actin network, and measuring their movements at 

nanometer spatial resolution under a microscope. Quantum dots (10-50 nm) are an 

order of magnitude smaller than beads previously used, and are much brighter and 

more stable than organic fluorophores. 

Results 

Quantum-dot microrheology accurately measures viscoelastic moduli. 

In vitro actin networks grown on bead surfaces provide a controlled way to study 

mechanical properties in a network with biologically relevant geometries. We designed a 

novel method that incorporates quantum-dots into this network as mechanical probes to 

measure the viscoelastic moduli using the principles of microrheology. To determine 

whether this method could accurately measure the viscoelastic moduli, Gʼ(w) and G”(w), 

we made some control measurements. To prevent drift in our microscope images, an 

Ezrin actin binding domain was used to secure the actin network to the glass surface. 

Ezrin binding did not significantly change Gʼ(w) nor G”(w) anywhere above the glass 
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surface, as seen in Figure 1A. Increasing the phalloidin-quantum-dot concentration also 

did not affect Gʼ(w) nor G”(w) until the concentration was so high that the quantum-dots 

could not be optically distinguished (starting around 2nM), as seen in Figure1B. These 

controls show that quantum-dot microrheology is a feasible and accurate method for 

measuring actin network mechanical properties.  

Viscoelastic moduli are independent of Arp2/3 and capping protein 

concentrations. 

To determine the effect of Arp2/3 and capping protein on the networksʼ 

viscoelastic moduli, we altered their concentrations. Decreasing Arp2/3 concentration by 

2x did not significantly change Gʼ(w) nor G”(w), data not shown. Increasing capping 

protein concentration by 2x also did not significantly change Gʼ(w) nor G”(w), Figure 2B. 

Thus the viscoelasticity of the actin network seems to be a robust feature of the system, 

resistant to fluctuations in component concentrations.   

Discussion 

Viscoelastic moduli are constant over changes in capping protein 

concentrations. 

We found that changes in capping protein concentrations do not affect the 

viscoelastic moduli over a large range of frequencies. In experiments done with the 

same in vitro actin motility system, but without the quantum dots, Akin & Mullins (2008) 

found that increasing capping protein concentration increased the velocity of the beads 

and decreased the density of the actin in the network. These observations were 

confirmed in my system. Combined with my observations of the mechanical properties 
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of these networks, these results indicate that changing the capping protein 

concentration changes the network architecture (seen as a change in actin density), but 

does not change the mechanical properties. 

There are two opposing factors when considering the effect of capping protein on 

the stiffness (elastic modulus) of the network. One is that increasing the concentration 

shortens the length of the individual filaments in the network (Schafer et. al. 1996). 

Shorter filaments might give rise to a stiffer network. The second is that from Akin & 

Mullins (2008) we also know that the density of the network overall is decreased. This 

sparser network might give rise to a network that is less stiff. My results suggest that 

these two opposing factors may balance each other out to maintain specific mechanical 

properties. These specific viscoelastic moduli allow a motile cell such as a neutrophil to 

be stiff enough to move through small openings in an extra-cellular matrix. 

Simultaneously, the cellʼs actin cytoskeleton is viscous enough to be able to flow around 

solid barriers. 
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Chapter 5 
Published Paper 

Arp2/3 complex ATP hydrolysis promotes lamellipodial actin network disassembly but is 
dispensable for assembly. 
 
Ingerman E., Hsiao J.Y., Mullins R.D. 2013. Arp2/3 complex ATP hydrolysis promotes 

lamellipodial actin network disassembly but is dispensable for assembly. J Cell 
Biology. 200: 619-633. 

 
Personal Note about my collaboration with Elena Ingerman 
 

Elena Ingerman, a postdoc and dear friend in the Mullins lab, had done an 

impressive amount of work both in vivo and in vitro to show that ATP hydrolysis mutants 

of the Arp2 and/or Arp3 subunits of the Arp2/3 complex led to the expansion of the 

lamellipod. The hypothesis was that these ATP hydrolysis mutants were resistant to 

actin filament disassembly activity by proteins such as cofilin/ADF. The reviewers asked 

for this hypothesis to be confirmed using the bead motility assay.  

I was more than happy to help with that request. Together, with her purified 

Arp2/3 complex WT and mutant proteins, and my bead motility system, we were indeed 

able to confirm the hypothesis. Below is our paper. 

Abstract 

We examined the role of ATP hydrolysis by the Arp2/3 complex in building the 

leading edge of a cell. By studying the effects of hydrolysis defects on the behavior of 

the complex in the lamellipodial actin network of Drosophila S2 cells and in a 

reconstituted, in vitro, actin-based motility system. In S2 cells, non-hydrolyzing Arp2 and 

Arp3 subunits expanded and delayed disassembly of lamellipodial actin networks and 

the effect of mutant subunits was additive. Arp2 and Arp3 ATP hydrolysis mutants 

67



 

remained in lamellipodial networks longer and traveled greater distances from the 

plasma membrane, even in networks still containing wild-type Arp2/3 complex. In vitro, 

wild-type and ATP hydrolysis-mutant Arp2/3 complexes each nucleated actin and built 

similar dendritic networks. However, networks constructed with Arp2/3 hydrolysis-

defective mutants were more resistant to disassembly by cofilin. Our results indicate 

that ATP hydrolysis on both Arp2 and Arp3 contributes to dissociation of the complex 

from the actin network but is not strictly necessary for lamellipodial network 

disassembly.  

Introduction 

Actin-based cellular motility is critical for cell spreading, tissue formation, and in 

immune responses. Motility relies on the formation of a three dimensional lamellipodial 

actin network, composed of actin, capping protein, Arp2/3 complex, and other factors. 

The Arp2/3 complex nucleates new (daughter) filaments from the sides of preexisting 

(mother) filaments to generate space-filling dendritic arrays, in vitro (Mullins et al., 1998; 

Blanchoin et al., 2000) and at the leading edge of migrating cells (Svitkina and Borisy, 

1999). The architecture and assembly dynamics of this network are governed by the 

timing of Arp2/3 activation, and the disassembly of this network is critical for the 

recycling of its components and for sustained network growth (Cramer, 1999).     

The Arp2/3 complex comprises seven subunits, two of which, Arp2 and Arp3, are 

actin related proteins that contain actin-like, ATP-binding pockets. Yet, the role of ATP 

hydrolysis by the Arp2/3 complex is not well understood. Residues important for the 

catalytic mechanism of hydrolysis were elucidated by crystal structures of non-
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vertebrate actin (Vorobiev et al., 1999). Experiments in budding yeast, using mutant 

based on this crystal structure, indicate that ATP binding on Arp2 and Arp3 are required 

for function of the complex in endocytosis and in actin patch dynamics (Martin et al., 

2005; Martin et al., 2006).  

Although ATP is hydrolyzed on the Arp2 subunit at roughly the same time that 

the complex produces new filaments (Dayel and Mullins, 2004), hydrolysis on a single 

ATP-binding subunit (Arp2 or Arp3) does not appear to be required for nucleation 

(Martin, et al. 2006). However, nucleation by an Arp2/3 complex unable to hydrolyze 

ATP on both Arp2 and Arp3 has not been shown. While conventional actin binds ATP 

with nanomolar affinity and hydrolyzes bound nucleotide soon after incorporating into a 

filament (Blanchoin and Pollard, 2002), Arp2 and Arp3 bind ATP with 1000-fold weaker 

affinity (Dayel et al., 2001). The Arp2 subunit hydrolyzes bound ATP soon after creating 

a new filament or capping the pointed end of a preexisting one (Dayel and Mullins, 

2004).  

Actin nucleation by Arp2/3 is regulated by intracellular signals and requires the 

participation of a nucleation promoting factor (NPF) such as N-WASP, WAVE, WHAMM, 

WASH, or JMY (Machesky et al., 1999; Rohatgi et al., 1999; Welch and Mullins, 2002; 

Campellone et al., 2008; Zuchero et al., 2009; Campellone and Welch, 2010; Duleh et 

al., 2010). The minimal NPF sequence able to activate Arp2/3 is a three-part motif, 

called a VCA domain. VCA consists of a Verprolin-homology (or WASP-Homology 2, 

WH2) domain that binds monomeric actin (Higgs et al., 1999), an Acidic region that 

binds to Arp2/3 complex (Marchand et al., 2001), and a Central region that binds both 
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actin and the Arp2/3 complex (Kelly et al., 2006). Nucleation of a new filament requires 

three factors: (1) binding of the Arp2/3 complex to the side of a pre-formed actin filament 

(Mullins et al., 1997; Mullins et al., 1998; Machesky et al., 1999); (2) binding of two VCA 

domains to the Arp2/3 complex (Padrick et al., 2011); and (3) delivery of at least one 

actin monomer to the complex via the WH2 domain (Dayel and Mullins, 2004).  

To examine the role of ATP hydrolysis by the Arp2/3 complex, in the context of 

building a cell's leading edge, we used fluorescence speckle microscopy to follow the 

dynamics of Arp2/3 complexes containing non-hydrolyzing Arp2 and Arp3 subunits in 

the lamellipodia of Drosophila S2 cells. We also examined the structural properties of 

dendritic actin networks in an in vitro motility system reconstituted using purified 

components. Loss of ATPase activity on Arp2 and Arp3 have similar effects. Neither 

mutant inhibits cell spreading or assembly of the lamellipod. Rather, both mutant alleles 

prolong the association of the Arp2/3 complex with the lamellipodial actin network, 

promote expansion of the lamellipod, and prevent its disassembly. Likewise, in vitro, 

ATP hydrolysis mutants hinder disassembly of the actin network. Our results indicate 

that ATP hydrolysis on both Arp2 and Arp3, is not absolutely required for network 

disassembly, but does facilitate dissociation of the complex from lamellipodial actin 

networks. 

Results 

Mutations that abolish ATP hydrolysis in Arp2 and Arp3 have minimal effects on 

actin filament nucleation by the Arp2/3 complex.  
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To study the role of ATP hydrolysis by the Arp2/3 complex, we mutated critical 

residues in the ATP binding sites of Arp2 and Arp3. In actin, residue Q137 positions a 

water molecule near the gamma phosphate of the bound ATP, while residue H161 

functions as a base catalyst, abstracting a proton from water, and priming it for 

nucleophilic attack on ATP (Vorobiev et al., 2003). We mutated Arp2 and Arp3 residues 

analogous to Q137 and H161 of actin (Supplemental Figure S1A) and integrated these 

mutations into the yeast genome, under control of the endogenous gene promoters. We 

then purified five variants of the Arp2/3 complex from budding yeast: wild type Arp2/3 

complex and four ATP hydrolysis mutants, each containing a single mutation in Arp2 or 

Arp3 (Arp2Q137A, Arp2H161A, Arp3Q137A, or Arp3H161A). 

To confirm loss of ATPase activity in the Arp2/3 mutants, we performed ATP 

hydrolysis assays, using purified Arp2/3 complex cross-linked to 8-azido-!-32P-ATP. We 

stimulated hydrolysis of the radiolabeled ATP covalently cross-linked to the Arp2 and 

Arp3 subunits by adding actin and the purified VCA domain of yeast Arp2/3 activator, 

Las17. We observed rapid hydrolysis on the Arp2 subunit of the wild type complex, but 

observed no detectable hydrolysis by Arp2Q137A or Arp2H161A subunits (Figure 1A 

and data not shown). This result is consistent with that of Martin, et al. (2006), who also 

found that Arp2H161A was unable to hydrolyze ATP. We could not accurately quantify 

ATP hydrolysis by Arp3 mutants due to poor cross-linking of azido-ATP to this subunit.  

When integrated into yeast under the native promoter, we found that, as 

previously described (Martin et al., 2006), arp2H161A exhibited growth defects on 

formamide and on 0.9 M NaCl, both stress-inducing conditions (Supplemental Figure 
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S1B). In contrast, yeast strains arp2Q137A and arp3Q137A exhibited normal growth 

under all conditions. This suggests that the H161A mutant complex may have additional 

defects unrelated to ATP hydrolysis, while the Q137A mutation likely does not. Thus, in 

our analysis of Arp2/3 ATPase activity, we focused on the Q137A mutation. We 

performed experiments in parallel, on wild type (WT), Arp2 and Arp3 Q137A, and Arp2 

and Arp3 H161A Arp2/3 complex. We include our results for the Arp2/3 H161A mutants, 

which are very similar to those obtained for the Q137A mutants, in Supplemental 

Figures S3 and S4. Surprisingly, despite the lack of phenotype displayed by the arp2- 

and arp3-Q137A alleles, even under stressful conditions, the two mutations together 

were synthetically lethal (Supplemental Figure 1D). This result suggests that, despite 

our inability to detect it, ATP hydrolysis on the Arp3 subunit is important for the function 

of the complex. Nucleation activity of the four mutant yeast Arp2/3 complexes 

(Arp2Q137A, Arp3Q137A, Arp2H161A, Arp3H161A), varied slightly from the activity of 

wild type yeast Arp2/3, the H161A mutants being slightly more active than wild type and 

the Q137A mutants being slightly less active (Supplemental Figure S1C).  

Purification of Arp2/3 complex from yeast has some limitations: low quantities of 

purified protein and difficulty in obtaining a double ATP hydrolysis mutant (Arp2Q137A, 

Arp3Q137A) Arps2/3 complex, due to synthetic lethality. Thus, we used a baculovirus 

purification protocol, which allowed us to obtain a double ATP hydrolysis mutant human 

Arp2/3 complex, in addition to the same single mutant complexes that we had obtained 

previously from yeast. Using pyrenyl-actin assembly assays, we found that all four 

baculovirus-produced Arp2/3 variants (Arp2Q137A, Arp3Q137A, double mutant, and 
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wild type) were capable of accelerating actin polymerization in an NPF-dependent 

manner (Figure 1B), indicating that nucleotide hydrolysis on either Arp2, Arp3, or both 

subunits is not specifically required for nucleation of actin filaments by the Arp2/3 

complex.  

 

Arp2/3 ATP hydrolysis mutants remain attached to the dendritic lamellipodial 

actin network longer than WT Arp2/3, in the leading edge of Drosophila S2 cells. 

To better understand the cellular and physiological role of ATP hydrolysis by the 

Arp2/3 complex, we examined the effects of ATPase mutants on the morphology of the 

cell's leading edge. We created Drosophila S2 cell lines stably expressing fluorophor-

labeled Arp2 and Arp3. We depleted endogenous Arp2 or Arp3 from the stable cell lines 

by RNAi, thus replacing endogenous protein with a stably expressed, fluorophore-

tagged ATP hydrolysis-dead variant. 

We verified the efficiency of our RNAi knockdown procedure using light 

microscopy and by immuno-blotting cell extracts. Nucleation activity of the Arp2/3 

complex, which helps form the dendritic actin network at the cell edge, is required for S2 

cell spreading. When Arp2/3 complex subunits are depleted, cells fail to spread normally 

and exhibit a serrated morphology, rather than a smooth, circular boundary. We used 

stable S2 cell lines expressing Actin-GFP alone (9), Actin-GFP and Arp2-mCherry (9-1), 

or Actin-GFP and Arp3-mCherry (9-2). (Stable cell lines listed in Table 1.) Consistent 

with previous studies, Arp2/3 complex activity was decreased by double stranded RNA 

(dsRNA) targeting the full coding sequence of either ARP2 or ARP3, as judged by the 
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fraction (90%) of cells with serrated phenotypes (Figure 2B, 2E, 2H, 2K). We also 

observed serrated cells when we used dsRNA targeting the 5' and 3' untranslated 

regions (UTR) of ARP2 or ARP3 (Figure 2C, 2I). The serrated phenotype produced by 

dsRNA targeting the 5' and 3' UTRs of ARP2 or ARP3 was rescued by expression of 

mCherry-labeled Arp2 and Arp3 constructs, respectively (Figure 2F, 2L). We verified 

Arp2 knockdown by immuno-blotting whole cell Drosophila S2 extracts (Supplemental 

Figure S1E) with Arp2 antibodies. Antibodies recognizing Drosophila Arp3 were not 

commercially available. 

Confident that our dsRNA targeting the 5' and 3' UTR could deplete endogenous 

Arp2 and Arp3, while leaving exogenously expressed fluorophore-labeled Arp2 and 

Arp3 intact, we proceeded to examine the effects of Arp2 and Arp3 ATPase mutants on 

the behavior of Arp2/3 complex in the lamellipodial actin network. For these 

experiments, we created stable S2 cell lines expressing Arp2WT-GFP (3), Arp2Q137A-

GFP (4), Arp3WT-GFP (6), and Arp3Q137A-GFP (7). (See Table 1.) We depleted 

endogenous Arp2 or Arp3 from cells, using dsRNA targeting the 5' and 3' UTRs, and 

replaced the depleted protein with the stably expressed GFP-labeled ATPase variant 

(Figure 3A). GFP-tagged proteins were expressed at low levels, allowing us to quantify 

the behaviors of individual Arp2 and Arp3 speckles. For movies of live cells, we used 

kymograph analysis to reconstruct speckle trajectories (Figure 3B-E, second column). 

Using speckle trajectories, we recorded distances traveled and speckle lifetimes for 

Arp2(WT)-GFP, Arp2Q137A-GFP, Arp3(WT)-GFP, and Arp3Q137A-GFP speckles 

(Supplemental Figure S2, A-D). We observed differences between the behaviors of 
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speckles containing WT versus hydrolysis-dead variants of Arp2 and Arp3. Arp 2 and 

Arp3 ATP hydrolysis mutants had longer lifetimes and traveled greater distances than 

their wild type counterparts (Figure 3F, 3G). For each cell line, we examined 20-50 cells, 

constructed at least 12 kymographs per cell from sections evenly distributed around the 

cell's perimeter, and recorded metrics for at least 200 speckles. 

To further explore and contrast the behaviors of WT Arp2/3 versus ATPase 

mutant Arp2/3 in vivo, we created stable S2 cell lines which co-express mCherry-

labeled WT and GFP-labeled ATP hydrolysis mutant, as follows: (1-3): Arp2(WT)-

mCherry, Arp2(WT)-GFP; (1-4): Arp2(WT)-mCherry, Arp2Q137A-GFP; (2-6): Arp3(WT)-

mCherry, Arp3(WT)-GFP; (2-7): Arp3(WT)-mCherry, Arp3Q137A-GFP (Table 1, Figure 

4A). We quantified the behavior of Arp2/3 speckles, and could clearly distinguish 

behavior of WT Arp2/3 from that of hydrolysis defective Arp2/3, within the same cell. 

For each tracked GFP or mCherry speckle, we recorded its lifetime and distance 

traveled from the leading edge. Surprisingly, we found that, within single cells, ATP 

hydrolysis mutant Arp2Q137A-GFP speckles behave in a markedly differently manner 

than WT Arp2-mCherry speckles (Figure 4B, 4C, 4F). Arp2Q137A-GFP speckles remain 

attached to the Arp2/3-actin network longer than WT Arp2/3 speckles, as indicated by 

their increased speckle lifetimes: 33 seconds for the Q137A Arp2 mutant versus 22 

seconds for WT Arp2 (Figure 4C, lower graph). Arp2 ATPase mutant speckles also 

traveled longer distances (1500 nm) than WT speckles (1100 nm) (Figure 4B, lower 

graph), before disappearing. Remarkably, Arp3 ATPase mutants also had longer 

lifetimes and traveled greater distances than their WT counterparts (Figure 4D, 4E, 4F). 
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This result is surprising, given the dearth of previous information about Arp3, but 

consistent with the synthetic lethality of the Arp2 ATP hydrolysis mutant allele with the 

Arp3 mutant allele in budding yeast (Supplemental Figure S1D).  

The synthetic lethality in yeast and the effect of the Q137A mutation on ARP3 

prompted us to examine the effect of having both ATP hydrolysis defective mutations 

simultaneously present in S2 cells. We created additional cell lines, this time placing 

fluorophor tags on both Arp2 and on Arp3: (3-2) Arp2(WT)-GFP, Arp3(WT)-mCherry; (4-

13) Arp2Q137A-GFP, Arp3Q137A-mCherry (Table1, Figure 5A). To avoid potential 

artifacts caused by differential photostability of GFP versus mCherry, we also created 

stable cells lines in which we switched the fluorophors used on Arp2 and Arp3: (1-6) 

Arp2(WT)-mCherry, Arp3(WT)-GFP; (10-7) Arp2Q137A-mCherry, Arp3Q137A-GFP 

(Table 1). We used RNAi to simultaneously deplete both endogenous Arp2 and Arp3, 

and measured speckle lifetimes and distances traveled. RNAi depletes most, but not all, 

endogenous Arp2 and Arp3 in S2 cells. Thus, in knocking down and replacing both Arp2 

and Arp3 with ATPase mutants, we also likely created complexes that contained one 

mutant and one wild type subunit, along with the desired complexes, which contained 

two mutant subunits. This may explain the broadening of peaks in the histograms of 

mutant speckle lifetimes and distances traveled (Supplemental Figures S2, S4). The 

effect of having two ATP hydrolysis mutations, one on Arp2 and the other on Arp3, was 

additive. WT Arp2 and Arp3 speckles have average lifetimes of 20.6 seconds (Table 2, 

Supplemental Figure S2A, S2B). Double mutant cells had greater speckle lifetimes (38.7 
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sec.), than cells in which a single subunit, either Arp2 or Arp3, was replaced with an 

ATP hydrolysis mutant (31 sec.) (Supplemental Figures S2E, S2F, Table 2). 

 

Arp2/3 ATP hydrolysis mutants are more resistant to cofilin-mediated 

disassembly, in vitro 

Our in vivo S2 cell observations led us to believe that ATP hydrolysis on both the 

Arp2 and Arp3 subunits of the complex aids in disassembly of the dendritic Arp2/3-actin 

network. We tested this hypothesis in a reconstituted in vitro motility system containing 

a limited number of purified components, as used by Akin et al. (2008). We used 

polystyrene beads with the VCA domain of the Arp2/3 activator, ActA, covalently linked 

to the bead surface. In the absence of "recycling" components, cofilin and profilin, a 

shell composed of actin, Arp2/3, and capping protein grew at the surface of the ActA-

VCA-coated beads. Following symmetry breaking of the shell, we observed sustained 

growth of an actin tail from the bead surface (Figure 6A, 6B). At 50 nM Arp2/3 

concentrations, wild type and ATP hydrolysis defective Arp2/3 complexes supported 

growth of actin tails with similar lengths (Figure 6C), comparable tail intensities (Figure 

6D), and similar shell intensities (Figure 6E).  

The addition of "recycling" components, profilin and cofilin, to the bead motility 

assay allowed us to observe differences between the behaviors of wild type and ATP 

hydrolysis mutant Arp2/3 complexes during disassembly. Cofilin, which severs actin 

filaments, and profilin, which promotes nucleotide exchange by actin monomers, 

together promote turnover and recycling of actin monomers in the in vitro motility 
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reaction. Inclusion of profilin and cofilin in the actin motility reaction leads to shell 

detachment from growing actin tails (Figure 7A, B). We measured shell length at time of 

detachment (Figure 7C), as well as shell intensity (Figure 7D). Despite having an actin 

nucleation rate comparable to wild type Arp2/3 complex (Figure 1A) and building a shell 

and tail of similar intensity, double ATP hydrolysis mutant Arp2/3 complex had a 

distinctly longer shell at its time of detachment and we observed a clear delay in time of 

shell detachment from the actin tail (Figure 7E). Based on these observations, we 

conclude that ATP hydrolysis by the Arp2 and Arp3 subunits contributes to Arp2/3 

debranching and to actin network disassembly. 

Discussion 

Arp2 and Arp3 are members of the actin super-family, a group of proteins defined 

by a common fold that forms a nucleotide binding pocket with a preference for ATP 

(Bork et al., 1992). The pocket consists of two globular domains separated by a flexible 

hinge region (Kabsch et al., 1990). Contacts between the globular domains and the 

bound ATP hold the pocket closed and hydrolysis of bound ATP weakens the contacts 

between the globular domains, opening the pocket. This simple conformational change 

has been adapted to many biochemical activities, including: phosphorylation of sugar 

molecules (hexokinase), catalysis of protein folding (Hsp70), and destabilization of 

cytoskeletal filaments (Actin and ParM).  

A chemical mechanism of ATP hydrolysis by actin family proteins was suggested 

by high resolution atomic structures (Vorobiev et al., 2003). In this model, one critical 

residue in the nucleotide binding pocket (Q137) positions a catalytic water molecule 
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near the gamma phosphate of the bound ATP while another residue (H161) acts as a 

base catalyst to activate the water molecule, promoting hydrolysis of the !-phosphate of 

ATP. This model was first tested experimentally in the bacterial actin-like protein ParM. 

The proposed catalytic residues of actin, Q137 and H161, were mapped onto the 

structure of ParM and mutated to alanines (Garner et al., 2004). ParM containing a 

mutation homologous to Q137A in Actin lacked ATPase activity, but polymerized with 

essentially wild type kinetics, while mutations spatially equivalent to H161A altered the 

ATP critical concentration and inhibited polymerization. These results verified the 

involvement of Q137 in ATP hydrolysis, but suggested that mutation of H161 produces 

additional defects unrelated to ATP hydrolysis.  

Arp2 mutations equivalent to H161A and Q137A produced different growth 

phenotypes in budding yeast (Martin et al., 2006). Both mutations abolished ATP 

hydrolysis; H161A produced a growth defect while Q137A did not. The authors focused 

on analysis of the H161A phenotype and, based on their analysis of actin patch 

dynamics in Arp2H161A cells, proposed that ATP hydrolysis on the Arp2 subunit 

promotes dissociation of the complex from actin and is required for disassembly of 

Arp2/3-generated networks (Martin et al., 2006). 

Building on this work, we examined the dynamics of wild type and ATPase 

mutant Arp2 and Arp3 in the context of a lamellipodial actin network. We focused 

primarily on mutations equivalent to Q137A because they completely abolish ATP 

hydrolysis, with minimal additional effects on protein structure and function. We used 

Drosophila S2 cells because they construct well-defined lamellipodial actin networks at 
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the cell periphery, are flat and well-suited to light microscopy, and are highly amenable 

to protein depletion by RNAi (Rogers et al., 2003; Iwasa and Mullins, 2007).  

At the leading-edge, the lamellipodial actin network enables cells to move, 

change shape, adhere to surfaces, and endocytose nutrients. This network is defined by 

the rapid assembly and retrograde flow of actin filaments (Salmon et al., 2002), as well 

as the presence of a characteristic set of actin regulatory proteins including the Arp2/3 

complex, capping protein, and cofilin (Iwasa and Mullins, 2007). Filaments in the 

lamellipodial network are nucleated in a three-dimensional, dendritic array by the Arp2/3 

complex; their rapid growth is terminated by capping protein, and they are disassembled 

by cofilin. Loss of either capping protein or the Arp2/3 complex abolishes the 

lamellipodial network entirely, while loss of cofilin leads to dramatic expansion of the 

lamellipod (Iwasa and Mullins, 2007). Additional factors, such as tropomyosin, also 

control the size of the lamellipod, probably by blocking access of the Arp2/3 complex to 

actin filaments. Similar to loss of cofilin, loss of tropomyosin causes dramatic expansion 

of the lamellipod (Gupton et al., 2005; Iwasa and Mullins, 2007).  

If, as suggested by Martin et al. (2006), Arp2/3 complex dissociation from the 

actin network depends on its ability to hydrolyze ATP, we would expect non-hydrolyzing 

Arp2 mutants to mimic the loss of cofilin and to significantly expand the size of the 

lamellipodial network. We do, in fact, find that non-hydrolyzing Arp2 and Arp3 mutants 

widen the lamellipodial network, as judged from tracking both actin and Arp2/3 speckles. 

The effect, however, is mild compared to the loss of either cofilin or tropomyosin. The 

same effect is also produced by non-hydrolyzing Arp3 mutants. These results suggest 
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that ATP hydrolysis occurs on both the Arp2 and Arp3 subunits and accelerates 

dissociation of the Arp2/3 complex, but is not strictly required for lamellipodial network 

disassembly.  

In cells expressing both fluorophore-labeled WT and ATP hydrolysis mutant Arp2 

or Arp3, we observed a clear disparity in the movements of ATPase mutant and WT 

Arp2 or Arp3 (Figure 4). These observations concur with the in vitro experiments of 

Kawska et al.. Our work similarly suggests that, Arp2/3, along with other network 

components, builds up many entangled sub-networks, from which lamellipodial network 

properties emerge. 

Previous studies of ATP hydrolysis by the Arp2/3 complex focused on the Arp2 

subunit. Yet, it is not entirely surprising that ATP hydrolysis on the Arp3 subunit also 

plays a role in the activity cycle of the complex. Previously, it was reported that almost 

100% of ATP bound to the Arp2 subunit of Acanthamoeba Arp2/3 complex is 

hydrolyzed during or soon after nucleation and that approximately 15% of ATP bound to 

the Arp3 subunit is also hydrolyzed during the same time interval (Dayel et al., 2006). 

Likely, the covalent cross-linking of radiolabeled ATP into the active site of Arp3 inhibits 

efficient hydrolysis. Recent biochemical work (Padrick et al., 2011) has shown that the 

Arp2/3 complex binds two VCA domains, which deliver two actin monomers to the 

complex, one to each of the Arp subunits. In addition, high resolution structural analysis 

of the complex suggests that actin nucleation by the complex requires closure of the 

ATP binding pocket of the Arp3 subunit (Xu et al., 2011). Our work concurs with the idea 

that ATP hydrolysis is important on both Arp subunits. 
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In S2 cells, Arp2 and Arp3 ATP hydrolysis mutants slow down, but do not 

completely inhibit, disassembly of the lamellipodial actin network. Our in vitro motility 

assay experiments show that Arp2/3 ATP hydrolysis mutants build actin tails very 

similar in structure to those built by WT Arp2/3. Cofilin's known preference for ADP-actin 

(Blanchoin and Pollard, 1999) seemingly extends to the actin-related subunits of the 

Arp2/3 complex. Actin tails constructed with Arp2/3 ATP hydrolysis mutants have 

delayed network disassembly and delayed cofilin-mediated shell detachment from actin 

tails, supporting the hypothesis that ATP hydrolysis and/or phosphate release by Arp2 

and Arp3 promotes more rapid disassembly, but is not absolutely required for network 

disassembly.  

Similar to Akin and Mullins (2008) and Reymann et al. (2011), we found that 

cofilin preferentially targets regions of ADP-actin for disassembly. Our observation that 

dendritic actin networks constructed with ATP-hydrolysis deficient Arp2/3 complex are 

more resistant to cofilin-mediated disassembly echoes the idea of Reymann et al. that 

cofilin participate in a macroscopic network disassembly process, rather than in 

individual filament depolymerization. These results are consistent with the idea of "array 

treadmilling" proposed by Svitkina and Borisy (1999).   

Recent work has shown that other proteins are involved in disassembly of the 

dendritic actin network. Cofilin destabilizes Arp2/3 branchpoints (Chan et al., 2009) and 

a related protein, GMF, which lacks actin severing and depolymerizing activity, has 

been shown to inhibit Arp2/3 nucleation activity (Gandhi et al., 2010). In addition, 

Coronin may serve to remodel Arp2/3-containing actin branchpoints (Cai et al., 2008). 
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We propose that ATP hydrolysis on the Arp2 and Arp3 subunits of the complex 

contributes to the activities of other factors to induce actin network disassembly. 
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ARP Actin-related protein 

ATP Adenosine-triphosphate 
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Chapter 6 
Paper In Review 
 
Multiple mechanisms determine the timing of APC/C substrate degradation in mitosis. 
 
Lu D., Hsiao J.Y., Davey N., Foster S., Tang C., Morgan D.O. Multiple mechanisms 

determine the timing of APC/C substrate degradation in mitosis. Manuscript in 
review. 

 
Personal Note about my Collaboration with Dan Lu 
 

Dan Lu, another dear friend and graduate student in the Morgan/Tang labs, 

needed help analyzing her 3D live cell images of dividing budding yeast. Her work was 

focused on the degradation timing of different APC/Cdc20 substrates during mitosis. As 

two different internal time references, she used the duplication and separation of the 

spindle pole bodies. These spindle pole bodies needed to be tracked from one image to 

the next in 3D. To help, I wrote a complete MATLAB script to locate and track over time 

the duplication and separation of these punctate structures. Later on, I also wrote 

MATLAB scripts to identify the minimum, 50%, and maximum levels of protein during a 

degradation cycle, as well as the timing of these events. Below is her paper. 

Summary 
 

The ubiquitin-protein ligase APC/C controls mitosis by promoting ordered 

degradation of securin, cyclins, and other proteins. The mechanisms underlying the 

timing of APC/C substrate degradation are poorly understood. We explored these 

mechanisms using quantitative fluorescence microscopy of GFP-tagged APC/CCdc20 

substrates in living budding yeast cells. Degradation of the S cyclin, Clb5, begins early 

in mitosis, followed 6 minutes later by the degradation of securin and Dbf4. Anaphase 

begins when less than half of securin is degraded. The spindle-assembly checkpoint 
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delays the onset of Clb5 degradation but does not influence securin degradation. Early 

Clb5 degradation depends on its interaction with the Cdk1-Cks1 complex and the 

presence of a Cdc20-binding ʻA motifʼ in its N-terminal region. The degradation of 

securin and Dbf4 is delayed by Cdk1-dependent phosphorylation near their Cdc20-

binding sites. Thus, a remarkably diverse array of mechanisms generates robust 

ordering of APC/CCdc20 substrate destruction. 

Introduction 
 

Cell division is a fundamental biological process governed by a complex network 

of regulatory molecules, and the key to its success lies in having the right molecules 

become active (or inactive) at the right time. The regulatory network controlling cell 

division is hierarchical: a few master regulators, primarily the cyclin-dependent kinases 

(Cdks) and the anaphase-promoting complex or cyclosome (APC/C), orchestrate the 

activities of hundreds of downstream proteins and processes (Morgan, 2007). As the 

activities of the master regulators rise and fall, they also drive changes in the activities 

of downstream players. One interesting feature of this regulatory system is that 

downstream components, even when regulated by the same master regulator, can 

become active or inactive in an ordered fashion, rather than simultaneously (Pines, 

2006; Sullivan and Morgan, 2007). To decipher how the master regulators discriminate 

between their substrates and achieve this ordering is crucial to our understanding of the 

orchestration of the cell cycle and other complex processes. 

The APC/C is a ubiquitin-protein ligase or E3 that governs mitotic events by 

promoting timely degradation of key mitotic proteins (Barford, 2011; Peters, 2006; 
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Pines, 2011; Primorac and Musacchio, 2013). Together with its early mitotic activator 

subunit Cdc20, APC/C promotes the degradation of securin, an inhibitor of separase. 

Separase then cleaves the cohesins that link the sister-chromatid pairs, triggering sister-

chromatid separation (Figure 1A) (Nasmyth and Haering, 2009). APC/CCdc20 also 

promotes the degradation of S and M cyclins, which lowers Cdk activity. In budding 

yeast, APC/CCdc20-dependent separase activation also leads to the activation of Cdc14, 

a phosphatase that dephosphorylates a large number of Cdk substrates (Queralt et al., 

2006; Queralt and Uhlmann, 2008; Stegmeier and Amon, 2004). Among these Cdk 

substrates is the alternative APC/C activator Cdh1, which together with APC/C 

promotes the degradation of late-mitotic substrates and drives the completion of mitosis, 

cytokinesis and entry into G1 (Figure 1A) (Sullivan and Morgan, 2007).  

APC/CCdc20 and APC/CCdh1 each have multiple substrates, which are degraded at 

distinct times in the cell cycle (Pines, 2006; Sullivan and Morgan, 2007). In the case of 

mammalian APC/CCdc20, the substrates Nek2A and cyclin A are degraded in 

prometaphase, immediately following nuclear envelope breakdown, while securin and 

cyclin B are degraded in metaphase (den Elzen and Pines, 2001; Geley et al., 2001; 

Hagting et al., 2002; Hames et al., 2001). Ordered degradation is equally prevalent 

among APC/CCdh1 substrates in anaphase and G1 (Pines, 2006; Sullivan and Morgan, 

2007). It is not clear how the same APC/C complex robustly distinguishes among its 

substrates and promotes their degradation at different times in the cell cycle. 

The timing of APC/CCdc20 substrate degradation in vertebrate cells is influenced 

by the spindle assembly checkpoint (SAC), which is activated by unattached 
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kinetochores and inhibits APC/CCdc20 activity toward different substrates to varying 

degrees. Upon SAC activation, kinetochore-localized SAC components stimulate the 

formation of soluble Mad2-Cdc20 complexes, leading to the formation of the mitotic 

checkpoint complex (MCC) consisting of Cdc20, Mad2, Mad3 (in yeast) or BubR1 (in 

vertebrates), and Bub3 (Lara-Gonzalez et al., 2012; Musacchio and Salmon, 2007). The 

MCC is the major effector of the SAC. It binds to APC/C and strongly inhibits its activity 

towards securin and cyclin B, while cyclin A and Nek2A can still be degraded in an 

active checkpoint due to less efficient inhibition by the MCC (Collin et al., 2013; den 

Elzen and Pines, 2001; Dick and Gerlich, 2013; Geley et al., 2001; Hagting et al., 2002; 

Hames et al., 2001). When all kinetochores are properly attached to the spindle, the 

SAC is turned off and the MCC is disassembled to allow APC/CCdc20-dependent 

degradation of securin and anaphase onset. The protein components and mechanisms 

of the SAC are highly conserved across species. However, even though the SAC plays 

an essential role in mammalian cell division (Meraldi et al., 2004; Michel et al., 2004; 

Michel et al., 2001), disabling the SAC in yeast has very little impact on the cell cycle 

under normal conditions, and the SAC becomes essential only in the presence of 

spindle defects (Hoyt et al., 1991; Li and Murray, 1991). 

The APC/C recognizes its targets through short sequence motifs called the D box 

or KEN box, which are often found in unstructured N-terminal regions of APC/C 

substrates (Glotzer et al., 1991; Pfleger and Kirschner, 2000). However, both Nek2A 

and cyclin A are thought to possess extra binding sites for the APC/C, allowing them to 

bypass or overcome inhibition by SAC proteins. Nek2A employs a C-terminal motif that 
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resembles Cdc20 and Cdh1 C-termini to bind to the APC/C core directly without the 

need of an activator (Hames et al., 2001; Hayes et al., 2006; Sedgwick et al., 2013). 

Cyclin A gains additional affinity for the APC/CCdc20 by forming a complex with Cdk and 

the accessory subunit Cks1 (Wolthuis et al., 2008). Cks1 binds to Cdk and contributes 

to recognition of Cdk substrates carrying specific phosphothreonines (Brizuela et al., 

1987; Hadwiger et al., 1989; Koivomagi et al., 2013; McGrath et al., 2013; Richardson et 

al., 1990; Tang and Reed, 1993). There is also evidence that Cks1 binds APC/C directly 

to promote its phosphorylation by Cdk (Patra and Dunphy, 1998; Rudner and Murray, 

2000; Shteinberg and Hershko, 1999). Thus, cyclin A interacts directly with APC/CCdc20 

through its D box and also indirectly through Cdk-Cks1. 

Modifications of APC/C substrates also influence their ubiquitination by the 

APC/C. Budding yeast securin has two Cdk1 sites near its D box and KEN box, and 

phosphorylation of these sites inhibits its ubiquitination in vitro (Holt et al., 2008; Holt et 

al., 2009). Cdc14 dephosphorylates these sites in vitro. Given that securin degradation 

leads to Cdc14 activation indirectly through separase, these results suggested the 

existence of positive feedback in securin degradation. Although this phosphoregulation 

of securin by Cdk1 improves the fidelity of sister-chromatid segregation (Holt et al., 

2008), it remains unclear how this regulation influences securin degradation rate and 

timing. Cdk1 sites are also found inside or near the D box of other budding yeast APC/C 

substrates (Holt et al., 2009), including Dbf4, the activating subunit for Cdc7 (also 

known as the Dbf4-dependent kinase or DDK). DDK collaborates with S cyclin-Cdk1 to 

initiate DNA replication (Bell and Dutta, 2002). Dbf4 is an APC/CCdc20 substrate (Ferreira 

111



et al., 2000; Oshiro et al., 1999; Sullivan et al., 2008), but it is not clear whether Cdk 

phosphorylation contributes to its degradation timing or dynamics. 

Here we explore how the interplay among the SAC, Cdk1, APC/CCdc20, and its 

substrates lays out the path toward the metaphase-anaphase transition in budding 

yeast, and we dissect the mechanisms responsible for ordered APC/CCdc20 substrate 

degradation. We used single-cell analyses of fluorescently-tagged proteins to show that 

APC/C substrates are degraded in a specific order, with early degradation of the S 

cyclin Clb5 followed by degradation of securin, Dbf4, and then finally the M cyclin Clb2. 

We also show that the SAC is largely turned off before the degradation of Clb5 and thus 

does not contribute to the degradation timing of later substrates. Instead, we find that 

Cdk-dependent phosphorylation of securin and Dbf4 delays their degradation, and we 

present evidence that Cks1 and a previously undiscovered sequence motif in Clb5 

promote early Clb5 degradation. Together our results provide a temporal and 

mechanistic view of the key regulatory steps leading to the metaphase-anaphase 

transition. 

Results 
 
APC/C Substrates are Degraded in a Defined Order 

To analyze the timing and dynamics of APC/C substrate degradation in living 

yeast cells, we used an assay based on fluorescence microscopy and in silico 

synchronization (Hagting et al., 2002). We constructed a series of yeast strains in which 

a single APC/C substrate (Clb5, securin/Pds1, Dbf4, or Clb2) was tagged at its 

endogenous locus with a C-terminal GFP. In these strains, the spindle-pole body (SPB) 

112



component Spc42 was also tagged at its endogenous locus with C-terminal mCherry. 

Following their duplication in early S phase, SPBs display two distinctive behaviors that 

serve as useful indices of mitotic timing: first, at the beginning of mitosis, the two SPBs 

separate from each other and form a short spindle; and second, at anaphase onset, the 

two SPBs move quickly away from each other as the spindle begins to elongate, which 

coincides with separase activation and the onset of sister-chromatid separation (Figure 

1B) (Pearson et al., 2001; Straight et al., 1997; Yaakov et al., 2012).  

Using spinning-disk confocal microscopy with 30-sec time resolution, we 

analyzed these fluorescent markers in individual cells in unperturbed, asynchronously 

proliferating cultures (Figure 1B). We first measured the time from SPB separation to 

spindle elongation in single cells as an estimate of the time from mitotic entry to 

anaphase onset. This time was highly variable from cell to cell, ranging from 15 to 45 

min, with a median of 21 min. Thus, following SPB separation, cells display remarkable 

variability in the timing of APC/CCdc20 activation and anaphase onset. This timing and 

variability did not change significantly in any of the strains carrying GFP-tagged APC/C 

substrates (Figure 2A, one-way ANOVA p-value = 0.47), consistent with the fact that 

GFP tagging had no effect on the doubling times of all strains (data not shown). We also 

confirmed that fluorescence imaging had little impact on mitotic duration (Figure S1A; 

see Experimental Procedures for optimization of imaging conditions).  

Next, in each single cell progressing through mitosis, we monitored the 

degradation of the GFP-labeled substrate relative to the two SPB events (Figures 1B, 

2B). With this information, we could compare different cells by referencing to the same 
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SPB event, allowing us to compare cells with different GFP-tagged substrates, as well 

as cells from the same GFP-tagged strain (Figure 2C, D). 

Our results revealed sequential degradation of APC/C substrates during mitosis. 

At 30°C, Clb5 degradation began an average of 10 min after SPB separation and was 

almost complete when the spindle started to elongate. Degradation of securin and Dbf4 

began about 16 min after SPB separation and was less than half complete when the 

spindle started to elongate. A small fraction of Clb2 was degraded at the time of 

anaphase onset, but the majority was degraded later in anaphase (Figure 1B, 2B, C, D). 

The substrate ordering we observed is consistent with previous results from population 

measurements (Ferreira et al., 2000; Lianga et al., 2013). The two phases of Clb2 

degradation we observed also support previous evidence that Clb2 degradation is 

initiated by APC/CCdc20 and later completed by APC/CCdh1 (Baumer et al., 2000; Wäsch 

and Cross, 2002; Yeong et al., 2000). 

With single cell measurements, we were also able to observe variations in the 

population. When cells were synchronized in silico with SPB separation, degradation 

timing of the same substrate was highly variable in different cells, similar to the 

variability in mitotic timing (Figure 2C, top panel; see also Figure 3A, left panel). This 

accounts for the fact that the first phase of Clb2 degradation was obscured when we 

averaged the GFP traces over the population (Figure 2C as compared to Figure 2D, 

bottom panels). Thus, the timing of APC/C activation, and thus its substrate 

degradation, is not closely correlated to the timing of mitotic onset (SPB separation).  

114



On the other hand, when cells were aligned with spindle elongation, substrate 

degradation timing was much less variable (Figure 2D, top panel; see also Figure 3A, 

right panel), consistent with the causal relationship between APC/CCdc20 activation and 

anaphase onset. Compared to Clb5, the timing of securin degradation had a particularly 

strong correlation with spindle elongation, in agreement with the fact that securin 

degradation directly leads to sister-chromatid separation and spindle elongation. 

Interestingly, Dbf4 was not only degraded at the same time as securin, but its 

degradation timing also strongly correlated with spindle elongation (Figure 2D, top 

panel; see also Figure S3C), suggesting some link between the regulation of their 

degradation. The first phase of Clb2 degradation also occurred immediately before 

spindle elongation, similar to the timing of securin and Dbf4 degradation, consistent with 

it being APC/CCdc20-dependent (Figure 2D).  

The Spindle Assembly Checkpoint Determines the Degradation Timing of Clb5 

but not that of Securin 

We next pursued the mechanisms underlying the sequential degradation of 

APC/CCdc20 substrates. To quantify and compare the timing of substrate degradation in 

each cell, we determined the time point when 50% of the substrate was degraded, and 

calculated its timing relative to the reference SPB events (Figure S1B, C; Figure 3A, 

bottom panels; see also Experimental Procedures). Note that substrate degradation 

dynamics depend on two factors: the timing of degradation onset and the rate of 

degradation. Our quantification of the time of 50% degradation provides a combinatorial 

indication of both factors, and is also more robust than measuring the timing of 
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degradation onset given the noise in our GFP signals (Figure S1C, unsmoothed traces). 

In most cases, we also calculated the rate constant of degradation by fitting each single-

cell GFP trace to a single exponential decay, and we present them here in terms of 

protein half-life (Figure 3A, insert; Figure S1D; see also Experimental Procedures).  

In mammalian cells, the SAC is known to influence the timing of APC/CCdc20 

substrate degradation. To assess the contribution of the SAC in our system, we 

disabled the SAC by deleting MAD2 (Figure 3A) or MAD1 (Figure S2A), either of which 

is sufficient to abolish SAC activity (Li and Murray, 1991). To our surprise, disabling the 

SAC caused Clb5 degradation to occur several minutes earlier than in wild-type cells 

(Student's t-test, p-value < 0.001) but left securin degradation timing largely unchanged 

(Figure 3A and Figure S2A). These data suggest that the SAC normally inhibits Clb5 

degradation, and that the timing of Clb5 degradation onset in the absence of the SAC 

likely indicates the time when APC/CCdc20 becomes active, possibly as a result of APC/C 

phosphorylation by Cdk1 (Kraft et al., 2003; Rudner and Murray, 2000). In addition, the 

rate of Clb5 degradation in wild-type cells was very similar to that in mad2∆ cells, if not 

slightly faster (Figure 3A, insert). This suggests that in wild-type cells the SAC is 

removed abruptly and APC/CCdc20 is fully activated before Clb5 degradation begins. 

The yeast SAC is known to be dispensable for growth in normal conditions but 

becomes essential under spindle stress. One possibility is that the SAC is activated only 

in cells that need it, and therefore in normal growth conditions the SAC is activated only 

in a small subset of cells that experiences kinetochore attachment defects. If this were 

the case, then there would be a subpopulation of cells with delayed Clb5 degradation 
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due to SAC activation. Disabling the SAC would eliminate this subpopulation and reduce 

the variability in the timing of Clb5 degradation in the whole population. However, our 

observations were inconsistent with this possibility. Disabling the SAC led to earlier Clb5 

degradation in the entire population without a decrease in variability (Figure 3A and 

Figure S2A), supporting the idea that in yeast cells, as in mammalian cells, the SAC 

operates in most cells as an integral feature of cell cycle control.  

Securin degradation was largely unaffected by deletion of SAC components 

(Figure 3A), and the timing of anaphase onset was also unchanged (Figure S2B). These 

results are consistent with our evidence from Clb5 timing that the SAC is likely shut off 

and APC/CCdc20 is activated several minutes before the onset of securin degradation. 

Clb5 can be Degraded During an Active Spindle Assembly Checkpoint Arrest 

Given that transient SAC activation in a normal cell cycle delays Clb5 

degradation, we wondered whether a prolonged SAC activation would fully stabilize it. 

We thus plated cells on media containing the microtubule poison nocodazole, which 

prevents spindle formation and thereby produces a sustained SAC signal. We observed 

collapsed spindles immediately after nocodazole treatment, indicating an active SAC. 

Interestingly, we also observed that after 1-2 hours in the arrest, cells began to 

assemble a spindle and progress into anaphase, perhaps because nocodazole was 

inactivated under our experimental conditions. We thus used spindle reformation as a 

single-cell timing marker, before which the cells should have an active SAC and after 

which cells are recovering from the SAC arrest. 
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Consistent with previous observations made on a population level, an active SAC 

inhibited Clb5 degradation but did not fully stabilize the protein (Keyes et al., 2008). 

Clb5 was degraded slowly in a nearly linear fashion (Figure 3B, before spindle 

reformation), even though securin was fully stabilized and cells arrested without a 

spindle (Figure 3C, before spindle reformation). Disabling the SAC by deletion of MAD2 

allowed degradation of Clb5 and securin in nocodazole at a normal rate in the absence 

of a spindle (Figure 3D). When we shut off CDC20 expression from a galactose-

inducible promoter (Mumberg et al., 1994), Clb5 was fully stabilized in the presence or 

absence of nocodazole (Figure 3E) (Keyes et al., 2008), indicating that the slow 

degradation in nocodazole depended on APC/CCdc20. We suspect that this slow 

degradation of Clb5 also occurs in a normal cell cycle, during the brief time window after 

APC/CCdc20 becomes active towards Clb5 and before the SAC is turned off. However, 

because this time window is so short, and Clb5 degradation during an active SAC is so 

slow, this partial Clb5 degradation is not noticeable in wild-type cells. 

All nocodazole-treated cells eventually assembled a spindle and entered 

anaphase after 1-2 hours on the nocodazole plate, presumably because nocodazole 

was inactivated under our experimental conditions. The reassembly of spindles in these 

cells suggested that escape from the arrest was due to proper biorientation of sister 

chromatids, and thus inactivation of the SAC, rather than checkpoint adaptation 

(Vernieri et al., 2013). This fortuitous escape from the checkpoint allowed us to make 

interesting additional observations. Soon after reformation of the spindle, both Clb5 and 

securin underwent rapid degradation with a rate very similar to that in an unperturbed 
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cell cycle (Figure 3B, C, after spindle reformation), indicating abrupt activation of 

APC/CCdc20 upon SAC inactivation, as observed in unperturbed wild-type cells.   

Phosphorylation by Cdk1 Delays Securin and Dbf4 Degradation 

To further address the mechanisms that determine the differences in the timing of 

Clb5 and securin degradation, we studied the influence of Cdk1-dependent 

phosphorylation on securin degradation. Phosphorylation near its KEN and D boxes 

(Thr27 and Ser71) was shown previously to inhibit securin ubiquitination by APC/CCdc20 

in vitro, but it was unclear how this phosphorylation influences the rate or timing of 

securin degradation in vivo (Holt et al., 2008). To determine the effects of this 

phosphorylation, we replaced the endogenous copy of the securin gene with a mutant 

encoding securin-2A (T27A, S71A). The securin-2A mutant was degraded 2 min earlier 

than the wild-type protein (Figure 4A, p-value < 0.001), revealing that phosphorylation 

normally delays securin degradation. Interestingly, a larger fraction of securin-2A was 

degraded at the onset of spindle elongation compared to wild-type securin (Figure 4B, 

p-value < 0.001). This delay between securin-2A degradation and spindle elongation 

compensated for the earlier degradation of securin-2A to result in only a small but 

reproducible decrease in the time between SPB separation and spindle elongation 

(Figure S3A). In addition, securin-2A was degraded at a slightly greater rate than the 

wild-type protein (Figure 4A, insert).  

Similar results were obtained with Dbf4. We found that Cdk1 inhibited Dbf4 

ubiquitination by the APC/C in vitro, and the effects of Cdk1 were reversed by the 

phosphatase Cdc14 (Figure 4C). Dbf4 has two putative D boxes starting at Arg10 and 
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Arg62. It was previously shown that mutating Arg62 and Leu65 to alanines stabilized 

Dbf4 in vivo (Ferreira et al., 2000), but we found that mutating Arg10 and Leu13 had a 

more dramatic inhibitory effect on the ubiquitination of the Dbf4 N-terminal fragment by 

the APC/C in vitro (Figure S3B). Furthermore, Dbf4 is phosphorylated by Cdk1 at Ser11 

in vivo (Holt et al., 2009), prompting us to make a Dbf4-A mutant in which Ser11 is 

mutated to alanine. Like securin-2A, Dbf4-A was degraded slightly earlier than the wild-

type protein (Figure 4D). Although the difference was small, it was consistent whether 

we synchronized cells to SPB separation (Figure 4D, p-value = 0.035) or to spindle 

elongation (Figure S3C, p-value < 0.001). Thus, Dbf4 and securin are governed by 

similar Cdk1-dependent regulatory mechanisms, perhaps explaining why they are 

degraded simultaneously and why Dbf4 degradation is strongly correlated with spindle 

elongation. 

DNA damage is also thought to inhibit securin degradation through Chk1-

dependent phosphorylation of securin (Agarwal et al., 2003; Wang et al., 2001). We 

deleted CHK1 in the securin-2A strain and did not observe any further change in the 

timing of securin-2A degradation (Figure S3D), suggesting that this branch of the DNA 

damage response does not have a significant impact on mitotic timing in an unperturbed 

cell cycle. 

Cks1 Binding Promotes Early Degradation of Clb5 

Our results indicate that securin phosphorylation accounts for only a part of the 

difference in the timing of Clb5 and securin degradation. We therefore considered the 

possibility that there is some feature of Clb5 that promotes its early degradation, 
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perhaps by making it a better APC/CCdc20 substrate. First, we replaced the N-terminal 95 

residues of Clb5 with the N-terminal 110 residues of securin-2A. These N-terminal 

regions contain all of the known APC/CCdc20 binding motifs. This Clb5 chimera was 

degraded only slightly later than wild-type Clb5 (Figure S4A). We therefore 

hypothesized that early Clb5 degradation depends primarily on features within the C-

terminal region of Clb5, starting from residue 96.  

The Clb5 C-terminal region contains the globular domain that binds and activates 

Cdk1 (Jeffrey et al., 1995). Interestingly, the early SAC-resistant degradation of 

mammalian cyclin A depends in part on its binding to the Cdk1-Cks1 complex (Wolthuis 

et al., 2008). Yeast APC/CCdc20 can bind directly to Cks1, and this interaction promotes 

APC/CCdc20 phosphorylation by Cdk1 (Rudner and Murray, 2000). These results 

motivated us to test the contribution of Cdk1 and Cks1 to Clb5 degradation. Given their 

essential functions in cell-cycle progression, we reasoned that any perturbation in Cdk1 

or Cks1 would be likely to have ubiquitous effects on multiple cell-cycle processes, in 

which case it would be difficult to pinpoint the direct role of these proteins in Clb5 

degradation. Instead, we analyzed the degradation of a Clb5 mutant that cannot bind 

Cdk1. Based on structural homology and conservation in the cyclin family (see 

Experimental Procedures and Figure S4B), we identified four hydrophobic residues 

(Ile166, Phe169, Phe254, Phe291) at the predicted Clb5-Cdk1 interface (Figure S4C) 

and mutated a combination of them to aspartate or arginine. We then assessed their 

interaction with Cdk1 in vivo. Ectopic expression of a stabilized Clb5 protein lacking its 

N-terminal region (Clb5-∆N, with residues 2-95 deleted) under control of the CLB5 
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promoter is known to be lethal due to excess Clb5-Cdk1 activity (Sullivan et al., 2008). If 

our mutations disrupted Clb5-Cdk1 binding, then introduction of these mutants into 

Clb5-∆N should prevent its dominant lethal effects. Indeed, when these mutants were 

expressed under the control of the CLB5 promoter (582 bp upstream of the CLB5 ORF) 

in an integration plasmid, we observed improved growth as we increased the number of 

mutations in Clb5-∆N (Figure S4D), even though all mutants had a similar expression 

level in the cell (Figure S4E). When we combined three mutations (F169D, F254D, 

F291D; henceforth the Clb5-3D mutant), the cells grew with a doubling time (85.4+/-0.2 

min) very similar to that of wild-type cells (84.1+/-0.5 min); adding a fourth mutation 

(I166D, F169A, F254D, F291D) did not further improve growth (85.6+/-0.1 min). We 

therefore used the mutant Clb5-3D for the following experiments. 

We expressed either full-length Clb5-GFP or full-length Clb5-3D-GFP under the 

control of the CLB5 promoter, using an integration plasmid. Both strains retained the 

endogenous copy of CLB5 to maintain a normal cell cycle. We found that Clb5-3D 

displayed two phases of degradation: a slow phase and a fast phase (Figure 5A). The 

slow phase displayed a nearly linear rate and was not dependent on Cdc20 (Figure 5B), 

and so it likely reflected non-specific degradation of Clb5-3D due to destabilizing effects 

of the mutations. The fast phase, however, disappeared if we shut off Cdc20 expression 

and thus reflected APC/CCdc20-dependent degradation (Figure 5B). This fast phase of 

Clb5-3D degradation was significantly delayed relative to the degradation of wild-type 

Clb5 (Figure 5A, p-value < 0.001), suggesting that Cdk1 binding contributes to early 

Clb5 degradation. 
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These results are consistent with a role for Cdk1 binding in Clb5 degradation, 

and this is most likely mediated through Cks1, which binds to both Cdk1 and APC/C 

(Patra and Dunphy, 1998; Rudner and Murray, 2000; Shteinberg and Hershko, 1999; 

Wolthuis et al., 2008). To directly test the role of Cks1, we fused Cks1-GFP to the C-

terminus of securin-2A and compared degradation of the fusion protein with that of 

securin-2A-GFP. In both cases, the endogenous copy of securin was replaced to ensure 

that the cells have only one securin variant, the degradation of which would drive sister-

chromatid separation. Securin-2A-Cks1 was degraded significantly earlier than securin-

2A (Figure 5C, p-value < 0.001) and at a slightly faster rate. Interestingly, as in our 

earlier observations with securin-2A, more securin-2A-Cks1 was degraded than securin-

2A when spindle elongation occurred (Figure 5C, D, p-value < 0.001), suggesting that 

securin degradation is not the sole determinant of anaphase onset.  

However, Cdk1-Cks1 binding did not fully explain early Clb5 degradation relative 

to securin-2A: Clb5-3D was still degraded earlier than securin-2A (Figure 5A, p-value < 

0.005), and securin-2A-Cks1 was degraded later than Clb5 (Figure 5C, p-value < 

0.001). We suspected that additional mechanisms exist to promote early degradation of 

Clb5.  

The Cdc20-binding ʻA Motifʼ Contributes to Clb5 Degradation in the Presence or 

Absence of an Activated SAC  

Recent studies suggest that a short sequence motif exists in cyclin A that 

facilitates its degradation in the presence of the SAC (Di Fiore, Davey, and Pines, 

manuscript in preparation). This motif resembles the ʻA motifʼ that was first identified in 
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the yeast protein Acm1 and interacts with an interblade groove in the WD40 domain of 

Cdh1 (Burton et al., 2011; Enquist-Newman et al., 2008; He et al., 2013). We tested the 

possibility that a similar motif also exists in Clb5 and might help promote early Clb5 

degradation. We performed a motif search in Clb5 homologs from closely-related yeast 

species of the Saccharomyces clan (Davey et al., 2012), and we were able to identify a 

putative A motif at residues 99-105 in Clb5, within a highly conserved region (Figure 

6A).  

To test the function of the putative A motif in Clb5, we replaced the key residues 

Ile102 and Tyr103 with alanines to generate the Clb5-2A mutant. Clb5-2A was 

degraded significantly later than Clb5 (Figure 6B, p-value < 0.001), but at a very similar 

rate (Figure 6B insert). We also analyzed a Clb5 mutant (Clb5-2A3D) in which both 

Cdk1 binding and the A motif were disrupted. The rapid phase of degradation of this 

mutant now occurred slightly later than the degradation of securin-2A (Figure 6C).  

The A motifs in Clb5 homologs differ from the A motifs in Acm1 and cyclin A by 

having conserved basic residues upstream of the core Ile102 and Tyr103 (Figure 6A). 

We wondered whether this was accompanied by differences in the A motif binding site 

on Cdc20. Based on homology modeling of the Acm1-Cdh1 structure (He et al., 2013), 

we identified residues on Cdc20 that potentially interact with the A motif, and we 

compared them to those on Cdh1. One striking difference was a cluster of acidic 

residues (Asp311, Asp312, Asp313) in Cdc20 that are absent in Cdh1 (Figure 6D). If 

these residues are important for binding to the basic residues in the Clb5 A motif, then 

replacing the endogenous CDC20 with a CDC20-GAG (D311G, D312A, D313G) mutant 
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should delay wild-type Clb5 degradation but have little impact on Clb5-2A degradation. 

Indeed, this is what we observed (Figure 6D, p-value < 0.001 and p-value = 0.8775, 

respectively). We therefore conclude that the early degradation of Clb5 arises mostly, if 

not entirely, through binding to Cdk1-Cks1 and through the A motif, both of which 

provide additional binding sites for APC/CCdc20.  

We also tested the effect of A motif disruption on Clb5 degradation in 

nocodazole. Compared to wild-type Clb5, the Clb5-2A mutant was still degraded in a 

linear fashion but at a significantly slower rate (Figure 6E). Thus, the A motif also 

contributes to Clb5 degradation in an active SAC. 

Discussion 
 

Our results, together with those from previous single-cell studies, provide a 

detailed temporal picture of how yeast cells progress towards the metaphase-anaphase 

transition (Figure 7). The process begins with inactivation of the SAC, which inhibits 

APC/CCdc20 activity until all sister-chromatids are properly attached to the spindle. 

Activated APC/CCdc20 first degrades the S cyclin Clb5 with an average half-life of 3.4 

min. About 6 min later, securin is degraded with an average half-life of 4.7 min. Soon 

after securin degradation begins, separase is abruptly activated, and only 1 min is 

required for separase to cleave enough cohesin to promote sister-chromatid separation 

(Yaakov et al., 2012). By the time of sister-chromatid separation, Clb5 is fully degraded 

but more than half of securin remains.  

The SAC is not essential for the viability of yeast cells under normal growth 

conditions (Hoyt et al., 1991; Li and Murray, 1991), and thus it has not been clear what 
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role, if any, the SAC plays in the normal timing of yeast mitotic regulatory events. Our 

experiments now reveal that the SAC is activated in most yeast cells as an integral part 

of progression through mitosis. Compared to the SAC in mammalian cells, however, the 

yeast checkpoint appears to be inactivated relatively early in mitosis and determines the 

timing of S cyclin degradation and not that of securin. Our results are consistent with the 

observation that, in yeast, bi-orientation of sister-chromatids on the spindle begins 

immediately after spindle assembly and is possibly complete many minutes before 

anaphase onset (Goshima and Yanagida, 2000; He et al., 2000; Pearson et al., 2001; 

Tanaka et al., 2000). Thus, the nonessential nature of the SAC may be due, at least in 

part, to the waiting period between the proper attachment of sister-chromatids (and SAC 

inactivation) and their separation. Even without the surveillance provided by the SAC, 

the sister-chromatid pairs would normally achieve proper attachment to the spindle 

minutes before securin degradation triggers their separation. 

With the SAC turned off or disabled, we found that the ordered degradation of 

Clb5, securin, and Dbf4 is established primarily through differences in their interaction 

with APC/CCdc20. Cdk1-dependent phosphorylation near KEN and D boxes in securin 

and Dbf4 can delay their degradation, and this similarity in regulation results in almost 

simultaneous degradation of these substrates. We also found that the early degradation 

of Clb5 depends on two factors that provide additional binding sites for APC/CCdc20: the 

interaction of Clb5 with the Cdk1-Cks1 complex and the presence of the A motif in the 

Clb5 N-terminal region. These post-translational modifications and multiple binding sites 

are likely to have a significant impact on binding affinity for APC/CCdc20, and might also 
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contribute to the proper positioning of substrates for efficient ubiquitin transfer. Our 

studies illustrate how APC/CCdc20 can discriminate among its substrates and achieve 

robust ordering of their degradation.  

A major difference between mammalian and yeast cells is that cyclin A is thought 

to be degraded in the presence of an active SAC and needs to compete with SAC 

proteins for APC/CCdc20 binding (den Elzen and Pines, 2001; Geley et al., 2001), 

whereas Clb5 degradation appears to occur just after the SAC is normally turned off. 

Interestingly, despite these very different circumstances, the same two mechanisms––

Cks1 and the A motif––allow cyclin A and Clb5 to be degraded earlier than other 

substrates (Wolthuis et al., 2008) (Di Fiore, Davey, and Pines, manuscript in 

preparation). It was shown recently that the degradation of cyclin A and securin or cyclin 

B seems to remain sequential in mammalian cells without a functional SAC (Collin et al., 

2013). We suspect that in this scenario, the same mechanisms promote cyclin A 

degradation earlier than that of other substrates.  

We found that Clb5, like cyclin A, is degraded in cells with an active SAC, but the 

rate of degradation was much slower than that in the absence of the SAC (Keyes et al., 

2008). This slow degradation depends on Cdc20 and on the A motif, suggesting that 

this motif is capable of driving some interaction with APCCdc20 even in the presence of 

an active SAC. We also suspect that Clb5 degradation in the presence of the SAC 

depends on Cdk1-Cks1 binding, but we could not test this possibility due to the intrinsic 

instability of our Clb5-3D mutant.  
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Securin degradation leads to sister-chromatid separation, but the timing of sister 

separation also seems to depend on other factors. Among the different variants of 

securin we tested, including the wild-type protein, securin-2A and securin-2A-Cks1, 

earlier degradation correlated with an increase in the amount of securin that was 

degraded before anaphase onset. This suggests another branch of regulation in the 

timing of sister-chromatid separation. Indeed, the cohesin subunit Scc1 is 

phosphorylated by Polo kinase, which increases the rate of cleavage by separase by 

several fold (Alexandru et al., 2001; Yaakov et al., 2012). One can imagine that when 

securin is degraded early, and separase is released early, Scc1 is not yet fully 

phosphorylated and cohesin cleavage will take longer to complete. Consistent with this 

idea, Scc1 is indeed cleaved more slowly in securin-2A cells than in wild-type cells 

(Yaakov et al., 2012).  

Our results suggest that there is a 9 min delay between the completion of sister-

chromatid biorientation (SAC satisfaction) and the initiation of sister-chromatid 

separation via securin degradation. Does this time delay serve a purpose? One 

possibility is that the delay allows time for complete Clb5 degradation before anaphase 

begins. Clb5-Cdk1 phosphorylates numerous specific substrates that have functions in 

anaphase (Loog and Morgan, 2005), and these functions are inhibited by Cdk1-

dependent phosphorylation. These substrates includes the spindle stabilizer Fin1 

(Woodbury and Morgan, 2007), the spindle midzone organizer Ase1 (Juang et al., 1997; 

Khmelinskii et al., 2009), the SPB component Spc110 (Kilmartin et al., 1993; Liang et 

al., 2013), the late mitotic APC/C activator Cdh1 (Jaspersen et al., 1999; Visintin et al., 
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1997), and the kinetochore component Cnn1 (Bock et al., 2012; Schleiffer et al., 2012). 

Several of these proteins are dephosphorylated by Cdc14 (Jaspersen et al., 1999; 

Khmelinskii et al., 2009; Woodbury and Morgan, 2007). The early degradation of Clb5, 

which is completed by the onset of anaphase and coincides with activation of Cdc14, 

may allow earlier and more abrupt activation of these Clb5 substrates and lead to a 

more efficient and coherent anaphase. Indeed, removing securin phosphorylation, which 

disturbs the coordination between Clb5 degradation and anaphase onset, was shown to 

impede spindle elongation and increase chromosome loss (Holt et al., 2008). Stabilized 

Clb5 has also been shown to slow down spindle elongation (Liang et al., 2013) and 

delay rDNA segregation (Sullivan et al., 2008). There is also recent evidence in 

mammalian cells that cyclin A destruction before anaphase is important for the 

stabilization of kinetochore-microtubule attachments (Kabeche and Compton, 2013). 

Thus, differences in the relative timing of cyclin and securin degradation are likely to 

make important contributions to the overall orchestration of mitosis. 
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