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A B S T R A C T   

Soil microorganisms help transform plant inputs into mineral-associated soil organic carbon (SOC) – the largest 
and slowest-cycling pool of organic carbon on land. However, the microbial traits that influence this process are 
widely debated. While current theory and biogeochemical models have settled on carbon-use efficiency (CUE) 
and growth rate as positive predictors of mineral-associated SOC, empirical tests are sparse, with contradictory 
observations. Using 13C-labeling of an annual grass (Avena barbata) under two moisture regimes, we found that 
microbial traits associated with formation of 13C-mineral-associated SOC varied by soil habitat, as did active 
microbial taxa and SOC chemical composition. In the rhizosphere, bacterial-dominated communities with fast 
growth, high biomass, and high extracellular polymeric substance (EPS) production were positively associated 
with 13C-mineral-associated SOC. In contrast, the detritusphere held communities dominated by fungi and more 
filamentous bacteria, and with greater exoenzyme activity; there, 13C-mineral-associated SOC was associated 
with slower microbial growth and lower microbial biomass. CUE was a negative predictor of 13C-mineral- 
associated SOC in both habitats. Using 13C-quantitative stable isotope probing, we found that the majority of 13C 
assimilation in the rhizosphere and detritusphere at week 12 of the experiment was performed by very few 
bacterial and fungal taxa (3–5% of the total taxa that assimilated 13C). Several complementary chemical analyses 
(13C-NMR, FTICR-MS, and STXM-NEXAFS) suggested that SOC in the rhizosphere had a more oxidized chemical 
signature, while SOC in the detritusphere had a less oxidized, more lignin-like chemical signature. Our findings 
challenge current theory by demonstrating that microbial traits linked with mineral-associated SOC are not 
universal, but vary with soil habitat and moisture conditions, and are shaped by a small number of active taxa. 
Emerging SOC models that explicitly reflect these interactions may better predict SOC storage, since climate 
change causes shifts in soil moisture regimes and the ratio of living versus decaying roots.   

1. Introduction 

Soil microorganisms shape the global carbon balance by influencing 

the formation and decomposition of soil organic carbon (SOC) – the 
largest actively-cycling carbon pool on land (Batjes, 2014). The majority 
of SOC exists in association with soil minerals (‘mineral-associated 
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SOC’); in grassland soils, for instance, more than 70% of SOC is 
mineral-associated (Sokol et al., 2022b). Since mineral-associated SOC 
constitutes both the largest and slowest-cycling pool of organic C – and 
its dynamics are intimately shaped by microbial processes (Whalen 
et al., 2022) – considerable attention has focused on which microbial 
traits influence its formation and loss (Wieder et al., 2013; Malik et al., 
2020; Sokol et al., 2022b; Tao et al., 2023). A more explicit under-
standing of how soil microbial traits influence mineral-associated SOC 
could substantively improve the accuracy of biogeochemical models 
under climate change scenarios (Wieder et al., 2013, 2014). 

Decaying microbial residues – such as cell envelopes, proteins, and 
extracellular polymeric substances – are increasingly recognized as key 
ingredients of mineral-associated SOC, and can comprise 50% or more of 
the total pool (Ludwig et al., 2015; Kallenbach et al., 2016; Angst et al., 
2021). Through the ‘in vivo microbial turnover pathway’, plant C is 
microbially assimilated and transformed into various microbial bio-
molecules; when released, these compounds can associate with soil 
minerals to form ‘microbially-derived’ mineral-associated SOC (Liang 
et al., 2017). A dominant current hypothesis is that greater microbial 
carbon-use efficiency (CUE) and faster microbial growth should lead to 
greater microbial residue production, and thus greater accrual of 
microbial-derived, mineral-associated SOC (Cotrufo et al., 2013; Craig 
et al., 2022). Indeed, a recent global-scale metanalysis suggests micro-
bial CUE is a major determinant of total SOC stocks (Tao et al., 2023). 

The hypothesis that growth rate and CUE are positively related to 
mineral-associated SOC has gained traction, and is now represented in 
several ‘microbial-explicit’ biogeochemical models (Wieder et al., 2014; 
Kyker-Snowman et al., 2020). However, the few empirical studies that 
have directly tested this hypothesis on the mineral-associated SOC 
fraction have found mixed support. While in some cases greater micro-
bial growth and CUE can lead to more mineral-associated SOC (Kal-
lenbach et al., 2015, 2016), others studies suggest these relationships 
can be neutral or negative (Craig et al., 2022). These contradictory 
findings may be because microbial residues are not always the dominant 
constituent of mineral-associated SOC (Angst et al., 2021; Chang et al., 
2024). Mineral-associated SOC can have a more ‘plant-derived’ signa-
ture in some contexts (Kramer et al., 2012; Sanderman et al., 2014; 
Angst et al., 2021), such as when complex plant C (e.g. lignin) is partially 
decomposed by microbial exoenzymes into simpler plant compounds, 
and does not pass through a microbial body before associating with soil 
minerals (known as the ‘ex vivo modification pathway’ (Liang et al., 
2017)). It is also possible that distinct microbial traits are associated 
with different sources of plant C input, or distinct environmental con-
ditions, leading to different pathways of mineral-associated SOC for-
mation (Sokol et al., 2022b; Whalen et al., 2022). Despite the clear 
relevance to current theory and microbial-explicit biogeochemical 
models, few if any studies to date directly linked microbial traits and 
taxa with the accrual of mineral-associated SOC from different plant 
inputs and in the different microbial habitats where SOC is formed. 

Rhizodeposits and decaying root biomass (‘litter’) are the two pri-
mary yet contrasting plant C sources that form mineral-associated SOC 
(Rasse et al., 2005; Sokol et al., 2019a; Pett-Ridge et al., 2021). Rhizo-
deposits enter the soil from living roots, and consist of lower-molecular 
weight exudates (such as organic acids and sugars), as well as volatiles, 
fine root turnover, and mucilage (Cheng and Gershenson, 2007). In the 
zone surrounding living roots, these inputs support a dynamic microbial 
habitat known as the ‘rhizosphere’. By contrast, decaying root litter 
inputs are more biochemically complex, generating a microbial habitat 
known as the ‘detritusphere’ (Jackson et al., 2017; Sokol et al., 2019a; 
Villarino et al., 2021). Differences in the biochemical composition, 
quantity, and rate of delivery of rhizodeposits versus root litter select for 
distinct active microbial communities that specialize on these different 
inputs (Nuccio et al., 2020, 2021). By extension, we might expect the 
distinct rhizosphere versus detritusphere microbial communities to ex-
press different traits related to C processing, leading to different re-
lationships between traits and mineral-associated SOC accrual and 

chemical composition (Sokol et al., 2022b) (Fig. 1). As terrestrial eco-
systems vary in the relative proportion of plant C that enters the 
rhizosphere versus the detritusphere, this may help explain prior 
inconsistent observations between traits like growth rate and CUE on 
mineral-associated SOC in different environmental contexts (Kallenbach 
et al., 2015, 2016; Craig et al., 2022). Different trait patterns in the 
rhizosphere and detritusphere may also be modulated by environmental 
conditions that constrain microbial trait expression. Altered soil mois-
ture, for example, has an overriding effect on soil microbial community 
composition and function (Jansson and Hofmockel, 2020), and can 
impact the expression of traits like CUE and exoenzyme activity (Sokol 
et al., 2022a), likely influencing the accrual of mineral-associated SOC 
(Heckman et al., 2023). 

We hypothesized that distinct microbial traits and taxa in the 
rhizosphere and detritusphere would be associated with different for-
mation pathways of 13C-mineral-associated SOC, and these relationships 
would be shaped by soil moisture (Fig. 1). We posited that lower- 
molecular weight rhizodeposits may be assimilated by a rhizosphere 
microbial community with higher growth rate, biomass yield, and 
carbon-use efficiency (CUE), and transform plant inputs to microbially- 
derived SOC primarily via the in vivo microbial turnover pathway. In 
contrast, we hypothesized that more biochemically complex root 
detrital compounds may be partially decomposed by a detritusphere 
microbial community with greater exoenzyme activity, but a lower 
growth rate, to form SOC with a more lignin-like signature via the ex vivo 
modification pathway. To test this, we conducted a 13C-labeling exper-
iment and measured which microbial traits and taxa influenced mineral- 
associated SOC accrual and chemistry in the rhizosphere and detritu-
sphere of an annual grass (Avena barbata) in a semi-arid grassland soil. 
During the 12-week growth span of A. barbata, we compared the 
movement of 13C-labeled rhizodeposits into rhizosphere microbial 
communities and 13C-mineral-associated SOC, with the movement of 
13C-labeled root litter into detritusphere microbial communities and 
13C-mineral-associated SOC. We compared these C fluxes under ‘normal’ 
moisture (~16% gravimetric soil moisture) (Foley et al., 2023) and 
droughted soil conditions (~8% soil moisture) (Hoover and Rogers, 
2016; Pendergrass et al., 2017). We then measured in the rhizosphere 
and detritusphere: (i) the accrual and chemical composition of 
13C-mineral-associated SOC, (ii) a suite of community-level microbial 
traits (i.e., microbial carbon-use efficiency, growth rate, biomass, 
extracellular polymeric substances, and extracellular enzyme potential), 
and (iii) taxon-specific microbial activity via 13C quantitative stable 
isotope probing. 

2. Materials and methods 

2.1. Experimental design 

We conducted a 13C-labeling greenhouse tracer and soil moisture 
manipulation study, where we maintained planted and unplanted mi-
crocosms inside growth chambers for 12 weeks, to track Avena barbata 
rhizodeposits versus root detritus, respectively (Supp. Figs. S1–S3). Soil 
for the experiment was collected from 0 to 10 cm depth (‘A’ mineral 
horizon) below a stand of A. barbata at the University of California 
Hopland Research and Extension Center (39◦00.106′N, 123◦04.184′W), 
which is the traditional and ancestral territory of the Shóqowa people 
and the current Hopland Band of Pomo Indians. The site is a Mediter-
ranean annual grassland ecosystem (MAT max/min = 23/7 C; MAP =
956 mm yr− 1), where Avena spp. is the dominant vegetation. The soil is 
classified as a Typic Haploxeralfs (or a Luvisol) of the Witherall- 
Squawrock complex; the soil pH is ~5.6, and contains 45% sand, 36% 
silt, and 19% clay (Foley et al., 2023). Initial C and N content were 2.2% 
and 0.24%, respectively. 

After collection, roots were removed, and soil was passed through a 
2-mm sieve and packed to field bulk density (1.21 g cm− 3) in rectangular 
acrylic microcosms (11.5 × 2.9 × 25.5 linear cm), as described 
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previously (Shi et al., 2015). For planted microcosms (‘rhizodeposit’ 
treatment), three germinated Avena barbata seedlings (collected from 
Hopland in spring 2018) were planted evenly apart in the soil, 
approximating a seedling density ~200 seedlings m− 2 (i.e., within the 
range observed in the field) (Rai and Jain, 1982; Hallett et al., 2019). 
Microcosms were then incubated inside growth chambers (56 × 56 × 76 
linear cm) at the Environmental Plant Isotope Chamber (EPIC) facility at 
the Oxford Tract Greenhouse at University of California Berkeley 
(Fig. S1) (Pett-Ridge and Firestone, 2017; Pett-Ridge et al., 2021). 
Chambers were maintained with a 16-h light period per day (from 6 a.m. 
to 10 p.m.), a maximum daytime and nighttime air temperature of 27 ◦C 
and 24 ◦C, respectively, and a CO2 concentration between 400 and 450 
ppm (specifics below). A subset of planted microcosms were grown in-
side 13CO2 growth chambers, filled with ~99 atom% 13CO2 (Sigma 
Aldrich), in order to track 13C-labeled rhizodeposits into the rhizosphere 
(n = 6 per time point × moisture treatment combination; see Fig. S2). 
Plants were placed within the 13C–CO2 growth chambers for 10 
continuous weeks of 13C-labeling (following the initial 2-week seedling 
establishment phase). A control set of planted microcosms (n = 4) grown 

in 12CO2 growth chambers (with a natural abundance atmosphere) was 
used for quantitative stable isotope probing (discussed below) and to 
increase available soil for measurements that did not require a 13C-label 
(for example, exoenzyme activity) (Fig. S2). 

12CO2 chambers were monitored using an Infrared Gas Analyzer 
(IRGA; SBA-5 CO2 Gas Analyzer, PP systems, Amesbury, MA, USA) and 
13CO2 chambers were monitored using a Picarro G2201-I cavity ring-
down spectrophotometer (Picarro Santa Clara, CA, USA). The entire 
system was controlled with a CR1000 datalogger (Campbell Scientific 
Logan, UT, USA). 12CO2 and 13CO2 chambers were monitored in parallel; 
each chamber was scanned once every 40 min to monitor CO2 concen-
trations, and customized code (CRBasic) was developed to calculate the 
amount of CO2 to add to each chamber, based on CO2 drawdown and 
photosynthetically active radiation (PAR). Temperature was measured 
using Campbell Scientific 107 temperature probes (Campbell Scientific 
107-U-L58-PT, Logan, UT, USA) placed within each chamber. Probes 
were multiplexed into the labeling system using a Campbell Scientific 
AM16/32B Multiplexer (Campbell Scientific AM16/32B-ST-SW, Logan, 
UT, USA) that interfaced with the Campbell Scientific CR1000 

Fig. 1. Hypotheses on the role of habitat-specific microbial traits and soil moisture that shape the accrual of mineral-associated soil organic carbon (SOC). While 
contemporary theory posits that CUE and growth rate are positively associated with mineral-associated SOC, different plant carbon inputs (rhizodeposits vs. root 
detritus) may be associated with different habitat-specific microbial traits in the rhizosphere and detritusphere and different pathways of SOC formation. Lower- 
molecular weight rhizodeposits may be assimilated by a microbial community with higher growth rate, biomass yield, and carbon-use efficiency (CUE), and 
transform plant inputs to microbially-derived SOC via the in vivo microbial turnover pathway. In contrast, more biochemically complex root detrital compounds may 
be partially decomposed by a detritusphere microbial community with greater exoenzyme production, but a lower growth rate, to form SOC with a more lignin-like 
signature via the ex vivo modification pathway. Soil moisture – a master control variable – may exert a moderating influence on these patterns. 
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Datalogger (Campbell Scientific CR1000-ST-SW-NC, Logan, UT, USA). 
The datalogger was programed to initiate cooling of chambers if the 
internal temperature was above 21 ◦C. Individual chambers were cooled 
using an internal radiator and fan system, with municipal water passing 
through Hayden 403 Oil Coolers (Aircraft Spruce, Corona, CA, USA). 
Computer fans placed behind the radiator system dissipated the cold air 
produced from the radiators into the rest of the chamber. Humidity/ 
condensation was visually monitored every day within the chambers; 
condensation was minimized by wiping chambers down at the begin-
ning of each morning before labeling began. The cooling system helped 
minimize condensation on the sides of the chambers during the day. 
Maintaining chambers at a set temperature also minimized transpira-
tion, limiting condensation. 

In unplanted microcosms (the ‘root detritus’ treatment), a 28-μm 
mesh ‘detritusphere’ bag was buried in the microcosm center, which 
contained ~65 g of Hopland soil mixed with 1–5 mm fragments of either 
13C-labeled or natural abundance A. barbata root detritus (0.013 g root 
detritus dry g soil− 1), to roughly simulate field concentrations of 
A. barbata root detritus (Nuccio et al., 2020) (Figs. S2–3). Prior studies 
have examined the decay of Avena spp. root detritus in this EPIC 
chamber facility and in the field, and found that the majority of 
mineralization of root detritus occurs during a single growing season, 
likely due to the relatively low C:N ratio and high decomposability of 
Avena root fragments (Bird et al., 2011; Shi et al., 2018; Nuccio et al., 
2020; Fossum et al., 2022). To generate A. barbata root detritus, 
A. barbata plants (from the same supply of seeds as used in the main 
experiment) were grown for 7 weeks in a mix of sand and Hopland soil 
between March and April 2019 (i.e., immediately before the experi-
mental period). After a two-week seedling establishment phase, plants 
were moved into the EPIC growth chambers. A subset of A. barbata 
plants were exposed to 5 weeks of continuous 13CO2 labeling (similar 
protocol as described above), and a subset were grown in natural 
abundance 12CO2 growth chambers. At the end of the growth period, 
roots were harvested and repeatedly washed, dried at room temperature 
until they reached constant mass, and then cut into 1–5 mm fragments, 
before being mixed with Hopland soil and packed into detritusphere 
bags. The % total C and δ13C of root fragments was measured on an 
elemental analyzer coupled to an isotope ratio mass spectrometer 
(EA-IRMS; Costech ECS 4010, Costech Analytical Technologies, Valen-
cia, CA, USA). The 13C-enriched root detritus treatment (n = 6) con-
tained 13C-labeled root detritus (77 ± 1.7 atom% 13C-labeled), while the 
natural abundance root detritus treatment (n = 4) contained natural 
abundance root detritus (1.1 atom% 13C) (Fig. S2). All unplanted mi-
crocosms (i.e., both the 13C-enriched and the natural abundance root 
detritus treatments) were incubated in growth chambers with a natural 
abundance CO2 headspace throughout the experimental period. 

Planted and unplanted microcosms were maintained at one of two 
moisture treatments, to simulate differences in soil moisture during the 
spring growing season in California semiarid grasslands: ‘normal mois-
ture’ (~16% ± 0.3 gravimetric soil moisture; mean ± standard error) or 
‘spring drought’ conditions (~8% ± 0.5 gravimetric soil moisture) 
(Foley et al., 2023). Soil moisture was monitored throughout the 
experimental period by weighing all microcosms twice weekly, and 
adjusting soil moisture by mass (Shi et al., 2015). At each harvest (4, 8, 
and 12 weeks), gravimetric soil moisture was measured for all micro-
cosms (Fig. S4). We confirmed that the hydrological conditions of the 
detritusphere mesh bags were not significantly different from the 
rhizosphere (see ANOVA table below Fig. S3; p = 0.8), nor from the bulk 
soil surrounding the detritusphere mesh bags, by comparing these values 
in all detritusphere microcosms at week 12 (paired t-test, p = 0.4). 

In total, the experiment contained 120 microcosms. Each combina-
tion of moisture (normal, drought) × harvest time point (4, 8, 12 weeks) 
× plant C input (rhizodeposits, root detritus) had 10 replicate micro-
cosms (divided between: n = 6 13C-labeled and n = 4 natural abundance 
controls) (see Fig. S2 for full experimental design). 

2.2. Sample collection 

At each harvest, aboveground A. barbata biomass in planted micro-
cosms was clipped at the base of the stems, dried at 65 ◦C and weighed. 
Rhizosphere soil was collected by gently shaking the root systems to 
remove loosely attached soil; soil still clinging to the roots was charac-
terized as rhizosphere. A subset of roots + rhizosphere soil was imme-
diately placed within a 15-mL falcon tube on dry ice and stored at − 80 
◦C. The remaining rhizosphere soil was carefully separated from the 
roots by hand; a subset was kept fresh at room temperature for gravi-
metric soil moisture and other assays (described below), and a subset 
was air-dried for SOC analysis. In unplanted microcosms (root detritus 
treatment), detritusphere soil was collected from inside the 28-μm 
‘detritusphere mesh bag’; care was taken to avoid any visually apparent 
pieces of decaying root material. As above, subsets of soil were stored at 
− 80 ◦C, fresh, and air-dried. 

2.3. SOC analysis 

We isolated the mineral-associated SOC fraction on all 13C-labeled 
soils (n = 6) and a set of natural abundance samples from week 12 (n =
4), using a combined density and physical fractionation method (Soong 
and Cotrufo, 2015). We added 25 mL of 1.85 g cm3 sodium poly-
tungstate (SPT) to 5 g of air-dried soil in a 50-mL falcon tube. To disperse 
aggregates, samples were shaken on a reciprocal shaker (~200 oscil-
lations/minute) for 18 h with glass beads. The supernatant was filtered 
with a glass fiber filter to separate the light particulate fraction (<1.85 g 
cm− 3). The pelletized heavy fraction at the base of the tube (<1.85 g 
cm− 3) was rinsed three times with deionized water to remove all excess 
SPT. The heavy fraction pellet was then vortexed with 25-mL deionized 
water and passed through a 53-μm sieve. This <53-μm fraction (clay +
fine silt) was defined as mineral-associated SOC (Bradford et al., 2008; 
Soong and Cotrufo, 2015). Mineral-associated SOC samples were dried, 
ground, weighed, and analyzed for % total C and δ13C on an elemental 
analyzer coupled to an isotope ratio mass spectrometer (EA-IRMS; 
Costech ECS 4010, Costech Analytical Technologies, Valencia, CA, 
USA). Atom% 13C enrichment of mineral-associated SOC was calculated 
by subtracting atom% 13C of mineral-associated SOC at t = 0 from the 
atom% 13C in the enriched sample. The total μg of 13C that accumulated 
in the mineral-associated SOC fraction was then calculated by multi-
plying %C of the mineral-associated SOC fraction by the atom % 13C 
enrichment of the mineral-associated fraction at a given timepoint (4, 8, 
12 weeks). 

2.4. Microbial traits 

Immediately after each harvest, we measured a suite of microbial 
traits on fresh soil, including microbial biomass C (MBC; including total 
MBC and 13C-MBC), extracellular polymeric substances (EPS; including 
total EPS and 13C-EPS), extracellular enzyme activity, and microbial 
community-level growth rate and carbon use efficiency (CUE). Micro-
bial biomass C was measured via a chloroform fumigation extraction 
protocol on two ~3–6 g soil subsamples (Vance et al., 1987). One ~3–6g 
subsample was extracted in 25 mL of 0.05M K2SO4 immediately, and one 
~3–6 g subsample was fumigated with chloroform prior to extraction in 
a sealed vacuum desiccator for 5 days (Bruulsema and Duxbury, 1996). 
Both extracts were filtered (Whatman No. 40) and analyzed for total C 
on a Shimadzu TOC Analyzer, and for δ13C on a Thermo DeltaPlus XP 
GasBench. The unfumigated sample was defined as dissolved organic C 
(DOC); microbial biomass C (MBC) was calculated as the difference 
between the fumigated – unfumigated samples (extraction efficiency 
KEC = 0.45) (Beck et al., 1997). Atom% 13C enrichment of MBC was 
calculated according to the equation (Mehnaz et al., 2019; Husain et al., 
2024): 

13CMBC = (Cfum ×
13Cfum − Cnonfum ×

13Cnonfum)/(Cfum − Cnon-

fum).13CMBC is the atom% enrichment of MBC, Cfum and 13Cfum are the 
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total C and atom%13C of the fumigated extract, and Cnonfum and 
13Cnonfum is the %C and atom% 13C of the non-fumigated extract. 

To extract extracellular polymeric substances (EPS), we used a 
modified cation exchange resin extraction method (Redmile-Gordon 
et al., 2014; Wang et al., 2019) with an added ethanol precipitation step 
(for detailed method, see: Sher et al., 2020). Briefly, 5–10 g of soil was 
added to a cooled 50-mL falcon tube containing 15-mL of phosphate 
buffer saline and 2 g cation exchange resin (Dowex® Marathon® C, 
20–50 mesh, Na+ form, Sigma-Aldrich, St. Louis). Samples were vor-
texed, shaken, and centrifuged, and 8-mL of the supernatant was passed 
through a 0.2 μm nylon syringe filter. EPS was precipitated from the 
filtrate with three, 24-mL volumes of freezer-cold, 100% ethanol and 
concentrated 10×. The ethanol was dried off, and the pellet was resus-
pended in 0.5 mL of ultrapure MilliQ water. The extract was then 
transferred to a pre-weighed tin capsule, dried at 70 ◦C, and analyzed for 
%C and δ13C using the same EA-IRMS as described above. Atom% 13C 
enrichment of EPS was calculated by subtracting atom% 13C in natural 
abundance control samples from atom% 13C in enriched samples. The μg 
of 13C-EPS g soil− 1 was calculated by multiplying atom% 13C enrichment 
by %C of the EPS, and dividing by the total g of soil from which EPS had 
been extracted (Sher et al., 2020). 

We measured community-level CUE and mass-specific microbial 
growth rates using the substrate-independent, 18O–H2O method, which 
captures the incorporation of isotopically labeled water into microbial 
DNA (Spohn et al., 2016). The 18O–H2O method represents an 
improvement over prior, substrate-specific methods for measuring CUE, 
as it does not add energy rich substrate to the system and it does not rely 
on measuring the uptake of a single specific substrate, but captures how 
the microbial community processes the full suite of available C com-
pounds – which is ideal for measuring broad differences in rhizodepo-
sition vs root detritus. Importantly, this method does come with its own 
set of assumptions and potential biases – such as underestimating CUE 
relative to other methods, by assuming that all new oxygen in DNA is 
derived from extracellular water, capturing net growth instead of gross 
growth (Geyer et al., 2019; Pold et al., 2020), or potentially over-
estimating CUE in very dry soils (Canarini et al., 2020). These limita-
tions are reviewed by Geyer et al. (2019) and Pold et al. (2020). 

To measure CUE and growth rate, 1-g sample of fresh soil was 
weighed into a 20-mL Wheaton glass serum vial, and a total of 50-μL of 
water was added to each sample – a combination of 18O–H2O (98 atom 
% H2

18O, Isoflex, San Francisco, CA, USA) and natural abundance H2O – 
so the resulting soil water solution was ~20 atom% 18O. An additional 1- 
g soil aliquot from a subset of 3 replicates from each moisture regime ×
microbial habitat combination at week 12 was incubated with 50-μL 
natural abundance water. We selected this volume of water after testing 
for the minimum amount of water that would ensure adequate diffusion 
throughout the sample, while also maintaining moisture differences 
between the two moisture treatments during the incubation period. 
Prior work suggests that, in grassland soils, adding roughly this volume 
of water to relatively dry soils should produce comparable results to the 
18O water vapor equilibration method (Canarini et al., 2020), and 
should allow for meaningful comparison between moisture treatments. 

Vials were capped following the water addition. After a 72-h incu-
bation at room temperature, 5-mL of gas from the vial headspace was 
collected for CO2 analysis (and respiration rate) on a gas chromatograph 
(Agilent 7890B GC System). After sampling the headspace, the soil was 
removed and immediately flash frozen in liquid nitrogen and stored at 
− 80 ◦C. DNA was extracted from frozen soil using a Qiagen DNEasy 
PowerSoil Pro kit; the bead beating step was performed for 1 min at 5.5 
m2/s on a FastPrep, all other manufacturer’s instructions were followed. 
DNA was quantified using the Qubit DNA BR Assay Kit (ThermoFischer 
Scientific). A 50-μL aliquot of DNA was dried at 60 ◦C in a pre-weighed 
silver capsule spiked with 100 μL salmon sperm DNA (to achieve the 
oxygen detection limit) and analyzed for δ18O and total O content (μg) 
on a Thermochemical Element Analyzer (TC/EA) coupled to an IRMS. 

CUE and microbial growth rate were calculated from the amount of 

new DNA produced during the incubation period (tracked by 18O 
incorporation into microbial DNA during growth). The amount of new 
DNA produced during the incubation period (DNAp) is the difference in 
18O abundance between DNA from labeled and control incubations 
times the proportion (by mass) of DNA that is oxygen (0.3121) divided 
by the length of the incubation and mass of soil incubated. The con-
version mass ratios of MBC:DNA for each sample was applied to calcu-
late mass-specific growth rate (Gr) in mg C day− 1 g− 1 soil: 

Gr =DNAp ×
MBC
DNA  

where DNAp (μg DNA day− 1 g− 1 dry soil) is the DNA produced during 
the incubation, MBC (mg C g− 1 dry soil) is microbial biomass C 
measured via chloroform fumigation extraction (described above), and 
DNA is the soil DNA concentration (μg DNA g− 1 dry soil) determined via 
Qubit. 

Carbon-use efficiency (CUE) was calculated as the amount of C used 
for growth relative to the sum of C allocated toward growth and respi-
ration: 

CUE =
Gr

Gr + Resp  

where Resp is the average respiration rate (mg C day− 1 g− 1 soil) during 
the incubation. 

We measured extracellular enzymatic potential (nmol g− 1 soil h− 1) 
of five different enzymes related to C-, N-, and P- cycling (see Table S7) 
using a fluorometric method (Kaiser et al., 2010). Briefly, 1.5 g of soil, 
which had been stored at − 80 ◦C, was suspended in 150 mL of maleate 
buffer (25 mM, pH 4.95). 100 μL of soil suspension and 100 μL of sub-
strate were pipetted into black microtiter plates, with five analytical 
replicates. Methylumbelliferyl (MUB) was used to calibrate all enzymes 
and a quench correction was performed. Plates were incubated in the 
dark at room temperature and fluorescence was measured every 30 min 
for 4 h at an excitation wavelength of 365 nm and an emission wave-
length of 450 nm on a BioTek Synergy HT plate reader (Bio-Tek In-
struments, Winooski, VT). Enzyme activity was calculated as the 
increase in fluorescence over time. Cumulative exoenzyme potential 
(nmol g− 1 soil hr− 1) was calculated as the sum of average activity across 
all enzymes. The aim of this cumulative measurement was to estimate 
the total microbial investment in exoenzymes; as result, higher activity 
enzymes received proportionately higher weight when considering 
temporal dynamics and treatment effects. 

2.5. Chemical composition of SOC 

We used three complementary approaches to capture differences in 
the chemical composition of SOC formed in the rhizosphere and detri-
tusphere at the final timepoint of the experiment (week 12): (i) Fourier 
transform ion cyclotron resonance mass spectrometry (FTICR-MS) pro-
vides molecular formulae with high-resolution for the whole water- 
extractable SOC pool (Fig. 6), considered a precursor to mineral- 
associated SOC (Kaiser and Kalbitz, 2012); (ii) 13C-nuclear magnetic 
resonance (13C-NMR) and (iii) scanning transmission X-ray microscopy 
in combination with near edge X-ray absorption fine structure spec-
troscopy (STXM-NEXAFS), which provide direct structural measurement 
of the carbon bond environments in mineral-associated SOC at the bulk 
and micro-scale, respectively (Figs. S7–S8). 

2.5.1. Fourier transform ion cyclotron resonance mass spectrometer 
(FTICR-MS) 

For each sample, 1 g of lyophilized soil was defrosted, added to a 
clean tube, and extracted with 2 mL Milli-Q water (<18.2 MΩ cm re-
sistivity). The extraction was performed on 4 replicates (n = 4) for each 
treatment combination at the final timepoint (week 12). Samples were 
shaken at 1000 rpm at room temperature for 2 h using a vortex shaker, 
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centrifuged at 6000 rpm for 5 min, and the supernatant was removed. 
This was repeated with another 2 mL of Milli-Q water and supernatants 
were combined. Solid phase extraction (SPE) was performed on water 
extracts using Bond Elut PPL cartridges to remove salts and impurities 
that could interfere with MS analysis (Dittmar et al., 2008). Water ex-
tracts were diluted to 5 mL with Milli-Q water and adjusted to pH 2 with 
2 μL of 85% H3PO4 prior to addition to methanol-activated PPL car-
tridges. Organic matter bound to the cartridges was rinsed with 50 mL of 
10 mM HCl, dried with nitrogen and eluted in 1.5 mL of methanol. 

Data was acquired using a 7 T Bruker ScimaX FTICR-MS operated 
with quadripolar (2×) detection and located in the Environmental Mo-
lecular Science Laboratory at Pacific Northwest National Laboratory 
(Richland, WA, USA). External calibration was performed using sodium 
trifluoracetic acid followed by shimming of the magnet to minimize 1×
harmonic resonance peaks and tuning to optimize spectra for peak in-
tensity, shape and resolution over the m/z range 200–1000. Extracts 
were direct infused into the electrospray source in negative ion mode at 
a voltage of +4 kV, temperature of 200 ◦C and dry gas flow of 4 L/min, in 
randomized order using a custom automated cart. Ion accumulation 
time was set to 10 ms and 2.1 s transients were coadded over 300 ac-
quisitions in an 8 MW time domain for an estimated average resolution 
of ~680K at m/z 400. Internal recalibration of each spectrum, post- 
acquisition, was performed with calibration lists of standard OM com-
ponents. Peak picking was performed in Data Analysis using a signal to 
noise ratio (S/N) threshold of 7, a relative intensity threshold of 0.01 
and an absolute intensity threshold of 100,000. 

Peak lists were exported and Formularity software (Tolić et al., 2017) 
was used to align spectra within a 0.5 ppm threshold and assign formulas 
using N ≤ 2, S = 0 and P = 0, and <0.5 ppm error for high confidence 
assignments (average error <0.2 ppm). Peak lists were then corrected by 
subtracting peaks detected in extraction blanks. Elemental ratios were 
calculated from molecular formulas assigned for each peak and aver-
aged for each sample. Molecular class distributions were based on per-
centage of formulas with elemental ratios within the H/C and O/C 
ranges for major compound classes (Kim et al., 2003; Tolić et al., 2017) 
present in each sample. Elemental classifications are putative yet pro-
vide a useful indication of the major chemical compound classes and 
allow for broad comparisons of formula types detected in each sample 
treatment. 

2.5.2. Synchrotron-based scanning transmission X-ray microscopy (STXM) 
in combination with near edge X-ray absorption fine structure (NEXAFS) 
spectroscopy 

STXM analysis was performed on the Molecular Environmental Sci-
ences beamline 5.3.2.2 of the Advanced Light Source (ALS) at Lawrence 
Berkeley National Laboratory (Berkeley, California, USA) (Kilcoyne 
et al., 2003; Warwick et al., 2003). A single replicate of a soil sample 
from each moisture regime × microbial habitat combination at week 12 
were suspended in Milli-Q (18.2 Ω) water and the suspension was 
dropcast onto Si3N4 windows (Silson Ltd.) with a micropipette and 
air-dried. Carbon NEXAFS spectra were collected for 3–5 regions of in-
terest (ROIs) per treatment. Care was taken to avoid thick C areas to 
prevent overabsorption. Calibration was done for the C 1s edge of 
gaseous CO2 at 292.74 and 294.96 eV (Ma et al., 1991). Spatial and 
spectral resolution during the measurements were 40–50 nm and 0.1 eV, 
respectively. Dwell time was set at 2 ms. Transmission images at en-
ergies below and at the relevant absorption edge energies were con-
verted into optical density (OD) images [OD = ln (I0/I), with I0 being the 
incident photon flux and I, the transmitted flux]. Image sequences (or 
“stacks”) acquired at multiple energies spanning 278–330 eV for the C 1s 
edge were used to extract NEXAFS spectra. Clear areas of the Si3N4 
membrane were used to normalize the transmission signal obtained 
from analyzed ROIs. All STXM data processing was done using the IDL 
package aXis 2000 (Hitchcock, 2006). C NEXAFS spectra were normal-
ized using the Athena software package for X-ray absorption spectros-
copy (Ravel and Newville, 2005). 

2.5.3. 13C-nuclear magnetic resonance 
The 13C chemical composition of mineral associated SOC samples 

were determined via solid state 1H–13C cross-polarization magic angle 
spinning (CP/MAS) nuclear magnetic resonance (NMR), on a 300 MHz 
Bruker Neo spectrometer at Lawrence Livermore National Laboratory 
(Livermore, CA, USA), operating at a 13C Larmor frequency of 75.71 
MHz. For each plant C input × moisture treatment combination (har-
vested at week 12), spectra were collected on a composite sample 
generated from 6 replicates of 13C-labeled samples (n = 6). Soil samples 
(1g) were packed in 4 mm ZrO2 rotors and spun at 10 kHz. 13C CP/MAS 
experiments were collected with a contact time of 1.5 ms and used spinal 
64 for proton decoupling. Each spectra was collected for 
100,000–150,000 scans with a recycle delay of 2 s. α-glycine was used as 
a standard for setting up the CP experiment and the isotropic shift of the 
carboxyl groups (δiso = − 176.5 ppm) in α-glycine was used as the 
external reference for the 13C chemical shift scale. 13C spectra were 
deconvoluted with gaussian line shapes to determine relative fractions 
(Preston, 2001) using the software dmfit (Massiot et al., 2002) (Fig. S8). 
The line widths were informed by the chemical shift regions described 
for each organic matter compound class: alkyl C (0–45 ppm), N-Alkyl 
(45–60 ppm), O Alkyl (60–95 ppm), Di-O-Alkyl (95–110 ppm), aryl 
(110–145 ppm), O-aryl (145–165 ppm), amide (165–190 ppm), and 
ketone (190–215 ppm) (Nelson and Baldock, 2005). 

2.6. DNA extraction and quantitative stable isotope probing 

To measure taxon-specific fungal and bacterial C assimilation of 13C- 
rhizodeposits or 13C-detritus at week 12, we used 13C quantitative stable 
isotope probing (13C-qSIP) (Hungate et al., 2015; Koch et al., 2018). 
DNA was extracted from rhizosphere and detritusphere soil using a 
Qiagen DNEasy PowerSoil Pro kit (following the manufacturer’s in-
structions, as described above) on three separate 0.25 g aliquots per 
sample, which were then combined into a single replicate (n = 4 per 
treatment, though some treatments had an n = 3, due to insufficient 
material in some samples to extract adequate DNA for SIP processing). 
For quantitative stable isotope probing, 5 μg of DNA in 150 μL 1xTE was 
loaded into a 5.2 mL ultracentrifuge tube and mixed with 1.00 mL 
gradient buffer, and 4.60 mL CsCl stock (1.885 g mL− 1) with a final 
average density of 1.725–1.730 g mL− 1. Samples were spun in a Beck-
man Coulter Optima XE-90 ultracentrifuge using a VTi65.2 rotor at 176, 
284 RCFavg at 20 ◦C for 108 h. Automated sample fractionation was 
performed using Lawrence Livermore National Laboratory’s 
high-throughput SIP (‘HT-SIP’) pipeline (Nuccio et al., 2022a), gener-
ating 22–200 μL fractions per sample. The density of each fraction was 
measured with a Reichart AR200 digital refractometer fitted with a 
prism covering to facilitate measurement from 5 μL (Buckley et al., 
2007). DNA was purified and concentrated using a Hamilton Microlab 
Star liquid handling system programmed to automate glycogen/PEG 
precipitations (Neufeld et al., 2007). The DNA concentration of each 
fraction was quantified with a PicoGreen fluorescence assay (Invitrogen, 
Thermo Fisher) (Nuccio et al., 2022b). 

From each microcosm, fractions within the density range 
1.650–1.760 g mL− 1 and unfractionated DNA were prepared for 
amplicon sequencing of ITS and 16S rRNA genes. Bacterial 16S rRNA 
gene copies were quantified using quantitative PCR and primers 515 F 
and 806 R (Apprill et al., 2015; Parada et al., 2016). PCR conditions for 
16S rRNA gene quantification were 95 ◦C for 2 min followed by 20 cy-
cles of 95 ◦C for 30◦S, 64.5 ◦C for 30◦S, and 72 ◦C for 1 min. A total of 
511 fraction libraries were sequenced for the 16S and ITS rRNA region 
on an Illumina MiSeq at Northern Arizona University’s Genetics Core 
Facility using a 300-cycle and 500-cycle v2 reagent kit, respectively. 
Fungal 18S rRNA gene copies were also quantified in each density 
fraction using primers 1380F and 1510R. PCR conditions for 18S rRNA 
gene quantification were 98 ◦C for 3 min followed by 40 cycles of 98 ◦C 
for 45 s, 60 ◦C for 45 s and 72 ◦C for 30 s. DNA fractions, and unfrac-
tionated DNA, were amplified for fungal ITS rRNA using primers ITS4F 
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and 5.8SF. The PCR conditions for ITS amplification were 95 ◦C for 6 
min followed by 35 cycles of 95 ◦C for 15 s, 55 ◦C for 30 s, and 72 ◦C for 
1 min. 

Paired-end reads were filtered to remove phiX and other contami-
nants with bbduk v38.56 (default settings except k = 31 and hdist = 1) 
(Bushnell, 2014). Fastq files were then trimmed to retain nucleotides 
5–140 for the 16S F/R amplicons, and 5–245/175 for the ITS F and R 
reads, respectively, filtered for quality (maxEE = 2, truncQ = 2) and 
used to generate amplicon sequence variants (ASVs) with DADA2 v1.20 
and phyloseq v1.36 (McMurdie and Holmes, 2013; Callahan et al., 
2016). Chimeric sequences were determined and removed using 
removeBimeraDenovo from DADA2. ASV taxonomy was determined 
using the RDP 16S rRNA gene database (training set 18) using RDP 
classifier v2.11, keeping classifications with greater than 50% confi-
dence (Wang et al., 2007), and with the UNITE v8.3 database for ITS 
amplicons (Nilsson et al., 2019). An alignment and phylogenetic tree 
was built using MAFFT v7.490 and FastTree v2.1.10 (Price et al., 2010; 
Katoh and Standley, 2013). 

Excess atom fraction (EAF) 13C of bacterial and fungal DNA was 
quantified following the procedure described by Hungate et al. (2015) 
and Koch et al. (2018) with some modifications. The density of each 
bacterial and fungal taxon was calculated as a weighted average across 
the CsCl density gradient. We used qPCR-based 16S rRNA or 18S gene 
copy number to normalize the relative abundance of taxa in each density 
fraction to compute weighted average density. The difference in a tax-
on’s weighted average density between natural abundance (12C) and 
13C-labeled soils, as well as the taxon’s GC content, was used to estimate 
the change in the molecular weight of DNA due to incorporation of the 
13C isotope, expressed as EAF 13C. We computed estimates of EAF 13C for 
each taxon at the level of individual ultracentrifuge tubes as the differ-
ence in a taxon’s weighted average density in a 13C tube minus its 
average weighted average density across all replicate natural abundance 
tubes. Preliminary analysis showed an effect of ultracentrifuge tube on 
estimates of weighted average density, which has previously been 
attributed to slight differences in the CsCl density gradients among ul-
tracentrifuge tubes (Morrissey et al., 2017). We corrected this technical 
error following the approach described in Morrissey et al. (2017). Esti-
mates of EAF 13C were weighted by a taxon’s relative abundance in each 
experimental soil. 

To assess total bacterial and fungal relative abundance in both 
rhizosphere and detritusphere habitats at week 12, we quantified total 
16S and 18S rRNA gene copies via quantitative PCR. We approximated 
cumulative bacterial and fungal 13C assimilation at week 12 for each 
sample by summing abundance-weighted EAF 13C values across all 
fungal or bacterial taxa within the sample, to assess differences in 
overall activity (Fig. 4). Then, to directly compare between the rhizo-
sphere and detritusphere treatments (which received different amounts 
of 13C), we calculated ‘13C proportional assimilation’ at week 12 
—which is defined as the relative proportion of cumulative 13C assimi-
lation performed by individual fungal and bacterial amplicon sequence 
variants (ASVs) (Raczka et al., 2021) (Fig. 5). This standardized 13C 
assimilation value allowed us to compare taxon-specific activity across 
rhizosphere and detritusphere treatments (which received different total 
amounts of 13C) but does not represent rates of C assimilation in mass 
units (Stone et al., 2021). ‘Top assimilators’ for each treatment were 
defined by ranking families that assimilated 13C at week 12 in order of 
their relative 13C assimilation, and summing up the values of the top 
assimilators until we reached a threshold value of at least 50% of the 
taxa that assimilated 13C. We characterized known traits of these top 
assimilators by literature searches. 

2.7. Statistical analysis 

All analyses were conducted in R version 4.2.1 (R Core Team, 2022). 
The effect of microbial habitat and moisture regime on microbial traits 
at week 12 were analyzed with two-way ANOVA (Table S2). In these 

analyses, we specifically analyzed microbial traits that did not employ 
the 13C-label (i.e., growth rate, carbon-use efficiency, total microbial 
biomass C, extracellular enzyme potential), to allow direct comparisons 
between rhizosphere and detritusphere treatments, as these treatments 
received different amounts of total 13C from rhizodeposits versus root 
inputs, respectively. Differences between means for microbial traits at 
week 12 (Fig. 2) were calculated using Tukey’s HSD (p < 0.05). 

We used multiple regression to analyze the effect of soil moisture and 
different microbial traits (growth rate, CUE, 13C-microbial biomass C, 
13C-EPS, % soil moisture) on 13C-mineral-associated SOC across all time 
points (Craig et al., 2022). For these models, we centered and stan-
dardized predictor variables (using a z-transformation) so the regression 
slopes and the significance levels of predictor variables could be 
compared to one another (Schielzeth, 2010; Craig et al., 2022). Multiple 
regression models were run separately for the rhizosphere and the 
detritusphere (Fig. 3). We also ran these multiple regression models for 
each individual time point in the rhizosphere and detritusphere 
(Table S3). All models were screened for normality of residuals (Sha-
piro-Wilk test) and heteroscedasticity of residuals (visual assessment of 
residual plots). For FTICR-MS data, means were compared between the 
rhizosphere and detritusphere within a given moisture treatment at 
week 12 using t-tests (Fig. 6). For 13C-qSIP data, cumulative 
13C-assimilation at week 12 was compared between bacteria and fungi 
within each microbial habitat × moisture treatment using t-tests (Fig. 4). 

3. Results 

3.1. Microbial traits and mineral-associated SOC in the rhizosphere and 
detritusphere 

We found different patterns of trait expression in the detritusphere 
relative to the rhizosphere, which were shaped by soil moisture (Fig. 2; 
Table S2). Under normal moisture conditions, at the end of the experi-
ment (week 12), the detritusphere soil had on average ~58% greater 
cumulative exoenzyme activity relative to the rhizosphere soil (Fig. 2a; 
p < 0.05). In contrast, the rhizosphere microbial community had a 
significantly faster community-level growth rate (Fig. 2b), higher CUE 
(Fig. 2c) and greater microbial biomass C (Fig. 2d) than the detritu-
sphere community (p < 0.05). However, under droughted conditions, 
rhizosphere microbial community-level growth rate and CUE were not 
significantly different from the detritusphere (Fig. 2b–c; p > 0.05), and 
the difference between rhizosphere and detritusphere microbial biomass 
C was significantly reduced (Fig. 2d). 

There were notable differences in which microbial traits were pre-
dictors of 13C-mineral-associated SOC in the rhizosphere and detritu-
sphere across the three time points (Fig. 3). In the rhizosphere, 13C-EPS 
was the strongest positive predictor of 13C-mineral-associated SOC (p <
0.001). Microbial community-level growth rate (p < 0.001) was also a 
significant positive predictor of 13C-mineral-associated SOC in the 
rhizosphere. In contrast, microbial community-level growth rate tren-
ded towards being a negative predictor of 13C-mineral-associated SOC in 
the detritusphere (p = 0.1) and 13C-EPS had a non-significant effect in 
the detritusphere (p > 0.4). CUE was a negative predictor of 13C-min-
eral-associated SOC in both the rhizosphere and the detritusphere (p <
0.05); the size of the negative coefficient was more than two times as 
large in the detritusphere compared to the rhizosphere. Soil moisture 
was a positive predictor of mineral-associated SOC in both habitats (p <
0.05). 

3.2. Microbial activity in the rhizosphere and detritusphere 

Based on total 16S and 18S rRNA gene copies at week 12, bacteria 
were ~41% more abundant in the rhizosphere relative to the detritu-
sphere, whereas fungi were ~65% more abundant in the detritusphere 
than the rhizosphere (Fig. S5). In the detritusphere at week 12, fungal 
13C assimilation was 80% greater than bacterial 13C assimilation under 
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normal moisture conditions and 46% greater under drought (Fig. 4b; p 
< 0.05). In contrast, in the rhizosphere at week 12, bacterial 13C 
assimilation was 28% greater than fungal assimilation under normal 
moisture conditions (Fig. 4a; p < 0.1) and under droughted conditions, 
bacterial and fungal 13C assimilation in the rhizosphere were not sta-
tistically different (Fig. 4a; p > 0.1). 

In both the rhizosphere and detritusphere, a relatively small number 
of bacterial and fungal ASVs accounted for the majority of 13C assimi-
lation at week 12 (Fig. 5). Within each microbial habitat × moisture 
treatment, between 7 and 13 bacterial ASVs and 3–6 fungal ASVs 
accounted more than 50% of proportional 13C-assimilation (defined as 
‘top assimilators’; see Methods) (Fig. S6; Table S4). These top bacterial 
assimilators represented only 3–4% of the total number of 13C-active 
bacterial taxa at week 12 (i.e., bacterial ASVs that assimilated significant 
13C), and 0.6–1.6% of the total bacterial community detected at week 12 
(Table S5). Likewise, the top fungal assimilators represented only 4–5% 
of all 13C-active fungal taxa at week 12, and 0.7–1.7% of the total fungal 
community at week 12 (Table S5). 

In the detritusphere, the top fungal assimilators include taxa from 
families in the Ascomycota (such as Ceratostomataceae, Lasiosphaer-
iaceae, and Pleosporaceae). Top bacterial assimilators in the detritu-
sphere included Streptomycetaceae, Bacillaceae, Chitinophagaceae 
(Fig. 5a). In the rhizosphere, top bacterial assimilators in soils with 

normal moisture conditions were from families in the Proteobacteria 
(Comamonadaceae, Bradyrhizobiaceae), Firmicutes (Bacillaceae), and 
Verrucomicrobia (Spartobacteria) (Fig. 5a). The top rhizosphere fungal 
assimilators were mostly saprotrophs, from the families Aspergillaceae, 
Theloporaceae, and Piskurozymaceae, Hoehnelomycetaceae, and 
Pleosporaceae. 

There was notable overlap in the taxa that were top rhizosphere 13C 
assimilators under drought and taxa that were top 13C assimilators in the 
detritusphere at week 12 (regardless of soil moisture). For instance, 
filamentous Streptomycetaceae from the Actinobacteria were top assim-
ilators in both the detritusphere and droughted rhizosphere soils, but 
were not top assimilators in the rhizosphere under normal moisture 
conditions (Fig. 5a; Table S4). In the droughted rhizosphere, several of 
the top fungal assimilators were also dominant in the detritusphere soils, 
including taxa from the families Ceratostomataceae and Pleosporaceae 
(Fig. 5b). 

3.3. Chemical composition of SOC 

All three methods used to characterize SOC chemical composition at 
week 12 indicated that SOC was more oxidized in the rhizosphere 
relative to the detritusphere. FTICR-MS showed that the water- 
extractable SOC fraction had a higher O:C ratio (Fig. 6a) and a higher 

Fig. 2. Microbial traits in the detritusphere (brown bars) and rhizosphere (green bars) at the final experimental timepoint (12 weeks) of Avena barbata growth/ 
incubation in a California annual grassland soil under normal moisture or droughted conditions. Microbial traits include: (a) cumulative exoenzyme activity (EEA; n 
= 4), (b) microbial community-level growth rate (n = 6), (c) microbial community-level carbon use efficiency (CUE; n = 6), and (d) microbial biomass carbon (MBC; 
n = 6). Letters indicate significant differences between means, determined via Tukey’s HSD (p < 0.05). For full model output see Table S2. 
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nominal oxidation state of carbon (NOSC; Fig. S9) in the rhizosphere 
compared to the detritusphere under both normal moisture and drought 
conditions (t-test, p < 0.05). Likewise, the 13C-NMR spectra of 13C- 
mineral-associated SOC indicated a higher proportion of oxygenated C 
in the rhizosphere compared to the detritusphere, especially under 
normal moisture conditions, as indicated by the O-alkyl (60–95 ppm) 
and O-aryl (145–165 ppm) regions (Fig. S7; Table S6). STXM-NEXFAS 
data also corroborated these patterns. C NEXAFS spectra of rhizo-
sphere mineral-associated SOC from the normal moisture treatment had 
a distinctive peak around 288.5 eV in the carboxyl region (Fig. S7) 
(Keiluweit et al., 2012). In contrast, the detritusphere 
mineral-associated SOC has a less oxidized profile, with no distinctive 
peak in the carboxyl region, but peaks in the 284.7 and 286.7 eV posi-
tions, in the aromatic C and phenolic C positions, respectively (Fig. S7) 
(Keiluweit et al., 2012). Under drought conditions, the C NEXAFS 
spectra of rhizosphere mineral-associated SOC appeared more similar to 
the detritusphere, as was observed with 13C-NMR (Fig. S7). 

FTICR-MS analysis indicated that under both normal moisture and 
drought conditions, the rhizosphere had a greater abundance of 
carbohydrate-like compounds (Fig. 6b), lipid-like compounds (Fig. 6c), 
protein-like compounds (Fig. 6d) and amino sugar-like compounds 
(Fig. 6e) relative to the detritusphere (t-tests, p < 0.05). 13C-NMR 
spectra also revealed greater abundance of alkyl C in the rhizosphere 
(0–45 ppm) relative to the detritusphere, potentially indicative of long- 
chain lipids or other similar aliphatic compounds. In contrast, the 
detritusphere had a greater abundance of lignin-like compounds 
(Fig. 6f) – which may indicate less microbial processing of more complex 
plant C inputs (e.g., root litter). 

4. Discussion 

Soil microorganisms play a central role in the formation of SOC; both 
empirical and modeling efforts have sought to identify which microbial 
traits and taxa are linked with the accrual of mineral-associated SOC, 
especially under a changing climate (Wieder et al., 2013, 2014; Kal-
lenbach et al., 2016; García-Palacios et al., 2021; Sokol et al., 2022a). 
Much of the effort to link microbial traits with SOC accrual has focused 
on community-level CUE and growth rate, because these traits are 
posited to be important in the formation of microbially-derived, 

Fig. 3. Relationship between microbial traits and 13C-mineral-associated SOC in the rhizosphere and detritusphere of Avena barbata. Coefficient plots with stan-
dardized regression coefficients (z-transformed) show the relationship between predictor variables (i.e., microbial traits and soil moisture) and 13C-mineral-asso-
ciated soil organic carbon (SOC; ug 13C g soil − 1) in the (a) rhizosphere and (b) detritusphere of a California annual grassland soil across three time points (weeks 4, 8, 
12). Microcosms were maintained under either normal moisture or droughted conditions over the 12-week experiment. Predictor variables include soil moisture and 
several microbial traits: 13C-extracellular polymeric substances (13C-EPS), microbial community-level growth rate (‘growth rate’), 13C-microbial biomass C (13C-MBC, 
and microbial carbon-use efficiency (CUE). N = 18. 

Fig. 4. Cumulative assimilation of 13C-rhizodeposition or 13C-detritus by bac-
teria and fungi in the (a) rhizosphere and (b) detritusphere of Avena barbata at 
12 weeks of growth/incubation in a California annual grassland soil under 
normal moisture or droughted conditions, measured via 13C-quantitative stable 
isotope probing. Cumulative excess atom fraction (EAF) 13C represents the 
summed EAF 13C values of all taxa, weighted by relative abundance. Asterisks 
indicate significant differences between means of bacterial and fungal cumu-
lative EAF 13C in each soil habitat × moisture treatment combination, measured 
via t-tests (*p ≤ 0.1, **p < 0.05). N = 3–4. Error bars indicate standard error. 
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mineral-associated SOC that is formed from the residues of microor-
ganisms that associate with soil minerals after cell death and turnover 
(Cotrufo et al., 2013; Wieder et al., 2014; Kallenbach et al., 2015, 2016). 
However, relatively few controlled studies have tested the role of these 
traits in different soil habitats or environmental contexts, or accounted 
for other pathways of SOC formation. For example, the partial decom-
position of complex plant compounds by microbial exoenzymes into 
simpler plant compounds – which associate with minerals to form 
plant-derived SOC – may be associated with a different set of microbial 
traits (Fig. 1). Indeed, we found evidence that the two dominant and 
contrasting microbial habitats in soil – the rhizosphere and detritu-
sphere – selected for different microbial traits, which mapped onto 
contrasting microbial life history strategies and pathways of 
mineral-associated SOC formation. Moreover, a small number of bac-
terial and fungal taxa accounted for the majority of 13C-assimilation at 
the end of week 12 – specifically, only 3–5% of the active bacterial or 

fungal community (i.e. the taxa that assimilated 13C) – suggesting a 
narrow range of taxa may be driving a disproportionate amount of the C 
transformations in soil at a given timepoint. 

The rhizosphere of A. barbata selected for a microbial community 
with faster growth, higher biomass, and higher CUE relative to the 
detritusphere (Fig. 2). Together, these traits typify a microbial life his-
tory strategy specialized for environments with high availability of 
simple resources, like sugars and amino acids, which are more abundant 
in the rhizosphere. This life history strategy has been described recently 
as a ‘high yield’ strategy (Malik et al., 2020). Overall, we found that 
13C-EPS was the strongest positive predictor of 13C-mineral-associated 
SOC in the rhizosphere (Fig. 2a). Growth rate, 13C-MBC, and soil mois-
ture were also positive predictors of 13C-mineral-associated SOC in the 
rhizosphere (Fig. 3a). In the detritusphere, the dominant microbial traits 
and active taxa were different from those we identified in the rhizo-
sphere. The more complex, polymeric root detrital compounds were 

Fig. 5. Proportional 13C assimilation of (a) bacterial and (b) fungal families in the rhizosphere and detritusphere of Avena barbata at 12 weeks, measured via 13C- 
quantitative stable isotope probing. Measurements were taken after 12 weeks of growth/incubation in a California annual grassland soil under normal moisture 
(~16% soil moisture) or droughted conditions (~8% soil moisture). Bacterial and fungal taxa that together account for >50% of proportional 13C assimilation (i.e 
‘top 13C assimilators’) are displayed in colored bars (see Methods, Table S4); all other active taxa are shown in greyscale bars. Bars indicate means, n = 4. 
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processed by a microbial community with slower growth, lower biomass 
and CUE, and higher extracellular enzyme activity, relative to the 
rhizosphere (Fig. 2). This set of microbial traits has been characterized 
as part of a ‘resource acquisition’ life history strategy (Malik et al., 

2020), where high extracellular enzyme activity trades-off with both fast 
and efficient growth (Malik et al., 2019). 

While current theory predicts that CUE is a positive predictor of 
mineral-associated SOC (Cotrufo et al., 2013), we found that across all 

Fig. 6. Chemical composition of soil organic carbon (SOC) in the rhizosphere (green) and detritusphere (brown) of Avena barbata measured via FTICR-MS (n = 4) at 
12 weeks of growth/incubation under normal moisture or droughted conditions. Results include: (a) average oxygen to carbon ratio (O:C ratio), (b) carbohydrate-like 
compounds, (c) lipid-like compounds, (d) protein-like compounds, (e) aminosugar-like compounds, and (f) lignin-like compounds. Compound classes were assigned 
based on elemental ratios (see Methods); y-axis units in panel (a) is ‘average O:C ratio’; y-axis units for all other panels is ‘average % of formulas.’ An asterisk* 
indicates significantly different means (p < 0.05) based on t-tests. 
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three time points, CUE was a negative predictor of 13C-miner-
al-associated SOC in both the detritusphere and the rhizosphere (Fig. 3). 
These findings align with recent research which suggests that CUE can 
be a negative predictor of mineral-associated SOC (Craig et al., 2022). In 
the detritusphere, we posit that a trade-off between extracellular 
enzyme activity and CUE – typified by the resource acquisition life 
history strategy – may explain why CUE was a negative predictor of 
13C-mineral-associated SOC. In the rhizosphere, it was more surprising 
to find that CUE was a negative predictor of 13C-mineral-associated SOC, 
since microbial community-level growth rate was a positive predictor, 
and because microbial CUE and growth rate are often positively related 
to one another – though the CUE-growth rate relationship is complex 
(Lipson, 2015; Anthony et al., 2020). Physiological trade-offs can also 
occur between growth rate and CUE, through various mechanisms such 
as ATP spilling or protein synthesis costs (Russell and Cook, 1995; 
Molenaar et al., 2009; Kallenbach et al., 2016), leading to a negative 
relationship between these two traits. It is possible that such a trade-off 
occurred in the rhizosphere, though additional research is necessary to 
untangle the relationship between CUE, growth rate and SOC accrual in 
the rhizosphere. 

Bacteria assimilated more 13C than fungi under normal moisture 
conditions in the rhizosphere at week 12 (Fig. 4a). On average, bacteria 
grow faster than fungi in soil, and turnover rates of bacteria can be an 
order of magnitude faster than fungi (Rousk and Bååth, 2007, 2011). 
These differences may be even more pronounced in the rhizosphere, 
where rates of predation and turnover are high, potentially generating a 
large yield of microbial necromass (Clarholm, 1985; Sokol and Bradford, 
2019). The greater activity of bacteria than fungi in the rhizosphere at 
week 12 therefore supported the ‘high yield’ traits we observed in this 
habitat (Fig. 2). Given the outsized role played by a small number of 
microbial taxa in assimilating 13C (Fig. 5), we queried the functional 
traits of these top assimilators (grouped by family) through literature 
searches to explore potential relationships between microbial traits and 
mineral-associated SOC formation. Bacillaceae, Bradyrhizobiaceae, 
Comamondaceae, and Spartobacteria – particularly active families in the 
rhizosphere (Fig. 5a) – contain taxa known to be successful rhizosphere 
competitors, exhibiting traits like high rates of motility, secondary 
metabolite production, and production of antifungal compounds (Haas 
and Défago, 2005; Covelli et al., 2013; Mandic-Mulec et al., 2015). 

In the detritusphere, 13C-assimilation at week 12 was dominated by 
saprotrophic, filamentous fungi (particularly taxa from the families 
Aspergillaceae, Ceratostomataceae, Lasiosphaeriaceae, and Pleosporaceae), 
which have an average turnover time that is much longer than soil 
bacteria (as discussed above), and can also exude high quantities of 
extracellular enzymes to degrade complex organic matter in litter or 
SOC (Osono, 2007) (Fig. 5). Several recent studies have observed that 
fungal-dominated communities can have lower CUE than 
bacterial-dominated communities, likely due to a trade-off between 
allocation to extracellular enzymes and growth rate/CUE (Soares and 
Rousk, 2019; Ullah et al., 2021). Indeed, extracellular enzyme activity 
and growth rate are known to trade off in filamentous fungi (Zheng 
et al., 2020); several other studies have described such a trade-off be-
tween extracellular enzyme activity and growth rate and/or CUE (Malik 
et al., 2019; Domeignoz-Horta et al., 2020). Recent work has also shown 
that the presence of a complex C substrate can result in lower CUE in 
fungal-dominated communities (Husain et al., 2024), likely due to such 
a trade-off. We posit that this trade-off occurred in the more 
fungal-dominated community in the detritusphere, since growth rate 
and CUE were lower and extracellular enzyme activity was higher in the 
detritusphere relative to the rhizosphere (Fig. 2), and also because 
growth rate and CUE were both negative predictors of 13C-miner-
al-associated SOC in the detritusphere (Fig. 3). 

Drought selected for a microbial community in the rhizosphere that 
more closely resembled the detritusphere community – both in several 
of the traits microbial expressed, as well as the identity of several active 
taxa assimilating 13C at week 12. Under drought conditions, the 

differences between the rhizosphere and detritusphere in terms of 
extracellular enzyme activity, growth rate, CUE, and microbial biomass 
at week 12 were almost entirely negated (Fig. 2a–c) or significantly 
reduced (Fig. 2d). Active taxa in the droughted rhizosphere at week 12 
were also similar to those in the detritusphere, particularly filamentous 
fungi and filamentous bacteria (e.g. Streptomycetaceae) with ligno-
cellulolytic capabilities (Allison et al., 2013; de Vries et al., 2018; Xie 
et al., 2021). This may have been due to greater root death and turnover 
under drought, or drought-induced shifts in the chemical composition of 
rhizodeposits (i.e., greater amounts of complex organic acids and other 
compounds) (Gargallo-Garriga et al., 2018), which can affect which taxa 
are active and the traits they express (Naylor and Coleman-Derr, 2018). 

Several converging lines of chemical evidence – including FTICR-MS, 
13C-NMR, and STXM-NEXAFS – suggested distinctive features of rhizo-
sphere versus detritusphere SOC. All three methods indicated that the 
chemical composition of SOC in the rhizosphere had a more oxidized 
signature relative to the detritusphere, and a greater nominal oxidation 
state of carbon (NOSC) (Fig. 6, Fig. S7, Fig. S9). FTICR-MS showed 
greater abundance of compounds resembling amino sugars, proteins, 
carbohydrates and lipids in the rhizosphere relative to the detritusphere 
(Fig. 6). These features can be considered indicative of more 
microbially-derived SOC (Whalen et al., 2022), suggesting that rhizo-
sphere SOC may have been formed via microbial assimilation and 
transformation of simple plant C substrates into microbial biomass and 
residues, which then became associated with soil minerals (i.e., the ‘in 
vivo microbial turnover pathway’ (Liang et al., 2017)). The chemical 
composition of SOC in the detritusphere had a less oxidized profile than 
the rhizosphere, and a greater abundance of lignin-like compounds 
(Fig. 6, Fig. S7). This chemical signature more clearly resembled 
partially decomposed plant litter, which had not been as thoroughly 
transformed by microorganisms (Sanderman et al., 2014; Sokol et al., 
2019b). This may suggest that a greater proportion of SOC in the 
detritusphere was formed via partial decomposition of complex plant 
compounds into simpler plant compounds that directly associated with 
soil minerals (described as the ‘ex vivo modification pathway’ (Liang 
et al., 2017)). Some chemical data (i.e., STXM-NEXAFS) suggested that 
soil moisture modulated these patterns, as mineral-associated SOC in the 
droughted rhizosphere more closely resembled the detritusphere 
(Fig. S7). 

Viewed together, several pieces of complementary evidence (mi-
crobial traits, 13C-qSIP, chemical composition of SOC via FTICR-MS, 13C 
NMR, and STXM-NEXAFS) support our hypotheses that: (1) distinct 
pathways of mineral-associated SOC formation predominate in the 
rhizosphere versus the detritusphere of A. barbata, (2) these pathways 
are associated with distinct microbial traits and taxa, and (3) soil 
moisture can modulate these relationships (Fig. 1). The ‘in vivo microbial 
turnover pathway’ may dominate in the rhizosphere of grasslands soils, 
where fast-growing taxa with high biomass yield thrive on lower- 
molecular weight plant inputs (e.g. certain root exudates). These sub-
strates are biosynthesized into various intracellular and extracellular 
microbial compounds, which subsequently form SOC with a more 
microbially-derived signature relative to the detritusphere (Fig. 6; 
Fig. S7). Microbial traits like growth rate, biomass, and EPS may help 
predict mineral-associated SOC accrual in the rhizosphere, although 
relationships with CUE are more complex (Fig. 3). In contrast, in the 
detritusphere, microorganisms with fast growth and high yield may not 
be as competitive on more complex sources of organic C (e.g., root 
detritus), where greater exoenzyme activity is required to decompose 
these complex compounds into simpler compounds (Poll et al., 2008; 
Malik et al., 2019, 2020; Ramin and Allison, 2019; Zheng et al., 2020). 
The ‘ex vivo modification pathway’ may dominate in the detritusphere of 
grassland soils, characterized by exoenzyme-mediated depolymeriza-
tion of more complex inputs (i.e., root litter) into simpler plant com-
pounds, which form mineral-associated SOC with a more lignin-like, 
‘plant-derived’ signature (Fig. 6; Fig. S7). External forcings like drought 
can modulate these relationships, selecting for a rhizosphere microbial 
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community that behaved more like the detritusphere community in 
terms of which taxa were active in assimilating 13C, some of the 
community-level traits expressed, as well as the formation of 
mineral-associated SOC via the ex vivo modification pathway. 

Future research can build upon the findings presented in this study. 
First, there is a critical need to enhance existing methodological ap-
proaches and incorporate novel techniques for assessing a diverse array 
of microbial traits. Notably, all current CUE methods have limitations 
that hinder their accuracy, such as measuring net growth instead of 
gross growth, failing to account for allocation to extracellular products, 
as well as comparability challenges between approaches (Geyer et al., 
2019). The 18O–H2O CUE method may introduce biases in different 
moisture treatments and soil habitats based on the rate of microbial 
mortality and DNA degradation; promisingly, a new 18O water equili-
bration method may represent a viable avenue for estimating CUE under 
different moisture conditions (Canarini et al., 2020), though more work 
is needed to better constrain the range of parameters that influence CUE 
values under different environmental conditions (Pold et al., 2020). 
Second, innovative approaches should be used to untangle how micro-
bial versus plant traits temporally affect SOC cycling in dynamic habitats 
like the rhizosphere, including under different environmental stressors. 
For instance, it is challenging to distinguish microbial versus plant 
contributions to 13C-EPS, and accurately identify plant versus microbial 
contributions to SOC (Whalen et al., 2022). Third, to understand how 
the activity of different microbial taxa change over time, such as 
throughout the growing season or various stages of root detritus decay, 
methods like qSIP should be conducted at multiple time points (Blaz-
ewicz et al., 2020; Nicolas et al., 2023). Given the dynamic nature of 
microbial populations, conducting time-resolved qSIP measurements 
could help to more accurately capture the contributions of different 
populations to 13C–SOC accrual. Using a holistic approach will 
contribute to a more nuanced understanding of the intricate processes 
governing soil microbial dynamics and their impact on carbon cycling in 
diverse ecosystems. 

5. Conclusion 

Our results challenge current hypotheses of a consistent, positive 
relationship between mineral-associated SOC and traits like CUE and 
growth rate (Bradford et al., 2013; Cotrufo et al., 2013), by demon-
strating that these relationships are shaped by microbial habitat and soil 
moisture. While growth rate was a positive predictor of 
mineral-associated SOC in the rhizosphere, it was a negative predictor in 
the detritusphere; CUE was a negative predictor in both habitats. Our 
findings on the role of plant C input and soil habitat may help explain 
prior contrasting observations on the role of growth rate/CUE in 
mineral-associated SOC accrual (Kallenbach et al., 2015, 2016; Craig 
et al., 2022). Our results also suggest that it is important to consider how 
soil microorganisms allocate their C under different resource environ-
ments (e.g., the rhizosphere versus the detritusphere) and different 
climate stressors (e.g., drought) – such as to growth versus resource 
acquisition – and the downstream consequences for SOC cycling (Geyer 
et al., 2020; Craig et al., 2022). Together, our data provide support for 
soil biogeochemical models that more explicitly account for different 
microbial habitats (Sulman et al., 2014) and microbial life history 
strategies (Wieder et al., 2014), and provide evidence that distinct life 
history strategies can be linked with a highly constrained number of 
active taxa in different soil habitats. To advance ecological theory and 
microbial-explicit biogeochemical models, it will be critical to accu-
rately depict which microbial traits are linked with SOC storage in the 
different soil habitats where it is formed, as the relative proportion of 
living and dead root inputs can shift under climate change due to shifts 
in vegetation or altered allocation patterns (Malik et al., 2020; 
Marschmann et al., 2022; Sokol et al., 2022a), with direct implications 
for the quantity, chemical composition, and long-term persistence of 
SOC (Sokol et al., 2022a,b; Heckman et al., 2023). 
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