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Abstract 

Microbial community structure from the surface ocean to deep sea sediments 
and linking deep sea microbes to organic matter degradation 

Rachel C. Clark 

 

Patterns of marine microbial community composition are observable across ocean 

depths, with distinct ecological niches based on the environmental conditions at each 

depth. A fundamental biogeochemical role of microbes in the marine carbon cycle is 

the degradation of particulate organic matter. Identifying the microbes that are 

actively degrading organic matter in the deep sea is challenging. The main objective 

of this dissertation is to understand variations in vertical distributions of microbial 

communities and to develop methods that could allow us to understand which 

community members contribute actively to degradation of organic matter. Vertical 

gradients of marine bacterial diversity and overall abundances were characterized 

from the surface to the seafloor (Chapter 2), and the variability of deep sea sediment 

bacterial communities was identified through replicated sampling of sediments 

(Chapter 3). Flow cytometric cell enumeration showed that bacterial abundance 

decreased with increasing water depth regardless of the region studied or distance 

from shore. V1-V2 16S rRNA gene amplicon analyses at 100% nucleotide identity as 

amplicon sequence variants (ASVs) identified distinct bacterial communities in four 

defined zones: photic (0 – 200 m), mesopelagic (200 – 1000 m), bathypelagic (> 1000 

m) and surface sediments (0 to 20 cmbsf). Bacterial communities of surface 

sediments >10 km apart were distinct from each other, while those sampled from 
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within 1 m were similar. Phylogenetic approaches focusing on the ubiquitous pelagic 

bacteria, Alphaproteobacteria Pelagibacterales (SAR11 clade) and 

Deltaproteobacteria SAR324, expanded our evolutionary understanding about the 

diversity of these groups while also distinguishing potential ecological niches based 

on vertical depth distributions. Building on characterization of bacterial diversity, 

deep water in situ incubation experiments were performed to identify bacterial groups 

activity involved in phytodetrital organic matter degradation (Chapter 4). The 

addition of phytodetritus led to an increase in relative abundance of taxa known to 

degrade polysaccharides. The results provided in this thesis provide high-resolution 

analyses of marine bacterial community composition throughout the water column 

and into the upper 20 cm of deep sea sediments in the eastern North Pacific Ocean. 

Collectively, these studies provide a baseline for assessment of future changes, as the 

influences of global climate change reshape ocean communities.    
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Chapter 1: Introduction 

 

     Marine microbial communities process about half of the global biogeochemical 

flux of important elements such as carbon, nitrogen, phosphorous and sulfur 

(Falkowski et al. 2008; Zehr and Kudela 2010). Microbes fulfill a variety of roles 

such as autotrophs, heterotrophs, mixotrophs, symbionts and parasites in order to 

interact with these elements. These roles are performed by a diverse suite of microbial 

community members throughout the water column. It is widely recognized that 

heterotrophic microbes are involved in elemental transformation and energy flow 

(Worden et al. 2015) by recycling dissolved organic carbon and nutrients through the 

microbial loop (Azam et al. 1983). The microbial loop formalizes the fundamental 

roles of microbes such as bacteria in both the trophic transfer of energy and in carbon 

remineralization. The flux of organic carbon from the surface ocean to the seafloor is 

mediated by diverse microbes vertically distributed in the ocean.  

     A fundamental biogeochemical role of microbes in the marine carbon cycle is the 

degradation of particulate organic matter (POM, > 0.5 μm). This degradation 

regulates oceanic carbon sequestration via the biological pump (Buesseler et al., 

2008; Charette et al., 1999). A portion of organic carbon produced at the surface is 

exported to the deep sea where heterotrophic microbial respiration is supported by 

organic carbon availability (Arístegui et al., 2009). Microbes are critical in the 

degradation and remineralization of both sinking (Cho and Azam 1988; Steinberg et 
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al. 2008) and suspended POM (Giering et al., 2014; Karl et al., 1988), as well as 

metabolizing biochemically heterogeneous dissolved organic matter (DOM, < 0.5μm; 

Azam et al., 1983; Benner et al., 1992; Pomeroy et al., 2007). Once organic matter 

generated from the surface ocean reaches the deep sea, there is a gap in our 

understanding of the specific deep sea bacteria actively remineralizing sinking 

phytodetritus or other forms of organic matter.  

     The ability for microbes at a particular location in the ocean to process organic 

carbon depends on the specific community members present. Patterns in marine 

microbial community structure are observable across latitude, longitude, depth and 

temporally (Zinger et al. 2011). Depth has been found to be a major factor in 

observed differences in microbial community composition between the surface and 

the deep ocean (Bergauer et al. 2018; Brown et al. 2009), with the similarity in 

community composition decreasing over this gradient (Brown et al. 2009; Delong et 

al. 2006; Treusch et al. 2009; Walsh et al. 2016). While diversity has been well 

studied at select depths of the water column globally (Brown et al. 2009; Delong et al. 

2006; Easson and Lopez 2019; Ghiglione et al. 2008; Jing et al. 2013; Signori et al. 

2014; Walsh et al. 2016), there have been fewer studies with repeated sampling over 

surface to seafloor depth intervals (Cram et al. 2015). A multi-depth view vertically 

through the ocean (Fig. 1.1) provides the opportunity to identify differences in 

bacterial diversity and community, potentially highlighting distinct ecological niches 

based on the environmental conditions at each depth.  
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     Additionally, surface sediment bacterial communities are influenced by organic 

matter flux from the surface ocean, as this is the interface between the water column 

and deeper subseafloor sediments. The availability of organic matter and its 

recalcitrance are significantly associated with differences in bacterial community 

structure of deep sea sediments (Bienhold et al. 2016; Danovaro et al. 2016). In 

locations with high sedimentation rates such as near the coast, the metabolism of 

sediment microbes depletes oxygen rapidly leading to a scarcity of optimal terminal 

electron acceptors (D'Hondt et al. 2004). A vertical zonation of sediment porewater 

geochemistry leads to peak concentrations of dissolved products from different redox 

processes with increasing depth into the sediment (Jørgensen 2000). The close 

coupling between geochemistry and microbiology provides insight into specific 

microbial activities when examined in parallel. In addition to the influence of surface 

derived organic matter on sediment communities, further organic matter may be 

supplied through biological and physical perturbations. Sediments located within a 

submarine canyon are affected by various physical disturbances (e.g. sediment 

slumps, dense water cascading events, tidal forcing and storm-induced gravity flows) 

and resource availability (De Leo et al. 2014; Pasqual et al. 2011; Tesi et al. 2008). 

These factors are thought to have a strong influence on prokaryotic activities in the 

sediments (Šimek et al. 2005). A biological perturbation may come from fast sinking 

blooms of particular algae, or ever the deposition of a dead whale. This latter results 

in a massive punctuated input of organic matter that potentially provides the 

equivalent of 2000 years of accumulated background particulate organic carbon flux 
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to the deep seafloor (Smith and Baco 2003). These types of perturbations influence 

deep sea surface sediment bacterial community composition and activities (Goffredi 

and Orphan 2010).  

     Recently, a wealth of new genomic data has been generated, in both the surface 

ocean and deep sea (e.g. Salazar et al. 2016; Sunagawa et al. 2015), and used to infer 

an expanded version of the tree of life (Hug et al. 2016). This tree underscores the 

importance of organisms that so far lack representative isolates, and highlights that 

major lineages are currently underrepresented in today’s biogeochemical models.  

     The widely used ribosomal RNA (rRNA) amplicon sequencing method provides 

the opportunity to learn about environmental microbial communities without relying 

on cultivated representatives. This dissertation uses amplicon sequences of V1-V2 

16S rRNA gene hypervariable region. The 16S rRNA gene product is essential 

(Acinas et al., 2004; Woese, 1987) for prokaryotic ribosomal structure, making the 

gene highly conserved with characteristic loops (V1 to V9) where mutation is not 

deleterious. Here, so-called universal primers for V1-V2 16S rRNA were used to 

amplify and sequence bacterial and phytoplankton rRNA genes. While these primers 

are excellent for capturing sequences from both bacteria and even plastids they do 

exclude archaea (Wear et al. 2018). Analyzing 16S rRNA gene amplicons at the 

100% nucleotide identity level allows for the potential to probe strain-level variation 

(Callahan et al. 2017) and to discriminate distinct microbial populations of ecological 

importance (Eren et al. 2013).  
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     In addition to analyzing microbial population structure based on 16S rRNA gene 

amplicons, phylogenetics can connect fine scale genetic variations with evolutionary 

relationships within taxa. We examined the vertical distribution of 

Alphaproteobacteria Pelagibacterales and Deltaproteobacteria SAR324 throughout 

the water column. These taxa were selected for more fine-scale analysis because they 

were abundant in our datasets. Moreover, Pelagibacterales is distributed globally, 

with the greatest relative abundances in the photic zone (Morris et al. 2002), and 

Deltaproteobacteria SAR324 are considered ubiquitous at depths below the photic 

zone (Swan et al. 2011). 

The objectives of this dissertation were to: 

1. Characterize the variation in bacterial community structure from the surface 

ocean to the seafloor, in and near Monterey Bay 

2. Identify deep sea sedimentary bacteria from a submarine canyon and assess 

the heterogeneity from sediments sampled < 1m and > 10 km apart, including 

sediments that have received a massive input of organic carbon in past time 

(whalefall) 

3. Identify deep sea bacteria that actively respond to fresh input of phytodetrital 

organic carbon 

     This dissertation aims to contribute to the understanding of microbial community 

connectivity over vertical gradients in the ocean and identifying the deep sea bacteria 

involved in organic matter remineralization. These studies are important for 

establishing a baseline of the current bacterial community composition in order to 
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understand both water column and sediment ecosystems in coastal and mesotrophic 

conditions. Replicated sampling of surface sediments was used to assess the 

variability of bacterial community composition at spatial scales: < 1 m and > 10 km 

apart. The study additionally compares sites known to have had massive episodic 

input of organic matter, in the form of a deposited dead whale. Building on the 

identification of deep sea bacterial community composition, deep sea in situ 

incubation experiments were conducted to identify the portion of the microbial 

communities that responds actively to organic matter input to the deep sea.  

     To address these objectives a variety of oceanographic research tools were 

employed. A conductivity-temperature-depth (CTD) Niskin rosette is a standard 

instrument used for identifying initial water conditions with depth and targeting 

collection of seawater at specific depths. A remotely operated vehicle (ROV) enables 

targeted sediment sampling and deployable in situ incubators. ROVs allow for a 

visual assessment of the seafloor in order to sample sediments < 1 m apart and to 

focus on sediments located at a previous whale fall and ~100 m away at the same 

seafloor depth. Additionally, ROVs are capable of manipulating the in situ incubators 

developed during this study to collect and incubate deep sea seawater for varying 

lengths of time freshly amended with phytodetrital organic matter.  

     Collectively, the research presented here provides insights into vertical 

distributions of bacteria in the water column from the surface to seafloor and into the 

upper 20 cm of deep sea sediments and links deep sea bacterial groups to organic 

matter remineralization. In the long term these studies should help to better inform 
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microbial oceanographers about the distributions, heterogeneity and activities of 

marine bacterial communities.    
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Figure 1.1 

Schematic of the ocean zones and depths ranges from the surface to the seafloor.  

Photic 
0 – 200 m

Mesopelagic 
200 – 1000 m

Bathypelagic 
> 1000 m

Sediment
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Chapter 2: Vertical gradients of diversity and distributions of bacteria in the oceanic 

water column 

 

Abstract  

     To examine the fate and degradation of organic carbon compounds in the ocean, it 

is important to understand variations in bacterial communities from the surface to the 

deep sea. We performed vertical diversity profiling at sites in a submarine canyon 

ecosystem, in or near Monterey Bay, CA, USA, with bottom depths ranging from 633 

m to 1,978 m. Bacterial diversity was assessed using V1-V2 16S rRNA gene 

amplicons analyzed at 100% nucleotide identity as amplicon sequence variants 

(ASV). A sharp gradient of increased bacterial diversity (computed with 

cyanobacteria removed) was observed from photic to bathypelagic depths. Bacterial 

cell abundances determined by flow cytometry decreased by >1 order of magnitude 

from 1,215,206 ± 691,526 cells ml-1 in the seasonally variable photic zone (0 – 200 

m) sampled during three expeditions, to 228,073 ± 143,227 and 67,106 ± 12,252 cells 

ml-1 in mesopelagic (200 – 1000 m) and bathypelagic (>1000 m) samples, 

respectively. Bacterial diversity as ASV relative abundances were much more 

variable between depth zones than between sites, resulting in reproducible 

distributions of community ASVs into photic, mesopelagic and bathypelagic zones. 

ASVs classified as Alphaproteobacterial groups Pelagibacterales (SAR11 clade) Ia 

and Rhodobacteraceae exhibited the highest relative amplicon abundances in the 

photic zone; Deltaproteobacteria SAR324 and Gammaproteobacteria 
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Oceanospirillales dominated mesopelagic and bathypelagic amplicons. We examined 

two of these top four lineages with phylogenetic methods to better distinguish 

biological groupings with ecological differences within these bacterial lineages. 

Amplicon placement on Pelagibacterales and SAR324 phylogenetic reconstructions 

based on near-full length 16S rRNA gene sequences showed that Pelagibacterales 

subclade dominants differed across depths, such that subclades Ib and Ic were the 

most abundant among the 12% ± 2 Pelagibacterales (out of total bacterial amplicons) 

in the bathypelagic. In contrast, the most dominant SAR324 clade is clade II, 

comprising 13.37% ± 2.93 of all bacterial amplicons in the mesopelagic and 

bathypelagic. These strong, highly resolved vertical gradients of bacterial diversity 

and distributions identify variations in dominants that likely connect to functional 

differences in gene content and physiology.  

 

Introduction 

 

     Patterns in marine microbial community structure are observable across latitude, 

longitude, depth and temporally (Zinger et al. 2011). Depth has been found to be a 

major factor in observed differences in microbial community composition between 

the surface and the deep ocean (Bergauer et al. 2018; Brown et al. 2009), with the 

similarity in community composition decreasing over this gradient (Brown et al. 

2009; Delong et al. 2006; Treusch et al. 2009; Walsh et al. 2016). While diversity has 
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been well studied at select depths of the water column globally (Brown et al. 2009; 

Delong et al. 2006; Easson and Lopez 2019; Ghiglione et al. 2008; Jing et al. 2013; 

Signori et al. 2014; Walsh et al. 2016), there are fewer studies from repeated 

sampling over surface to seafloor depth intervals (Cram et al. 2015).  

     A multi-depth view vertically through the ocean provides the opportunity to 

identify differences in bacterial diversity and community, potentially highlighting 

distinct ecological niches based on the environmental conditions at each depth. 

Analyzing 16S rRNA gene amplicons at the 100% nucleotide identity level allows for 

the potential to probe strain-level variation (Callahan et al. 2017) and to discriminate 

distinct microbial populations of ecological importance (Eren et al. 2013). A previous 

study focusing on the differences of the two most abundant Pelagibacterales 

sequences within a marsh ecosystem, found their V4 16S rRNA gene amplicon 

sequences to be 99.57% similar to each other. Nevertheless, these closely related 

sequences delineated according to temperature, such that the Pelagibacterales taxa 

represented seemingly occupy distinct ecological niches (Eren et al. 2013). This 

identification of microdiversity within a bacterial community allows for the inference 

of evolutionary forces with important ecological implications (Needham et al. 2017). 

     In addition to analyzing microbial population structure based on 16S rRNA gene 

amplicons, phylogenetics can connect fine scale nucleotide variations with 

evolutionary relationships between taxa. For the Alphaproteobacterial group 

Pelagibacterales there are currently five broad clades that further split into nine 

recognized subclades (Ia, Ib, Ic, IIa, IIb, IIIa, IIIb, IV, V) based on phylogenetic 
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analysis of the partial or near-full length 16S rRNA gene (Brown et al. 2012; 

Giovannoni 2017; Grote et al. 2012; Vergin et al. 2013). Collectively, 

Pelagibacterales are known for their high abundance in the ocean (Morris et al. 2002) 

and simple metabolic schemes for oxidizing a broad range of labile dissolved organic 

compounds (Giovannoni 2005; Schwalbach et al. 2010; Sowell et al. 2009; Sun et al. 

2011; Tripp et al. 2008, 2009). Pelagibacterales subclades that have been connected 

to differences in relative abundance over geographical locations, depths and seasons 

(Brown et al. 2012; Carlson et al. 2009; Field et al. 1997; García-Martínez and 

Rodríguez-Valera 2000; Stingl, Tripp et al. 2007; Vergin et al. 2013). The original 

exploration of major clades of Pelagibacterales was performed using V1-V3 16S 

rRNA terminal restriction fragment length polymorphism (T-RFLP) data from the 

Bermuda Atlantic Time-Series (BATS), in the western Sargasso Sea, showing that 

subclade Ia is highly abundant in summer surface waters, subclade Ib is more 

common in spring throughout the photic zone, and subclade II is found in 

mesopelagic waters year-round (Carlson et al. 2009). Furthermore, metagenomic 

reads mapping to single-cell genomes of subclade Ic, isolated from 770 m at Station 

ALOHA, in the North Pacific Subtropical Gyre, are highly abundant in mesopelagic 

and bathypelagic waters (Thrash et al. 2014). Comparison of these subclade Ic single-

cell genomes to previous surface Pelagibacterales genomes (Grote et al. 2012) found 

that subtle genome variation controls phenotypic characters connected to adaptation 

of various Pelagibacterales subclade members to their respective niches in the surface 

and deep ocean (Thrash et al. 2014). In other ocean regions where oxygen minimum 
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zones (OMZs) have been studied, specifically the Eastern Tropical North Pacific off 

Mexico, subclades IIa and IIb peaked at anoxic depths (Tsementzi et al. 2016). In the 

absence of oxygen, nitrate reduction to nitrite is the dominant process of organic 

matter oxidation. The high abundance of subclades IIa and IIb suggests they may 

contribute to nitrite production in OMZs (Tsementzi et al. 2016).  

     While Pelagibacterales is found globally, it has the greatest relative abundances in 

the photic zone (Morris et al. 2002), and Deltaproteobacteria SAR324 are considered 

ubiquitous at depths below the photic zone (Swan et al. 2011). There are not yet any 

cultivated representatives of SAR324, though genomes have been assembled from 

single cell genomes (SAGs) and metagenomes (Chitsaz et al. 2011; Haroon et al. 

2016). The diversity of SAR324 has become a focus point more recently than the 

Pelagibacterales. However, several studies have addressed the variable metabolic 

capacity of members of this group via genomes and metatranscriptomes (Georges et 

al. 2014; Li et al. 2014; Sheik et al. 2014; Swan et al. 2011). The possible metabolic 

flexibility of SAR324 was reported based on the presence of carbon fixation genes 

(ribulose-1,5-bisphosphate carboxylase-oxygenase; RuBisCO) and sulfur oxidation 

genes (adenosine 5’-phosphosulfate reductase and reverse-type dissimilatory sulfite 

reductase), in single amplified genomes from the mesopelagic in the South Atlantic 

and North Pacific. These data suggest sulfur oxidation provides the energetic support 

for autotrophic carbon fixation (Swan et al. 2011). In contrast, a SAR324 SAG 

generated from a sample collected at 6 m near La Jolla, California, suggests an 

aerobic, motile, and heterotrophic lifestyle of SAR324 (Chitsaz et al. 2011). The idea 
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that members of SAR324 have a versatile metabolism that includes inorganic carbon 

fixation, sulfur oxidation, hydrocarbon utilization capabilities and heterotrophy, with 

genes for these pathways being present and actively expressed simultaneously, has 

been supported by metagenome and metatranscriptome analyses from a hydrothermal 

plume (1950 and 1963 m) and surrounding waters (1600 and 1900 m) in the Gulf of 

California. This versatility may explain the ubiquity of SAR324 in the deep ocean 

(Sheik et al. 2014) as the particulate organic matter at these depths is heterogenous in 

its quality and quantity, depending on changing surface productivity and other factors 

(Lima et al. 2014; Smith et al. 2013). Moreover, comparisons of these metagenomes 

to the surface coastal SAG from La Jolla, California found less than 100 proteins out 

of 3536 were shared and 16S rRNA gene sequence similarity was less than 90% 

(Sheik et al. 2014). The abundance of SAR324 throughout the global ocean has been 

found to be correlated with low-oxygen conditions associated with OMZs and 

microscale oxyclines forming on particles throughout the water column (Wright et al. 

2012). A more complete (> 96%) draft genome (lautmerah 10) (Haroon et al. 2016) 

assembled from a metagenome sampled at 10 m in the Red Sea supports the 

metabolically diverse metabolisms identified with previous SAR324 genomes 

(Chitsaz et al. 2011; Sheik et al. 2014; Swan et al. 2011). Hence, it is clear that 

understanding the diversity within SAR324, paired with the known metabolic 

capacity, will allow us to better predict the ecological niches that SAR324 is 

occupying throughout the water column.  
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     Here, we examine the distribution of bacterial taxa and transitions in diversity 

throughout the water column, using the V1-V2 region of the 16S rRNA gene and 

amplicon sequencing as well as flow cytometry. We focused on a dynamic submarine 

canyon ecosystem with a multi-depth sampling strategy implemented on three 

research expeditions. Our analysis applies a two part approach, sampling throughout 

the water column combined with an ASV analysis and phylogenetic analysis of two 

key groups. These analyses advanced our understanding of how different clades 

within key bacterial groups are distributed throughout the water column and aspects 

of community connectivity between the surface and deep ocean. Our studies reveal 

variations in marine microbial community composition over space and time, 

information that is necessary to understand a baseline of community structure against 

which future deviations resulting from climate change or other perturbations can be 

assessed.  

 

Materials and Methods 

 

Oceanographic sampling 

 

     Three research cruises were conducted onboard the R/V Western Flyer in 

September 2015, May 2016, and September 2016, in or near Monterey Bay, in the 
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eastern North Pacific Ocean (Fig. 2.1). Five stations were sampled: CY1978m, 

CY1833m, WF1820m, WF1018m, and WF633m. Station name letters indicate being 

at a location where a whale carcass existed on the sea floor (WF, whale fall) while 

“CY” corresponds to a submarine canyon site with no such known unusual attributes. 

Number values in names indicate the bottom depth at the station.  

     Seawater was collected at 12 to 16 depths from the surface to near the seafloor 

using Niskin bottles mounted on a conductivity-temperature-depth (CTD) rosette or 

on the remotely operated vehicle (ROV) Doc Ricketts. Samples for DNA extraction 

were collected by filtering 1 L of seawater onto a 0.2 µm 47 mm Supor filter (Pall 

Gelman, East Hills, NY, USA) in duplicate and immediately frozen at -80°C. Flow 

cytometry samples were preserved in glutaraldehyde (EM grade, 0.25% final 

concentration, Electron Microscopy Services, Hatfield, PA, USA) at room 

temperature in the dark for 20 min, flash frozen in liquid nitrogen and stored at -80°C 

(Marie et al. 2001). Corresponding nutrient samples were taken and analyzed as 

previously described (Pennington and Chavez 2000) (Table S2.1).  

 

Flow cytometry 

 

     Bacterial cell counts were measured by analytical flow cytometry using a BD 

Influx flow cytometer (BD Biosciences, San Jose, CA, USA). After thawing, 

preserved seawater samples were stained with SYBR Green I (0.5X final 



17 
 

concentration; Molecular Probes, Inc., Eugene, OR, USA) for 15 min at room 

temperature in the dark (Marie et al. 2001). Two types of fluorescent polystyrene 

beads, 0.75 µm yellow-green and 0.5 µm green (Polysciences, Inc., Warrington, PA, 

USA), were added to the stained sample for reference. Samples were run at 25 µl min-

1, as measured with an inline flow meter (Sensirion SLG-1430), using a 200 mW 488 

nm laser to interrogate cells. Each sample was pre-run 2 min, then bacterial 

populations were resolved by green fluorescence (520 nm±35nm filter, trigger) and 

Forward Angle Light Scatter (FALS). Events were collected for 2 min, and the 

volume analyzed was confirmed by weight measurements. Prior to determining 

bacterial counts, phototrophs were analyzed based on red chlorophyll 

autofluorescence (692/40 nm bp) vs FALS (trigger) or orange phycoerythrin 

autofluorescence (572/27 nm bp) vs FALS (trigger). Cyanobacteria and eukaryotic 

algae were subsequently gated out so that non-phototrophic bacteria could be 

enumerated. Flow cytometry data were analyzed in WinList 3D 8.0 (Verity Software 

House, Topsham, ME, USA).  

 

DNA extraction, PCR and sequencing 

 

     DNA was extracted from filters using a modification of the QIAGEN DNeasy 

Plant kit (Qiagen, Valencia, CA, USA), including addition of a bead beating step 

(Demir-Hilton et al. 2011), and quantified with the QuBit dsDNA high-sensitivity 
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assay (Invitrogen, Carlsbad, CA, USA). Prior to PCR, templates were diluted to 5 ng 

µl-1 with TE pH 8 (Thermo Fisher Scientific, Waltham, MA, USA). Polymerase chain 

reactions (50 µl) were set up as previously described (Hamady et al. 2008) with 5 µl 

of 10x buffer, 1 U of HiFi-Taq, 1.6 mM MgSO4 provided in the Platinum Taq kit 

(Invitrogen, Carlsbad, CA, USA), 5 ng of template DNA, 200 nM of the forward 

primer (27FB, 5′-AGRGTTYGATYMTGGCTCAG-3′) and of the reverse primer 

(338RPL, 5′- GCWGCCWCCCGTAGGWGT-3′) (Fortunato et al. 2012). The PCR 

cycling parameters were 94°C for 2 min; 30 × 94°C for 15 s, 55°C for 30 s, 68°C for 

1 min and a final elongation at 68°C for 7 min. Following the PCR, an aliquot was run 

on a 1% Agarose gel to verify the desired V1-V2 16S rRNA gene product (∼ 300 nt 

in length) had been amplified. Samples were sequenced using Illumina MiSeq 2x300 

bp paired-end reads.  

 

V1-V2 16S rRNA gene amplicon quality control 

 

     Amplicon sequence reads were processed with USEARCH v9 (Edgar 2010) for 

quality control and to merge paired-end reads. Low quality bases were trimmed from 

the sequences using a 10% read length window with a Q25 running-quality threshold. 

Paired-end sequences were merged with a ³ 50-nucleotide overlap, minimum 

sequence length of 200 nucleotides, and maximum 5% mismatches. A filtering step 

was performed to discard low-quality merged sequences with a maximum expected 
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error >1. Primers were removed from the sequences with cutadapt (Martin 2011). For 

each sample, between 15,181 and 460,250 amplicons were generated (average = 

181,368 ± 77,639, median = 178,316, n = 97; Table S2.2). 

 

Amplicon sequence variant resolution 

 

     Merged amplicon sequences were resolved into amplicon sequence variants 

(ASVs) of 100% pairwise nucleotide identity with USEARCH v10.0.240 (Edgar 

2010). The unoise3 algorithm (Edgar 2016) was used to infer exact ASVs from the 

sequencing data, rather than building operational taxonomic units (OTUs) from 

sequence similarity. Taxonomy was assigned to each ASV using the SILVA database 

(Pruesse et al. 2007) (release 128, September 07 2016, https://www.arb-

silva.de/documentation/release-128) via QIIME2-2018.2 q2-feature-classifier 

(Bokulich et al. 2018). We excluded plastid, mitochondrial, or cyanobacterial ASVs 

based on the SILVA assignment, resulting in 57,827 total bacterial ASVs (Table 

S2.2). The universal V1-V2 16S rRNA primer pair used did not recover archaea 

(Wear et al. 2018). 

 

Statistical analyses 
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     All bacterial community ASV (cyanobacteria removed) analyses were conducted 

using the “vegan” package (v2.4.4; https://cran.r-project.org/web/packages/vegan/) in 

R (v3.4.1) (Oksanen et al. 2017). For each sample, the Shannon diversity index was 

calculated to estimate community diversity. Hierarchical clustering based on Bray-

Curtis dissimilarity (Bray and Curtis 1957) of bacterial amplicon sequences relative 

abundance was calculated to compare community compositions between samples. 

The relative read proportion of bacterial ASVs were calculated by dividing the ASV 

count by the total reads in each sample. These relative read proportions were log2 

transformed for better visualization. All base plots used in the included figures were 

generated using the R package “ggplot2” (v2.2.1; https://ggplot2.tidyverse.org) 

(Wickham 2016). 

 

Pelagibacterales and SAR324 phylogenetic reconstructions 

 

     For high-resolution Pelagibacterales diversity analyses, a total of 139 near full-

length 16S rRNA gene sequences representing Pelagibacterales were retrieved from 

the SILVA database (release 128) and through the blastn search from GenBank. 

These 139 sequences (including one Escherichia coli and one Magnetococcus 

marinus as an outgroup) were aligned using MAFFT (Katoh and Standley 2013) with 

default parameters and gaps were masked using trimAl v1.4 (Capella-Gutiérrez et al. 

2009). Phylogenetic inferences were made using Maximum Likelihood methods 
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implemented in RAxML (Stamatakis 2014) under gamma corrected GTR model of 

evolution with 1,000 bootstrap replicates based on 1,303 homologous positions. 

Another Maximum Likelihood inference was made using PhyML 3.0.1 (Guindon et 

al. 2010) with the same substitution model and 100 bootstrap replicates. Additional 

phylogenetic reconstructions were performed in MrBayes 3.2.6 (Ronquist et al. 2012) 

with the parameters of lset nst=6 rates=invgamma, ncat=6, ngenval=10000000, 

samplefreqval=1000 and tempval=0.200. The final tree was visualized with FigTree 

1.4.0 (http://tree.bio.ed.ac.uk/software/figtree) with topology from RAxML 

(Supplemental Fig. 2.1). 

     For high-resolution SAR324 diversity analyses, a total of 107 near full-length 16S 

rRNA gene sequences representing SAR324 were retrieved from the SILVA database 

(release 128) and through the blastn search from GenBank. These 107 sequences 

(including three Nitrospinaceae, two Desulfobulbaceae, and three 

Desulfovibrionaceae as an outgroup) were aligned using MAFFT (Katoh and 

Standley 2013) with LINSI parameters and gaps were masked using trimAl v1.4 

(Capella-Gutiérrez et al. 2009). Phylogenetic inferences were made by Maximum 

Likelihood methods implemented in RAxML (Stamatakis 2014) under gamma 

corrected GTR model of evolution with 1,000 bootstrap replicates based on 1,227 

homologous positions. Additional phylogenetic reconstructions using PhyML and 

MrBayes were conducted as described above. The final tree was visualized with 

FigTree 1.4.0 and topology from RAxML (Supplemental Fig. 2.2). 
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Phylogenetic amplicon assignment  

 

     In addition to resolving ASVs, sequenced amplicons were phylogenetically placed 

using PhyloAssigner v6.166 (Vergin et al. 2013), which performs a profile alignment 

of amplicon sequences to a multiple sequence alignment using HMMER (Eddy 2011) 

and assigned phylogenetic positions in an unmasked reference tree based on 

Maximum Likelihood methods using PPLACER (Matsen, Kodner, and Armbrust 

2010). The amplicon sequences were run against a reference alignment and tree of 

16S rRNA gene sequences (Vergin et al. 2013) to identify Pelagibacterales and 

SAR324 sequences. The Pelagibacterales amplicon sequences were retrieved based 

on their taxonomic assignment to the 16S rRNA gene reference tree (Vergin et al. 

2013). The amplicons identified as Pelagibacterales were then run in PhyloAssigner 

using our fine scale Pelagibacterales reference tree to phylogenetically place 

amplicon sequences into clades and subclades. SAR324 amplicons were also 

retrieved based on their taxonomic assignment in the 16S rRNA gene reference tree 

(Vergin et al. 2013), and placed using PhyloAssigner and our SAR324 reference tree 

to bin amplicon sequences into SAR324 clades. 

     To examine only the Pelagibacterales component of the bacterial communities, the 

relative read proportion was calculated for each subclade identified in the 

Pelagibacterales phylogenetic tree. Hierarchical clustering based on Bray-Curtis 

similarity (Bray and Curtis 1957) of Pelagibacterales amplicon sequences relative 
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abundance per sample was used to compare the Pelagibacterales community 

composition between samples. The same analyses were performed for the SAR324 

component of the communities.  

 

Results 

 

     Focusing in or near the Monterey Canyon located in the eastern North Pacific 

Ocean with sampling in two seasons and years, we examined the distribution of 

bacterial groups throughout the water column. We specifically examined 

heterotrophic bacteria (that is, excluding taxa responsible for oxygenic 

photosynthesis) using both V1-V2 16S rRNA gene amplicons coupled with flow 

cytometric cell enumerations across 2 to 1,978 m depths. The five stations sampled 

were located in relatively nutrient-rich, cold coastal waters (Fig. 2.1). The base of the 

photic zone varied between 25 and 150 m during the sampling periods and across 

locations, based on the deepest depth with phytoplankton present as measured by 

flow cytometry. Chlorophyll-a was highest in the photic zone (0.032 – 9.952 mg m-3) 

and no station exhibited a deep chlorophyll maximum. Dissolved inorganic nutrients 

followed expected depth profiles, with increased phosphate, silicate and nitrate 

concentrations with depth. Each of the stations exhibited a subsurface nitrite 

maximum, between 15 m – 70 m depending on the station, and nitrite then decreased 

with greater depth. The overall range in temperature was 2.0 to 17.3°C, with the 
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colder bottom depths being at the stations with greatest bottom depth (1820 - 1978 

m). The range in salinities was 33.26 – 34.61, with salinity increasing with increasing 

depth. 

 

Bacterial cell abundances 

 

     Within the photic zone, bacterial abundance (based on stained bacteria and 

removal of counts from photosynthetic bacteria) varied 10x between stations and 

periods sampled, ranging from 305,500 (CY1978m, May 2016) to 3,499,152 

(WF633m, September 2016) cells ml-1 (Fig. 2.2). Those sampled in September 2015 

exhibited the most variable surface (2 m) abundances, ranging from 485,782 

(WF1820m) to 2,482,909 (CY1833m) cells ml-1. While these two stations are about 

the same distance from shore, measured chlorophyll-a corresponded to the bacterial 

abundances (0.68 mg m-3 WF1820m and 1.91 mg m-3 CY1833m). At the base of the 

deepest photic zone, about 150 m, abundances were approximately 500,000 cells ml-1 

at all of the stations, regardless of distance from shore, seafloor depth, season, or 

year. In 2016, the lowest surface (2 m) abundances (720,000 – 1,400,000 cells ml-1) 

occurred in May, while in September they ranged between 2,000,000 to 3,000,000 

cells ml-1.  

     Bacterial cell abundance decreased by 1.5 orders of magnitude between the photic 

zone and 1,978 m, the deepest station sampled (Fig. 2.2). For the deepest samples at 



25 
 

CY1978m, bacterial cell abundances were 50,000 cells ml-1, and did not appear to 

vary moving upwards into the mesopelagic zone (200 – 1000 m depth). The samples 

collected closest to shore (WF633m; 21.67 km offshore) had the highest abundances 

overlying the seafloor (200,000 cells ml-1) compared to stations with deeper bottom 

depths, and abundance increased rapidly upwards through the mesopelagic zone at the 

two stations closest to shore (WF633m and WF1018m – 29.77 km offshore) as these 

bottom depths are already in the mesopelagic zone.  

     To examine the abundance variance at a single depth, samples were collected at 

600 m water depth from multiple stations at each sampling time. For each sample the 

technical duplicates were examined, with bacterial cell abundances of 136,277 ± 

27,235 cells ml-1 (n = 10). This showed that under the conditions and locations 

studied, bacterial abundance in the middle of the mesopelagic zone varied maximally 

by 20% across sites. When the shallowest site (WF633m) was excluded, an 

appropriate step given that its bottom depth corresponds to the mesopelagic mid-

measurement, that variability dropped to 16%, demonstrating that cell abundance is 

quite stable in the mesopelagic. Assessing the technical reproducibility of cell 

enumeration using duplicate samples from the five collection times showed low 

variability between duplicates with cell abundances of 173,937 ± 8,758 cells ml-1 

(5.0%; WF633m, September 2015), 107,753 ± 995 cells ml-1 (0.9%; CY1978m, May 

2016), 119,766 ± 15,218 cells ml-1 (12.7%; WF1018m, May 2016), 157,823 ± 2,553 

cells ml-1 (1.6%; WF1018m, September 2016), and 122,107 ± 4,556 cells ml-1 (3.7%; 

CY1978m, September 2016). 



26 
 

 

General bacterial community composition  

 

     Bacterial diversity exhibited clear depth-related changes at all sampled stations as 

reflected by the Shannon diversity index (computed after removal of cyanobacterial 

sequences). Alpha diversity increased with depth, with the sharpest increase occurring 

near the base of the photic zone. Alpha diversity remained high throughout 

mesopelagic and bathypelagic samples (Fig. 2.2). The Shannon diversity index value 

was not correlated with the number of sequences per sample (Supplemental Fig. 2.3), 

further rarefaction curves showed a plateau for each depth profile performed, 

indicating that we did capture the full diversity of the bacterial communities in each 

sample (Supplemental Fig. 2.4). 

 

Bacterial community vertical distribution variability  

 

     Hierarchical clustering (Supplemental Fig. 2.5) of bacterial communities based on 

amplicon sequence variants (ASVs) Bray-Curtis dissimilarities showed depth 

associated clusters with distinct photic (2 – 250 m), mesopelagic (300 – 750 m) and 

bathypelagic (900 – 1 978 m) groups (Fig. 2.3). Further, the photic zone samples 

cluster into upper (2 – 30 m), mid (30 – 70 m) and lower (70 – 200 m) depths, with a 
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distinct May 2016 upper photic sample cluster (2 – 25 m). Across the full water 

column, the bacterial phyla with the highest relative abundances were Actinobacteria, 

Bacteroidetes, Marinimicrobia, Nitrospinae, Proteobacteria (classes 

Alphaproteobacteria, Deltaproteobacteria, Gammaproteobacteria), and 

Verrucomicrobia (Fig. 2.3, Supplemental Fig. 2.6). 

     We next examined the top 50 most abundant ASVs in each of the three major 

depth-related ASV community composition based clusters. ASVs belonging to 

specific bacterial lineages often exhibited variable relative read proportion patterns 

across depths, that is, high microdiversity, that showed depth related patterns. Within 

the photic zone, we observed finer scale patterns that appeared connected to 

seasonality, than seen in the mesopelagic or bathypelagic. For example, the relative 

abundance in May 2016 of Alphaproteobacteria Rhodobacteraceae (24.2% of all 

sequences; 14.70% ± 9.59 relative read proportion in all photic samples; 26.04% ± 

15.25 relative read proportion of May 2016 upper photic samples) appears to be 

influencing the clustering of the upper photic (2 – 25 m) samples. Bacteroidetes are 

mostly present in photic zone samples (12.7% of all sequences; average 18.86% ± 

6.81 relative read proportion in photic samples; 0.04% ± 0.11 mesopelagic; 0.05% ± 

0.13 bathypelagic) with the highest relative abundance of Bacteroidetes ASVs 

observed in May 2016 (average 24.98% ± 4.79 upper photic samples) coinciding with 

the increase in relative read proportion of Rhodobacteraceae. Overall, while there are 

finer scale seasonality patterns of bacteria found in photic zone samples, connecting 
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with the higher variability in environmental parameters, we did not observe site-

related or seasonal differences of bacteria in bathypelagic or mesopelagic samples. 

     Alphaproteobacteria dominated photic zone communities, with ASVs classified as 

SAR11 surface 1 and ASVs classified as Rhodobacteraceae exhibiting the highest 

relative abundances (average 18.8% ± 6.7 and 13.8% ± 9.0, respectively). The 

mesopelagic and bathypelagic zone samples were dominated by Deltaproteobacteria 

SAR324 (8.7% of all sequences; average 14.9% ± 3.3 relative read proportion in 

mesopelagic and bathypelagic) and Gammaproteobacteria Oceanospirillales (14.2% 

of all sequences; average 14.6% ± 2.7 relative read proportion in mesopelagic and 

bathypelagic). Marinimicrobia (SAR406) were mostly present in bathypelagic 

samples (6.3% of all sequences; average 13.6% ± 1.6 relative read proportion in 

bathypelagic). Actinobacteria were present throughout the water column (5.4 ± 2.2% 

relative read proportion at all depths). Nitrospinae were more abundant at lower 

photic and mesopelagic depths (2.5% of all sequences; average 4.0 ± 0.8% relative 

read proportion in lower photic and mesopelagic). Verrucomicrobia were mostly 

abundant in September 2015 surface samples (4.6% of all sequences; 4.6% ± 2.4 

relative read proportion in September 2015 surface). 

     While ASVs classified as Gammaproteobacteria Oceanospirillales dominated the 

bacterial community in the mesopelagic and bathypelagic, they exhibited high 

relative abundances throughout the water column with the patterns of distribution 

being variable among the ASVs. Four of the Oceanospirillales ASVs were more 

abundant at mesopelagic (3.66% ± 0.79, 1.92% ± 0.43, 1.60% ± 0.58, 1.29% ± 0.49) 
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and bathypelagic depths (3.11% ± 0.28, 2.78% ± 0.41, 2.3% ± 0.35, 1.42% ± 0.25). 

Only one ASV made up over one percent of the photic samples (1.56% ± 0.86), 

though constituted a much lower relative abundance in the mesopelagic (0.58% ± 

0.57) and bathypelagic depths (0.02% ± 0.02). The remaining Oceanospirillales 

ASVs were present at all depths at less than 0.5% relative abundances. ASVs 

classified as Actinobacteria exhibited variable relative abundances throughout the 

water column, with distinct ASVs consisting of the top 50 ASVS from each zone. 

Four ASVs were distinctly found at bathypelagic depths (1.74% ± 0.54, 0.91% ± 

0.28, 0.67% ± 0.21, 0.48% ± 0.14) while nearly absent at photic and mesopelagic 

depths. In the mesopelagic, there were two Actinobacteria ASVs that were found 

(0.61% ± 0.27, 0.55% ± 0.25) while nearly absent at other depths. 

     As a comparison to the 100% ASV method employed here, sequence analysis was 

also performed at 99% OTU clustering. As expected, the ASV analysis provided finer 

detail within each bacterial group than the 99% OTU clusters (Callahan et al. 2015; 

Eren et al. 2013, 2015; Needham et al. 2017) with the 57,827 ASVs clustering into 

26,530 99% OTUs. For example, of the 50 most abundant ASVs identified here for 

each major depth zone, we found that for Deltaproteobacteria SAR324 there were 20 

100% ASVs which collapsed into eight 99% OTU clusters. Further, these OTUs 

masked the vertical distribution patterns identified with the ASVs. Likewise, for the 

Gammaproteobacteria Oceanospirillales JL-ETNP-Y6, 14 ASVs clustered into six 

99% OTUs and depth related patterns were obscured. 
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Phylogenetic analyses of Alphaproteobacteria Pelagibacterales and 

Deltaproteobacteria SAR324 

 

     To understand the evolutionary relationships within Pelagibacterales using the 

most recent data available we performed a phylogenetic reconstruction of known 

Pelagibacterales sequences and previously unrecognized Pelagibacterales sequences 

in environmental studies (Fig. 2.4). The resulting tree topology corresponds well with 

previously published phylogenetic trees (Brown et al. 2012; Grote et al. 2012; 

Jimenez-Infante et al. 2017; Morris et al. 2005; Ngugi and Stingl 2012; Thrash et al. 

2014; Tsementzi et al. 2016; Vergin et al. 2013) and expands these known topologies 

with three additional subclades. Within clade I, there are three previously recognized 

subclades; Ia and Ib are found in the surface ocean globally while Ic is distributed in 

bathypelagic depths. In addition, our phylogenetic reconstruction includes the 

formation of two more subclades within clade I. The near full length 16S rRNA gene 

sequences forming clade N1 were sampled from the Northeast subarctic Pacific 

Ocean (Allers et al. 2013) at 500 m (HQ672883) and 2 000 m (HQ674333) depths 

and from the Guaymas Basin hydrothermal plume at 1 996 m (FJ980771), indicating 

a potential mesopelagic and bathypelagic distribution. The sequences forming clade 

N2 were sampled from the Northeast subarctic Pacific Ocean (Allers et al. 2013) at 

500 m (HQ672635) and from the Atlantic Ocean (Bergauer et al. 2018) at 367 m 

(KX427628), indicating a potentially global mesopelagic distribution. 
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     In our 16S rRNA gene phylogenetic reconstruction, clade II has three subclades. 

Subclade IIb agrees with previous distinctions as consisting of mesopelagic and 

bathypelagic samples. In our topology, a closer branching subclade is the previously 

unrecognized N3 subclade, which consists of mesopelagic and bathypelagic samples 

collected from the Northeast subarctic Pacific Ocean (Allers et al. 2013) at 500 m 

(HQ672443) and Atlantic Ocean (Bergauer et al. 2018) at 2750 m (KY194455). 

Branching basal to subclade IIb and N3 is subclade IIa, with a known photic zone 

distribution. For the remainder of the tree, we recognize clade IV and clade V 

(subclade Va and Vb) as initially described by Grote and Vergin and colleagues 

(Grote et al. 2012; Vergin et al. 2013). Statistical analyses were carried out to confirm 

support of the clade distinctions. Subclade Ia sequences have 100-69.8% identity 

(98% RAxML robust bootstrap support) while subclade N1 sequences have 100-

99.0% identity (92% RAxML robust bootstrap support) with the sequence identity 

between these two subclades being 97.7–69.6%. Subclade Ib sequences have 100-

37.4% identity (95% RAxML robust bootstrap support) and there is 97.3–37.3% 

identity between subclade N1 and subclade Ib. Basal to subclade Ib is subclade N2 

with 100-99.3% sequence identity (98% RAxML robust bootstrap support). Between 

subclade Ib and subclade N2 there is 95.6–36.7% sequence identity. Subclade Ic is 

basal to subclade N2 (98% RAxML robust bootstrap support) and has 100-93.6% 

sequence identity. Between subclade N2 and subclade Ic, there is 95.3-90.8% 

sequence identity. Basal to subclade Ic is subclade IIb with 100–68.4% identity (86% 

RAxML robust bootstrap support), and 94.4–67.4% identity to subclade Ic. Subclade 
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N3 is branches sister to subclade IIb (100% RAxML robust bootstrap support) and 

has 100-98.6% sequence identity. Between subclade IIb and subclade N3 there is 

96.8-68.6% sequence identity. Basal to subclade N3 is subclade IIa with 100-66.2% 

identity (97% RAxML robust bootstrap support), and 95.2-65.8% identity to subclade 

N3. Basal to clade I and II is clade III, split into two subclades. Subclade IIIa has 

sequence identities of 100-90% (98% RAxML robust bootstrap support)and subclade 

IIIb has sequence identities of 100-94.0% (100% RAxML robust bootstrap support). 

Between subclade IIa and IIIa sequence identities are 882.-607% and between 

subclade IIIa and IIIb identities are 90.9-84.5%. Basal to clade II is clade IV, with 

sequence identities of 100-54.5% (100% RAxML robust bootstrap support), and 83.5-

43.2% identities between the two clades. Basal to clade IV is clade V, split into two 

subclades. Subclade Vb consists of sequences with 100-70.4% identity (100% 

RAxML robust bootstrap support), and 84.7-46.5% identities to clade IV. Subclade 

Va has sequence identities of 100-70.4% (100% RAxML robust bootstrap support), 

and its sequences are 85.4-61.0% similar to subclade Vb.  

     Next, we implemented this new 16S rRNA gene Pelagibacterales phylogenetic 

reconstruction to examine the vertical distributions of Pelagibacterales amplicons in 

our data (Fig. 2.4). In the phylogenetic analysis of this dataset we identified vertical 

distributions of subclades that correspond to previously recognized distributions 

while also expanding on the depth ranges of several subclades. Considering the 

complete dataset, Pelagibacterales consisted of an average of 46.58% ± 9.27 of the 

amplicon sequences in a sample, indicating this is a highly abundant group of bacteria 
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at all depths. Subclade Ia are the most abundant overall subclade, dominating photic 

zone samples with a sample maximum consisting of 92% of the total Pelagibacterales 

and 60% of reads per proportion of total bacteria. Subclade Ib are one of the most 

abundant subclades in the mesopelagic and bathypelagic samples (maximum 33% of 

Pelagibacterales, 16% of bacteria). Subclade Ic exhibits high relative abundances in 

bathypelagic samples, though is less relatively abundant in mesopelagic depths, and a 

limited presence in photic zone samples (maximum 16% of Pelagibacterales, 6% of 

bacteria). Subclade N1 exhibits high relative abundance in mesopelagic and 

bathypelagic samples (maximum 12% of Pelagibacterales, 6% of bacteria), which 

was expected given that the sequences consisting of this subclade within the 

phylogenetic reconstruction were collected from mesopelagic and bathypelagic 

depths. Also as expected, subclade N2 exhibits low relative abundance in 

mesopelagic samples (maximum 2% of Pelagibacterales, 1% of bacteria). 

     Within Pelagibacterales clade II, subclade IIb dominates the mesopelagic and 

bathypelagic samples (maximum 45% of Pelagibacterales, 17% of bacteria) while 

subclade N3 exhibits low relative abundance in mesopelagic samples (maximum 2% 

of Pelagibacterales, 1% of bacteria). Subclade IIa exhibits high relative abundances in 

the photic zone, decreasing in relative abundance with increasing depth (maximum 

15% of Pelagibacterales, 8% of bacteria).  

     Subclade IIIa exhibits a limited presence in the photic zone and are not detected in 

the mesopelagic and bathypelagic samples (maximum 0.27% of Pelagibacterales, 

0.14% of bacteria). while subclade IIIb (also referred to as LD12) is a distinctly 
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freshwater subclade of Pelagibacterales. There are no matches of amplicons from my 

samples to this freshwater subclade.  

     Subclade IV is found at limited relative abundances throughout the water column, 

though slightly higher in lower photic and mesopelagic samples (maximum 2% of 

Pelagibacterales, 1% of bacteria). Subclade Va exhibits limited abundance or is not 

detected in mesopelagic and bathypelagic samples and a low relative abundance in 

the upper photic zone (maximum 2% of Pelagibacterales, 1% of bacteria). Subclade 

Vb exhibits moderate relative abundances in mesopelagic and bathypelagic samples, 

and low relative abundances in the photic zone (maximum 4% of Pelagibacterales, 

2% of bacteria). 

     To understand the evolutionary relationships within SAR324 using the most recent 

data available we made a phylogenetic reconstruction of near full length 16S rRNA 

gene sequences (Fig. 2.5). The resulting tree topology corresponds with previously 

published phylogenetic trees (Brown and Donachie 2007; Cao et al. 2016; Pham et al. 

2008; Sheik et al. 2014; Swan et al. 2011) and expands these known topologies with 

two additional clades that branch basal to the previously described clades. The 

original three clades of SAR324 were grouped by temperature and depth distributions 

(Brown and Donachie 2007). SAR324 clade II consists of samples from cold water 

including polar surface water and deep samples from temperate and tropical latitudes. 

SAR324 clade I and clade SAR276 consist of samples from less than 250 m depth at 

tropical and subtropical latitudes. Brown and Donachie (2007) found these same 

clades when examining ITS sequence phylogenetic reconstructions. Our 16S rRNA 
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gene phylogenetic reconstruction of the most up to date near full length sequences 

available in GenBank continue to support these same clade distinctions. Clade II 

sequences have 100-96.8% identity (61% RAxML robust bootstrap support) while 

clade I sequences have 100-98.1% identity (99% RAxML robust bootstrap support) 

with the sequence identity between these 2 clades being 96.6-94.5%. Clade SAR276 

sequences have 100-97.4% identity (100% RAxML robust bootstrap support) and 

there is 90.7-89.9% identity between clade I and clade SAR276. Basal to clade 

SAR276 is candidate clade III which consists of photic zone sequences from 

temperate and subtropical latitudes with 100-98.9% sequence identity (100% RAxML 

robust bootstrap support). Between clade SAR276 and candidate clade III there is 

89.5-87.5% sequence identity. Candidate clade IV is basal to candidate clade III, and 

consists of subseafloor surface sequences that were included in previous trees(Cao et 

al. 2016; Sheik et al. 2014), though were not supported as being a distinct clade (91% 

RAxML robust bootstrap support) and have 100-86.1% sequence identity. Between 

candidate clades III and IV, there is 86.8-84.9% sequence identity. 

     Next, we implemented this new 16S rRNA gene SAR324 phylogenetic 

reconstruction to examine the vertical distributions of SAR324 amplicons in our data 

(Fig. 2.5). In the phylogenetic analysis of this dataset we identified vertical 

distributions of clades that correspond to previously recognized distributions while 

also expanding on the abundances based on the candidate clades. This study focused 

on the vertical distributions of SAR324 because of highly resolved vertical sampling 

employed here, providing the opportunity to distinguish fine scale abundance 
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differences within a phylogenetic context. SAR324 are a highly abundant group of 

bacteria throughout the water column (8.7% of all sequences in dataset), though are 

predominantly found below the photic zone (average 14.9% ± 3.3 relative read 

proportion in mesopelagic and bathypelagic). SAR324 clade II is the most abundant 

clade overall, reaching a maximum 19.8% of all bacteria and 94.5% of all SAR324 in 

a sample. The highest relative abundances occur at mesopelagic depths, followed by 

bathypelagic depths, and surprisingly surface samples. Clade I and clade SAR276 

exhibit similar distributions, predominantly at upper mesopelagic and low photic 

depths. Clade I makes up a maximum 1.1% of all bacteria and 7.6% of all SAR324 in 

a sample, while clade SAR276 makes up maximum 0.4 % of all bacteria and 42.1% 

of all SAR324 in a sample. Candidate clades III and IV occur at very low abundances 

throughout the water column and exhibit distinct depth patterns. Candidate clade III is 

mostly found at photic depths and not detected at mesopelagic and bathypelagic 

depths, a maximum of 0.04% of all bacteria and 16.7% of all SAR324 in a sample. 

Candidate clade IV is mostly found at mesopelagic and bathypelagic depths and not 

detected from photic depths, exhibiting a maximum 0.07% of all bacteria and 4.7% of 

all SAR324 in a sample. Even with the strong support of the topology of the SAR324 

reconstruction, a number of amplicons were classified as SAR324, but unable to be 

placed as belonging to a specific clade, mostly at mesopelagic and bathypelagic 

depths (maximum 1.6% of all bacteria and 11.7% of all SAR324 in a sample).  

 

Discussion 
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     Submarine canyon ecosystems have been understudied for the vertical distribution 

of bacterial abundance and diversity. Our bacterial cell abundances mirrored trends 

reported in a previous epifluorescence microscopy-based enumeration of non-

photosynthetic bacteria in a study of Mediterranean submarine canyons. The absolute 

abundances of our study in and near Monterey Canyon were greater (5 m: 2.0 x 106 ± 

8.7 x 105 cells ml-1; 1200 – 1978 m: 6.71 x 104 ± 1.23 x 104 cells ml-1) than the values 

reported in the Mediterranean canyons (5 m: 4.8 x 103 ± 1.79 x 103 cells ml-1; 1500 – 

2600 m: 2.95 x 104 ± 1.14 x 104 cells ml-1) (Diociaiuti et al. 2019). The latter study 

further reported that depth-related trends in bacterial cell abundance and biomass both 

in and out of the canyons, was similar (Diociaiuti et al. 2019). Likewise, DAPI counts 

at well characterized sites like the Bermuda Atlantic Time-Series (BATS) in the 

North Atlantic Ocean and Station ALOHA in the North Pacific Subtropical Gyre 

(Morris et al. 2004; Steinberg et al. 2008) show similar trends though absolute values 

differ with photic zone abundances highest at BATS > our study > Station ALOHA 

and similar absolute values at mesopelagic depths across all locations. Additionally, 

using SYBR green epifluorescence microscopy for cell enumeration at the coastal 

San Pedro Time-series (SPOT) off of Southern California, similar vertical trends and 

absolute abundances were observed in bacterial abundances as identified in our study 

(Cram et al. 2015). A flow cytometric study along a latitudinal transect in the South 

Atlantic Ocean reported that bacterial abundances also decreased to the same absolute 

values as our study with increasing depth, and there was a latitudinal trend of higher 
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abundances at higher latitudes with photic zone absolute values between 40 - 60°S 

most similar to photic bacterial abundances in our study (De Corte et al. 2016). 

Collectively, our study of a canyon system in the eastern North Pacific and these 

other studies from around the world show that while bacterial abundances can vary 

105 – 108 fold in the photic zone, they decrease with depth such that they are 

relatively stable in the mesopelagic, and in the bathypelagic, although lower in the 

latter. 

     We found that bacterial taxonomic diversity exhibited clear depth-related increases 

in diversity. Previous studies of bacterial taxonomic diversity with depth have yielded 

mixed results. Similar to our results, greater diversity was reported below the photic 

zone, 800 m at BATS (Bryant et al. 2012), in the northern Gulf of Mexico at 450 – 

750 m and 1500 m (Easson and Lopez 2019), and in the Mediterranean Sea at 500 

and 2000 m (Pommier et al. 2010). In addition to diversity increasing with depth, 

bacterial community structure was found to be water mass specific in the North 

Atlantic Ocean (Agogué et al. 2011) and the Southern Ocean (Signori et al. 2014), an 

aspect that was not part of our study design.  

     Other SSU rRNA gene amplicon sequencing studies have reported highest 

bacterial diversity in mesopelagic waters throughout the Pacific Ocean, relative to 

underlying or overlying water (Jing et al. 2013; Walsh et al. 2016), as well as no 

diversity trend with vertical distribution at Station ALOHA (Bryant et al. 2012; 

Kembel et al. 2011). The mixed results of taxonomic diversity with depth from 

previous studies may be due to differing environmental conditions, selection 
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mechanisms or decreasing absolute abundances with increasing depths at each of 

these locations. For instance, Walsh et al. (2016) found the lowest taxonomic 

diversity at surface depths and the highest diversity within the oxygen minima of the 

mesopelagic zone, suggesting the role of respiration in shaping bacterial richness in 

these samples. The surface ocean is subject to more short-term, variable conditions 

while the bathypelagic communities may be structured by connectivity through ocean 

circulation. Examination of multiple sites in the Pacific Ocean found bathypelagic 

bacterial communities to be similar to each other though distinct from photic 

communities, with the bathypelagic communities appearing to be more stable while 

the photic communities are affected by fluctuating environmental factors (Jing et al. 

2013). With lower absolute abundances in deeper water, it may be easier to capture 

the rare or less abundant bacteria in each sample, especially if the sequencing depth 

for the water depths sampled did not reach saturation in the rarefaction curves. While 

the bacterial cell abundances in our study are highest at depths within the photic zone, 

the lower diversity in these samples is most likely due to changing environmental 

conditions throughout the year leading certain bacterial groups to dominate the 

community as the conditions become more favorable for their survival success. 

     Previous examinations of bacterial diversity in Monterey Bay from the surface to 

200 m depth found greater variability among surface samples (0 m) than at 200 m 

(Rich et al. 2011). As seen at other Pacific Ocean sites (Jing et al. 2013), the 200 m 

samples were more similar to each other (Rich et al. 2011). Comparisons between 

Monterey Bay and Station ALOHA with SSU rRNA gene fosmids indicated that 
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diversity, as measured as an operational ‘order richness’ index, was higher in gyre 

samples, though there were patterns of depth partitioning at each site with different 

bacteria dominating at discrete depths between 0 and 770 m (Pham et al. 2008). 

     Surface water studies using pairwise association analysis over time have suggested 

that the abundance of particular bacteria tend to be best predicted by the abundance of 

other microorganisms rather than variability of measured environmental parameters 

(Chow et al. 2013, 2014; Fuhrman and Steele 2008; Steele et al. 2011). The bacterial 

vertical distribution patterns found in this study are similar to previously described 

communities (Arístegui et al. 2009; Delong et al. 2006; Zinger et al. 2011) with 

Pelagibacterales present across all depths and an increase of Deltaproteobacteria and 

Actinobacteria with depth. The vertical distribution of prokaryotic diversity in photic, 

mesopelagic and bathypelagic zones has been comprehensively studied and compared 

across the global oceans (Agogué et al. 2011; Brown et al. 2009; De Corte et al. 2016; 

Delong et al. 2006; Ghiglione et al. 2008; Jing et al. 2013; Medina-Silva et al. 2018; 

Nunoura et al. 2015; Signori et al. 2014; Tseng et al. 2015; Walsh et al. 2016).  

     Although relatively few high resolution time-series characterize microbial 

communities, those that do have revealed strong seasonal patterns in bacterial 

community structure in the photic zone of both open ocean gyre sites as well as 

coastal sites. The reported seasonal shifts vary in magnitude between locations 

(Carlson et al. 2009; Cram et al. 2015; Delong et al. 2006). For example, the upper 

200 m of the water column at BATS exhibits seasonal variability of the bacterial 

community structure, found to be related to seasonal mixing and stratification 
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(Carlson et al. 2009; Morris et al. 2005). In contrast, the mesopelagic communities at 

Station ALOHA in the North Pacific Subtropical Gyre are less seasonally variable 

than BATS in the North Atlantic, but variation has been reported to occur between 

depths within the mesopelagic zone (Delong et al. 2006). At SPOT, microbial 

diversity was found to be partially driven by the exchange of bacteria between depths, 

due to physical mixing, and diversity was highest at mesopelagic depths (150 - 500 

m) where communities exhibited the least month to month variation (Cram et al. 

2015). Seasonal shifts in ITS Automated Ribosomal Intergenic Spacer Analysis 

(ARISA) clone library bacterial OTUs were also observed at the bottom depth (890 

m) of the SPOT station, shifts that were attributed to variability in particles sinking 

from the surface ocean and their accumulation on the seafloor (Cram et al. 2015).  

     Mestre et al. (2018) found the most abundant (> 50%) bacterial 99% OTUs in the 

bathypelagic (3105 – 4000 m) were surface (3 m) derived OTUs. Whereas we found a 

few reads (<10%) of the more relatively abundant (>50%) bathypelagic ASVs in 

photic zone samples. The presence of the same ASVs in both surface and deep sea 

communities suggests the connection between these communities, potentially via 

colonized sinking particles (Mestre et al. 2018), and changes in relative abundance on 

particles as they descend. To test this theory in our own study, it would be necessary 

to filter seawater into multiple size fractions, instead of only using 0.2 µm filters, with 

this same high resolution vertical depth sampling. Thus, several of the overall trends 

seen in our abundance as well as sequence-based diversity and community 

composition analyses connected well to trends seen in other environments. 
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Comparisons where results deviated may reflect differences in the environments 

studied, and also likely reflect differences in the methods and analytical approaches 

used.  

 

Pelagibacterales vertical distribution 

 

     We also sought to understand the evolutionary relationships between the 

organisms present at our site, especially for the more abundant lineages. Our 

Pelagibacterales phylogenetic reconstruction incorporated a suite of new full-length 

16S rRNA gene sequences and identified three subclades not been recognized in prior 

studies. Our analysis indicated that clade II has three subclades, whereas prior 16S 

rRNA based studies have either not identified discrete clade II subclades due to fewer 

sequences aligned (Brown et al. 2012; Grote et al. 2012; Jimenez-Infante et al. 2017; 

Morris et al. 2005) or fewer 16S rRNA gene positions considered (Ngugi and Stingl 

2012), or have reported two subclades (Tsementzi et al. 2016; Vergin et al. 2013). 

However, prior ITS based (naming convention phylotypes instead of clades as with 

16S) analyses have identified three subphylotypes in clade II (phylotype 2 for ITS) 

(Brown et al. 2012; Jimenez-Infante et al. 2017; Ngugi and Stingl 2012). Brown et al. 

(2012) named the subphylotypes P2.1, P2.2, and P2.3 where P2.1 consists of 

sequences from the surface ocean in tropical and temperate climates, P2.2 consists of 

Antarctic sequences from a single study (García-Martínez and Rodríguez-Valera 
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2000), and P2.3 consists of sequences from mesopelagic and bathypelagic depths. 

While subphylotypes P2.1 and P2.3 include sequences that can be placed into 

subclades IIa and IIb in our 16S rRNA gene phylogenetic reconstruction, 

subphylotype P2.2 does not correspond to either of these or subclade N3 in our study. 

Sequences from subphylotype P2.3 in Brown et al. (2012) ITS phylogenetic 

reconstruction were placed in subclade IIb as named by Vergin et al. (2013) 16S 

rRNA gene phylogenetic reconstruction, and agrees with previous classifications as 

consisting of mesopelagic and bathypelagic samples. In our topology, a third subclade 

in clade II is the previously unrecognized N3 subclade. This previously unrecognized 

subclade N3 does not appear to correspond to ITS subphylotype P2.2. The sequences 

from the Antarctic study that formed subphylotype P2.2 do not contain the first half 

of the 16S rRNA gene (the primers start at position 818 within 16S V5), so due to 

their short length they were not included in our phylogenetic reconstruction, though 

they exhibited 93.45% sequence identity to clade IIa. A BLAST search of these 

Antarctic sequences (AF151230) found the highest nucleotide percent identity to a 

Northeast subarctic Pacific Ocean sample from 500 m (95.47%; HQ715235). This 

subarctic sequence is also not included in our 16S rRNA gene phylogenetic 

reconstruction, as once again the Forward PCR primer for this sequence began too far 

into the 16S rRNA gene, at position 1054. Comparisons to our subclade N3 

sequences using BLASTn rendered identities <92%. This confirms that the Antarctic 

sequences classified as subphylotype P2.2 (Brown et al. 2012) are not part of 

subclade N3. Sequences in subclade IIa are also found with the subclade IIa 
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classification in the Vergin et al. (2013) 16S rRNA gene phylogenetic reconstruction 

and with subphylotype P2.1 in Brown et al. (2012) ITS phylogenetic reconstruction. 

The addition clade N3 in the Pelagibacterales phylogeny identifies clade N3 as being 

more closely related evolutionarily to clade IIb, while clade IIa is a more basal clade, 

forming what appears to be a separate clade within our reconstruction. Taken 

together, it appears that there are at least four clade II subclades. 

     Expanding on the previously known biogeography of Pelagibacterales clades, 

assignment of amplicons to this reference tree provided new insights of clade depth 

distributions. Subclade Ib exhibited higher relative abundance in mesopelagic and 

bathypelagic samples when compared to the photic zone samples. Previous work on 

photic depths showed that Pelagibacterales diversified into clades across different 

water depths and seasonal conditions (Vergin et al. 2013). In our study, subclade IIb 

was found to exhibit similar relative abundances in mesopelagic and bathypelagic 

samples, all well oxygenated depths compared to their known peak at anoxic depths 

within an oxygen minimum zone (Tsementzi et al. 2016) and builds on the upper 

mesopelagic depth distribution at BATS during spring (Carlson et al. 2009, 2010). 

Adding to the known distribution of subclade Vb in the surface ocean (Giovannoni 

2017), our study found subclade Vb at all depths throughout the water column. Future 

sampling in different regions of the ocean and at different depths will continue to 

strengthen our knowledge of Pelagibacterales clade vertical distributions. 
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SAR324 vertical distribution  

 

     We also performed a phylogenetic reconstruction of the SAR324 lineage that 

incorporated new full-length 16S rRNA gene sequences. Here, the SAR324 

sequences formed five statistically supported clades that correspond to three clades 

reported in prior reconstructions and identified two new candidate clades. Two 

previous studies (Pham et al. 2008; Sheik et al. 2014) use the same clade name 

(ctg_NISA008) corresponding to our clade II. Moreover, not all previously published 

16S rRNA gene trees describe distinct SAR324 sequence groups (Cao et al. 2016; 

Chitsaz et al. 2011; Swan et al. 2011). The only clade distinction in Sheik et al. 

(2014) is for clade ctg_NISA008, corresponding to our clade II. In an earlier study six 

SAR324 clades were reported (Pham et al. 2008), all with statistical support 

(parsimony method), specifically, ctg_NISA008 (corresponding to our clade II), 

SAR324 (corresponding to our clade I), SAR21, SAR276 (corresponding to our clade 

SAR276), euphotic, and FS142-32B-02. The available sequences for what has been 

identified as clade SAR21 are unfortunately too short to be included in our 

phylogenetic reconstruction, but have highest identities of 93.23% and 93.63% to 

clade SAR276 in our reconstruction. The sequences in the euphotic clade and clade 

FS142-32B-02, while classified as SAR324 by Pham et al. (2008), were not high 

enough sequence identity (88.03 – 83.06% and 87.39 – 80.24 %, respectively) to the 

SAR324 sequences contributing to our phylogenetic reconstruction, so they were not 

included in our analysis. 
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     Analysis of our 16S rRNA gene amplicons against the SAR324 reference tree both 

supports and adds to previously known vertical distributions. SAR324 clade II was 

previously described as occurring in cold waters, > 100m depth in the Arctic Ocean, 

and coastal and subarctic northeast Pacific Ocean. This same finding is supported by 

our samples with a predominantly mesopelagic and bathypelagic distribution. 

Surprisingly, clade II amplicons also exhibited a higher relative abundance in samples 

collected just below the surface (15-50 m) during both May and September 

samplings. Due to their location near the surface, the water temperatures are much 

warmer than those existing at mesopelagic and bathypelagic depths. This highlights 

that even though there are low counts of SAR324 at these depths, clade II is still the 

dominate clade. The distributions of clade I and clade SAR276 supported previously 

known distributions, being found in our lower photic and upper mesopelagic samples. 

Candidate clade III was expected to have a photic distribution given the information 

available on the included near full length 16S sequences in the reconstruction. The 

placement of our amplicons was in agreement with these sequences, being only found 

in samples from the photic zone and mostly absent at mesopelagic and bathypelagic 

depths. Candidate clade IV in the SAR324 reconstruction is made of surface sediment 

sequences. In our dataset, the candidate clade IV amplicons were found at 

mesopelagic and bathypelagic depths, and mostly absent at photic depths. While most 

of the 16S amplicons were placed in a clade from the reconstruction, more than 

expected were classified as SAR324 but not placed into a clade. These amplicons are 

mostly from mesopelagic and bathypelagic depths suggesting that more full length 
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16S sequences need to be added to sequencing databases in order to better distinguish 

the clade placement.  

 

Conclusions 

 

     Using highly resolved approaches for sequence analysis facilitated our 

observations of the vertical distributions of bacterial groups throughout the water 

column in and near Monterey Bay. With multiple depths sampled from the surface 

ocean to the seafloor over multiple seasons, we identified that the bacterial 

community of the photic zone was more variable than communities deeper in the 

water column, potentially influenced by the changing environmental conditions by 

season. Bacterial communities of the mesopelagic and bathypelagic were more stable, 

with limited variations. These findings support those of global studies in both the 

surface ocean and deep sea (e.g. Salazar et al. 2016; Sunagawa et al. 2015) with 

deeper sampling and improved sampling of diversity. The new 16S rRNA gene 

phylogenetic reconstructions presented here highlight the evolutionary diversity of 

the highly abundant Pelagibacterales and SAR324 bacteria. Placement of our 

amplicons on these phylogenetic trees provided new insights into vertical 

distributions of Pelagibacterales and SAR324 clades. Future rRNA gene based studies 

from more locations globally should utilize these reconstructions to better compare 
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diversity within the Pelagibacterales and SAR324 clades, respectively, and their 

vertical distributions.  

  



49 
 

 

Figure 2.1  

Sampling locations for this study are indicated on the map while the representative 
profiles for each station display the water column characteristics. The enlarged map 
displays the stations sampled in the eastern North Pacific Ocean and in Monterey Bay 
overlying seafloor bathymetry displayed via color while the insert map indicates the 
location of the enlarged region along the eastern North Pacific Ocean. Station names 
beginning with WF indicate a whale fall on the seafloor while CY indicates a 
Monterey Canyon location. Two representative profiles for each station include 
fluorescence, temperature, and salinity as well as nitrate and nitrite. Horizontal 
colored lines in each profile indicate that station’s bottom depth. A table of sample 
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dates indicates when the water column at each of the stations was sampled. 
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Figure 2.2 

Bacterial cell abundance decreases with depth by 1.5 orders of magnitude from the 
surface ocean to 1,978 m depth while alpha diversity increases with depth. (left panel) 
Flow cytometry bacterial cell abundances in cells ml-1 using SYBR Green I stain and 
(right panel) calculated Shannon diversity index from amplicon data. Colors represent 
the station sampled, shapes represent the sampling date, and the horizontal color 
dotted lines represent the bottom depth for that station. Note that analysis of replicate 
flow cytometry samples from individual sampling dates revealed a variance of 16% 
(n = 8) that can be attributed to methodology. 
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Figure 2.3 

Percent relative abundance of the 50 most abundant 100% amplicon sequence 
variants (ASVs) from each cluster. Heat map columns represent the most abundant 
ASVs ordered by phylum (as indicated by horizontal color bars). Rows represent 
individual water samples with hierarchical clustering of samples based on Bray-Curtis 
dissimilarities of bacterial community ASVs. Sample clusters are apparent in 
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association with depth gradients: photic (green), mesopelagic (blue), and bathypelagic 
(purple). Colored shapes indicate the station (color) and sampling date (shape) of 
each sample. Gray scale shapes indicate the depth range corresponding each sample. 
Photic zone samples are dominated by Alphaproteobacteria Rhodobacteraceae and 
SAR11, mesopelagic and bathypelagic zone samples are dominated by 
Deltaproteobacteria SAR324 and Gammaproteobacteria Oceanospirillales. 
Pelagibacterales (SAR11 clade) and SAR324, are highlighted by boxes overlying the 
heat map. Bacterial Phyla ordered from left to right: Actinobacteria, Bacteroidetes, 
Marinimicrobia, Nitrospinae, Alphaproteobacteria, Deltaproteobacteria, 
Gammaproteobacteria, Verrucomicrobia. 
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Figure 2.4  

Pelagibacterales 16S rRNA gene Maximum Likelihood tree reconstruction and 
percent relative abundance of Pelagibacterales clades. Heat map columns represent 
individual water samples ordered by hierarchical clustering based on the Bray-Curtis 
similarities of the Pelagibacterales composition, with samples generally clustering by 
depth. Colored shapes indicate the station (color) and sampling date (shape) of each 
sample. Gray scale shapes indicate the depth range corresponding to sample depth. 
The phylogenetic tree identifies three statistically supported previously unrecognized 
Pelagibacterales clades. Phylogenetic classifications of the V1-V2 16S rRNA gene 
amplicons in this study suggest novel subclade N1 to be highly relatively abundant in 
mesopelagic and bathypelagic depths while subclades N2 and N3 are found with low 
relative abundance at mesopelagic depths. This reconstruction was performed in 
collaboration with Chang Jae Choi. 
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Figure 2.5 

SAR324 16S rRNA Maximum Likelihood tree reconstruction and percent relative 
abundance of SAR324 clades. Heat map columns represent individual water samples 
ordered by hierarchical clustering based on the Bray-Curtis similarities of the 
SAR324 composition, with samples generally clustering by depth. Colored shapes 
indicate the station (color) and sampling date (shape) of each sample. Gray scale 
shapes indicate the depth range corresponding to the sample depth. The phylogenetic 
tree includes two previously unrecognized SAR324 clades. Phylogenetic 
classifications of the V1-V2 16S rRNA gene amplicons in this study suggest 
candidate SAR324 clade III to be found at low relatively abundance at photic depths 
while clade IV is found with low relative abundance at mesopelagic and bathypelagic 
depths. 
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Chapter 3: Bacterial community variability in Monterey Canyon and associated 

submarine fan sediments  

 

Abstract 

 

     Organic matter depositional histories influence bacterial communities in deep sea 

surface sediments. We conducted replicated sampling of deep sea surface sediments 

in a submarine canyon ecosystem and associated submarine fan ecosystem in and 

near Monterey Bay, CA, USA, with seafloor depths ranging from 633 m to 3,562 m. 

Bacterial community composition was assessed using V1-V2 16S rRNA gene 

amplicons analyzed at 100% nucleotide identity as amplicon sequence variants 

(ASV). Biological replicates (n = 3 sediment push cores) were sampled at each of the 

five stations, with biological replicates within each sediment push core (n = 3 per 

core) sequenced for a total of nine samples analyzed from <1 m apart within each 

station. Replicated sampling on a submeter scale allowed assessment of the amount of 

replication needed to describe the bacterial community composition within a specific 

location. Permutational multivariate analysis of variance (PERMANOVA) found no 

significant difference between replicates at the submeter scale, at any station. 

However comparisons between stations >10 km away showed bacterial communities 

to be significantly different (p < 0.05). The surface sediment bacterial community 

compositions at the four stations from Monterey Canyon were more similar to each 
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other than to the submarine fan sediments. A fine scale vertical analysis of 1- or 3- 

cm intervals of the upper 20 cm of the sediments found the Shannon diversity index 

to be higher than that of the water column, with Monterey Canyon sediments 

maintaining a similar level of diversity down core while the submarine fan sediments 

decreased in Shannan diversity with increasing sediment depth. Canonical 

correspondence analysis (CCA) of geochemical measurements and their potential 

influence on vertical bacterial community composition of Monterey Canyon 

sediments identified nitrate (NO3-) and dissolved inorganic carbon (DIC) as having a 

significant (p < 0.05) influence. The most abundant bacteria in terms of relative 

amplicon abundance across all stations were the Deltaproteobacteria 

Desulfobacteraceae (8.75% of all amplicons) and Desulfobulbaceae (6.5% of all 

amplicons). The well-known deep sea bacteria Gammaproteobacteria JTB255-marine 

benthic group (MBG) made up 3.3% of bacterial amplicons, and exhibited higher 

relative abundances at the more offshore submarine fan surface sediments (0 – 3 cm 

below seafloor: average 6.8% ± 0.8 relative abundance). The analyses also showed 

that while the surface sediments are at the interface between seawater and the 

subseafloor, the bacterial communities within the sediments were distinct from the 

overlying seawater. These analyses indicate that in the sediment types studied herein, 

submeter homogeneity ( < 1 m apart) is considerable when sampling is performed at 

the same depth horizon, however down core sampling renders differing changes in 

diversity index profiles depending on the type of sediments sampled.  
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Introduction 

 

     Seafloor bacterial abundances are impacted by organic matter availability in 

sediments. Further, organic matter content has been shown to be associated with 

significant differences in bacterial community structure in deep sea sediments 

(Bienhold et al. 2016; Danovaro et al. 2016). The distribution patterns of deep sea (> 

200 m seafloor depth) surface sediment bacteria showed higher dissimilarities with 

increasing distance from compared sites than pelagic communities, indicating that 

physical mixing plays a fundamental role in “homogenizing” distributions in pelagic 

environments (Zinger et al. 2011) and that transport through sediments is more 

difficult than through water. Horizontally isolated assemblages suggest that specific 

surface sediment bacterial groups may be widely dispersed over scales of a few 

kilometers but the local environmental conditions select for particular assemblages 

(Hewson et al., 2007). This highlights the need for higher taxonomic resolution 

studies in sediments to identify the parameters most influencing specific particular 

bacterial assemblages.  

     Many benthic microbial diversity studies have focused on either hot spot 

ecosystems, such as hydrothermal vents and cold seeps, or open ocean abyssal plain 

habitats. Submarine canyons can also be considered hot spots and typically differ 

from surrounding open environments in terms of both quantity and quality of organic 

matter deposited and may support higher prokaryotic (Polymenakou et al. 2008) and 
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faunal abundances (Cunha et al. 2011; Duineveld et al. 2001; Escobar Briones et al. 

2008; De Leo et al. 2010; Vetter and Dayton 1998) than surrounding abyssal 

sediments.  

     Here, we sampled sediments throughout Monterey Canyon and a station 170 km 

offshore onto the associated submarine fan in the eastern North Pacific Ocean. The 

goals of our study were first to examine variability within sediment communities by 

performing biologically replicated sampling, and second to characterize variations in 

community structure at sites with different depositional histories. To this end we 

analyzed V1-V2 16S rRNA gene amplicon sequences from samples collected at 1- or 

3- cm intervals over the upper 20 cm of deep sea sediments. The analyses were used 

to compare sediment bacterial community structure to that of the overlying seawater 

community and to assess variations over the vertical sediment profile.  

 

Materials and Methods 

 

Oceanographic sampling 

 

     Three research cruises were conducted onboard the R/V Western Flyer in 

September 2015, September 2016, and May 2017 in or near Monterey Bay, in the 

eastern North Pacific Ocean. Five stations were sampled for sediments and the 
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overlying seawater: SF3562m, CY1833m, CY1040m, WF1018m, and WF633m. 

Station name letters indicate being at a location where a whale carcass existed on the 

sea floor (WF, whale fall), while “CY” corresponds to a submarine canyon site and 

“SF” corresponds to the more offshore submarine fan, neither of which has a such 

known unusual attribute. Number values in names indicate the bottom depth at the 

station. 

     Seawater was collected 1 m above the seafloor using a Niskin bottle mounted on a 

conductivity/temperature/depth (CTD) rosette or on the remotely operated vehicle 

(ROV) Doc Ricketts. Samples for DNA extraction were collected by filtering 1 L of 

seawater onto a 0.2 µm 47 mm Supor filter (Pall Gelman, East Hills, NY, USA) in 

duplicate and immediately frozen at -80°C.  

     Seafloor sediment samples were obtained using a ROV to collect push cores of 21 

cm length and 7 cm inner diameter. After collection, the sediments were extruded 

from the push cores on board the ship and sampled for nucleic acid analysis. At each 

site one core was also sampled for porewater geochemistry as described below. Cored 

sediments were sectioned into 1-cm or 3-cm intervals by extruding the sediment 

upward through the polycarbonate plastic core tube. Triplicate 1-cc plugs of sediment 

were collected into cryovials, flash frozen in liquid nitrogen and stored at -80°C.  

 

Geochemical analysis 
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    Porewater was extracted from 1- or 3-cm sediment intervals under argon using a 

pressurized gas sediment squeezer (KC Denmark A/S, Silkeborg, Denmark) 

(Reeburgh 1967) into argon flushed syringes prior to distribution through a 0.2 µm 

polyethersulfone (PES) syringe filter for various measurements. Sulfide dissolved in 

sediment pore waters was preserved by the immediate precipitation as ZnS through 

the addition of 0.5M Zn-acetate in a 1:1 ratio with water samples. Concentrations 

were then determined spectrophotometrically by the Cline assay (Cline 1969). Water 

samples for anion and cation analysis (Na+, K+, Mg2+, Ca2+, formate, acetate, Cl-, Br-, 

NO3-, SO42-) were stored at -20°C after filtration. After thawing, aliquots were diluted 

1:20 with 18.2 MW Milli-Q water and were subsequently analyzed on a dual channel 

Dionex ICS-2000 ion chromatography system in the Caltech Environmental Analysis 

Center. Water samples were split and simultaneously separated with cation and anion 

exchange columns at 0.25 ml min-1 and 30°C. Cations were separated isocratically 

with 20 mM methanesulfonic acid using an IonPac CS12A column and guard 

column, and anions were separated isocratically with 20 mM KOH using an IonPac 

AG19 column and guard column. Water samples for DIC measurements were filtered 

directly into helium flushed, 12 ml exetainer vials (Labco Ltd, Lampeter, UK) that 

had been pre-weighed after the addition of 100 µl ~40% phosphoric acid. Samples 

were stored upright at room temperature. Vials were sampled using a GC-PAL 

autosampler (CTC Analytics, Zwingen, Switzerland) equipped with a double-holed 

needle that transferred headspace using a 0.5 ml min-1 continuous flow of helium to a 

50 µm sample loop before separation by a PoraPlotQ fused silica column (25m; i.d. 
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0.32 mm) at 72°C. CO2 was then introduced to a Delta V Plus IRMS using a ConFlo 

IV interface (Thermo Scientific, Bremen, Germany) in the Caltech Stable Isotope 

Facility. A sample run consisted of three reference CO2 gas peaks, 10 replicate 

sample injections, and two final reference CO2 peaks. A concentrated solution of 

NaHCO3 was used to establish a standard curve for µmol CO2 determination by 

adding a range of volumes to additional exetainer vials, which were interspersed with 

samples. The concentration of DIC (μM) in samples was calculated after determining 

sample volume by re-weighing exetainers and by comparing the average of the 

combined mass 44, 45, and 46 CO2 peak areas to the standard curve (n = 20, R2 = 

0.99). Due to low porewater levels at SF3562m, there was not enough volume to 

measure all parameters, so we do not have measurements of DIC, total Fe, Fe2+ or 

HS. (Table S3.1). 

 

DNA extraction, PCR and sequencing 

 

     Seawater DNA was extracted from filters using a modification of the QIAGEN 

DNeasy Plant kit (Qiagen, Valencia, CA, USA), including the addition of a bead 

beating step (Demir-Hilton et al. 2011). Sediment DNA extracts were attained using 

the Qiagen RNA Powersoil DNA elution accessory kit (Qiagen, Valencia, CA, USA). 

At each station sampled, three push cores were selected for DNA analysis. For one of 

these push cores, one replicate of sediment DNA was extracted from each depth 
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interval. For technical replicates, one depth interval was selected, and DNA was 

extracted for two additional push cores (3 push cores total) at the identical depth 

interval. For biological replicates, DNA was extracted from triplicate 1-cc plugs of 

sediment samples within the selected depth interval of the three push cores (n = 9 

replicates per station).  

     DNA was quantified with the QuBit dsDNA high-sensitivity assay (Invitrogen, 

Carlsbad, CA, USA) and diluted to 5 ng µl-1 with TE pH 8. Polymerase chain 

reactions (50 µl) were set up as previously described (Hamady et al. 2008) with 5 µl 

of 10x buffer, 1 U of HiFi-Taq, 1.6 mM MgSO4 (Invitrogen, Carlsbad, CA, USA), 5 

ng of template DNA, 200 nM of the forward primer (27FB, 5′-

AGRGTTYGATYMTGGCTCAG-3′) and the reverse primer (338RPL, 5′- 

GCWGCCWCCCGTAGGWGT-3′) (Fortunato et al. 2012). The PCR cycling 

parameters were 94°C for 2 min; 30 × 94°C for 15 s, 55°C for 30 s, 68°C for 1 min 

and a final elongation at 68°C for 7 min. Following the PCR, an aliquot was run on a 

1% Agarose gel to verify the desired V1-V2 16S rRNA gene product (∼ 300 nt in 

length) had been amplified. Samples were sequenced using Illumina MiSeq 2x300 bp 

paired-end reads.  

 

V1-V2 16S rRNA gene amplicon quality control 

 



66 
 

     Amplicon sequence reads were processed with USEARCH v9 (Edgar 2010) to 

trim low quality bases using a 10% read length window with a Q25 running-quality 

threshold and to merge paired-end sequences (³ 50-nucleotide overlap, minimum 

sequence length of 200 nucleotides, and maximum 5% mismatches). A filtering step 

was performed to discard low-quality merged sequences with a maximum expected 

error >1. Primers were removed from the sequences with cutadapt (Martin 2011). The 

resulting total amplicon read count was 15,172,576. Libraries contained between 

80,826 and 771,343 sequences (average = 199,639 ± 92,047, median = 176,733, n = 

76; Table S3.2).  

 

Amplicon sequence variant resolution 

 

     Merged amplicon sequences were resolved into amplicon sequence variants 

(ASVs) of 100% pairwise nucleotide identity with USEARCH v10.0.240 (Edgar 

2010). Implementation of the unoise3 algorithm (Edgar 2016) infers exact ASVs from 

the sequencing data, instead of building operational taxonomic units (OTUs) from 

sequence similarity. Taxonomies were assigned to each ASV using the SILVA 

database (Pruesse et al., 2007; release 128, September 07 2016, https://www.arb-

silva.de/documentation/release-128) via QIIME2-2018.2 q2-feature-classifier 

(Bokulich et al. 2018) with a default confidence level threshold of 0.7. We filtered the 

ASVs into the non-photoautotrophic bacterial component by excluding the amplicons 
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with taxonomies matching plastid, mitochondrial, or cyanobacterial sequences based 

on the SILVA assignment, resulting in 99,406 total bacterial ASVs (Table S3.2). The 

V1-V2 16S rRNA primer pair used was bacterial and plastid specific and did not 

allow for comparison of archaea (Wear et al. 2018). 

 

Statistical analyses 

 

     All bacterial community ASV analyses were conducted using the “vegan” package 

(v2.4.4; https://cran.r-project.org/web/packages/vegan/) in R (v3.4.1) (Oksanen et al. 

2017). Prior to performing a canonical correspondence analysis (CCA), the “step” 

function in vegan was used to automatically select constraints in the model using 

forward stepwise selection and Akaike’s information criterion with 999 permutation 

tests at each step. Five geochemical parameters were found to be uncorrelated with 

the others (formate, acetate, nitrate, sulfate and dissolved inorganic carbon) and were 

applied using the “cca” function. To evaluate the significance of the canonical axes, a 

Monte Carlo test with 999 permutations was used. Statistical significance of the 

individual geochemical parameters was assessed using the marginal effects of the 

terms. For each sample, the Shannon diversity index was calculated to estimate 

community alpha diversity. Hierarchical clustering based on Bray-Curtis dissimilarity 

(Bray and Curtis 1957) of bacterial ASV relative abundances was calculated to 

compare beta diversity of community compositions between samples. Permutational 
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multivariate analysis of variance (PERMANOVA) was run using the “adonis” 

function on the Bray-Curtis distance matrices to quantitatively evaluate the effects on 

bacterial community compositions of interval depth within a push core, between 

replicates within a station and between stations. First, a PERMANOVA was run 

between all replicates within a station and between all replicates between different 

stations. A PERMANOVA was also run to compare the bacterial community 

composition of sediments between all of the depth intervals within a full length push 

core and compared to each station. The relative read proportion of bacterial ASVs 

were calculated by dividing the ASV count by the total reads in each sample. These 

relative read proportions were log10 transformed for better visualization. Differential 

abundances of ASVs between biological replicates within each station were identified 

based on a negative binomial distribution model using “DESeq2” package (v1.22.2; 

https://bioconductor.org/packages/release/bioc/html/DESeq2.html) (Love et al. 2014) 

and estimated effect size shrinkage to rank ASVs was performed using ‘apeglm’ 

package, an approximate posterior estimation for a generalized linear model (v1.4.2; 

https://bioconductor.org/packages/release/bioc/html/apeglm.html) (Zhu et al. 2018). 

All base plots used in the included figures were generated using the R package 

“ggplot2” (v2.2.1; https://ggplot2.tidyverse.org) (Wickham 2016). 

 

Results 
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     The different sampling stations provided the opportunity to compare coastal 

sediments from within a submarine canyon ecosystem and sediments offshore from a 

submarine fan, as well as to assess the influence of a previous organic matter 

perturbation more than a decade after the input. The four stations sampled in the 

Monterey Canyon are influenced by the hydrography and sedimentology of the 

canyon while the one station sampled from the submarine fan in the eastern North 

Pacific Ocean is influenced by more transitional surface ocean conditions typical 

between the coast and oligotrophic open ocean.  

     Geochemical parameters were measured at every depth interval in one push core at 

each station (Fig. 3.1) across two sedimentary ecosystems, a submarine canyon and 

the associated submarine fan. The submarine fan ecosystem represented by SF3562m 

exhibited conservative vertical profiles, the same concentration of Na+, K+, Mg2+, 

Ca2+, formate, acetate, Cl-, Br-, NO3-, and SO42- from the top to the bottom of the 

core. The canyon stations exhibited more variability in their geochemical vertical 

profiles. SO42- exhibited conservative vertical profiles at WF633m, WF1018m, and 

CY1833m (29.60 mM ± 0.67), while at CY1040m, SO42- reached a minimum of 

26.65 mM at 12-15 cm below seafloor (cmbsf) indicating the potential occurrence of 

sulfate reduction (Jørgensen 1982) with increasing sediment depth. NO3- decreased 

with increasing sediment depth at WF633m, CY1040m, and CY1833m, which has 

previously been shown to indicate potential nitrate reduction or denitrification 

occurring with increasing sediment depth (Sørensen 1978). The surface concentration 

at CY1833m (4.10 mM) was much lower than the other canyon stations (WF633m, 
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WF1018m, CY1040m: 11.83 mM ± 0.49). At WF1018m, NO3- exhibited a sharp 

decline to a minimum of 1.00 mM at 3-4 cmbsf, drastically increased to a maximum 

of 19.40 mM at 5-6 cmbsf and was similar to the surface concentration (11.50 mM) at 

the bottom interval of 12-15 cmbsf (10.10 mM). In contrast to NO3-, acetate 

concentration gradually increased with depth at all of the canyon stations, with a peak 

maximum at WF1018m at 4-5 cmbsf, directly below the NO3- minimum. At 

WF1018m, the surface concentration of acetate was more than double (35.20 mM) 

the concentration of other canyon locations (14.40 mM ± 2.36). Formate exhibited 

variable vertical profiles at all the canyon stations. At WF633m and CY1833m, 

formate alternated between increasing and decreasing in concentration with depth. At 

CY1040m, formate was drawn down to nearly 0 mM by 4-5 cmbsf and remained at 

this concentration down through the core. At WF1018m, formate concentration at the 

surface was the highest (36.00 mM) and was drawn down to a minimum of 1.80 mM 

at 3-4 cmbsf, increasing again to 15.20 mM ± 4.26 for the remainder of the core. DIC 

exhibited a conservative profile at WF1018m and gradually increased at CY1040m 

with a surface concentration of 2.66 mM reaching a similar concentration as 

WF1018m by 12-15 cmbsf (3.13 mM ± 0.09). Both WF633m and CY1833m 

exhibited slightly increased DIC with depth to 6-9 cmbsf and then decreasing to the 

bottom of the core. In summary, while each station exhibited unique geochemical 

profiles, WF1018m and CY1040m showed similar trends in geochemistry across the 

core profile, while SF3562m differed from all of the submarine canyon stations (Fig. 

3.1). 
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Sedimentary bacterial communities are horizontally homogenous on a submeter 

scale  

 

     The technical and biological replicate sampling of deep sea sediments at five 

stations allows us to fill the knowledge gap about the homogeneity of bacterial 

communities within one location. The technical replicates consisted of the individual 

push cores at a single station, with triplicate push cores collected. Of these three push 

cores, a single depth interval near the surface was selected. Within each of the push 

cores at this depth interval, triplicate biological replicates were sampled. In total, nine 

samples were sequenced at each station to assess within core and between core 

variability. Overall, the bacterial communities are horizontally homogenous within a 

station, with PERMANOVA analyses identifying no statistical difference, indicating 

that the biological and technical replicates are not different from each other. 

PERMANOVA analyses between stations did find a statistical difference (p<0.05). 

While there are similar bacterial community compositions across the stations, there 

are also unique amplicon sequence variants (ASVs) at each station.  

     To more closely analyze the most abundant ASVs of the replicates at each station, 

the top 50 most abundant ASVs from each station’s determined via hierarchical 

clustering were identified (Fig. 3.2). This resulted in 93 total ASVs examined for their 

replication variability, indicating strong overlap of the most abundant ASVs across 
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the five stations. When examining the top 50 most abundant ASVs at each station, 

SF3562m, the submarine fan station, was the most homogenous between replicates. 

The canyon ecosystem stations, while not statistically different, did exhibit some 

variability between replicates (Fig. 3.2). Differential abundance analyses between the 

three technical replicate push cores within a station identified the percent of ASVs 

that were significantly (adjusted p < 0.1) different in their relative abundances 

between each push core. At CY1833m, there was the most variability between push 

cores with 0.225%, 13.2% and 13.9% of ASVs exhibiting differential relative 

abundances out of the 2,206 shared ASVs considered. Station WF1018m was the next 

most variable between push cores with 0.75%, 4.8% and 13.2% of ASVs exhibiting 

differential relative abundances out of the 2,675 shared ASVs considered. The 

variability within sediments at WF633m and CY1040m were similar with 0.49%, 

2.24% and 4.8% of ASVs exhibiting differential relative abundances out of the 3,134 

shared ASVs considered at WF633m, and 0.356%, 2.33% and 3.63% of ASVs 

exhibiting differential relative abundances out of the 3,233 shared ASVs considered 

at CY1040m. In agreement with the analysis of the 50 most abundant ASVs, 

SF3562m exhibited the least variability in relative abundances with differences of 

0.566%, 0.908% and 3.39% out of the 2,643 shared ASVs considered. 

 

Sediment bacterial community fine scale vertical variability 
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     Examination of the upper 20 cm of deep sea sediments, divided into 1- or 3-cm 

intervals from surface to the bottom of the core, provides a fine scale vertical profile. 

An analysis of the Shannon diversity index found high diversity throughout the 

sediments (Fig. 3.3A). The four Monterey Canyon stations exhibit similar levels of 

diversity from the surface down to 20 cmbsf in the sediments. Station SF3562m 

exhibits a decrease in Shannon diversity index with increasing depth into the 

sediments. PERMANOVA analysis showed no significant difference between the 

bacterial communities within the vertical profile of an individual push core, however 

a comparison of one push core from each station did reveal a significant difference 

(p<0.05) over all depth intervals between stations. This difference between stations 

agrees with our analyses of the replicate samples between stations. Within the 

sediments, many of the bacterial taxa classifications consist of multiple ASVs, 

indicating there are many unique V1-V2 16S rRNA gene amplicon sequences for the 

same bacteria. While each station consists of a statistically significant different 

bacterial community, there are more similarities in the most abundant ASVs found in 

the canyon ecosystem stations compared to the submarine fan sediments. 

     To more closely analyze the most abundant ASVs throughout the upper 20 cm of 

deep sea sediments and the overlying sweater, the top 50 most abundant ASVs from 

the clusters determined via hierarchical clustering were identified in the seawater, 

SF3562m sediment, and canyon station’s sediment (Fig. 3.4). This resulted in 143 

total ASVs examined for their fine scale vertical distribution within the sediments and 

the overlying seawater. As expected, the same bacterial taxa are found in the full 
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length push cores as the replicate dataset from the same stations. The most abundant 

sedimentary bacteria were the Deltaproteobacteria Desulfobacteraceae (8.75% of all 

sedimentary reads; average 8.9% ± 3.4 relative abundance) and Desulfobulbaceae 

(6.5% of all sedimentary reads; average 6.8% ± 3.0 relative abundance). There are 

four highly abundant Desulfobacteraceae ASVs found in the sediments at all stations, 

exhibiting an increase in relative abundance with increasing depth into the sediments 

(0 – 3 cmbsf: 5.7% ± 2.1; 3 – 12 cmbsf: 8.8% ± 2.9; 12 – 18 cmbsf: 12.1% ± 3.3 

relative abundance). Of the 143 most abundant ASVs, 18 ASVs are 

Deltaproteobacteria Desulfobulbaceae genus Desulfobulbus, found in sediments at all 

stations exhibiting a decreasing trend in relative abundance with increasing depth into 

the sediments (0 – 3 cmbsf: 7.4% ± 2.9; 3 – 12 cmbsf: 7.3% ± 2.6; 12 – 18 cmbsf: 

4.8% ± 3.7 relative abundance). Of these 18 Desulfobulbus ASVs, six ASVs are 

almost exclusively found at SF3562m, eight ASVs are almost entirely found at all of 

the Monterey Canyon stations, and four ASVs are found at all five stations. 

Interestingly, 5.0% of all sedimentary reads are unclassified bacteria indicating there 

remains many unknown bacteria in sediments, with an increase in relative abundance 

with increasing depth (0 – 3 cmbsf: 3.7% ± 0.5; 3 – 12 cmbsf: 4.8% ± 1.1; 12 – 18 

cmbsf: 6.5% ± 1.8 relative abundance). Chloroflexi Anaerolineaceae also makes up 

5.0% of all sedimentary reads, with four highly abundant ASVs found at all stations, 

increasing in relative abundance with increasing depth (0 – 3 cmbsf: 3.0% ± 1.1; 3 – 

12 cmbsf: 4.6% ± 1.6; 12 – 18 cmbsf: 9.0% ± 2.2 relative abundance). 

Deltaproteobacteria NB1-j makes up 3.5% of all sedimentary reads (4.1% ± 1.1 
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relative abundance) with eight abundant ASVs. While all eight NB1-j ASVs are 

found at all stations, the relative abundances vary between the four canyon stations 

and SF3562m. In the canyon, NB1-j increase in relative abundance with increasing 

depth (0 – 3 cmbsf: 2.6% ± 1.0; 3 – 12 cmbsf: 3.5% ± 0.9; 12 – 18 cmbsf: 4.5% ± 1.7 

relative abundance) while NB1-j decreases in relative abundance at SF3562m (0 – 3 

cmbsf: 4.1% ± 0.6; 3 – 12 cmbsf: 2.0% ± 0.5; 12 – 18 cmbsf: 0.8% ± 0.6 relative 

abundance). Gammaproteobacteria JTB255-marine benthic group (MBG) makes up 

3.3% of the sedimentary sequences (average 3.0% ± 1.8 relative abundance), with the 

five most abundant JTB255-MBG ASVs found at SF3652m. The relative abundance 

of JTB255-MBG decreases with increasing depth at SF3652m (0 – 3 cmbsf: 6.8% ± 

0.8; 3 – 12 cmbsf: 2.3% ± 0.2; 12 – 18 cmbsf: 0.2% ± 0.2 relative abundance), as well 

as at the canyon stations though at much lower relative abundances (0 – 3 cmbsf: 

3.2% ± 0.8; 3 – 12 cmbsf: 2.9% ± 0.9; 12 – 18 cmbsf: 1.4% ± 0.7 relative 

abundance). Bacteroidetes Flavobacteriaceae consist of 3.1% of sedimentary 

sequences (average 3.2% ± 2.2 relative abundance), with two mostly abundant ASVs 

at the canyon stations, one of which is also found at SF3562m. The relative 

abundance of Flavobacteriaceae decreases with increasing depth at the canyon 

stations (0 – 3 cmbsf: 7.0% ± 1.9; 3 – 12 cmbsf: 3.3% ± 0.9; 12 – 18 cmbsf: 1.3% ± 

0.9 relative abundance), as well as at SF3562m at much lower relative abundances (0 

– 3 cmbsf: 3.4% ± 0.2; 3 – 12 cmbsf: 0.7% ± 0.3; 12 – 18 cmbsf: 0.04% ± 0.05 

relative abundance). Actinobacteria OM1 clade make up 2.6% of sedimentary reads 

(average 2.5% ± 1.2 relative abundance). There are two abundant OM1 clade ASVs 
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predominantly found at SF3562m. OM1 clade decreases in relative abundance with 

increasing depth at SF3562m (0 – 3 cmbsf: 4.1% ± 0.8; 3 – 12 cmbsf: 4.3% ± 1.6; 12 

– 18 cmbsf: 0.7% ± 0.4 relative abundance), while maintaining similar relative 

abundances with depth at the canyon stations (0 – 3 cmbsf: 2.6% ± 1.7; 3 – 12 cmbsf: 

2.1% ± 0.5; 12 – 18 cmbsf: 2.4% ± 1.0 relative abundance). 

     Next, we used canonical correspondence analysis (CCA) to identify the sediment 

geochemical conditions associated with community composition changes (ter Braak 

and Verdonschot 1995). For statistical analyses only, parameters for which there was 

data from every station were used. In addition, at SF3562m, SO42- which is known to 

be at equilibrium with seawater in the surface sediments (Jørgensen et al. 2019) was 

below expected values, indicating there was a methodological issue between 

sampling and analysis that left us cautious about the actual values measured, therefore 

we excluded SF3562m sediments in the CCA so this station would not unnaturally 

skew the analysis. The CCA was therefore based on Monterey Canyon sediments 

only, and used formate, acetate, SO42-, NO3-, and DIC, which were found to be 

independent of the other compounds, while Cl-, Na+, K+, Mg2+, Ca2+ were correlated 

(Fig. 3.3B). Of the uncorrelated parameters, DIC and NO3- were found to be 

statistically significant (p<0.05), influencing the bacterial community compositions 

throughout the upper 20 cm of deep sea sediments. The CCA ordination diagram 

(Fig. 3.3B) of the first two axes indicates that there are bacterial community 

composition distinctions by station (horizontal CCA1 axis, 21% of variation 
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explained) and distinctions by vertical profile within each push core (vertical CCA2 

axis, 16% of variation explained). 

     Overall, sediment bacterial communities are more diverse than the communities of 

overlying seawater, and unlike in seawater, there are no dominate sediment ASVs 

(Fig. 3.4). The surface sediments at each station contain very few seawater ASVs.  

     Building on previous work in the water column (Chapter 2) at these stations in the 

Monterey Canyon, the bacterial community of the upper 20 cm of deep sea sediments 

was compared to the community of the overlying bottom seawater. Rarefaction 

curves generated from the sequencing datasets did reach a plateau, indicating that the 

full diversity of the samples was revealed by the amount of sequencing carried out 

(not shown). The seawater and sediment communities were found to be distinctly 

different, with hierarchical clustering of samples based on Bray-Curtis dissimilarities 

of bacterial community ASVs (Fig. 3.4). The seawater sample communities consist of 

marked dominants, such as Deltaproteobacteria SAR324 and Gammaproteobacteria 

Oceanospirillales, highly influencing the shaping of these communities. Within the 

submarine canyon ecosystem, the seawater samples also contain sediment ASVs at 

very low abundances, whereas very few sediment ASVs are found in the overlying 

seawater at the submarine fan station (Fig. 3.4). 

  

Discussion 
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     The submarine canyon’s quick descent of seafloor depth relatively close to shore 

positions deep sea depths within a coastal environment. Submarine canyons are 

considered highly heterogeneous ecosystems displaying strong gradients in the 

frequency of physical disturbance events (e.g. sediment slumps, dense water 

cascading events, tidal forcing and storm-induced gravity flows) and resource 

availability (De Leo et al. 2014; Pasqual et al. 2011; Tesi et al. 2008). These factors 

are thought to have a strong influence on prokaryotic activities in sediments of these 

systems (Šimek et al. 2005). Our study additionally compared sites known to have 

had massive episodic input of organic matter, in the form of a deposited dead whale, 

with a single large whale carcass potentially providing the equivalent of 2000 years of 

accumulated background particulate organic carbon flux to the deep seafloor (Smith 

and Baco 2003). In 2004, a dead whale carcass was deposited in the Monterey 

Canyon at 1018 m seafloor depth (Lundsten et al. 2010), which we sampled 131 

months later. Hence, in addition to looking at sub-meter heterogeneity we could 

compare sites within the same canyon that presumably had very different 

communities within the last 11 years, as well as comparing to the submarine fan 

ecosystem site.  

     Previous studies on diversity of bacteria in sediment environments have typically 

either focused on the surface sediments (i.e. 0 to 2 or 5 cmbsf) (e.g. Bienhold et al., 

2016; Dyksma et al., 2016; Goffredi & Orphan, 2010; Gong et al., 2015; Hewson et 

al., 2007; Probandt et al., 2017) and/or deeper subsurface sediments (>1 m below 

seafloor) (e.g. Bienhold et al. 2016; Durbin and Teske 2011; Walsh et al. 2016; Zinke 
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et al. 2017). Few have assessed a fine scale vertical profile in the upper 20 cmbsf at 1- 

to 3- cm intervals (e.g. Peoples et al. 2019).  

     The replicated sampling of the sediments at each station allowed for the 

assessment of the horizontal homogeneity at each location. Station SF3562m was 

found to be the most homogenous between replicates, due to its location towards the 

open ocean instead of the canyon ecosystem. These sediments are more compact than 

sediments in Monterey Canyon, and visually the seafloor is more uniform. At the 

Monterey Canyon stations, the surface sediments constantly interact with the 

overlying seawater, with sediments being resuspended and mixed. This mixing 

potentially allows for more variability as bacterial communities from different depth 

intervals within the sediment may be introduced to other areas at the same station. 

Overall, the bacterial communities within a station are not different between technical 

replicates. Knowing that the sediments are less heterogenous than we had expected 

supports the potential to conduct robust in situ incubation experiments with 

ecologically thoughtful experimental design within a station. Replicates from an in 

situ incubation experiment can be considered true replicates. This replication is 

supported at different seafloor depths at all four stations within Monterey Canyon as 

well as at the one submarine fan station (Fig. 3.2). 

     One of the unique opportunities of this study was to assess the influence of a 

previous organic matter perturbation, deposition of a whale carcass, and compare this 

to sediments ~100 m away. Previous studies have identified that the influence of this 

sudden deposition of organic matter spreads away from the source as a dispersing 
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front of whale-associated nutrients (Goffredi and Orphan 2010). We sampled 

sediments at this previous whale fall site 11 years (131 months) after it was initially 

deposited. Comparison of the bacterial community at this station (WF1018m) to a 

reference canyon station ~100 m away (CY1040m) found that these bacterial 

communities are more similar to each other than to any of the other stations included 

in this study (Fig. 3.2, 3.3B, 3.4). In a previous study that assessed the bacterial 

diversity in sediments underlying whale falls at 1820 and 2893 m in Monterey 

Canyon, they found less diversity compared to reference sediments 10 - 20 m away 

sampled 7 months post deposition, yet by 70 months post deposition the diversity of 

the reference sediments had also decreased (Goffredi and Orphan 2010). The 

similarity in diversity between WF1018m and CY1040m in this study suggests that 

the organic matter perturbation to the sediments that was initiated by the deposition of 

the whale carcass has spread to at least 100 m away and is now influencing these 

sediments. Alternatively, enough time has passed since the initial organic matter 

perturbation and this influence has dissipated from the underlying sediments, with the 

community at this previous whale fall now resembling a previously unperturbed site. 

To verify which scenario is more likely to be influencing today’s bacterial 

communities, it is necessary to sample multiple distances from the whale fall at the 

same seafloor depth ~1000 m, such as 10 m, 500 m and 1000 m, to best capture the 

edge of the dispersing front. 

     While oxygen was not directly measured in the sediments sampled here, the 

changing concentrations of measured SO42-, NO3-, and acetate and the high relative 
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abundance of anaerobic bacterial groups suggest the anaerobic redox reactions that 

are occurring throughout the canyon ecosystem. The most abundant sedimentary 

bacteria were the Deltaproteobacteria Desulfobacteraceae and Desulfobulbaceae 

genus Desulfobulbus, both of which are known to be sulfate reducing bacteria that 

respire anaerobically and incompletely oxidize organic compounds to acetate (Kuever 

2014; Kuever et al. 2015). While there is a decrease in SO42- at CY1040m, 

geochemically supporting the presence of sulfate reducers, SO42- remains unchanged 

with increasing sediment depth at the other canyon stations. The unchanging SO42- 

concentrations may occur even while sulfate reduction reactions are happening as a 

consequence of the bioturbation at these stations (Chen et al. 2017). Macrofauna 

moving vertically through the sediments may be introducing overlying seawater that 

is higher in SO42- concentrations, replenishing SO42- at the same rate it is being 

microbially reduced. While SO42- is not decreasing, nitrate is decreasing with depth, 

indicating the occurrence of nitrate reduction or denitrification though this is not 

supported by the identified abundant bacterial communities. We are unable to confirm 

if the NO3- decrease is due to nitrate reduction or denitrification because we did not 

measure the respective end products of either reaction, NH3 or N2. One possibility is 

that nitrate reduction or denitrification is being carried out by very low abundance 

bacterial groups that are endemic to specific locations. It is also possible that the 

sulfate reducing bacteria we identified are using NO3- as an electron acceptor. This 

has been documented in other sulfate reducing bacteria such as a few Desulfovibrio 

species (Keith and Herbert 1983; McCready, Gould, and Cook 1983; Mitchell, Jones, 
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and Cole 1986; Seitz and Cypionka 1986), Desulfobulbus propionicus (Widdel and 

Pfennig 1982), and Desulfobacterium catecholicum (Moura et al. 1997; Szewzyk and 

Pfennig 1987), and noted that nitrate may be a preferred electron acceptor over sulfate 

(Seitz and Cypionka 1986). A likely scenario is that nitrate is being utilized as a 

nutrient source by methanotrophic archaea (ANME) partnered with the sulfate 

reducing bacteria (Green-Saxena et al. 2014) or nitrate reduction is being carried out 

by other archaea present (Martínez-Espinosa et al. 2001). As the V1-V2 16S rRNA 

gene primer set used for this study does not include archaea, we are unable to 

currently determine which archaea were present alongside the identified bacteria. 

     While bacterial groups known to be ubiquitous throughout deep sea (>1000 m) 

surface sediments are present at SF3562m, their relative abundances are much lower 

than previous global studies found (Bienhold et al. 2016; Mußmann et al. 2017). 

Gammaproteobacteria JTB255-MBG was found to be a cosmopolitan surface 

sediment bacterial group, identified in all 27 global deep sea surface sediments 

assessed (Bienhold et al. 2016) and occurring in high relative sequence abundances in 

multiple benthic habitats such as coastal, deep sea, organic-rich and organic-poor 

sediments (Mußmann et al. 2017). A study of submarine canyons in the 

Mediterranean Sea also found JTB255-MBG as one of the most abundant bacterial 

groups (Corinaldesi et al. 2019). In our study, the very low relative abundances to 

complete absence in canyon station sediments of JTB255-MBG indicates that while 

these globally cosmopolitan bacterial groups can still be found, this ecosystem 
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preferentially selects for bacterial groups that thrive under anaerobic conditions 

instead. 

     The bacterial diversity between pelagic communities and surface benthic 

communities has been found to differ greatly globally, with surface sediments more 

rich than overlying water (Probandt et al. 2017; Walsh et al. 2016; Zinger et al. 2011), 

in which our findings agree. The similar bacterial diversity identified within the 

canyon ecosystem stations is due to the similar influences on these communities. The 

Monterey Canyon stations are coastal and impacted by the submarine canyon. In 

order, the stations are located 21.67 km (WF633m), 29.77 km (WF1018m and 

CY1040m), 32.36 km (CY1833m) and 170 km (SF3562m) from shore. These factors 

combined lead the deep sea sediments within this ecosystem to receive more nutrients 

and organic matter than deep sea sediments underlying oligotrophic water (D’hondt et 

al. 2015). The sediments within Monterey Canyon are very fluffy, easily interacting 

with the bottom currents of the overlying seawater and resuspending, leading to 

greater mixing of these sediments with seawater. The constant resuspension of 

sediment particles in the seawater causes sediment bacterial ASVs to be found in the 

seawater bacterial communities (Fig. 3.4). In another study at several sites in the 

Pacific Ocean, the most abundant sediment bacterial sequences were also present at 

very low relative abundances in the overlying seawater, suggesting that marine 

sedimentary bacteria are dispersed via seawater with advective transport through the 

water column providing the simplest explanation of microbial input to the sediments 

(Walsh et al. 2016).  
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     At all stations sampled herein, the surface sediments also contain seawater 

bacterial ASVs, as this is the interface between the distinct habitats of the seawater 

and subseafloor. There is greater bioturbation at the canyon stations, with macrofauna 

visually identified while sampling these sediments. This bioturbation appears to result 

in at least some transport of sediments vertically, potentially mixing sediment and 

water column bacterial communities. A similar disturbance was previously identified 

in the near-surface sediments of Aarhus Bay, Denmark, where it was hypothesized 

that macrofauna inhabiting the sediments have a ‘homogenizing’ effect causing 

similar vertical profiles of bacterial abundances (Chen et al. 2017). The sediments at 

SF3562m were less “fluffy” such that there was minimal resuspension of surface 

sediments in the overlying seawater. There was also no noticeable bioturbation when 

sampling these sediments, suggesting that vertical stratification is more defined in 

these sediments, potentially leading to the observed lower bacterial diversity with 

increasing sediment depth. 

     Different bacterial communities exist in the seawater and sediments because these 

different substrates require varying lifestyles to survive, leading each of these habitats 

to be poised to contribute to biogeochemical cycles differently. Within the sediments, 

some of the bacterial taxa classifications consist of many ASVs, meaning many 

unique sequences are identified as the same bacteria. This suggests that in sediments 

there are potentially multiple ecological niches for these bacteria to occupy. The 

sediment grains create barriers for the porewater so more variable conditions exist 
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across small spatial scales, leading the sediments to have greater bacterial diversity to 

inhabit these spatially close but distinct ecological niches. 

 

Conclusions 

 

     Replicated sampling of sediments <1 m and >10 km apart provided a 

characterization of the heterogeneity of the bacterial community composition at 

different spatial scales. While the bacterial communities of sediments >10 km apart 

are significantly different, bacterial communities of sediments <1 m apart are fairly 

homogenous and not significantly different, at least in the environments we studied. 

The homogenous nature of bacterial community composition at small scales supports 

the potential to conduct robust in situ incubation experiments with ecologically 

thoughtful experimental design within a station. Between stations sampled within 

Monterey Canyon, DIC and NO3- significantly influence the bacterial community 

composition. While the surface sediments are at the interface between seawater and 

the subseafloor, the bacterial communities within the sediments are distinct from the 

overlying seawater. Future sediment studies can benefit from the replicated sampling 

of our study to inform their sampling strategies. 
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Figure 3.1 

Distributions of Na+, K+, Mg2+, Ca2+, SO42-, NO3-, acetate, formate, DIC and Fe2+ 
concentrations with depth below the seafloor at WF633m, WF1018m, CY1040m, 
CY1833m, and SF3562m. Based on the below expected values of SO42- at SF3562m, 
the actual values of all geochemical components measured at SF3562m were not 
considered for analysis, only the vertical profile trends. 

WF633m WF1018m SF3562mCY1833mCY1040m
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Figure 3.2 

Percent relative abundance of the most abundant 100% amplicon sequence variants 
(ASVs) from replicate sediment push cores. Heat map columns represent the most 
abundant ASVs ordered by phylum (as indicated by horizontal black and gray bars at 
bottom). Row represents individual samples with hierarchical clustering of samples 
based on Bray-Curtis dissimilarities of bacterial community ASVs. There are clear 
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sample clusters by station (color): 3,562 m (orange), 1,833 m (blue), 1,040 m (dark 
green), 1,018 m (light green), and 633 m (pink). Shapes indicate the seafloor 
characteristic of each sample. At each station, triplicate push cores were sampled 
(technical replicates). From each push core, one depth interval was selected. 
Triplicate biological replicates were sequenced from this depth. Within a station the 
bacterial community composition was fairly homogenous across triplicate push cores 
(<1 m apart). The bacterial communities were more heterogeneous between different 
stations (>10 km apart). The ASV composition was most similar among stations 
located within the canyon ecosystem, while the submarine fan community consisted 
of other bacteria. Bacterial Phyla ordered from left to right: Acidobacteria, 
Actinobacteria, Bacteroidetes, Chloroflexi, Gemmatimonadetes, Ignavibacteriae, 
Nitrospinae, Betaproteobacteria, Deltaproteobacteria, Epsilonproteobacteria, 
Gammaproteobacteria, SBR1093, and Verrucomicrobia. 
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Figure 3.3 

Shannon diversity index through full length sediment push cores and canonical 
correspondence analysis (CCA) of the geochemical data corresponding to the 
bacterial ASV communities of the full length push cores. A. Down core depth profile 
of bacterial community Shannon diversity index at all five stations. Shannon diversity 
index was similar at the surface depth interval across all stations. Bacterial 
community composition diversity is represented as a circle for each depth interval 
sampled, with color indicating the sample. For the stations within the canyon 
ecosystem, the diversity was relative constant through push core (upper 20 cm of the 
sediments). At the submarine fan station, Shannon diversity index decreased down 
through the core. B. CCA ordination diagram of the first two axes, with percentage of 
variation in the bacterial community composition explained by each axis indicated in 
the parentheses after the axis label. The constrained sets of environmental variables 
analyzed are indicated as vectors: formate, acetate, SO42-, NO3- and dissolved 
inorganic carbon (DIC). The bacterial community composition for each sediment 
depth interval is represented as circles; the colors indicate the station the sediment 
was sampled from. The samples along the vertical axis correspond to the interval 
within the push core, with surface sediments near the top of the plot and deeper 
sediments near the bottom. The statistical significance of nitrate and DIC (p < 0.05) 
are indicated with an asterisk next to the corresponding vectors.  
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Figure 3.4 

Percent relative abundance of the most abundant 100% amplicon sequence variants 
(ASVs) from full length sediment push cores and overlying seawater. Heat map 
columns represent the most abundant ASVs ordered by phylum (as indicated by 
horizontal black and gray bars at bottom). Row represents individual samples with 
hierarchical clustering of samples based on Bray-Curtis dissimilarities of bacterial 
community ASVs. There are clear sample clusters by substrate: seawater (blue) and 
sediment (brown). Colored shapes indicate the station (color) and seafloor 
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characteristic (shape) of each sample. The midpoint of each sampled push core depth 
interval is included next to the corresponding sample. Distinct dominant ASVs were 
found in the overlying seawater bacterial communities compared to the sediment 
communities. Fine scale vertical variability of bacterial communities within push 
cores from surface to ~20 cm below. Bacterial phyla ordered from left to right: 
Acidobacteria, Actinobacteria, Atribacteria, Bacteroidetes, Chloroflexi, 
Ignavibacteriae, Marinimicrobia, Nitrospinae, Alphaproteobacteria, 
Betaproteobacteria, Deltaproteobacteria, Gammaproteobacteria, SBR1093, and 
Verrucomicrobia. 
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Chapter 4: In situ exploration of bacterial responses to phytodetritus amendments 

 

Abstract 

 

     Deep sea bacteria degrade surface ocean derived particulate organic matter 

(POM). We developed and deployed an in situ incubator to examine changes in 

microbial community composition in response to phytodetritus additions. Initial in 

situ incubation experiments were carried out at seafloor depths of 1,040 m and 3,562 

m in the eastern North Pacific Ocean. Bathypelagic water and the resident bacterial 

community at these depths was incubated in unamended control bags or treatment 

bags amended with phytodetritus derived from cultures of diatom Chaetoceros or 

prasinophyte Micromonas. Bacterial cell abundances significantly increased (p < 

0.05) over the length of both control experiments after 60 days (1,040 m) and 240 

days (3,562 m) compared to initial time points (1 day: 1,040 m; 0 day: 3,562 m). V1-

V2 16S rRNA gene amplicon sequence analysis of 100% nucleotide identity 

amplicon sequence variants (ASVs) of 1,040 m control incubations revealed an 

increase in bacterial ASVs that appeared to be connected to the 60 day confinement 

period or other related community changes. ASV analyses of the phytodetritus 

amended treatments at both 1,040 m and 3,562 m led to two time point-associated 

ASV-based clusters for each experiment, one cluster with Niskin controls and <1 

week incubations and the second cluster consisting of multi-month incubations. The 

relative abundance of Gammaproteobacteria Oceanospirillales increased in the 4 day 
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incubations, and continued to increase in the multi-month incubations. Bacterial 

groups known to degrade algal polysaccharides in the surface ocean, such as 

Bacteroidetes Flavobacteria and Planctomycetes, increased in relative abundance in 

the multi-month incubations. These deep sea in situ incubation experiments further 

our understanding of the bacteria actively responding to phytodetritus at the seafloor 

and first insights into the timescales on which they respond to fresh inputs of 

phytodetritus.  

 

Introduction 

 

     Carbon remineralization and sequestration in the deep sea remain major unknown 

components in most carbon cycle models. Dissolved organic carbon flux supports ~ 

10% of the respiration in the mesopelagic zone (Arístegui et al., 2002), with the bulk 

(~ 90%) of the respiration being supported by sinking particulate organic carbon 

(POC). Only a portion of the surface produced organic carbon is exported to the deep 

sea via mineral ballasting, aggregates, fecal pellets, eddy-driven subduction, and large 

zooplankton sinking or vertical migration (Alldredge et al., 1993; Armstrong et al., 

2002; Katija et al., 2017; Lebrato et al., 2013; Omand et al., 2015; Robison et al., 

2005; Wilson et al., 2013). Once on the seafloor, phytodetritus and fecal pellets 

become a food source for the organisms living in the surface sediments and the 

overlying seawater. Sinking POC can exhibit seasonal, interannual and episodic flux 
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variations, with strong connectivity to surface ocean conditions (Smith et al., 2013). 

The abyssal community appears to be sustained by episodic pulses of food from 

surface production, based on research at Station M, a long term study site in the 

Northeast Pacific Ocean (4000 m seafloor depth). The recalcitrant organic matter that 

is not readily consumed by the benthic community is sequestered into the sediments 

and is thought to be increasingly utilized by the benthic fauna during periods of low 

food supply (Smith et al., 2013).  

     Small particles (11- 64 µm) contribute significantly to particle flux in oligotrophic 

regions (Durkin et al., 2015). At the Bermuda Atlantic Time Series (BATS), the flux 

of small particles increases with depth which may contribute significantly to carbon 

flux (39 ± 20% of modeled total carbon flux) through aggregation and disaggregation, 

physical mixing and direct gravitational settling (Durkin et al., 2015). Denaturing 

gradient gel electrophoresis (DGGE) fingerprint analysis showed that when surface 

production at BATS is dominated by small size cells, small eukaryotes and 

cyanobacteria contribute to sinking particle flux via packaging as aggregates and 

fecal pellets (Amacher et al., 2013). During periods of high POC influxes, the 

magnitude of carbon flows within the deep sea microbial loop appear to decline 

(Dunlop et al. 2016). This same study found that the benthic community primarily 

relies on the more stable food source of semi-labile detritus during periods of low 

POC flux.  
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     Multiple incubation experiments of deep sea samples have been carried out 

shipboard, providing a rich literature resource. An early shipboard study (Boetius and 

Lochte 1996) of deep sea (1000 m seafloor depth) Arctic sediments tested the 

hydrolytic potentials and growth of bacteria when enriched for over 63 days with a 

variety of organic compounds. The enrichment with starch, lipid and cellulose did not 

cause detectable bacterial growth. The chitin and glucose enrichments resulted in 

significant biomass production after a lag phase of up to 10 days. 

    Here, we performed a series of dep sea in situ incubations to identify the deep sea 

bacterial taxa that are poised to degrade organic matter. We designed a deep sea in 

situ incubation sampler, deployable via remotely operated vehicle (ROV), to perform 

experiments at the sediment-water interface at 1040 m and 3562 m seafloor depths in 

the eastern North Pacific Ocean. These samplers experimentally simulate arrival of 

phytodetritus in the deep sea in a confined setting to further our understanding of 

which deep sea bacteria actively consume carbon and the timescale of responses to 

fresh inputs of organic material.  

 

Materials and Methods 

 

Phytodetritus preparation 
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     Algal cultures were grown to be used as the phytodetritus substrate for each 

experiment. For the coastal experiment, cultures of the diatom Chaetoceros mulleri 

Lemmermann (CCMP1316) were grown at 125 μE m-2 s-1 PAR in L1 medium in a 

defined artificial sea water (ASW) base. Culture growth was measured via 

fluorometery and by counting the cells using a Sedgewick Rafter under an 

epifluorescence microscope. For the more offshore experiment, the prasinophyte 

Micromonas commoda (RCC299) was grown at 125 μE m-2 s-1 PAR in L1 medium in 

ASW. Culture growth was measured using an Accuri (BD, San Jose, CA, USA) flow 

cytometer. For both cultures, cells were harvested in their exponential phase (6 x 105 

and 7 x 106 cells ml-1 for CCMP1316 and RCC299, respectively) by centrifugation at 

10,000 x g for 30 minutes at 4°C and the supernatant removed and discarded. The 

remaining cell pellets were frozen at -80°C until use. To prepare the phytodetritus 

solution for a 0.35 μM carbon addition to each sample, cells were resuspended in 

sterile ASW, vortexed and sonicated. 

 

Incubator and experimental design 

 

     Deep water in situ incubation samplers were designed to perform experiments on 

the seafloor near the sediment-water interface. Each sampler consists of a stand with a 

base that rests on the seafloor and a post that holds up to six sample bags. The sample 

bags were made of fluoroethyl polymer (FEP) film and were gas permeable under 
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atmospheric pressure (OriGen Biomedical, Austin, TX, USA). Either 1- or 2- L bags 

were used. A manifold is attached at the top of the stand with Tygon tubing that 

connects to each sample bag (Fig. 4.1A). The sample bags were either empty or 

prefilled with the appropriate carbon substrate solution (more details below). To fill 

them with in situ seawater, the manifold was connected to a submersible pump (Sea-

Bird Scientific, Bellevue, WA, USA) attached to remotely operated vehicle (ROV) 

Doc Ricketts and the local water was pumped into the bags (fill volumes were 

targeted at 1 L at 1,040 m and 2 L at 3,562 m). After filling, the pump was turned off 

and the interface removed from the stand. The stand was then placed onto the seafloor 

and remained there for the designated time period. One stand was used for each of the 

experimental time points. 

     Based on a study by Peltzer & Hayward (1996) conducted in the North Pacific 

subtropical gyre, the expected natural contribution of labile carbon at our study sites 

was 0.1% (0.035 µM) of the total organic carbon (35 µM). For the experiments, we 

targeted a 1% labile carbon (0.35 µM) addition, an order of magnitude above the 

expected natural contribution, which in order to ensure that a detectable response 

signal was acquired for downstream analysis. At the 1040 m location, the 1-liter 

sample bags (OriGen Biomedical, Austin, TX, USA) were preloaded with 0.35 μg 

phytodetritus and at the 3,562 m location, the 2-liter sample bags were preloaded with 

0.7 μg phytodetritus in a sterile laminar flow hood before boarding the ship to target 

this 0.35 µM addition. 
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     Paired with each organic matter (OM) incubation experiment, incubation controls 

were conducted to identify bag effects that were independent of OM addition. This 

consisted of an incubation sampler with three bags attached, no OM addition, filled 

with deep water at the seafloor and remaining for the designated time point. Niskin 

bottles mounted on the ROV were also used to sample the same local water as had 

been pumped into the experimental bags. This Niskin water was used as a control for 

seawater that had not been introduced to the experimental sample bags. 

 

Oceanographic sampling  

 

     Four deep sea in situ incubation experiments were carried out in the eastern North 

Pacific Ocean onboard the R/V Western Flyer. Two experiments occurred at 1,040 m 

seafloor depth 29.77 km from shore in Monterey Bay while the other two occurred at 

3,562 m seafloor depth located 170 km from shore. At 1,040 m, the time course of 

OM incubations was 0, 2, 4, and 120 days and the time course of control incubations 

was 1 and 60 days (Fig. 4.1B). At 3,562 m, the time course of OM incubations was 0, 

4, 240, and 365 days and the time course of control incubations was 0, 5, and 240 

days (Fig. 4.1B). Every incubation time point and Niskin control was carried out in 

triplicate.  

     The total volume of collected seawater in each incubation bag was measured 

shipboard after retrieval and ranged from 50 – 860 ml (1 L bags) and 1558 - 2868 ml 
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(2 L bags). While a targeted fill volume was made for each incubation, the bags did 

not fill evenly, leading to variability in volumes within and between timepoints. Bags 

with less than 440 ml were not included in further analyses after a preliminary 

assessment. From the 1 L bags, of the total volume collected, 100 ml was filtered onto 

a 0.2 µm Supor filter (Pall Gelman, East Hills, NY, USA) for total DNA. Filters were 

frozen and stored at -80°C. Flow cytometry samples (3 ml) were preserved in 

glutaraldehyde (EM grade, 0.25% final concentration, Electron Microscopy Services, 

Hatfield, PA, USA) at room temperature in the dark for 20 min, flash frozen in liquid 

nitrogen and stored at -80°C (Marie et al. 2001). The remaining volume of water was 

filtered onto a 0.2 µm Supor filter (Pall Gelman, East Hills, NY, USA) for RNA. 

Filters were frozen and stored at -80°C.  

     From the 2 L bags, of the total volume collected, 500 ml was filtered onto a 0.2 

µm Supor filter (Pall Gelman, East Hills, NY, USA) for total DNA. Filters were 

frozen and stored at -80°C. Flow cytometry samples were preserved in 3 mL volumes 

with glutaraldehyde (EM grade, 0.25% final concentration, Electron Microscopy 

Services, Hatfield, PA, USA) at room temperature in the dark for 20 minutes (during 

which they were aliquoted into one ml volumes) and flash frozen in liquid nitrogen. 

Corresponding nutrient samples (~25 ml) were taken as previously described 

(Pennington and Chavez 2000) from each bag. The remaining volume of seawater 

was filtered onto a 0.2 µm Supor filter (Pall Gelman, East Hills, NY, USA) for 

additional DNA or RNA that has yet to be analyzed. Filters were flash frozen in 
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liquid nitrogen and stored at -80°C. All volumes sampled were recorded and added at 

the end to calculate the total volume of water for each sample.  

 

Flow cytometry 

 

     Bacterial cell counts were measured by flow cytometry using a BD Influx flow 

cytometer (BD Biosciences, San Jose, CA, USA). After thawing, preserved seawater 

samples were stained with SYBR Green I (0.5X final concentration; Molecular 

Probes, Inc., Eugene, OR, USA) for 15 min at room temperature in the dark (Marie et 

al. 2001). Two types of fluorescent polystyrene beads, 0.75 µm yellow-green and 0.5 

µm green (Polysciences, Inc., Warrington, PA, USA), were added to the stained 

sample for reference. Samples were run at 25 µl min-1, as measured with an inline 

flow meter (SENSIRION SLG-1430), using a 200 mW 488 nm laser to interrogate 

cells. Each sample was pre-run 2 min, then bacterial populations were resolved by 

green fluorescence (520/35nm band pass, trigger) and Forward Angle Light Scatter 

(FALS). Events were collected for 2 min, and the volume analyzed was confirmed by 

weight measurements. Flow cytometry data were analyzed in WinList 3D 8.0 (Verity 

Software House, Topsham, ME, USA).  

 

DNA extraction, PCR and amplicon sequencing 
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     DNA was extracted from filters using a modification of the QIAGEN DNeasy 

Plant kit (Qiagen, Valencia, CA, USA), including addition of a bead beating step 

(Demir-Hilton et al. 2011), and quantified with the QuBit dsDNA high-sensitivity 

assay (Invitrogen, Carlsbad, CA, USA). Prior to PCR, templates were diluted to 1 ng 

µl-1 with TE pH 8 (Thermo Fisher Scientific, Waltham, MA, USA). Polymerase chain 

reactions (50 µl) were set up as previously described (Hamady et al. 2008) with 5 µl 

of 10x buffer, 1 U of HiFi-Taq, 1.6 mM MgSO4 (Invitrogen, Carlsbad, CA, USA), 5 

ng of template DNA, 200 nM each of the forward primer (27FB, 5′-

AGRGTTYGATYMTGGCTCAG-3′) and the reverse primer (338RPL, 5′- 

GCWGCCWCCCGTAGGWGT-3′) (Fortunato et al. 2012). The PCR cycling 

parameters were 94°C for 2 min; 30 × 94°C for 15 s, 55°C for 30 s, 68°C for 1 min 

and a final elongation at 68°C for 7 min. Following the PCR, an aliquot was run on a 

1% Agarose gel to verify the desired V1-V2 16S rRNA gene product (∼ 300 nt in 

length) had been amplified. Samples were amplicon sequenced using Illumina MiSeq 

2x300 bp paired-end reads.  

 

V1-V2 16S rRNA gene amplicon quality control 

 

     Amplicon sequence reads were processed with USEARCH v9 (Edgar 2010) for 

quality control and to merge paired-end reads. Low quality bases were trimmed from 
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the sequences using a 10% read length window with a Q25 running-quality threshold. 

Paired-end sequences were merged with a ³ 50-nucleotide overlap, minimum 

sequence length of 200 nucleotides, and maximum 5% mismatches. A filtering step 

was performed to discard low-quality merged sequences with a maximum expected 

error >1. Primers were removed from the sequences with cutadapt (Martin 2011). For 

each sample, between 132,127 and 317,549 amplicons were generated (average = 

208,520 ± 56,916, median = 206,169, n = 30). 

 

Amplicon sequence variant resolution 

 

     Merged amplicon sequences were resolved into amplicon sequence variants 

(ASVs) of 100% pairwise nucleotide identity with USEARCH v10.0.240 (Edgar 

2010). The unoise3 algorithm (Edgar 2016) infers exact ASVs from the sequencing 

data, instead of building operational taxonomic units from sequence similarity. 

Taxonomies were assigned to each ASV using the SILVA database (Pruesse et al. 

2007) (release 128, September 07 2016, https://www.arb-

silva.de/documentation/release-128) via QIIME2-2018.2 q2-feature-classifier 

(Bokulich et al. 2018). We filtered the ASVs into the non-phototrophic bacterial 

component by excluding the amplicons with taxonomies matching plastid, 

mitochondrial, or cyanobacterial sequences based on the SILVA assignment, 

resulting in 53,134 total bacterial ASVs. The V1-V2 16S rRNA primer pair used was 
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bacteria and plastid specific and did not allow for comparison of archaea (Wear et al. 

2018). 

 

Statistical analyses 

 

     Differences in bacterial cell abundances over the length of each incubation were 

calculated using a one-way ANOVA. All non-phototrophic bacterial community ASV 

analyses were conducted using the “vegan” package (v2.4.4; https://cran.r-

project.org/web/packages/vegan/) in R (v3.4.1) (Oksanen et al. 2017). Hierarchical 

clustering based on Bray-Curtis dissimilarity (Bray and Curtis 1957) of bacterial 

amplicon sequences relative abundance was calculated to compare community 

compositions between samples. The relative read proportion of bacterial ASVs were 

calculated by dividing the ASV count by the total reads in each sample. These 

relative read proportions were log2 transformed for better visualization. Differential 

abundances of ASVs between biological replicates within each station were identified 

based on a negative binomial distribution model using “DESeq2” package (v1.22.2; 

https://bioconductor.org/packages/release/bioc/html/DESeq2.html) (Love et al. 2014) 

and estimated effect size shrinkage to rank ASVs was performed using ‘apeglm’ 

package, an approximate posterior estimation for a generalized linear model (v1.4.2; 

https://bioconductor.org/packages/release/bioc/html/apeglm.html) (Zhu et al. 2018). 
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All base plots used in the included figures were generated using the R package 

“ggplot2” (v2.2.1; https://ggplot2.tidyverse.org) (Wickham 2016). 

 

Metagenomic sequencing  

 

     DNA was extracted from triplicate control Niskin samples and triplicate 1,040 m 

120 day OM incubation filters using a modification of the QIAGEN DNeasy Plant kit 

(Qiagen, Valencia, CA, USA), including addition of a bead beating step (Demir-

Hilton et al. 2011) and exclusion of RNase. DNA was quantified with the QuBit 

dsDNA high-sensitivity assay (Invitrogen, Carlsbad, CA, USA) and sequenced using 

Illumina HiSeq 4000 2x150 bp paired-end reads. These sequences were not further 

analyzed herein but future directions will focus on identifying potential pathways 

responding to the phytodetritus addition. 

 

Results 

 

     The experiments in this study were among the first deep water in situ incubation 

experiments to be conducted that address bacterial diversity. The primary other 

existing deep water in situ incubation experiment that analyzed members of the 

microbial community (Pachiadaki et al. 2016) addressed protistan grazing on 
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prokaryotes at multiple depths throughout the water column. Our hope is that by 

conducting in situ experiments and applying multiple sequencing approaches, of 

which amplicon analyses were completed herein and future directions include 

metagenomic analyses, we can generate insights into the deep sea bacterial taxa that 

actively respond to fresh pulses of organic matter, at least those that degrade 

phytodetritus.  

 

Bacterial cell abundances increase over long incubations 

 

     The bacterial cell abundances were assessed to identify how abundances were 

impacted by the bacterial communities existing in isolated incubation bags over time 

compared to their initial abundances from the 0 or 1 day timepoint. Measured from 

triplicate samples at 1,040 m, the control Niskin communities exhibited the lowest 

bacterial abundances (31,024 ± 1,079 cells ml-1) compared to the communities 

incubated over time (not shown). While there was a slight increase in bacterial cell 

abundances after a 1 day incubation (39,787 ± 7,344 cells ml-1), there was a 

significant increase (p < 0.05, one-way ANOVA) between the 1 day and 60 day 

incubations (140,363 ± 8,571 cells ml-1) (Fig. 4.2A). Measured from triplicate 

samples at 3,562 m, the Niskin control communities exhibited more variability 

(31,851 ± 11,364 cells ml-1) though similar cell abundances as the community at 

1,040 m (not shown). The short incubations at 3,562 m exhibited a decrease in 
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bacterial cell abundances: 0 days (26,688 ± 5,336 cells ml-1) and 5 days (20,407 ± 

5,336 cells ml-1; duplicates). By the 240 day incubation, cell abundances had 

increased dramatically (116,154 ± 39,335 cells ml-1) again similar to the long 

incubation at 1,040 m, and was a significant increase compared to the 0 day 

incubation (p < 0.05, one-way ANOVA) (Fig. 4.2C). Overall, by isolating deep water 

into incubation bags, bacterial abundance increased over time. The reasons behind 

this are unclear, but may include damage to the grazer community during the set up of 

our experiment. 

     The organic matter (OM) amendments at 1,040 m exhibited similar trends in 

bacterial abundances as the control incubations (Fig. 4.2B). The Niskin control 

(125,267 ± 1,811 cells ml-1; duplicates), 0 day OM amended incubation (136,436 ± 

6,365 cells ml-1), 2 day OM amended incubation (133,558 ± 2,717 cells ml-1) and 4 

day OM amended incubation (135,546 ± 4,873 cells ml-1) exhibited similar bacterial 

cell abundances. The 120 day incubation (180,012 ± 49,549 cells ml-1) exhibited a 

significant increase (p < 0.05, one-way ANOVA) in bacterial cell abundances 

compared to the 2 day incubation, and there was greater variability between 

replicates. At 3,562 m, the OM incubations exhibited a different pattern in bacterial 

cell abundances over time as compared to the control incubations (Fig. 4.2D). The 

Niskin control exhibited the lowest overall bacterial cell abundances (34,944 ± 6,521 

cells ml-1; duplicates). There was the same increase in the short incubations of 0 days 

(52,632 ± 4,177 cells ml-1) and 4 days (52,908 ± 2,852 cells ml-1) relative to the 
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Niskin community. There was a significant decrease (p < 0.05, one-way ANOVA) in 

abundance between both the 0 day and 4 day incubations to the 240 day incubations 

(37,819 ± 12,422 cells ml-1). However, it should be noted that there was also more 

variability between replicates at 240 days such that communities in some bags 

appeared to have died while in others abundance has increased slightly from the 

earlier time points. The bacterial cell abundances from the 365 day incubation were 

more similar to the short incubations and the most variable (56,064 ± 25,280 cells ml-

1). Perhaps not surprisingly, the influence of OM addition to the isolated bacterial 

communities in each incubation bag was less than that of being isolated from the 

surrounding seawater. 

 

Control incubation influence on bacterial community  

 

     Niskin control (n = 1), 1 day (n = 1) and 60 day (n = 1) samples from the 1,040 m 

control incubation experiment were chosen for V1-V2 16S rRNA gene amplicon 

sequencing. For the 1,040 m control incubations we performed hierarchical clustering 

of bacterial communities based on amplicon sequence variants (ASVs) Bray-Curtis 

dissimilarities. We found the 1 day incubation (n = 1) to be similar to the Niskin 

control (n = 1), but different from the 60 day incubation (n =1) (Fig. 4.3). To more 

closely analyze the most abundant ASVs from each sample, the ASVs consisting of 

the top 50% of the bacterial community from all three samples combined were 

identified. This resulted in 146 ASVs examined for their change in relative abundance 
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over the course of the incubation. The bacterial relative abundances were highly 

similar between the Niskin and 1 day incubation with the most abundant ASVs 

identified as Actinobacteria Sva0996 marine group, Marinimicrobia, Nitrospinae, 

Alphaproteobacteria SAR11, Deltaproteobacteria SAR324, Gammaproteobacteria 

Oceanospirillales JL-ETNP-Y6 and Salinisphaerales ZD0417 marine group, and 

Verrucomicrobia Arctic97B-4 marine group (Fig. 4.3). These groups with high 

relative abundances were partially expected as they were the same bacterial groups 

identified at this depth and location from a previous study (Chapter 2). The most 

noticeable difference within these groups was the increase of four ASVs classified as 

SAR11 surface I after the 1 day incubation (Niskin: 0.031%, 0.028%, 0.012%, 

0.005%. 1 day: 0.484%, 0.438%, 0.376%, 0.311%, respectively). All of these short 

incubation ASVs were also found in the 60 day incubation, though at much lower 

abundances. The most highly abundant ASVs of the 60 day incubation were 

Alphaproteobacteria Rhodobacterales genus Sulfitobacter and Sneathiellales, 

Epsilonproteobacteria Campylobactertales genus Arcobacter, and the 

Gammaproteobacteria Alteromonadales genus Colwellia, Cellvibrionales 

Cellvibionaceae and Spongiibacteraceae BD1-7, Thiotrichales Piscirickettsiaceae and 

Oceanospirillales Oceanospirillaceae. Almost all of the ASVs making up these 60 day 

incubation bacterial groups were not detected in the Niskin and 1 day incubations, 

even though rarefaction curves of samples from this experiment showed a plateau, 

indicating we did capture the full diversity of the bacterial communities in each 

sample (not shown).   
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Deep sea bacterial responses to in situ phytodetritus-amended incubations 

 

     At 1,040 m, an OM in situ incubation experiment was carried out, with 

incubations of deep water amended with Chaetoceros mulleri Lemmermann 

(CCMP1316). Niskin control (n = 3), 0 day (n = 2), and 120 day (n = 6) samples were 

selected for V1-V2 16S rRNA gene amplicon analyses for the initial assessment of 

the bacterial community changes due to the amended incubations. Hierarchical 

clustering of 1,040 m OM incubation bacterial communities based on ASV Bray-

Curtis dissimilarities found two major clusters. The first cluster consisted of the 

Niskin controls (n = 3) and 0 day incubation (n = 2) while the second cluster was all 

of the replicates from the 120 day incubation (n = 6) (Fig. 4.4). To more closely 

analyze the most abundant bacterial ASVs from the Niskin, 0 day incubation and 120 

day incubation samples, the top 50% of ASVs from each time point were identified 

(Niskin: 134 ASVs. 0 day: 157 ASVs. 120 day: 74 ASVs). This resulted in 241 total 

ASVs examined for their change in abundance due to the incubation of the bacterial 

communities with the added OM. The ASVs with the highest relative abundances 

from the Niskin and 0 day samples matched the bacterial groups found in the Niskin 

and 1 day samples from the control incubation. In addition, the Niskin and 0 day OM 

incubation samples included Chloroflexi SAR202, and Gammaproteobacteria 

Oceanospirillales OM182, SAR86 and SUP05. The 0 day incubation samples also 
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consisted of an increase in the relative abundances of ASVs classified as unclassified 

Bacteria and Alphaproteobacteria Rhodobacteraceae. The four unclassified Bacteria 

ASVs increased from an average of 0.014% ± 0.018 to 0.67% ± 0.11 relative 

abundance, while four of the Alphaproteobacteria Rhodobacteraceae ASVs increased 

from an average of 0.050% ± 0.067 to 0.972% ± 0.219 relative abundance. Several 

bacterial groups increased in relative abundance in the 120 day OM incubation as 

seen in the 60 day control incubation including Alphaproteobacteria 

Rhodobacteraceae (though not the same ASVs that increased in the 0 day OM 

incubation), Epsilonproteobacteria Campylobactertales genus Arcobacter, and the 

Gammaproteobacteria Alteromonadales genus Colwellia and Thiotrichales 

Piscirickettsiaceae. In addition to these bacterial groups that seem to be impacted by 

being incubated in the bags, the 120 day OM incubation exhibited an increased in 

relative abundance of the Bacteroidetes Flavobacteria genus NS3a marine group, 

genus Polaribacter and genus Ulvibacter, Betaproteobacteria Burkholderiales BAL58 

marine group and Gammaproteobacteria Oceanospirillales Psuedohongiella. Of the 

bacteria that increase with the 120 day OM incubation, Bacteroidetes Flavobacteria 

NS3a marine group was not detected in the Niskin and 0 day incubations.   

     At 3,562 m, an OM in situ incubation experiment was carried out, with 

incubations of deep water amended with Micromonas commoda (RCC299). Niskin 

control (n = 2), 0 day (n = 3), 4 day (n = 3), 240 day (n = 4) and 365 day (n = 4) 

samples were chosen for V1-V2 16S rRNA gene amplicon analyses for the initial 

assessment of the bacterial community changes due to the amended incubations. 
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Hierarchical clustering of 3,562 m OM incubation bacterial communities based on 

ASV Bray-Curtis dissimilarities found two major clusters. The first cluster consisted 

of the Niskin controls (n = 2), 0 day incubation (n = 3), and 4 day incubation (n = 3) 

while the second cluster consisted of the long incubations, 240 days (n = 4) and 365 

days (n = 4) (Fig. 4.5). The short OM incubations grouped by time point within the 

first cluster while the 240 day and 365 day OM incubations were interspersed 

throughout the second cluster. To more closely analyze the bacterial ASVs with the 

highest relative abundances from the control Niskins, as well as 0, 4, 240 and 365 day 

incubation samples, the top 50% of ASVs from each time point were identified 

(Niskin: 56 ASVs. 0 day: 73 ASVs. 4 day: 68 ASVs. 240 day: 59 ASVs. 365 day: 55 

ASVs). This resulted in 135 total ASVs examined for their change in abundance due 

to the incubation of the bacterial communities with the added OM. There were no 

differences in which bacterial group ASVs were most abundant in the Niskin and 0 

day incubations. The 4 day incubations included the appearance of 

Gammaproteobacteria Oceanospirillaceae, which then increased in relative abundance 

in both long OM incubations (Niskin + 0 day: 0% ± 0; 4 day: 0.02% ± 0.02; 240 + 

365 day: 0.77% ± 0.5). Several bacterial groups increased in relative abundance in the 

240 and 365 day OM incubations as seen in the 60 day control incubation from 1,040 

m including Alphaproteobacteria genus Sneathiella, Epsilonproteobacteria 

Campylobactertales genus Arcobacter, and Gammaproteobacteria Cellvibrionales. In 

addition to these bacterial groups that seem to be impacted by being incubated in the 

bags, the 240 and 365 day OM incubations exhibited an increased in relative 
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abundance of the Bacteroidetes Flavobacteria genus Aquibacter and genus Fluviicola, 

and Planctomycetes genus Planctomyces. These bacteria that seem to increase in 

response to the 240 and 365 day OM incubations were also present in the short 

incubations and Niskin samples but at low relative abundances. Of the bacterial 

groups in high relative abundance in the Niskin, 0 and 4 day OM incubations, 

Deltaproteobacteria SAR324 was not detected in the 240 and 365 day OM 

incubations.   

 

Discussion 

 

     The four in situ incubation experiments presented here aim to identify how our 

incubator set up influenced the community, as well as to identify which bacteria were 

actively responding to the provided phytodetritus that simulated sinking OM arriving 

into the deep sea. Flow cytometric cell enumerations from our control in situ 

incubations indicated an increase in bacterial abundances over incubation times 

greater than 5 days (Fig. 4.2A, C). This suggests that there is an influence on the 

bacterial communities just from being isolated in the incubation bags. Potentially the 

bags themselves were providing a surface for some bacteria to adhere to, as there was 

a high surface area to volume relative to natural bathypelagic conditions with bag 

volumes ranging from 50 – 860 ml (1 L bags) and 1558 - 2868 ml (2 L bags), 

encouraging bacterial growth. Whether or not these taxa would have contributed to 
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our counts is unclear, as we did not attempt to sample the bag walls. There is also the 

possibility that the bacteria that survive on dissolved organic carbon (DOC) were 

thriving due to a potential increase in DOC leaching from the bags themselves which 

were made of fluoroethyl polymer (FEP) film. While the incubation bags were sterile, 

we did not prefill the bags with MilliQ water to determine if there were carbon 

compounds that would leach into the experiments. A previous year long incubation 

experiment of bathypelagic water (2100 m) collected from the Northwestern 

Mediterranean Sea with no external input of carbon examined the prokaryotic 

community dynamics in a 600 L HDPE container (Sebastián et al. 2018). Flow 

cytometric abundances of 14 timepoints over the course of the year demonstrated 

alternating increases and decreases in prokaryotic abundances, similar to the trends 

we observed in our control incubations. 

     Flow cytometric cell enumeration from both of the in situ OM incubations also 

indicated an increase in bacterial abundance over incubation times greater than 4 

days, though the increase was less pronounced and more variable compared to the 

control incubations (Fig. 4.2B, D). The long incubation times of 120, 240 and 365 

days led each of the replicates to turn into unique mesocosms rather than existing as 

true replicates to each other, as the individual communities captured within each bag 

were isolated for lengths of time that potentially allowed for multiple cycles of 

microbial success and turnover. This could be seen, for example, in the 365 day OM 

incubation at SF3652m where one replicate drastically decreased in bacterial cell 

abundances (23,264 cells ml-1) and one replicate greatly increased (94,076 cells ml-1) 
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compared to the 0 day incubation (52,632 cells ml-1 ± 4,177). A previous high 

molecular weight dissolved organic matter 27 hour incubation experiment of 75 m 

water from the North Pacific subtropical gyre measured cell densities via flow 

cytometry, and found that bacteria doubled in the DOM-amended microcosms 

(McCarren et al. 2010). This quick doubling of cell abundances were not seen in our 

OM incubations, as our bacterial communities were from bathypelagic depths (1,040 

m and 3,562 m) where colder temperatures lead to slower growth than in the photic 

zone.   

     The control incubations exhibited a change in the bacterial community 

composition over time, indicating that not only were bacterial cell abundances 

increasing, but the bacteria that make up the community were changing as well. The 

most abundant ASVs in the 60 day incubation, that were initially very rare or not 

detected in the Niskin and 1 day incubation ASV data, were potentially the most 

responsive to the conditions inherent in the control incubation, and were considered 

‘seed’ ASVs. The notion of microbial seedbanks has been previously proposed to 

play a fundamental role in microbial dynamics (Caporaso et al. 2012; Gibbons et al. 

2013; Lennon and Jones 2011; Shade et al. 2014), and has been demonstrated in both 

short-term (Aanderud et al. 2015; Baltar et al. 2016) and long-term (Sebastián et al. 

2018) incubation experiments. For the previous long-term incubation of seawater 

from 2100 m in the Mediterranean Sea, the shift in responsive 97% operational 

taxonomical units (OTUs) was suggested to have been triggered by the introduction 

of fresh organic carbon by chemolithoautotrophic Thaumarchaeota for four months of 
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the incubation. As the V1-V2 hypervariable region of the 16S rRNA gene does not 

amplify archaea, we could not assess whether chemolithoautrotrophic archaea 

introduced ‘fresh’ organic carbon between the 1 day and 60 day timepoints in our 

incubation. The bacterial groups that responded in our incubations at 60 days 

appeared to differ from those reported in a prior Mediterranean Sea incubation 

(Sebastián et al. 2018). This may be due to the primers used for producing amplicons 

(our use of V1-V2 vs. V4-V5) that potentially have different biases. Alternatively 

observed differences could be because the volume of water utilized in the incubations 

was very different or other factors. For example, we performed incubations of 1-2 L 

while the year long incubation from the Mediterranean Sea involved one 600 L parcel 

of bathypelagic water. This large volume was used to reduce the confinement effects 

that are  known to influence community composition (McCarren et al. 2010; Schäfer, 

Servais, and Muyzer 2000). The most responsive ASVs of our 60 day incubation 

were Alphaproteobacteria Rhodobacterales genus Sulfitobacter and Sneathiellales, 

Epsilonproteobacteria Campylobactertales genus Arcobacter, and the 

Gammaproteobacteria Alteromonadales genus Colwellia, Cellvibrionales 

Cellvibionaceae and Spongiibacteraceae BD1-7, Thiotrichales Piscirickettsiaceae and 

Oceanospirillales Oceanospirillaceae. Strong enzymatic and genetic evidence 

suggests that deep sea Epsilonproteobacteria are chemolithoautotrophic (Takai et al. 

2005), supporting the increase in relative abundance of genus Arcobacter in our 60 

day incubation as a metabolic advantage in this control experiment.  
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     The long term OM incubations at both 1,040 m and 3,562 m exhibited an increase 

in relative abundances of the same bacterial groups that seem to be influenced by 

incubating in the bag over time, there were also bacteria that increased in relative 

abundances presumably due to the phytodetritus addition at the start of the 

incubation. In general, Bacteroidetes are recognized for harboring a variety of genes 

encoding hydrolytic enzymes to degrade phytoplankton-derived polysaccharides and 

peptides (Fernández-Gómez et al. 2013; Li et al. 2015). At 1,040 m with the addition 

of the diatom Chaetoceros, Bacteroidetes Flavobacteria genus Polaribacter increased 

in relative abundance. Polaribacter has previously been shown to thrive in response 

to a spring phytoplankton bloom in the North Sea, with genome analyses suggesting 

the decomposition of sulfated polysaccharides (Xing et al. 2015). In particular, 

Polaribacter has been found to thrive during diatom dominated phytoplankton 

blooms in the North Sea (Teeling et al. 2012) and Southern Ocean (Williams et al. 

2012). Additionally, Betaproteobacteria Burkholderiales BAL58 marine group has 

been found to be positively influenced by an increase in terrestrially derived DOM, 

leading to an increased biogeochemical role in the cycling of carbon in the Baltic Sea 

(Lindh et al. 2015). At 3,562 m with the addition of Micromonas, Planctomycetes 

increased in relative abundance. Note that the Micromonas culture used in these 

experiments was axenic and the ASVs that increased were generally found at much 

lower relative abundances in control samples as well. A genomic study of a 

Planctomycetes strain isolated from the Kiel Fjord in the Baltic Sea found the 

presence of a large number of open reading frames (ORFs) encoding enzymes 
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required for the degradation of algal polysaccharides (Glöckner et al. 2003), and a 

proteomic approach suggests the Planctomycetes play a role in the degradation of 

carbohydrates (Rabus et al. 2002). The validity of these findings for the taxa 

stimulated in our study must be determined, as the prior studies used surface isolates. 

In addition, to the increase in relative abundance of polysaccharide degrading bacteria 

at the multi-month incubations, an increase was already apparent in the 4 day 

incubation. The Gammaproteobacteria Oceanospirillales increased in relative 

abundance after 4 days, although not detected in the Niskin and 0 day samples. These 

groups continued to increase in relative abundance at 240 and 365 days. This increase 

in relative abundance at 4 days indicates the quick response of members of the 

bacterial community to an incoming pulse of phytodetritus, suggesting that certain 

bacterial groups are poised to respond more rapidly than others – even on timescales 

of days.      

 

Conclusions 

 

     This study assesses bacterial abundance and community composition changes in 

response to in situ control incubations and in situ phytodetritus amended incubations 

at bathypelagic depths. Measures of bacterial abundance as well as changes in the 

flow cytometric signatures of these populations indicated changes were occurring. 

However the largest insights to changes came through evaluating community 
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composition shifts that occurred in response to the addition of fresh phytodetritus. In 

this sense the 16S rRNA gene amplicon analyses were invaluable in revealing major 

responses as well as characterizing the overall makeup of the communities and 

indications of which bacterial groups responded. The unamended control incubations 

led to an increase in prokaryotic abundances over 240 days, while OM amended 

incubations exhibited little change, though more variable between replicates, in 

average prokaryotic abundances. Changes in bacterial community composition 

occurred over the length of both the control and OM incubation experiments, with 

bacteria known to degrade polymers and polysaccharides increasing in relative 

abundances due to the addition of either Chaetoceros or Micromonas as 

phytodetritus. A future goal is for the metagenomic sequences generated herein to 

expand insights gained from the V1-V2 16S rRNA gene amplicon sequencing 

analysis. The use of new technologies, such as the deep sea in situ incubator 

developed and implemented in the present study, provide the opportunity to assess in 

situ microbial activities with fewer sampling artifacts introduced. An important next 

step for scientists that seek to replicate in situ conditions will be to produce 

incubation vessels that provide less disruption to natural water dynamics. Given the 

volumes and sample bag sizes used here, it appears the natural community dynamics 

in our incubations was influenced by being confined, as seen elsewhere (McCarren et 

al. 2010; Schäfer et al. 2000). Overall, these methods should improve our 

understanding of enzyme diversity in deep sea microbes and the responsiveness of 

different taxa to phytodetrital inputs.  
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Figure 4.1  

(A) Photo of the deep water in situ incubation sampler built for this study with the 
major components labeled. (B) Experimental timelines at the two study sites located 
at 1,040 m and 3,562 m seafloor depths. Includes incubation times in days for both 
control and organic matter amended incubations.  
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Figure 4.2  

Mean bacterial cell abundances per incubation time point with error bars showing the 
standard deviation of biological triplicates. Control (A) and organic matter (OM) 
amended (B) incubations conducted at 1,040 m. Bacterial cell abundances increased 
from the incubation in the bag over the 60 days. The OM added in this experiment 
was Chaetoceros mulleri Lemmermann, and bacterial cell abundances did not change 
over the first four days of OM incubation but did increase by 120 days. Control (C) 
and OM amended (D) incubations conducted at 3,562 m. Note, bacterial cell 
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abundance values are lower than the top panels. Bacterial cell abundances initially 
decreased over the first five days from the incubation in the bag, but then drastically 
increased by 240 days. The OM added in this experiment was Micromonas commoda, 
and bacterial cell abundance did not change over the full 365 days incubations. From 
all four incubations, the longer incubations (120, 240 and 365 days) exhibited more 
variable bacterial cell abundances per timepoint. 

* or ** = significant difference between the two time points within each panel, p < 
0.05 (one-way ANOVA) 
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Figure 4.3  

Percent relative abundance of the most abundant 100% amplicon sequence variants 
(ASVs) from a single sample each of the Niskin control and the control incubation 
conducted at 1,040 m for 1 and 60 days. Heat map columns represent the 50% most 
abundant ASVs per timepoint ordered by phylum (as indicated by horizontal black-
gray bars). Rows represent individual water samples with hierarchical clustering of 
samples based on Bray-Curtis dissimilarities of bacterial community ASVs. Phyla 
groups represented from left to right: Actinobacteria, Bacteroidetes, Marinimicrobia, 
Nitrospinae, Proteobacteria (Alphaproteobacteria, Deltaproteobacteria, 
Epsilonproteobacteria, Gammaproteobacteria), Verrucomicrobia. 
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Figure 4.4  

Percent relative abundance of the most abundant 100% amplicon sequence variants 
(ASVs) from the OM amended (Chaetoceros mulleri Lemmermann (CCMP1316)) 
incubation conducted at 1,040 m. Heat map columns represent the 50% most 
abundant ASVs per timepoint ordered by phylum (as indicated by horizontal black-
gray bars). Rows represent individual water samples with hierarchical clustering of 
samples based on Bray-Curtis dissimilarities of bacterial community ASVs. There are 
clear sample clusters by incubation times: short (Niskin controls and 0 days) and long 
(120 days). Bootstrap supports of the hierarchical clustering are indicating for values 
³80. Phyla groups represented from left to right: Actinobacteria, unclassified 
Bacteria, Bacteroidetes, Chloroflexi, Latescibacteria, Marinimicrobia, Nitrospinae, 
Proteobacteria (Alphaproteobacteria, Betaproteobacteria, Deltaproteobacteria, 
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Epsilonproteobacteria, Gammaproteobacteria, unclassified Proteobacteria), 
Verrucomicrobia. 
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Figure 4.5  

Percent relative abundance of the most abundant 100% amplicon sequence variants 
(ASVs) from the OM amended (Micromonas commoda (RCC299)) incubation 
conducted at 3,562 m. Heat map columns represent the 50% most abundant ASVs per 
timepoint ordered by phylum (as indicated by horizontal black-gray bars). Rows 
represent individual water samples with hierarchical clustering of samples based on 
Bray-Curtis dissimilarities of bacterial community ASVs. There are clear sample 
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clusters by incubation times: short (Niskin controls, 0 and 4 days) and long (240 and 
365 days). Bootstrap supports of the hierarchical clustering are indicating for values 
³80. Phyla groups represented from left to right: Actinobacteria, Bacteroidetes, 
Chloroflexi, Marinimicrobia, Nitrospinae, Planctomycetes, Proteobacteria 
(Alphaproteobacteria, Betaproteobacteria, Deltaproteobacteria, Epsilonproteobacteria, 
Gammaproteobacteria), Verrucomicrobia, unclassified Bacteria.  
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Chapter 5: Conclusions and Perspectives 

 
     Marine microorganisms survive and thrive throughout the water column and 

underlying sediments, contributing to global biogeochemical cycles. Microbes fulfill 

a variety of roles to interact with elements such as carbon, nitrogen, phosphorous and 

sulfur, transforming these elements and influencing the flow of energy through the 

ecosystems. In order to understand the specific activities of different microbes, it is 

first necessary to identify the composition of microbial communities and how they 

vary under different environmental conditions.  

     In this dissertation, marine bacterial community diversity was characterized from 

the surface ocean to the seafloor and into deep sea surface sediments with repeated 

samplings and consistent methods. The research presented leverages remotely 

operated vehicles and next generation sequencing to deepen understanding of 

communities in the deep sea. In addition, first steps were made to develop and test an 

in situ incubator that rests on the seafloor.     

     Characterization of variations in bacterial community structure throughout the 

water column gives a baseline of current biodiversity at multiple depths. It is 

necessary to establish a baseline of community compositions in order to compare 

future deviations resulting from climate change or other perturbations. With repeated 

sampling of depths in and near Monterey Bay, we found distinct depth related trends 

in community compositions of the photic zone (0 – 200 m), mesopelagic zone (200 – 

1000 m) and bathypelagic zone (>1000 m). There was no detectable variability in 
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community composition associated with time of year at mesopelagic and bathypelagic 

depths, though the photic samples exhibited seasonal changes in the bacterial groups 

present. As bacterial communities below the photic zone are influenced by the flux of 

surface derived organic matter, identification of the diversity at different depths helps 

to identify connectivity of communities in the vertical dimension.  

     The influence of descending organic matter extends to the seafloor, where 

different depositional histories influence bacterial community structure of deep sea 

surface sediments. While most deep sea sediments receive surface derived organic 

matter as phytodetritus, sediments located within a submarine canyon are also 

influenced by unique hydrology and sedimentology, increasing the quantity and 

quality of organic matter deposited. An additional organic matter perturbation is the 

deposition of dead multicellular animals, and in the case of one of our studies sites, a 

whale carcass. Our sampling in the region of a previously deposited dead whale 

carcass (our sampling being 11 years later), plus sediments ~100 m away did not 

detect bacterial community differences that appeared to be associated with this 

previous perturbation. This suggests that there is no longer an influence from the 

whale carcass or the influence has spread beyond 100 m from the deposition site. To 

test these possibilities requires future additional sediments to be sampled at varying 

distances from the previous whale carcass, preferably at the same seafloor depth of 

~1000 m. To date, few if any studies have performed replicated sampling within 

sediment push cores and between push cores <1 m apart. We found no significant 

differences in bacterial community composition between either type of replicate. 
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Depending on the similarities of our sites to other ocean sediment regions, this 

indicates that in future in situ deep sea sediment incubation experiments replicate 

sediment push cores could be considered technical replicates.    

     While diversity measurements are the first step in characterizing marine 

ecosystems, the next direction is to determine microbial functions and assess their 

activity. One of the important roles of marine bacteria is their function in 

transforming organic carbon compounds. To connect deep sea bacteria with their role 

in degrading organic carbon, we developed an in situ incubator to characterize which 

bacteria respond to a simulated flux of organic carbon in the form of phytodetritus. 

Bacterial groups known to degrade polymers and polysaccharides were found to 

increase over time in response to the phytodetritus. Further exploration of the 

metagenome data analyzed here can be carried out to determine the carbohydrate 

active enzymes present in controls versus the 120 day incubation (with phytodetritus 

derived from the diatom Chaetoceros).  

     Looking forward, additional DNA analyses can be performed involving stable 

isotope probing as in these experiments the phytodetritus was labeled with carbon-13. 

Thus, a future step would be to use stable isotope probing to isolate the specific 

bacterial groups that consumed and incorporated the 13C labeled phytodetritus into 

their DNA. This would allow us to identify their activities as being distinct from other 

bacterial groups that increase for indirect, rather than direct reasons. Understanding 

the changing conditions within each incubation, such as specific carbon compounds 

of particulate and dissolved organic carbon may provide clarity on the organic matter 
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transformations being carried out by individual bacterial groups. Based on the results 

from these initial in situ incubations, future experiments should include time points 

between 4 days and 60 days as we saw a large response already by 4 days, but are 

missing any time points immediately after. Ultimately, RNA from these experiments 

is also available to analyzed. RNA sequencing would identify the specific enzymes 

stimulated in response to the phytodetritus  

     The work presented in this dissertation leverages oceanographic sampling 

capabilities with novel instrumentation to detect bacterial diversity throughout the 

water column and into surface sediments and links specific deep sea bacteria to 

organic matter degradation. Together, this research provides statistically sound 

sampling that provides baseline knowledge of bacterial communities against which 

future studies can assess change over time and differences from other deep sea 

environments.  
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