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Abstract 
 

Microfluidic Device Development for Single Cell Analysis 
 

by 
 

Jung-ming G Lin 
 
 

Joint Doctor of Philosophy in Bioengineering 
 

With University of California, San Francisco 
 

 
University of California, Berkeley 

 
 

Professor Sanjay Kumar, Chair 
 
 
Glioblastoma remains a deadly disease due to the diffuse infiltration of single tumor 
cells into the surrounding tissue. Even with the current treatment regimens of surgery, 
radiation, and chemotherapy, the median survival time is approximately one year. Like 
many solid tumors, glioblastoma is extremely heterogeneous with respect to multiple 
phenotypes such as invasive capacity, therapeutic resistance, and tumorigenicity. This 
heterogeneity complicates our understanding of glioblastoma and consequently, our 
ability to treat this disease. Unfortunately, standard population-based assays can mask 
the properties of rare subpopulations within a tumor and therefore, obscure our 
understanding of these subpopulations. As a result, without tools that allow for single 
cell analysis, we are unable to interrogate how different subpopulation phenotypes may 
serve as indicators of glioblastoma tumor growth and progression. 
 
In this dissertation, we sought to develop and optimize new microfluidic tools to analyze 
single glioblastoma cells for a range of phenotypes: viscoelasticity, motility, and 
invasion. First, we developed a cross-slot based platform and a corresponding 
analytical model that enables the determination of cellular viscoelastic properties 
(stiffness and fluidity) in a high-throughput manner. Using this platform, we quantified 
the viscoelastic properties of 3T3 fibroblasts and glioblastoma tumor initiating cells 
(TICs) and observed the expected changes in the cellular elastic modulus in response 
to agents that soften or stiffen the cytoskeleton. Second, we developed a microfluidic 
device and workflows that integrates measurements of invasive motility and targeted 
protein expression with single cell resolution, which we named SCAMPR (Single Cell 
Analysis of Motility and Proteotype). Using this platform, we identified two proteins, 
Nestin and EphA2, which positively correlates with TIC invasive motility.  
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In summary, this dissertation focuses on the development of microfluidic platforms for 
single cell analysis. Our developed platforms provide a method in which to interrogate 
single cells in a high throughput manner and to identify novel relationships between 
varied cellular phenotypes. These insights are crucial for the identification of both rare 
subpopulations within a given tumor and patient-specific protein markers that describe 
these subpopulations.  
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Chapter 1. Microfluidic Strategies for Understanding the Mechanics of Cells and 
Cell-Mimetic Systems 
 
Reprinted with permission from Annual Reviews, from the article “Microfluidic Strategies 
for Understanding the Mechanics of Cells and Cell-Mimetic Systems”, by Joanna B. 
Dahl, Jung-Ming G. Lin, Susan J. Muller, and Sanjay Kumar in Annual Review of 
Chemical and Biomolecular Engineering, 6: 293-317, 2015 
 
© 2015 Annual Reviews 
 
1.1 Abstract 

 
Microfluidic systems are attracting increasing interest for the highthroughput 
measurement of cellular biophysical properties and for the creation of engineered 
cellular microenvironments. Here we review recent applications of microfluidic 
technologies to the mechanics of living cells and synthetic cell-mimetic systems. We 
begin by discussing the use of microfluidic devices to dissect the mechanics of cellular 
mimics, such as capsules and vesicles. We then explore applications to circulating cells, 
including erythrocytes and other normal blood cells, and rare populations with potential 
disease diagnostic value, such as circulating tumor cells. We conclude by discussing 
how microfluidic devices have been used to investigate the mechanics, chemotaxis, and 
invasive migration of adherent cells. In these ways, microfluidic technologies represent 
an increasingly important toolbox for investigating cellular mechanics and motility at 
high throughput and in a format that lends itself to clinical translation. 
 
1.2 Introduction 
 
While biologists have long understood that soluble signals, such as growth factors and 
hormones, can strongly influence cell behavior, it has become increasingly clear over 
the past two decades that cells can also sense physical cues in their environment. For 
example, local tissue mechanics and geometry can drive a wide variety of life-defining 
behaviors including cell migration, proliferation, and differentiation (1–4). The cellular 
cytoskeleton, which is the three-dimensional network of biopolymers that defines cell 
structure and mechanics, plays a central role in processing these inputs and 
transducing them into intracellular biochemical signals. For example, the strong 
regulatory effect of extracellular matrix (ECM) stiffness on stem cell differentiation may 
be strongly modulated by activation or inhibition of myosin motors that tense the actin 
cytoskeleton (3, 5) While the molecular mechanisms of this cellular “mechanobiology” 
remain to be fully elucidated, there is widespread experimental support for a model in 
which cytoskeletal tension induces force-dependent conformational changes in specific 
mechanosensory proteins, which may in turn trigger signaling cascades through 
exposure of binding and phosphorylation sites (1, 6–13). Moreover, changes in cell and 
tissue mechanics frequently accompany specific disease states, including many solid 
tumors (14–18), which have in turn spurred interest in exploring cellular mechanical 
properties as a biomarker. For all of these reasons, there is tremendous interest in 
developing precise ways of quantifying cellular mechanical properties. Traditionally, 
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cellular mechanical properties such as elasticity are measured using single-cell 
rheological tools such as atomic force microscopy (AFM), optical tweezers, and 
micropipette aspiration (19–21). While these approaches have lent much insight into the 
molecular basis of cellular mechanics, they are extremely skill-intensive, require 
sophisticated technological equipment and – most critically – are very low throughput. 
Moreover, these methods require that the cell be placed in highly artificial two-
dimensional culture paradigms that allow direct physical contact between the 
rheological probe and the cell. For this reason, there is a strong need for 
complementary technologies that enable measurement of cellular mechanical and 
migratory properties at higher throughput and in a manner that places cells in culture 
platforms that capture important physical features of tissue. 
 
The application of microfluidic technology to the study of cellular mechanics and 
migration has the potential to address many of these needs. By leveraging precision 
fabrication technologies pioneered in the semiconductor and microchip industries, 
microfluidics and related soft lithographic approaches permit the creation of micrometer-
scale devices in a reproducible, rapid, and inexpensive fashion. Importantly, the length 
scale accessible to this fabrication align well with cellular length scales, thus allowing 
the design and generation of engineered microenvironments for single cells that can 
capture salient physical features of tissue. For example, devices featuring microfluidic 
channels of <50 µm in width can be used to study the effect of confinement on cell 
motility (22, 23). Because such devices may be fabricated from a wide variety of 
materials, including polydimethylsiloxane (23, 24), polyacrylamide (25, 26), agarose 
(27, 28), and collagen (29), they can be tailored to present specific biochemical and 
mechanical signals to cells. Additionally, because many of these materials are 
transparent, cells within the resulting devices may be optically imaged in real-time in 
ways that are often challenging in three-dimensional biomaterials. 
 
Microfluidic devices also facilitate cheaper and faster experimental studies. Parallel or 
multiplexed experiments can be conducted on a single device due to the small footprint, 
and experiments require only small sample amounts. As a consequence, the throughput 
of these technologies far outpaces traditional cell mechanics measurements, facilitating 
statistical power capable of capturing heterogeneities present within complex cell 
populations and rapid sample processing times that bring clinical utility within the realm 
of possibility. For example, microrheological devices based on stretching of single cells 
within a microfluidic channel now enable measurement at rates as high as 1000 cells 
per second (30), which has in turn been applied to cancer diagnostics (31, 32), analysis 
of motility of leukemia cells (33) and mechanistic dissection of embryonic stem cell 
differentiation (34). By contrast, the throughput of traditional single-cell mechanics 
methods such as AFM and optical tweezers are typically described in terms of tens of 
cells per day. 
 
Finally, because of the characteristically small physical dimensions of microfluidic 
devices, they support well-defined laminar flows (i.e. very low Reynolds number) when 
perfused with aqueous solutions. As a consequence, the flow within the device is 
predictable and consistent to the point where the flow velocity and velocity gradient can 
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be considered known and incorporated into the design of the experiment. These 
capabilities have great value for engineering microenvironments for the controlled study 
of cell motility. For example, by creating parallel flow streams with varying 
concentrations of a soluble cue that stimulates or suppresses cell motility, one may 
establish highly stable diffusion-mediated gradients perpendicular to the flow 
streamlines to drive directional cell migration (35–38). Additionally, these laminar flows 
can be utilized to spatially pattern device surfaces with ECM proteins and other 
adhesive proteins via adsorption from the flow stream (39–41). 
 
This review will describe the recent application of microfluidic platforms to the study of 
cellular mechanics and motility, moving from highly reductionist systems to living cells 
that interact with an ECM. We will first begin by discussing synthetic structures that 
have been developed to model physical aspects of cells and cellular responses to 
mechanical deformation, such as vesicles and droplets. Next, we will focus on the use 
of microfluidic devices to characterize cells in suspension, including red blood cells. 
Finally, we will discuss the application of microfluidic technologies to the 
mechanobiology of adherent cells, with a specific emphasis on regulation of cell motility 
by ECM confinement. 
 
1.3 Artificial Particles, Droplets, Capsules, and Vesicles 
 
Because of the structural complexity, heterogeneity, and complex functional properties 
of cell membranes and the cytoskeleton, it is extremely challenging to dissect how 
specific molecular components contribute to whole-cell mechanical properties based on 
studies with living cells. For animal cells, the membrane is in general a three-layered 
compound system (42). The center layer is composed of a phospholipid bilayer 
incorporated with an enormous diversity of critical transmembrane and membrane-
associated proteins, including pumps, channels, and receptors. Oligosaccharides 
(collectively termed the glycocalyx) that posttranslationally modify the constituent lipids 
form the outer layer. The glycocalyx is increasingly acknowledged to contribute strongly 
to cellular mechanics and mechanotransduction (43, 44). Coupled to the bilayer on the 
intracellular side to form the inner layer is the cytoskeleton, a viscoelastic and highly 
dynamic polymer network whose components are in a constant state of assembly and 
disassembly, and which generates force through the consumption of biochemical free 
energy (e.g. ATP and GTP hydrolysis) (45, 46). Comparatively rigid organelles within 
the cell (e.g. the nucleus) represent yet additional mechanical heterogeneities (47) and 
in some cases can dominate specific mechanobiological behaviors, such as migration 
through narrow tissue spaces (48–50). In living cells, all of these features are tightly 
regulated in both space and time, with external stimuli capable of rapidly altering 
membrane and cytoskeletal composition and mechanics. For these reasons, a variety of 
“bottom-up” approaches have been developed that seek to model cells with synthetic 
constructs composed of purified components. These reductionist entities often have 
controllable properties (i.e. size, deformability) that may be tuned to align with living 
cells while dispensing with the inherent complexity and unpredictability of living cells. 
These model systems are also simple enough to allow close convergence of 



	 4	

complementary theoretical, numerical, and experimental approaches that would be 
unattainable with living cells. 
 
Before reviewing biological cell mechanics studies that utilize microfluidic technology, 
we will first discuss artificial small bodies in order of increasing complexity—particles, 
droplets, capsules, and vesicles. Particles and droplets, though lacking a distinct, 
enclosing layer and thus by definition unable to exhibit deformations like those of 
cellular membranes, nevertheless provide a starting point for understanding the role of 
hydrodynamic forces and deformability in physical phenomena relevant to cell 
migration. For the purposes of this review, we define particles as solid bodies of 
homogenous composition that may be further distinguished as rigid or deformable. 
Particles of finite elastic modulus deform to a limited extent due to viscous stresses; as 
the elastic modulus goes to infinity, no deformation occurs and the particle is considered 
rigid. Droplets, consisting of a homogeneous viscous fluid dispersed in a continuous 
surrounding immiscible fluid, can deform indefinitely in a hydrodynamic flow field. 
Surface tension at the fluid-fluid interface and the viscosity ratio between the internal 
viscosity and surrounding fluid viscosity are the physical parameters that determine 
droplet deformation. 
 
Capsules and vesicles have been widely used to model cells because they possess 
structured interfaces that show more intricate mechanical behavior than is possible with 
surface tension, and respectively capture the elasticity of the cytoskeleton and the 
constant area of the lipid bilayer. Capsules are enclosed structures consisting of a thin 
elastic membrane separating an internal substance from the external environment, 
usually a fluid. The capsule membrane can range from elastic solid-like to viscoelastic 
by including, in the latter case, a viscous contribution in the constitutive law describing 
the membrane. The elastic shear modulus is the key membrane property that dictates 
capsule deformation, along with the ratio of the internal fluid viscosity to external fluid 
viscosity for fluid-filled capsules. Unlike vesicles and red blood cells, capsule 
membranes may be extensible. While capsules can have a gelled core and additional 
properties such as high resistance to area change, in this review we consider only 
initially spherical capsules with a polymeric membrane surrounding a liquid interior. 
Vesicles are deformable enclosures surrounding a liquid interior but with a membrane 
that consists of phospholipid molecules arranged into a bilayer structure. The important 
constraint imposed by the structure of the lipid bilayer is the very high cost of area 
dilation; therefore, vesicle membranes are considered incompressible (51) and, like red 
blood cells, their membrane area is inextensible. While polymeric capsule membranes 
resist shear deformation, a vesicle’s lipid bilayer may be freely sheared. In contrast to 
droplets, the surface tension is not a material property of the vesicle membrane but 
rather as lipids flow the effective surface tension between neighboring lipids adjusts 
locally and globally to enforce constant surface area. 
 
1.3.1 Particles and Droplets 
 
Early scientific studies of hydrodynamic forces acting on suspensions were primarily 
motivated by understanding blood flow. Experiments of blood flow through capillaries 
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revealed several interesting effects that were a result of the tendency of red blood cells 
(RBCs) to migrate to the center of the capillary. Most famously, in small capillaries with 
diameters < 300 µm Fåhræus and Lindqvist observed a decrease in RBC concentration 
in the capillary with respect to the feed reservoir at high flow rates (Fåhræus effect (52)) 
and a decreasing effective viscosity (lower flow resistance) of the blood suspension with 
decreasing diameter (Fåhræus-Lindqvist effect (53), Figure 1(a)). Both effects are a 
result of the concentration of RBCs at the tube center, leaving a thin cell-free plasma 
layer near the capillary wall. The Fåhræus effect can be explained from the higher mean 
velocity of the RBCs concentrated at the tube center compared to the surrounding 
plasma fluid; this decrease of tube hematocrit plus the lower flow resistance of the 
plasma layer near the wall explains the Fåhræus-Lindqvist effect (54). However, 
understanding the physical explanation of RBC lateral migration that leads to the 
Fåhræus and Fåhræus-Lindqvist effects was advanced through systematic studies of 
simpler suspensions of rigid particles and droplets (55–71). This enhanced 
understanding of the origin of lateral migration has now been applied to applications 
such as sorting heterogeneous cell populations by size or deformability (cf. Section 3). 
 

 
 



	 6	

Figure 1: (a) Plasma-skimming microfluidic device that leverages the well-known “cell-free” layer phenomenon found 
in blood vessels. This lateral migration of RBCs is partially responsible for the Fåhræus and Fåhræus-Lindqvist 
effects. Understanding of the physical mechanisms responsible for the lateral migration of RBCs to the channel 
center - hydrodynamic diffusion due to collisional processes and lift forces that result from RBC deformability - was 
advanced through systematic studies of simpler suspensions of rigid particles and droplets. Figure 1(a) adapted from 
Faivre et al. (2006) with permission. (b) Synthetic vesicles exhibit a variety of shapes under different environmental 
conditions, including the discocyte and stomatocyte shapes often displayed by red blood cells. Controlling the salt 
concentration, and therefore osmotic pressure difference between the vesicle and the surrounding aqueous solution, 
induced the shape deformation pathway of these synthetic vesicles. Figure 1(b) reproduced from Yanagisawa et al. 
(2008) with permission. 

Even the simple case of rigid, monodisperse, spherical particles suspended in a 
Newtonian fluid and flowing in a capillary exhibits surprisingly complex dynamics. In the 
limit of vanishing particle concentration (negligible particle-particle interactions) and 
vanishing inertial effects (i.e., for vanishing Reynolds number), the reversibility of Stokes 
flow means that particles will not migrate relative to the walls. However, concentrated 
suspensions of particles will migrate even at vanishing Re due to shear-induced 
diffusion (57–61). In this case, gradients in the shear rate across the capillary lead to 
gradients in the particle collision frequency, which results in particles migrating away 
from the capillary walls and a layer depleted of particles forming adjacent to the walls. 
This hydrodynamic diffusion due to collisional processes, along with lift forces that result 
from RBC deformability, contributes to the migration of RBCs responsible for the 
Fåhræus-Lindqvist effect. 

At higher Re, inertial effects in the surrounding fluid induce sufficiently high lateral 
forces to allow rigid particles to migrate across streamlines even in the dilute limit. This 
phenomenon of inertial lateral migration across streamlines was first observed by Segre 
and Silberberg (55, 56), who found that uniformly distributed spherical particles at the 
inlet rearranged into a thin annular region further downstream for sufficiently high flow 
velocities and tube lengths. The basic inertial lift phenomenon is the following (62–65): 
Once the flow rate is high enough so that fluid inertia must be taken in to account, the 
disturbance to the fluid flow caused by the particle interacts with the wall and the 
curvature of the parabolic Poiseuille velocity profile. The particle’s flow disturbance 
reflects at the wall leading to an inward wall-induced inertial lift force directed toward the 
channel center. Further from the wall, the particle’s flow disturbance interacts with the 
curvature in the velocity profile so that particles are pushed outward towards regions of 
higher shear rate closer to the walls. Sufficiently far down the channel, particles will 
have moved across the unidirectional streamlines to steady-state positions where the 
wall-induced and shear-gradient-induced inertial lift forces are equal. The inertial lift 
forces scale so predictably with particle size, channel geometry, and bulk flow velocity 
that microfluidic devices can be designed to separate heterogeneous populations of 
cells (discussed in Section 3). Indeed, the long entry lengths required for migration 
make microfluidic platforms ideal for both fundamental studies of migration and the 
exploitation of these phenomena for separations. 

While the potential importance of lateral inertial forces to cells can likely be understood 
from rigid particles, modeling the impact of cell membrane deformability on lateral 
migration requires the use of deformable objects. Droplets were the first deformable 
objects to be studied for lateral migration (66). In contrast to rigid particles that can only 
migrate across streamlines in channel flow due to inertia-driven lift or shear-induced 
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migration at finite concentrations, deformable droplets migrate even in creeping flow at 
vanishing concentration as demonstrated experimentally (66, 67, 69, 72, 73). An 
expression for the lateral migration force on deformable drops is difficult to determine 
because the deformation of the droplet and the surrounding fluid flow are both unknown. 
Assuming weak deformation of the droplet, Chan and Leal (68) showed that the 
disturbance to the flow field induced by deformation of the droplet (that deformed the 
droplet in the first place) interacts with the wall and shear gradients to induce a lateral 
force on the droplet. The direction (toward or away from the channel center) and 
magnitude of this force depends on flow type (pressure-driven Poiseuille flow vs. wall-
driven Couette flow) as determined by channel geometry and the viscosity ratio of the 
droplet to surrounding fluid. The more complicated scenarios of large droplet 
deformation or several interacting droplets must be studied numerically (70, 71, 74). So 
once again the wall and shear gradients interact with the fluid disturbance. For rigid 
particles the disturbance occurs once fluid inertia is taken into account, and for droplets 
the disturbance is due to droplet deformation. More information about droplets is 
covered in two reviews about theoretical investigations (75) and experiments (76). 

1.3.2 Capsules and Vesicles 

Capsules and vesicles possess characteristics that facilitate our understanding of the 
behavior of individual red blood cells (RBCs) flowing in the circulation, an important first 
step to understanding the collective behavior of whole blood. The RBC membrane 
exhibits approximately constant surface area and has a non-spherical biconcave 
equilibrium shape, two characteristics that may be reproduced using vesicles. In 
particular, the discocyte–stomatocyte transition of RBCs is predicted by minimizing the 
lipid bilayer bending energy while changing the area to volume ratio (51), and this 
transition has been observed experimentally in vesicles (77, 78) (Figure 1(b)). Yet the 
RBC cytoskeleton provides the cells with resistance to shearing forces, similar to an 
elastic capsule, leading to behavior that cannot be predicted from vesicles such as the 
echinocyte and elliptocyte shapes (79). 

The manner in which capsules and vesicles each capture key mechanical aspects of 
RBCs is most clearly illustrated in shear flow. In shear flows, vesicles tumble end-over-
end like a rigid axisymmetric particle (tumbling), tank-tread with a fixed ellipsoidal shape 
and inclination angle to the streamlines while the membrane rotates around the internal 
fluid as seen for droplets (tank-treading), or tremble with an oscillating orientation and 
asymmetric shape distortion (trembling) at transition points that depend on shear stress 
strength and the viscosity ratio (80, 81). These experimental observations agree 
reasonably well with numerical predictions (82). Tumbling, tank-treading, have trembling 
have also been observed for red blood cells (83, 84) though agreement of vesicle and 
RBC dynamic behavior is not as good at low shear rates as at higher shear rates (85). 
At moderate shear rates, RBCs demonstrate another dynamical motion between 
tumbling and tank-treading called swinging that is not seen for vesicles (83). In 
swinging, an oscillation of RBC inclination angle is superimposed over the tank-treading 
membrane rotation. This swinging motion has also been seen for capsules that have a 
slightly non-spherical resting shape (86). Thus the swinging dynamics have been 
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attributed to the shear elasticity and the elastic shape-memory of the RBC cytoskeleton 
(83). 

As with droplets, the deformable capsules and vesicles experience a lateral force in a 
confined channel even in creeping flow due to the disturbance of non-spherical 
deformed shape interacting with the channel walls (87–90) and the curvature of the 
velocity profile (91–95). But unlike droplets for which the viscosity ratio determines the 
migration direction (68), vesicles and capsules always experience a lift force toward the 
channel center. The magnitude of the vesicle or capsule lateral migration velocity 
depends on viscosity ratio, geometry, local shear rate, and distance from the wall with 
different expressions for near- and far-wall regimes (96). Once at the center of the 
channel, the capsules and vesicle are entrained in the fluid and move with 
approximately the maximum fluid velocity. In concentrated suspensions, this 
deformation-induced migration mechanism competes with the shear-induced diffusion 
mechanism described above to determine the thickness of the “cell”-free layer. As with 
the migration phenomena described in Section 2.1, a number of microfluidic separation 
schemes based on deformation differences have been proposed (97–99) and 
experimental studies of the mechanism and scaling with flow and membrane 
parameters have relied on microfluidic platforms (92, 96, 100). 

Just as vesicles have been used as a reductionist platform for understanding the 
mechanics of the lipid bilayer, purified and reconstituted proteins have been used to 
model and dissect the cytoskeleton. For instance, studies of reconstituted cytoskeleton 
networks have implied that prestress and stress-dependent stiffening of the cross-linked 
actin network are important contributors to cellular elastic behavior (101). In an effort to 
create a minimalist synthetic cell that can be used to study the interaction between the 
coupled lipid plasma membrane and the cytoskeleton and how that affects large-scale 
cell deformation, several researchers have recently reconstituted vesicles with 
encapsulated or surface-attached actin protein networks (102). One case of a vesicle-
actin biomimetic system recapitulating cell behavior is the phenomena of passive 
spreading on 2D surfaces. Vesicles with an actin cortex shell close to the inner 
membrane spread on histidine-coated glass substrates with a characteristic time in 
good agreement with early-time spreading dynamics of living cells (103). The 
accompanying modeling and analysis predicted the characteristic spreading time from 
the actin shell thickness and viscosity and the initial membrane tension. 

Vesicles have been used to gain insight into physical aspects of cell adhesion, 
specifically to study the competition of attractive forces due to cell adhesion molecule 
pairs, repulsive forces from other cell membrane proteins, and elastic membrane 
stresses determined by deformation of the cell membrane (104). Multicomponent 
vesicles with incorporated ligands that interact with receptors immobilized on a flat 
substrate have been used as a model system to study the weak, reversible adhesion 
that occurs before leukocytes or cancer cells become tightly attached to blood vessel 
walls (105–107). In one study, it was shown that the number of ligand-receptor bonds 
decreases steeply beyond a threshold of competitive antibody concentration, resulting 
in the de-adhesion of the vesicle (105). This experiment could lend mechanistic insight 
into how invasive tumor cells penetrate tissue; for example, many cancer cells 
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overexpress metalloproteases that cleave glycoproteins, which then occupy potential 
ECM adhesion sites and facilitate continued motility through the tissue (104). 
Microfluidic techniques, which have yet to be widely used to study adhesion with these 
cell-mimetic systems, provide a means to study the effect of an external flow field on 
adhered cells, such as leukocytes that marginate from the bloodstream to adhere to 
vessel walls. Application of external flow can drive intramembrane flow of lipids within 
adherent vesicles (108), suggesting that shear applied to cells could facilitate the 
migration of specific adhesion proteins towards the contact zone, increasing the number 
of adhesion receptors and reinforcing the adhesion (84). 

While these artificial bodies have served as valuable model systems for cells, there are 
many other aspects of living cells that these model systems cannot capture, most 
notably the complexities of protein-based adhesion and signaling. While proteins can be 
incorporated within vesicle membranes to create some basal protein function and 
membrane heterogeneity (109), these proteins are unmoored from the signaling 
networks with which they would normally interface in living cells. These networks are 
critical for integrating the myriad physical and biochemical signals that are sensed by 
the cells and converted into biological responses. Thus cells are able to actively 
respond to the environment—sensing conditions, processing information, and acting—
while artificial bodies only deform in the presence of velocity gradients or chemical 
gradients. 
 
1.4 Circulating Cells 
 
Perhaps the most natural biological analogs to synthetic capsules and vesicles are cells 
that do not adhere to ECM surfaces, including those that flow within the vasculature. 
This includes both cells normally resident within blood, including RBCs and leukocytes, 
and cells associated with specific disease states. Of particular interest within the latter 
category are circulating tumor cells (CTCs), which are cells that “shed” from a solid 
tumor and may participate in seeding metastatic tumors. Because of the possibility of 
using CTC detection in blood-based diagnosis, screening, and monitoring, there is 
intense interest in developing technologies capable of identifying and measuring CTCs, 
a task made challenging by the high cellular background and comparative rarity of 
CTCs in blood. Microfluidic devices have been ideal for performing two clinical 
diagnostic tasks for circulating cells: high-throughput measurements of cell deformability 
and cell sorting. 
 
RBCs have represented an important starting point for the application of mechanical 
tools. As alluded to earlier, mature RBCs consist of a phospholipid bilayer surrounding a 
fixed volume of cytosol with a known viscosity (110). Instead of a cytosol-filling 
cytoskeleton dominated by actomyosin bundles, microtubules, and intermediate 
filaments, RBCs have a simpler, mesh-like spectrin-based cytoskeleton that is tethered 
to the intracellular face of the lipid bilayer (111). Additionally, RBCs do not contain a 
nucleus or other organelles, which facilitates the deformation of RBCs through narrow 
capillaries (110). As a result of their stereotypical and comparatively simplified structure 
and composition, RBCs have often been used as a model system to study connections 
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between molecular composition, cellular mechanics, and disease state. For example, 
malaria represents an RBC disorder whose progression has been closely linked to 
changes in mechanical properties. The malaria parasite invades and develops within a 
RBC through three stages: ring, trophozoite, and schizont. During the maturation 
process, the parasite produces its own proteins that interact with the lipid bilayer and 
the spectrin network, thereby rendering the RBC rigid, cytoadherent, and thus prone to 
occlusion within the narrow capillary beds. (111, 112). 
 
A variety of techniques have been applied to investigate the changes in the mechanical 
properties of the RBC experienced during disease progression, ranging from 
population-based approaches such as viscometry and filtration-based approaches to 
single-cell measurements such as micropipette aspiration and optical tweezers. The 
individual cell measurements are of special interest due to the fact that they can exert 
piconewton forces on micrometer length scales, both of which are highly relevant to a 
cell in vivo (113, 114). However, these techniques do not allow observation of RBCs 
flowing through narrow capillaries, which is of special importance because many of the 
clinical sequelae of malaria are directly associated with vaso-occlusion by infected 
RBCs (111). Additionally, the measurement throughput of these technologies is limited 
to several cells per hour, meaning the analysis of milliliter-volume samples for large 
population studies or clinical diagnosis is prohibitively time- and labor-intensive (115). 
 
Microfluidic devices address the need of performing high-throughput RBC 
measurements in geometries that capture microvasculature geometry. In one study, a 
microfluidic device designed to mimic the geometry and elastic modulus of human 
capillaries was used to characterize RBC behavior of each malaria disease stage at 
high-throughput (116) (Figure 2(a)). In this device, RBCs were flowed through PDMS 
microchannels of widths of 2, 4, 6 and 8 µm in single file and at flow rates comparable 
to those observed in vivo. The first signs of rigidity occurred in the trophozoite stage in 
which the infected cells were able to pass through the 6 and 8 µm channels but not the 
2 and 4 µm channels (Figure 2(b)). As the disease stage progressed, the cells became 
progressively rigid, with the shizont cells traversing only the 8 µm channels without 
difficulty. In this way, RBC flow could be conducted in a capillary-like geometry and at 
high throughput, which would not have been possible with micropipette aspiration or 
optical tweezers. Recent advances in microfluidic design and automated shape analysis 
have advanced the throughput of such approaches to 100–150 cells per second, which 
is orders of magnitude greater than previous single-cell technologies (117). 
 
Acute myeloid leukemia (AML) is another disease that involves altered cell mechanics. 
In particular, the increased stiffness of leukemic cells, coupled with their increased 
adhesivity, leads to the aggregation of cells in the vasculature called leukostasis. As 
with malaria, the resulting vaso-occlusion can contribute to organ failure. Rosenbluth 
and colleagues (118) devised an elegant AFM-based strategy to compare the stiffness 
of normal neutrophils, myeloid leukemia cells, and lymphoid leukemia cells and showed 
that the mean apparent equilibrium Young’s Modulus of the myeloid leukemia cells was 
substantially higher than either of the other two populations. In a follow-up study, the 
authors devised a capillary-mimetic microfluidic device to more directly investigate the 
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consequences of these stiffness differences on flow behavior (119). Leukemic cells from 
a patient with leukostasis traversed the device more slowly and less frequently than 
cells from non-symptomatic leukemia patients. The diseased cells occluded a higher 
fraction of the microchannels than the non-leukostatic cells, consistent with in 
vivo observations. Importantly, treatment of cells with drugs that induce cell softening 
significantly sped transit time, hinting at the power of such platforms for drug screening 
and validation. 
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Figure 2: Microfluidic devices used to study circulating cells. (a) A microchannel device used to study the effect of 
malaria disease progression on RBCs. (b) As the disease progresses, RBCs are unable to deform and flow through a 
2 µm wide channel. Figures 2(a) and (b) adapted from Shelby et al. (2011)/Reference 116 with permission. (c) 
Probing the label-free biophysical marker of single-cell deformability with high throughput hydrodynamic stretching. 
(d) Representative results of size versus deformability demonstrate the differences in deformability between the 
control and activated peripheral blood mononuclear cells. Figures 2(c) and (d) adapted from Gossett et al. 
(2012)/Reference 31with permission. (e) A curved microchannel geometry with a trapezoidal cross-section creates 
large lateral separation between large and small particles, allowing for more concentrated lysed blood samples to be 
used. Smaller white blood cells and platelets are trapped in the Dean flow vortices near the outer wall while the larger 
cancer tumor cells are pushed to the inner wall through a combination of inertial lift and Dean drag forces. This simple 
1-inlet, 2-outlet device design is well suited for adaptation for a clinical assay. (f) Number of cancer tumor cells 
recovered per mL of prepared patient sample collected from healthy (black squares), breast cancer patients (red 
triangles), and lung cancer patients (green circles). 100% CTC detection from patient samples occurred at high 
capture efficiency (3–125 CTCs/mL) and throughput rates (~1 mL/hr flow rates). Figures 2(e) and (f) reproduced from 
Warkiani et al. (2014)/Reference 131 with permission. 
 
More broadly, a number of other investigators have begun to investigate the mechanical 
properties of mammalian cells in a flow-based device. For example, a multi-stage 
PDMS device measured two biophysical intrinsic cell properties, cell size and 
deformability, of suspended heterogeneous cell populations that could then be analyzed 
to predict metastatic potential, inflammation, stem cell state, and leukocyte activation 
(31). Suspended cells were ordered in the flow by inertial focusing and uniformly 
delivered to an extensional flow region where they were elongated (Figure 2(c)). With 
the use of a high-speed camera and rapid image processing, several thousand cells 
were observed and measured per second to yield a two-dimensional size-deformability 
map of the population, which could be used as a quantitative “signature” of a given 
phenotype (Figure 2(d)). For example, pleural fluid samples from a normal individual 
contained mostly small rigid cells, which correspond to quiescent leukocytes. Samples 
from patients suffering from chronic inflammation contained more lymphocytes and 
histiocytes, which are larger and more deformable than leukocytes, therefore shifting 
the population median values. This device greatly increased the measurement 
throughput relative to conventional single-cell mechanics techniques (2000 cells/s 
compared to 1 cell/min) and eliminated operator skill/bias issues and the need for 
biochemical labels. 
 
Recently, many groups have begun to investigate and characterize the mechanics of 
CTCs due to their clinical and biological significance. As described earlier, CTCs are 
tumor cells that have exited the primary tumor and entered the circulation. These CTCs 
are attractive clinical targets because they can be noninvasively sampled with 
venipuncture and could potentially be exploited for early detection, molecular profiling 
(e.g. sequencing and marker detection), and longitudinal disease monitoring. 
Additionally, genomic and proteomic analysis of CTCs can provide greater insight into 
the mechanism for metastasis or potential mechanisms for drug resistance (120). 
However, CTCs are extremely rare (estimated to be as few as 1 in 109 cells) and 
isolating these cells from the bloodstream is technically challenging (121). This problem 
of cell sorting has motivated much of the work of lateral migration of synthetic rigid and 
deformable particles discussed in Section 2. One might reasonably expect that the 
scaling of lateral migration forces for deformable cells would follow predictions for rigid 
particles and deformable capsules, which would enable the design of cellular separation 
devices based on these predictions. As described below, flow-based microfluidic cell 
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sorters utilize these lateral lift forces to separate cells based on size (e.g. CTCs are 
typically larger than other cells in the bloodstream) and deformability (e.g. healthy RBCs 
are softer than CTCs, white blood cells, and diseased RBCs). 
 
Inertial migration separation devices leverage the fact that large particles laterally 
migrate to steady-state positions within the channel faster than smaller particles: for 
rigid particles, the lateral migration velocity is proportional to the cube of the diameter 
(122). Introducing changes to channel geometry along the flow direction introduces 
changes to the forces experienced by entrained particles with different size particles 
moving laterally at different speeds. One strategy exploits this effect by modulating the 
channel aspect ratio (height to width ratio). One such two-stage inertial migration device 
(123) includes a high-aspect-ratio upstream segment in which the binary particle 
population equilibrates to certain positions followed by an expansion section to a low-
aspect-ratio downstream segment with different equilibrium particle positions. The 
particles are collected at an intermediate point at which the large 20 µm particles had 
completed their migration to the center of the channel but the slower small 9.9 µm 
particles largely remained at the channel walls. This approach enabled separation of 
this binary population with high efficiency and purity, and could be used to detect and 
extract CTCs from spiked and diluted blood samples. Notably, although the device 
throughput was relatively high (100 µL/min) and produced efficient (>99%) and highly 
pure (>90%) particle separation, application of the approach to whole blood requires 
considerable (>40%) sample dilution to remain within the Newtonian regime and 
minimize cell-cell interactions; in practice, this may trade off against detection 
sensitivity. Another means of modulating channel geometry is to insert rectangular 
cavities at the channel sides that generate predictable vortices in which to trap CTCs 
(124–126). The sudden increase in channel width means the wall-induced lift effect 
diminishes and the shear-gradient-induced lift drives an outward migration of particles 
that scales as the cube of cell diameter (65). In this way, the large CTCs migrate into 
the cavities while the smaller RBCs continue down the channel. A recent cavity vortex 
design demonstrated high purity (80–100%) separation of CTCs from blood at high 
throughput rates (375 µL/min) and higher concentrations (5x-40x sample dilution), but 
suffered from low capture efficiency (10–35%) (126). 
 
Curved microchannels have been shown to achieve separation at higher throughput (~ 
1 mL/min) (122, 127, 128). In a curved microchannel geometry, a secondary flow called 
Dean flow induced by fluid inertia creates counter-rotating vortices and additional drag 
so that larger particles occupy a single equilibrium position at the inner wall and smaller 
particles are trapped in the core of the vortices at the center of the channel (122, 129). 
A trapezoidal cross-section increases the separation between large and small particles 
and cells due to the asymmetry that skews the location of the vortex core toward the 
outer channel wall, allowing for more concentrated blood samples to be used (130). 
One device was able to analyze 2x diluted blood samples with high capture efficiency 
(~85%) for CTC-spiked blood samples and 100% CTC detection from patient samples 
at high capture rates (3–125 CTCs/mL) at ~1 mL/hr flow rates (131) (Figure 2(f)). This 
simple 1-inlet, 2-outlet device design is well suited for adaptation for a clinical assay 
(Figure 2(e)). 
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An important remaining challenge for size-based separation techniques is the inability to 
separate CTCs that are similar in size to RBCs and other normal blood cells. In such 
cases, targeted trapping of CTCs on antibody-coated surfaces represents a promising 
approach but requires a high degree of mixing to drive CTCs towards the channel walls. 
Building upon advances in chaotic mixing in microfluidic channels (132), Stott and 
colleagues (121) produced a microfluidic herringbone design with ridges that induced 
chaotic motion of the blood sample. This device demonstrated high capture efficiency 
(85%) and sample purity, though at a lower throughput rate (1 mL/hr) than the inertial 
separation devices. After separation, the captured CTCs remained viable and 
accessible for detailed in situ morphological analysis. 
 
1.5 Adherent Cells 
 
In the previous sections, we discussed the use of microfluidic devices to study the 
mechanics and flow properties of non-adherent (e.g., circulating) cells and cellular 
mimics. At the same time, microfluidic devices lend themselves well to studies involving 
cells that normally adhere to other cells or ECM. As previously mentioned, many 
features in these devices can be precisely and reproducibly fabricated in the millimeter 
to micrometer range, which spans length scales on the order of multiple cells to smaller 
than the diameter of a nucleus. These cell-relevant length scales allow the user to 
create pseudo-3D environments in which the cell physically contacts surfaces on all 
sides, as is often the case in tissue. This is unlike planar 2D culture surfaces commonly 
used in the laboratory (e.g. tissue culture polystyrene or glass coverslips), where cells 
contact the ECM only on the ventral surface and are freely bathed in medium on all 
other surfaces. Much recent work in a variety of cell and tissue systems has shown that 
this “culture dimensionality” can dramatically influence cell behavior, and it is often the 
case that encapsulation of cells within 3D environments more faithfully replicates 
behavior observed in tissue (2, 133, 134). One striking phenotypic difference between 
the two environments is the dominant mode of cellular migration. 
 
Cell motility on 2D substrates has been extensively studied and modeled. Polarized 
signaling directs the formation of flat lamellipodial protrusions at the leading edge, 
adhesion to the substrate and subsequent retraction at the trailing edge. However, in 
constrained 3D matrices, cells can adopt lamellipodium-independent migration 
phenotypes such as those characterized by the formation of blunt-ended cylindrical 
extensions known as lobopodia (135). For example, a “nuclear piston” mechanism was 
recently proposed to describe lobopodial migration in confined 3D matrices (136). In this 
model, the front and rear of the cell are differentially pressurized, with the nucleus acting 
as the piston that can physically compartmentalize the cell. Actomyosin contractility is 
necessary to drive the nucleus forward in order to create these pressure differences. As 
expected, the compartmentalized pressure difference is not seen on unconfined cells on 
2D substrates. The difference between 2D and 3D migration has been extensively 
investigated and is shown to be conserved across many different cell lines 
(23, 134, 137–139). 
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1.5.1 Confined Migration 
 
Microfluidic devices are increasingly being exploited to create pseudo-3D confined 
microenvironments to investigate effects of confinement on cell behavior, specifically 
cellular motility related to cancer migration and progression. In particular, these devices 
have proven invaluable for studying the early stages of metastasis, the process through 
which tumors spread to distant organs and which is responsible for the majority of 
cancer deaths (140–142). 
 
During invasion and metastasis, a tumor cell must be able to deform and squeeze 
through spaces that are on the subcellular and sub-nuclear length scale. As a result, 
this process requires dynamic changes in the organization of the cytoskeleton and 
cellular mechanics. Microfluidic devices are extremely useful models for investigating 
invasion and metastasis due to the ability to create extremely small features that match 
the tight spaces that cells would need to navigate in vivo (22, 24, 143–146). In order to 
investigate how mechanical confinement can influence the migratory phenotype, various 
groups have created microfluidic devices with arrays of microchannels with a cross-
section comparable to a cell size. With the microchannel design, the cells are in contact 
with extracellular matrix proteins and mechanical cues on their entire circumference, 
which mimics an in vivo 3D environment. Although relatively simple, the microchannel-
based approach has allowed the discovery of novel migratory patterns and mechanisms 
that may lend insight into how cells navigate tissue spaces (24, 147). 
 
One intriguing migratory pattern of confined cells is spontaneous persistent motility. This 
phenomenon has been observed in a device that consisted of arrays of PDMS 
microchannels connected to a central well for cell seeding (24) (Figure 3(a), 3(b)). With 
this device, the authors were able to observe hundreds of cells simultaneously and 
quantify their velocity and persistence. Cells in these channels spontaneously migrated 
persistently in one direction over a long period of time (>12 h) and this phenomenon 
was conserved across various cell lines. This behavior is much different from 2D 
migration, where cells generally migrate in a random walk unless subject to some 
external gradient (148). Persistent 3D migration may be relevant to in vivo situations 
where cancer cells have been observed to invade along heterogeneous structures in 
tissues such as lymphatic vessels or white matter tracts. Importantly, these insights 
were uniquely made possible through the use of a microfluidic channel and could not 
have been obtained with traditional 2D or 3D matrix systems or cellular invasion 
paradigms such as transwell chambers. 
 
Microchannels have also been used to more closely examine mechanisms that underlie 
migration within confined tissue spaces. To induce cancer cells to migrate into and 
through microchannels, chemotactic gradients have been incorporated into microfluidic 
devices. In one such device (4, 23), two parallel microchannels bordering the migratory 
area were perfused with chemoattractant and empty medium, respectively. Through 
simple diffusion, a linear gradient formed perpendicular to the flow of the two media 
streams and the cells were induced to enter the microchannels and directionally 
migrate. These investigations yielded multiple insights on the effect of confinement, 
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such as the finding that confinement suppresses the mesenchymal phenotype normally 
observed in 2D migration by promoting uniform cytoskeletal tension and distribution of 
substrate adhesions, as well as a deeper understanding of the role of α4β1 integrin 
signaling in myosin II-driven contractility for confined migration. 
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Figure 3: Microfluidic devices for migration of adherent cells. (a) An example of a PDMS-based microfluidic device 
able to observe cell migration in a high throughput manner with single-cell resolution. PDMS devices are place in 
each well of a standard 96 well plate. By culturing individual wells according to different conditions and interfacing this 
device with a motorized microscope stage, one is able to measure multiple conditions in the same experiment. (b) 
Two cells, one with amoeboid and one with mesenchymal morphology, migrating in the same rectangular channel 
over a period of 4 hours. Solely due to confinement, cells will spontaneously migrate in one direction. Figures 3(a) 
and (b) adapted from Irima et al. (2009)/Reference 24 with permission. (c) Periodically tapering channels better mimic 
cancer cell invasion through dense extra cellular matrices, where pore sizes can be on the subnuclear length scale. 
This design leads to the observation that multiple strategies are used by the cell to invade small spaces. These 
strategies include contraction of the cell so that the nucleus is deformed enough to pass through the small pore or 
slowly permeating the pore via rolling of the cell body. (c) reproduced from Mak et al. (2011)/Reference 145 with 
permission. (d) To decouple the effect of stiffness and confinement on cell migration, polyacrylamide-based devices 
were fabricated with soft-lithography based techniques. Stiffness is a property of the polyacrylamide while 
confinement is a property of the design. Figures 3(d) adapted from Pathak et al. (2012)/Reference 22, with 
permission. (e) Within these polyacrylamide-based devices, confinement in narrow channels (10 µm width) relieved 
the inhibitory effect of high stiffness that is seen in the larger channel widths. Figure 3(e) adapted from Pathak et al. 
(2013)/Reference 150, with permission. 
 
This chemotactic microfluidic platform has also been used to develop a novel 
mechanism for confined migration based on polarized transmembrane water 
permeation (147). In this model, a polarized cell establishes a gradient of plasma 
membrane proteins that features enrichment of the pump NHE-1 and aquaporin AQP5 
at the leading edge of the cell. This polarization leads to a chemical potential difference 
across the membrane which then results in a net inflow of water at the leading edge and 
a net outflow of water at the trailing edge which leads to net cell displacement. The 
mechanism was tested experimentally by imposing external osmotic shocks and 
observing the direction of migration after the perturbation. 
 
Many of the aforementioned devices utilize channels of constant width. However, tissue 
spaces may be expected to follow much more complex geometries, which may in turn 
strongly contribute to the speed and persistence of migration. There have been a variety 
of efforts to capture these effects. For example, microchannels that periodically taper 
from a cell width to subnuclear length scales have to been used to study cell metastasis 
(144, 145) (Figure 3(c)). This periodic tapering both mimics the heterogeneity in ECM 
pore size and allows for multiple observations on the same cell in the same experiment. 
This platform led to the identification of four distinct phases for the subnuclear transition, 
and quantification of the time spent in each phase. From these observations, multiple 
strategies used by the cell to cross the interface were identified: deforming the nucleus 
enough to pass through the barrier, using a cell body extension to elongate the cell 
body, or using a rolling motion to cross the barrier. 
 
In the previous studies, the devices were made of PDMS. Although PDMS is ideal for 
recreating microscale topographic features, it offers a limited range of stiffness that 
does not fully cover the range of human tissue and microenvironment stiffness, 
including some stiffness ranges known to affect cellular phenotype (3, 22, 149). To 
cover a more physiologically relevant range of stiffnesses, researchers have created 
microfluidic devices using alternative materials with more tunable stiffness values such 
as polyacrylamide. For example, one approach featured polyacrylamide microchannels 
with independently tunable stiffness and channel width, enabling deconvolution of 
effects of ECM stiffness and channel geometry (specifically, confinement) on cell 
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motility (22) (Figure 3(d)). This sort of deconstruction is not easily accomplished in 
three-dimensional hydrogels, where mechanics and microstructure are often tightly 
coupled. For a given stiffness, cell migration speed increased with decreasing channel 
width. Moreover, whereas cells in wide channels slowed down at high stiffnesses as has 
been previously observed on planar substrates, no such retardation of migration was 
observed in the narrowest channels, even at the highest stiffness (Figure 3(e)). By 
combining these observations with confocal imaging of the actomyosin cytoskeleton and 
mathematical modeling, the authors deduced that confinement has the effect of 
polarizing traction forces and facilitating persistent motility. In a subsequent study, this 
platform was used to investigate the interplay of matrix stiffness and confinement with 
genetic lesions associated with malignant transformation in breast cancer (150). 
 
1.5.2 Chemotaxis 
 
In addition to providing a new set of tools to study cellular confinement, microfluidic 
devices are also well suited to study chemotaxis due to the ability to create well-defined, 
stable concentration gradients. Chemotaxis, the directed migration in response to 
soluble extracellular cues, is essential for many biological processes such as organ 
development, wound healing and cancer metastasis (151). Specific chemokines have 
been implicated in tumor initiation, growth and progression (152, 153). For example, 
perivascular niche-associated cells use autocrine factors such as SDF-1 to promote 
tumor malignancy, growth and invasive potential (153). Additionally, SDF-1 can also 
contribute to cancer progression by stimulating tumor cell migration away from the 
primary tumor and to secondary sites way from the vasculature (152). Thus, various 
investigators have sought to replicate chemokine gradients in vitro in order to study 
cancer cell motility and invasion. While a number of traditional in vitro chemotaxis 
systems do exist, including the Boyden, Zigmond, and Dunn chambers (39, 154) (Figure 
4(a)), the gradients generated by these devices are often poorly defined, unstable, and 
inaccessible to optical imaging. Microfluidic devices have offered the opportunity to 
complement and potentially improve upon these devices. 
 
One such microfluidic device employed parallel flow channels packed with 3D collagen 
matrices (155–158) (Figure 4(b)). A cell line of interest was seeded in one channel and 
either a co-culture of cells or chemokine infused medium was added to the other 
channel (Figure 4(c)). A linear gradient was created and sustained by either the co-
cultured cells or by refreshing the chemokine infused medium at regular intervals (158). 
These devices have been used to investigate the effect of matrix density on the EGF-
driven invasion of brain tumor cells (157). An important strength of this design is its 
modularity; one can easily change the type of matrix material, pore size, or stiffness of 
the matrix to investigate the effects of these parameters on invasive characteristics. 
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Figure 4: Microfluidic devices for chemotaxis. (a) A Boyden chamber is a popular non-microfluidic platform to 
measure chemotaxis. Cells are seeded in the upper compartment and a chemokine is placed in the lower 
compartment. After several hours the number of cells that have migrated from the upper to lower compartment 
indicates how effective the chemokine is at inducing directional migration on a population level. However, the 
chemokine gradient is not steady and slowly decreases with time until equilibrium is reached. Figure 4(a) is adapted 
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from Toetsch et al. (2009)/Reference 154. (b) A chemotactic microfluidic platform generates a steady chemokine 
gradient and allows for cell invasion measurements in a known chemokine conditions. This device allows the direct 
comparison of cell migration behavior between the condition of interest and control sides. (c) Within the chemotactic 
microfluidic device, cell migration through 3D matrices can be studied under co-culture conditions; MTLn3 cells are 
able to attract HMVEC cells, while limited invasion is seen on the control side (no cells seeded). Figures 4(b) and (c) 
are adapted from Chung et al. (2009)/Reference 155 with permission. 
 
Many chemotactic processes do not involve a constant linear gradient of only one 
molecule, instead requiring a complex interplay of signals that vary in complex ways in 
space and time (151). Additionally, the concentration of a chemokine can be locally 
degraded or sequestered, which further complicates the shape of the gradient. 
Examples of spatially heterogeneous gradients that have been incorporated into 
microfluidic devices are “hill” and “cliff” shaped gradients (38, 159) created by 
superimposing multiple linear gradients. In hill gradients, the concentration of 
chemokine gradually increases before gradually decreasing while in cliff gradients the 
chemokine concentration gradually increases and then sharply drops. Unexpectedly, 
these two complex gradients produce dramatically different migratory behaviors. In the 
hill case, neutrophils were observed to migrate past the highest concentration of 
chemokine before reversing direction. However, in the cliff case, the neutrophils would 
stop migrating at the point of highest concentration of chemokine. These behaviors are 
not easily explained by traditional models of chemotactic migration and suggest the 
presence of mechanisms whose details have yet to be elucidated. Additionally this 
design represents a first step in creating more complex gradients that would be more 
physiologically relevant than a linear gradient. 
 
1.6 Conclusion 
While the use of microfluidics to study cellular mechanics is still in its early stages, this 
suite of technologies has already proven to be a powerful tool for characterizing the 
mechanics of cells and cell-like particles quantitatively and at high throughput, and for 
gaining insight into microenvironmental regulation of cell migration. While such devices 
are beginning to make important contributions in the field of cellular mechanobiology, 
much room for improvement remains. For example, many of the devices presented to 
date focus on replication or manipulation of only one or two features of the 
microenvironment such as confinement or a chemokine gradient. An important goal of 
future devices will be to incorporate multiple cues likely to play important roles in vivo, 
such as interstitial flow, topological cues, multiple different chemokine gradients and 
more than one type of cell (160–162). While challenging, these complexities will better 
capture the in vivo microenvironment and allow observation of emergent behaviors not 
readily appreciable from simpler systems. These devices will also lend insight into how 
cells process and integrate synergistic or competing cues to give rise to a coherent 
phenotype. Additionally, the integration of such devices with technologies that offer 
intracellular analysis, such as single-cell proteomic platforms (163), would increase the 
ability for endpoint analysis as well as archiving abilities for future analysis. 
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Chapter 2. Measuring Cell Viscoelastic Properties Using a Microfluidic 
Extensional Flow Device 
 
Reprinted with permission from Cell Press, from the article “Measuring Cell Viscoelastic 
Properties Using a Microfluidic Extensional Flow Device”, by Lionel Guillou, Joanna B. 
Dahl, Jung-Ming G. Lin, Abdul I. Barakat, Julien Husson, Susan J. Muller, and Sanjay 
Kumar in Biophysical Journal, 111(9): 203-2050, 2016 
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2.1 Abstract 
 
The quantification of cellular mechanical properties is of tremendous interest in biology 
and medicine. Recent microfluidic technologies that infer cellular mechanical properties 
based on analysis of cellular deformations during microchannel traversal have 
dramatically improved throughput over traditional single-cell rheological tools, yet the 
extraction of material parameters from these measurements remains quite complex due 
to challenges such as confinement by channel walls and the domination of complex 
inertial forces. Here, we describe a simple microfluidic platform that uses hydrodynamic 
forces at low Reynolds number and low confinement to elongate single cells near the 
stagnation point of a planar extensional flow. In tandem, we present, to our knowledge, 
a novel analytical framework that enables determination of cellular viscoelastic 
properties (stiffness and fluidity) from these measurements. We validated our system 
and analysis by measuring the stiffness of cross-linked dextran microparticles, which 
yielded reasonable agreement with previously reported values and our micropipette 
aspiration measurements. We then measured viscoelastic properties of 3T3 fibroblasts 
and glioblastoma tumor initiating cells. Our system captures the expected changes in 
elastic modulus induced in 3T3 fibroblasts and tumor initiating cells in response to 
agents that soften (cytochalasin D) or stiffen (paraformaldehyde) the cytoskeleton. The 
simplicity of the device coupled with our analytical model allows straightforward 
measurement of the viscoelastic properties of cells and soft, spherical objects. 
 
2.2 Introduction  
 
Although it has been long understood that soluble factors from the cellular 
microenvironment can strongly influence cellular behavior, it is becoming increasingly 
clear that physical, and especially mechanical, inputs can also affect cell behaviors such 
as migration, proliferation, and differentiation (163-167). Cells frequently respond to 
mechanical stimuli by adaptively tuning their intrinsic mechanical properties, and 
significant evidence suggests that this “mechanoadaptation” is key to transducing these 
inputs into biochemical signals that mediate cell behavior. Moreover, because disease 
states are often accompanied by changes in cell and tissue mechanics, there has been 
growing interest in using cell mechanical properties as a label-free biomarker (168-172). 
As a result, there is much interest in developing platforms to quickly and accurately 
quantify cellular mechanical properties. These new platforms would not only facilitate 
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advances in understanding how cells stabilize their shape and process mechanical cues 
but would also give rise to novel clinical diagnostic tools. 

Traditional techniques for studying the mechanical properties of single cells include 
micropipette aspiration (MPA), atomic force microscopy (AFM), optical stretching, and 
magnetic bead cytometry (173-175). Although these methodologies have been 
instrumental in elucidating the molecular basis of cellular mechanics, they require highly 
skilled operators and sophisticated equipment and, most importantly, suffer from low 
experimental throughput. For example, AFM and optical stretching techniques have 
sampling rates on the order of 1 cell/min (if not slower), which severely reduces 
statistical power and complicates, if not precludes, the identification of rare cellular 
subpopulations. Additionally, many of these techniques require direct contact between a 
probe and cell, adhesion to two-dimensional culture substrates, or both, which may 
invite measurement artifacts. 

To address these issues, microfluidic tools have recently been explored as a strategy to 
measure cellular structural and mechanical properties with a rapidity that may be better 
suited to drug discovery and clinical application (176-187). Although these approaches 
have indeed massively improved measurement throughput and reduced operator 
skill/bias issues relative to traditional measurements, the extraction of cell mechanical 
properties (e.g., elastic modulus) remains challenging, primarily due to complex viscous 
forces that severely complicate analysis of deformations. 

Recently, Guck and colleagues performed rapid cell deformability measurements with a 
device that squeezed cells into a bullet shape as the cells passed through square 
constriction channels (181,182). By using a viscous medium (viscosity of µ ∼ 15 mPa·s 
vs. 1 mPa·s for water at room temperature), the device could be operated at low 
Reynolds number (Re ∼ 0.1), thereby enabling the development of an analytical model 
from which elastic moduli of cells could be determined from the resulting deformations 
(182). Although this method has proven quite powerful, it is analytically demanding and 
requires accurate edge detection of a complicated shape to extract elastic properties. 

In an attempt to achieve high-throughput mechanical measurements within a simpler 
geometry, Di Carlo and colleagues developed higher-Reynolds-number (Re > 40) 
microfluidic systems that measure cell deformability with throughput ranging from 1000 
cells/s (177) to 65,000 cells/s (178). By elongating cells at the stagnation point of 
extensional flow or pinching cells with two sheathing flows, they successfully developed 
population “signatures” based on distributions of cell deformability versus size. These 
population signatures responded in expected ways to cytoskeletal drugs in the pinched-
flow sheathing device for which strain rates and imposed cell strains were not too large 
(178) (the expected effects of cytoskeletal depolymerization drugs were not detected in 
the high-strain-rate, high-strain-extensional-flow device (176)) and enabled prediction of 
disease state from clinical samples (176,177). Nonetheless, this work did not present an 
analytical route for extracting cell constitutive model parameters, instead requiring 
numerical solutions due to the high inertial component of the flow. Thus, there remains 
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a significant need for microfluidic strategies to measure cellular viscoelastic properties 
in a simple geometry subject to well-defined deformation forces. 

In this study, we present, to our knowledge, a novel cross-slot microfluidic system that 
addresses these limitations. By strategically choosing our device geometry and 
suspending fluid, we are able to greatly simplify both the experimental workflow and 
mechanical analysis and thereby arrive at a single analytical equation that relates 
deformation, channel geometry, and cellular viscoelastic parameters. The expected 
elliptical deformed shape is more easily analyzed and less sensitive to noise in image 
processing compared to a more complicated shape with rapid changes in curvature. We 
validate the approach by measuring the elastic properties of cross-linked dextran 
hydrogel particles, using independent MPA measurements and previously published 
values for stiffness as comparisons. We then apply this system to measure the apparent 
shear modulus and fluidity (viscosity parameter) of 3T3 fibroblasts and primary 
glioblastoma tumor initiating cells (GBM TICs) and show that we can capture expected 
changes in cell stiffness in the presence of specific pharmacologic agents. 

2.3 Results 

2.3.1 Theoretical analysis of the deformation of an elastic body in a cross-slot 
device 
We begin by calculating the viscous stresses experienced by spherical bodies flowing 
through the stagnation point region of a cross-slot device and apply these findings to the 
simple case of an isotropic, linearly elastic spherical particle. Our result is valid in the 
limit of low-Reynolds-number flow and small deformations of the particle. Indeed, these 
two modeling assumptions were met in the upcoming results as we observed cell 
strains of 0.01 < ε < 0.18 under operating conditions in which the flow Reynolds number 
was small, specifically, 0.006 < Re < 0.2 (range of all experimental parameters given 
in Table S1). Therefore, the effects of fluid inertia can be assumed to be negligible 
compared to viscous fluid forces and omitted from our model. In contrast, the Reynolds 
number in the cross-slot devices of Di Carlo and colleagues (176,178) were finite at 
operating conditions (Re > 40) and therefore fluid inertia would need to be included in 
the modeling of cell deformation in their system. 
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Figure 1. Cross-slot flow field. (A) Cross-slot device containing a body (red) that is 
initially spherical but then elliptically deforms under elongational viscous fluid stresses 
(flow streamlines in blue). D is the channel’s half-width. a and b, respectively, denote 
the long and short axes of the ellipse. G is the shear modulus of the body. µ is the fluid 
dynamic viscosity and U is the mean flow velocity. (B) Normalized entrance velocity, ξ = 
Uin/U, at the entrance to the cross-slot stagnation point region (|x| = sqrt(x2 + y2) ≤ D), 
as a function of the channel’s aspect ratio, A = h/w, where h and w (w = 2D) are the 
channel height and width, respectively. Values for normalized entrance velocity are 
computed using our derived analytical expression for ξmax and ξmin. z denotes the 
position of the vertical axis, with the channel occupying 0 ≤ z ≤ h. ξmax is plotted as a 
black line and corresponds to an object at the vertical center of the channel, where the 
velocity is maximal. ξmin is plotted as a gray line and corresponds to objects that are in 
the middle of the channel’s width but distributed equally along the height of the channel. 
The dotted black line indicates an example of the normalized entrance velocity, ξ, for 
objects that are in the middle of the channel’s width and distributed equally along the 
height of the channel with the exclusion of the very bottom and the very top of the 
channel (in this example, we excluded 1/8 of the total channel height). This final value 
(dotted black line) is the one that best matches experimental observations. 
 
Our system parameters are the channel half-width, D, the channel height, h, the 
medium dynamic viscosity, µ, the fluid density, ρ, and the mean flow velocity U 
(see Fig. 1). We define the flow Reynolds number as Re = ρUD/µand consider only the 
case where Re ≪ 1. Hence, viscous forces dominate inertial forces and we assume 
Stokes flow. The cross-slot generates approximately planar extension flow, in which the 
velocity field is v = Ω(−xi + yj) and Ω is the uniform extensional strain rate. Therefore, in 
the stagnation point region under these laminar flow conditions, the velocity gradient is 
nearly constant. In particular, along the inlet center streamline (x axis), the velocity 
gradient is approximately Ω = Uin/D, indicating that the velocity decreases linearly from 
Uin, the velocity at the entry of the cross-slot region (|x| = D), to zero at the stagnation 
point. Other investigators previously measured this velocity behavior along the center 
streamline using micro-PIV measurements (198), and we confirmed the uniform strain 
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rate with our own measurements in the device used for the cell experiments (Fig. S8). 
We introduce the normalized entrance velocity, ξ = Uin/U, and the stagnation-point-
region velocity gradient is Ω = Uin/D = ξU/D. Because U and D are set by the 
experimental conditions, ξ is the only remaining factor that must be derived to obtain the 
velocity gradient in the stagnation point region. 

In a first step, we restrict our analysis to the position of maximal in-plane (x-y) velocity 
gradient, corresponding to an object that is at the channel’s vertical center (z = h/2) and 
in the middle of the channel’s width (y = 0), where Uin = Umax. In such a case, ξ = ξmax = 
Umax/U. Using the known velocity profile for laminar flow through a rectangular channel 
(199), we are able to derive an analytical expression for ξmax in terms of a Fourier series 
in the channel aspect ratio, A = h/(2D) = h/w: 
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We note that for A < 1, both infinite series in Eq. 1 can be approximated by their first 
term with an error for ξmax of <1%. For 1 < A < 3, one must add the second series term 
to maintain an error of <1%. Further, we verified that in the quasi-two-dimensional (2D) 
limit where A goes to 0 (corresponding to a very flat channel), ξmax converges to 3/2, the 
well-known maximum-to-mean velocity ratio in a 2D parabolic flow. We also note that 
because inverting the width and height affects neither the maximum nor the mean 
velocity, ξmax(A) = ξmax(1/A). 
 
In a second step, we relax the constraint that the body must be located at the channel 
midheight, because it is difficult to perfectly focus all cells in experiments. Still assuming 
that the body is at the center of the channel width direction, the body may now be 
located anywhere on the vertical axis so that Uin = Uw/2. We use the same approach as 
above, and derive the normalized velocity, ξmin = Uw/2/U, in terms of a Fourier series: 
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ξmin is plotted for aspect ratios between 0 and 10 in Fig. 1B (solid gray line). We note 
that for A < 1, both infinite series in Eq. 2 can be approximated to their first term with an 
error for ξmin of <1%. For 1 < A < 3, one must add the second series term to maintain an 
error of <1%. 
 
In experiments, objects were predominantly near the midplane of the channel, 
so ξ assumed values that lie between ξmin and ξmax. To further refine the expression for 
the experimental value of ξ, we adjust Eq. 2 to take into account the radius of the object 
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being deformed, in which case we find that the normalized velocity is almost always 
close to 1.5 (see Fig. 1B; see the Supporting Results for more details), except for high-
aspect-ratio channels that are seldom used in microfluidics, in part because objects will 
often be out of focus as a consequence. For simplicity, we retain this value of 1.5 in our 
subsequent experimental analysis. Thus, the velocity gradient in our device is Ω = ξU/D, 
where ξ is expressed analytically as a function of the aspect ratio, A = h/w, of the 
device. In the experiments reported here, ξ ∼ 1.5. 

By scaling arguments and analysis of the cross-slot flow field, we can therefore 
reasonably assume that objects sufficiently close to the stagnation point are deformed 
by our derived strain rate, ξU/D. The results for ξ are derived in the absence of cells or 
particles. We verified that the size of cells was sufficiently small to avoid perturbations to 
the flow, as evidenced by the small value of the Stokes number, Stk ∼10−6 ≪ 1 (see 
details in the Supporting Results and Fig. S7). Our Hele-Shaw simulation results of the 
cross-slot flow field and our micro-PIV measurements (Fig. S8), as well as other 
reported particle-image velocimetry measurements (Fig. S2 in (200); Fig. 5 D in (198)), 
indicate that the strain rate is constant in the stagnation-point region. According to our 
Hele-Shaw simulations, for distances <25% of the channel width away from the 
stagnation point, the local strain rate is within 95% of the maximum value at the 
stagnation point (Fig. S2). 

Having characterized the velocity gradient in the device, we consider the simple case of 
an isotropic, linearly elastic material deforming in a pure and infinite planar extensional 
flow. Murata (201) analyzed the general problem of an incompressible elastic sphere 
deforming in an arbitrary, low-Reynolds-number flow field in the limit of small 
deformations (ε ≪ 1). From Murata’s example solution for the surface of a sphere 
deforming in planar extensional flow, we obtain the following relation for the strain in this 
flow field: ε = (5Ωµ)/(2G), where G is the shear modulus and the strain is defined as ε = 
(a − b)/(a + b) (Fig. 1A). Plugging in our expression for the velocity gradient, Ω, we find 
an expression for the strain of an elastic sphere deforming in our cross-slot device: 

ε =
a −b
a+b

=
5
2
ξ
U
D
µ
G

  (Equation 3) 

1.3.2 Extension of the theory to the deformation of a viscoelastic body in a cross-
slot device 
We next extend the relation to the deformation of a viscoelastic body in planar 
extensional flow. Because the fluid velocity gradient is uniform in a cross-slot and 
because the fluid forces exerted on a cell are largely dominated by viscous forces that 
are proportional to this homogeneous velocity gradient, a body moving through the 
cross-slot’s central region (|x| ≤ D) will be submitted to viscous stresses proportional 
to τ ∼ µξU/D, assuming the disturbance to the velocity field due to the presence of the 
cell is small (see details in Supporting Results). Although for an elastic body, the 
uniform viscous stresses means an instantaneous and constant deformation, the 
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deformation of viscoelastic bodies such as suspended cells changes with time under 
loading by a constant stress and depends not only on the force magnitude but also on 
the rate at which the force is applied. One choice of model to capture viscoelastic 
behavior is the simple two-parameter power law for a time-dependent cell stiffness. This 
phenomenologic law has been shown to describe cell mechanical behavior for several 
cell types over a wide range of timescales as measured by several techniques, 
including optical magnetic twisting cytometry (202,203), atomic force microscopy 
indentation (204), and microfluidic constriction channel traversal (180). The power law 
can be expressed mathematically as (202) 
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where t0 is an arbitrary reference time, G0 is the value of the shear modulus at time t0, 
and the fluidity parameter α describes the dependence of the shear modulus on time. 
The case of a purely elastic body is recovered by choosing α = 0, and a Newtonian fluid 
corresponds to α = 1. For a viscoelastic material with 0 < α < 1, the power-law model 
predicts that as the deforming force is applied more quickly (smaller t), the material 
appears stiffer (larger G(t)). A rigorous implementation of this relaxation modulus G(t)—
the viscoelastic, time-dependent analog of the shear modulus G for an elastic 
material—requires a more complicated stress-strain relationship involving an integral in 
time. This constitutive law would need to be incorporated into the time-dependent 
version of the governing equations for the solid undergoing infinitesimal deformations, 
which are more complicated than the steady-state versions used to derive Eq. 3. In a 
simplistic approach, we will not explicitly consider the time-dependent modulus G(t) in 
the governing equations, but rather will consider the cell to be an elastic sphere with an 
“effective” shear elastic modulus, G(tcs), where G(tcs) is G(t) evaluated at timescale tcs of 
cross-slot deformation. Thus, we have taken a phenomenological approach as opposed 
to a rigorous mechanics derivation by replacing G in Eq. 3 with G(tcs). We show below 
that, despite these simplifications, this power-law adequately describes our own 
measurements of suspended cells. 
 
We observed the deformation of single cells at the time point nearest to the stagnation 
point and thus extract the time-dependent shear modulus at a certain time after the start 
of deformation. By varying the flow rate, we sample a range of deformation times and 
strain rates. Using our knowledge of the well-defined extensional flow field, we calculate 
the average time of deformation at a given flow rate experienced by the cells as they 
travel from the end of the channel toward the stagnation point. This time of deformation 
is expected to scale with D/U. By symmetry, we considered the upper quadrant of the 
cross-slot defined by x > 0 and y > 0. When entering the cross-slot, the body travels at a 
velocity of the extensional flow field, v = ui + vj, where u(x) = −Ωx and v(y) = Ωy. 
Therefore, choosing t = 0 to be the point in time where the body enters the cross-slot 
region at |x| = D and starts being exposed to the extensional stresses, integration along 
the streamline yields the x coordinate of cell position to be x = Dexp(−Ωt). This is 
equivalent to a time of extensional deformation t = −1/Ωln(|x/D|) for an object that 



	 29	

started at x = D at t = 0 and is now located at a new x < D after flowing entrained in the 
extensional flow field. We restrict the analysis to bodies whose centers are located in 
the region where x є [0;D/2] and y є [0;D/2], equivalent to our experimental criteria that 
bodies are imaged close to the stagnation point. The average time of deformation for 
cells observed in the region x,y є [0, D/2] is therefore 
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This equation yields the expected scaling with D/U, apparent when rewritten as tcs = 
(1 + ln(2))D/(ξU). Notwithstanding this result, we note that any other choice of zone is 
possible; both derivation methods for the normalized velocity, ξ, and the time spent in 
the cross-slot, tcs, would have remained valid and would have just led to different final 
equations. For instance, choosing the entire cross-slot would have led to tcs = 1/Ω. 
This derivation of tcs assumes that the cell travels at the fluid velocity. We performed 
several particle-tracking measurements and found that, within experimental error, cells 
traveled close to the expected maximum fluid velocity (see Fig. S9 for details). Our 
results are supported by theoretical and simulation results from Guck and colleagues 
showing that objects travel at >90% of the maximal fluid velocity when the degree of 
confinement is rcell/Req < 0.4 where rcell is the cell diameter and Req is the equivalent 
channel radius (Fig. 2 A in (19)). Defining Req based on the hydraulic mean radius of our 
rectangular channels (Rh = 23 µm), these results predict that cells with diameter rcell < 
9.2 µm travel at >90% of the maximal fluid velocity. Thus, rcell < 9.2 µm is an upper 
bound on cell size for the range of applicability of our model. The histograms of cell size 
presented in Fig. S4 show that the cells measured are below this upper bound, with an 
average cell radius around 7 µm. 

Combining Eqs. 3, 4, and 5, we present the following analytical relation that relates the 
observed body deformations with the cross-slot dimensions, the suspending fluid 
viscosity, and the applied flow rate via two fitting parameters, α and G0, that describe 
the body’s viscoelastic behavior: 
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G0 corresponds to the apparent stiffness for a given time, t0. In our analysis of cell 
deformation, we will choose t0 = 5 ms, the average tcs across all cell experiments, as a 
timescale that is naturally suited to the apparent stiffness. 

1.3.2 Experimental validation of the deformation of an elastic body in a cross-slot 
device 
To experimentally assess the validity and accuracy of the model, we performed studies 
on a model elastic body whose mechanical properties had been previously determined 
using other systems. Our theory required that this body be initially spherical and that it 
deform at low Reynolds number. We chose Sephadex G200 cross-linked dextran beads 
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with diameters ranging from 40 to 100 µm, which are the most deformable of all 
commercially available Sephadex beads due to their large porosity. These particles are 
spherical in a stress-free state and deformed in cross-slot experiments operated at low 
Reynolds number (0.001 < Re < 0.1). Our experimental system required that the 
average flow velocity, U, be <∼0.18 m/s, as velocities above this value precluded 
accurate tracking of deformations. 

 
We introduced Sephadex G200 beads into our cross-slot device and observed 
deformations in the vicinity of the stagnation point (Fig. 2A). Since with the employed 
magnification, a Sephadex bead is typically 50–100 pixels in diameter, the lowest 
strains (engineering strains) detectable for an individual Sephadex is of the order of 1% 
(the fitting of an ellipse rounds up or down to the nearest pixel). By employing solutions 
of varying viscosities (105, 179, and 201 mPa·s) and flow rates (2.5–40 mL/h), we 
sampled a wide range of strain rates (ξU/D ∼ 65–1300 s−1). As predicted by Eq. 3, the 
mean particle deformation was linearly related to the applied stress, with a shear 
modulus (slope) of G = 8.6 ± 0.5 kPa (Fig. 2B). 

We then validated these stiffness measurements by performing MPA experiments on 
the same Sephadex G200 beads in the same suspending PEG/PBS medium (Fig. 2C). 
Application of linear elasticity theory (205) to relate the entry length of the dextran beads 
inside the micropipette with the aspiration pressure yielded shear moduli of Gasp = 6.4 ± 
0.2 kPa. This is in reasonable agreement with our cross-slot measurement and in order-
of-magnitude agreement with previous measurements by osmotic deswelling (206) and 
suspension rheology (207) (Fig. 2D). Microscale mechanical measurements are 
expected to be more sensitive than bulk measurements to microscopic structural 
inhomogeneities, such as defects or variations in cross-linking density (208). This 
means that measured values are quite sensitive to the method of force application. For 
instance, localized application of force (aspirating one region of particle in MPA) could 
be expected to give different results than more homogeneous applied forces (elongation 
in a uniform velocity gradient in cross-slot microfluidic devices) that may present a more 
averaged response that masks microparticle structural inhomogeneity. Furthermore, 
each method makes simplifying assumptions to extract material properties from primary 
measurements such as deformation, thereby introducing systematic error that is not 
included in reported measurement uncertainty, typically a population standard deviation 
or standard error of the mean. 
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Figure 2. Validation of cross-slot mechanical measurements with cross-linked dextran 
hydrogel particles. (A) Time-lapse of a Sephadex G200 cross-linked dextran particle 
stretching in extensional flow as it passes through the stagnation point region. The 
shear modulus is extracted from the observed deformation. Cross-slot dimensions are 
400 µm wide and 200 µm deep. The strain rate is ξU/D ∼ 520 s−1 at a 20 mL/h flow rate. 
Right: Overlay of the ellipses manually fitted to images of the dextran particle at the 
entrance of the cross-slot region and at the location closest to the stagnation point. The 
deformation was chosen to be an average case of all observed deformations. (B) 
Deformation of Sephadex G200 beads as a function of the applied stress. Suspending 
fluids with three viscosities were used, µ = 105 mPa·s, 179 mPa·s, and 201 mPa·s. A 
linear regression of ε = 5ξµU/(2GD) provides the shear modulus of G = 8.6 ± 0.5 kPa. 
Reported uncertainties of our measurements are the standard errors of the mean values 
of the population of dextran beads. (C) Micropipette aspiration of Sephadex G200 
beads. The entry length, L, is normalized by the micropipette radius, Rp, and plotted as 
a function of the applied pressure, ΔP. Each color represents a different bead (n = 5 
beads), and the shear modulus is inversely proportional to the slope. (D) Comparison of 
shear-modulus values obtained with our cross-slot measurements, our MPA 
measurements, and previously published values based on osmotic deswelling (43) and 
suspension rheology (44). 
 
1.3.3 Measuring the viscoelastic properties of 3T3 and GBM TICs 
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Having validated our analysis and experimental platform, we progressed to measuring 
mechanical properties of living cells. For proof-of-principle studies, we focused on NIH 
3T3 fibroblasts, which have been mechanically characterized by AFM (209,210), optical 
stretching (211,212), and MPA (213). To explore the potential of our cross-slot device 
for novel discovery, we also characterized GBM TICs, a stem-like subpopulation of 
GBM tumors thought to drive tumor initiation, recurrence, and therapeutic resistance 
(189,214,215). Importantly, manipulation of mechanics and mechanotransductive 
signaling in GBM TICs was recently shown to significantly reduce tissue invasion and 
extend survival (216). 
Our model’s assumption that the deforming body is initially spherical is a reasonable 
approximation for cells in suspension in general (217), and for circulating white blood 
cells in particular (218,219). For a subset of cells, we measured a deformation (mean ± 
SE) of ε = 0.0004 ± 0.004 (n = 21,) and ε = 0.007 ± 0.003 (n = 28) for 3T3 and GBM 
TICs, respectively, before entry into the central region of the cross-slot (each sample set 
taken from two separate experiments on two different days). As another measure of cell 
sphericity, we also evaluated cell circularity index, defined as c = 4πA/(P2) where A is 
the cell area and P is the cell perimeter. (A value of c = 1 indicates a perfect circle and a 
value of c = 0 indicates a line.) From the ellipses manually fitted to the same subset of 
cells, we found c = 0.998 ± 0.001 and c = 0.998 ± 0.001 for 3T3 cells and GBM TICs, 
respectively, showing that cells are spherical before entering the cross-slot central 
region. 
 
In separate experiments, we infused both cell types through the device at various flow 
rates (50–1400 µL/h) that produce a wide range of strain rates (ξU/D ∼ 280–6800 s−1) 
and imaged cellular deformations at the stagnation point as with the Sephadex particles 
(Fig. 3A). We found that the deformation agreed well with the power-law model in Eq. 6, 
as demonstrated by the linearity of the log-log plots of cell strain, ε, versus cross-slot 
velocity gradient ξU/D (Fig. 4, B and C). This relationship continued to hold when we 
independently varied cross-slot width (w = 2D), fluid viscosity (µ), and flow rate 
(determines average flow velocity, U = Q/A), which are the three tunable parameters in 
the power-law model (Fig. 3B). 

 
Figure 3. Measurement of cellular viscoelastic properties. (A) Time-lapse images of a 
3T3 fibroblast stretching in extensional flow as it passes through the stagnation point 
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region. Arrows denote the direction of movement. Viscoelastic power-law constitutive 
model parameters are extracted from the observed deformation. Cross-slot dimensions 
are 100 µm wide and 30 µm deep and the strain rate is ξU/D ∼ 1690 s−1 at a 500 µL/h 
flow rate. The time between images is 0.5 ms, and the scale bar is 20 µm. We can 
observe that cell deformation increases as cells pass through the central region of the 
cross-slot, as is further detailed in Fig. S5. (B) Control TIC cross-slot deformation at 
various flow rates in devices of varying dimensions and for different suspending fluid 
viscosities. Each data point represents a separate experimental condition, with 10 ≤ n ≤ 
30 fitted for the reported average deformation. Marker color indicates fluid viscosity, µ, 
using a gray scale (from white, 30 mPa·s, to black, 50 mPa·s), and the pattern indicates 
the cross-slot half-width, D (triangles, 35 µm; circles, 50 µm). Flow rates varied between 
10 µL/h and 1000 µL/h. Height was kept constant at 30 µm. 
 
The power law relationship in Eq. 6 predicts that a log-log plot of viscosity-normalized 
strain (ε/µ) versus strain rate (ξU/D) would be linear and may be fitted to extract the 
cellular shear modulus (G) and fluidity parameter (α). Accordingly, for 3T3 cells, we 
obtained a shear modulus of G0(t0) = 0.59 ± 0.05 kPa (Fig. 5) for t0 = 5 ms. Previous 
measurements on suspended 3T3 cells using optical stretchers yielded shear moduli of 
∼70–80 Pa ((212); extracted from Figs. 2 A and 3 B from (212)) and 100 ± 10 Pa 
(extracted from Fig. 2 from (211)) for a deformation timescale of t = 200 ms. In turn, if 
we set our timescale t0 to 200 ms in our cross-slot experiment, we find that 
G0(200 ms) = 101 ± 8 Pa, which is very consistent with the values found using an 
optical stretcher. For GBM TICs, we measured a stiffness of G0(t0) = 0.44 ± 0.03 kPa. 
Again, this value is in close proximity to previous AFM measurements on this same cell 
line that found values of 0.8–0.9 kPa (216). The measured cell fluidity parameter was 
similar for both cell types: α = 0.48 ± 0.04 for 3T3 cells and 0.50 ± 0.04 for TICs. 
 
We next explored the sensitivity of the measurement to perturbations of cytoskeletal 
assembly and mechanics. For our softening studies, we used CytoD (10 µM), which has 
been previously shown to disrupt the 3T3 actin cytoskeleton (220,221). As expected, 
inhibition of actin polymerization by treatment with CytoD increased cellular deformation 
at all strain rates and reduced shear modulus (0.40 ± 0.05 kPa for 3T3 cells and 0.22 ± 
0.04 for TICs). Those values are statistically significantly different from the control case, 
with p ≤ 0.01 between all groups (see Table S2 for individual p-values). Conversely, 
covalent cross-linking of cells with PFA increased the shear modulus (0.93 ± 0.08 kPa 
for 3T3 cells and 0.73 ± 0.05 for TICs). Here, also, the values were statistically different 
from the control case, with p ≤ 0.01 between all groups. Despite these changes in 
stiffness, neither CytoD nor PFA produced statistically significant changes in fluidity for 
either cell type. 
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Figure 4. Softening and stiffening effects of drugs that affect the cytoskeleton on TIC 
and 3T3 deformations measured in the cross-slot. (A) Images of 3T3 fibroblasts before 
(left) and during (right) deformation by the extensional flow in the cross-slot. We took a 
cell from all three cases: incubation in PFA (top), control (middle), and incubation in 
cytochalasin D (bottom). In all three cases, ξU/D ∼ 4100 s−1. Cells were chosen to be 
representative of the average deformation at this strain rate. The scale bar is 10 µm. 
(Band C) Linear regression of the log-log plots based on ε = 5ξµU/2GD (solid lines, 
control; dashed lines, cytoD, dotted lines, PFA) yield the cell power-law material 
properties under control and drug conditions; the fluidity parameter, α, is obtained from 
the slope and the shear modulus, G0, at a specified timescale, t0 = 5 ms, is obtained 
from the intercept. The cross-slot deformations of both GBM TICs (B) and 3T3 fibroblast 
cells (C) are consistent with the power-law model, as indicated by the linearity of the 
log-log plots. Each data point represents a separate experimental condition (i.e., 
the ξU/D strain rate and drug condition), with 10 ≤ n ≤ 30 cells fitted for the reported 
average deformation. In (C), the gray zone corresponds to the strain rate chosen for the 
cells in (A). For clarity, error bars reflecting the uncertainty in strain measurements 
(mean ± SE) is omitted. See Fig. S6 for versions of (B) and (C) with vertical error bars 
and Table S3 for the cross-slot extensional strain rate (ξU/D), strain (ε), and strain 
uncertainty for each point plotted in (B) and (C). 
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Figure 5. Power-law material parameters, the fluidity parameter, α, and the shear 
modulus, G = G0(t0), evaluated at the average timescale of cell cross-slot deformation, 
t0 = 5 ms for GBM TICs and 3T3 fibroblasts under different pharmacological 
interventions. The values of α and G are determined by linear regression, and the error 
bars are derived from analysis of covariance. Although the fluidity of the cells does not 
change appreciably, both cell types are significantly softened by CytoD and stiffened by 
PFA (∗p ≤ 0.01). 
 
 
 
 
2.4 Discussion 
 
Cellular mechanical properties serve as a powerful and promising label-free marker for 
gaining insight into molecular changes within the cell or characterizing different cellular 
states for potential diagnostic information. Recent advances in microfluidic technology 
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have allowed the high-throughput measurement of cellular mechanical properties with 
single-cell resolution. Such platforms are strongly positioned to detect potential 
differences in rare subpopulations of cells that may drive disease progression, which 
would otherwise be masked in bulk- or population-based mechanical measurements. To 
improve on previous studies, we have developed an analytical equation for a simple 
PDMS-based microfluidic platform to measure and quantify cellular mechanical 
properties. The strength of our model lies in its simplicity, with a single equation that 
uses easily obtainable parameters, as well as its adaptability, as it can be readily 
extended to account for other viscoelastic material laws. 

It is interesting to note that although at least one previous study (176) has successfully 
captured changes in stiffness and correlated these differences to phenotype, the 
authors did not report changes in stiffness when cells were treated with cytoskeletal 
depolymerization drugs. The authors hypothesized that this may be because the high 
strain rates in their system (ξU/D ∼2 × 105s−1) effectively fluidize the cytoskeleton and 
are instead dominated by the viscous properties of the cytosol and chromatin. 
Consistent with this explanation, the lower strain rates employed in our device (300 ≤ 
ξU/D ≤ 7000 s−1) and many other single-cell platforms (e.g., optical tweezers) would 
facilitate measurement of cytoskeletal mechanics. Key to achieving this regime is our 
use of high-viscosity fluid medium (µ ∼40 mPa·s), which enabled us to achieve similar 
stresses and cellular deformations at much lower strain rates, similar to those of Guck 
and colleagues, who used a viscosified suspending solution of µ = 15 mPa·s (182). 
Another factor that may contribute to the ability to detect the effects of cytoskeletal 
depolymerization drugs is the magnitude of cell strain. A different high-throughput 
device from Di Carlo and colleagues (178) extended cells asymmetrically with pinching 
sheathing flows so that the leading edge of the cell experienced higher shearing 
stresses than the trailing edge. The device was operated at strain rates (ξU/D ∼ 1 × 
105 s−1, though this is a less accurate estimate, because the flow is not pure extensional 
flow) similar to those in their cross-slot device in (176), but deformed the cells less. The 
high-strain-rate cross-slot device in (176) deformed cells to strains of ε ∼ 0.32 for 
control and depolymerization-drug-treated cells, whereas the pinched-flow stretching 
device in (178) deformed control cells to ε ∼ 0.15 and treated cells to ε ∼ 0.2–0.3. Our 
high-viscosity cross-slot system only deformed cells up to a maximum of ε = 0.18, a 
relatively small strain. Consequently, we were able to detect the effect of both softening 
(CytoD) and stiffening (PFA) interventions in two different cell lines. Moreover, these 
interventions did not significantly change cell fluidity, further consistent with the notion 
that the strain rates we imposed were insufficient to fluidize the cytoskeleton. 

Although our stiffness measurements of both the Sephadex beads and 3T3 cells are of 
the same order of magnitude as previously published results, there is still a slight 
variation among all the values, as well as among previously published results. These 
variations may be due to differences in measurement modalities across these reports. 
Although the cross-slot platform measures the deformation on a 1–10-ms timescale, the 
other methods employed (AFM, MPA, osmotic deswelling, and suspension rheology) 
are performed on a 1–10-s timescale. Additionally, previous measurements have shown 
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that Sephadex bead stiffness increases by ∼30% when the deformation timescale is 
decreased from 104 to 10 s (207). Hence, we speculate that when decreasing the 
timescale farther from 1 s to 1–10 ms, one would expect some moderate stiffening to 
occur. 

Similarly, for 3T3 cells, reduced timescales unsurprisingly seem to lead to higher 
apparent stiffnesses. Indeed, in another study, a millisecond-timescale platform 
measured higher cellular stiffness values than did AFM, which typically involves 
measurements on the timescale of seconds (222). In the future, it would be valuable to 
measure bead or cellular mechanical properties across various timescales within the 
same device. These studies would clarify the exact relationship between the timescale 
of measurement and the resulting values. Modulation of the viscosity of the suspension 
medium within our device, as well as the flow rate and the device dimensions, may offer 
the opportunity to systematically explore these timescales. 

We also note some differences in cell deformation behavior in pure extensional flow in a 
cross-slot channel compared to previous observations of red blood cell deformation in 
extension-dominant but nonzero shear flows in a converging-width channel. In a 
channel converging linearly from large (100 µm wide) to small (20 µm wide) widths over 
a downstream distance of 70 µm (height a constant 40 µm), four modes of deformation, 
stretching, twisting, tumbling, and rolling, were observed for cells at different cross-
stream positions (186). The stretching mode occurred for red blood cells on the channel 
centerline where the velocity gradient was symmetric about the cell. In our study, 
although we did observe rolling of cells with visible defects in the entrance channels of 
the cross-slot device (shear dominant Poiseuille flow), we never observed tumbling or 
rolling in the stagnation-point region (pure extensional flow), only stretching. The 
existence of one deformation mode in extensional flow—stretching—is expected from 
cell-mimetic vesicle simulations (223,224) and experiments (200,225). Thus, the 
differences in our observation of one deformation mode compared to the previous four 
modes of deformation are a result of the different flow fields. In our cross-slot system, 
the close proximity of the top and bottom walls of the 30-µm-deep channel prevents 
pure planar (z-independent) extensional flow. However, our observations that cells only 
stretch near the stagnation point indicates that any shear velocity gradient effects due to 
the top and bottom walls contribute negligibly to cell deformation. This stands in contrast 
to the study described earlier in which four modes of deformation were observed (186), 
which featured significant, nonzero shear components in straight, narrow regions of the 
channel downstream of the extension-dominant converging section. 

2.5 Conclusions 
 
We have developed an experimental and analytical strategy to measure cellular 
mechanical properties based on deformations within a microfluidic cross-slot device. By 
creating measurement conditions that reduce strain rates and developing an analytical 
model, we successfully detected perturbations to cytoskeletal assembly and mechanics, 
which is a significant innovation for cross-slot-based systems and enables comparison 
with more traditional single-cell mechanics measurements. We envision that this 
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technology will prove valuable for the rapid mechanical characterization of living cells in 
suspension, thereby accelerating fundamental studies of cellular mechanics and 
establishing a platform for future diagnostic technologies. 
 
2.6 Materials and Methods 

Microfluidic device fabrication 
Microfluidic cross-slots were fabricated using standard soft lithography. This geometry, 
consisting of two channels that intersect at 90°, is a convenient platform for generating a 
planar extensional flow. Masters for the cross-slots used for the cell experiments were 
made from SU-8 patterned on silicon wafers according to standard soft lithography 
approaches (188). Briefly, silicon wafers were precleaned with piranha solution (3:1 
sulfuric acid to hydrogen peroxide), washed with deionized water, and baked at 120°C 
for 20 min to remove any moisture. After spin-coating a 30-µm layer of SU-8 2025 
photoresist (Microchem, Boston, MA) onto the wafer, the wafer was exposed to 365-nm 
ultraviolet light at ∼40 mW/cm2 for 12 s under a mylar mask printed with the cross-slot 
pattern (Artnet Pro, San Jose, CA). After development, wafers were pretreated with 
trichloro (1H,1H,2H,2H-perfluoroocytl)silane to prevent adhesion of the 
polydimethylsiloxane (PDMS) to the silicon wafer. PDMS and curing agent (Sylgard 
184, Dow Corning, Midland, MI) were mixed in a 10:1 ratio, degassed, and poured over 
the silicon master. The PDMS was cured overnight at 80°C before the PDMS patterns 
were removed. Inlet and outlet holes were punched with an 18-gauge blunt needle 
(McMaster Carr, Elmhurst, IL). The PDMS devices were bonded to glass microscope 
slides after oxygen plasma treatment, and bonding was finalized by curing the 
PDMS/glass device in an oven at 80°C overnight. The cross-slot channel geometries for 
the cell experiments had widths of 70 or 100 µm, a depth of 30 µm, and channel lengths 
to the cross-slot region of 1 or 2 mm. 

For the dextran particle experiments, which required very deep devices, masters were 
made from dry-film photoresist on stainless steel wafers. Before lamination, the steel 
wafers were rinsed with acetone and water. Two layers of 100-µm-thick dry-film 
photoresist (Riston GoldMaster GM100 photoresist, DuPont, Research Triangle Park, 
NC) were laminated onto the steel wafer with the rollers heated to 120°C (Akiles Prolam 
Ultra, Mira Loma, CA). The dry-film photoresist was exposed to 365-nm ultraviolet light 
at ∼40 mW/cm2 for 10 s under a mylar mask printed with the cross-slot pattern (Artnet 
Pro). The laminate was developed with 10% K2CO3 solution and then dried. The PDMS 
cross-slot devices were prepared from the dry-film photoresist masters in the same 
manner as from the SU-8 masters. These large devices, with 200 µm depth, 400 µm 
width, and channel lengths of 2 mm, accommodated the large (40- to 100-µm diameter) 
dextran hydrogel particles. 
 
Cell culture 
 
NIH 3T3 mouse fibroblasts (ATCC, Manassas, VA) were cultured on tissue culture 
plastic in complete medium consisting of Dulbecco’s modified Eagle’s medium (Gibco, 
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Carlsbad, CA) with 10% calf serum (JR Scientific, Woodland, CA) and 1% 
penicillin/streptomycin (Gibco). The primary GBM TIC line, L0, was collected in a 
previous study after informed consent from male patients who underwent surgical 
treatment and Institutional Review Board approval (189). The TIC neurospheres were 
propagated in neurosphere assay growth conditions (27) with serum-free medium 
(Neurocult NS-A Proliferation kit, Stem Cell Technologies, Vancouver, Canada) 
supplemented with epidermal growth factor (20 ng/mL, R&D Systems, Minneapolis, 
Minnesota), basic fibroblast growth factor (R&D Systems) and 2 µg/mL heparin (Sigma-
Aldrich, St. Louis MO) The gliomaspheres were serially passaged every 5–7 days, when 
the spheres reached a diameter of ∼150 µm. Gliomaspheres were dissociated with 
trypsin/ethylenediaminetetraacetic acid (0.05%) for 2 min and then replated in fresh 
media with the addition of epidermal growth factor, basic fibroblast growth factor, and 
heparin. Both cell cultures were grown in a humidity-controlled 5% CO2 incubator at 
37°C. 
 
Pharmacologic studies 
 
For studies with cytochalasin D (CytoD), cells were incubated with 10 µM CytoD 
(Sigma-Aldrich) for 30 min before the experiment. CytoD was then also added to the 
suspending solution at 10 µM to ensure exposure to a constant CytoD concentration 
during cross-slot deformation. For paraformaldehyde (PFA) studies, cells were fixed 
with 4% PFA (Alfa-Aesar Haverhill, MA) in phosphate-buffered saline (PBS) for 10 min 
in culture and then washed three times with PBS to remove any residual PFA before 
resuspension. Because PFA irreversibly cross-links cellular proteins upon transient 
treatment, it was not necessary to include PFA in the medium during measurement. 
 
Cross-slot deformation experiments 
 
Cells and dextran hydrogel particles were suspended in 20% (cells), 30%, or 40% 
(dextran particles), w/v, 20000 Da polyethylene glycol (PEG20000)/PBS solution to 
operate in the low-Reynolds-number regime and to reliably focus the majority of 
cells/particles during cross-slot deformation. The PEG had a viscosifying effect so that a 
given fluid stress could be applied at lower fluid velocities to make image capture and 
analysis of cell and dextran particle deformation easier. The viscosity of the 
PEG20000/PBS solution was measured at 25°C using an Anton Paar (Graz, Austria) 
Physica MCR 301 rheometer with a 50 mm parallel plate geometry. The measured 
viscosities were nearly constant across the tested strain rates (1–2000 s−1): 35–50 
mPa·s for 20% w/v solutions, ∼100 mPa·s for 30% w/v solutions, and ∼200 mPa·s for 
40% w/v solutions (Fig. S1 in the Appendix I). The high concentration of PEG also 
increased the density of the suspending solution to 1.03–1.05 g/mL so that cells and 
dextran particles were approximately neutrally buoyant. Thus, during observation of 
deformation at the midchannel height (i.e., 15 µm above the glass-bottom surface for 
cells in the 30-µm-deep device), most cells and particles were in focus and candidates 
for measurement. 3T3 and GBM TIC cells were trypsinized into a single-cell suspension 
and then resuspended in the PEG20000/PBS solution. For cells treated with CytoD, 
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drug at the same concentration as for incubation was included in the solution to prevent 
recovery of the cytoskeleton from the depolymerization. Typical cell densities were 8–10 
million cells/mL as measured by a hemocytometer. The cross-linked dextran beads 
were Sephadex G200 beads in powder form (GE Healthcare, Little Chalfont, United 
Kingdom) and were simply added to the PEG20000/PBS solution. 
 
The cell and dextran particle suspensions were loaded into 1 mL syringes (BD Falcon, 
San Jose, CA). Cell and particle suspensions were infused into the cross-slot device 
using a syringe pump (74900 series dual syringe pump, Cole-Parmer, Vernon Hills, IL) 
at constant flow rates ranging from 50 to 1400 µL/h for the cells and from 2.5 to 40 mL/h 
for the dextran hydrogel particles. To account for the compliance in the microfluidic 
device and tubing, the system was allowed at least 2 min to equilibrate before data 
capture after each new flow-rate adjustment. 

Cells or dextran particles flowing in both cross-slots were elongated at constant strain 
rate in extensional flow and observed passing through the stagnation point region. 
Deformation was imaged in phase contrast mode using a Nikon (Tokyo, Japan) 
TE2000-E2 microscope with a 40× objective (∼2 px/µm), and the plane of focus was the 
device centerplane. Images were captured by using a high-speed Phantom Miro M310 
camera (Vision Research, Wayne, NJ) at 2000 frames/s with 20 µs exposure to obtain 
several images per cell or particle, thereby capturing the evolution of the deformation, 
and to minimize blurring due to cell or particle movement. All movies were captured 
within 30 min of the trypsinization process. 

Cell and dextran particle deformation images were analyzed with custom software 
written for ImageJ (NIH) and Matlab (2013v, Mathworks, Natick, MA). Cell strain was 
defined as ε = (a − b)/(a + b), where a and b are the long and short axes, respectively, 
of an ellipse fitted manually to the outer edge of the cell membrane (Fig. 1A; Fig. S3). 
Our definition of cell strain is equivalent to the Taylor deformation parameter (191) 
historically used to define droplet deformation (192-194) and adapted to quantify red 
blood cell deformations (183,187,195). The cell strain measurement was taken at the 
time point at which the cell was closest to the stagnation point. Additionally, this 
definition of ε is also the magnitude of engineering strain along the x and y axes: ε = |(R 
− R0)|/R0 = |ΔR|/R0 where the change in sphere radius at the surface is ΔR > 0 along 
the y axis (outlet flow axis) and −ΔR along the x axis (inlet flow axis). Note that the 
sphere strain along the z axis is zero for planar extensional flow due to zero velocity in 
the z-coordinate direction and therefore no contribution to the velocity gradient that 
determines the viscous fluid stresses acting on the sphere surface. 

Cells were excluded from analysis if one of the following criteria was met: 

• The cell was not spherical before entry into the cross-slot, as the analytical 
model becomes invalid in such a case, since the assumed initial state for 
deformation computation is incorrect. 

• The cell was not sufficiently centered in the channel width direction (i.e., it was 
closer than 25% of the channel width to the walls) or was adherent to another 
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object (e.g., another cell), as the analytical model becomes invalid since the 
object does not experience the assumed strain rate. 

• The cell membrane appeared damaged. 
• The cell was either very large or very small compared to other cells (for a 

distribution of the cell size of the analyzed population of cells, see Fig. S4), as 
such cells may be apoptotic, multinucleated, or otherwise abnormal and 
empirically demonstrated very large or very small deformations far outside the 
population average. 
  

The same exclusion criteria applied to dextran hydrogel particles, though the criterion 
related to the assumed strain rate was the only one that applied in practice, because the 
particles were all initially spherical and intact. 

The mechanical properties of cells and dextran particles were determined from the 
analysis of the deformation due to the known viscous forces. At a given flow rate, cell 
type, and drug treatment, the reported deformation under those experimental conditions 
was computed as the average deformation of 10 ≤ n ≤ 30 cells with an uncertainty 
defined as the standard error of the mean. Mechanical property parameters were 
obtained through linear regression with a least-squares fit of the observed strain, ε, to 
cross-slot extensional strain rate, ξU/D (for cells, a log-log plot), or viscous 
stress, µξU/D (for dextran particles, a linear plot) based on the theory described in the 
Results section, where ξ, U, and D are defined. The uncertainties in the linear fits and 
the significance of the differences in measured material properties between the cell 
pharmacologic studies are evaluated using analysis of covariance. 
 
MPA experiments 
 
Micropipettes were fabricated from glass capillaries as described in Guillou et al. (196) 
and mounted on motorized micromanipulators. The aspiration pressure was applied 
using an air-filled syringe and determined using a home-made pressure sensor as 
described in Hogan et al. (197). Aspiration pressure was increased from 0 to 10 kPa by 
incremental steps of 2 kPa. After each pressure step, an image of the aspirated 
Sephadex bead was acquired using a 40× objective. 
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Appendix I. Supplementary text and figures for Chapter 2 
 
AI.1 Supplementary Results 
 
Derivation of the normalized entrance velocity ξ that best matches experimental 
measurements 
 
Experimental values for ξ will lie between ξmin and ξmax, provided that we restrict our 
analysis to objects that are near the center of the channel. In such instances, the 
objects will be spread in the vertical axis between the heights r and h-r, where r is the 
radius of the spherical object. Indeed, it is not possible for a spherical object’s center to 
get closer to the channel walls than r. We show an example in Figure 1B (dotted black 
line) where r = h/16, corresponding to an experimental case in which the channel height 
is 200 µm and the object’s radius is at least 25 µm. To obtain those ξ values, we take 
the mean velocity along the heights considered using the velocity profile provided in 
Ref. (189). We find using these formulas that for our devices and objects (both dextran 
beads and cells), the analytical values for ξ are close to 1.5 (between 1.48 and 1.62). 
We also experimentally measure object velocities in the cross-slot, and find that they 
are about 1.5 times the mean velocity in the channel. Therefore, for simplicity, we use 
the value ξ = 1.5 in our experimental analysis.  
 
Cells do not perturb the flow sufficiently to modify the strain rate in the device 
 
For the calculations of strain rate in the cross-slot, it is assumed that the flow field is 
unaffected by suspended cells. To determine if the presence of cells in the fluid flow 
affects the fluid velocity and gradients, we inspect the Stokes number of the suspended 
cells, which is the ratio of particle momentum relaxation time (i.e. exponential decay of 
particle velocity due to drag) to the characteristic time scale of the continuum fluid 
phase. For neutrally buoyant particles with a small particle Reynolds number (Rep = 
Re(dp

2/D2) = ρUdp
2/(µD) < 0.013), the momentum relaxation time scale is independent 

of density and can be expressed as τmom = dp
2/(18νc) where νc = µc/ρc is the kinematic 

viscosity of the continuum fluid phase and dp the diameter of the dispersed particles. 
Cells with a typical diameter of 10 µm and suspended in 20% w/v PEG20000/PBS (ρc ~ 
1040 kg/m3, µc ~ 0.04 Pa·s) thus have a momentum relaxation time of τmom = 1.4·10-7 
seconds. The characteristic flow time scale is taken to be the inverse of the velocity 
gradient in the cross-slot region, Ω. The smallest strain rate in our cell cross-slot 
experiments is Ω = 34 s-1, leading to a maximum characteristic flow field time scale of 
τflow = 2.9·10-2 seconds. Thus, the Stokes number for our cell cross-slot experiments Stk 
= τmom/τflow = 5·10-6 << 1. Thus, the suspended cells follow the flow field streamlines 
instantaneously, and the strain rate in a cross-slot device Ω is undisturbed by the 
presence of the cells. 
 
Uncertainty in cell strain measurements: User bias and small strains 
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We verified that the manual strain measurement was accurate within 2% strain by 
having different individuals analyze the same set of cells and set of cross-slot 
experiments (Supporting Figure S3). Observed cell strains were small at the lower strain 
rates, so that the difference in length of the major and minor axes was close to 1 pixel. 
We mitigated the limitation of resolving small deformations by measuring several cells 
per data point (10 ≤ n ≤ 30), which resulted in a clear trend of increasing strain with 
increasing strain rate for both cell types and all pharmacological conditions. 
 
Viscous forces acting on cell surface in planar extensional flow 
 
The suspending fluid that is considered to be a Newtonian fluid has a Cauchy stress 
tensor of the form T = -grad(p) + µ(grad(v) + grad(v)T) where p is the fluid pressure, µ 
the dynamic viscosity, and v the fluid velocity. Assume that the perturbations to the fluid 
velocity field due the presence of the cell are small, which is reasonable for our system 
as argued above. Due to the uniform velocity gradient in planar extensional flow grad(v) 
= [-Ω 0 0; 0 Ω 0; 0 0 0] where Ω is the extensional strain rate, the viscous contribution to 
the fluid stress tensor is independent of location in the extensional flow field. Therefore, 
the force from the fluid (traction vector t = Tn) acting on the cell surface only depends 
on the local outward unit normal vector n of the cell surface. The viscous force vectors 
on the equator of a sphere and ellipsoid located anywhere in planar extensional flow, 
not just the stagnation point, are shown in Supporting Figure S7. The magnitude of each 
fluid force vector is proportional to µΩ and the z-component of the normal vector. 
 
AI. 2 Supplementary Figures and Tables 
 
 

 
 
Supporting Figure S1. Macroscale rheologic measurements of PEG20000/PBS 
solutions used in cell cross-slot deformation experiments. Black line indicates 40% w/v 
PEG20000 in PBS, dark grey line indicates 30% w/v and light grey line 20% w/v. After 
initial transients at the experiment start-up, the viscosity is constant for strain rates of 1–
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2000 s-1 indicating the fluid is Newtonian. The reported viscosities for each batch are 
the average of 2 independent rheometry measurements. 
 
 

 
 
Supporting Figure S2. Ratio of local strain rate 𝜀 = du/dx to maximum strain rate at the 
cross-slot stagnation point as a function of the distance along the central inlet 
streamline as predicted in Hele-Shaw simulations. This streamline corresponds to the x-
axis (cf. Figure 1A). The strain rate is approximately constant within a distance D (the 
channel half width) of the stagnation point, an indication that the flow field is indeed 
hyperbolic extensional flow. Thus, objects in the stagnation point region experience a 
constant strain rate. 
 
 

 
 
Supporting Figure S3. Impact of user bias on cell strain measurements is negligible. 
Left: Independent strain measurements performed by two users of a set of individual 
cells from a single cross-slot experiment (TIC control case, flow rate 300 µL/hr). Right: 
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Independent cell strain measurements for several flow rates for control TICs by two 
users. Each marker is the average strain of n ≥ 10 cells and the error bars indicate ± 
standard error of the mean. Users independently selected qualifying cells to analyze 
and manually fitted ellipses in order to measure cell strain. User 2 systematically 
measures larger cell strain but agrees closely with User 1. For the results reported in 
the manuscript, User 1 performed most of the measurements. 
 
 

 
 
Supporting Figure S4. Histogram of cell radii. All analyzed cells are included. (A) Both 
TIC and 3T3 cells, in both control and drug conditions, are included (n = 3,357 cells). (B) 
Only TICs in control case are included (n = 1,288 cells). (C) Only 3T3 cells in control 
case are included (n = 321 cells). 
 
 

 
 
Supporting Figure S5. Cell deformation increases as they enter the cross-slot’s central 
region |x| ≤ D (blue dots), up until the point where they leave the central region and the 
deformation starts decreasing (red dots). Frame 0 marks the entry of the central region 
of the cross-slot. Cell deformation was tracked from the moment they entered the 
central region. Frame rate is approximately 40 fps. The cells in this example are 
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3T3 cells in control case at a flow rate of 250 µl/hr, with n = 8 cells tracked in this 
example. 
 
 

  
 
Supporting Figure S6. Cell cross-slot measurements including error bars reflecting the 
uncertainty in strain measurements (standard error of the mean). Error propagation (49) 
was used to plot these uncertainties for the quantity log(ε/µ): σlog(ε/µ) = 
[d(log(ε/µ))/dε]2·(σε) 2 = σε/ε. 
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Supporting Figure S7. Viscous fluid forces acting on the surface of a sphere (left) and 
ellipsoid (right) in planar extensional flow that is unperturbed by the presence of the 
object. The force vectors in the x-y plane at the equator have a uniform magnitude 
equal to 2µΩ (µ fluid viscosity, Ω extensional strain rate) and different directions.   
 

 
Supporting Figure S8. Micro Particle Image Velocimetry (PIV) measurements in cell 
crossslot. Cross-slot dimensions are 100 µm wide (channel half-width D = 50 µm), 
height h = 30 µm, and entrance channel length of 1 mm. (A) Measured velocity vector 
field (arrows) and velocity magnitude (contour plot) indicated the presence of an 
extensional flow field. The black dashed line encloses the extensional flow stagnation 
point region (|x| = sqrt(x2 + y2 ) ≤ D) in which the strain rate ( = du/dx = -dv/dy ~ ξU/D) 
is constant. The stagnation point with zero velocity (u = v = 0) is located at (x,y) = (0,0). 
The yellow velocity vector arrows indicate the inlet and outlet centerline streamlines. 
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Due to the gravity-driven flow being adjusted by hand, the stagnation point is slightly off-
center from the cross-slot device. (B) The u and v components of velocity along the inlet 
(top) and outlet (bottom) streamlines for flow field plotted in (A). (C) The linear fit of the 
velocity magnitude as a function of distance to the stagnation point yields the measured 
extension rate near the stagnation point. The strongly linear behavior demonstrates that 
the flow within the stagnation region (|x| ≤ D) is indeed extensional flow. (D) Centerline 
inlet velocities (u component) for three different gravity-driven flow rates. The 
approximate strain rates as x, u y, v A B C D measured by the linear fit method in (C) 
are indicated in the legend. Note that PIV velocity measurements are inaccurate for 
velocities above ~40 µm/s due to the particles traveling too fast relative to interrogation 
area size and time between frames. Thus the inlet velocities for the fast flow rate are 
aphysical for distances greater than 50 µm from the stagnation point. For the medium 
and slow flow rates, the centerline velocity decreases linearly from the entrance velocity 
to zero over a distance D = 50 µm. 
 

 
Supporting Figure S9. Cell flow pattern in cross-slot matches surrounding fluid flow 
pattern. (A) Plot of cell velocity vectors (blue arrows) overlaid at the center of the cross-
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slot with analytical values for fluid velocity (red arrows). x and y axis indicate the 
position. The experiment was done in a cross-slot of 100 µm width and 30 µm height, at 
a flow rate of 50 µL/hr. Blue arrow at the top right indicates velocity scale. Cells are 3T3 
mouse fibroblasts. Cells were manually tracked using the MTrackJ plug-in in ImageJ. n 
= 38 cells were tracked and N = 2039 velocity measurements were performed (only 1 in 
10 measurements are shown on in panel A for clarity). The square grey zone at the 
center corresponds to the zoom shown in panel B. (B) Zoom on the central region 
highlighted in grey in panel A. Same notations and conventions as in panel A apply. (C) 
Cell velocity ux along the x axis. ux was interpolated from N = 2039 velocity 
measurements performed under the same condition (see panel A for details). Under 
those conditions, U = 4.6 mm/s (mean fluid velocity) and Umax ~ 1.5 U = 6.9 mm/s. (D) 
Cell velocity uy along the y axis. Same notations and conventions as in panel C apply. 
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Supporting Table S1. Range for various experimental parameters over all 
experimental conditions tested for the glioblastoma tumor initiating cells (TIC) and 3T3 
fibroblast cells. U = Q/(h·w) is the average flow velocity in the channels based on the 
specified flow rate Q and channel cross-sectional dimensions (width w = 2·D, height h = 
30 µm). The suspending fluid viscosity µ was measured before each set of experiments 
(sample measurements Supporting Figure S1). The flow Reynolds number Re is based 
on microchannel dimensions, fluid properties, and flow rate. n is the number of cells 
used to determine the average strain ε that makes up each data point in Figure 4(B,C). 
 
Cell 
Type 

µ w U Re = 
ρUD/µ 

ξU/D n ε = (a-
b)/(a+b) 

[mPa·s] [µm] [mm/s]  s-1   
TIC 36 ≤ µ ≤ 

42 
w = 70, 

100 
7 ≤ U ≤ 

159 
0.0057 ≤ 

Re ≤ 0.19 
283 ≤ ξU/D 

≤ 6800 
10 ≤ n 
≤ 27 

0.029 ≤ ε 
≤ 0.18 

3T3 37.5 ≤ µ 
≤ 38.3 

w = 
100 

9 ≤ U ≤ 
148 

0.013 ≤ Re 
≤ 0.20  

278 ≤ ξU/D 
≤ 4440 

10 ≤ n 
≤ 30 

0.009 ≤ ε 
≤ 0.12 

 
 
Supporting Table S2. Statistical significance (p-values) of multiple regression analysis 
of covariance.  
 
Comparison Groups 3T3 p-value TIC p-value 
Control vs. CytoD 0.012 0.0002 
Control vs. PFA 0.0094 0.0015 
CytoD vs. PFA 0.0004 8.5·10-6 
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Supporting Table S3. Raw data for glioblastoma tumor initiating cells (TIC) mechanical 
measurements. The uncertainty (σε) in the average strain measurement (ε) at each 
experimental condition is the standard error of the mean.  
 

 
  

TIC	

Fluid	
viscosity	µ

Channel	
wideth	w	=	
2·D

Mean	flow	
velocity	U

Flow	
Reynolds	
number	Re	
=	ρUD/µ

Extensional	
strain	rate	
ξU/D

Number	of	
cells	n

Average	
strain	ε	=		(a-
b)/(a+b)

Strain	
uncertainty	

σε

mPa·s µm mm/s s-1
std	error	of	
mean

6.61 0.0057 283 14 0.029 0.007
13.23 0.0115 567 15 0.047 0.006
39.68 0.0344 1701 12 0.06 0.01
79.37 0.0688 3401 16 0.10 0.02
132.28 0.1146 5669 15 0.16 0.02
23.15 0.0334 694 11 0.036 0.004
46.30 0.0669 1389 15 0.07 0.01
69.44 0.1003 2083 15 0.086 0.006
92.59 0.1337 2778 15 0.082 0.009
111.11 0.1605 3333 14 0.09 0.01
129.63 0.1872 3889 11 0.087 0.006

6.61 0.0064 283 12 0.037 0.005
13.23 0.0128 567 18 0.035 0.004
33.07 0.0320 1417 20 0.062 0.006
66.14 0.0640 2834 20 0.11 0.01
99.21 0.0960 4252 27 0.102 0.007
132.28 0.1281 5669 22 0.136 0.008

23.15 0.0334 694 18 0.065 0.006
46.30 0.0669 1389 20 0.09 0.01
69.44 0.1003 2083 15 0.16 0.01
6.61 0.0064 283 14 0.063 0.005

13.23 0.0128 567 16 0.069 0.005
33.07 0.0320 1417 20 0.077 0.005
66.14 0.0640 2834 20 0.136 0.008
99.21 0.0960 4252 20 0.16 0.01
132.28 0.1281 5669 20 0.18 0.02

13.23 0.0115 567 20 0.029 0.007
39.68 0.0344 1701 19 0.06 0.01
79.37 0.0688 3401 18 0.072 0.005
132.28 0.1146 5669 10 0.10 0.01
66.14 0.0640 2834 20 0.07 0.01
99.21 0.0960 4252 20 0.08 0.01
132.28 0.1281 5669 20 0.08 0.01
158.73 0.1537 6803 20 0.10 0.01

TIC	CONTROL

TIC	CYTOCHALASIN	D

TIC	PFA

Day	2

Day	3

42 70

37.6 70

Day	1

Day	3

70

100

70

7037.6

36 100

Day	1 42

Day	2 36

Day	3 37.6
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Supporting Table S4. Raw data for 3T3 fibroblast cell mechanical measurements. The 
uncertainty (σε) in the average strain measurement (ε) at each experimental condition is 
the standard error of the mean. 
 

 

3T3

Fluid	
viscosity	µ

Channel	
wideth	w	=	
2·D

Mean	flow	
velocity	U

Flow	
Reynolds	
number	Re	
=	ρUD/µ

Extensional	
strain	rate	
ξU/D

Number	of	
cells	n

Average	
strain	ε	=		(a-
b)/(a+b)

Strain	
uncertainty	

σε

mPa·s µm mm/s s-1
std	error	of	
mean

23.15 0.0319 694 16 0.047 0.006
46.30 0.0638 1389 11 0.047 0.006
69.44 0.0957 2083 22 0.058 0.003
111.11 0.1531 3333 15 0.071 0.008
129.63 0.1786 3889 25 0.10 0.01
148.15 0.2041 4444 27 0.099 0.007
23.15 0.0314 694 10 0.043 0.005
46.30 0.0629 1389 10 0.065 0.006
69.44 0.0943 2083 11 0.056 0.009
92.59 0.1257 2778 10 0.072 0.008
111.11 0.1509 3333 10 0.069 0.009
129.63 0.1760 3889 19 0.09 0.01
23.15 0.0321 694 10 0.035 0.007
46.30 0.0642 1389 10 0.051 0.004
69.44 0.0963 2083 14 0.06 0.01
92.59 0.1284 2778 13 0.07 0.01
9.26 0.0128 278 10 0.020 0.007

23.15 0.0321 694 18 0.031 0.006
46.30 0.0642 1389 10 0.035 0.006
129.63 0.1798 3889 12 0.07 0.01

9.26 0.0128 278 21 0.033 0.005
23.15 0.0319 694 15 0.074 0.007
46.30 0.0638 1389 30 0.063 0.005
69.44 0.0957 2083 12 0.089 0.008
92.59 0.1275 2778 10 0.083 0.007
111.11 0.1531 3333 27 0.095 0.008
129.63 0.1786 3889 10 0.106 0.007
148.15 0.2041 4444 20 0.12 0.01

9.26 0.0126 278 17 0.023 0.006
23.15 0.0314 694 16 0.06 0.01
46.30 0.0629 1389 12 0.07 0.01
69.44 0.0943 2083 20 0.093 0.009
92.59 0.1257 2778 21 0.079 0.007
111.11 0.1509 3333 26 0.09 0.01

9.26 0.0128 278 15 0.016 0.005
46.30 0.0642 1389 15 0.028 0.005
69.44 0.0963 2083 15 0.031 0.009
111.11 0.1541 3333 15 0.055 0.006

9.26 0.0128 278 11 0.009 0.005
23.15 0.0321 694 15 0.027 0.007
46.30 0.0642 1389 15 0.034 0.007
69.44 0.0963 2083 15 0.029 0.007
92.59 0.1284 2778 14 0.038 0.008
111.11 0.1541 3333 15 0.05 0.01
129.63 0.1798 3889 15 0.05 0.01

Day	3 37.5 100

10037.5Day	4

Day	1 37.75 100

Day	2 38.3 100

100

100

100

100

37.5

38.3

37.5

3T3	CONTROL

3T3	CYTO	D

3T3	PFA

Day	1

Day	2

Day	3

Day	4

37.75
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Chapter 3. Linking Invasive Motility to Protein Expression in Single Tumor 
Cells 
 
3.1 Abstract 
 
The invasion of malignant cells into tissue is a critical step in the progression of 
cancer. While it is increasingly appreciated that cells within a tumor differ in their 
invasive potential, it remains nearly unknown how these differences relate to cell-to-
cell variations in protein expression. Here, we introduce a microfluidic platform that 
integrates measurements of invasive motility and protein expression for single cells, 
which we use to scrutinize human glioblastoma tumor-initiating cells (TICs). Our live-
cell imaging microdevice is comprised of polyacrylamide microchannels that exhibits 
tissue-like stiffness and present chemokine gradients along each channel. Due to 
intrinsic differences in motility, cell subpopulations separate along the channel axis. 
The separated cells are then lysed in-situ and each single-cell lysate is subjected to 
western blotting in the surrounding polyacrylamide matrix. We observe correlations 
between motility and Nestin and EphA2 expression. We identify protein-protein 
correlations within single TICs, which would be obscured with population-based 
assays. The integration of motility traits with single-cell protein analysis – on the 
same cell – offers a new means to identify druggable targets of invasive capacity. 
 
3.2 Introduction 

 
Solid tumors consist of cell subpopulations that differ widely in gene and protein 
expression, tumor-forming ability, chemoresistance, and invasive capacity. (227,228) 
Over the past decade, this notion has been formalized into the cancer stem cell 
(a.k.a. tumor-initiating cell) paradigm, which argues that tumor initiation, progression, 
and metastasis are driven by a rare cell cohort whose properties are masked by 
population measurements.(229,230) Consequently, such population-based 
measurements can obscure the understanding of cancer development, progression, 
and response to treatment. An important hallmark of cancer progression is the 
invasion of tumor cells into the surrounding tissue and, in some cases, metastasis to 
distant sites.(231,232) However, little is definitively known about how the invasive 
phenotype (or potential) relates to protein expression within a single cell.(231,233) 
 
The precision afforded by microfluidics tools allows the scrutiny of tumor invasion 
potential with more nuanced and higher-dimensionality descriptors than population-
based assays.(230,234–237) However, the vast majority of these approaches have 
focused entirely on the functional characterization of single-cell motility, with few 
efforts to connect single-cell migration with specific marker expression.(230,236) In 
one such study, cell speed was measured within one microfluidic channel device 
while expression of motility-relevant mRNAs for the same cell was subsequently 
measured using molecular beacons in a separate device.(230) However, mRNA 
levels are neither fully predictive of protein expression nor capable of reporting 
protein signaling events that occur after translation.(238) 
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For in situ protein quantification, the de facto standard is immunocytochemistry 
(ICC). While useful, quantification of protein levels using ICC suffers from fixation 
artifacts (limiting specificity), background antibody cross-reactivity (impacting 
multiplexing and increasing background signal), and the challenge of accurately 
measuring total fluorescence intensity from a cell volume.(239,240) On the other 
hand, standard slab western blot allows much improved protein quantification but 
requires pooled populations of cells and is therefore unsuitable for single-cell 
analysis. To achieve the best of both approaches, the Herr Laboratory has recently 
developed the single cell western blot (scWB) assay, which can quantify protein 
levels in ~103 separate cells within 4 hours, with a lower limit of detection of ~27,000 
copies of a protein.(241) We have successfully used this assay to investigate 
heterogeneity in cell signaling, differentiation and chemotherapeutic resistance in 
specific cell lines.(241-244) In addition to acting as both a molecular sieve and 
blotting membrane, the polyacrylamide (PA) gel used to create the scWB has the 
potential to be micropatterned with features that integrate important, complementary 
cellular measurements, including single-cell resolution motility assays. 
 
Here, we describe an integrated microfluidic device that combines the scWB assay 
with live-cell imaging of invasive cell motility (Fig. 1), which we term SCAMPR 
(Single Cell Analysis of Motility and Proteotype). In this platform, cells are induced to 
chemotactically migrate along microchannels and imaged to capture instantaneous 
and time-averaged cellular migratory properties (i.e., speed, persistence and aspect 
ratio) for later quantification. Each cell is then lysed in situ, with the lysate 
electrophoresed through the wall of the channel and size-separated due to 
molecular sieving through the PA gel, photoimmobilized to the PA gel (via light-
activated benzophenone methacrylamide co-monomer)(244), and then 
immunoprobed to quantify candidate proteins. Using the SCAMPR platform, we first 
separate cell populations with known differences in motility. We then investigate the 
correlation of protein levels with migratory behavior in primary glioblastoma tumor-
initiating cell (GBM TIC) culture. SCAMPR represents an important step towards the 
identification of tumor-specific proteomic predictors of invasive motility, relevant to 
questions spanning basic discovery to precision medicine. 
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Figure 1. SCAMPR assay correlates cell migratory phenotype and protein 
expression. Microfluidic integration supports a Single-Cell Analysis of Motility and 
Proteotype (SCAMPR) assay. A heterogeneous population of primary cells is first 
dissociated into a single-cell suspension. The cells are then seeded into the 
SCAMPR device and tracked as each cell chemotactically migrates through the 
channels under a chemokine gradient, which reports motility and motility-related 
parameters, persistence and average aspect ratio. Immediately following the live-cell 
tracking, cells are immobilized in an agarose layer and the scWB is run in order to 
measure protein expression on each tracked cells. Motility and proteotype 
information from single cells is then correlated to associate proteomic markers with 
invasive motility properties. 
 
3.3 Results 
 
3.3.1 Design and operation of the SCAMPR device  
 
We designed, fabricated, and validated a microdevice that measures both (i) cellular 
migration parameters and (ii) protein expression for individual cells within a 
population of cells. To make these dual measurements on the same cell, the 
SCAMPR platform comprises a planar polyacrylamide microfluidic device housing 
microtrenches that are enclosed to form microchannels using a polydimethylsiloxane 
(PDMS) lid. The assay completes in three stages. In the first assay stage, the device 
presents mechanical and chemical cues to migrating tumor cells in microfluidic 
channels. Intrinsic cell-to-cell differences in motility spatially resolve cells within the 
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channels.  In the second assay stage, we replace the PDMS lid with an agarose 
layer to both immobilize the separated cells and to minimize lysate loss (by 
convection) during in-channel chemical lysis.  Finally, in the third assay stage, the 
device supports a single-cell western blot (scWB) in the surrounding PA gel, yielding 
proteotypic information for each cell. By combining these three assay stages, 
migratory parameters such as speed, persistence, and cell aspect ratio are 
correlated with protein expression to link the invasive motility phenotype to 
proteotype for an individual cell. 
 
To fabricate the SCAMPR device, microtrenches were first cast in a PA gel and then 
enclosed using a PDMS lid to form microchannels (Supplementary Fig. 1a). The PA 
gel presents a stiffness within the range of vascular basement membrane (30 kPa as 
measured by AFM)(255) and also functions as the protein sieving matrix during 
subsequent electrophoretic analysis of each single-cell lysate. Along the axis of each 
microchannel, we create a chemokine concentration gradient using a source-sink 
design.(235) The PDMS lid facilitates long-term live-cell imaging, which is aided by 
the fact that PDMS is optically clear, non-cytotoxic, and supports gas exchange with 
the ambient environment.(256) To integrate the motility assay with the scWB assay, 
we transiently sealed the PDMS lid to the PA gel using a vacuum pulse, allowing for 
lid delamination prior to subsequent scWB steps (Supplementary Fig. 1b). 

 
3.3.2 SCAMPR Stage 1: Chemokine gradient for cell separation 
 
We first sought to characterize the chemokine gradient in the SCAMPR device. 
Chemotactic motility is an important feature of tumor invasion in vivo, and the 
chemotactic machinery is being actively explored as a source of new drug targets in 
cancer.(257–259) To create stable chemokine gradients in the SCAMPR device, we 
implemented a source-sink design.(235) We characterized the linearity and 
reproducibility of the chemokine gradients using FITC-dextran as a surrogate for 
stromal cell-derived factor 1 (SDF-1), which is known to drive GBM invasion in 
vivo.(260,261) We introduced 30 µl of PBS containing 10 µg/ml 10 kDa FITC-
Dextran in the inlet port in one gradient-generating channel and 30 µl of PBS in the 
inlet port of the opposing channel. By replacing each solution every two hours and 
imaging the device every hour, we observed a relatively stable linear average 
concentration gradient over a 10 hr period (R2=0.996; coefficient of variation (CV) = 
14.6%, n=33 curves from 3 devices) (Fig. 2a). We also observed relatively 
consistent performance in gradient generation and maintenance across multiple 
devices (average intra-device CV=10.8% with a standard deviation of 8.6%, n=3; 
intra-device CV calculated from the gradients during the 10 hr period) 
(Supplementary Fig. 2). 
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Figure 2. SDF-1 chemokine gradient resolves two cell lines with known differences 
in motility.a) Time-averaged FITC-Dextran fluorescence signal in the SCAMPR 
device. Linear regression of average gradient shows a slope of -0.00166 RFU/µm 
and a R2 value of 0.996. The average gradient curve is calculated from 33 gradients 
from 3 separate devices. Error bars represent standard deviation calculated from 33 
gradients from 3 separate devices. RFU: relative fluorescence unit. b) Migration-
induced separation of a mixed population of labeled Control and DN Rac1 cell lines. 
Empty Vector: 43 cells from 3 independent experiments; DN Rac1: 23 cells from 3 
independent experiments. 
 
Next, we tested the ability of an SDF-1 gradient to separate two labeled cell 
populations with known population-level differences in motility. We utilized U373MG 
human glioma cells stably transduced with a dominant negative mutant of Rac1 (DN 
Rac1) and a matched line transduced with a non-coding empty vector (Empty 
Vector). Rac1 plays a role in lamellipodial protrusion and contributes strongly to 
invasion and metastasis,(262) and depletion of Rac1 or overexpression of a 
dominant negative Rac1 mutant has been reported to reduce glioma cell 
invasiveness and survival.(262) We first verified that the Empty Vector and DN Rac1 
cell lines exhibit the expected population-level differences in motility with Empty 
Vector cells migrating significantly faster than the DN Rac1 cells on a fibronectin 
coated glass surface (Supplementary Fig. 3, Welch’s t-test, p<0.0001, n=33 and 23 
for Empty Vector and DN Rac1, respectively). 
 
We then loaded DN Rac1 and Empty Vector cells with CMPTX and CMFDA 
CellTracker dye respectively, mixed the two cell populations in an equal ratio, and 
introduced them into our device. After 10 hours, the fastest Empty Vector cell 
migrated 380 µm into the microchannel compared to 200 µm for the fastest DN Rac1 
cell (Fig. 2b). Furthermore, we observed twelve Empty Vector cells that are highly 
migratory in the microchannels compared to the entire DN Rac1 population (n=23 
cells). Thus, we are able to utilize the SCAMPR assay to resolve subpopulations of 
cells according to chemotactic motility. 
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3.3.3 SCAMPR Stage 2: Cell immobilization and lysis 
 
We then sought to incorporate scWB measurements into our chemotactic migration 
platform. The major hurdle in performing the three-stage SCAMPR assay in an 
open-microchannel format is protein dilution during cell lysis due to rapid convective 
loss of lysate. We reasoned that we could limit this loss by physically encasing the 
cells within a buffer-permeable solid matrix prior to electrophoresis.  For this 
purpose, we chose agarose, which transitions from a molten liquid to a solid gel 
upon cooling and decreases the diffusivity of proteins when compared to free 
solution.(263) To introduce the agarose layer, we first removed the PDMS lid and 
covered the device with molten agarose. After the agarose solidified, lysis buffer (12 
mM Tris/96 mM glycine pH 8.3 buffer containing 0.5% sodium dodecyl sulfate 
(SDS), 0.1% v/v Triton X-100, and 0.25% sodium deoxycholate) was applied to the 
agarose, thus chemically lysing the now-immobilized cells. 
 
To understand the impact of the agarose encapsulating layer on lysate retention, we 
loaded cells with a fluorescent cytoplasmic protein labeling dye, chemically lysed the 
cells within the microchannels, and tracked lysate fluorescence over time (Fig. 3a). 
We characterized lysate dilution using total integrated signal intensity and signal 
width (w = 4σ; with σ extracted from a Gaussian fit). We observed a 72% increase in 
total integrated signal intensity in the agarose layer condition compared to the open 
channel condition (n=3 cells for both conditions) at the 15 s time-point, which 
represents our optimized lysis time for GBM TICs (Fig. 3b). Furthermore, at the 15 s 
time-point, we observed an 84% reduction in signal peak width in the agarose 
condition relative to the open condition, which improves the likelihood of achieving 
single-cell resolution during electrophoresis and blotting by preventing cellular lysate 
from neighboring cells from mixing (Fig. 3c, 3d). Thus, agarose-encapsulated 
microchannels mitigate single-cell lysate dilution more effectively than open 
microchannels, thereby facilitating the subsequent scWB. 
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Figure 3. Agarose cell-encapsulation reduces dilution of single-cell lysates. a) 
Representative images of fluorescently labeled GBM TICs during in-microchannel 
lysis with (Agarose) and without (Open) an agarose encapsulating layer. TICs were 
labeled with CMFDA Cell Tracker dye. Lines indicate the edges of the microchannel. 
Scale bar = 10 µm. b) Time course of the total integrated fluorescence signal from 
labeled GBM TICs lysed in the Open and with Agarose conditions.  At the start of 
electrophoresis (indicated by the red line), the agarose lid improved lysate retention 
by 72% relative to the open condition. Error bars represent standard deviation 
calculated from 3 independent experiments. c) Representative fluorescence trace 
(black) of a cell at the beginning of lysis (0 s) and the corresponding Gaussian fit line 
(blue) with the σ value shown. The dashed line in the insert denotes the axis of the 
fluorescent trace. d) Time course of the normalized peak width quantified from the 
fitted Gaussian curve of the fluorescence intensity. At the start of the electrophoresis 
at 15 s, the agarose condition shows an 84% decrease in peak width compared to 
the open condition. Error bars represent standard deviation calculated from 3 
independent experiments.  

 
3.3.4 SCAMPR Stage 3: Integration of scWB 
 
Having tracked cell motility and controlled cell lysis in the SCAMPR device, we then 
applied the SCAMPR device to scrutinize a population of classical subtype GBM 
TICs derived from a patient tumor. TICs are a stem-like subpopulation of GBM cells 
that drives tumor growth and recurrence, therapeutic resistance, and, of most 
relevance to the studies reported here, invasion and seeding of secondary tumors in 
vivo.(254)   
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We first analyzed two motility-relevant parameters of GBM TICs in the SCAMPR 
device: persistence, and average cell aspect ratio. We defined persistence as the 
net displacement of the cell divided by the total path length travelled during a set 
interval. Previous studies on 2D substrates have shown a positive correlation of 
these two parameters with cell speed.(264,265) We first observed a mean TIC 
speed of 81 µm/hr (minimum speed of 7.4 µm/hr, maximum speed of 170 µm/hr, 
n=68 cells, n=9 devices) in the SCAMPR microchannels, which is faster than 
previously reported values of this TIC line on 2D PA substrates (Fig. 4a).(254) 
Throughout the time-lapse, we did not observe any cells transitioning to a persisting, 
rounded morphology, which is an early indication of cell death. We then applied 
Spearman’s rank-order correlation to investigate if persistence and average cell 
aspect ratio correlated with TIC speed in the SCAMPR device. Although we 
observed the expected positive correlation of persistence and speed (Spearman’s 
rank r=0.676, p<0.0001, n=64 cells) (Fig. 4b), we did not observe a similar trend with 
aspect ratio and speed (Spearman’s rank r=-0.133, p=0.430, n=37 cells) (Fig. 4c), 
which may result in part from our use of 2D projections to quantify 3D objects. 
Additionally, we observed the same trends when we ranked the parameters 
(persistence, aspect ratio) and correlated the ranks of these parameters with the 
rank of the cell speed for each individual TIC (Spearman’s rank rPersistence=0.664, 
p<0.0001, n=64; rAspect Ratio=-0.134, p=0.430, n=37 cells) (Supplementary Fig. 4). 
 

Figure 4. Persistence, but not aspect ratio, is correlated with TIC speed in the 
SCAMPR device. a) Dot plot showing the individual TIC speeds across 9 devices. 
Each point represents a single cell, with a global maximum TIC speed of ~170 µm/hr 
and a global minimum of 7.4 µm/hr. Lines represent the mean TIC speed per device. 
Scatter plots reveal that the TIC persistence (b), but not average aspect ratio (c) is 
significantly correlated with TIC speed (Spearman’s rank rPersistence=0.676, p<0.0001, 
n=68 cells; rAspect Ratio=-0.134, p=0.430, n=37 cells). 

 
We then screened The Cancer Genome Atlas (TCGA) dataset for specific markers 
relevant to TIC function and upregulated in GBMs relative to normal brain. We 
analyzed the RNA expression levels of Nestin, EphA2, STAT3, and β-tubulin in the 
classical subtype of GBM tumors. Nestin, EphA2, and STAT3 have been previously 
shown to be essential for the survival and tumorigenicity of GBM cells. (266–272) In 
addition to being a TIC marker, EphA2 has been shown to promote invasiveness 
and correlate with tumor stage and progression.(267) Similarly, STAT3 has been 
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shown to regulate TIC growth and self-renewal, and downregulation of STAT3 leads 
to decreased motility and invasion.(269,270) β-tubulin is an important component of 
the microtubule network, which is a common target in chemotherapy (e.g. 
paclitaxel).(271,272)  
 
Our TCGA analysis revealed that all four of these markers are significantly 
upregulated in GBM tissue relative to normal brain (Mann-Whitney Test, p<0.001 for 
all 4 markers, Nestin: n=11, 54 for normal brain and GBM, respectively; STAT3: 
n=11, 54 for normal brain and GBM, respectively; EphA2: n=11, 54 for normal brain 
and GBM, respectively; β-tubulin: n=10, 53 for normal brain and GBM, respectively) 
(Supplementary Fig. 5). Further analysis of the TCGA data set for marker 
correlations revealed significant correlations only between EphA2 and Nestin and 
between STAT3 and β-tubulin RNA expression (Spearman’s rank rEphA2-Nestin=0.395, 
p=0.004, n=52 tumors; rSTAT3-Nestin=-0.062, p=0.661, n=52 tumors; rβ-tubulin-

Nestin=0.220, p=0.113, n=53 tumors; rEphA2-STAT3=-0.019, p=0.894, n=53 tumors; rβ-

tubulin-STAT3=0.303, p=0.027, n=53 tumors; rβ-tubulin-EphA2=0.006, p=0.961, n=53 tumors) 
(Supplementary Fig. 6). Furthermore, we observed the same significant correlations 
when we ranked and correlated the RNA expression levels for each marker 
(Spearman’s rank rEphA2-Nestin=0.398, p=0.004, n=52 tumors; rSTAT3-Nestin=-0.142, 
p=0.317, n=52 tumors; rβ-tubulin-Nestin=0.219, p=0.116, n=53 tumors; rEphA2-STAT3=-
0.019, p=0.894, n=53 tumors; rβ-tubulin-STAT3=0.303, p=0.028, n=53 tumors; rβ-tubulin-

EphA2=-0.005, p=0.974, n=53 tumors) (Supplementary Fig. 7). 
 
The TCGA correlations are based on population-level analysis of patient biopsies 
and do not account for cell-to-cell differences in marker expression, which has been 
shown to contribute strongly to disease progression and therapeutic response.(276–
279) We therefore applied our SCAMPR assay to ask whether these marker 
correlations, on the protein level, persist within individual GBM TICs.  
 
To measure single-cell protein expression, we utilized the third stage of the 
SCAMPR assay, the scWB. After lysis of the agarose-immobilized cells, an electric 
field is applied and the single-cell lysate electromigrates into the surrounding PA gel, 
where the proteins are sized by electrophoretic mobility. A brief pulse of UV light is 
applied to the SCAMPR device and the proteins in the PA gel slab are covalently 
immobilized to benzophenone methacrylamide incorporated in the PA gel. The 
bound proteins are then probed with primary target-specific antibodies and 
fluorescent secondary antibodies to allow for visualization and quantification. Since 
we visualize the location of single cells within the device, we normalize protein 
expression on a per cell basis (Fig. 5a).  
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Figure 5. SCAMPR assay reveals novel protein expression correlations in GBM 
TICs. a) Representative fluorescence micrographs and intensity plots from the 
SCAMPR assay of GBM TICs. Arrows indicate peak location. Scale bars 
represent 100 µm. b) Biaxial scatter plots report protein expression for all markers 
for each GBM TICs from low, medium and high motility TIC subpopulations. 
Motility subpopulations were created based on three equally sized intervals of 
speed ranging from 0 µm/hr to 170 µm/hr (maximum observed TIC speed). TICs 
were binned into motility subpopulations based on magnitude of speed (Low 
Motility: 0-56.6 µm/hr, Medium Motility: 56.6-113.3 µm/hr, High Motility: 113.3-170 
µm/hr). Blue, green and red points represent low, medium and high motility 
subpopulations, respectively. 
 
In contrast to the TCGA correlation results, the SCAMPR assay reported a 
significant correlation between β-tubulin with Nestin (Spearman’s rank r=0.503, 
p=0.002, n=34 cells). STAT3 seemed to have a strong correlation with both β-tubulin 
and Nestin, with the p-values being close to statistically significant (rSTAT3-β-
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tubulin=0.361, p=0.0545, n=29 cells; rSTAT3-Nestin=0.293, p=0.056, n=43 cells). That is, 
the three proteins Nestin, STAT3, and β-tubulin have relatively high pairwise 
correlations between each other. EphA2, however, was reported to have weak or no 
correlations with those three proteins (Spearman’s rank rEphA2-Nestin=0.352, p=0.118, 
n=21 cells; rEphA2-STAT3=0.269, p=0.265, n=19 cells; rEphA2-β-tubulin=0.453, p=0.069, 
n=17 cells) (Fig. 5b). Similarly, ranking and correlating the SCAMPR protein 
expression values revealed the same trends (Spearman’s rank rEphA2-Nestin=-0.352, 
p=0.118, n=21 cells; rSTAT3-Nestin=0.295, p=0.055, n=43 cells; rβ-tubulin-Nestin=0.503, 
p=0.002, n=34 cells; rEphA2-STAT3=0.263, p=0.276, n=19 cells; rβ-tubulin-STAT3=0.362, 
n=0.054, n=29 cells; rβ-tubulin-EphA2=0.453, n=0.069, n=17 cells) (Supplementary Fig. 
8). 
 
Furthermore, the multiparametric assay allows correlation of motility with protein 
expression for each individual cell studied. To contextualize protein expression 
variation with respect to motility, we classified TICs into one of three motility 
categories (Low Motility: 0-56.6 µm/hr, Medium Motility: 56.6-113.3 µm/hr, High 
Motility: 113.3-170 µm/hr) with motility categories defined based on three equally 
sized intervals of speed ranging from 0 to 170 µm/hr (maximum TIC speed). We 
compared the variance in Nestin, STAT3, EphA2, and β-tubulin expression for each 
motility category (Fig. 5b). We observed a difference in the variation of β-tubulin 
expression among different motility subpopulations but not the other three markers 
across the motility categories (Brown-Forsythe’s test, p=0.037, n=11, 15, 8 cells for 
Low, Medium, and High Motility subpopulations, respectively).  
 
3.3.5 Linking Motility to Protein Expression 
 
The results above suggest that while multiple proteins are overexpressed in invasive 
tumors at the population level, only a subset of these proteins is associated with the 
propensity of individual TICs to invade.  Because such proteins could conceivably 
serve as novel druggable targets to slow invasion, we sought to identify single 
protein that correlate with high invasive motility in GBM TICs. Previous studies 
suggest that Nestin regulates tumor growth and invasion at the population 
level.(266) Therefore, we hypothesized that endogenously expressed Nestin and 
motility would be correlated in individual GBM TICs.  
 
We performed the three-stage SCAMPR assay on the TICs and observed a positive 
correlation between Nestin expression and cell speed, which is consistent with 
literature observations (Spearman’s rank r=0.381, p=0.001, n=68 cells) (Fig. 
6a).(280,281) We also observed a similar positive correlation when comparing the 
rank of Nestin expression and the rank of cell speed (Spearman’s rank r=0.383, 
p=0.001, n=68 cells) (Supplementary Fig. 9a). Interestingly, parallel ICC assays in 
which we fixed, permeabilized, and immunostained TICs after removing the PDMS 
lid but before adding agarose did not reveal a significant correlation between Nestin 
expression and cell speed (Spearman’s rank r=0.053, p=0.696, n=56 cells) 
(Supplementary Fig. 10). We hypothesize that difference in SCAMPR and ICC 
results could be due to the previously mentioned shortcomings (fixation artifacts, 
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antibody cross-reactivity, and quantifying total fluorescence in 3D) with ICC, which 
may prevent the detection of subtle trends in protein expression. 

 
Figure 6. SCAMPR assay reveals Nestin and EphA2 correlate with TIC speed. 
Scatter plots of individual TICs show that (a) Nestin and (b) EphA2 are positively 
correlated with TIC speed (Spearman’s rank rNestin=0.381, p=0.001, n=68 cells; 
rEphA2=0.451, p=0.040, n=21 cells). However, (c) STAT3 and (d) β-tubulin are not 
correlated with TIC speed (Spearman’s rank rSTAT3=0.030, p=0.848, n=43 cells; rβ-

tubulin=-0.002, p=0.990, n=34 cells). 
 
As previously mentioned, multiplexed protein detection is supported by the SCAMPR 
device, which compares expression of multiple proteins within the same cell. Protein 
multiplexing is useful when assessing correlation between marker expression and 
cell motility characteristics. Given the roles of EphA2, STAT3, and β-tubulin in TIC 
invasion, we next sought to understand the relationship between these markers and 
TIC motility. We observed a positive correlation of EphA2 and cell speed 
(Spearman’s rank r=0.451, p=0.040, n=21 cells), thus corroborating other studies 
that have shown EphA2 expression levels alone, not activation levels, can drive TIC 
behaviors including growth and self-renewal (Fig. 6b).(267) We further validated the 
EphA2 correlation by sorting the TICs into low and high EphA2 expression level 
subpopulations, seeding both subpopulations into separate SCAMPR devices, and 
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quantifying the single-cell motilities of each subpopulation in the SCAMPR device. 
As expected, we observed a significantly higher average motility in the high EphA2 
expression subpopulation compared to the low EphA2 expression subpopulation 
(Mann-Whitney test, p<0.0001, n=18,24 for the low and high EphA2 subpopulations, 
respectively) (Supplementary Fig. 11) 
 
On the other hand, SCAMPR did not detect a correlation between STAT3 or β-
tubulin and cell speed (Spearman’s rank rSTAT3=0.030, p=0.848, n=43 cells; rβ-tubulin=-
0.002, p=0.990, n=34 cells) (Fig. 6c, 6d). The lack of a correlation for STAT3 reflects 
the results of other studies that have shown that the phosphorylation, not the 
expression, of STAT3 is necessary to activate downstream pathways and dictate 
cellular phenotypes.(268) We also observed the same trends when we correlated 
the ranks of these three proteins with the rank of cell speed (Spearman’s rank 
rEphA2=0.451, p=0.040, n=21 cells; rSTAT3=0.031, p=0.0842, n=43 cells; rβ-tubulin=-
0.001, p=0.997, n=34 cells) (Supplementary Fig. 9b, 9c, 9d) 
 
3.3.6 Joint Analysis of SCAMPR Metrics 
 
Having scrutinized protein-protein and protein-motility correlations, we performed 
joint analysis of TIC phenotypes and proteotypes. We first generated single-cell 
proteotypic profiles using the multiplexed SCAMPR assay (Nestin, STAT3, EphA2, 
β-Tubulin). Then, by mapping the motility information onto the proteotypic profiles, 
we identified proteotype profiles that describe low or high motility TICs (Fig. 7a). We 
then performed canonical correlation analysis (CCA) on the phenotypic variables 
(speed, persistence, and aspect ratio) and a log2 transformation of protein 
expression values. CCA provides a useful way to relate two sets of variables (e.g., 
phenotypes and proteins) and see what is common amongst the two sets; it finds 
linear combinations of the variables of each set which have maximum correlation 
with each other. We utilized the log2 transformation of the protein expression values 
to bring the magnitude of the protein expression values closer to the phenotypic 
values. CCA and post-hoc Pearson’s correlation showed that Nestin positively 
correlates with speed and persistence, with speed being more relevant than 
persistence to the first canonical component of the phenotype variables (1st 
Canonical Correlation r=0.48, p<0.05) (Supplementary Fig. 12). By further utilizing 
the multiplexing capability of the SCAMPR device and probing for more targets, we 
would increase the accuracy of the invasive proteotypic profiles. 
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Figure 7. SCAMPR assay allows for joint multivariable analysis of phenotype and 
proteotype. a) Relative expression levels of Nestin, EphA2, STAT3, and β-tubulin in 
single GBM TICs with respect to cell speed. Only the subset of TICs with 
quantifiable expression levels for all four proteins is displayed in this plot. Protein 
expression in each TIC is normalized to the strongest signal for each protein. Within 
each row, tile color corresponds to relative expression level with black being the 
lowest and white being the highest. Each column represents the proteotype for one 
TIC and the TICs are organized in increasing cell speed order. b) Representative 
cell trajectories of single TICs expressing either low or high Nestin or EphA2. High 
and Low expression levels represent the top 50% and bottom 50% expression level 
for each respective protein. 
 
Additionally, since we have the TIC position data (used to calculate motility), we then 
investigated the relationship between protein expression and TIC total path length 
(Fig. 7b). We plotted representative paths for TICs with low or high expression of 
Nestin or EphA2, which both correlated with motility. We first observed that the TICs 
in the high Nestin/high EphA2 quadrant show longer path lengths than the TICs in 
the low Nestin/low EphA2 quadrant, which is consistent with the previously observed 
protein-motility correlations. We also observed that TICs in the other quadrants (Low 
Nestin/High EphA2, High Nestin/Low EphA2) displayed varied trajectory lengths. 
This result highlights the heterogeneity in motility behavior for TICs, even in specific 
subpopulations defined by expression levels for two different proteins. 

 
3.4 Discussion 
 
The invasion of individual tumor cells into tissue is a defining feature of cancer. 
However, it is unclear how the expression of specific proteins drives or predicts the 
invasive phenotype of single tumor cells. While single-cell RNA sequencing is 
beginning to lend important insight into cell-to-cell variations in gene expression 
within tumors (282), the bulk of our current knowledge is based on population 
analyses such as RNA sequencing and western blotting. Perhaps even more 
importantly, contemporary single-cell approaches do not readily allow for cell-by-cell 
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correlation of proteotype with phenotype. Here, we have developed an integrated 
microfluidic device (SCAMPR) to correlate phenotypic information with multiple 
protein expression levels from the same single cell. Using the SCAMPR device, we 
first discovered a correlation of Nestin and β-tubulin within our GBM TIC line, which 
could not have been deduced from inter-tumor data sets. We further discovered that 
while Nestin and EphA2 expression positively correlate with migration speed, STAT3 
and β-tubulin expression show no correlation with cellular migration speed. These 
results highlight the unique ability of the SCAMPR device in identifying correlations 
within a single patient-derived cell line, which offers an eventual route for precision 
medicine based on patient-specific identification of proteins that slow invasion in 
tissue-like microenvironments. Furthermore, our results represent some of the first 
single-cell protein expression studies in TICs that correlate protein expression with 
phenotypic traits. 
 
Our approach has the potential to address a number of important gaps left by the 
TCGA and other large-scale data sets. For example, these data sets do not, in 
general, permit analysis of protein cross-correlations within a single tumor cell. 
Utilizing our platform, we discovered that, within a GBM TIC population, βGBM TIC  
expression correlates with Nestin expression, a prognostic marker of tumor 
malignancy.(271) This observation suggests that a similar analysis will lead to the 
identification of other important but yet undiscovered targets. Additionally, by 
investigating a wide range of targets, we can identify multiple, correlated proteins 
and, in turn, key signaling networks that can be targeted as a unit. The observation 
of this correlation highlights the importance of single-cell technologies, such as our 
platform, in complementing existing large-scale data sets, such as the TCGA. 
 
Similarly, correlation of cell phenotype and proteotype at a single-cell level validates 
and complements results from population-based assays. Specifically, in GBM TICs, 
we identified that Nestin and EphA2 expression positively correlate with cell speed, 
which agrees with previously published results.(266,283) At the same time, by 
utilizing the multiplexing capability of the platform, we also observed that Nestin and 
EphA2 expression levels do not correlate with each other. Taken together, these two 
results suggest that, even within a single population, there are multiple proteotypic 
profiles that describe highly motile GBM TICs. Therefore, when considering potential 
therapies, one would need to target both Nestin and EphA2, not only one of the 
targets, to limit the highly motile subpopulation. 
 
Since our platform identified Nestin and EphA2 as positive predictors of TIC motility, 
analysis of a panel of GBM lines from different subtypes is an intriguing future 
direction. These studies could determine whether Nestin and EphA2 serve as 
universal GBM TIC motility predictors or if these two proteins are a subtype or tumor 
specific phenomenon. Additionally, the investigation of additional proteins and 
phospho-proteins would be valuable in both detecting novel intra-tumor protein 
correlations and discovering more specific proteotype profiles to describe highly 
motile cells.  
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While we have focused on GBM invasive motility, the SCAMPR device could be 
used to study the invasion process in other cancer types.(243) The SCAMPR device 
could also be modified to incorporate physical features of the tumor 
microenvironment, such as three-dimensional matrices. In addition to lending new 
fundamental insight into the cellular basis of motility, invasion, and metastasis, such 
devices could also serve s the basis for discovery and screening platforms, 
analogous to tissue-on-chip systems.(284)  
 
3.5 Conclusions 
 
We have introduced a microfluidic platform that integrates measurements of invasive 
motility and protein expression with single-cell resolution. We use this platform to 
identify and validate proteins that correlate with invasive motility in primary GBM 
tumor-initiating cells, which is significant step forward in elucidating markers that 
predict cell-to-cell differences in GBM invasive potential. We envision that this 
technology will prove valuable for the identification of proteins that regulate invasion, 
thereby establishing a platform for future diagnostic and precision medicine 
technologies.  
 
3.6 Materials and Methods 
 
Antibodies 
 
Antibodies employed for the migratory scWB study include rabbit anti-
EphA2(245,246) (1:10, 6997S, Cell Signaling, with anti-rabbit secondary antibody 
conjugated with Alexa-Fluor 647), mouse anti-STAT3(247,248) (1:10, 9139S, Cell 
Signaling, with anti-mouse secondary antibody conjugated with Alexa-Fluor 488), 
mouse anti-Nestin(249,250) (1:10, MAB5326, EMD-Millipore, with anti-mouse 
secondary antibody conjugated with Alexa-Fluor 488), rabbit anti-β-tubulin(243,251) 
(1:10, ab6046, Abcam, with anti-rabbit secondary antibody conjugated with Alexa-
Fluor 647). 
 
Cell Culture  
 
U373 Empty Vector and U373 DN Rac1 cell lines were maintained at 37°C in a 5% 
CO2 humidified chamber and cultured in high glucose DMEM (Life Technologies) 
supplemented with 10% calf serum (JR Scientific), 100 U/ml penicillin, 100 µg/ml 
streptomycin, 1x MEM non-essential amino acids, and 1mM sodium pyruvate (Life 
Technologies). To induce gene expression, 25 ng/ml doxycycline was added to the 
cell culture medium 48 hours prior to any experiments. As a technical note, we used 
U373MG cells from the American Type Culture Collection (ATCC). U373MG cells 
have recently been recognized to be a subclone of the human glioblastoma line 
U251MG, with the two lines having subsequently diverged to exhibit differential drug 
sensitivities.(252) Cell lines were authenticated using short tandem repeat analysis 
and tested negative for mycoplasma.  
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Primary GBM TIC line, L0, was collected in a previous study after informed consent 
from male patients who underwent surgical treatment and Institutional Review Board 
approval.(27) The TIC neurospheres were propagated in neurosphere assay growth 
conditions with serum-free medium (Neurocult NS-A Proliferation kit, Stem Cell 
Technologies) supplemented with epidermal growth factor (20 ng/mL, R&D 
Systems), basic fibroblast growth factor (R&D Systems) and 2 mg/mL heparin 
(Sigma-Aldrich) The gliomaspheres were serially passaged every 5–7 days, when 
the spheres reached a diameter of ~150 mm. Gliomaspheres were dissociated with 
trypsin/ethylenediaminetetraacetic acid (0.05%) (Gibco) for 2 min and then replated 
in fresh media with the addition of epidermal growth factor, basic fibroblast growth 
factor, and heparin. 
 
Polyacrylamide Gel Layer Silicon Wafer Fabrication 
 
The PA gel layer silicon master was fabricated in a two-step process using standard 
lithography techniques (Fig. S1). The silicon wafer was first pre-cleaned with piranha 
solution (3:1 sulfuric acid to hydrogen peroxide), washed with water, and briefly 
baked to remove any residual water. A 15 µm layer of SU-8 2010 (Microchem, 
Boston, MA) was spin-coated onto the wafer and photopatterned with the “migratory 
microchannel photomask”. After the post exposure bake, a 50 µm layer of SU-8 
2025 (Microchem, Boston, MA) was spin-coated onto the existing SU-8 layer and 
photopatterned with the “gradient-generating channel photomask”. After another 
post-exposure bake, the wafer was developed and hard baked. The final wafer was 
coated with dimethyldichloromethylsilane (Sigma-Aldrich) to prevent the PA gel from 
adhering to the wafer. Detailed information on the silicon master fabrication is listed 
in the Supplementary Methods. 
 
Polyacrylamide Gel Layer Fabrication  
 
Using for the protein separations, the PA base gel layer was fabricated as detailed 
previously.(15,18) The PA gel precursor (8%T, 3.3%C acrylamide/bisacrylamide 
(Sigma-Aldrich), 3mM BPMAC (Pharm-Agra Laboratories)) was chemically 
polymerized using 0.08% APS and 0.2% TEMED (Sigma-Aldrich).(16) scWB slides 
were functionalized with sulfo-SANPAH (Thermo Scientific) and then with either 40 
µg/ml fibronectin (Millipore) in PBS (U373) or 100 µg/ml laminin (Invitrogen) in 
serum-free media (GBM TICs). 
 
Polyacrylamide Gel Stiffness Measurements 
 
AFM indentation measurements were performed as described earlier (254) using 
pyramid-tipped probes (OTR4, Bruker AFM Probes) and fitting force curves with a 
modified Hertz model. 
 
PDMS Layer Fabrication 
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Sylgard 184 base and curing agent was mixed in a 10:1 ratio and degassed. The 
resulting solution was degassed and poured into a rectangular mold to a height of 
1.5 mm. The PDMS was then cured at 80°C for 2 hours. After the PDMS was cured, 
rectangular slabs (3 cm (L) x 7.5 cm (W)) were cut out of the mold. 3 mm diameter 
holes that match the inlet and outlet wells on the PA gel were then punch out of the 
PDMS rectangular slab. 
 
SCAMPR Device Fabrication and Seeding 
 
The micropatterned PA gel was first incubated in appropriate medium for at least 1 
hour prior to device fabrication. Following incubation, the gel was removed and the 
excess liquid was aspirated away.  The PDMS lid was gently placed on top of the PA 
gel, with the holes in the PDMS aligned to the inlet and outlet microwell patterns on 
the PA gel. The hybrid PDMS/PA device was then placed under vacuum (200 
mmHg) in a vacuum desiccator (Bel-Art) for 6 minutes to reversibly seal the layers 
together. After the vacuum step, cell culture media was place in both inlet ports and 
allowed to equilibrate in the device. 
 
To seed the device, any excess medium was first aspirated from all four inlet and 
outlet microwells. Then a 30 µl aliquot of cell suspension (1 million cells/ml) was 
added to the top inlet port. Due to the pressure differences, cells flow into and lodge 
at the start of the migratory microchannels. The cells were then allowed to adhere 
prior to chemokine gradient formation and imaging (1 hour for GBM TICs or 2 hours 
for U373s). For the proof of principle cell motility separation study, U373 Control 
cells were loaded with 5 µM CMFDA Cell Tracker dye (Thermo Fisher Scientific) and 
U373 DN Rac1 cells were pre-loaded with 5 µM CMPTX Cell Tracker dye (Thermo 
Fisher Scientific) per the manufacturer’s instructions. 
 
Stage 1 of the SCAMPR Assay  
 
Live-cell imaging was performed using a Nikon Ti-E2000-E2 microscope equipped 
with a motorized, programmable stage (Applied Scientific Instrumentation), an 
incubator chamber to maintain constant temperature, humidity, and CO2 levels (In 
vivo Scientific), a digital camera (Photometrics Coolsnap HG II), and NIS Elements 
(Nikon Instruments Inc.) software. Images were taken at 5 ms exposure, 2x2 pixel 
binning using a 10x-objective (Nikon CFI Plan Fluor DLL 10x). 
 
Stage 2 and 3 of the SCAMPR Assay 
 
The second and third stage of the SCAMPR assay comprises of eight steps: (1) The 
PDMS lid was gently removed; (2) Liquid agarose, 5% w/v in PBS, (Life 
Technologies) at 40°C was poured onto the PA gel layer and allowed to set for 10 
minutes at room temperature; (3) The in situ cell lysis was performed by directly 
pouring the lysis buffer (12 mM Tris/96 mM glycine pH 8.3 buffer (Bio-Rad) 
contained 0.5% SDS (Sigma-Aldrich), 0.1% v/v Triton X-100 (Thermo Fisher), and 
0.25% sodium deoxycholate (Sigma-Aldrich)) over the agarose-covered slide and 
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cell lysis was allowed to proceed for 15 s; (4) Lysate was analyzed via PA gel 
electrophoresis (E=40 V/cm, I=81-95 mA) for 15 s; (5) Protein bands were then 
immobilized by UV activation of the benzophenone. UV light was generated using a 
UV mercury arc lamp (Lightningcure LC5, Hamamatsu) and directed through a 
Lumatec series 380 liquid light guide with inline UV filter (300-380 nm bandpass 
XD1001, Omega Optical) suspended approximately 10 cm above the slide. PA gels 
were exposed for 45 s with UV power at the slide surface of ~40 mW/cm2;  (6) The 
agarose layer was melted away by submerging the agarose covered slide in PBS 
and heating the PBS to 70°C. (7) The SCAMPR slides were probed with primary and 
fluorescent secondary antibodies. Slides were first incubated with a primary antibody 
diluted in TBST (Santa Cruz Biotechnology, sc-281695) supplemented with 2% 
Bovine Serum Albumin (BSA) (A730, Sigma-Aldrich) for 3 hrs. Slides were then 
washed for 30 min in TBST, and then incubated with the appropriate fluorescently 
labeled secondary diluted in TBST supplemented with 2% BSA for 1 hr. Slides were 
washed again for 30 min in TBST and dried under a nitrogen stream; (8) The slides 
were then scanned by a fluorescence microarray scanner (Genepix 4300A, 
Molecular Devices). Nestin expression was measured with 450 PMT gain 100% 
power. STAT3 expression was measured with 450 PMT gain and 100% power. 
EphA2 expression  was measured with 650 PMT gain and 100% power. β-tubulin 
expression was measured with 650 PMT gain and 100% power. All scans had a 
spatial resolution of 5 µm. Detection of Alexa Fluor 488 and Alexa Fluor 647 labeled 
secondary antibodies was performed using 488 nm and 635 nm lasers, respectively. 
Emission filters for the 488 nm spectral channel were from Omega Optical (XF3405) 
and for the 635-nm channel, a built-in far-red emission filter was used. 
 
Measurement of Cell Motility Parameters 
 
Following a previously established protocol(254), we measured GBM TIC motility 
using 10X phase contrast time-lapse images acquired every 15 minutes over a 2-
hour period. ImageJ software (NIH) was used to track the centroid of each cell from 
one frame to another to yield instantaneous migration speeds, which were then 
averaged over the entire time course of the experiment to yield the migration speed 
of a cell. Persistence was calculated by measuring distance between the initial and 
final position and dividing by the total path length. Aspect ratio was calculated by 
dividing the major axis length of the cell by the minor axis length of the cell for each 
frame in the time-lapse and averaging the values for all the frames. 
 
Single Cell Lysis Diffusion Imaging  
 
GBM TICs were first labeled with 5 µM CMFDA dye (Thermo Fisher Scientific) per 
the manufacturer’s instructions. Cells were then seeded into a microwell at the 
terminus of the enclosed SCAMPR devices and allowed to adhere for at least 1 
hour. Next, the PDMS lid was removed and the device was either left in PBS (Open 
condition) or layered with a 100 µm thick 5% w/v agarose lid (Agarose Lid condition) 
(Life Technologies). The device was then placed in a custom lysis chamber with an 
optically transparent bottom to allow for imaging. Lysis buffer was poured over the 
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device and images were taken every 0.5 seconds for 60 seconds. Time-lapse 
imaging was taken using MetaMorph software (Molecular Devices) with a 200 ms 
exposure time, at 1 x 1 pixel binning through a 10x magnification objective (Olympus 
UPlan FLN, NA 045) on an Olympus IX71 inverted fluorescence microscope 
equipped with an camera (Photometrics Coolsnap HQ2), motorized stage (Applied 
Scientific Instrumentation), FITC/GFP filter cube (Omega XF100-3, Ex/Em: 445-
495/505-575nm), and shuttered mercury lamp light source (X-cite, Lumen 
Dynamics).  
 
Immunocytochemistry 
 
After removing the PDMS lid, the SCAMPR slide was washed with PBS and fixed 
with 4% paraformaldehyde (Alfa Aesar) in PBS. Slides were then washed 3 times 
with PBS and then permeabilized for 15 min with 0.5% Triton X-100 in PBS. Slides 
were again washed 3 times with PBS and then blocked for 1 hr with 5% goat serum 
(Thermo Fisher Scientific) in PBS. The blocking buffer was then aspirated off and 
then the slides were incubated with 1:200 mouse anti-human Nestin (Millipore) 
overnight at 4°C in staining buffer (1% goat serum in PBS). After 3 washes of 
staining buffer, the slides were incubated in 1:500 goat anti-mouse IgG, Alexa Fluor 
546 (Thermo Fisher Scientific) and Hoechst 33342 (Thermo Fisher Scientific) in 
staining buffer for 1 hour at room temperature. After the secondary incubation, the 
slides were washed with PBS and stored in PBS prior to imaging.  
 
ICC images were captured using an inverted Nikon Ti-E microscope equipped with a 
motorized stage (Prior Scientific, Inc.), a digital camera (Roper Scientific) and NIS 
Elements (Nikon Instruments, Inc) software. Images were taken with a 500 ms 
exposure time, 1 x 1 pixel binning through a 10x magnification objective (Nikon CFI 
Plan Fluor DLL 10x). A TRITC filter cube (Nikon G-2E/C, Ex/Em: 528-553/590-650 
nm) and DAPI filter cube (Nikon UV-2E/C, Ex/Em: 340-380/435-485 nm) were used 
to detect the Nestin-Alexa Fluor 546 signal and Hoechst stain, respectively. ImageJ 
software (NIH) was used to measure total fluorescence of a cell by creating a region 
of interest around the cell, measuring the total integrated intensity, and then 
subtracting the background total integrated intensity. 
 
Flow Cytometry 
 
TICs were stained with PE anti-EphA2 antibody (356803, Biolegend) according to 
manufacturer’s instructions. TICs were then sorted with a BD Influx cell sorter into 
the top 5% and bottom 5% EphA2 expression level subpopulations. Immediately 
after sorting, the sorted subpopulations were seeded into the SCAMPR device for 
live cell tracking. 
 
Statistical Analysis 
 
All statistical tests except for the Canonical Correlation Analysis and Pearson’s 
correlation were performed in Prism (Prism 7). All Spearman correlations were 
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calculated with two-tailed p-values. Mann-Whitney test and Welch’s t-test was 
calculated with two-tailed p-values. Brown-Forsythe’s test was used to determine 
non-equivalence of variance in marker expression in each motility category. The 
D’Agostino-Pearson omnibus normality test was used to determine normality of 
populations 
 
A custom R script was used to perform the Canonical Correlation Analysis and 
calculate the Pearson's correlation between each of the variables and canonical 
components. We then use a permutation test to determine the p-value for the largest 
canonical correlation. For fixed phenotypes of every cells, the corresponding protein 
expression files are permuted to generate an empirical null distribution for the largest 
canonical correlation between phenotypes and proteins. Under the null hypothesis, 
no strong canonical correlation should be found between phenotypes and proteins. 
 
For all statistical tests, only p values less than 0.05 were considered significant. 
Details of comparisons and replicates are provided in the appropriate figure legends. 
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Appendix II. Supplementary text and figures for Chapter 3 
 
AII.1 Supplementary Methods 
 
Silicon Master Fabrication 
 
After the silicon wafer was pre-cleaned and baked, it was allowed to cool to room 
temperature. A 15 µm layer of SU-8 was created by pouring 7 milliliters of SU-8 
2010 on the wafer and spun at 1600 rpm for 30 s (Brewer Science). The wafer was 
then soft baked on a hot plate (Corning) for 1 min at 65°C and then for 3 min at 
95°C. The wafer was cooled to room temperature and the SU-8 was exposed to 
365-nm UV light at a dose of 140 mJ/cm2 (OAI Series 200 aligner, San Jose, 
California) under the “migratory microchannel photomask”. The wafer was then 
baked for 1 min at 65°C and then for 3 min at 95°C and cooled to room temperature. 
Then, a 50 µm layer of SU-8 was spun on top of the previous SU-8 layer by pouring 
7 milliliters of SU-8 2025 on the existing SU-8 layer and spun at 1500 rpm for 30 s. 
The wafer was then soft baked again for 1 min at 65°C and then for 6 min at 95°C. 
The “gradient-generating channel photomask” was carefully aligned to the previously 
photopatterned migratory microchannels and exposed to UV light at a dose of 160 
mJ/cm2. The wafer was baked again for 1 min at 65°C and then for 6 min at 95°C. 
The patterns were then developed using SU-8 Developer (Microchem, Boston, MA) 
and the wafers were hard baked for 30 min at 150°C. After slowly cooling to room 
temperature, the final wafer was coated with dimethyldichloromethylsilane (Sigma-
Aldrich) using the vapor deposition method. 
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AII.2 Supplementary Figures 
 
 
 
 

 
 
Supplementary Figure 1. SCAMPR Device Design and Fabrication. a) Cross 
section of the SCAMPR device. b) Device fabrication. A 1.5 mm thick layer of 
polydimethylsiloxane (PDMS), with holes punched for cell seeding, is placed on top 
of a micropatterned polyacrylamide (PA) gel.  The PDMS/PA device is then 
subjected to a brief vacuum treatment to “seal” the two layers together. 
 

 
 
Supplementary Figure 2. Fluorescent Intensity Plots of the 10-hour FITC-
Dextran Gradient in 3 separate SCAMPR Devices.(a)-(c) Fluorescence intensity 
curves for each hour of the 10-hour FITC-Dextran gradient for one microchannel in a 
SCAMPR device for three different devices (Coefficient of variation for (a), (b), and 
(c) are 9.40%, 20.0% and 2.98%, respectively). 
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Supplementary Figure 3. DN Rac1 cells are significantly slower than Empty 
Vector cells on a 2D glass substrate. A dot plot of cell speed for Empty Vector and 
the DN Rac1 cell lines shows that the DN Rac1 cells are significantly slower than 
Empty Vector cells (*Welch’s t-test, p<0.0001, t=10, df=41.76). Cells were plated on 
a fibronectin coated 2D glass substrate and motility was measured using time-lapse 
images acquired every 15 minutes over a 6-hour period. The centroid of each cell 
was tracked from one frame to another to yield instantaneous migration speeds, 
which were then averaged over the entire time course of the experiment to yield the 
migration speed of a cell. D’Agostino-Pearson omnibus normality test was used to 
determine normality of the two populations. Using the F test, variances in the two 
populations were determined to be significantly different (F-statistic=8.714, 
p<0.0001, degrees of freedom: (32,22)). n=33 and 23 cells for Empty Vector and 
DN Rac1, respectively.  
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Supplementary Figure 4. The rank of persistence, but not the rank of aspect 
ratio, correlates with the rank of TIC speed in the SCAMPR device. Scatter plots 
reveal that that the rank of TIC persistence (b), but not the rank of aspect ratio (b) 
positively correlates with the rank of TIC speed (Spearman’s rank rPersistence=0.664, 
p<0.0001, n=64 cells; rAspect Ratio=-0.134, p=0.430, n=37 cells). 
 

 
 
Supplementary Figure 5. TCGA analysis reveals elevated RNA expression 
levels of Nestin, STAT3, EphA2 and β-tubulin in classical GBM tissue 
compared to Normal Brain Tissue. (a)-(d) Analysis of mRNA expression in 
Classical GBM and normal brain tissue samples reveal statistically significantly 
higher expression levels of Nestin, STAT3, EphA2, and β-tubulin in GBM samples 
compared to normal brain tissue (Nestin, STAT3, EphA2, β-tubulin: Mann-Whitney 
Test, p<0.001; Nestin: Mann-Whitney U=0, n=11, 54 for normal brain and classical 
GBM, respectively; STAT3: Mann-Whitney U=2, n=11, 54 for normal brain and 
classical GBM, respectively; EphA2: Mann-Whitney U=107, n=11, 54 for normal 
brain and classical GBM, respectively; β-tubulin: Mann-Whitney U=67, n=10, 53 for 
normal brain and classical GBM, respectively). Each point represents one patient 
tumor. 
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Supplementary Figure 6. TCGA analysis reveals positive correlations of RNA 
expression between EphA2 and Nestin as well as between STAT3 and β-
tubulin. Analysis of TCGA data reveals that (a) EphA2, but not (b) STAT3 nor (c) β-
tubulin expression correlates with Nestin expression (Spearman’s rank rEphA2=0.395, 
p=0.004, n=52 tumors; rSTAT3=-0.062, p=0.661, n=52 tumors; rβ-tubulin=0.220, 
p=0.113, n=53 tumors). A similar analysis reveals that STAT3 does not correlate 
with (d) EphA2, but does correlate with (e) β-tubulin (Spearman’s rank rEphA2=-0.019, 
p=0.894, n=53 tumors; rβ-tubulin=0.303, p=0.027, n=53 tumors). f) Scatter plot of 
EphA2 and β-tubulin expression levels show no correlation (Spearman’s rank r=-
0.006, p=0.961, n=53 tumors). Each point represents one patient tumor. 
  



	 79	

 
 
Supplementary Figure 7. Ranking TCGA derived RNA expression values 
shows a correlation between the ranks of EphA2 and Nestin as well as 
between the ranks of STAT3 and β-tubulin. Scatter plots reveal that the rank of 
EphA2 (a), but not the rank of STAT3 nor the rank of β-tubulin TCGA derived RNA 
expression values correlates with the rank of Nestin expression (Spearman’s rank 
rEphA2=0.398, p=0.004, n=52 tumors; rSTAT3=-0.142, p=0.317, n=52 tumors; rβ-

tubulin=0.219, p=0.116, n=53 tumors). A similar analysis reveals that the rank of 
STAT3 expression does not correlate with (d) the rank of EphA2 expression, but 
does correlate with (e) the rank of β-tubulin expression (Spearman’s rank rEphA2=-
0.019, p=0.894, n=53 tumors; rβ-tubulin=0.303, p=0.028, n=53 tumors). f) Scatter plot 
of the rank of EphA2 and β-tubulin expression levels show no correlation 
(Spearman’s rank r=-0.005, p=0.974, n=53 tumors). Each point represents one 
patient tumor. 
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Supplementary Figure 8. Ranking SCAMPR protein expression values reveals 
a correlation between the ranks of Nestin and β-tubulin. Scatter plots do not 
reveal a correlation between (a) the ranks of Nestin and EphA2 expression nor 
between (b) the ranks of Nestin and STAT3 expression, but does reveal a positive 
correlation between (c) the ranks of Nestin and β-tubulin (Spearman’s rank rEphA2-

Nestin=-0.351, p=0.118, n=21 cells; rSTAT3-Nestin=0.295, p=0.055, n=43 cells; rβ-tubulin-

Nestin=0.503, p=0.002, n=34 cells). A similar analysis does not reveal a correlation 
between (d) the ranks of STAT3 and EphA2 expression, (e) the ranks of STAT3 and 
β-tubulin expression, and (f) the ranks of EphA2 and β-tubulin expression 
(Spearman’s rank rSTAT3-EphA2:=0.263, p=0.276, n=19 cells; rSTAT3-β-tubulin=0.362, 
p=0.054, n=29 cells; rEphA2-β-tubulin=0.453, p=0.069, n=17 cells) 
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Supplementary Figure 9. SCAMPR assay reveals that the ranks of Nestin and 
EphA2 correlate with the rank of cell speed. Scatter plots of individual TICs show 
that the ranks of (a) Nestin and (b) EphA2 are positively correlated with the rank of 
TIC speed (Spearman’s rank rNestin=0.383, p=0.001, n=68 cells; rEphA2=0.451, 
p=0.040, n=21 cells). However, the ranks of (c) STAT3 and (d) β-tubulin are not 
correlated with the rank of TIC speed (Spearman’s rank rSTAT3=0.031, p=0.0842, 
n=43 cells; rβ-tubulin=-0.001, p=0.997, n=34 cells).  
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Supplementary Figure 10. ICC quantification of Nestin expression reveals no 
significant correlation between Nestin and TIC speed. Scatter plot of ICC-
quantified Nestin expression and TIC motility in the SCAMPR device shows no 
statistically significant correlation between these two parameters (Spearman’s rank 

r=0.053, p=0.696, n=56 cells). 
 
 
Supplementary Figure 11. Low EphA2 expressing TICs are significantly slower 
than High EphA2 expressing TICs in the SCAMPR device. A dot plot of cell 
speed for Low EphA2 and High EphA2 TIC subpopulations shows that the Low 
EphA2 cells are significantly slower than the High EphA2 cells in the SCAMPR 
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device (*Mann-Whitney Test, p<0.0001, n=18,24 for the low and high EphA2 
subpopulations, respectively). 
 
 

 
 
Supplementary Figure 12. Canonical Correlation Analysis of phenotypic and 
proteotypic sets of variables. (a) Canonical Correlation Analysis coefficients for 
the 3 phenotypic and 4 proteotypic variables. (b) Pearson correlation coefficient for 
each variable and their respective canonical component (phenotype or proteotype). 
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Chapter 5. Conclusions 
 
The work described in this dissertation describes the development of microfluidic 
devices for single cell analysis, with a focus on glioblastoma cells. In Chapter 1, we 
reviewed current knowledge of microfluidic systems used to study cells and cell-mimetic 
systems. We first discussed the use of microfluidic platforms to examine artificial small 
bodies, particles, droplets, capsules, and vesicles, which can be seen as a reductionist, 
but tunable, model for a cell. We then explored the use of the advantages of using 
microfluidic devices to study circulating and adherent mammalian cells, with a special 
focus on devices designed to study confined migration and chemotactic motility. 
 
In Chapter 2, we developed a cross-slot based microfluidic device and corresponding 
fully analytical equation to measure the viscoelastic properties (stiffness and fluidity) of 
cells in suspension in a high-throughput manner. By choosing a simple cross-slot 
geometry and viscosifying the cell suspension media, we are able to greatly simplify the 
experimental workflow and extract cellular viscoelastic parameters by measuring an 
easily analyzed elliptical shape. We first validated our system by measuring the elastic 
properties of cross-linked dextran hydrogel properties and achieved order-of-magnitude 
agreement with stiffness values from other systems, such as micropipette aspiration. 
With our validated platform, we then measured the viscoelastic properties of 3T3 
fibroblasts and a line of glioblastoma tumor-initiating cells (GBM TICs). Furthermore, we 
detected the expected differences in cellular stiffness in both cell lines due to 
pharmacological perturbations, both softening and stiffening.  
 
It is important to note that a motivation the high-throughput quantification of cell 
mechanics comes from the fact that disease states, such as cancer, are often 
accompanied by changes in cell and tissue mechanics. A previously unmentioned 
advantage of our cross-slot based platform is that we are able to harvest the cells after 
measuring their viscoelastic properties. An interesting next step would be to analyze the 
harvested cells for other markers of disease states, whether molecular or phenotypic. 
This joint analysis will then be able to identify novel connections between different types 
of disease state metrics as well as elucidate the molecular basis for different cellular 
phenotypes, such as stiffness. 
 
In Chapter 3, we sought to identify patient-specific markers of invasive potential by 
combining single cell western blotting (scWB) with live-cell tracking of invasive motility 
into one device, which we named SCAMPR (Single Cell Analysis of Motility and 
Proteotype). We first modified the original scWB microwell pattern into a microchannel 
pattern in order to integrate motility measurements with the scWB technology. We then 
developed an experimental workflow, which included a novel method to transiently seal 
PDMS and polyacrylamide together, in order to make the dual measurements on the 
same device. After characterizing the chemokine gradient formation ability of the device, 
we scrutinized a line of GBM TICs and determined that Nestin and EphA2 expression 
positively correlates with TIC invasive motility.  
 



	 86	

Overall, the work presented in this thesis describes innovative microfluidic systems to 
measure different phenotypes of single cells. As mentioned previously, GBM is made up 
of heterogeneous subpopulations. This heterogeneity therefore necessitates the use of 
single-cell technologies to fully elucidate how these subpopulations contribute to overall 
tumor parameters such as growth and progression. The use of microfluidic devices, 
such as those described above, therefore allows for a deeper understanding of GBM 
phenotypes, which is then sessential for developing novel therapies to treat GBM.  
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