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Abstract 
 

Development of Riboswitch-based Sensors for  
High-throughput Enzyme Activity Screens 

 
by 
 

Yichi Su 
 

Doctor of Philosophy in Chemistry 
 

University of California, Berkeley 
 

Professor Ming C. Hammond, Chair 
 
 
 

Development of robust assay reagents for high-throughput enzyme activity screens is 
essential for biomedical research and drug development. However, conventional 
protein-based assay reagents have their limitations, including difficulty in engineering, 
limited signal dynamic range, lack of small molecule specificity and batch-to-batch 
variation. Most importantly, few assay reagents are applicable to both in vitro and live 
cell settings. An attractive alternative that overcomes these limitations is riboswitch-
based sensors. Riboswitches are cis-regulatory structured RNA elements capable of 
controlling expression of downstream genes by binding to small molecule ligands. The 
naturally evolved RNA elements retain the advantages of synthetic aptamers, including 
ease of engineering, low cost in synthesis, and high batch-to-batch reproducibility, while 
they incorporate additional desirable features including remarkable affinity and 
selectivity for small molecule ligands, high-fidelity folding and thermostability for 
functioning in cellular environment. One strategy to engineer riboswitch-based sensor is 
to fuse the canonical terminal stem of the riboswitch aptamer domain to an internal stem 
of a signaling aptamer. Using this strategy, several prototypical riboswitch-based 
sensors were developed to detect essential metabolites and second messengers both 
in vitro and in live bacteria. However, despite their great potential, the universality of 
riboswitch-based sensors is limited by the number and the diverse topologies of natural 
riboswitch classes. Herein, novel strategies for engineering riboswitch-based sensors 
for more diverse ligands with improved sensitivity and specificity are described. 

 
First, in order to engineer sensors based on pseudoknot-containing riboswitches, to 
which the conventional engineering strategy was not applicable, an alternative inverted 
fusion strategy was invented. Riboswitch-based fluorescent biosensors for an essential 
metabolite S-adenosyl-L-homocysteine(SAH) were developed using this strategy. 
These SAH biosensors provide a direct “mix and go” high-throughput activity assay for 
methyltransferases, and a way to monitor the increase of SAH levels in live Escherichia 
coli upon chemical inhibition of methylthioadenosine nucleosidase (MTAN), an enzyme 
that is involved in quorum-sensing. Then, in order to engineer riboswitch-based sensors 
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to interrogate ligands that are structural analogues to natural riboswitch ligands, a 
pipeline involving phylogenetic screening and structure-guided rational design was 
demonstrated on engineering bacterial 3'3'-cyclic di-GMP (cdiG) riboswitch-based 
biosensors into sensing a mammalian immune pathway second messenger 2'3'-cyclic-
AMP-GMP (cGAMP). The resulting biosensors enabled in vitro high-throughput activity 
screening assays for cGAMP synthase, and direct cGAMP quantitation in dsDNA-
stimulated L929 cell lysates. Finally, aiming to further expand the target ligand scope of 
riboswitch-based sensors to virtually any given small molecule ligands, two novel 
mechanism-based in vitro selection strategies, termed Capture-SELEX and Dye-
SELEX, were explored. Proof-of-concept experiments showcased their capability of 
enriching sequences with desirable sensing properties from random RNA counterparts. 
It is envisioned that the strategies described here will forward the development of new 
riboswitch-based sensors as competitive assay reagents to antibodies, and eventually 
advancing basic biological understanding and biomedical applications.  
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CHAPTER 1 
 
 

An Introduction to Riboswitch-based Sensors 
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Recent years have witnessed an explosive growth in the knowledge about the 
roles of RNA in gene regulations and other biological processes. The centrality of RNA 
in gene regulation is due not only to its role as messenger RNA but also to the various 
regulatory roles of many new classes of noncoding RNAs that are still being revealed. 
However, for decades this importance remained unappreciated and was shadowed by 
the research interests on proteins.  

 
Proteins are indeed an essential type of biomolecules. The diversity in the 

chemistry of amino acid side chains and the various folded three-dimensional structures 
enabled proteins to display different complex functions, such as maintaining cell 
structures, catalyzing biochemical reactions, and sensing metabolic signals or 
messages from outside the cells. The in-depth study on proteins has inspired an 
exciting advancement in engineering protein-based molecular tools, such as antibodies, 
fluorescent proteins, restriction enzymes and polymerases, which have found numerous 
applications in research fields like biomedical assays, bio-sensing and molecular 
cloning.  

 
Reviewing the history of understanding protein biology and protein engineering 

offers a guideline for studying and engineering RNAs. In recent years, more and more 
biological functions of noncoding RNA have been discovered. Some noncoding RNA 
classes function in the context of ribonucleoprotein complexes, including ribosomal 
RNAs(rRNAs), which is critical for protein translation, microRNAs, which typically target 
eukaryotic transcripts for translational repression (Wilson and Doudna, 2013), and 
clustered regularly interspaced short palindromic repeat (CRISPR) RNAs, which target 
phage DNA for cleavage as a bacterial defense mechanism (Wright et al., 2016). Other 
noncoding RNA classes function independently, without any protein partner, which are 
exemplified by riboswitches and ribozymes (Serganov and Nudler, 2013). The revealed 
versatility of noncoding RNAs is not surprising, given the similarities between RNAs and 
proteins. RNAs are composed of four different nucleobases, phosphodiester linkages 
and ribose-sugars, which also provided a sufficient chemical diversity. In the meanwhile, 
RNAs are as well capable of folding into complex three-dimensional structures via 
hydrogen bonding, base stacking and other intramolecular interactions. These 
similarities are now well appreciated, which has spurred the proposal of “RNA world” 
hypothesis (Vazquez-Salazar and Lazcano, 2018). At present, studying and unveiling 
RNA biology is an active field, and it opens a door for utilizing the great potential of 
RNAs for bioengineering and synthetic biology applications. Early explorations resulted 
in development of valuable molecular techniques, such as siRNA for gene knockdown 
(Alagia and Eritja, 2016), CRISPR-cas9 system for gene editing (Wang et al., 2016a), 
and artificial riboswitches for inducible gene expression . Yet, development of RNA-
based molecular tools is at its early stage. The vast understudied space in RNA 
chemistry and biology represents a treasure chest for bioengineers to explore.  
 
1.1  Nucleic Acid Aptamers as Detection Reagents 
 

One early milestone in RNA engineering was the development of Systematic 
evolution of ligands by exponential enrichment (SELEX) (Ellington and Szostak, 1990; 
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Tuerk and Gold, 1990), a technique that generates oligonucleotides that selectively bind 
to a target ligand. Specifically, in vitro evolution from random sequence libraries showed 
that short RNA sequences were capable of binding small molecules selectively and 
these “aptamers” could even allosterically regulate ribozyme activity. In the past nearly 
three decades, in vitro selection has created a large number of RNA aptamers that are 
capable of sensing metabolites, antibiotics, dyes and other small molecules (Jijakli et 
al., 2016). The rapid growth in aptamer development and engineering soon led 
researchers to evaluate the possibility of using nucleic aptamers as an alternative to 
monoclonal antibodies, which are common molecular sensors (Song et al., 2012). 

 
As well-established detection reagents, monoclonal antibodies play a critical role 

in biological research, diagnostics, and therapeutics. Various molecular techniques 
based on monoclonal antibodies have been developed and broadly used, with some of 
them becoming rule-of-thumb methods that are daily used in most biochemical labs, 
including western-blotting, enzyme-link immunosorbent assay (ELISA) and 
immunostaining. Yet, antibodies suffer from several limitations. First, it usually takes 
months to develop a monoclonal antibody for a given analyte, and the development 
requires an immune response in an animal model, which is not always guaranteed and 
sometimes requires an extensive trouble-shooting process. Second, monoclonal 
antibodies are produced in live animal or expressed in cell culture, which resulted in low 
batch-to-batch consistency, difficulty in mass production and thus higher cost. Third, 
transporting, handling and storing antibodies usually require delicate conditions 
including proper temperature and pH range. Last but not least, the detection sensitivity 
and specificity of monoclonal antibodies are compromised when the target is smaller 
than several hundred Daltons, in other words, small molecules. Therefore, while 
antibodies represent an ideal choice for many applications, a better strategy for some 
other applications is still desirable. 

 
The advent of aptamers has opened a door for the quest for an alternative of 

antibodies. In vitro selected aptamers have several unique advantages over monoclonal 
antibodies. For example, it usually takes only weeks to engineer a desirable aptamer 
through a SELEX process (Jijakli et al., 2016). Since SELEX does not have to be 
performed in live cells, aptamers can still be selected against ligands that display 
cellular toxicity or lack immunogenicity. Aptamer can be synthesized chemically, which 
conveys high batch-to-batch reproducibility and low cost. Also, aptamers can be 
transported and stored in either a lyophilized dry format or in a solution state, and can 
usually last days to weeks at ambient temperatures. Aptamers perform better in terms 
of targeting small molecules than antibodies. For example, in vitro selected theophylline 
aptamer is able to discriminate theophylline from its close structural analogue caffeine 
with over 104 times selectivity, which is hard to be achieved by antibody counterparts 
(Jenison et al., 1994; Zimmermann et al., 2000). Furthermore, aptamer can be easily 
synthesized with chemical modifications, which allows them to be attached or 
immobilized to support matrix to generate sophisticated bio-sensing devices for various 
downstream applications.  
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Admittedly, in vitro selected aptamers yet possess limitations that could await 
further improvements. One important property is that engineered aptamers do not 
always exhibit comparable sensing performance to their natural counterparts, which is 
probably due to the reduction in size, resulting in a loss of complexity in three-
dimensional structures. Also, a lot of in vitro selected aptamers perform poorly in live 
cell settings due to lack of thermo-stability and folding fidelity. Naturally evolved RNA 
aptamers, termed riboswitches, represent a potential solution to these potential issues.  
 
1.2  Riboswitches: Natural RNA Aptamers 
 
Definition and Mechanism 

Riboswitches are cis-regulatory structured RNA elements in the 5' untranslated 
regions (5'-UTR) of bacterial messenger RNAs (Figure 1.1) (Serganov and Nudler, 
2013). The name “riboswitch” reflects their capability of regulating downstream gene 
expression through small molecule ligand-induced conformational switching. They 
usually comprise of two domains, an aptamer and an expression platform. Aptamer 
domains are evolutionary conserved in sequence and secondary structure, and have 
evolved exquisite ligand-sensing specificity and sensitivity to ensure accurate and 
efficient gene regulation. The ligand-binding event in aptamer domain causes a 
conformation switching that is transferred to the expression platform, which directly 
mediates downstream gene regulation. Unlike aptamer domain, expression platforms 
exhibit little sequence conservation and variable regulatory mechanisms, including 
transcription, translation, splicing and mRNA stability (Figure 1.1). The most common 
mechanisms are transcriptional termination and translational initiation (Serganov and 
Nudler, 2013). In the former mechanism, the target ligand induces destabilization of an 
anti-terminator structure and subsequent formation of an intrinsic terminator that stalls 
RNA polymerase from transcribing the rest of the mRNA. For the latter, the target ligand 
directs a conformation change that reveals the ribosome binding site, or Shine-Dalgamo 
(SD) sequence in bacteria, for the ribosome to bind and initiate translation. While 
riboswitches that respond to metabolic end-products usually turn off genes, those that 
respond to signaling molecules (e.g. cyclic dinucleotides) are more likely to turn on 
genes (Lee et al., 2010a; Sudarsan et al., 2008).  
 
History and Overview 

Riboswitches were first experimentally validated in 2002 as bacterial metabolites 
sensors, located in the 5'-UTR of the genes involved in the metabolism of their cognate 
ligands (Mironov et al., 2002; Nahvi et al., 2002; Winkler et al., 2002a; Winkler et al., 
2002c). Since then, about 40 distinct classes of riboswitches have been discovered in 
nearly all bacterial lineages, as well as rare examples in archaea, fungi, algae and 
plants (McCown et al., 2017). These riboswitches sense a broad panel of ligands, such 
as fundamental metabolites, coenzymes, second messengers, amino acids and ions, 
and therefore regulate a wide range of biological processes involving these ligands 
(McCown et al., 2017). For some of these ligands, their biological roles and associated 
biological processes were unidentified or unappreciated until the discovery and 
validation of their riboswitches. For example, genes that were originally annotated as 
chloride ion channel protein, urea carboxylase or cyclic-di-GMP synthase were found to 
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in fact act on fluoride (Baker et al., 2012), guanidine (Mok and Brynildsen, 2017; Nelson 
et al., 2017) and cyclic-AMP-GMP (Hallberg et al., 2016), respectively. To date, there 
remain hundreds of riboswitch classes that are predicted yet to be uncovered, which 
promise insights into a myriad of understudied biological, and exciting possibilities for 
diverse engineering applications (McCown et al., 2017).  

 
Advancements in Techniques for Riboswitch Discovery and Evaluation 

Discovering new riboswitches, and gaining an in-depth understanding of their 
mechanisms and behaviors, are the two most important aspects in today’s riboswitch 
basic research. Discovery of novel riboswitches offers more privileged scaffolds for 
studying and engineering, while in-depth insights provide practical guidelines for 
rationally engineering riboswitches. In the past decades, these two aspects have been 
advanced by the invention of a number of biochemical and biophysical techniques. 

 
Advancements in genomic sequencing techniques have generated considerable 

valuable data for riboswitch discovery. More than two decades ago, De novo riboswitch 
discovery was made possible by the sequencing of many microbial genomes. Early 
genome-scale computational riboswitch prediction works relied on comparative genomic 
analysis. An initial pairwise, BLAST-based analysis of intergenic regions (IGRs) of 
similar genes among 91 prokaryotic genomes resulted in the discovery of 6 orphan 
riboswitch families that were eventually validated experimentally (Barrick et al., 2004). 
Later, advances in RNA motif prediction algorithms led to a powerful pipeline that is 
structure-oriented and applicable to unaligned or even poorly conserved sequences. 
RNA motif prediction was integrated with RNA homology search to further refine 
structural alignments (Weinberg et al., 2007; Yao et al., 2007). This pipeline was then 
expanded to be independent of protein-coding genes for clustering IGRs (Weinberg et 
al., 2010). To date, many of the predicted orphan riboswitches have had their ligands 
identified, making the total number of validated riboswitch classes reach around 40. 
However, the ligands of some rarer variants remain elusive, and this prediction pipeline 
may fail to discover extremely rare riboswitch classes (McCown et al., 2017). Some 
alternative strategies, such as using RNA-seq and transcription start site profiling to 
discover potential regulatory elements in the 5'-UTR of mRNA, might offer a solution to 
identify species-specific riboswitches (Rosinski-Chupin et al., 2015; Rosinski-Chupin et 
al., 2014).  

 
The understanding of riboswitch structures and mechanisms benefits from the 

development of biochemical methods, such as various structure probing methods, and 
biophysical methods, such as X-ray crystallography (Edwards et al., 2009), nuclear 
magnetic resonance spectroscopy (NMR) and single molecule FRET-based (smFRET) 
techniques (Suddala and Walter, 2014). Structure probing of nucleic acids does not 
directly provide the three-dimensional structure of the target riboswitch, but it offers 
information that can infer the molecular structure, such as accessibility of specific 
nucleotides by solvent or certain chemicals in a given riboswitch (Deigan et al., 2009; 
Regulski and Breaker, 2008; Tijerina et al., 2007). One representative is in-line probing 
that utilizes the structure-dependent cleavage of the RNA, which does not involve 
treatment with any additional chemical reagents (Regulski and Breaker, 2008). Other 
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structure probing methods depend on special chemical treatments, such as dimethyl 
sulfate (DMS) (Tijerina et al., 2007), selective 2'-hydroxyl acylation analyzed by primer 
extension (SHAPE) (Deigan et al., 2009) or light-activated structural examination of 
RNA (LASER) (Feng et al., 2018). In practice, different probing methods can be used 
complementarily. These structure probing methods do not require expensive 
instrumentation or delicate sample preparation, thus can be used to obtain valuable 
structural information in a relatively short time and low cost. If a more detailed structure 
is needed, biophysical methods would be a better choice. To date, most of riboswitch 
structures deposited into the protein data bank (PDB) database were determined by 
either NMR or X-ray crystallography. Cutting-edge advancements in these techniques 
are actively transferred to RNA structure determination, such as two-dimensional NMR 
(Lee et al., 2010b) and small-angle X-ray scattering (SAXS) (Baird and Ferre-D'Amare, 
2014).  

 
In reality, riboswitch binding to the ligand and functioning is a highly dynamic 

process that involves transition between several transient states. To view a more 
dynamic transition for studying riboswitch mechanism, biophysical studies tracking 
single molecule trajectories for RNA folding have been utilized. Advanced NMR 
spectroscopy techniques can be used to detect highly transient states. Advanced 
crystallography technique like mix-and-inject XFEL serial crystallography (Stagno et al., 
2017), is fast enough to track the diffusion of a ligand into a riboswitch crystal to initiate 
a reaction, thus obtaining the structural measurements of all existing conformations, 
including unbound apo structures, ligand-bound intermediate and the final ligand-bound 
conformations. Given the static crystal structure, smFRET is another way to study the 
dynamic transition of riboswitch. For example, a recent smFRET study of the full SAM-I 
riboswitch revealed that there are four discrete conformational states that are populated 
even in the absence of SAM (Manz et al., 2017). Note that such dynamics are revealed 
in vitro under thermal equilibrium conditions for full-length riboswitches. It is expected 
that the functional dynamics of riboswitch in vivo would be even more complicated due 
to co-transcriptional folding. For example, a fluoride riboswitch was found to undergo a 
ligand-dependent bifurcation and multiple coordinated conformational transitions during 
transcription. The co-transcriptional folding of a fluoride riboswitch appeared highly 
dynamic, such that addition of a newly transcribed single nucleotide might greatly alter 
the folding landscape of the nascent riboswitch (Watters et al., 2016). Undoubtedly, 
rational riboswitch engineering would greatly benefit from a better understanding of 
such riboswitch dynamics. 

 
Another emerging technique is de novo prediction and design of RNA structures 

(Das et al., 2010; Miao et al., 2017). This area was originated from the advancements in 
protein structure prediction and de novo design. At present, a lot of proteins and 
associated properties and behaviors, such as protein folding, protein-protein 
interactions, protein-nucleotide interaction, protein-ligand interactions and membrane-
anchored protein-based channels, have been successfully designed in silico and 
validated experimentally. It is envisioned that given the experience learned from the 
success in protein structure prediction, and the growing knowledge on the riboswitch 
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structure and mechanism, the future of predicting and designing riboswitch structure is 
bright.  
 

Overall, with more and more sophisticated techniques being developed, it is 
promising that more hidden riboswitches will be unveiled and the understanding on 
riboswitches will be deeper. At present, the knowledge on riboswitches have provided 
rich resources that inspired a lot of engineering efforts, which resulted in numerous 
riboswitch-based sensors that are broadly applied in biological research, diagnostics 
and therapeutics.  
 
1.3  Riboswitch-based Sensors 
 

It is highly desirable to convert the remarkable sensing capability of riboswitch 
aptamer domains into functional molecular sensors for various applications. One feature 
of RNA is its modularity, that with minimal optimization, different moieties of RNA 
elements can be combined to construct sophisticated molecular devices that each 
individual part retains their original property. Such “plug-and-play” strategy has been 
demonstrated on a number of riboswitch-based sensors, including reporters, aptazymes 
and fluorescent biosensors (Figure 1.2). 
 
Reporters 

Riboswitch-based reporters can be constructed by replacing the downstream 
gene of a well-characterized riboswitch with a reporter gene such as LacZ for 
colorimetric measurement, GFP for fluorescence, or luciferase for luminescence (Figure 
1.3). For instance, the coding sequence of E. coli btuB operon was replaced by a GFP 
reporter gene and the resulting B12 reporter was applied to study the biological roles of 
several E. coli membrane transporters in maintaining B12 homeostasis (Fowler et al., 
2010). This reporter also was used to screen over 100 BtuC2D2F transporter mutants to 
identify key residues in the substrate-binding pocket (Fowler et al., 2013). In another 
case, c-di-GMP riboswitch-based reporters have enabled screening and validation of 
predicted c-di-GMP metabolizing enzymes from Clostridium difficile and membrane-
bound diguanylate cyclases from Bacillus thuringiensis and Xanthomonas oryzae (Zhou 
et al., 2016).  
 
Aptazymes 

Fusing riboswitch aptamer domain to a ribozyme to generate a ligand dependent 
ribozyme, termed aptazyme, is another type of riboswitch-based sensor. In fact, in 
nature there exists one type of riboswitch that functions as a glucosamine-6-phosphate 
(GlcN6P) activated ribozyme, the glmS ribozyme (Winkler et al., 2004). In glmS 
ribozyme, the ligand GlcN6P directly participates in the catalysis of the cleavage of the 
RNA by offering its own amine group, whereas in engineered aptazymes, ligand-binding 
event induces a conformational change of the RNA that indirectly activates or represses 
the cleavage of its ribozyme moiety, of which the catalytic core is distanced from the 
ligand-binding pocket. Engineered aptazymes can be applied in vitro for assaying target 
small molecules, such the in vitro detection of c-di-GMP by the aptazymes developed by 
fusing Vc2 riboswitch aptamer domain to a hammerhead ribozyme sequence through a 
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transducer stem that was optimized via in vitro selection (Gu et al., 2012). Riboswitch-
based aptazymes can also be applied in live cell for gene regulation, showcased by 
several engineered purine aptazymes realizing ligand-dependent gene regulation in 
mammalian cells (Zhong et al., 2016). 
 
Riboswitch-based fluorescent biosensors 

Natural riboswitch aptamers exhibit high affinity and large dynamic response to a 
target ligand, making them privileged scaffolds for biosensor development. A biosensor 
binds specifically to a biological molecule of interest to generate a signal that can be 
detected by a noninvasive method such as fluorescence. Biosensors allow for the real-
time imaging of biologically relevant molecules in vivo. General features of RNA-based 
fluorescent biosensors include (Figure 1.3): (a) a recognition domain for binding the 
target ligand (e.g., riboswitch aptamer), which is fused to (b) a transducer module that 
communicates ligand binding to activate (c) a signaling domain that binds the dye to 
produce a fluorescent output (Stojanovic and Kolpashchikov, 2004). The modular 
design of these sensors makes them easily adaptable for sensing a wide range of small 
molecule analytes (Figure 1.3).  

 
The signaling domain for riboswitch-based biosensors consists of an in vitro 

selected aptamer sequence with high affinity to a profluorescent dye molecule. The first 
aptamer used as a signaling domain was the malachite green (MG) aptamer, which 
exhibits >2,000-fold fluorescence turn-on when bound to its target fluorophore 
(Babendure et al., 2003). Fusing the MG aptamer to ligand-binding aptamer domains 
led to development of theophylline, adenosine triphosphate (ATP), and FMN sensors 
that induced up to 8-fold fluorescent turn-on upon binding to the target ligand 
(Stojanovic and Kolpashchikov, 2004). However, because MG is a nonspecific DNA 
intercalator, these biosensors cannot be used in vivo. More recently, the Spinach 
aptamer was selected to bind 3,5-difluoro-4-hydroxybenzylidene imidazolinone (DFHBI), 
a small molecule mimic of the GFP chromophore (Paige et al., 2011). Similar to MG, the 
DFHBI molecule is nonfluorescent in dilute solution and exhibits 1,000-fold increase in 
fluorescence quantum yield upon binding, but in contrast has little to no cellular toxicity. 
Rational modifications to the Spinach scaffold have generated the Spinach2 aptamer, a 
variant with improved thermostability and enhanced fluorescent signal in vivo (Strack et 
al., 2013). High-throughput screening approaches in vivo have yielded a further 
improved version termed Broccoli aptamer (Filonov et al., 2014). Some other variants 
that also bind DFHBI, such as iSpinach aptamer (Autour et al., 2016), were also 
reported separately. Other newly developed dye-binding aptamers, such as Mango 
aptamer (Dolgosheina et al., 2014) and DNB aptamer (Arora et al., 2015), are as well 
potential signaling domains for constructing riboswitch-based biosensors. 

 
Spinach, Spinach2, and Broccoli aptamers have been fused to riboswitch 

aptamers to generate ligand-responsive biosensors for live-cell imaging of target 
metabolites (Paige et al., 2012). The key challenge to biosensor engineering is the 
design of the transducer module, which must give allosteric regulation of the signaling 
domain by the recognition domain. An RNA-based biosensor that exhibited 25-fold 
fluorescence turn-on with S-adenosyl-L-methionine (SAM) was constructed using the 
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SAM-III riboswitch aptamer fused to 10 candidate transducer modules, which were 
predicted to have weak thermodynamic stabilities based on stem sequences. The same 
strategy was applied to generate an adenosine diphosphate (ADP) biosensor (Paige et 
al., 2012). 

 
For natural riboswitches, their regulatory mechanisms often involve ligand 

binding affecting the P1 stem, so we expected that a transducer module involving the 
natural P1 stem to be effective for allosteric regulation. This P1–P2' strategy was used 
to construct an RNA-based fluorescent biosensor capable of visualizing the signaling 
molecule c-di-GMP (Kellenberger et al., 2013) and 3'3'-c-AMP-GMP (Kellenberger et 
al., 2015) in live bacterial cells. With the P1–P2' strategy, it was possible to screen a 
library of riboswitch aptamers fused to Spinach, in which the natural riboswitch 
sequences were identified by bioinformatics analysis of bacterial genomes. The screen 
resulted in a suite of four biosensors for c-di-GMP that exhibited a broad range of 
affinities, including one with Kd<5 nM, and improved fluorescent turn-on, with a maximal 
fluorescence signal that was brighter than the parent Spinach2 aptamer in vivo and 
useful in flow cytometry assays (Wang et al., 2016b). 
 
1.4 Engineering of Riboswitch-based Sensors 

 
As discussed, riboswitch aptamer domain, as naturally evolved RNA aptamers, 

exhibits some desirable features in ligand detection over in vitro selected counterparts, 
and thus is considered as privileged scaffolds. However, there are only less than 40 
natural ligands for riboswitch that were identified to date, which represents a limited 
chemical space, compared to diverse analytes of interest. An efficient way to expand 
the applicable scope of riboswitch-based sensors is urgently desirable. In order to 
engineer an RNA aptamer that responds to a given ligand, there are two general 
strategies, rational structure-guided mutagenesis or semi-rational high-throughput 
screening/selection method. 
 
Structure-guided mutagenesis 

Rational structure-guided strategy can be adopted when some structural analog 
of the given ligand is associated with a well-studied riboswitch class. Similar to the 
“bump-hole” strategy in protein-ligand recognition, RNA aptamers also display flexibility 
and adaptability of their binding pocket to accommodate structural analogs of their 
cognate ligands by mutating nucleotides in some key positions. Examples in natural 
riboswitches include guanine/adenine/2'-dG riboswitches (Kim et al., 2007; Mandal et 
al., 2003; Mandal and Breaker, 2004), FMN/RoFMN riboswitches (Lee et al., 2009; 
Winkler et al., 2002b) and c-di-GMP/c-AMP-GMP riboswitches (Nelson et al., 2015; 
Sudarsan et al., 2008). Inspired by these natural variants, this strategy was successfully 
applied on purine and preQ1 riboswitches to develop orthogonal gene regulatory tools. 
For the purine riboswitches, screening structure-based mutants of purine riboswitches 
with a small library of purine analogues resulted in orthogonal riboswitches that respond 
to pyrimido[4,5-d]pyrimidine-2,4-diamine (PPDA) and 2-aminopyrimido[4,5-d]pyrimidin-
4(3H)-one (PPAO), respectively. The PPDA riboswitch called M6” was used to control 
cheZ expression and caused dose-dependent change in cell motility in E. coli (Dixon et 
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al., 2012; Robinson et al., 2014; Vincent et al., 2014). For the PreQ1 riboswitches, a 
similar strategy identified a C17U riboswitch mutant that selectively responds to DPQ0, a 
diamino analog of PreQ0. The DPQ0 riboswitch was used for chemically-inducible 
regulation of a gene involved in cell morphology in B. subtilis (Wu et al., 2015).  

 
Theoretically, rational structure-guided strategy can expand the analytes scope 

of riboswitch-based sensors from the less than 40 canonical ligands to include their 
structural analogues. However, even with the structural analogues counted, the 
chemical diversity offered by these well-characterized riboswitches is yet limited. 
Another concern is that nucleotides around the binding pocket are not the sole 
determinants of ligand sensitivity and specificity. In some riboswitches, the 
rearrangement of the binding pocket for accommodating new ligands requires long-
range intramolecular interactions (Gilbert et al., 2007). In other words, positions 
distanced from the binding pocket might still play a critical role for ligand binding by 
affecting the global folding and the formation of the scaffolds, which has been observed 
in some riboswitches and is also common in ligand-binding proteins. Due to this 
complication, rational structure-guided mutagenesis cannot guarantee to generate 
functional riboswitch for any structural analogue of their canonical ligand.  
 
In vitro selection 

When rational design is not feasible, semi-rational screening/selection methods 
offer a promising alternative strategy. These methods maximize the number of 
riboswitch sequences being explored and therefore increase the odds of encountering a 
hit with desirable ligand-binding properties. As discussed before, in vitro SELEX 
represents a powerful method to develop RNA aptamers for virtually any small molecule 
ligand. Traditionally, a SELEX process involves three steps: binding, elution and 
amplification. An initial RNA pool containing 1012 - 1015 individual sequences is 
incubated with solid supports that display the target ligands on their surfaces. The 
incubation/binding step is followed by extensive washing cycles to ensure complete 
removal of non-specific binders and thus the enrichment of desirable sequences that 
bind to the target ligand. Then, these positive hits are eluted from the solid support and 
subjected to reverse transcription, PCR and in vitro transcription to amplify a new RNA 
pool with higher ligand-binding capability and smaller size for the next round of 
selection. Iterative rounds with increasingly stringent selection pressure eventually 
result in winning sequences with much improved ligand binding ability. Such SELEX 
methods have generated a large number of RNA aptamers, in which a number of them, 
such as aptamers for theophylline (Suess et al., 2004), tetracycline (Hanson et al., 
2005), neomycin (Weigand et al., 2008) and some other organic dyes, have been 
converted into functional riboswitches in living organism.  
 

Compared to cell-based selection methods, in vitro SELEX is advantageous in 
two aspects. The number of sequences covered in a cell-based method is usually less 
than 109, limited by cloning and transformation efficiency, and the throughput of 
selection methods, such as fluorescence-activated cell sorting technique (FACS) (Ghazi 
et al., 2014). Besides, it is easier to control any critical factor during the selection, such 
as ligand concentration or buffer conditions, and to design counter-selection schemes to 
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improve the sensitivity and specificity of the selected aptamer. However, the sacrifice for 
having the latter advantage is that it is difficult to fully recapitulate the physiological 
conditions in vitro. As a result, the correlation between the in vitro and in vivo 
performance of the selected aptamers does not always occur, and in most cases these 
aptamers exhibit poorer sensing capability in vivo due to issues in stability and folding 
efficiency.  
 

A recently developed in vitro selection strategy combines the power of SELEX 
and the advantageous features of natural riboswitch aptamer domains (Porter et al., 
2017). While most of traditional SELEX adopt a sequence library with continuous 
randomized regions as initial RNA pool, such as N40 or N80 libraries, some others have 
introduced a constant region that encodes a preset stem-loop structure in order to 
increase the structure complexity. However, in a lot of cases the hits from such 
selection turned out to have this preset structure disrupted. Given the flexibility of RNA 
folding, it is reasonable that most of sequences in the starting RNA pool adopt an 
alternative folded structure that disrupts such fairly stable stem-loop structure. Lessons 
learned from these earlier explorations led researchers to propose using a more stable 
structure as the starting scaffold when designing the initial library. Recently, inspired by 
nature, a three-way junction (3WJ) scaffold abstracted from natural riboswitches and 
ribozymes was adopted to generate a randomized RNA pool. 3WJ is a recurrent 
architecture found in a number of natural aptamers. It is featured by a junction between 
a P1 helix with two stem-loops that have remote tertiary loop-loop interaction holding 
the overall conformation. Usually the junction between the three stems functions as an 
active site with sufficient interaction diversity for ligand binding, which renders 3WJ a 
privileged structure for engineering aptamers. Several aptamers for 5-hydroxy-L-
tryptophan (5HTP) and 3,4-dihydroxy-L-phenylalanine (L-DOPA) have been selected 
from the RNA pool based on natural 3WJ sequences. Most of the selected aptamers 
retain the designed 3WJ structure and exhibit micromolar affinity and high selectivity for 
ligand sensing (Porter et al., 2017). This strategy represents an effective solution to 
address the structural complexity challenge in aptamer engineering. It is helpful to test 
the generalizability of this strategy on other target ligands. Also, it is known that in 
protein engineering, even in the same protein family, the choice of a specific homologue 
as the engineering starting point would greatly affect the result. Analogous to that, it is 
interesting to investigate the effect of using different sequences from all the natural 3WJ 
structure as starting scaffolds. For example, sequences from thermostable bacterial 
species might possess higher thermostability and thus have lower risks of disrupting the 
global structure during the selection. 
 
1.5 Outlook 
 

To sum up, RNA aptamers are emerging alternatives to monoclonal antibodies 
as detection reagents, that are essential for biomedical research and drug development. 
Naturally evolved riboswitch aptamer domains not only retain the advantages of 
synthetic aptamers but also exhibit additional desirable features, such as remarkable 
sensing capability and robust performance in complex cellular environment. Due to 
these attractive features, it is ideal to convert riboswitches into molecular sensors, and 
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early exploration has resulted in the development and broad applications of a panel of 
riboswitch-based sensors. Yet, engineering riboswitch-based sensors is still at its early 
stage with a lot of unaddressed questions (Hallberg et al., 2017). One question on 
demand is to develop a generalizable and efficient strategy to expand the number and 
diversity of target analytes that can be detected by riboswitch-based sensors. 
 

Here, I describe a step-by-step exploration on addressing this question. First, 
natural riboswitches exhibit various topologies and some scaffolds, such as 
pseudoknot-containing riboswitches, which are not suitable to be converted into 
riboswitch-based sensors using the conventional engineering strategy (Hallberg et al., 
2017). A generalizable alternative strategy using inverted fusion (Figure 1.4) was 
invented and applied on the development of several riboswitch-based fluorescent 
biosensors for SAH, an essential metabolite in nearly all living organisms and showing 
connections to a number of diseases. Then, for analytes that are not natural riboswitch 
ligands but their structural analogues, an engineering pipeline involving phylogenetic 
screening and structure-guided rational design was developed. Using this strategy, 
biosensors based on a class of bacterial 3'3'-cyclic di-GMP(cdiG) riboswitches were 
engineered to respond to 2'3'-cyclic-AMP-GMP(cGAMP), a mammalian immune 
pathway second messenger. Lastly, with ambitions to be able to generate riboswitch-
based sensors for virtually any given target ligand, two novel mechanism-based in vitro 
selection strategies, termed Capture-SELEX and Dye-SELEX, were explored.  

 
Overall, enabling engineering natural riboswitches with various topologies into 

sensors allows for the detection of all natural ligands. Engineering riboswitch mutants 
based on structure-guided design enables the detection of natural ligand’s structural 
analogues. And ultimately, in vitro selected RNA aptamers based on the privileged 
riboswitch scaffolds will potentially make the detection of any small molecule of interest 
possible (Figure 1.5). Hopefully, the methods described herein will advance the field of 
engineering riboswitch-based sensors by offering detailed and practical guidelines and 
examples.  
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1.6 Figures 
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Figure 1.1 Mechanisms for natural and synthetic riboswitch regulation. Orange 
mechanisms are found in bacteria, while blue mechanisms exist in eukaryotes. (A) 
Transcriptional attenuation: in the ligand-bound form, a terminator hairpin is formed, 
causing transcription termination. (B) Translation inhibition: ligand binding causes an 
alternative structure to form, occluding the ribosome-binding site (RBS), and preventing 
initiation of translation. (C) mRNA degradation caused by ribozyme activity: ligand-
induced self-cleavage by ribozyme activity destabilizes the mRNA, leading to rapid 
degradation. (D) Ribosome blocking: in yeast, aptamer-ligand interactions can inhibit 
the ribosome from scanning from the 5' 7-methylguanosine cap to the translation start 
site, preventing translation. (E) Alternative splicing: ligand binding leads to an alternate 
mature mRNA forming through changes in splice site selection. Depending on the 
organism, this leads to addition of a small upstream ORF, inclusion of a premature stop 
codon, or exclusion of the poly-A tail and mRNA degradation. (F) 5'-UTR cleavage: 
removal of the 5' 7-methylguanosine cap by aptazyme activity prevents ribosome 
progression and destabilizes the mRNA. (G) 3'-UTR cleavage: removal of the 
polyadenosine tail by aptazyme activity leads to rapid mRNA degradation. 
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Figure 1.2 “Plug-and-play” strategies for riboswitch-based sensors development. 
The core of riboswitch aptamer domain can be fused to a variety of signaling RNA 
domain to generate various riboswitch-based sensors, including natural or synthetic 
riboswitches (with expression platform), aptazymes (with ribozyme), fluorescent 
biosensors (with fluorogenic dye-binding aptamer) and other sensors. These riboswitch-
based sensors retain the sensing capability of the riboswitch aptamer domain, while 
producing distinct signal readout upon detecting and binding the ligand. 
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Figure 1.3 Conventional design scheme for a riboswitch-based biosensor. By 
fusing a riboswitch aptamer domain (blue) to a dye-binding fluorogenic aptamer (black), 
a riboswitch-based biosensor is developed. Ligand (red) binding to the riboswitch 
aptamer domain enables the fluorogenic aptamer to bind the pro-fluorescent dye 
(yellow) and activate its fluorescence (green). 
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Figure 1.4 Structures of the three main classes of riboswitch-based fluorescent 
biosensors. Riboswitch domains and their corresponding metabolites are depicted in 
blue and red, and the Spinach/Spinach2 aptamer and DFHBI are shown in black and 
green. (a) The riboswitch–Spinach fusion strategy for biosensor development involves 
grafting of the P1 stem of a riboswitch sensor domain to the P2′ stem of Spinach. (b) To 
accommodate pseudoknot-containing riboswitches with non-interacting 5′ and 3′ ends, 
circularly permuted Spinach (cpSpinach), which has an engineered P2' open stem, can 
be fused to the P2 stem of a riboswitch. (c) A Spinach riboswitch can be generated by 
linking the Spinach aptamer to a sensor domain through a transmitter sequence that 
allows fluorophore binding in only the presence of the metabolite. 
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Figure 1.5 Diversity of detectable ligands by engineered riboswitch-based 
sensors. Sensors based on natural riboswitches can detect corresponding natural 
ligands, which represent a limited diversity. By structure-guided mutagenesis, 
engineered riboswitches with mutations (red circles) can detect structural analogues to 
natural riboswitch ligands. Using in vitro selection, engineered RNA aptamer based on 
privileged riboswitch scaffolds can potentially detect almost any small molecule, which 
exhibits the greatest diversity of target ligands.  
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S-Adenosyl homocysteine (SAH) Riboswitch-based 
Biosensors for High-throughput Enzyme Activity Screens 
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2.1 Abstract 
 
Riboswitch-based fluorescent biosensor with high ligand specificity and 

sensitivity have been constructed by fusing a natural riboswitch, via its terminal stem, to 
an in vitro selected fluorogenic aptamer. However, such classic strategy is not 
applicable to riboswitches with topologies that lack canonical terminal stem structure, 
such as pseudoknot-containing riboswitches. To address this, we invented an alternate 
inverted fusion design strategy to engineer the pseudoknot-containing SAH riboswitches 
into selective and sensitive fluorescent biosensors, and demonstrated their versatility in 
high-throughput enzyme activity screens. 

High-throughput enzyme activity screens are essential for target characterization 
and drug development, but few assays employ techniques or reagents that are 
applicable to both in vitro and live cell settings. Here we present a class of SAH 
biosensors that provides a direct “mix and go” activity assay for methyltransferases 
(MTases), an enzyme class that includes several cancer therapeutic targets. Our 
riboswitch-based biosensors retained full selectivity for SAH over its close structural 
analogue, the highly abundant methylation cofactor S-adenosyl-L-methionine (SAM). 
The level of ligand selectivity for these fluorescent biosensors exceeded that of 
commercial antibodies for SAH and proved critical to cellular applications, as we 
employed them to measure methylthioadenosine nucleosidase (MTAN) activity in live 
Escherichia coli. In particular, we were able to monitor in vivo increase of SAH levels 
upon chemical inhibition of MTAN using flow cytometry, which demonstrates high-
throughput, single cell measurement of an enzyme activity associated with the 
biosynthesis of quorum sensing signal AI-2. Thus, this study presents RNA-based 
fluorescent biosensors as promising molecular reagents for high-throughput enzymatic 
assays that successfully bridge the gap between in vitro and in vivo applications. 
 
2.2 Introduction 

 
Enzymes that produce or break down S-adenosyl-L-homocysteine (SAH) are 

important and emerging targets for cancer and infectious disease. As a stoichiometric 
byproduct, SAH is produced in all methyltransferase (MTase) reactions that use the 
universal cofactor S-adenosyl-L-methionine (SAM). Methylation of genomic DNA and 
associated histone proteins is one of the most widespread epigenetic modifications and 
affects control of gene regulation in all eukaryotic organisms, including humans. To 
date, DNA MTase inhibitors have been approved for treatment of myelodysplastic 
syndrome (Fenaux et al., 2009), a bone marrow disease, and several protein MTases 
have been advanced as drug targets for treating mixed lineage leukemia (Daigle et al., 
2013), non-Hodgkin lymphoma (Knutson et al., 2014) and other cancers (Dawson and 
Kouzarides, 2012; Wagner and Jung, 2012). Interestingly, SAH is competitively bound 
by MTases and acts as a strong product inhibitor, because it only differs from SAM by a 
methyl group (Luo, 2012). In the infectious disease area, SAH is a substrate for the 
enzyme 5'-methylthioadenosine nucleosidase (MTAN), which breaks down SAH in the 
biosynthesis of the quorum-sensing signal AI-2 (Parveen and Cornell, 2011). Thus, 
MTAN has been proposed as an attractive target for antibiotic development (Gutierrez 
et al., 2009). 
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Due to this growing interest in SAH-related enzymes for both basic research and 

biomedical studies, there is need for an efficient and high-throughput method for SAH 
detection both in vitro and in vivo. Currently, in vitro detection of SAH to assay MTase 
activity relies on processing SAH into chromogenic or fluorogenic derivatives (Dorgan et 
al., 2006; Wang et al., 2011). However, involvement of additional enzyme reactions and 
reagents complicates assay development and risks high false-positive rates. Other 
methods of SAH detection include LC/MS- (Lakowski and Frankel, 2010) and antibody-
based protocols (Graves et al., 2008), but they are either low-throughput or expensive 
to carry out. Commercial antibodies used in these assays exhibit only ~180-fold 
selectivity for SAH over SAM (Graves et al., 2008). 
 

Indeed, detection of SAH in the cellular context is extremely challenging due to 
the low concentration of SAH compared to the high abundance of structurally related 
metabolites in the cell. For instance, SAH concentrations are in the low micromolar 
range in E. coli lysates (Halliday et al., 2010), while related metabolites, such as SAM 
and ATP, have concentrations in the range from hundreds of micromolar to millimolar 
(Bennett et al., 2009). To our knowledge, there are no existing methods for directly 
monitoring SAH levels in live cells. 
 

To address this challenge, we have generated a fluorescent biosensor that is 
highly selective for SAH. It was previously shown that a representative member of the 
SAH riboswitch class displays nanomolar binding affinity for SAH and effectively 
distinguishes between SAH and SAM by >1000-fold (Wang et al., 2008). This 
remarkable degree of molecular discrimination made the riboswitch an attractive starting 
point for sensing applications. However, the architecture of the SAH riboswitch aptamer, 
which includes a 3' terminal pseudoknot, precluded the use of existing design schemes 
for RNA-based fluorescent biosensors (Kellenberger et al., 2015b; Kellenberger et al., 
2013; Paige et al., 2012; Stojanovic and Kolpashchikov, 2004; You et al., 2015). 
 

Here we describe the development of fluorescent biosensors that provide direct 
detection of SAH both in vitro and in vivo. In order to incorporate a riboswitch aptamer 
with a 3' terminal pseudoknot, we demonstrate an inverted fusion design to a circular 
permutant of the Spinach2 aptamer, cpSpinach2 (Figure 2.1A). The cpSpinach2 
aptamer functions as a fluorophore-binding RNA with similar fluorescence turn-on 
properties as Spinach2. Using this design strategy and a phylogenetic screen of 
riboswitch sequences, we identified three fluorescent biosensors with high selectivity for 
SAH over SAM and affinities for SAH ranging from 75 nM to 1.3 µM. Using one of these 
SAH biosensors, we developed a “mix and go” fluorescent assay to measure the 
activities of DNA CpG MTase M.SssI and protein lysine MTase SET7/9. The reliability of 
the assay was demonstrated in a high-throughput format for substrate and inhibitor 
screens. Finally, we showcase the ability of these genetically encoded biosensors to 
monitor SAH levels in vivo by directly observing chemical inhibition of the endogenous 
enzyme MTAN in live E. coli cells. 
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2.3 Results 
 
cpSpinach2 as a functional alternative to the Spinach2 aptamer 

Prior strategies for construction of allosteric RNA-based fluorescent biosensors 
have taken advantage of the formation of a paired stem (P1') by the 5' and 3' ends of 
the ligand-sensing aptamer domains (Kellenberger et al., 2015b; Kellenberger et al., 
2013; Paige et al., 2012). However, structural studies of the SAH riboswitch aptamer 
showed that a 3' pseudoknot forms part of the ligand-binding pocket (Edwards et al., 
2010), which spaces the 5' and 3' ends considerably apart. Thus, in order to design an 
SAH biosensor, we envisioned an alternate design in which an internal paired stem 
(P2') of the riboswitch aptamer could be used as the transducer stem to connect to the 
fluorophore-binding domain, the Spinach2 aptamer. However, fusion to Spinach2 would 
lead to a bipartite biosensor composed of two single-stranded RNAs. We reasoned that 
if a circular permutant of the Spinach2 aptamer was functional, we could generate an 
SAH biosensor via an inverted design (Figure 2.1A). As shown, the cpSpinach2 would 
be inserted internally in place of the natural P2 loop of the riboswitch aptamer, with a 
GCAA loop sequence added to link the original 5' and 3' ends (Figure 2.1B). 

 
Circular permutations of functional RNAs are found in nature and have a rich 

history of application in structural and biochemical research of RNA (Nolan et al., 1993; 
Pan et al., 1991; Pan and Uhlenbeck, 1993; Perreault et al., 2011). However, the 
behavior of circularly permuted Spinach2 aptamer had not been examined previously. 
We first analyzed the dye binding and fluorescence activation of cpSpinach2 in 
comparison to Spinach2 in vitro. Following a previously reported method (Babendure et 
al., 2003), we derived the quantum yield (QY) and apparent dissociation constants (Kd) 
of the dye-aptamer complexes (Figure 2.2), which revealed that there was no significant 
difference in performance between the two aptamers under these conditions. A 
comparison to literature-reported (Paige et al., 2011) values of DFHBI-Spinach2 
complexes is given in Table 2.1. 
 

One caveat to the apparent Kd values determined above is that we have found 
that only a fraction of total RNA is functionally folded (∼60% at 30 °C, Figure 2.3). 
Taking this into account, the corrected Kd values are closer to those determined by 
measuring fluorescence increase with titration of DFHBI to a solution containing the 
RNA aptamer at limiting concentrations (Figure 2.1C). It also should be noted that the 
Kd values are temperature sensitive, since a decrease in DFHBI binding affinity was 
observed for both aptamers when the assay was performed at higher temperature 
(37 °C) (Figure 2.4). 
 

To compare the fluorescence of Spinach2 and cpSpinach2 in live cells, pET31b 
plasmids encoding the RNA aptamers in a tRNA scaffold were transformed into E. coli 
BL21* cells. Following IPTG induction of transcription, cells were incubated with DFHBI 
and fluorescence was quantitated by flow cytometry. The mean cellular fluorescence 
was measured as a function of increasing DFHBI concentration in the media in order to 
determine the optimal conditions for aptamer fluorescence. Unexpectedly, full saturation 
of Spinach2 or cpSpinach2 fluorescence was not observed, even when E. coli cells 
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were incubated in media containing up to 800 μM DFHBI (Figure 2.5). However, the 
non-specific fluorescence signal increased when DFHBI concentration exceeded 100 
μM. Thus, to balance higher fluorescence activation and lower non-specific background, 
a concentration of 100 μM was adopted for further experiments. Under these conditions, 
cellular fluorescence activation for Spinach2 and cpSpinach2 was on average 34- and 
22-fold over background, respectively (Figure 2.1D). Thus, cpSpinach2 is a functional 
alternative to Spinach2. It shows similar properties as Spinach2 in vitro, while it 
currently performs slightly less well in terms of fluorescence activation in live cells. This 
implies that some physiological factors, which are difficult to fully recapitulate in vitro, 
might affect its in vivo performance. For example, at 1 mM Mg2+, cpSpinach2 only 
showed a slight decrease (0.5 °C) in Tm compared to Spinach2 in vitro (Table 2.1). 
However, since the Tm of both RNA−dye complexes are close to 37 °C, only ∼50% of 
the RNAs are well folded under cellular conditions, this small difference may lead to 
faster RNA turnover and thus amplify differences in vivo. Improvements are likely 
possible through directed mutagenesis for higher thermal stability, improved folding 
efficiency and less Mg2+ dependency (Filonov et al., 2014). Interestingly, this result also 
suggests that fully circular Spinach2 aptamers (Lu et al., 2015) or Spinach-based 
biosensors should retain activity. 

 
Development and Characterization of RNA-Based Fluorescent Biosensors for 
SAH. 

We have found that sampling the phylogenetic diversity of riboswitch sequences 
can lead to improved biosensors (Kellenberger et al., 2015a). Thus, 29 representatives 
were randomly selected from the seed sequences of the SAH riboswitch family 
deposited in Rfam (Nawrocki et al., 2015), and the P2′ loops were replaced with 
cpSpinach2 (Figures 2.6 A, B, and 2.7, Table 2.2). The natural P2′ stems are longer 
than 4 base pairs, but were truncated to 4 or 5 base pairs. Empirically, this design has 
been optimal for other Spinach2-based fluorescent biosensors that we have developed 
(Kellenberger et al., 2015b; Kellenberger et al., 2013). In this way, we constructed 58 
biosensor candidates and screened them for fluorescence activation upon addition of 
SAH or SAM (Figures 2.6 A and 2.8). In this initial screen, 17 of the putative biosensors 
showed selective fluorescence response to SAH. 
 

Further analysis was performed on the three hits that showed more than 2-fold 
fluorescence activation in the screen. These biosensors incorporated SAH riboswitches 
from Alkalilimnicola ehrlichii, Methylibium petroleiphilum, and Nitrococcus mobilis and 
were called Aeh1−4, Mpe1−5, and Nmo1−4, respectively. The effects of varying Mg2+ 
and DFHBI concentrations on these biosensors were analyzed. Fluorescence turn-on of 
Aeh1−4 was highly Mg2+-dependent, while Nmo1−4 and Mpe1−5 were much less 
affected by Mg2+ concentration (Figure 2.9). Decreasing DFHBI concentrations 
uniformly improved fluorescence turn-on of SAH biosensors, but led to overall decrease 
in fluorescence signal (Figure 2.10). Regardless, the biosensors are uniformly selective 
for SAH over related metabolites, though a slight response of Mpe1−5 to high 
concentration of SAM or other adenine containing metabolites (adenosine, adenosine 5′ 
-triphosphate (ATP) or β-nicotinamide adenine dinucleotide (NAD+)) was observed 
(Figure 2.6C). Further analysis showed that low micromolar SAH was sufficient to 
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saturate fluorescence of the biosensors, while SAM needed to be at 1000- or 3000-fold 
higher concentrations to induce similar fluorescence response (Figure 2.11). This 
observation matches our expectation that these biosensors, like others we have made, 
retain the high selectivity of the original riboswitch aptamer, which was measured for 
one representative sequence to be >1000-fold (Wang et al., 2008). It should be noted 
that we made these measurements after performing HPLC purification of the 
commercial SAM sample, which contained ∼ 2− 3% of SAH (Figure 2.12). Our following 
success in employing the biosensors in vivo further support that the selectivity is at least 
1000-fold. The combined suite of three biosensors have a dynamic range that spans 3 
orders of magnitude for detection of SAH, from tens of nanomolar to tens of micromolar. 

 
In Vitro Application of Fluorescent Biosensors toward a Universal High-
Throughput MTase Activity Assay. 

Next, we investigated using riboswitch-based biosensors for the development of 
high-throughput MTase activity assays (Figure 2.13). As shown, enzymatic reactions 
were performed, then a fixed aliquot of the reaction mixture was diluted into the assay 
reaction containing the RNA biosensor, DFHBI, and buffer. The bacterial DNA MTase 
M.SssI possesses robust enzymatic activity and shares structural similarities with 
human DNA MTase 1 (DNMT1), an important epigenetic regulator and drug target 
(Brueckner et al., 2005; Hupkes et al., 2013). With the use of any of the fluorescent 
biosensors, M.SssI activity was detected as an increase in fluorescence only in the 
presence of both SAM and dsDNA substrate (Figure 2.14). To determine the generality 
of the strategy, we also tested this assay on a histone protein MTase. Protein lysine 
MTases are of great interest in epigenetic and pharmaceutical research, but they have 
lower turnover rates than DNA MTases, which makes them harder to assay (Luo, 2012). 
With the exception of DOT1L, all protein lysine MTases harbor a conserved domain 
(SET) for methylation; therefore, SET domain-containing MTase 7/9 (SET7/9) has been 
established as a model MTase (Luo, 2012; Xiao et al., 2003). As shown, the Aeh1−4 
biosensor displayed a fluorescence response to SET7/9 activity, although signal-to-
noise was lowered by increased background fluorescence in the control without SAM 
(Figure 2.13B). Such increased background might be due to incomplete removal of 
SAM or SAH during the purification of commercial SET7/9 MTase. These results show 
that MTase activity can be detected by RNA-based biosensors in a simple “mix and go” 
format with read-out in a fluorescence plate reader. 
 

Activity assays using SAH biosensors also may allow for characterization and 
discovery of inhibitors of clinically relevant MTases. Sinefungin, a structural analogue of 
SAM, is a broad-spectrum MTase inhibitor that competes with SAM in the cofactor-
binding pocket (Cole, 2008). Previous work has shown that sinefungin has a similar 
binding affinity to SET7/9 as SAM, with an IC50 close to the starting concentration of 
SAM. Accordingly, we observed dose-dependent loss of fluorescence that corresponds 
to inhibition of SET7/9 by sinefungin (Figure 2.13C, Figure 2.15). The IC50 was 
determined to be 26 ± 5 μM, as expected given an initial SAM concentration of 25 μM 
(Figure 2.13C). When the initial concentration of SAM was increased to 40 μM, IC50 also 
increased to be 42 ± 16 μM (Figure 2.16), which confirmed the correlation between 
sinefungin and SAM. 
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All of the MTase activity and inhibition assays described above were performed 

in a 96-well plate and analyzed in a fluorescence plate reader. These conditions lend 
themselves to high-throughput screening (HTS), a format that would facilitate substrate 
and drug discovery for MTases of interest. To assess the statistical reliability and 
performance of HTS methods, a Z′ score is commonly used, where a Z′ score higher 
than 0.5 is considered to be excellent (Zhang et al., 1999). To calculate the Z′ score for 
our activity and inhibition assays, independent replicates of the methylation reactions 
were manually pipetted into a 384-well plate. The ability to identify substrates and 
inhibitors using these assays was assessed. With the use of the Aeh1−4 biosensor, the 
Z′ score was 0.74 for the substrate screen and 0.44 for the inhibitor screen (Figure 
2.13D). In the latter case, the lower Z′ score is due to the biosensor signal not fully 
decreasing to background even at saturating inhibitor concentrations. We attribute this 
to sinefungin binding to the biosensor when used at high micromolar concentrations 
(Figure 2.17). Supporting this hypothesis, the higher affinity biosensor, Mpe1−5, has a 
Z′ score of 0.81 for the substrate screen, but only 0.28 for the inhibitor screen, whereas 
the lower affinity biosensor, Nmo1−4, exhibited a desirable Z′ score of 0.75 for the 
inhibitor screen (Figure 2.17). Overall, we have established a reliable and universal HTS 
assay for MTases using RNA-based biosensors. 
 
In Vivo Application of Fluorescent Biosensors to Detect SAH in Live E. coli Cells. 

Finally, the ability of these RNA-based biosensors to detect SAH in living cells 
was investigated. In E. coli, SAH is generated from SAM by cellular MTases and then 
metabolized by MTAN to form S-ribosyl-homocysteine (Figure 2.18A). Another common 
SAH degradation pathway involves SAH hydrolase (SAHH), but E. coli lacks SAHH 
activity (Shimizu et al., 1984) and does not have any genes homologous to 
Pseudomonas aeruginosa SAHH. Knockout of the MTAN gene causes SAH 
accumulation to levels that are about 50-fold greater than those found in the wild-type E. 
coli MG1655 strain (1.3 μM for wild-type), while SAM levels remain relatively unaffected 
(0.4 mM) (Halliday et al., 2010). To detect SAH accumulation, both E. coli BL21* wild-
type and ΔMTAN cells expressing SAH biosensors in a tRNA scaffold were analyzed by 
flow cytometry. Nmo1−4 and Mpe1−5 were chosen for their greater fluorescence 
brightness and fluorescence turn-on at 37 °C and 3 mM Mg2+, and their corresponding 
mutants, which disrupt the binding pocket and show no SAH response, were used as 
controls (Figure 2.19, Table 2.3). As expected, only the functional SAH biosensors 
exhibited significant increase in fluorescence signal in ΔMTAN versus wild-type cells 
(Figure 2.18B). A second ΔMTAN strain generated from a different target sequence also 
exhibited a similar trend for SAH detection (Figure 2.20). Because the ΔMTAN strain 
was observed to grow slower than wild-type, cpSpinach2 was also used to evaluate 
RNA expression; no significant difference in signal was observed for this control, 
consistent with results for the mutant biosensors. Furthermore, adenosine-2′,3′-
dialdehyde (Adox), an inhibitor of SAH hydrolase, does not increase SAH biosensor 
fluorescence in E. coli cells (Figure 2.21), which is consistent with the previous 
observation that the enzyme activity was not detected in E. coli (Shimizu et al., 1984). 
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Given the in vitro measured binding affinities for Nmo1−4 (0.75 μM) and Mpe1−5 
(19 nM) (Figure 2.19), we had expected that in wild-type E. coli cells, Mpe1−5 should 
exhibit saturated fluorescence, while Nmo1−4 should show fluorescence turn-on. 
However, our observations (Figures 2.18B, 2.20) instead showed that SAH levels in 
wild-type E. coli BL21* cells are close to the middle of the detection range for Mpe1−5 
and below the detection limit of Nmo1−4 (Figures 2.18B, 2.20). There are several 
possible explanations for our observations. First, our biosensors may have poorer 
binding affinities for SAH under physiological conditions, which are difficult to fully 
recapitulate in vitro. In fact, we found that the presence of 3 mM ATP in the in vitro 
binding reactions slightly reduced the apparent binding affinity of the biosensors for 
SAH (Figure 2.22A, B). This effect is likely due to some competitive binding of ATP to 
the SAH binding pocket, as the riboswitch aptamer has been previously shown to have 
weak affinity to ATP (Edwards et al., 2010). We found that 3 mM of NAD+, which had 
even weaker affinity to the riboswitch, had no effect on SAH binding affinity. The 
physiological concentrations of ATP and of NAD+ are 3−10 and 3 mM, respectively, in 
E. coli (Bennett et al., 2009; Buckstein et al., 2008). 

 
Interestingly, the biosensors do not show fluorescence turn-on in direct response 

to ATP or NAD+. Mpe1−5 actually has lower fluorescence in the presence of 10 mM 
ATP (Figure 2.22C). We determined that this unexpected quenching effect is likely due 
to competitive binding of ATP to the DFHBI binding pocket, as the Spinach2 aptamer 
alone showed the same effect (Figure 2.22D). In fact, this result explains the 
discrepancy between the in vitro binding affinity measured for DFHBI and the inability to 
saturate fluorescence signal in vivo for Spinach2 and cpSpinach2 (Figure 2.5). 
Importantly, however, the fluorescence signals of Spinach2, cpSpinach2, and our 
biosensors are not fully quenched in vivo, which may reflect that free ATP 
concentrations are lower than 10 mM. 

 
Another possible explanation is if the cellular concentration of biosensor is much 

higher than the actual Kd value (RNA sensor levels vary from 13.5 to 75 μM) (Paige et 
al., 2012), the signal becomes proportional to the amount of ligand up to saturation of 
the biosensor, rather than dependent on Kd. Due to these complicating factors, we 
caution that in vitro binding affinities cannot be directly extrapolated to interpret in vivo 
fluorescence readings. However, relative quantitation is possible when analyzing signal 
from a single biosensor, and our results also show that the relative affinities of different 
biosensors measured in vitro are consistent with their in vivo performance. Finally, the 
in vivo data further confirm that the selectivity of our biosensors for SAH over SAM is ∼ 
1000-fold or greater, because little to no background fluorescence activation is 
observed even though cellular SAM concentrations are high. 
 

We next attempted to monitor the dynamic change of SAH levels in live cells. For 
this purpose, BuT-DADMe-ImmA, a potent MTAN inhibitor developed by Schramm and 
coworkers (Gutierrez et al., 2009), was used to chemically regulate MTAN activity and 
thus SAH levels. In previous studies, this inhibitor showed a dose-dependent inhibition 
of MTAN in live E. coli cells with an IC50 of 125 nM, and 0.5 μM inhibitor reduced the 
MTAN activity to a level comparable to an MTAN knockout strain (Gutierrez et al., 
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2009). E. coli BL21* wild-type cells were grown overnight in the presence of various 
concentrations of MTAN inhibitor. These concentrations were shown to be not lethal to 
the bacteria (Gutierrez et al., 2009). Dose-dependent MTAN inhibition led to elevation of 
SAH levels as detected by Nmo1−4, while the mutant biosensor (Nmo1−4 M1) exhibited 
no fluorescence increase (Figure 2.18C). Importantly, our biosensors are highly 
selective for SAH and thus exhibit no fluorescence response to the MTAN inhibitor and 
little response to methylthioadenosine (MTA), the other substrate of MTAN, even at high 
micromolar concentrations (Figure 2.23). Thus, the dose-dependent fluorescence 
activation can be attributed to SAH accumulation in treated cells. Excitingly, we can 
observe gradual SAH accumulation in live cells upon inhibitor treatment, but flow 
cytometry analysis also reveals that the inhibition effect is not uniform, as the 
distribution of cellular fluorescence broadens with time (Figure 2.18D). Analysis of 
cpSpinach2 fluorescence under related conditions confirm that biosensor levels remain 
relatively constant during the time-course (Figure 2.24). Taken together, these results 
demonstrate the application of our biosensors in detecting and monitoring SAH levels in 
live E. coli cells. 
 
2.4 Discussion 
 

Here, we reveal that cpSpinach2 provides a different scaffold for RNA tagging 
and biosensor design. Besides the SAH riboswitch, many other natural riboswitch and in 
vitro selected aptamers contain pseudoknots (Corbino et al., 2005; Meyer et al., 2008; 
Tuerk et al., 1992), and they were thought to be incompatible with former biosensor 
designs (Paige et al., 2012). Our results show that cpSpinach2 provides a way to 
overcome this issue. 
 

With cpSpinach2 in hand, we developed a series of RNA-based biosensors for 
SAH. For these biosensors, the affinity for SAH is reduced relative to values reported for 
natural SAH riboswitch aptamers (Wang et al., 2008). This may be partly due to 
differences in conditions for the assays. Also, the specific SAH riboswitch aptamers 
identified in our biosensor screen had not been previously characterized, nor had the 
effect of truncations of the P2 stem been evaluated. However, it should be noted that 
one of these first-generation biosensors, Mpe1−5, has an apparent binding affinity to 
SAH of 75 nM (Figure 2.6D), which effectively allows activity assays to be performed 
with low nanomolar concentrations of enzymes. Importantly, only under these assay 
conditions can one screen for high-affinity inhibitor compounds with low nanomolar 
dissociation constants, and the direct fluorescent read-out enables our assay to be 
reliable and high-throughput (Figure 2.13C,D). Furthermore, we applied fluorescent 
biosensors to analyze methyltransferase activity in vitro, and our assay exhibits 
comparable or better selectivity and fluorescence turn-on than commercial assays that 
require both an antibody and a fluorescent analogue of SAH (Table 2.4) (Graves et al., 
2008). 
 

Our results present RNA-based biosensors as a promising alternative reagent to 
antibodies, which are expensive to produce (Chames et al., 2009), exhibit batch-to-
batch variation, and have less affinity or selectivity for small molecule compounds 
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versus protein targets (Jayasena, 1999). For example, the reported selectivity for a 
monoclonal antibody for SAH versus SAM was 180-fold (Graves et al., 2008), whereas 
the riboswitch aptamer and corresponding biosensor have >1000-fold selectivity (Wang 
et al., 2008). Our system benefits from ease of synthesis and purification, as the RNA-
based biosensors are enzymatically synthesized from DNA templates (∼ 150 nts) in vitro 
in one step, and the profluorescent dye DFHBI is readily synthesized in three steps 
(Paige et al., 2011). The direct “mix-and-go” format of our assay in detecting SAH is 
also advantageous over enzyme-coupled MTase assays (Dorgan et al., 2006; Klink et 
al., 2012; Luo, 2012). 
 

Another clear advantage of RNA-based biosensors over antibodies is that they 
can be employed to measure intracellular levels of a metabolite in live cells. Unlike prior 
examples (Kellenberger et al., 2015b; Kellenberger et al., 2013; Paige et al., 2012; 
Stojanovic and Kolpashchikov, 2004), in which high-abundance metabolites (SAM, 
ADP) or relatively specialized compounds (cyclic dinucleotides, TPP) were being 
detected, SAH posed a special challenge because it is very low in abundance relative to 
the highly analogous cofactor SAM. It was further compelling to find a solution to this 
molecular recognition problem because of the importance of related enzymes as 
disease targets. The recent discovery that reversible RNA methylation is widespread in 
humans and other organisms (Deng et al., 2015; Liu et al., 2014; Roundtree and He, 
2016) shows that more remains to be elucidated about the activity and function of 
enzymes associated with cellular methylation events. To our knowledge, no current 
method existed for in vivo monitoring of enzyme activity related to production of SAH in 
live cells. 
 

Assay reagents that are applicable to both in vitro and live cell settings, like 
SNAP-tag protein-based biosensors (Brun et al., 2012; Griss et al., 2014), are valuable 
tools for biomedical screen. However, such examples are very rare. Our work clearly 
demonstrates RNA-based biosensors as another promising example. 

 
Furthermore, we have demonstrated high-throughput, single-cell monitoring of 

SAH levels using flow cytometry. Using an RNA-based fluorescent biosensor, we 
directly visualized accumulation of substrate (SAH) upon chemical inhibition of an 
enzyme (MTAN) in the context of living bacteria (Figure 2.18). The ability to monitor the 
effect of a drug on a population of bacteria in a high-throughput manner is an attractive 
application of our biosensors for medicinal chemistry research. We envision that in the 
future, it may be possible to use fluorescence-activated cell sorting (FACS) to evaluate 
the in vivo efficacy or mechanism of inhibitors, or to isolate population members that 
have become drug-resistant at different time points. 
 

In summary, this work demonstrates proof-of-concept for in vitro biochemical 
assays and intracellular SAH detection with novel RNA-based SAH biosensors. We 
anticipate that for advanced applications, our first-generation fluorescent biosensors 
require further improvements. Higher fold turn-on of fluorescence and binding affinity to 
both SAH and DFHBI would be generally desirable for biosensor performance and likely 
can be achieved via a broader phylogenetic screen and/or directed evolution. For 
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development of high-throughput in vitro assays, biosensors should be screened for 
buffer compatibility. It would also be interesting to assess the effect of unnatural 
nucleotide modifications on biosensor function and resistance to RNase degradation. 
 

For in vivo applications, higher thermal stability and reduced competitive binding 
to ATP, which is an issue for both Spinach2 and cpSpinach2, would lead to brighter 
cellular fluorescence signal. To this end, efforts to engineer new DFHBI-binding 
aptamers (Autour et al., 2016) or novel RNA-dye pairs will be important. Also, a ratio-
metric read-out would be desirable for single-cell signal normalization, affording more 
accurate quantitation of SAH in cellulo. Strategies like fusion of fluorogenic RNA 
aptamers or development of FRET biosensors are being actively explored. Our long-
term goal is to develop next-generation fluorescent biosensors that can be used for 
targeted in vivo imaging of MTase activity. 
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2.5 Figures 
 

 
 
Figure 2.1 cpSpinach2 aptamer binds DFHBI and activates its fluorescence with 
similar performance to Spinach2 aptamer (A) Circular permutation strategy enables 
the design of an SAH riboswitch-based fluorescent biosensor. Circular permutation of 
Spinach2 is achieved by removal of the P2 loop and addition of the P1 tetraloop 
(green). Fusion of cpSpinach2 with the SAH riboswitch (orange) via a P2/P2' transducer 
stem generates the SAH biosensor. (B) Secondary structure model of cpSpinach2 and 
the chemical structure of DFHBI. (C) In vitro fluorescence activation and binding affinity 
measurements for RNA aptamers with DFHBI. (D) Live cell fluorescence measured by 
flow cytometry for E. coli BL21* cells expressing plasmid encoding RNA aptamers and 
incubated in media containing DFHBI. All error bars represent standard deviation 
between three independent replicates. 
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Figure 2.2 In vitro analysis of dissociation constants (Kd) and quantum yields (QY) 
for Spinach2-DFHBI and cpSpinach2-DFHBI complexes. Error bars indicate the 
standard deviation for 3 independent replicates and the best-fit curves are shown. 
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Figure 2.3. Folding assay for determining the fraction of RNA aptamers that is 
properly folded for DFHBI binding. The average percentages of correctly folded RNA 
are indicated above each set of bars. 
 
  

cpS
pin

ach
2

Spin
ach

2
0

2 106

4 106

6 106

RF
U

RNA limiting
 DFHBI limiting

64 ± 8%
60 ± 2%

30 °C, 10 mM MgCl2



 

 39 

 

 
 

Figure 2.4. In vitro analysis of cpSpinach2 and Spinach2 binding affinity (Kd) for 
DFHBI. Data was collected from 3 independent replicates and the best-fit curves are 
shown. Background fluorescence of DFHBI (without RNA aptamer) was subtracted from 
all data points. Error bars indicate the standard deviation for 3 independent replicates. 
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Figure 2.5. In vivo analysis of dose-dependent fluorescence activation of DFHBI 
by cpSpinach2 and Spinach2 aptamers. Insets show the non-specific background 
fluorescence under the same conditions, noting the different y-axis scales. For part A, 
error bars indicate difference between 2 independent replicates. 

 
  

0 1 2 3
0

1000

2000

3000

4000

5000

6000

7000

log [DFHBI, µM]

RF
U

Spinach2
cpSpinach2
Negative Control

0 1 2 3
0

3000

6000

9000

12000

15000

log [DFHBI, µM]

RF
U

Spinach2
cpSpinach2
Negative Control

1 mM IPTG
3.5 hrs induction

1 mM IPTG
6 hrs induction

0 1 2 3
0

100

200

300

400

500

log [DFHBI, µM]

R
FU

0 1 2 3
0

500

1000

1500

log [DFHBI, µM]

R
FU

A

B



 

 41 

 

 
 

Figure 2.6 RNA-based fluorescent biosensors detect SAH selectively and with a 
range of binding affinities. (A) Design and work flow of screen for SAH riboswitch-
based biosensors. (B) Secondary structure model of Aeh1−4 biosensor and chemical 
structure of SAH. (C) Ligand profile for SAH biosensors: 1, H2O; 2, SAH; 3, SAM; 4, 
Adenosine; 5, D,L-homocysteine; 6, L-methionine; 7, ATP; 8, NAD+. (D) In vitro analysis 
of biosensor binding affinity for SAH. Fraction of biosensor bound was determined by 
normalizing to the fluorescence signal with saturating ligand (1.0) and without ligand (0). 
All error bars represent standard deviation of three independent replicates. 
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Figure 2.7. Jalview (http://www.jalview.org/) alignment of sequence 
representatives of natural SAH riboswitch aptamers used in the phylogenetic 
screen for SAH riboswitch-based fluorescent biosensors. Putative natural P2¢ stem 
sequences are highlighted in purple.  
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Figure 2.8. A screen of SAH riboswitch representatives reveals 17 RNA 
sequences with selective response to SAH. Biosensors incorporate riboswitch 
aptamers with (A) 4 base-pair or (B) 5 base-pair P2¢ stems and are alphabetically 
ordered. The nomenclature is based on species origin of the sequence and the number 
of base pairs retained in the P2¢ stem, e.g. Mxa1-5 stands for SAH riboswitch from 
Myxococcus xanthus, sequence 1 with 5 base pairs of P2¢ stem retained. SAH 
biosensors chosen for further characterization are indicated with solid arrows, while 
other responsive sequences (greater than 0.8x fluorescence increase at 100 μM SAH) 
are indicated with dashed arrows. For data with error bars, results shown are averaged 
from 2 independent replicates. 
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Figure 2.9. Analysis of effect of magnesium ion concentration on the performance 
of SAH biosensors. Numbers in the figure indicate the fold activation in fluorescence 
with and without SAH. 
 
Magnesium concentrations in fluorescent assays  

Magnesium often is a critical cofactor for RNA folding. Folding of the Spinach 
aptamer has been described as highly magnesium-dependent, and magnesium appears 
to promote folding and stabilize the binding pocket of the SAH riboswitch. Magnesium 
concentration was investigated in an effort to improve the fluorescence turn-on of the 
biosensors (around 5-, 4-, 9-fold for Aeh1-4, Mpe1-5 and Nmo1-4, respectively, at 
37 °C, 10 mM Mg2+). Interestingly, only Aeh1-4 exhibited marked improvement in 
fluorescence turn-on with increasing magnesium from 1 to 20 mM. For the other two 
biosensors, increases in fluorescence activation with SAH was counteracted by 
increases in fluorescence background without SAH, so fold turn-on remained relatively 
unchanged. 
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Figure 2.10. Analysis of effect of DFHBI concentration on the performance of SAH 
biosensors. Numbers in the figure indicate the fold activation in fluorescence with and 
without SAH. 
 
DFHBI concentrations in fluorescent assays  

Decreasing DFHBI concentrations from 10 to 1 µM uniformly improves 
fluorescence turn-on (around 11-, 10-, and 23-fold for Aeh1-4, Mpe1-4, and Nmo1-4, 
respectively at 1 µM DFHBI). While overall fluorescent signal decreases, the 
fluorescence background for the biosensor minus SAH drops close to the level of 
DFHBI alone (QY 0.00072), which leads to higher turn-on. 
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Figure 2.11. Fluorescence activation of RNA-based biosensors Aeh1-4 (A), Mpe1-
5 (B) and Nmo1-4 (C) for SAH versus SAM. Error bars indicate the standard deviation 
for 2 independent replicates.  
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Figure 2.12. HPLC purification and LC-MS characterization of commercial source 
of SAM (Sigma-Aldrich, A7007). UV-trace of HPLC separation (A) was shown with 
peaks assigned to SAM, SAH or MTA, respectively. Chemical structures of each 
compound were shown. The fractions between the dashed lines were collected and 
their purity was verified using LC-MS (B). The compounds were assigned based on the 
mass spectrometry results (C). 
 
SAH contamination in commercial source of SAM 

SAM in aqueous solution is known to epimerize and/or degrade to SAH, 
methylthioadenosine (MTA) and adenine. It has been reported that commercial SAM 
isolated from yeast contains at least 20% epimerized SAM, and that the rate of 
racemization is constant over the pH range from 1.5 to 7.5. By LC-MS analysis of the 
SAM stocks used in this study, we identified the presence of epimerized SAM, MTA, 
and SAH as contaminants. 
The commercial SAM stock was found to contain 2-3% SAH contamination and was 
purified by HPLC. LC-MS characterization confirmed that after this purification 
procedure, SAH contamination was no longer detectable, although there remained trace 
amounts of the other degradation product, MTA. This purified SAM was used for 
selectivity and binding affinity analysis in Figures 2.6.(C) and 2.11. 
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Figure 2.13. RNA-based fluorescent biosensors enable high-throughput 
screening of MTase activity and inhibition. (A) Schematic of MTase enzyme reaction 
and subsequent detection of SAH by fluorescent biosensors. (B) Aeh1−4 biosensor 
detects methylation activity of protein lysine MTase SET7/9 (red). Enzyme reactions 
that lack one component served as negative controls (white) and SAH served as a 
positive control (black). (C) Sinefungin inhibition of MTase SET7/9 is measured using 
Aeh1−4. Percent enzyme activity was determined by normalizing to the fluorescence 
signal without inhibitor (100%) and without substrate (0%). (D) The Z′ scores for MTase 
activity and inhibition assays using Aeh1−4 were determined in 384-well format. Error 
bars represent standard deviation of three independent replicates (B and C) or 16 
replicates (D). 
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Figure 2.14. RNA-based fluorescent biosensors detect methylation activity of 
bacterial DNA methyltransferase M.SssI. For the SAH positive control, 1 μM SAH was 
used. Error bars indicate the standard deviation for 3 independent replicates. 
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Figure 2.15. Time-course of SET7/9 enzymatic activity performed using Aeh1-4 
biosensor to detect SAH production. Error bars indicate the standard deviation for 3 
independent replicates. 
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Figure 2.16. Dose-dependent inhibition of SET7/9 MTase by sinefungin was 
characterized with 40 μM as the starting concentration of SAM. Best-fit curve is 
shown.  
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Figure 2.17. Determination of Z¢ score for MTase activity or inhibition assay using 
Nmo 1-4 (A) or Mpe1-5 (B) performed in HTS format. Both enzymatic reaction and 
fluorescent measurements were carried out in a 384-well high-throughput format. (C) 
Selectivity profile of SAH biosensors for SAH and MTase inhibitor, sinefungin.  Error 
bars represent standard deviation of 16 independent replicates (A, B) or 2 independent 
replicates (C).  
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Figure 2.18. Detection of SAH in live E. coli by RNA-based fluorescent 
biosensors. (A) SAH is catabolized by the MTAN enzyme in E. coli. (B) Nmo1−4 and 
Mpe1−5 fluorescent biosensors detect accumulation of SAH in MTAN knockout strain 
compared to wild-type BL21* E. coli. MFI is mean fluorescence intensity of at least 
20,000 live cells measured by flow cytometry (ex 488 nm, em 530 nm). Negative control 
is an inactive GFP mutant. n.s. is not significant; double asterisk (**) indicates p < 0.05 
by unpaired Student’s two-tailed t test. (C) SAH accumulation caused by BuT-DADMe-
ImmA inhibition of MTAN in wild-type E. coli BL21* cells is directly detected using 
Nmo1−4 biosensor. (D) Dynamic change of SAH levels in wild-type E. coli BL21* 
population with and without inhibitor treatment (1 μM) is measured using Nmo1−4. A set 
of representative flow cytometry profiles also is shown; the arrow indicates increase in 
mean fluorescence of the population. Error bars represent standard deviation of 3 (B, C) 
or 2 independent biological replicates (D). 
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Figure 2.19. In vitro characterization of SAH biosensors and corresponding 
mutants under mock physiological conditions. (A) In vitro analysis of biosensor 
binding affinities for SAH under condition of low concentration of magnesium ion (3 
mM). (B) Profile of SAH RNA-based biosensors and their corresponding mutants in 
response to SAH. Error bars represent standard deviation of 2 independent replicates.  
 
Effect of magnesium concentration on biosensor binding affinity for SAH 

Under condition of low concentration of magnesium (3 mM), SAH biosensors 
Mpe1-5 and Nmo1-4 show high fluorescence response to SAH, with affinity comparable 
to that measured under high magnesium concentration (10 mM), while Aeh1-4 showed 
decreased fluorescence turn-on.  
 
Mutants of SAH RNA-based biosensors  

No fluorescence response is observed for RNA-based SAH biosensors mutants 
when high micromolar concentration of SAH are present. However, background 
fluorescence of these mutants differs from that of wild-type biosensors (with H2O). This 
might be explained by the fact that the mutated nucleotides lie close to the transducer 
stem of the biosensor (Table S3).  Thus, mutation in these positions might affect the 
stability of the transducer stem, which leads to altered background fluorescence of the 
biosensors. 
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Figure 2.20. Live cell detection of SAH accumulation in E. coli BL21* MTAN knockout 
strain 2 using SAH RNA-based biosensors. The number above each pair of bars 
represents fold change in fluorescence between wild-type and the MTAN knockout 
strain. Error bars represent standard deviation of 3 independent biological replicates.  
 
Live cell detection of SAH accumulation in E. coli MTAN-knockout strain 2 

Similar to Figure 4B, Nmo1-4 and Mpe1-5 biosensors detect accumulation of 
SAH in another E. coli BL21* MTAN knockout strain, though modest fluorescence 
increases are observed for both negative control (GFP mutant) and samples with 
cpSpinach2 transcribed (1.4x fluorescence increase). Similar to Figure 4B, except that a 
different target sequence for Targetron knockout of the same MTAN gene was used to 
generate MTAN knockout strain 2. The difference in the exact target sequence might 
lead to a different extent of off-target effects, which affects the transcription and 
regulation of RNA levels in the bacterial cells and thus eventually leads to the observed 
fluorescence increase.  
 

However, it should be noted that despite such background fluorescence 
increase, both wild-type biosensors exhibited fluorescence changes (4.8x and 2.0x) that 
were much greater than the background changes (1.4x), as well as greater than their 
corresponding mutant (1.9x and 1.2x). This observation clearly indicated that both 
Nmo1-4 and Mpe1-5 are capable of detecting accumulation of SAH in live cells, which is 
the result of knocking out MTAN in E. coli cells. 
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Figure 2.21. Live cell detection of SAH level for examining the effect of SAHH 
inhibitor, Adox, treatment in WT E. coli cells. Error bars represent standard deviation 
of 2 independent replicates. 
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Figure 2.22. Competition of SAH with ATP or NAD on SAH biosensor Nmo1-4 (A) 
and Mpe1-5 (B) fluorescence activation (C) Selectivity profile of SAH biosensors for 
SAH and ATP, NAD. (D) Effect of ATP on Spinach2-DFHBI fluorescence. Error bars 
represent 2 independent replicates. 
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Figure 2.23. (A) Live cell detection of SAH accumulation caused by 
methylthioadenosine nucleosidase (MTAN) inhibition in E. coli BL21* wild-type strain 
using SAH biosensors Nmo1-4 and Mpe1-5. Graph shows mean fluorescence 
intensities with or without MTAN inhibitor. Two sets of representative flow cytometry 
profiles are also shown for Nmo1-4 and Nmo1-4 M1. (B) Selectivity profile of SAH 
biosensors for SAH and MTAN inhibitor, BuT-DADMe-ImmA. (C) Selectivity profile of 
SAH biosensors for SAH and Methylthioadenosine (MTA). Error bars represent 
standard deviation of 3 independent biological replicates (A) or 2 independent replicates 
(B, C). 
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Figure 2.24 Fluorescence of cpSpinach2-expressing E. coli cells grown 16 hrs in auto-
induction media, then pelleted and re-suspended in M9 minimal media without RNA 
transcription inducers. Error bars represent 3 independent biological replicates. 
 
RNA stability in E. coli: 

For the time-course experiment shown in Figure 2.18(D), E. coli cells from 
overnight culture (16 h post-inoculation and induction) were pelleted and re-suspended 
in M9 minimal media without transcriptional inducers (lactose). To analyze the stability 
of RNA levels under these conditions, E. coli cells expressing cpSpinach2 were 
processed using the same procedures and fluorescence was monitored for 4 h. 
Fluorescence readings remained stable for up to 3 h in M9 minimal media. Therefore, 
we expect that the related biosensor levels would be stable in the same time-frame, so 
the fluorescence change shown in Figure 2.18(D) reflects the dynamic change in SAH 
levels. 
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Table 2.1. Comparison of photophysical and binding properties of DFHBI-RNA 
aptamer complexes. 
 

 

Excitation 

Maximum 

(nm) 

Emission 

maximum 

(nm) 

Extinction 

coefficient 

(M-1-cm-1) 

Quantum 

yield 

Kd 

(μM) 

Tm 

(°C) 

DFHBI 

(in previous lit.) 
423 489 30100 0.0007 − − 

DFHBI 

(in this work) 
428 ± 1 502 ± 1 30018 

0.00072 ± 

0.00013 
− − 

DFHBI-Spinach2 

(in previous lit.) 
447 501 22000 0.72 0.530 38 ± 0.4 (1 mM Mg2+)  

DFHBI-Spinach2 

(in this work) 
450 ± 2 506 ± 1 − 

0.45 ± 

0.02 

2.1 ± 0.8 (30 °C)** 

4.9 ± 1.0 (30 °C)* 

8.6 ± 2.2 (37 °C) ** 

37 ± 0.3 (1 mM Mg2+) 

40 ± 0.4 (3 mM Mg2+) 

40 ± 0.3 (10 mM Mg2+) 

DFHBI-

cpSpinach2 

(in this work) 

450 ± 2 506 ± 1 − 
0.44 ± 

0.02 

2.0 ± 0.5 (30 °C) ** 

6.1 ± 1.1 (30 °C)* 

5.4 ± 1.0 (37 °C) ** 

36.5 ±0.3 (1 mM Mg2+)  

39.5 ±0.3 (3 mM Mg2+) 

40 ± 0.3 (10 mM Mg2+) 
* From measurement of quantum yield by titrating varied concentrations of RNA aptamer to a fixed 
concentration of DFHBI; for more details, see Fig. 2.2.  
** From measurement of fluorescence by titrating varied concentrations of DFHBI to fixed 
concentration of RNA aptamer; for more details, see Fig. 2.1(C), Fig. S3. 
 

The excitation maximum, extinction coefficient and fluorescence quantum yield 
measured in this work for DFHBI match well with data reported in the literature, but 
there is an inconsistency in the emission wavelength maximum. For the DFHBI-RNA 
aptamer complex, dissociation constants (Kd) determined by titration of DFHBI were 
observed to be temperature-sensitive for both DFHBI-Spinach2 and DFHBI-cpSpinach2 
(Figure 2.1C, 2.4). The apparent Kd values determined by titration of RNA (Figure 2.2) 
were different, but this can be explained by the difference in total versus functionally 
folded RNA (Figure 2.3). The inconsistency between measured Kd values reported in 
previous literature and in this work may be due to differences in temperature conditions 
and in determination of RNA concentrations. Hypochromicity associated with structured 
RNAs often leads to systematic underestimation of RNA concentrations, which we 
correct for by using a thermal hydrolysis method prior to UV absorbance 
measurements. 
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Table 2.2. Sequences used in the phylogenetic screen. Bold sequences indicate 
cpSpinach2 sequences used in the SAH biosensors. Italic and underlined sequences 
indicate the transducer stem of the biosensors. 
 

Name Sequence (5¢ to 3¢) 

Aeh1-4 CGCCCCGAGG AGCGCTGCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCTGCCAGG CTCGGGGATG 
GCGCCCCATC GTTCCAACGG CGCTCAGCGA AA 

Aeh1-5 CGCCCCGAGG AGCGCTGCAA CAGGGTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CACCCTGCCA GGCTCGGGGA 
TGGCGCCCCA TCGTTCCAAC GGCGCTCAGC GAAA 

Azo1-4 CCTGCCGAGG AGCGCTGCGA CCCGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACGGGCCAGG CTCGGCAACC 
GAACAACGGC GCTCGCAAAC C 

Azo1-5 CCTGCCGAGG AGCGCTGCGA CCCGATTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CACCGGGCCA GGCTCGGCAA 
CCGAACAACG GCGCTCGCAA ACC 

Bgl1-4 TTTCCGAGGA GCGTTGCGAC GGGTTGTTGA GTAGAGTGTG AGCTCCGTAA CTAGTTACAT 
CGCAAGATGT AACTGAATGA AATGGTGAAG GACGGGTCCA CCCGCCAGGC TCGGAAATCT 
TCACCAGGCG GTGGCCCG 

Bgl1-5 TTTCCGAGGA GCGTTGCGAC GGGCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGCCCGCCAG GCTCGGAAAT 
CTTCACCAGG CGGTGGCCCG  

Bth1-4 GTTTCCGAGG AGCGTTGCGA CGGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCCGCCAGG CTCGGAAATG 
GTCAACCGAG CGGTGTGTCT  

Bth1-5 GTTTCCGAGG AGCGTTGCGA CGGGCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGCCCGCCA GGCTCGGAAA 
TGGTCAACCG AGCGGTGTGT CT 

Cac1-4 CAATCCGAGG AGCGCTGCAG GGCCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGTTTCAGG CTCGGATTCC 
TTAAACGGCG CTCATCCGAC  

Cac1-5 CAATCCGAGG AGCGCTGCAG GGCCGTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CACGGTTTCA GGCTCGGATT 
CCTTAAACGG CGCTCATCCG AC 

Cte1-4 CCATCCGAGG AGCGTTGCAG CGTTTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGCGTGAGG CTCGGATTTC 
ATCCCGCAAC GACGCTCGCC CACG 

Cte1-5 CCATCCGAGG AGCGTTGCAG CGTTCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGGGCGTGA GGCTCGGATT 
TCATCCCGCA ACGACGCTCG CCCACG 

Cme1-4 CACTCCGAGG AGCGTTGCAA CGGATTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ATCCGCCAGG CTCGGAATGT 
TTCAACGGCG CTCGCAGTTC  

Cme1-5 CACTCCGAGG AGCGTTGCAA CGGATTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CATTCCGCCA GGCTCGGAAT 
GTTTCAACGG CGCTCGCAGT TC 
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Dac1-4 CTCTCCGAGG AGCGTTGCAG CGGCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGTCGCGAGG CTCGGAGTCA 
TACCTGCAAC GACGCTCGCC CACG 

Dac1-5 CTCTCCGAGG AGCGTTGCAG CGGCCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGGTCGCGA GGCTCGGAGT 
CATACCTGCA ACGACGCTCG CCCACG 

Dar1-4 TGCCGAGGAG CGCTGCGACC CTTTGTTGAG TAGAGTGTGA GCTCCGTAAC TAGTTACATC 
GCAAGATGTA ACTGAATGAA ATGGTGAAGG ACGGGTCCAG GGGCCAGGCT CGGCAATGAT 
CAACGGCGCT CGCAAACC 

Dar1-5 TGCCGAGGAG CGCTGCGACC CTTTTGTTGA GTAGAGTGTG AGCTCCGTAA CTAGTTACAT 
CGCAAGATGT AACTGAATGA AATGGTGAAG GACGGGTCCA GGGGGCCAGG CTCGGCAATG 
ATCAACGGCG CTCGCAAACC  

Lim1-4 CCGTTCGAGG AGCGTTGCGA CACATTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGTGCTAGG CTCGAACAAG 
AAATAAACAA CGGCGCTCAC GCTTC 

Lim1-5 CCGTTCGAGG AGCGTTGCGA CACACTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGGGTGCTA GGCTCGAACA 
AGAAATAAAC AACGGCGCTC ACGCTTC 

Mca1-4 GCGCCGAGGA GCGCTGCGAC GGCTTGTTGA GTAGAGTGTG AGCTCCGTAA CTAGTTACAT 
CGCAAGATGT AACTGAATGA AATGGTGAAG GACGGGTCCA GCCGCCAGGC TCGGCGGGGA 
CAATCGGTTT TCCAACGGCG CTCTGTTTAT  

Mca1-5 GCGCCGAGGA GCGCTGCGAC GGCCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGCCGCCAG GCTCGGCGGG 
GACAATCGGT TTTCCAACGG CGCTCTGTTT AT 

Mpe1-4 ACTTTCGAGG AGCGTTGCAA CTCCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGAGCCAGG CTCGAAAGTC 
ATCCCCCGAT GCAACGGCGC TCACCCGCA 

Mpe1-5 ACTTTCGAGG AGCGTTGCAA CTCCCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGGGAGCCA GGCTCGAAAG 
TCATCCCCCG ATGCAACGGC GCTCACCCGC A 

Mxa1-4 GACTTCGAGG AGCGCTGCGA GGCCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGCCCCAGG CTCGAAGCGG 
AATCACCCAA CGGCGCTCAC CTGTA 

Mxa1-5 GACTTCGAGG AGCGCTGCGA GGCCGTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CACGGCCCCA GGCTCGAAGC 
GGAATCACCC AACGGCGCTC ACCTGTA 

Nmo1-4 CTCGCCGAGG AGCGCTGCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCTGCCAGG CTCGGCGATT 
ATCGGGACCT TTAAACCAAC GGCGCTCGGT TCAG 

Nmo1-5 CTCGCCGAGG AGCGCTGCAA CAGGATTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CATCCTGCCA GGCTCGGCGA 
TTATCGGGAC CTTTAAACCA ACGGCGCTCG GTTCAG 

Neu1-4 TTGTACCGAG GAGCGCTGCA ACGGTTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CACTCGTGAG GCTCGGACAA 
ATGAACAACC CAACAACGGC GCTCTTTCAC T 

Neu1-5 TTGTACCGAG GAGCGCTGCA ACGGTCTTGT TGAGTAGAGT GTGAGCTCCG TAACTAGTTA 
CATCGCAAGA TGTAACTGAA TGAAATGGTG AAGGACGGGT CCATCTCGTG AGGCTCGGAC 
AAATGAACAA CCCAACAACG GCGCTCTTTC ACT 



 

 64 

Nmu1-4 CAGACCGAGG AGCGCTGCAA CGGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCCGCGAGG CTCGGCAAGG 
AAGGATCGCT ACAACGGCGC TCGTTCATT 

Nmu1-5 CAGACCGAGG AGCGCTGCAA CGGGCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CATCCCGCGA GGCTCGGCAA 
GGAAGGATCG CTACAACGGC GCTCGTTCAT T 

Pme1-4 CCGTCCGAGG GGCGCTGCAG CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ATTTGTCAGG CTCGGATGGG 
GCGTTAACCA TACGCATCAA CGGCGCCCAT TCGCA 

Pme1-5 CCGTCCGAGG GGCGCTGCAG CAGGTTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGTTTGTCA GGCTCGGATG 
GGGCGTTAAC CATACGCATC AACGGCGCCC ATTCGCA 

Pol1-4 CTTCCTGAGG AGCGTTGCAA CCCATTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ATGGACCAGG CTCAGGACTT 
CATTGCAACC ACGCTCACCC GCA 

Pol1-5 CTTCCTGAGG AGCGTTGCAA CCCACTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGTGGACCA GGCTCAGGAC 
TTCATTGCAA CCACGCTCAC CCGCA 

Pae1-4 CCGTTCGAGG GGCGCTGCAG CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCTGTCAGG CTCGAACGGA 
GCGCGCTCTC AGGCCGGCCT CGCCGGTCTG TCAACGCACC AACGGCGCCC ATTC 

Pae1-5 CCGTTCGAGG GGCGCTGCAG CAGGCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGCCTGTCA GGCTCGAACG 
GAGCGCGCTC TCAGGCCGGC CTCGCCGGTC TGTCAACGCA CCAACGGCGC CCATTC 

Pfl2-4 CTGTCCGAGG GGCGCTGCAG CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCTGTCAGG CTCGGATGGG 
GCGTTGTTGG TACAGGGCTC CCTGTATGGA CACTAAACGC ACAACGGCGC CCAT 

Pfl2-5 CTGTCCGAGG GGCGCTGCAG CAGGCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAACCTGTCA GGCTCGGATG 
GGGCGTTGTT GGTACAGGGC TCCCTGTATG GACACTAAAC GCACAACGGC GCCCAT 

Ppu1-4 CTGTCCGAGG GGCGCTGCAG CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCTGTCAGG CTCGGATGGG 
GCGTTGCTCG CTCCCGCGAG CGCTTAACGC ACAACGGCGC CCATTCGCA 

Ppu1-5 CTGTCCGAGG GGCGCTGCAG CAGGCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGCCTGTCA GGCTCGGATG 
GGGCGTTGCT CGCTCCCGCG AGCGCTTAAC GCACAACGGC GCCCATTCGC A 

Pst1-4 CCACCCGAGG GGCGCTGCAG CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCTGTCAGG CTCGGATGGG 
GCGTTTCCTC GAACGCATCA ACGGCGCCCA TTCGCA 

Pst1-5 CCACCCGAGG GGCGCTGCAG CAGGTTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAACCTGTCA GGCTCGGATG 
GGGCGTTTCC TCGAACGCAT CAACGGCGCC CATTCGCA 

Psy1-4 CCTGTCCGAG GGGCGCTGCA GCAGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACTGTCAGGC TCGGATGGGG 
CGTTGTTTGT CAGGTTGATC ACAGCCGGCA AGCCTTAAAC GCACAACGGC GCCCATTCGC A 

Psy1-5 CCTGTCCGAG GGGCGCTGCA GCAGGTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CACCTGTCAG GCTCGGATGG 
GGCGTTGTTT GTCAGGTTGA TCACAGCCGG CAAGCCTTAA ACGCACAACG GCGCCCATTC GCA 
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Rfea1-4 TTCCGAGGAG CGTTGCAGCT CTTGTTGAGT AGAGTGTGAG CTCCGTAACT AGTTACATCG 
CAAGATGTAA CTGAATGAAA TGGTGAAGGA CGGGTCCAGA GTGAGGCTCG GAGCACGCGG 
CCCTGATGGG GCTGCGACAG TCAACGGCGC TCACCCACT 

Rfea1-5 TTCCGAGGAG CGTTGCAGCT CGTTGTTGAG TAGAGTGTGA GCTCCGTAAC TAGTTACATC 
GCAAGATGTA ACTGAATGAA ATGGTGAAGG ACGGGTCCAC GAGTGAGGCT CGGAGCACGC 
GGCCCTGATG GGGCTGCGAC AGTCAACGGC GCTCACCCAC T 

Rfem1-

4 
TCTTCCAAGG AGCGTTGCAG TCGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCGGTCAGG CTTGGATGAC 
CCCAACGACG CTCACCTGAT  

Rfem1-

5 

TCTTCCAAGG AGCGTTGCAG TCGGCTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGCCGGTCA GGCTTGGATG 
ACCCCAACGA CGCTCACCTG AT 

Rso1-4 TTCCGAGGAG CGTTGCAACG GCTTGTTGAG TAGAGTGTGA GCTCCGTAAC TAGTTACATC 
GCAAGATGTA ACTGAATGAA ATGGTGAAGG ACGGGTCCAG CCGCCAGGCT CGGAAGTTCA 
AACGGCGCTC GCACTAT 

Rso1-5 TTCCGAGGAG CGTTGCAACG GCCTTGTTGA GTAGAGTGTG AGCTCCGTAA CTAGTTACAT 
CGCAAGATGT AACTGAATGA AATGGTGAAG GACGGGTCCA GGCCGCCAGG CTCGGAAGTT 
CAAACGGCGC TCGCACTAT 

Sma1-4 CTGCCGAGGG GCGCTGCGAC CGGTTGTTGA GTAGAGTGTG AGCTCCGTAA CTAGTTACAT 
CGCAAGATGT AACTGAATGA AATGGTGAAG GACGGGTCCA CCGGCCAGGC TCGGCCAGGT 
GGTACTGCAA CAACGGCGCC CGGCCAGA 

Sma1-5 CTGCCGAGGG GCGCTGCGAC CGGATTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGCCGGCCAG GCTCGGCCAG 
GTGGTACTGC AACAACGGCG CCCGGCCAGA 

Sau1-4 CAACCTGAGG AGCGCTGCAA CGGGTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC ACCCGCCAGG CTCAGGTTCA 
TGTAACGGCG CTCGCTGACT  

Sau1-5 CAACCTGAGG AGCGCTGCAA CGGGGTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CATCCCGCCA GGCTCAGGTT 
CATGTAACGG CGCTCGCTGA CT 

Vei1-4 CGCTCCGAGG AGCGTTGCAG CGCCTTGTTG AGTAGAGTGT GAGCTCCGTA ACTAGTTACA 
TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC AGGCGTGAGG CTCGGGCATC 
ATCTGGCAAC GACGCTCATC CACA 

Vei1-5 CGCTCCGAGG AGCGTTGCAG CGCCTTTGTT GAGTAGAGTG TGAGCTCCGT AACTAGTTAC 
ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC CAGGGCGTGA GGCTCGGGCA 
TCATCTGGCA ACGACGCTCA TCCACA 
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Table 2.3. Sequences used in this study. Bold and underlined sequences indicated 
cpSpinach2 sequence used in SAH biosensors. Italic and underlined sequences 
indicated mutation positions. 
 

Name Sequence (5¢ to 3¢) 

Spinach2 GATGTAACTG AATGAAATGG TGAAGGACGG GTCCAGTAGG CTGCTTCGGC 
AGCCTACTTG TTGAGTAGAG TGTGAGCTCC GTAACTAGTT ACATC 

cpSpinach2 GCAGCCTACT TGTTGAGTAG AGTGTGAGCT CCGTAACTAG TTACATCGCA 
AGATGTAACT GAATGAAATG GTGAAGGACG GGTCCAGTAG GCTGC 

Aeh1-4 CGCCCCGAGG AGCGCTGCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA 
ACTAGTTACA TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC 
ACCTGCCAGG CTCGGGGATG GCGCCCCATC GTTCCAACGG CGCTCAGCGA AA 

Aeh1-4 M1 CGCCCCGAGG AGCGCTGCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA 
ACTAGTTACA TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC 
ACCTGCCTCG CTCGGGGATG GCGCCCCATC GTTCCAACGG CGCTCAGCGA AA 

Aeh1-4 M2 CGCCCCGAGG AGCGCTCCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA 
ACTAGTTACA TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC 
ACCTGCCAGG CTCGGGGATG GCGCCCCATC GTTCCAACGG CGCTCAGCGA AA 

Nmo1-4 CTCGCCGAGG AGCGCTGCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA 
ACTAGTTACA TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC 
ACCTGCCAGG CTCGGCGATT ATCGGGACCT TTAAACCAAC GGCGCTCGGT TCAG 

Nmo1-4 M1 CTCGCCGAGG AGCGCTGCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA 
ACTAGTTACA TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC 
ACCTGCCTCG CTCGGCGATT ATCGGGACCT TTAAACCAAC GGCGCTCGGT TCAG 

Nmo1-4 M2 CTCGCCGAGG AGCGCTCCAA CAGGTTGTTG AGTAGAGTGT GAGCTCCGTA 
ACTAGTTACA TCGCAAGATG TAACTGAATG AAATGGTGAA GGACGGGTCC 
ACCTGCCAGG CTCGGCGATT ATCGGGACCT TTAAACCAAC GGCGCTCGGT TCAG 

Mpe1-5 ACTTTCGAGG AGCGTTGCAA CTCCCTTGTT GAGTAGAGTG TGAGCTCCGT 
AACTAGTTAC ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC 
CAGGGAGCCA GGCTCGAAAG TCATCCCCCG ATGCAACGGC GCTCACCCGC A 

Mpe1-5 M1 ACTTTCGAGG AGCGTTGCAA CTCCCTTGTT GAGTAGAGTG TGAGCTCCGT 
AACTAGTTAC ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC 
CAGGGAGCCT CGCTCGAAAG TCATCCCCCG ATGCAACGGC GCTCACCCGC A 

Mpe1-5 M2 ACTTTCGAGG AGCGTTCCAA CTCCCTTGTT GAGTAGAGTG TGAGCTCCGT 
AACTAGTTAC ATCGCAAGAT GTAACTGAAT GAAATGGTGA AGGACGGGTC 
CAGGGAGCCA GGCTCGAAAG TCATCCCCCG ATGCAACGGC GCTCACCCGC A 

T7 promoter CCAAGTAATA CGACTCACTA TAGG 

T7 terminator TAGCATAACC CCTTGGGGCC TCTAAACGGG TCTTGAGGGG TTTTTTG 

5¢ tRNA scaffold CGGCCGCGGG TCCAGGGTTC AAGTCCCTGT TCGGGCGCCA  

3¢ tRNA scaffold GCCCGGATAG CTCAGTCGGT AGAGCAGCGG CCG 
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Table 2.4. Comparison of universal methyltransferase activity assays. (Part 1/2) 
 

 Transcreener® EPIGEN 
MTase Assay 

Methyltransferase 
Colorimetric/Fluorometric 
Assay Kit 

Fluorogenic Assay 

Direct detection 
of SAH 

No No No 

Methods Couple assay 
(SAH to AMP) 

Couple assay 
(SAH to H2O2) 

Couple assay 
(SAH to Homocysteine) 

Components SAH hydrolase; 
 
Adenosine kinase; 
dGTP; 
 
AMP2/GMP2 antibody; 
 
Fluorescently labeled 
AMP. 
 

Methylthioadenosine 
nucleosidase; 
 
Adenine deaminase; 
 
Xanthine oxidase; 
 
3,5-dichloro-2-
hydroxybnzenesulfonic 
acid / 10-acetyl-3,7-
dihydroxyphenoxazine. 

SAH hydrolase; 
 
ThioGlo 1/CPM (7-
diethylamino-3-(4-
maleimidophenyl)-4-
methylcoumarin) 

Readout Fluorescence polarization Absorbance / 
Fluorescence 

Fluorescence 

Detection range 25 nM – 50 µM ? - 50 µM ? - 50 µM 

HTS Yes (Z¢ = 0.5 – 0.6) Not Shown Yes (Z¢ = 0.85-0.93) 

Cost $975 / 1000 assays $381, $391 / 96 assays - 
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Table 2.4. Comparison of universal methyltransferase activity assays. (Part 2/2) 
 

 EPIgeneousTM MTase 
Assay 

Anti-SAH Antibody-based 
MTase Assay 

Assay in this study 

Direct detection 
of SAH 

Yes Yes Yes 

Methods Competitive FRET 
immunoassay 

Competitive Fluorescence 
polarization 

RNA-based fluorescent 
biosensor detection 

Components Anti-SAH Cryptate 
Conjugate (anti-SAH-
Lumi4-Tb); 
 
SAH-d2 conjugate. 

Anti-SAH antibody; 
 
Fluorescein-SAH 
conjugate. 

RNA-based SAH 
biosensor; 
 
DFHBI. 

Readout Fluorescence Fluorescence polarization Fluorescence 

Detection range 0.4 µM – 200 µM (SAM) 5 nM – 5 µM 10 nM - 10 µM 

HTS Not Shown Not Shown Yes (Z¢ = 0.75) 

Cost - - - 

 
Limitations of current methyltransferase assays 
MTase activity can be assayed through detecting either methylated substrate or SAH, 
the byproduct of the reaction. Interrogating the methylated product, like methylated 
peptide, suffers from dependence on radiolabeled materials or time-consuming 
separation procedures and is not generalizable across MTase families that do not share 
common targets. Thus, detection of SAH is advantageous because it is environmentally 
friendly, in a “mix-and-go” format and universal across diverse MTases. Current 
approaches for SAH detection rely on either direct or indirect methods. Indirect 
approaches couple enzymes to process SAH into various derivatives followed by 
quantification based on their chromogenic or fluorogenic properties. For example, SAH 
can be converted into homocysteine by SAH hydrolase. Afterwards, the free thiol group 
of homocysteine can be quantitated by a fluorogenic thiol-reactive probe. However, 
these methods involve additional components that theoretically might complicate the 
assay development and might require extra efforts to validate hit compounds to 
eliminate false positives. In contrast, direct quantification of SAH, including LC/MS- and 
antibody-based methods, rule out such complications. However, the former method is 
cumbersome and not easily adaptable to a high throughput format, while the latter 
requires both expensive antibody and functionalized SAH conjugates for competitive 
SAH immunoassay and has a limited linear SAH detection range. 
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Table 2.5. Sequences of insertion sites and primers used for Targetron gene 
knockout system in this study.  
 

Name Sequence (5¢ to 3¢) 

Target 1 insert site GAGACTGTTG ATCGGCCACG TCGGAGATGG - intron - 
CGCGTACTAC GACAA 

Target 1 – IBS  AAAAAAGCTT ATAATTATCC TTACGTCGCA 
GATGGGTGCG CCCAGATAGG GTG 

Target 1 – EBS1d CAGATTGTAC AAATGTGGTG ATAACAGATA 
AGTCAGATGG CGTAACTTAC CTTTCTTTGT  

Target 1 – EBS2 TGAACGCAAG TTTCTAATTT CGGTTCGACG 
TCGATAGAGG AAAGTGTCT 

Target 2 insert site TCCGACGTGG CCGATCAACA GTCTCATCTT - intron - 
AGCTTCGATG AGTTC 

Target 2 – IBS AAAAAAGCTT ATAATTATCC TTACAGTCCC 
ATCTTGTGCG CCCAGATAGG GTG 

Target 2 – EBS1d CAGATTGTAC AAATGTGGTG ATAACAGATA 
AGTCCATCTT AGTAACTTAC CTTTCTTTGT  

Target 2 – EBS2 TGAACGCAAG TTTCTAATTT CGGTTGACTG 
TCGATAGAGG AAAGTGTCT 
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2.6 Materials and Methods 
 
Bioinformatic analysis of SAH riboswitches 

52 SAH riboswitches seed sequences from Rfam database (accession RF01051, 
http://rfam.xfam.org/) were analyzed. Discarding all metagenomic sequences among 
them gave 41 sequences. Jalview software was used to align these sequences and to 
identify each riboswitch’s P2 stem. Sequences with P2 stems shorter than 4 base pairs 
were discarded due to their likely instability when fused to cpSpinach2. Among the 
remaining 39 sequences, a pairwise alignment was carried out using Jalview. If more 
than 85% of the two sequences were identical, one sequence was discarded. After this 
analysis, 29 sequences were chosen for phylogenetic screening (Figure 2.5, Table 2.3). 
 
Reagents and oligonucleotides  

DNA oligonucleotides for biosensor constructs were purchased as Ultramers 
from Integrated DNA Technologies (Coralville, IA) and other DNA oligonucleotides were 
purchased from Elim Biopharmaceuticals (Hayward, CA). S-adenosyl-L-methionine 
(SAM), S-adenosyl-L-homocysteine (SAH), DL-homocysteine, adenosine, L-methionine 
and Targetron® gene knockout kit were purchased from Sigma-Aldrich (St Louis, MO). 
Sinefungin was purchased from Santa Cruz Biotech (Santa Cruz, CA). DFHBI and 
DFHBI-1T were either purchased from Lucerna (New York, NY) or were synthesized 
following previously described protocols and were stored as a 10 mM stock in DMSO. 
Commercially available reagents were used without further purification. H3 peptide was 
either purchased from Sigma-Aldrich (St Louis, MO) or synthesized by Elim 
Biopharmaceuticals (Hayward, CA). T7 RNA polymerase, Phusion DNA polymerase, 
DNA methyltransferase M.SssI and protein methyltransferase SET7/9 were purchased 
from New England Biolabs Inc (Ipswich, MA). Chemically competent BL21 (DE3) Star 
cells were purchased from Life Technologies (Carlsbad, CA). MTAN inhibitor, BuT-
DADMe-ImmA, was a generous gift from the Schramm Lab at Albert Einstein College of 
Medicine. 
 
In vitro transcription 

DNA templates for in vitro transcription were prepared through PCR amplification 
using Phusion DNA polymerase (NEB) from sequence-confirmed plasmids or Ultramer 
oligonucleotides (for screening experiment only) using primers that added the T7 
polymerase promoter sequence. PCR products were purified either by a 96-well format 
ZR-96 DNA Clean-up kit (Zymo Research) for screening experiments or by QIAquick 
PCR purification kit (Qiagen) for characterization and application experiments. 
Templates were then transcribed using T7 RNA polymerase in 40 mM Tris-HCl, pH 8.0, 
6 mM MgCl2, 2 mM spermidine, and 10 mM DTT. RNAs were either purified by a 96-
well format ZR-96 Clean & Concentrator (Zymo Research) or by denaturing (7.5 M 
urea) 6% PAGE. RNAs purified from PAGE were subsequently extracted from gel 
pieces using Crush Soak buffer (10 mM Tris-HCl, pH 7.5, 200 mM NaCl and 1 mM 
EDTA, pH 8.0). RNAs were precipitated with ethanol, dried, and then re-suspended in 
TE buffer (10 mM Tris-HCl, pH 8.0, 1 mM EDTA). Accurate measurement of RNA 
concentration was determined by measuring the absorbance at 260nm after performing 
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a hydrolysis assay to eliminate the hypochromic effect due to secondary structure in 
these RNAs. 
 
Determination of fluorescence quantum yields and apparent binding affinities 

In vitro analysis of RNA-DFHBI complex quantum yields and binding affinity for 
DFHBI and quantum yields was carried out as previously described. Briefly, all quantum 
yields were determined by comparing the integral of the background-subtracted 
emission spectra of DFHBI or RNA-DFHBI complex in buffered water (40 mM HEPES, 
pH 7.5, 125 mM KCl, 10 mM MgCl2) with the corresponding integral obtained from the 
background-subtracted emission spectra of Acridine Yellow in ethanol. The absorbance 
was measured at 448 nm and the fluorescence emission spectra was measured with 
448 nm excitation for three different concentrations of the Acridine Yellow standard. The 
absolute quantum yield of Acridine Yellow was taken to be 0.47 as reported in literature. 
The refractive index (𝜂 ) was taken as 1.36 for ethanol and 1.333 for water. UV 
absorbance and fluorescence spectra were recorded on a Shimadzu 2501 
Spectrophotometer (Shimadzu) or a Quantamaster Master 4 L-format scanning 
spectrofluorometer (Photon Technologies International) equipped with an LPS-220B 75-
W xenon lamp and power supply, A-1010B lamp housing with integrated igniter, 
switchable 814 photon counting/analog photomultiplier detection unit, and MD5020 
motor driver. 
 

Quantum yields for DFHBI or RNA-DFHBI complex were determined by 
measuring the apparent quantum yields (Φ#$%&'(,$&&) as a function of increasing total 
RNA (ctotal RNA) at a fixed concentration of total DFHBI (cDFHBI). The measurements were 
performed in binding buffer (40 mM HEPES, pH 7.5, 125 mM KCl, and 10 mM MgCl2) at 
30 °C. The RNA was renatured in buffer at 70 °C for 3 min and cooled to ambient 
temperature for 5 min prior to addition to the reaction solution. The DFHBI concentration 
was fixed at 10 or 20 µM in different replicates. The apparent quantum yield is 
described using the following equation: 

 

 
 
Then, the apparent quantum yield is related to the dissociation constant Kd and 

concentration of DFHBI by the following equation: 
 

 
 

Thus, the dissociation constants Kd and the quantum yield (Φ#$%&'( ) of RNA-
DFHBI complexes were determined by least squares fitting to the above equation in 
Graphpad Prism software. 
 
Determination of melting temperatures of RNA-dye complexes 



 

 72 

In vitro analysis of RNA-DFHBI-1T complex melting temperatures was carried out 
as previously described. Briefly, in a buffer containing 40 mM HEPES, pH 7.5, 125 mM 
KCl, indicated concentrations of MgCl2 were added 200 nM RNA and 10 μM DFHBI-1T.  
The RNA was renatured in buffer at 70 °C for 3 min and cooled to ambient temperature 
for 5 min prior to addition to the reaction solution. The temperature-dependent 
fluorescence was measured on a Biorad CFX96TM   real-time PCR detection system, 
spanning from 15 °C to 65 °C with a step increment of 0.5 °C/step. Melting 
temperatures were obtained as the corresponding temperature of half-maximal 
fluorescence. 
 
General procedures for in vitro fluorescence assays 

In vitro fluorescence assays were carried out in a buffer containing 40 mM 
HEPES, pH 7.5, 125 mM KCl. Other conditions, including temperature and 
concentrations of MgCl2, DFHBI, ligand or RNA, were varied in different experiments 
and are indicated in the figures. The RNA was renatured in buffer at 70 °C for 3 min and 
cooled to ambient temperature for 5 min prior to addition to the reaction solution. DFHBI 
was added to a solution containing buffer and ligand, and then RNA was added at the 
end before fluorescence measurement. Binding reactions were performed in 100 μL 
volumes and were incubated at the indicated temperature in a Corning Costar 3915 96-
well black plate until equilibrium was reached, which typically takes 30 to 60 minutes. 
The fluorescence emission was measured using a Molecular Devices SpectraMax 
Paradigm Multi-Mode detection platform plate reader (Sunnyvale, CA) with the following 
instrument parameters: 448 nm excitation, 506 nm emission.  
 

The folding assay was carried out as previously described, with the following 
conditions:  30 °C and 10 mM MgCl2. In the “limiting RNA” measurements, RNA 
concentration was 80 nM while DFHBI was 8 μM. In the “limiting DFHBI” 
measurements, DFHBI concentration was 80 nM while RNA was 8 μM. 
 

In order to screen the SAH riboswitch phylogenetic library, fluorescence assays 
were performed with the following conditions: 37 °C, 10 mM MgCl2, and varied ligand 
concentrations (0, 1, 100 µM for SAH or 100 µM for SAM), 200 nM RNA and 10 μM 
DFHBI. 
 
Binding affinity analysis of RNA-DFHBI complexes 

For experiments to measure Kd of Spinach2 or cpSpinach2 aptamers, 
fluorescence assays were run as described above, with the following conditions: 30 °C 
or 37 °C, 10 mM MgCl2 and 30 nM RNA. The DFHBI concentration (cDFHBI) was varied 
as the concentration of RNA (ctotal RNA) was held constant, and the fluorescence of the 
sample with DFHBI but no RNA was subtracted as background to determine relative 
fluorescence units. The concentration [RNA∙DFHBI] of the RNA-DFHBI complex is given 
by: 
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where [RNA] and [DFHBI] are the concentrations of free RNA and free dye, 
respectively, and Kd is the dissociation constant for the complex. Solving the quadratic 
equation for 𝑅𝑁𝐴 ∙ 𝐷𝐹𝐻𝐵𝐼  gives:  

 

 
 
Assuming Fmin is the background fluorescence when no RNA is bound by DFHBI 

(measured as DFHBI only sample), and Fmax is the fluorescence when all the RNA is 
bound by DFHBI (measured as the maximum fluorescence at saturating RNA 
concentrations), the ratio between the concentrations of RNA-DFHBI complex and total 
RNA is: 

 
𝑅𝑁𝐴 ∙ 𝐷𝐹𝐻𝐵𝐼
𝑐454$'	789

=
𝐹 − 𝐹<=>
𝐹<?@ − 𝐹<=>

 

 
Thus, the measured fluorescence for varied concentration of RNA-DFHBI 

complex is given as: 
 

 
 

The dissociation constants Kd were determined by least squares fitting to the 
above equation in Graphpad Prism software.  
 
Binding affinity analysis of SAH biosensors  

To measure the binding affinities of SAH biosensors, fluorescence assays were 
performed with the following conditions: 37 °C, 10 mM MgCl2, 30 nM RNA, and 10 µM 
DFHBI. The SAH concentration (cSAH) was varied, and the fluorescence of the sample 
with DFHBI but no RNA was subtracted as background to determine relative 
fluorescence units. The ratio between the fraction of biosensor that is bound by SAH 
and the total SAH biosensor concentration is given as: 

 

 
 

The dissociation constants Kd were determined by least squares fitting to the 
following equation in Graphpad Prism software: 

 

 
 
HPLC purification of SAM stocks 
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0.5 mM SAM (Sigma-Aldrich) in 0.05% TFA/ddH2O solution was injected and 
loaded into Agilent Polaris 5 C-18-A 250 x 10.0 mm column in an Agilent 1260 Infinity 
LC system for purification. Method of the separation was as follows: 0 – 12 min, 0 – 
10% solution B; 12 – 15 min, 10 – 50 % solution B. (Solution A: H2O + 0.05% TFA; 
solution B: Acetonitrile + 0.05% TFA). Collected fractions were lyophilized to give 
products as white solid.  
 
LC-MS analysis of SAM stocks 

10 μL of 0.5 mM SAM (Sigma-Aldrich) in ddH2O solution was injected and loaded 
into Poroshell 120 C-18 column in an Agilent 1260 Infinity LC-MS system for analysis. 
Method of the separation was as follows: 0 – 10 min, 5 – 95% solution B. (Solution A: 
H2O + 0.05% TFA; solution B: Acetonitrile + 0.05% TFA). 
 
In vivo fluorescence assays by flow cytometry 

Preparation of cell samples for flow cytometry was carried out by inoculating 3 
mL of LB/carb media with 150 μL of an overnight culture of cells containing either the 
pET31b-Spinach2 or pET31b-cpSpinach2 plasmid. Cells were grown aerobically to an 
OD600 ~ 0.5 - 0.6, then induced with 1 mM IPTG at 37 °C for 2 hrs. Cell density was 
measured by OD600, and assuming that there are 1x109 cells/mL for 1 AU, 4x108 cells 
were sampled and pelleted at room temperature for 4 min at 3,700 rcf, washed once 
with PBS media at pH 7.0, and then resuspended in PBS media containing 100 μM 
DFHBI. Cellular fluorescence was measured for 30,000 cells using either a Life 
Technologies Attune NxT Acoustic Focusing Cytometer or a BD Fortessa X20 flow 
cytometer with BD FACS Sortware (Version 1.0.0.650). The BD Fortessa X20 flow 
cytometer is located in the Flow Cytometry Core Facilities at UC Berkeley. 
 
DNA Methyltransferases (MTase) M.SssI activity assay 

To initiate the enzyme reaction, 5 μL of dsDNA substrate (5¢-
GAGCCCGTAAGCCCGTTCAGGTCG-3¢) was added to 5 μL of 2x enzyme reaction 
solution containing M.SssI, SAM, and NEBuffer2. Final concentrations are 40 μM 
dsDNA, 0.4 U/μL M.SssI, 20 μM SAM, and 1x NEBuffer 2 (20 mM Tris, pH 7.9, 20 mM 
MgCl2, and 100 mM NaCl). The reaction solution was incubated at 37 °C for 3 hours to 
allow the enzyme reaction to proceed, then incubated at 65 °C for 20 min for heat 
inactivation. 

 
To initiate the fluorescent biosensor reaction, 10 μL of the enzyme reaction was 

added to 90 μL of biosensor reaction solution containing renatured RNA, DFHBI, and 
buffer. Final concentrations are 200 nM RNA, 1 μM DFHBI, 40 mM HEPES, pH 7.5, 125 
mM KCl, 10 mM MgCl2, and 0.1x NEBuffer2 (2 mM Tris, pH 7.9, 2 mM MgCl2, and 10 
mM NaCl). For the SAH control, SAH was added to a final concentration of 1 μM in 
place of the enzyme reaction. In vitro fluorescence assays were conducted as described 
above. 

 
Protein MTase SET7/9 activity, kinetic and inhibition assay 

To initiate the enzyme reaction, 5 μL of H3 peptide substrate (N¢-
ARTKQTARKSTGGKAPRKQ-LAGGKKC-C¢) was added to 5 μL of 2x enzyme reaction 
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solution containing SET7/9, SAM, and NEB HMT buffer. Generally, final concentrations 
are 50 μM H3 peptide, 0.1 U/μL SET7/9, 25 μM SAM, and 1x NEB HMT buffer (50 mM 
Tris, pH 9.0, 5 mM MgCl2, and 4 mM DTT). The reaction solution was incubated at 
37 °C for 2 hours to allow the enzyme reaction to proceed. 

 
For the kinetics assay, the reaction conditions are the same as described above 

except 0.05 U/μL SET7/9 was used, and the enzyme reaction was heat inactivated at 
different time points. For the inhibition assay, the reaction conditions are the same as 
described in kinetics assay except varied concentrations of sinefungin were added to 
the enzyme reaction solution, and the reaction solution was incubated at 37 °C for 6 min 
(see Figure 2.15) then heat inactivated by incubation at 65 °C for 15 min. For the 
inhibition assay shown in Figure 2.16, the reaction conditions are the same as 
described above except 40 μM H3 peptide, 0.1 U/μL SET7/9, 40 μM SAM were used 
instead. 

 
To initiate the fluorescent biosensor reaction, 10 μL of the enzyme reaction was 

added to 90 μL of biosensor reaction solution containing renatured RNA, DFHBI, and 
buffer. Final concentrations are 200 nM RNA, 10 μM DFHBI, 40 mM HEPES, pH 7.5, 
125 mM KCl, 10 mM MgCl2, and 0.1x NEB HMT buffer (5 mM Tris, pH 9.0, 0.5 mM 
MgCl2, and 0.4 mM DTT). For the SAH control, SAH was added to a final concentration 
of 0.5 μM in place of the enzyme reaction. In vitro fluorescence assays were conducted 
as described above. 

 
High-throughput screening (HTS) assay of SET7/9 activity and inhibition  

For HTS experiments, samples were dispensed into a Grenier 781077 384-well 
flat bottom black plate using an Eppendorf Repeater Xstream pipetter to dispense 
reaction components. Z¢ scores were calculated from 16 well replicates in the 384-well 
plate. 

 
For the HTS SET7/9 activity assay, 3 μL of H3 peptide or water was added to 9 

μL of reaction solution containing SET7/9 MTase, SAM, and NEB HMT Reaction Buffer 
in each well. Final concentrations are: 0.25 U/10 μL SET7/9, 25 μM SAM (10 μM for 
Mpe1-5), 50 μM H3 peptide (25 μM for Mpe1-5), and 1x NEB HMT Reaction Buffer (50 
mM Tris, pH 9.0, 5 mM MgCl2, and 4 mM DTT). After 30 min incubation at 37 °C, to 
initiate the fluorescent biosensor reaction, 18 μL of biosensor reaction solution 
containing renatured RNA, DFHBI, and buffer was added to each well. Final 
concentrations are 200 nM RNA, 10 μM DFHBI, 40 mM HEPES, pH 7.5, 125 mM KCl, 
10 mM MgCl2, and 0.4x NEB HMT buffer (20 mM Tris, pH 9.0, 2 mM MgCl2, and 1.6 
mM DTT). In vitro fluorescence assays were conducted as described above. 
 

For the HTS SET7/9 inhibition assay, 4.5 μL of sinefungin or water was added to 
8 μL of reaction solution containing SET7/9 MTase, and NEB HMT Reaction Buffer in 
each well. After 15 minutes’ incubation at 37 °C, methylation reaction was initiated by 
adding 2.5 μL solution containing both SAM and H3 peptide. Final concentrations are: 
0.25 U/10 μL SET7/9, 25 μM SAM (5 μM for Mpe1-5), 50 μM H3 peptide (20 μM for 
Mpe1-5), 300 μM sinefungin (50 μM for Mpe1-5) and 1x NEB HMT Reaction Buffer (50 
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mM Tris, pH 9.0, 5 mM MgCl2, and 4 mM DTT). After 30 min incubation at 37 °C, to 
initiate the fluorescent biosensor reaction, 15 μL of biosensor reaction solution 
containing renatured RNA, DFHBI, and buffer was added to each well. Final 
concentrations are 200 nM RNA, 10 μM DFHBI, 40 mM HEPES, pH 7.5, 125 mM KCl, 
10 mM MgCl2, and 0.5x NEB HMT buffer (25 mM Tris, pH 9.0, 2.5 mM MgCl2, and 2 
mM DTT). In vitro fluorescence assays were conducted as described above. 

 
Generation of MTAN knockout strain of E. coli BL21* 

A Targetron® Gene Knockout System (Sigma-Aldrich) was used to knock out the 
MTAN gene from E. coli BL21*, following manufacturer protocols, with sequences 
shown in Table 2.5. 
 
Live cell fluorescence assays using SAH biosensors 

Preparation of cell samples for flow cytometry was carried out by inoculating 2 
mL of auto-induction media/Carb with E. coli BL21* cells from colonies grown on an 
LB/Carb culture plate, containing pET31b plasmids encoding RNA aptamers. For 
experiments involving MTAN inhibitor (BuT-DADMe-ImmA) or SAHH inhibitor 
(adenosine-2¢,3¢-dialdehyde) treatment, the inhibitor was added directly to the media to 
reach the indicated concentration before cell inoculation. Cells were then grown 
aerobically overnight to saturation (OD600 varied from 5 to 10) and diluted to OD600 ~ 
0.01 - 0.05 in M9 minimal media (pH ~ 6.0) with 100 μM DFHBI-1T. Cellular 
fluorescence was measured for 30,000 cells using a Life Technologies Attune NxT 
Acoustic Focusing Cytometer. 

 
* Instead of normal LB media with IPTG induction, auto-induction media was 

used due to its effectiveness in avoiding toxicity caused by high concentrations of IPTG 
and in order to reduce the variation between independent biological replicates. Such 
reduction in the variation might be a result of the auto-induction mechanism, since the 
induction is initiated at similar cell density among varied replicate samples, and cells are 
able to grow to saturation with consistently high density.  
 
Real-time monitoring of MTAN inhibition in E. coli using SAH biosensors 

For real-time monitoring of MTAN inhibition by BuT-DADMe-ImmA, wild type E. 
coli BL21* containing pET31b plasmid encoding SAH biosensor was inoculated and 
grown overnight in auto-induction media/Carb as described above. Then, on reaching 
saturation (OD600 varied from 5 to 10), bacterial cells were pelleted at room temperature 
for 3 min at 1000 x g, washed once with M9 minimal media at pH 6.0, and then re-
suspended in M9 minimal media containing 100 μM DFHBI-1T. Then cells were 
incubated at 37 °C and aliquots ware taken out for flow cytometry measurements as 
described above at indicated time points. When fluorescence stayed stable over at least 
20 min, MTAN inhibitor was added to a final concentration of 1 μM, and then the cells 
were incubated at 37 °C and aliquots ware analyzed as described above. 
  



 

 77 

2.7 References 
 
Autour, A., Westhof, E., and Ryckelynck, M. (2016). iSpinach: a fluorogenic RNA 
aptamer optimized for in vitro applications. Nucleic Acids Res 44, 2491-2500. 

Babendure, J.R., Adams, S.R., and Tsien, R.Y. (2003). Aptamers switch on 
fluorescence of triphenylmethane dyes. J Am Chem Soc 125, 14716-14717. 

Bennett, B.D., Kimball, E.H., Gao, M., Osterhout, R., Van Dien, S.J., and Rabinowitz, 
J.D. (2009). Absolute metabolite concentrations and implied enzyme active site 
occupancy in Escherichia coli. Nature Chemical Biology 5, 593-599. 

Brueckner, B., Garcia Boy, R., Siedlecki, P., Musch, T., Kliem, H.C., Zielenkiewicz, P., 
Suhai, S., Wiessler, M., and Lyko, F. (2005). Epigenetic reactivation of tumor 
suppressor genes by a novel small-molecule inhibitor of human DNA 
methyltransferases. Cancer Res 65, 6305-6311. 

Brun, M.A., Tan, K.T., Griss, R., Kielkowska, A., Reymond, L., and Johnsson, K. (2012). 
A Semisynthetic Fluorescent Sensor Protein for Glutamate. Journal of the American 
Chemical Society 134, 7676-7678. 

Buckstein, M.H., He, J., and Rubin, H. (2008). Characterization of nucleotide pools as a 
function of physiological state in Escherzchia coli. J Bacteriol 190, 718-726. 

Chames, P., Van Regenmortel, M., Weiss, E., and Baty, D. (2009). Therapeutic 
antibodies: successes, limitations and hopes for the future. Br J Pharmacol 157, 220-
233. 

Cole, P.A. (2008). Chemical probes for histone-modifying enzymes. Nature Chemical 
Biology 4, 590-597. 

Corbino, K.A., Barrick, J.E., Lim, J., Welz, R., Tucker, B.J., Puskarz, I., Mandal, M., 
Rudnick, N.D., and Breaker, R.R. (2005). Evidence for a second class of S-
adenosylmethionine riboswitches and other regulatory RNA motifs in alpha-
proteobacteria. Genome Biol 6, R70. 

Daigle, S.R., Olhava, E.J., Therkelsen, C.A., Basavapathruni, A., Jin, L., Boriack-Sjodin, 
P.A., Allain, C.J., Klaus, C.R., Raimondi, A., Scott, M.P., et al. (2013). Potent inhibition 
of DOT1L as treatment of MLL-fusion leukemia. Blood 122, 1017-1025. 

Dawson, M.A., and Kouzarides, T. (2012). Cancer Epigenetics: From Mechanism to 
Therapy. Cell 150, 12-27. 

Deng, X., Chen, K., Luo, G.Z., Weng, X.C., Ji, Q.J., Zhou, T.H., and He, C. (2015). 
Widespread occurrence of N-6-methyladenosine in bacterial mRNA. Nucleic Acids 
Research 43, 6557-6567. 



 

 78 

Dorgan, K.M., Wooderchak, W.L., Wynn, D.P., Karschner, E.L., Alfaro, J.F., Cui, Y.Q., 
Zhou, Z.S., and Hevel, J.M. (2006). An enzyme-coupled continuous spectrophotometric 
assay for S-adenosylmethionine-dependent methyltransferases. Anal Biochem 350, 
249-255. 

Edwards, A.L., Reyes, F.E., Heroux, A., and Batey, R.T. (2010). Structural basis for 
recognition of S-adenosylhomocysteine by riboswitches. Rna-a Publication of the Rna 
Society 16, 2144-2155. 

Fenaux, P., Mufti, G.J., Hellstrom-Lindberg, E., Santini, V., Finelli, C., Giagounidis, A., 
Schoch, R., Gattermann, N., Sanz, G., List, A., et al. (2009). Efficacy of azacitidine 
compared with that of conventional care regimens in the treatment of higher-risk 
myelodysplastic syndromes: a randomised, open-label, phase III study. Lancet Oncol 
10, 223-232. 

Filonov, G.S., Moon, J.D., Svensen, N., and Jaffrey, S.R. (2014). Broccoli: rapid 
selection of an RNA mimic of green fluorescent protein by fluorescence-based selection 
and directed evolution. J Am Chem Soc 136, 16299-16308. 

Graves, T.L., Zhang, Y., and Scott, J.E. (2008). A universal competitive fluorescence 
polarization activity assay for S-adenosylmethionine utilizing methyltransferases. Anal 
Biochem 373, 296-306. 

Griss, R., Schena, A., Reymond, L., Patiny, L., Werner, D., Tinberg, C.E., Baker, D., 
and Johnsson, K. (2014). Bioluminescent sensor proteins for point-of-care therapeutic 
drug monitoring. Nature Chemical Biology 10, 598-603. 

Gutierrez, J.A., Crowder, T., Rinaldo-Matthis, A., Ho, M.C., Almo, S.C., and Schramm, 
V.L. (2009). Transition state analogs of 5 '-methylthioadenosine nucleosidase disrupt 
quorum sensing. Nature Chemical Biology 5, 251-257. 

Halliday, N.M., Hardie, K.R., Williams, P., Winzer, K., and Barrett, D.A. (2010). 
Quantitative liquid chromatography-tandem mass spectrometry profiling of activated 
methyl cycle metabolites involved in LuxS-dependent quorum sensing in Escherichia 
coli. Anal Biochem 403, 20-29. 

Hupkes, M., Azevedo, R., Jansen, H., van Zoelen, E.J., and Dechering, K.J. (2013). 
Identification of novel bacterial M.SssI DNA methyltransferase inhibitors. J Biomol 
Screen 18, 348-355. 

Jayasena, S.D. (1999). Aptamers: An emerging class of molecules that rival antibodies 
in diagnostics. Clin Chem 45, 1628-1650. 

Kellenberger, C.A., Chen, C., Whiteley, A.T., Portnoy, D.A., and Hammond, M.C. 
(2015a). RNA-Based Fluorescent Biosensors for Live Cell Imaging of Second 
Messenger Cyclic di-AMP. Journal of the American Chemical Society 137, 6432-6435. 



 

 79 

Kellenberger, C.A., Wilson, S.C., Hickey, S.F., Gonzalez, T.L., Su, Y.C., Hallberg, Z.F., 
Brewer, T.F., Iavarone, A.T., Carlson, H.K., Hsieh, Y.F., et al. (2015b). GEMM-I 
riboswitches from Geobacter sense the bacterial second messenger cyclic AMP-GMP. 
P Natl Acad Sci USA 112, 5383-5388. 

Kellenberger, C.A., Wilson, S.C., Sales-Lee, J., and Hammond, M.C. (2013). RNA-
Based Fluorescent Biosensors for Live Cell Imaging of Second Messengers Cyclic di-
GMP and Cyclic AMP-GMP. Journal of the American Chemical Society 135, 4906-4909. 

Klink, T.A., Staeben, M., Twesten, K., Kopp, A.L., Kumar, M., Dunn, R.S., Pinchard, 
C.A., Kleman-Leyer, K.M., Klumpp, M., and Lowery, R.G. (2012). Development and 
Validation of a Generic Fluorescent Methyltransferase Activity Assay Based on the 
Transcreener AMP/GMP Assay. Journal of Biomolecular Screening 17, 59-70. 

Knutson, S.K., Kawano, S., Minoshima, Y., Warholic, N.M., Huang, K.C., Xiao, Y.H., 
Kadowaki, T., Uesugi, M., Kuznetsov, G., Kumar, N., et al. (2014). Selective Inhibition of 
EZH2 by EPZ-6438 Leads to Potent Antitumor Activity in EZH2-Mutant Non-Hodgkin 
Lymphoma. Mol Cancer Ther 13, 842-854. 

Lakowski, T.M., and Frankel, A. (2010). Sources of S-adenosyl-L-homocysteine 
background in measuring protein arginine N-methyltransferase activity using tandem 
mass spectrometry. Anal Biochem 396, 158-160. 

Liu, J.Z., Yue, Y.N., Han, D.L., Wang, X., Fu, Y., Zhang, L., Jia, G.F., Yu, M., Lu, Z.K., 
Deng, X., et al. (2014). A METTL3-METTL14 complex mediates mammalian nuclear 
RNA N-6-adenosine methylation. Nature Chemical Biology 10, 93-95. 

Lu, Z.P., Filonov, G.S., Noto, J.J., Schmidt, C.A., Hatkevich, T.L., Wen, Y., Jaffrey, S.R., 
and Matera, A.G. (2015). Metazoan tRNA introns generate stable circular RNAs in vivo. 
Rna 21, 1554-1565. 

Luo, M.K. (2012). Current Chemical Biology Approaches to Interrogate Protein 
Methyltransferases. Acs Chemical Biology 7, 443-463. 

Meyer, M.M., Roth, A., Chervin, S.M., Garcia, G.A., and Breaker, R.R. (2008). 
Confirmation of a second natural preQ1 aptamer class in Streptococcaceae bacteria. 
RNA 14, 685-695. 

Nawrocki, E.P., Burge, S.W., Bateman, A., Daub, J., Eberhardt, R.Y., Eddy, S.R., 
Floden, E.W., Gardner, P.P., Jones, T.A., Tate, J., et al. (2015). Rfam 12.0: updates to 
the RNA families database. Nucleic Acids Res 43, D130-137. 

Nolan, J.M., Burke, D.H., and Pace, N.R. (1993). Circularly permuted tRNAs as specific 
photoaffinity probes of ribonuclease P RNA structure. Science 261, 762-765. 

Paige, J.S., Nguyen-Duc, T., Song, W., and Jaffrey, S.R. (2012). Fluorescence imaging 
of cellular metabolites with RNA. Science 335, 1194. 



 

 80 

Paige, J.S., Wu, K.Y., and Jaffrey, S.R. (2011). RNA Mimics of Green Fluorescent 
Protein. Science 333, 642-646. 

Pan, T., Gutell, R.R., and Uhlenbeck, O.C. (1991). Folding of Circularly Permuted 
Transfer-Rnas. Science 254, 1361-1364. 

Pan, T., and Uhlenbeck, O.C. (1993). Circularly permuted DNA, RNA and proteins--a 
review. Gene 125, 111-114. 

Parveen, N., and Cornell, K.A. (2011). Methylthioadenosine/S-adenosylhomocysteine 
nucleosidase, a critical enzyme for bacterial metabolism. Mol Microbiol 79, 7-20. 

Perreault, J., Weinberg, Z., Roth, A., Popescu, O., Chartrand, P., Ferbeyre, G., and 
Breaker, R.R. (2011). Identification of hammerhead ribozymes in all domains of life 
reveals novel structural variations. PLoS Comput Biol 7, e1002031. 

Roundtree, I.A., and He, C. (2016). RNA epigenetics - chemical messages for 
posttranscriptional gene regulation. Curr Opin Chem Biol 30, 46-51. 

Shimizu, S., Shiozaki, S., Ohshiro, T., and Yamada, H. (1984). Occurrence of S-
adenosylhomocysteine hydrolase in prokaryote cells. Characterization of the enzyme 
from Alcaligenes faecalis and role of the enzyme in the activated methyl cycle. Eur J 
Biochem 141, 385-392. 

Stojanovic, M.N., and Kolpashchikov, D.M. (2004). Modular aptameric sensors. J Am 
Chem Soc 126, 9266-9270. 

Tuerk, C., Macdougal, S., and Gold, L. (1992). Rna Pseudoknots That Inhibit Human-
Immunodeficiency-Virus Type-1 Reverse-Transcriptase. P Natl Acad Sci USA 89, 6988-
6992. 

Wagner, T., and Jung, M. (2012). New lysine methyltransferase drug targets in cancer. 
Nat Biotechnol 30, 622-623. 

Wang, J.X., Lee, E.R., Morales, D.R., Lim, J., and Breaker, R.R. (2008). Riboswitches 
that sense S-adenosylhomocysteine and activate genes involved in coenzyme 
recycling. Mol Cell 29, 691-702. 

Wang, R., Ibanez, G., Islam, K., Zheng, W.H., Blum, G., Sengelaub, C., and Luo, M.K. 
(2011). Formulating a fluorogenic assay to evaluate S-adenosyl-L-methionine 
analogues as protein methyltransferase cofactors. Mol Biosyst 7, 2970-2981. 

Xiao, B., Jing, C., Wilson, J.R., Walker, P.A., Vasisht, N., Kelly, G., Howell, S., Taylor, 
I.A., Blackburn, G.M., and Gamblin, S.J. (2003). Structure and catalytic mechanism of 
the human histone methyltransferase SET7/9. Nature 421, 652-656. 

You, M.X., Litke, J.L., and Jaffrey, S.R. (2015). Imaging metabolite dynamics in living 
cells using a Spinach-based riboswitch. P Natl Acad Sci USA 112, E2756-E2765. 



 

 81 

Zhang, J.H., Chung, T.D., and Oldenburg, K.R. (1999). A Simple Statistical Parameter 
for Use in Evaluation and Validation of High Throughput Screening Assays. J Biomol 
Screen 4, 67-73. 
 



 

 82 

 
CHAPTER 3 

 
 

Riboswitch-based 2′,3′-cGAMP Biosensor for High-throughput 
Analysis of cGAS-cGAMP-STING pathway 
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3.1 Abstract 
 
With novel design strategies, such as the inverted fusion design strategy that 

was introduced in the previous chapter, most of RNA aptamers, including natural 
riboswitch aptamer domains, can be engineered into functional fluorescent biosensors. 
Thus, in theory, most of the natural riboswitch ligands can be detected and assayed via 
developing corresponding riboswitch-based biosensors. However, a large number 
structural analogues of natural riboswitch ligands are also of biological importance and 
research interests, while there exist no natural or artificial RNA aptamers for their 
recognition. Herein, we showcased an engineering pipeline involving phylogenetic 
screening and structure-guided design to engineer fluorescent biosensors based on 
bacterial c-di-GMP riboswitches into sensing (2′-5′, 3′-5′) cyclic GMP-AMP (2′,3′-
cGAMP), a second messenger involved in mammalian innate immune response. 

 
The second messenger 2′,3′-cGAMP, is produced in mammalian cells by cGAMP 

synthase (cGAS), an innate immune sensor of cytosolic DNA. Binding of 2′, 3′-cGAMP 
to the stimulator of IFN genes (STING) effector subsequently triggers the interferon 
response. Thus, the cGAS-cGAMP-STING pathway plays a critical role in pathogen 
detection, and also is implicated in pathophysiological conditions including cancer and 
autoimmune disorders. However, studying and targeting this immune signaling pathway 
has been challenging due to the absence of tools for deconvoluting it from other 
pathways that also activate interferon production. We have engineered an RNA-based 
fluorescent biosensor that responds to 2′, 3′-cGAMP. The resulting “mix-and-go” cGAS 
activity assay shows excellent statistical reliability as a high-throughput screening (HTS) 
assay and distinguishes between direct and indirect inhibitors of cGAS. Furthermore, 
biosensor analysis of mammalian cell lysates revealed that 6 million molecules of 2′, 3′-
cGAMP are produced on average per cell upon DNA stimulation in the L929 cell line. 
Thus, we reveal that a biosensor-based assay has been developed to study the cGAS-
cGAMP-STING pathway in the context of infectious diseases, cancer immunotherapy, 
and autoimmune diseases.  
 
3.2 Introduction 

 
The mammalian innate immune system uses pattern recognition receptors 

(PRRs) to sense extracellular or intracellular pathogens by recognizing pathogen 
associated molecular patterns (PAMPs) to trigger the proper immune response. Nucleic 
acid sensors are one important class of PRRs that recognize foreign DNA or RNA upon 
microbial infection and other patho-physiological conditions. The cGAS/STING pathway 
was recently discovered as an important cytosolic immune surveillance pathway 
(Ishikawa and Barber, 2008; Sun et al., 2013). cGAS is a universal DNA sensor that is 
activated upon binding to cytosolic DNA to produce the signaling molecule (2′-5′, 3′-5′) 
cyclic GMP-AMP (Ablasser et al., 2013; Diner et al., 2013; Gao et al., 2013b). Acting as 
a second messenger during microbial infection, 2′, 3′-cGAMP binds and activates 
STING, leading to production of type I interferon (IFN) and other co-stimulatory 
molecules that trigger the immune response (Ahn et al., 2014; Gao et al., 2013a; 
Hansen et al., 2014; Watson et al., 2015). STING also has been shown to recognize 
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bacterial-derived cyclic dinucleotides and elicit the type I IFN response (Barker et al., 
2013; Burdette et al., 2011). Natural variants in human STING have differential 
specificity in recognizing cyclic dinucleotides. While human R232 STING protein (and 
the mouse R231 counterpart) can be stimulated by 2′, 3′-cGAMP, bacterial 3′, 3′-cGAMP 
and bacterial c-di-GMP (Gao et al., 2013a), human H232 STING is only responsive to 
2′, 3′-cGAMP (Diner et al., 2013; Gao et al., 2013a; Zhang et al., 2013) 
 

Besides its role in infectious disease, the cGAS/STING pathway has emerged as 
a promising new target for cancer immunotherapy and autoimmune diseases (Ahn et 
al., 2015; Baird et al., 2016; Corrales and Gajewski, 2015; Corrales et al., 2015; Curran 
et al., 2015; Demaria et al., 2015; Deng et al., 2014; Woo et al., 2015b; Woo et al., 
2014). DNA fragments present in the tumor microenvironment are proposed to activate 
cGAS in dendritic cells (DC), followed by IFN-induced DC maturation and activation of a 
potent and beneficial immune response against cancer cells (Woo et al., 2015a). In a 
separate context, dysregulation of the cGAS/STING pathway has been implicated in self 
DNA triggered inflammatory and autoimmune disorders, such as systemic lupus 
erythematosus (SLE) and Aicardi-Goutieres syndrome (Ahn et al., 2012; Ahn et al., 
2014; Gao et al., 2015). 
 

With increasing evidence that the cGAS/STING pathway is involved in immune 
responses to microbial pathogens and cancer cells, and may play a role in autoimmune 
disorders, it is critical to explore its regulation and activation status. However, 
deconvoluting the role of the cGAS/STING pathway in immune responses is made 
difficult by the presence of multiple surveillance pathways that trigger the same IFN 
signal downstream. For example, one of the most commonly used and sensitive 
methods to detect activation of the cGAS/STING pathway is a luciferase reporter fused 
to an IFN-β promoter (Diner et al., 2013). However, other DNA sensors (e.g. TLR9), 
RNA sensors (e.g. RIG, MDA5) and immune modulators also activate expression of this 
reporter as all of them activate downstream IFN production (Shrivastav and Niewold, 
2013). Additionally, the assay requires transfection of the reporter DNA, and this foreign 
DNA can activate cGAS and other DNA sensing pathways, which can mask the 
underlying physiology. Thus, it would be advantageous to have a direct method of 
detecting and quantifying 2′, 3′-cGAMP rather than downstream signals, for diagnostic 
purposes and for clearly distinguishing cGAS/STING from other nucleic acid sensing 
pathways, in order to determine its contribution to the overall immune response and 
expand our understanding of its regulation 

 
Furthermore, a detection method for 2′, 3′-cGAMP that is adaptable to a high-

throughput screening format is desirable for biomedical applications, as efforts are 
underway to develop small molecule modulators of the cGAS/STING pathway for 
cancer immunotherapy and vaccine development. While current efforts have focused on 
targeting STING with natural and unnatural cyclic dinucleotides and the small molecule 
DMXAA (Baird et al., 2016; Chandra et al., 2014; Corrales et al., 2015; Demaria et al., 
2015; Deng et al., 2014; Downey et al., 2014; Kobayashi et al., 2015; Nakamura et al., 
2015; Zhang et al., 2015), cGAS may be an advantageous drug target because 
activating the enzyme can produce an amplified signal relative to the STING receptor-
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small molecule interaction. cGAS also may be an attractive target for small molecule 
inhibition in the case of autoimmune diseases. 

 
Unfortunately, current in vitro methods to detect 2′, 3′-cGAMP have specific 

limitations to their utility. Thin layer chromatography (TLC) assays utilizing radioactive 
nucleotide substrates to detect 2′, 3′-cGAMP produced by cGAS in vitro cannot be used 
to quantify endogenous 2′, 3′-cGAMP levels inside the cell or in cell lysates. Liquid 
chromatography-mass spectrometry (LC-MS) has been used to detect cyclic 
dinucleotides in bacterial cell extracts (Burhenne and Kaever, 2013; Waters, 2010) and 
mammalian cell extracts (Wu et al., 2013). Importantly, however, neither of these 
methods are readily adapted to high-throughput screening formats, nor offer the 
potential for live cell imaging. 

 
Both fundamental and applied studies of the cGAS/STING immune signaling 

pathway would greatly benefit from a direct and high-throughput method to assay cGAS 
activity. However, the natural protein receptor for 2′, 3′-cGAMP, STING, is poorly suited 
for engineering a fluorescent biosensor, because it functions as a homodimer and its 
structure precludes facile connection of the protein chains or circular permutation. 
Overexpression of STING-based constructs in vivo also may activate downstream 
responses, which would be an undesired physiological effect. To our knowledge, no 
other receptors for 2′, 3′-cGAMP have been reported. 

 
Here we describe the development of fluorescent biosensors that exhibit turn-on 

response to 2′, 3′-cGAMP. We designed the biosensors by making rational mutations to 
natural riboswitch aptamers of the GEMM-II class that recognize the related molecule 3′, 
3′-cyclic di-GMP (c-di-GMP) (Lee et al., 2010). Using one of these 2′, 3′-cGAMP 
biosensors, we showed direct detection of cGAS enzymatic activity by fluorescence 
read-out in a 384-well format, fluorescence-based detection of overexpressed cGAS 
activity in bacterial lysates by plate-reader and in live bacteria by flow cytometry, and 
fluorescence-based quantitation of endogenous cGAS activity in DNA-stimulated 
lysates from the L929 mammalian cell line. Our in vitro enzymatic assays showed that 
nucleic acid intercalators can indirectly inhibit cGAS activity. Finally, analysis of 
mammalian cell lysates revealed that 60 attomoles, or 6 million molecules of 2′, 3′-
cGAMP, are produced on average per cell upon DNA stimulation in the L929 cell line. 

 
3.3 Results 
 
Engineering a fluorescent biosensor to sense 2′, 3′-cGAMP  

Previously, our lab developed RNA-based fluorescent biosensors selective for c-
di-GMP or 3′, 3′-cGAMP based on natural GEMM-I riboswitches (Kellenberger et al., 
2015c; Kellenberger et al., 2013). However, these biosensors did not respond at all to 
2′, 3′-cGAMP, even though some of the parent riboswitch aptamers exhibited very high 
specificity and affinity to 3′, 3′-cGAMP (Kellenberger et al., 2015c; Ren et al., 2015). X-
ray crystal structures of ligand-bound GEMM-I riboswitches showed extensive 
interactions with the 2′-hydroxyls and phosphodiester oxygens of c-di-GMP or 3′, 3′-
cGAMP (Figure. 3.1A) (Ren et al., 2015; Shanahan et al., 2011; Smith et al., 2011). 
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These interactions would be disrupted by the 2′-5′ linkage present in 2′, 3′-cGAMP. 
 
We instead reasoned that the GEMM-II riboswitch scaffold may be more 

amenable for engineering a 2′, 3′-cGAMP biosensor (Figure. 3.2A). The canonical 
ligand for this riboswitch class is c-di-GMP, however x-ray crystal structures showed 
that there are few canonical Watson-Crick or Hoogsteen pairing interactions between 
ligand nucleobases and the riboswitch, and few hydrogen bonds between the ligand 
backbone and the riboswitch (Figure. 3.1A, B). This suggests that GEMM-II may have 
some flexibility in base recognition. Furthermore, the GEMM-II riboswitch aptamer from 
Clostridium acetobutylicum has been reported to accept c-di-GMP analogs with 
modifications to the ribose and phosphates (Shanahan et al., 2011; Smith et al., 2011), 
which was promising for tolerating changes to the backbone linkage. 

 
Four characterized GEMM-II riboswitches (Lee et al., 2010; Smith et al., 2011) 

were picked to design 16 biosensor candidates with varied length transducer stems 
derived from the natural riboswitch P1 stems (Table 3.1). These biosensors were 
initially screened for fluorescence turn-on and binding affinity to c-di-GMP, the canonical 
ligand (Figure. 3.1C), then the four most promising biosensors were further profiled for 
response to c-di-GMP, 3′, 3′-cGAMP, and 2′, 3′-cGAMP (Figure. 3.1D). One of the 
candidates that incorporated a GEMM-II riboswitch from Bacillus halodurans C-125, Bh 
P1-5 delC, exhibited fluorescence response to micromolar concentrations of 2′, 3′-
cGAMP. The name indicates that the riboswitch portion of the biosensor is fused to the 
Spinach2 aptamer via a 5 base-paired P1 stem with deletion of a single C present in the 
natural stem bulge (Figure. 3.2A). 

 
While Bh P1-5 delC showed good affinity for 2′, 3′-cGAMP (apparent dissociation 

constant or KD = 13.4 ± 0.9 μM) at 37 °C, 3 mM Mg2+ (Figure. 3.2B), the related Bh P1-6 
showed lower background fluorescence and higher activation (5-fold) with c-di-GMP 
(Figure 3.1C, D), which allowed us to analyze the effect of mutations on ligand 
selectivity. Two positions in the riboswitch binding pocket that make direct contacts with 
the ligand nucleobases were mutagenized and the fluorescence response to 2′, 3′-
cGAMP was examined (Figure 3.2C, D). Whereas mutations to A99, the position that 
recognizes Ga of c-di-GMP, did not improve response to 2′, 3′-cGAMP, we observed 
fluorescence activation by 2′, 3′-cGAMP with G103A, which mutates the position that 
recognizes Gb of c-di-GMP. 

 
The effect of the G103A mutation can be rationalized as establishing a hydrogen 

bond with the A base of 3′, 3′-cGAMP or 2′, 3′-cGAMP, and disfavoring interaction with 
the G base of c-di-GMP. Accordingly, we found that the cyclic dinucleotide selectivity 
profile for Bh P1-6 G103A biosensor was switched relative to wild-type Bh P1-6 (Table 
3.2). Binding affinity to 3′, 3′-cGAMP was increased by more than 10-fold (KD from >11 
µM to 0.8 µM), whereas binding affinity to c-di-GMP was reduced by more than 125-fold 
(KD from 56 nM to >7 µM). Furthermore, improved binding extended to 2′, 3′-cGAMP, 
such that 200 nM of Bh P1-6 G103A showed 5-fold fluorescence activation in response 
to 20 µM ligand, whereas the wild-type biosensor had shown no response (Figure 3.2B, 
3.1). 
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We had expected that the same G103A mutation could be applied to the Bh P1-5 

delC biosensor, but disappointingly, it resulted in complete loss of biosensor function 
(Figure 3.1E). High fluorescence was observed even in the absence of ligand, which 
implies that this single nucleotide substitution, in conjunction with deleting one 
nucleotide in the stem bulge, favors formation of a stable transducer stem in the 
absence of ligand. Nevertheless, by combining rational design and structure-based 
mutagenesis, we have developed two fluorescent biosensors capable of detecting 2′, 3′-
cGAMP at micromolar concentrations. A detailed comparison of their binding affinities 
and fluorescent turn-on properties is given in Table 3.2. Similar to STING, the native 
protein receptor for 2′, 3′-cGAMP, the biosensors also respond to the bacterial second 
messengers c-di-GMP and 3′, 3′-cGAMP, but otherwise exhibit high selectivity against 
other metabolites such as ATP and GTP (Figure 3.3A). Importantly, whereas STING is 
a homodimeric protein that is not readily adaptable as a fluorescent biosensor, we have 
generated a first-generation fluorescent biosensor for 2′, 3′-cGAMP based on the 
GEMM-II riboswitch scaffold. 
 
Assaying cGAS activity in vitro using a fluorescent biosensor 

Currently, the established method to assay cGAS activity in vitro is via thin layer 
chromatography analysis of radiolabeled nucleotides (Figure 3.4) (Diner et al., 2013). 
Although it is accurate and highly sensitive, this method uses radioactive materials, 
which poses increased safety concerns and hampers adaptation as a high-throughput 
screening assay. These issues could be overcome by using fluorescent biosensors to 
assay cGAS enzyme activity. 

 
We analyzed enzymatic activity of the DNA sensor cGAS using the Bh P1-6 

G103A biosensor, which has lower background fluorescence and higher turn-on. Upon 
binding to DNA, cGAS is activated to catalyze the 2′-5′ phosphodiester bond formation 
between GTP and ATP, followed by cyclization to form the 3′-5′ bond (Ablasser et al., 
2013). As expected, the biosensor gives strong fluorescence signal only when all 
components of the reaction are present to enable robust production of 2′, 3′-cGAMP 
(Figure 3.3A). Besides carrying out assays in a standard mix-and-go format, in which 
the enzyme reactions are performed separately from the biosensor detection reactions, 
we also showed that the biosensor can be employed for direct in situ detection, e.g. the 
biosensor functions in the enzymatic reaction buffer (Figure 3.3B). 

 
Minor fluorescence increases were also detected in control reactions without 

DNA or without ATP. The former was due to incomplete removal of DNA during 
purification of cGAS enzyme, resulting in the observed basal activation. The latter could 
be caused by the formation of either pppGp(2′-5′)G or 2′, 3′-c-di-GMP, which have been 
previously reported as minor products in the absence of ATP (Ablasser et al., 2013). We 
did not test biosensor response to these side products because of the difficulty in 
obtaining sufficient amounts for binding measurements, however the signal-to-
background ratio is still quite good even when comparing the enzyme reactions with and 
without ATP (4.2x). 
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Due to the involvement of the cGAS/STING pathway in multiple 
pathophysiological conditions, a high-throughput screen for its modulators is highly 
desirable. Since the biosensor-based fluorescent assay can be performed in a 384-well 
plate and analyzed in a fluorescent plate reader, it is readily adapted to high-throughput 
screening for activators or inhibitors of cGAS. With 1.5 µM concentration of cGAS, we 
determined a Z′ factor of 0.83 and signal-to-background ratio of 8.2x for the assay in this 
format, where a Z′ factor >0.5 is considered an assay with excellent statistical reliability 
for HTS (Figure 3.3C) (Zhang et al., 1999). In order to screen for high affinity inhibitor or 
activator compounds, the assay would need to be performed with nanomolar 
concentrations of enzyme. We obtained a Z′ factor of 0.51 and signal-to-background 
ratio of 4.5x using the RNA biosensor, 300 nM enzyme, and manual pipetting of all 
reagents in 384-well format (Figure 3.3C). Thus, we expect that the current fluorescent 
biosensor enables HTS assays for moderate affinity (e.g. 300-500 nM dissociation 
constant) compounds that affect cGAS activity. 

 
Determining mechanism of small molecule inhibition of cGAS 

Quinacrine, a well-characterized anti-malarial drug, has been reported to inhibit 
cGAS activity, with an IC50 value of 13 μM measured by the radiolabeled TLC assay (An 
et al., 2015). To demonstrate inhibitor characterization using our fluorescent biosensor 
assay, we measured an apparent IC50 of 39 ± 7 μM (Figure 3.5A), but a control 
experiment revealed that the decrease in fluorescence signal was independent of 
enzyme activity (Figure 3.5B). Quinacrine is a known DNA intercalator (Boer et al., 
2009) and we reasoned that it may disrupt biosensor function by intercalating into the 
RNA helices (Sinha et al., 2007). This appeared to be the case, as we showed that 
quinacrine also decreased fluorescence of the dye-binding Spinach aptamer (Figure 
3.5B). Furthermore, by the same logic, we realized that the compound likely inhibits 
cGAS activity indirectly, by interfering with DNA binding. 

 
Previous studies inferred that quinacrine intercalation would lengthen the B-form 

DNA helix based on circular dichroism measurements, but otherwise would not grossly 
alter conformation (Hossain et al., 2008). To support our hypothesis about mechanism 
of action, we tested other DNA intercalators for effects on cGAS activity. The 
radiolabeled TLC assay was employed in order to avoid possible complications in data 
interpretation from compounds interacting with the RNA biosensor. Quinacrine and 
ethidium bromide have similar DNA binding modes (LePecq and Paoletti, 1967), and 
both fully inhibited cGAS activity at 100 µM concentration. Actinomycin D, which binds 
to single-stranded and double-stranded DNA, showed partial inhibition at that 
concentration, whereas methylene blue, which intercalates in a completely different 
orientation than quinacrine (Hossain et al., 2008), had no effect (Figure 3.5C). These 
results provide strong evidence that nucleic acid intercalators are a class of small 
molecule compounds capable of inhibiting cGAS. Our results and those from the 
original study with quinacrine (An et al., 2015) do not distinguish whether inhibition is via 
a direct or indirect mechanism, but we favor the latter, e.g. these compounds intercalate 
and shift the DNA helix conformation sufficiently to reduce binding to cGAS enzyme. We 
can easily analyze the enzyme-independent effect of compounds on fluorescence of the 
RNA biosensors in control reactions, which allows us to identify compounds in the 
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screen that likely interact with the DNA instead of the enzyme directly, a potential 
source for false positive hits. Overall, our analysis of the biosensor’s capacity to 
characterize cGAS inhibition led to an important finding on alternate mechanisms of 
cGAS inhibition by small molecules, and revealed the advantage of using the RNA 
biosensor to distinguish nucleic acid intercalators from direct cGAS inhibitors. 
 
Quantitating 2′, 3′-cGAMP in lysates of DNA-stimulated mammalian cells 

A critical aim is to detect cGAS activation in mammalian cells. Based on our 
positive results in detecting cGAS overexpression in bacteria (Figure 3.6), we 
considered applying the fluorescent biosensor to detect cellular cGAMP levels in 
mammalian cell lysates. 2′, 3′-cGAMP is produced by cGAS+ mammalian cells as part 
of a cytosolic immune surveillance pathway for foreign DNA, which could be caused by 
viral or bacterial infection, and alternatively, by leakage of damaged nuclear or 
mitochondrial DNA (Gao et al., 2013a; Hansen et al., 2014; Li et al., 2016; Ma and 
Damania, 2016; Watson et al., 2015; White et al., 2014; Woo et al., 2015a). A standard 
method to simulate these conditions is to transfect cells with double-stranded DNA, 
however it has not been straightforward to directly measure the levels of 2′, 3′-cGAMP 
produced. Besides mass spectrometry, which is low throughput, the main method to 
study this pathway involves an IFN-β reporter assay, which is highly sensitive, but has 
drawbacks in that it requires prior transfection of the reporter DNA and is not specific to 
the cGAS-STING pathway, as other immune signaling also stimulate interferon 
production and activate the promoter controlling reporter expression.  
 

We evaluated the ability of the fluorescent biosensor to detect 2′, 3′-cGAMP 
produced upon DNA stimulation of cGAS+ L929 cells (Sun et al., 2013) In comparison, 
we also analyzed mock-transfected L929 cells, which express functional cGAS, and 
HEK293T cells, which are cGAS null, under identical conditions. In vitro measurements 
were performed by adding aliquots of cell lysate to the fluorescent biosensor reaction in 
a 96-well plate reader (Figure 3.7A). Fluorescence activation was observed for DNA-
stimulated over mock-stimulated L929 cells, with increasing turn-on signal upon addition 
of 1 to 5 µL of concentrated cell lysate (3x105 cells per µL of concentrated cell extract) 
(Figure 3.7B). In contrast, no significant fluorescence change between DNA-stimulated 
and mock-stimulated was observed for HEK293T cells (Figure 3.7C). Thus, we showed 
that our first-generation biosensor has sufficient sensitivity to detect endogenous 2′, 3′-
cGAMP produced in response to DNA activation of cGAS enzyme in human cell lysates. 
 

Interestingly, we observed higher background fluorescence signal for mock-
stimulated L929 cells than HEK293T cells. We checked whether there was basal 2′, 3′-
cGAMP in mock-stimulated L929 cells that was activating the fluorescent biosensor. 
Background fluorescence for the mock-stimulated sample did not change upon 
treatment with active snake venom phosphodiesterase (SVPD), which degrades 2′, 3′-
cGAMP (Diner et al., 2013) (Figure 3.7D, 3.8). In contrast, active SVPD did reduce the 
fluorescence signal of DNA-stimulated L929 cell lysates to the same levels as mock-
stimulated samples. Therefore, we concluded that the observed difference in 
background fluorescence was due to distinct levels of auto-fluorescence between the 
cell types and includes contributions to background fluorescence from the presence of 
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the dye DFHBI and the RNA biosensor (Figure 3.8). 
 
Finally, using our fluorescent biosensor we were able to determine the absolute 

concentration of 2′, 3′-cGAMP produced upon DNA stimulation in L929 cells. Mock-
stimulated L929 cell lysate was doped with known concentrations of 2′, 3′-cGAMP and 
the corresponding biosensor fluorescence signals were measured to obtain a standard 
curve with a lower limit of detection of 0.95 μM (Figure 3.7E). The fluorescence signal 
from L929 cells stimulated with DNA for 5 hours was compared to the standard curve, 
and showed that there was a concentration of 1.5 µM for 2′, 3′-cGAMP in L929 cell 
lysate. Assuming 100% extraction efficiency, it was calculated that DNA stimulation by 
transfection resulted in 60 attomoles of 2′, 3′-cGAMP produced on average per L929 
cell, or 6 million molecules of 2′, 3′-cGAMP per cell (Figure 3.7E, see SI for detailed 
calculations). 

 
Phylogenetic screening of GEMM-II riboswitch G73A or A69G natural mutants  

The above engineering work revealed that a G73A mutation of GEMM-II 
riboswitch altered its ligand binding selectivity from favoring cdiG to cAG (Figure 3.2C, 
Table 3.2). In another in vitro selection study (Capture-SELEX, see Chapter 4), cAG-
responsive sequences enriched from a GEMM-II riboswitch library revealed a second 
mutation, A69G, was potentially another advantageous mutation for cAG binding. 
Intriguingly, a recent bioinformatics analysis (Weinberg et al., 2017) as well revealed 
that there exist some predicted natural GEMM-II riboswitches that harbor these two 
same types of mutations, which motivated us to explore the ligand selectivity of these 
G73A and A69G natural GEMM-II riboswitch variants.  

 
24 GEMM-II riboswitches with a G73A single mutation, 20 sequences with a 

U37C A69G double mutation and 4 sequences with an A69G single mutation were 
randomly sampled from the published natural GEMM-II riboswitch variants (Table 3.3). 
Nearly all of these sequences were from metagenomics samples. Each of these 
sequences was aligned to the consensus GEMM-II riboswitch secondary structure to 
have their P1 stem identified and trimmed down to around 4 base pairs for fusing to the 
Spinach2 aptamer to generate 48 potential fluorescent riboswitch-based biosensors. 
Each purified RNA biosensor candidate was subject to a screen against a variety of 
cyclic-di-nucleotides to examine their sensing capability and selectivity (Figure 3.9).  

 
More than 2/3 of the biosensor candidates turned out to be inactive as cyclic-di-

nucleotide sensors. There are several possible explanations. Firstly, some of these 
predicted GEMM-II riboswitches might have evolved to abolish the ligand sensing 
capability, or evolved to sense other types of small molecule ligands. Secondly, the 
sequences might be prone to errors in metagenomics sequencing. In other words, the 
biosensor harboring sequencing errors might have lost the sensing capability of the 
correct natural sequence. Lastly, even if the natural variant does possess cyclic-di-
nucleotide sensing capability, the transducer stem composition in our design might not 
be optimal for them to function in the context of Spinach2-based biosensor. In this case, 
a broader screening on varied transducer stems might help reveal more natural variants 
that are active in sensing cyclic-di-nucleotides. 
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 For the rest of biosensor candidates that exhibited response to cyclic-di-

nucleotide ligands (at least 2-fold fluorescence activation upon responding to 25 μM 
cdiG, labeled red in Figure 3.9), most of G73A or A69G mutants retain the selectivity for 
cdiG over cAG, similar to that of the majority of GEMM-II riboswitches. Interestingly, 
some mutants showed promiscuity between sensing cdiG and cAG, or even slight 
preference for detecting cAG (A5, A8, B6, D1, D10 in Figure 3.9). These results 
indicated that there is a heterogeneity in the ligand selectivity in the sub-class of the 
riboswitches that harbor the same type of mutation at a key position. In other words, the 
identified key positions, G73 and A69, are important but not sufficient in determining 
ligand specificity of the riboswitch. Similar effect of key positions was also observed in 
our previous study on GEMM-I riboswitches. This also reveals the importance of picking 
the right phylogenetic sequence as the starting scaffold when designing the initial library 
for riboswitch aptamer engineering. Excitingly, these results as well infer the possible 
existence of natural GEMM-II riboswitches that favors cAG binding. Further 
characterization of these variants is critical to validate these potential cAG binders.  

 
3.4 Discussion 
 

Even though no natural riboswitches for 2′, 3′-cGAMP have been discovered, we 
were able to engineer RNA-based fluorescent biosensors for 2′, 3′-cGAMP by 
employing structure-based rational design. Ligand-bound riboswitch structures informed 
the initial choice of the GEMM-II scaffold and mutations to the ligand binding pocket. A 
modest screen of different phylogenetic and stem variants was guided by empirical 
design rules for functional biosensors that start with use of the natural P1 stem 
(Kellenberger and Hammond, 2015; Wang et al., 2016). Our results in this study again 
demonstrate that riboswitch-based biosensors can be reprogrammed to recognize other 
ligands via point mutations, although not necessarily with full selectivity (Kellenberger et 
al., 2013; Ren et al., 2015; Wu et al., 2015). The broader implication is that natural 
riboswitch-ligand pairs can serve as advanced starting points for the engineering of 
biosensors for related ligands not recognized by known riboswitches. In one case, this 
actually led to the rational discovery of natural riboswitches (Kellenberger et al., 2015c). 

 
Our biosensors exhibit fluorescence turn-on activity in direct response to 2′, 3′-

cGAMP and thus are readily adapted for high-throughput screening assays of cGAS 
enzyme activity and inhibition. Given the emerging clinical relevance of the 
cGAS/STING innate immune signaling pathway for infectious diseases, cancer 
immunotherapy, and DNA-triggered autoimmune disorders, a fluorescent plate reader 
screen for small molecule modulators of cGAS activity is a timely and valuable resource 
for the academic and industrial research community. We evaluated the Z′ factor for the 
assay, which showed that high signal-to-background ratios gave statistically reliable 
results. The ability to use DFHBI analogs with different fluorescent emission 
wavelengths (Song et al., 2014) may be further beneficial to avoid false positive hits. 
We also showed that our assay provides a straightforward way to distinguish between 
compounds that target cGAS enzyme versus interact with the activating ligand, double-
stranded DNA. 
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Our finding that intercalating compounds affect cGAS activation reveals that the 

mechanism of small molecule inhibition of cGAS enzyme should be carefully examined. 
In addition, since DNA intercalators are used as anti-cancer drugs (Wheate et al., 
2007), it potentially raises interesting questions about the activation status of cGAS 
during drug treatment. There also are broader implications for the design of synthetically 
modified double-stranded nucleic acids for therapeutic or basic research purposes. In 
particular, we expect that backbone modifications that favor B-form-like helical 
conformations may cause the nucleic acid agent to bind and activate cGAS, thus 
triggering interferon response. This adds to the existing body of knowledge about the 
length and sequence requirements for cGAS activation (Gao et al., 2013b; Herzner et 
al., 2015; Li et al., 2013), and further implies that some synthetic modifications may be 
better at eluding cGAS surveillance and thus the cytosolic immune response. Our assay 
provides a rapid, non-radioactive, and low material cost method to screen nucleic acid 
agents for such activity. 

 
Finally, we have employed a fluorescent biosensor to quantitate the levels of 2′, 

3′-cGAMP in L929 cell lysates, which previously had been shown to be cGAS+ via LC-
MS analysis (Sun et al., 2013), but not in a quantitative manner. Very recently, an LC-
MS/MS method has been developed for quantitation of 2′, 3′-cGAMP (Paijo et al., 2016). 
The amount of 2′, 3′-cGAMP produced upon HCMV virus infection was measured in the 
range of 0.5 to 3 attomoles on average per cell, depending on the cell type (Paijo et al., 
2016). As expected, we have found that transfection of DNA leads to a much stronger 
response, as we measured 60 attomoles of 2′, 3′-cGAMP on average per cell at an 
earlier time point (6 h post-transfection versus 24 h post-infection). Based on the 
standard curve in L929 lysates, the current lower limit of detection of our fluorescent 
biosensor is ~1 µM or 40 attomoles per cell. Thus, improving biosensor sensitivity by 
10- to 100-fold would provide a high-throughput method to analyze viral-induced 2′, 3′-
cGAMP levels in the future. Perhaps more excitingly, this analysis suggests that 
second-generation fluorescent biosensors with the requisite higher sensitivity, e.g. 
binding affinities in the 10 to 100 nM range, would be useful for single-cell analysis of 2′, 
3′-cGAMP production upon virus infection. In addition, biosensors with improved 
sensitivity would enable high-throughput biochemical and/or cell-based assays for high 
affinity compounds that modulate cGAS activity. We recently described a phylogenetic 
search strategy for generating high affinity and high turn-on RNA-based biosensors, 
which resulted in a biosensor capable of detecting sub-nanomolar levels of cyclic di-
GMP (Wang et al., 2016). Work on applying this methodology to the 2′, 3′-cGAMP 
sensor is ongoing in the lab 

 
Much in the way that antibody-based assays are indispensable for analysis of 

kinase signaling, fluorescent biosensor-based assays will be a valuable resource for the 
analysis of cyclic dinucleotide signaling. Measuring 2′, 3′-cGAMP levels is important for 
investigating the basic biology of the cGAS-STING signaling pathway and its 
mechanistic contribution to innate immune responses. A recent study showed that in a 
viral infection model, cGAS and STING expression levels do not necessarily correlate 
with 2′, 3′-cGAMP production, and furthermore 2′, 3′-cGAMP levels do not necessarily 
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correlate with IFN production (Paijo et al., 2016). These findings underscore the 
importance of measuring cGAS enzyme activity, rather than using its expression level or 
induction of IFN as proxies. In the context of cancer immunology, it has been suggested 
that tumor-derived DNA activates cGAS activity in host immune cells (Woo et al., 
2015b), but direct proof of this hypothesis is still lacking. Addressing these and other 
pressing questions about cGAS activity will be facilitated by a high-throughput 
fluorescent plate reader assay capable of quantitating 2′, 3′-cGAMP levels directly from 
lysates of different mammalian cell types. We also demonstrate use of the biosensor for 
both biochemical and cell-based analysis of cGAS activity, which provides two different 
high-throughput screening methods to identify chemical compounds or novel protein 
factors that affect cGAS activity. 

 
To sum up, to our knowledge, this study demonstrates the first fluorescent plate 

reader assay for detection of 2′, 3′-cGAMP, a signaling molecule central to the 
cGAS/STING innate immune pathway that has emerged as a promising new target for 
cancer immunotherapy and autoimmune diseases. The assay relies on a riboswitch-
based fluorescent biosensor that was generated by structure-based rational design. 
Several intercalating compounds were found to affect cGAS activity, which has broader 
implications for related anti-cancer agents and the design of synthetically modified 
double-stranded nucleic acids for therapeutic or basic research purposes. Finally, as 
proof of principle, we demonstrated quantitation of 2′, 3′-cGAMP from DNA-stimulated 
cell lysates using the fluorescent biosensor. 

 
  



 

 94 

3.5 Figures 
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Figure 3.1 Screen and mutagenesis analysis for GEMM-II riboswitch-based 2′, 3′-
cGAMP biosensors. Interactions between (A) GEMM-I riboswitch (PDB code 3MXH) or 
(B) GEMM-II riboswitch (PDB code 3Q3Z) with 2′-hydroxyls and phosphodiester 
oxygens of c-di-GMP. The interactions are shown in red dashes. (C) Screening of 
different phylogenetic and stem varients of GEMM-II riboswitch for developing 2′, 3′-
cGAMP biosensor. Error-bars represent the standard deviation of 3 independent 
replicates. (D) Analysis of biosensor hits from screening in (C) for their response to 
different cyclic dinucloetides. (E) Selectivity profiles of Bh P1-5 delC WT and G103A 
biosensors, in vitro fluorescence activation and binding affinity measurements for Bh 
P1-5 delC variants with bacterial cyclic dinucleotides, c-di-GMP and 3′,3′-cGAMP 
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Figure 3.2 Development of RNA-based fluorescent biosensors for 2′, 3′-cGAMP. 
(A) Chemical structures of 3′, 3′-cGAMP, 2′, 3′-cGAMP, and DFHBI. Secondary 
structure model of GEMM-II riboswitch-based biosensors that detect 2′, 3′-cGAMP. Key 
mutations that led to first-generation biosensors are boxed and labeled. (B) In vitro 
fluorescence activation and binding affinity measurements for RNA-based biosensors 
with 2′, 3′-cGAMP. (C) Analysis of the effect of binding pocket mutations on biosensor 
response to different cyclic dinucleotides. (D) Hydrogen bonding interactions between 
the GEMM-II riboswitch and Gα and Gβ of c-di-GMP (adapted from (Shanahan et al., 
2011)) and proposed effect of G103A mutation on recognition of the adenine in 2′, 3′-
cGAMP. 
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Figure 3.3. Application of fluorescent biosensor to cGAS enzyme activity assays. 
(A) Bh P1-6 G103A biosensor detects 2′, 3′-cGAMP produced in the cGAS enzyme 
reaction (black). Enzyme reactions that lack one component served as negative controls 
(white). (B) In situ detection of cGAS activity by the RNA-based fluorescent biosensor. 
(C) Determination of the Z′ factors for cGAS activity assay using RNA-based biosensor 
in 384-well format. 
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Figure 3.4. TLC-based cGAS activity assay and RNA biosensor-based cGAS 
inhibition assay. (A) TLC-based assay with radiolabeled substrates to assess cGAS 
activity. Calf intestinal alkaline phosphatase (CIP) was used to remove free nucleotide 
triphosphate. Image is representative of multiple independent experiments. (B) Initial 
analysis of cGAS inhibition by quinacrine (QC) via RNA-based fluorescent biosensor. 
The determined IC50 was later revealed to be artefactual due to the intercalating effect 
of QC to the RNA-based biosensor. 
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Figure 3.5. Enzyme activity assays with fluorescent biosensor and controls reveal 
that nucleic acid intercalators inhibit cGAS. (A) Initial analysis of cGAS inhibition by 
quinacrine (QC) via RNA-based fluorescent biosensor. (B) Observation of dose-
dependent loss of fluorescence in presence of QC for both the 2′, 3′-cGAMP biosensor 
and Spinach2 aptamer. (C) TLC-based activity assay to assess cGAS inhibition by 
quinacrine (QC), ethidium bromide (EtBr), actinomycin D (AD), and methylene blue 
(MB). 
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Figure 3.6. Application of fluorescent biosensor to detect 3',3'-cGAMP and other 
cyclic dinucleotides in bacterial cells expressing synthase enzymes. (A) 
Representative flow cytometry analysis of live E. coli expressing plasmids encoding 
both biosensor and cyclic dinucleotide synthases after incubation in media containing 
DFHBI-1T. Fluorescence values on x-axis are shown using HyperLog scaling. The 
average mode fluorescence intensity (MFI) from two independent biological replicates 
are shown in the bar graph, error bars depict standard deviations. (B) In vitro 
fluorescence biosensor-based analysis of cyclic dinucleotide content of cell extracts 
from E. coli expressing the corresponding cyclic dinucleotide synthases. Error bars 
depict standard deviations for two independent biological replicates. (C) LC-MS analysis 
of cell extract from E. coli expressing a plasmid encoding cGAS. Mass trace 
corresponding to 2′,3′-cGAMP (m/z = 675, red) and c-di-GMP (m/z = 691, blue) were 
shown. Signal peaks corresponding to 2′,3′-cGAMP production were boxed. (D, E) 
Quantitation of 2′, 3′-cGAMP in E. coli expressing a plasmid encoding cGAS. Cell 
extracts from E. coli expressing an empty pCOLA vector plasmid was added with varied 
concentrations of 2′, 3′-cGAMP and then assayed by LC-MS, with 260 nm absorbance 
(D) and mass spec signal (E) shown. Standard curve for quantifying 2′, 3′-cGAMP 
based on the integration of mass spec signal was shown in inset in (E). All the data 
were collected on an Agilent 1260 Infinity LC-MS system equipped with a Poroshell 120 
C-18 column. 
 
Measuring activity of expressed cGAS in live bacterial cells 

Prior work in our lab has established riboswitch-based biosensors for metabolite 
detection in live E. coli (Hallberg et al., 2016; Kellenberger et al., 2015a; Kellenberger et 
al., 2015c; Kellenberger et al., 2013; Su et al., 2016), so we were interested to 
benchmark the performance of the 2′, 3′-cGAMP biosensor under similar in vivo 
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conditions. In order to test this, we inserted the biosensor construct into the tRNA 
scaffold (Kellenberger et al., 2015b; Ponchon and Dardel, 2007), then co-expressed the 
fluorescent biosensor along with empty vector or enzymes that synthesize different 
cyclic dinucleotides in E. coli BL21-Star cells. WspR from Pseudomonas fluorescens 
produces c-di-GMP, DncV from Vibrio cholerae produces 3′, 3′-cGAMP, and cGAS from 
Homo sapiens produces 2′, 3′-cGAMP. After incubating cells with the profluorescent dye 
DFHBI-1T (Song et al., 2014), the cellular fluorescence was analyzed by flow cytometry, 
which provides high-throughput, single-cell quantitation of metabolites as detected by 
the fluorescent biosensor. The heterogeneity observed in the fluorescence values for a 
cell population is attributed to differences in multiple factors in the experiment, such as 
plasmid copy number, enzyme expression level, RNA biosensor expression level, and 
cell size in live, replicating E. coli. To address this issue, the mode fluorescence 
intensity (MFI, defined as the value with the most observations) of each population was 
analyzed since this value was consistent between independent biological replicates. 
 

As expected, significant fluorescence activation was observed upon co-
expression of each enzyme (Figure 3.6A), because the Bh P1-6 G103A biosensor is 
capable of binding 3′, 3′-cGAMP, c-di-GMP, and 2′, 3′-cGAMP (listed in order of affinity). 
However, the degree of fluorescence activation did not correspond to the relative affinity 
of the biosensors for the different cyclic dinucleotides. Instead, it appears to correlate 
directly to the amount of each cyclic dinucleotide produced by the enzymes in vivo, as 
the identical trend was observed when we performed an aqueous-organic extraction of 
cell lysates and analyzed the extracts containing cyclic dinucleotides using the 
biosensor (Figure 3.6B). Notably, given that the biosensor has poorer affinity for 2′, 3′-
cGAMP versus the two 3′, 3′-linked cyclic dinucleotides, this result implies that cGAS is 
highly activated by binding to endogenous genomic DNA to produce an extremely large 
amount of 2′, 3′-cGAMP in E. coli. In addition, there is likely no endogenous 
phosphodiesterase capable of efficiently hydrolyzing the compound. Accordingly, LCMS 
analysis showed that 2′, 3′-cGAMP is highly abundant in the cell extracts, building up to 
~0.5 mM concentration based on our standard curve (Figure 3.6C, D, E). It should also 
be noted that E. coli has endogenous c-di-GMP (Weber et al., 2006), so basal activation 
is observed for cells harboring the empty pCOLA vector, both in vivo and in extracts. 
Thus, the fluorescence activation of the biosensor we observed is likely lower than the 
theoretical maximum fold activation if we compared to cells that have no c-di-GMP. For 
example, to our knowledge mammalian cells do not produce c-di-GMP, except for those 
engineered for synthetic biology applications (Folcher et al., 2014). In all, these live-cell 
flow cytometry results demonstrate that our first-generation biosensors are capable of 
detecting 2′,3′-cGAMP in the complex setting of bacterial cells, which lays the 
foundation for achieving 2′,3′-cGAMP detection in live mammalian cells.  
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Figure 3.7.  Application of fluorescent biosensor to detect 2′, 3′-cGAMP in 
mammalian cell extracts. (A) Schematic representation of the experimental procedure 
for cell extract analysis using the fluorescent biosensor. (B, C) Fluorescence readings 
for different concentrations of L929 (B) or HEK293T (C) cell extracts (DNA- or mock-
stimulated). (D) Fluorescence readings for L929 cell extracts (DNA- or mock-stimulated) 
treated with active or denatured SVPD prior to biosensor addition. (E) Standard curve of 
fluorescence readings from mock-stimulated L929 cell extracts doped with known 
concentrations of 2′, 3′-cGAMP (black circles). Average fluorescence reading from DNA-
stimulated L929 cell extracts is shown in open circle. Error bars indicate standard 
deviations for three (B, C) or two (D, E) independent biological replicates. P-values are 
calculated from student’s t-test comparison: **, P < 0.01; ***, P < 0.001, n.s, not 
significant, P > 0.05. 
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Figure 3.8 Source of fluorescence background in biosensor-based analysis of 
mammalian cell extracts. (A-C) SVPD degradation experiments to rule out basal 2′, 3′-
cGAMP in L929 cells. (A) Fluorescence readings for varied concentration of mock-
transfected L929 cell extracts treated with active or denatured SVPD prior to biosensor 
addition. (B) Fluorescence readings for Spinach2 aptamer treated with active or 
denatured SVPD. (C) Fluorescence readings for 2′,3′-cGAMP treated with active or 
denatured SVPD prior to biosensor addition. (D) The origin of background fluorescence 
in mock-stimulated cell extract was investigated. (-, cell extract alone; +, cell extract + 
DFHBI; ++, cell extract + biosensor + DFHBI.)  
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Figure 3.9 Phylogenetic screening fluorescent biosensors based on natural G73A 
and A69G GEMM-II riboswitch variants. Sequences with more than 2-fold 
fluorescence activation at 25 μM cdiG were labeled in red.  
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Table 3.1 GEMM-II riboswitch-based biosensors sequences and related primers 
 

Name Sequences 

Ca-2 P1-6 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATGTTTGGAAACAATGATGA
ATTTCTTTAAATTGGGCACTTGAGAAATTTTGAGTTAGTAGTGCAACCGACCAAC
GTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Ca-2 P1-5 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAGTTTGGAAACAATGATGAA
TTTCTTTAAATTGGGCACTTGAGAAATTTTGAGTTAGTAGTGCAACCGACCAACT
TGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Ca-2 P1-4 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATTGGAAACAATGATGAATTT
CTTTAAATTGGGCACTTGAGAAATTTTGAGTTAGTAGTGCAACCGACCAATTGTT
GAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Ca-2 P1-3 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATGGAAACAATGATGAATTT
CTTTAAATTGGGCACTTGAGAAATTTTGAGTTAGTAGTGCAACCGACCATTGTTG
AGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd1-1 P1-5 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATATAGAAACTGTGAAGTAT
ATCTTAAACCTGGGCACTTAAAAGATATATGGAGTTAGTAGTGCAACCTGCTATA
TTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd1-1 P1-4 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAATAGAAACTGTGAAGTATA
TCTTAAACCTGGGCACTTAAAAGATATATGGAGTTAGTAGTGCAACCTGCTATTT
GTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd1-1 P1-3 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATAGAAACTGTGAAGTATAT
CTTAAACCTGGGCACTTAAAAGATATATGGAGTTAGTAGTGCAACCTGCTATTGT
TGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd2-1 P1-6 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATTTTAGAAACTGAGAAGTAT
ATCTTATTATTGGGCATCTGGAGATATATGGAGTTAGTGGTGCAACCGGCTATGA
ATTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd2-1 P1-5 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATTTAGAAACTGAGAAGTAT
ATCTTATTATTGGGCATCTGGAGATATATGGAGTTAGTGGTGCAACCGGCTATGA
TTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd2-1 P1-4 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATTAGAAACTGAGAAGTATA
TCTTATTATTGGGCATCTGGAGATATATGGAGTTAGTGGTGCAACCGGCTATGTT
GTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Cd2-1 P1-3 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCATAGAAACTGAGAAGTATAT
CTTATTATTGGGCATCTGGAGATATATGGAGTTAGTGGTGCAACCGGCTATTGTT
GAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 (WT) GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCCT
CCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-5 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAATAGGGAAGCAACGAAGC
ATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCCTC
CTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-4 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAGGGAAGCAACGAAGCATA
GCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCCTTTGT
TGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 
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Bh P1-3 GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAGGGAAGCAACGAAGCATA
GCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCCTTGTT
GAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-5 delC GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAATAGGGAAGCAACGAAGC
ATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCCTC
TTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 
G103A 

GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCAGCCCT
CCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 A99G GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTGACCGGCCC
TCCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 A99C GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTCACCGGCCCT
CCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 
G103C 

GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCCGCCCT
CCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 
G103U 

GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCTGCCCT
CCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Bh P1-6 A99G 
U67C 

GATGTAACTGAATGAAATGGTGAAGGACGGGTCCAAATAGGGAAGCAACGAAG
CATAGCCTTTATACGGACACTTGGGTTATGTGGAGCTACTAGTGTGACCGGCCC
TCCTTTTGTTGAGTAGAGTGTGAGCTCCGTAACTAGTTACATC 

Spinach2 
forward primer 
(with T7 
promoter) 

CCAAGTAATACGACTCACTATAG GATGTAACTGAATGAAATGGTGAAG 

Spinach2 
reverse primer 

GATGTAACTAGTTACGGAGCTCAC 
 

In the biosensors sequences, Spinach2 sequence is underlined, sequence of transducer stem between 
Spinach2 aptamer and GEMM-II riboswitch is bolded and italic, and mutated nucleotides are bolded, 
underlined and italic. 
 
Ca: Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium acetobutylicum ATCC 824  
Cd1: Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium difficile 630  
Cd2: Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium difficile QCD- 32g58  
Bh: Bacteria Firmicutes Bacillales Bacillaceae Bacillus halodurans C-125 
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Table 3.2 GEMM-II biosensor binding affinities and fluorescent turn-on properties 
 

 Bh P1-5delC Bh P1-6 WT Bh P1-6 G103A 

 Kd (μM) Fold turn-on 
(S/B ratio) Kd (μM) Fold turn-on 

(S/B ratio) Kd (μM) Fold turn-on 
(S/B ratio) 

c-di-GMPb 0.021 ± 0.008 - 0.056 ± 0.012 13.1x >7 8.2x 

3′, 3′-cGAMPb - - >11 10.8x 0.8 ± 0.1 9.6x 

2′, 3′-cGAMPa 13.4 ± 0.9 5.1x - - >65 10.3x 
 

aFold turn-on (or signal-to-background ratio) measured with 200 nM RNA, 100 μM 
ligand in a 384-well plate 
bFold turn-on (or signal-to-background ratio) measured with 100 nM RNA, 100 μM 
ligand in a 384-well plate  
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Table 3.3. Sequences used in GEMM-II riboswitch family phylogenetic screening. 
Bold and underlined sequences indicated partial Spinach2 sequence used in GEMM-II 
CDN biosensors. Italic and bold sequences the transducer stem between riboswitch 
aptamer and Spinach2 aptamer. 

ID Name Sequence 

A01 >JGI20214J14
112_1425378/
137-219 

GGT GAA GGA CGG GTC CA CTGG GGC TTT GAA CTG CCA TCT GTA 
ACT GGG CAC TTG GAT GGC AGG GAG CCA ATA GTG AAA CCA A 
CCAG T TGT TGA GTA GAG TGT GAG CTC CG 

A02 >4491734.3.12
115445/125-43 

GGT GAA GGA CGG GTC CA CAGG GAG CTT CGA ACT GAC ATC TGT 
ATC TGG TCG TTC AGA TGA CAG TGA GCT AGT AGC AAA CCA C 
CCTG T TGT TGA GTA GAG TGT GAG CTC CG 

A03 >TB_PC08_66
_10052880/10
3-204 

GGT GAA GGA CGG GTC CA AGACGG C GGC AAT GAT CCA ATG CTT 
TTG TGG TGG TCG CTC ATC CCC TTT GTG GGT GCG AGC ATT GGG 
TAG CCA ATA GCG AAA CCA G CCTCT TTG TTG AGT AGA GTG TGA 
GCT CCG 

A04 >bathPlank_B
WBY4448_g1/
472-386 

GGT GAA GGA CGG GTC CA GGGG AGG CGG TGA ACC CTC GAG CCC 
AAG ATG GGC GCC ATG GGC CGA GGG GGA GCC AGT GGC GCA ACC 
AG CCCC TTG TTG AGT AGA GTG TGA GCT CCG 

A05 >ASLM90b_G
N81PCX02IH4
W1/399-318 

GGT GAA GGA CGG GTC CA AAGG AAG CTA TGA ACT GTT GCC TGT 
ACT TGG TCA CCT GGG TAG CAG GGA GCC AAT AGT GAA ACC AA 
CCTT TTG TTG AGT AGA GTG TGA GCT CCG 

A06 >FNTS_GKKE
VUV01DN4TX/
363-278 

GGT GAA GGA CGG GTC CA GTAG AAG CTT CGA GGC CCA CCC CTA 
AGA TGG GCG CTC AAG CCG CGG GCG GAG CCA GTG GCA CAA CCA 
G CTAC T TGT TGA GTA GAG TGT GAG CTC CG 

A07 >SL_9KL_010
_SED_107520
62/147-229 

GGT GAA GGA CGG GTC CA GCAAA GG AAG CAT TGA AAC CTG TTT 
ATG AGC TGG TTA TTT AAA CAG GTG GGA CAA ATA GTG AAA CCA G 
TCTCG TTT GTT GAG TAG AGT GTG AGC TCC G 

A08 >TB_PC08_66
_10011755/18
52-1752 

GGT GAA GGA CGG GTC CA ATGG ATG CTA TGA CAC CGG GCT GAT 
ATT TGG CCG CCT TCC TTT TTT ACA GGA TAA GGT CCG GGT GAG 
CAA ATG GCG AAA CCA A CCGT T TGT TGA GTA GAG TGT GAG CTC 
CG 

A09 >ARSoilOldR_
c190858/88-4 

GGT GAA GGA CGG GTC CA GTTG ATG CGA TGA ACT GAT TAC CCC 
AGA TCG TCA CCA CGG GTG TCA GGG AGC GAA TGG TGA AAC CAG 
CAAC TT GTT GAG TAG AGT GTG AGC TCC G 

A10 >FNTS_GKKE
VUV01CQ0YG
/5-92 

GGT GAA GGA CGG GTC CA GCAG AGG CTT AGA ACC ACG TTC CGT 
AGA AGG TGG GCA CAT TAG GGG CGC GGG GAG CTA GTG GTG GAA 
CCA G CTGC T TGT TGA GTA GAG TGT GAG CTC CG 

A11 >FNTS_GKKE
VUV02G5HNY
/168-80 

GGT GAA GGA CGG GTC CA GTAG ATG GCT ACG AAG CCC GCC CTC 
ATC ACA TGG GCG CTA GAG AGA CGG GCA GAG CCA ATG GCG CAA 
CCA G CTAC T TGT TGA GTA GAG TGT GAG CTC CG 

A12 >ASLM90b_GJ
FDWOI02IO7F
Y/37-140 

GGT GAA GGA CGG GTC CA CTCA AGG CTT TGA ACC TAA GGT TGA 
ATT GGA TCA TTT GTC CAG CGT CCT GTG GAA ATA ACC TCT GGG 
AAG CCA ATA GTG AAA CCA G TGAG T TGT TGA GTA GAG TGT GAG 
CTC CG 

B01 >SL_3KL_010
_SED_100211
65/662-744 

GGT GAA GGA CGG GTC CA TTGG AAG CGA TGG ATC CCT GGT TTT 
AAT TGA CGC TTG ACC AGG GAG GAG CTA GTA GCG TAA CCA G 
CCAG T TGT TGA GTA GAG TGT GAG CTC CG 

B02 >FNTS067_GJ
87FRN01AET
MM/200-287 

GGT GAA GGA CGG GTC CA GTAG AGG CCA AGA ACT TCG TTC TTC 
AAG CGT GGG CAC CTA CAG GGG CAA GGG TGC CAG TGG TGA AAC 
CAC CTAC TT GTT GAG TAG AGT GTG AGC TCC G 

B03 >NC_016943.1
/912905-
912822 

GGT GAA GGA CGG GTC CA CGTG ACG CAC TGA TCC GGG GCC TCC 
ATC TGG TCG CTT GGG CCC CGG GGA GCG AGT AGC GAA ACC AC 
CGCG TTG TTG AGT AGA GTG TGA GCT CCG 

B04 >SL_3KL_010 GGT GAA GGA CGG GTC CA AAGG AAA CCA TGA ACC CCG GTT TAT 
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_SED_100918
38/1115-1032 

TTT TGG TCA CTT GAA CAG GGT GGG GCA AAT AGT GAA ACC AG 
CCTT TTG TTG AGT AGA GTG TGA GCT CCG 

B05 >JGI20213J14
113_1163365/
4-89 

GGT GAA GGA CGG GTC CA AGGA GG A GGT GCG GAA CCC ACC 
TGC CCA TAT GGG CGC CAT GGT TGG TGG GGG AGC CAG TGG CGC 
AAC CAG CCG ACTT TT GTT GAG TAG AGT GTG AGC TCC G 

B06 >JGI20207J14
881_1092094/
379-296 

GGT GAA GGA CGG GTC CA GGTG ACG CAT TGA TCC ACG GGC TCA 
GTT TGG TCG CCC AGT CCG TGG GGA GCG AAT GGC GAA ACC AC 
CGCC TTG TTG AGT AGA GTG TGA GCT CCG 

B07 >JGI20206J14
855_1001839/
5154-5237 

GGT GAA GGA CGG GTC CA GGTG ACA CTT TGA TCC ACG GGC CAC 
ATT TGG TCG CCC AGT CCG TGG GGA GCG AAT GGC GAA ACC AC 
CACC TTG TTG AGT AGA GTG TGA GCT CCG 

B08 >BMHBC_1_1
_newblercontig
03195/192-109 

GGT GAA GGA CGG GTC CA TTAG GG A AGC TAT GAA GTA TAT TTT 
GTA TTT GGA CAC CTA AAG TAT ACA GAG CTA ATG GTG CAA CCA C 
TCCCAA TT GTT GAG TAG AGT GTG AGC TCC G 

B09 >SL_8KL_010
_SED_104068
49/242-159 

GGT GAA GGA CGG GTC CA GTGAG AC TGC AAT GAA GCC TGG TTT 
TTA TAT GGT CAC TTG AAC CAG GGG GAG CAA ATA GTG AAA CCA G 
CCTCAC TT GTT GAG TAG AGT GTG AGC TCC G 

B10 >WSSedA1Ba
3_1102664/38
2-297 

GGT GAA GGA CGG GTC CA TTGG AGG CGT TGA ACC TAC CTT TCC 
TAT ATG GGC GCC ATG GTT GGT AGG GGA GCT AGT GGC GCA ACC 
AG CCAA TTG TTG AGT AGA GTG TGA GCT CCG 

B11 >WSSedA1Ba
2_1000476/33
80-3464 

GGT GAA GGA CGG GTC CA TTGG GAG CAT TGA ACC CAC TTA CCC 
AAA TGG GCG CCA TGG TGG TGG GGG AGC TAG TGG CGC AAC CAG 
CCAA TT GTT GAG TAG AGT GTG AGC TCC G 

B12 >WSSedA1Ba
3_1392065/29
3-209 

GGT GAA GGA CGG GTC CA TTGG AGG CAT TGA ACC TGC CAG CCT 
AAA TGG GCG CCA TGG TCG GCA GGT GAG CTA GTG GCG CAA CCA 
G CCAA T TGT TGA GTA GAG TGT GAG CTC CG 

C01 >JGI20201J14
949_1001037/
1554-1469  

GGT GAA GGA CGG GTC CA CGGG AAG CTC TGA CGC GCG GCC CAC 
ACC CGT GGT CGC CGG GAC CAC GCC GAG CCA CTG GCG AGA CCG 
A CCCG T TGT TGA GTA GAG TGT GAG CTC CG 

C02 >JGI20199J14
953_1098529/
84-169  

GGT GAA GGA CGG GTC CA TGGG GGG CTG TGA GGC GCG CGT TTC 
CGC GCT GGT CAC CAA GAC CGC GCT GAG CCA ATG GTG AGA CCG 
A CCCG T TGT TGA GTA GAG TGT GAG CTC CG 

C03 >JGI20195J14
853_1037916/
548-632 

GGT GAA GGA CGG GTC CA CGGG AGC CTC TGA CAC GCG GCC CAC 
ATT CTG GCC GCC GGG ACC GCG CCG AGC CAC TGG CGA GAC CGA 
CCCG TT GTT GAG TAG AGT GTG AGC TCC G 

C04 >JGI20179J14
886_1096033/
58-141  

GGT GAA GGA CGG GTC CA CGGG AGG CTC TGA CGC GCG GCC CAT 
ACC CTG GCC GCC GGG ACC GCG CCG AGC CAC TGG CGA GAC CGA 
CCCG TT GTT GAG TAG AGT GTG AGC TCC G 

C05 >SS_3KL_010
_SOIL_102212
96/18-121 

GGT GAA GGA CGG GTC CA GGGG AAG CAT CGA TCC TCG GAC CGA 
TTT CCG GTC GCC GAG TGG GTC CAG AAC CCG CGG GTC CGA GGG 
GAG CGA GTG GCG AGA CCG A CCCC T TGT TGA GTA GAG TGT GAG 
CTC CG 

C06 >JGI20189J14
885_1069420/
244-346 

GGT GAA GGA CGG GTC CA GGGG ACG CTT TGA TCC GCG ACT GGT 
AAC ACC GGT CAC CTG CCG TAG CTC TTG CGG ATG GTT GCG GGG 
AGC GAG TGG TGA GAC CGA CCCC TT GTT GAG TAG AGT GTG AGC 
TCC G 

C07 >SL_1KL_011
_SED_100792
27/241-132 

GGT GAA GGA CGG GTC CA CGGG AAG CGA TGA ACC GTC GGG CGT 
CGA CCG GTC GCC CTG GGA TGA TCT TCG TGC CAT CCC ACA CCC 
GAC GGG GAG CAA GAG GCG AGA CCG A CCCG T TGT TGA GTA GAG 
TGT GAG CTC CG 

C08 >JGI20191J14
862_1080554/
98-198 

GGT GAA GGA CGG GTC CA CAGG AGG CAG GAA GCG GGG GTT CCA 
CCA GCG GAC CGG TCT AAC TCG GTC GCC AAC CGA TGC GCT GGG 
CCA ATG GCG AGA CCG A CCTG T TGT TGA GTA GAG TGT GAG CTC 
CG 

C09 >JGI20185J14 GGT GAA GGA CGG GTC CA GGGG ACG TAT TGA TCC GCG ACT GGT 
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861_1003146/
1171-1270 

AAC ACG GTC ACC GCC GCA GCG ATG CGG ATG GTC GCG GGG AGC 
GAG TGG TGA GAC CGA CCCC TT GTT GAG TAG AGT GTG AGC TCC 
G 

C10 >SS_3KL_010
_SOIL_100119
75/2645-2748 

GGT GAA GGA CGG GTC CA CGGG ACG CGA GGA ACC TCG GAT CGT 
ACG ACG GTC GCC ACC TGT GCA TCG AGC ACG GGA GGT CCG GGG 
GGA GCG AGT GGC GAG ACC GC CCCG TTG TTG AGT AGA GTG TGA 
GCT CCG 

C11 >SL_8KL_010
_SED_106062
99/134-236  

GGT GAA GGA CGG GTC CA CGGG ACG CAT CGA TCT CTG GAC CGC 
AGC ACG GTC GCC ATG GCG GGT CAC CCC GCC AGG TCC GGA GGG 
AGC GAG TGG CGA GAC CGA CCCG TT GTT GAG TAG AGT GTG AGC 
TCC G 

C12 >JGI20191J14
862_1137327/
89-172  

GGT GAA GGA CGG GTC CA CGGG AGG CTC TGA CAC GCG GTC CAT 
ATC CGG CCG TCG GGA CCG CGC CGA GCC ACT GGC GAG ACC GA 
CCCG TTG TTG AGT AGA GTG TGA GCT CCG 

D01 >JGI20196J14
858_1059392/
312-199 

GGT GAA GGA CGG GTC CA GACGTT C AGC GAA GAT CCG GGC GGT 
CCT CAC CGG CAC TGC AAG GTG CAC GGA GAA TAT ACG GTC GCC 
AGA CCG TCC GGG GAG CTA GTG GCG AGA CCG G AAAGTC TT GTT 
GAG TAG AGT GTG AGC TCC G 

D02 >SL_8KL_010
_SED_101156
07/552-450 

GGT GAA GGA CGG GTC CA CGGG AAG CAG AGA TCC TCG GAC CGC 
ACG ACG GTC GCC TCC CCA GCT GCA CCG CTG GGA TGT CCG AGG 
GGA GCG AGT GGC GAG ACC GA CCCG TTG TTG AGT AGA GTG TGA 
GCT CCG 

D03 >JGI20173J14
856_1095094/
160-76 

GGT GAA GGA CGG GTC CA CGGG AAG CTG ACA CGC GGT CCG TGC 
CCA CGG TCG CCC ATG ACC GCG CCG AGA AAC TGG CGA GAC CGA 
CCCG TT GTT GAG TAG AGT GTG AGC TCC G 

D04 >SL_9KL_010
_SED_103802
76/240-324  

GGT GAA GGA CGG GTC CA CCGG AGG CGA TGA AGC CTG ATC CCT 
TAC TCG GGC GCT TGG GAC AGG TGG AGC CAG TAG CGC GAC CGG 
CCGG TT GTT GAG TAG AGT GTG AGC TCC G 

D05 >SS_3KL_010
_SOIL_102785
13/108-23  

GGT GAA GGA CGG GTC CA CCGG CGG CGT TGA TAT CGG ATT CCC 
GTA TTC GGG CGC TTG GGA CCG ATG GAG CCA GTA GCG CGA CCG 
G CCGG T TGT TGA GTA GAG TGT GAG CTC CG 

D06 >SL_1KL_011
_SED_105502
66/311-226 

GGT GAA GGA CGG GTC CA TACG GGG CGA CGA CCC GCA GTC CAC 
GCA TCC GGG CAC TCC GAC TGC GAC GAG CCA GTA GTG CGA CCG 
A CGTA T TGT TGA GTA GAG TGT GAG CTC CG 

D07 >SL_7KL_010
_BRINE_1001
4526/149-256  

GGT GAA GGA CGG GTC CA GAGG ACG CGA GGA TCC TCG GAC CGG 
GAG ACC GGT CGC CGC GGG GCG GAG CAC CGC CCC GAC GGT 
CCG AGG GGA GCG AGC GGC GAG ACC GA CCTC TTG TTG AGT AGA 
GTG TGA GCT CCG 

D08 >SL_3KL_010
_SED_101450
62/974-890 

GGT GAA GGA CGG GTC CA CCGG AGG CGA TGA AAC CTG GTC CCG 
TAC TCG GGC GCT TGG GAC AGG TGG AGC CAG TAG CGC GAC CGG 
CCGG TT GTT GAG TAG AGT GTG AGC TCC G 

D09 >SL_1KL_011
_SED_103183
14/116-200 

GGT GAA GGA CGG GTC CA TCGG AGG CGA TGA AGC CTA GTC CTG 
TAT TCG GGC GCT TGG GAC AGG TGG AGC CAG TAG CGC GAC CGG 
CCGA TT GTT GAG TAG AGT GTG AGC TCC G 

D10 >JGI20198J14
950_1053729/
149-233 

GGT GAA GGA CGG GTC CA GAGG AGA CGC TGA TCC GCC GGG GCA 
CGC GCG GTC ACG AGA ACC CGG CGG GGA GTC AAT CGT GAG ACC 
GG CCTC TTG TTG AGT AGA GTG TGA GCT CCG 

D11 >FNTS_GKKE
VUV01BYZ67/
208-296  

GGT GAA GGA CGG GTC CA GTAG AGG CCA AGA ACC GCG TCC CGC 
TAC GAC GGG CAC CCG AAG GGG CGC GGG GAG CCA GTG GTG CGA 
CCG G CTAC T TGT TGA GTA GAG TGT GAG CTC CG 

D12 >JGI20173J14
856_1035754/
109-211 

GGT GAA GGA CGG GTC CA GGGT GGC AGC GGA CCG CGA GGT CCA 
ACC AGC GCG GCG TCC TGA TCC GGT CGC CAA ACC GTC GTG CTG 
GGC CAA TGG CGA GAC CG ACCC TTG TTG AGT AGA GTG TGA GCT 
CCG 
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3.6 Materials and Methods 
 
Reagents and oligonucleotides 

DNA oligonucleotides for biosensor constructs were purchased as Ultramers 
from Integrated DNA Technologies (Coralville, IA) and other DNA oligonucleotides were 
purchased from Elim Biopharmaceuticals (Hayward, CA). DFHBI and DFHBI-1T were 
either purchased from Lucerna (New York, NY) or were synthesized following previously 
described protocols (Song et al., 2014) and were stored as 10-30 mM stocks in DMSO. 
C-di-GMP, 3′, 3′-cGAMP, 2′, 3′-cGAMP were purchased from Axxora (Farmingdale, NY). 
Commercially available reagents were used without further purification. T7 RNA 
polymerase was either purchased from New England Biolabs Inc (Ipswich, MA) or given 
as a generous gift by the laboratory of Terrence Oas at Duke University. Phusion DNA 
polymerase were purchased from New England Biolabs Inc (Ipswich, MA). Chemically 
competent BL21 (DE3) Star cells were purchased from Life Technologies (Carlsbad, 
CA). Quinacrine dihydrochloride, herring testes DNA (HT-DNA), and snake venom 
phosphodiesterase (SVPD) was purchased from Sigma-Aldrich (St Louis, MO). L929 
and HEK293T cells were purchased from ATCC (Manassas, VA). 
 
In vitro transcription 

DNA templates for in vitro transcription were prepared through PCR amplification 
using Phusion DNA polymerase (NEB) from sequence-confirmed plasmids using 
primers that added the T7 polymerase promoter sequence. PCR products were purified 
by QIAquick PCR purification kit (Qiagen) for characterization and application 
experiments. Templates were then transcribed using T7 RNA polymerase in 40 mM 
Tris-HCl, pH 8.0, 6 mM MgCl2, 2 mM spermidine, and 10 mM DTT. RNAs were either 
purified by a 96-well format ZR-96 Clean & Concentrator (Zymo Research) for the 
candidate biosensor screen or by denaturing (7.5 M urea) 6% PAGE for biosensor 
characterization and use in quantitative assays. RNAs purified from PAGE were 
subsequently extracted from gel pieces using Crush Soak buffer (10 mM Tris-HCl, pH 
7.5, 200 mM NaCl and 1 mM EDTA, pH 8.0). RNAs were precipitated with ethanol, 
dried, and then resuspended in TE buffer (10 mM Tris-HCl, pH 8.0, 1 mM EDTA). 
Accurate measurement of RNA concentration was determined by measuring the 
absorbance at 260 nm after performing a hydrolysis assay to eliminate the hypochromic 
effect due to secondary structure in these RNAs (Wilson et al., 2014). 
 
Expression and purification of cGAS enzyme 

N-terminal 6xHis-MBP tagged full length cGAS encoding plasmid was donated 
by the Doudna lab (Kranzusch et al., 2013). Protein expression was induced in E. coli 
BL21-RIL DE3 along with pRARE2 human tRNA plasmid (Agilent) with addition of 0.5 M 
IPTG to LB media for 20 hr at 16 °C. Cells were lysed by sonication in 20 mM HEPES 
(pH 7.5), 400 mM NaCl, 10% glycerol, 30 mM imidazole, 1 mM PMSF, 1 mM TCEP. 
The lysate was treated with DNase (Worthington, NJ) for 30 min to remove residual 
DNA bound to cGAS. Clarified lysate was bound to Ni-NTA agarose (QIAGEN) and was 
washed with lysis buffer supplemented with 1 M NaCl. The bound protein was eluted 
using lysis buffer supplemented with 300 mM imidazole. The eluted protein was 
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dialyzed overnight at 4 °C in buffer having 20 mM HEPES (pH 7.5), 150 mM KCl, 10% 
glycerol and 1 mM TCEP.  
 
Thin-layer chromatography assay of cGAS activity 

Enzyme activity of recombinant full-length cGAS was assayed in buffer 
containing 40 mM Tris-HCl (pH 7.5), 100 mM NaCl, and 10 mM MgCl2 (Sigma-Aldrich, 
St Louis, MO). cGAS (estimated final concentration 1.5 μM) or equal volume of water 
was incubated with activating ligand HT-DNA (final concentration 0.1 mg/ml) in the 
presence of 250 μM ATP and 250 μM GTP and trace amounts of [α-32P] ATP or GTP (~ 
30 nM) at 37 °C for 1.5 hr. Reactions were terminated with addition of 5 U of alkaline 
phosphatase (New England Biolabs) and further incubation at 37°C for 30 min. One 
microliter of each reaction was spotted onto a PEI-Cellulose F thin-layer 
chromatography plate (EMD Millipore), and reaction products were separated with the 
use of 1.5 M KH2PO4 (pH 3.8) as solvent. Plates were dried and radiolabeled products 
were detected by imaging the exposed phosphor screen using a Typhoon 
phosphorimager (GE Life Sciences). 
 
General procedure for in vitro fluorescence assays  

In vitro fluorescence assays were carried out in a buffer containing 40 mM 
HEPES, pH 7.5 and 125 mM KCl. Other conditions, including temperature, 
concentration of MgCl2, DFHBI (or DFHBI-1T), ligand (or cell extract) and RNA were 
varied in different experiments and are indicated in the figures. The RNA was renatured 
in buffer at 70 °C for 3 min and cooled to ambient temperature for 5 min prior to addition 
to the reaction solution containing DFHBI (or DFHBI-1T), buffer, and ligand. Binding 
reactions were performed either in 100 μL (96-well plate) or 30 μL (384-well plate) 
volumes and were incubated at the indicated temperature in either a Corning Costar 
3915 96-well black plate or Greiner 781077 384-well black plate until equilibrium was 
reached, which typically takes 30 to 60 minutes. The fluorescence emission was 
measured using a Molecular Devices SpectraMax Paradigm Multi-Mode detection 
platform plate reader (Sunnyvale, CA) with the following instrument parameters: 448 nm 
excitation, 506 nm emission for DFHBI or 470 nm excitation, 510 nm emission for 
DFHBI-1T. 
 
cGAS activity and inhibition assay  

To initiate the enzyme reaction, 0.5 μL of HT-DNA was added to 2.5 μL of 6X 
enzyme reaction solution containing cGAS, GTP, ATP and reaction buffer. Generally, 
final concentrations are 100 μg/mL HT-DNA, 1.5 μM cGAS, 200 μM GTP, and 200 μM 
ATP in enzyme reaction buffer (40 mM Tris-HCl (pH 7.5), 100 mM NaCl, 10 mM MgCl2).  
The enzyme reactions are incubated at 37 °C for 2 h. For the inhibition assay shown in 
Figure 3.5A, the reaction conditions are the same as described above except various 
concentrations of quinacrine was added. 

 
To initiate the fluorescent biosensor reaction, 3 μL of the enzyme reaction was 

added to 27 μL of biosensor reaction solution containing renatured RNA, DFHBI (or 
DFHBI-1T), and biosensor binding buffer. Final concentrations are 200 nM RNA, 10 μM 
DFHBI (or DFHBI-1T), 40 mM HEPES, pH 7.5, 125 mM KCl, 10 mM MgCl2, and 0.1X 
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enzyme reaction buffer (4 mM Tris-HCl (pH 7.5), 10 mM NaCl, 1 mM MgCl2). 
Fluorescence measurements were conducted as described above. For the inhibition 
assay, due to the intrinsic fluorescence of quinacrine, DFHBI-1T was used to decrease 
overlap in its excitation wavelength. Samples containing only quinacrine at various 
concentrations in the biosensor binding buffer were used for background fluorescence 
subtraction. 
 
High-throughput screening (HTS) assay of cGAS activity  

For HTS experiments, reaction component samples were dispensed into a 
Grenier 781077 384-well flat bottom black plate using an Eppendorf Repeater Xstream 
pipetter. Z′ factors were calculated from 16 well replicates in the 384-well plate. For the 
cGAS activity assay, 0.5 μL of HT-DNA or water was added to 2.5 μL of reaction 
solution containing cGAS, GTP, ATP and cGAS reaction buffer in each 0.2 mL PCR 
tube in two 8-tube strips (BioRad). Final concentrations are: 100 μg/mL HT-DNA, 1.5 
μM cGAS, 200 μM GTP, 200 μM ATP, and enzyme reaction buffer (40 mM Tris-HCl (pH 
7.5), 100 mM NaCl, 10 mM MgCl2). After 2 h incubation at 37 °C, to initiate the 
fluorescent biosensor reaction, the total reaction solution (3 μL) was added in each well 
of the 384-well plate to 27 μL of biosensor assay solution containing renatured RNA, 
DFHBI, and biosensor binding buffer. Final concentrations are 200 nM RNA, 10 μM 
DFHBI, 40 mM HEPES, pH 7.5, 125 mM KCl, 10 mM MgCl2, and 0.1x cGAS reaction 
buffer (4 mM Tris-HCl (pH 7.5), 10 mM NaCl, 1 mM MgCl2). Fluorescence 
measurements were conducted as described above. 
 
Biosensor-based determination of 2′, 3′-cGAMP concentration in mammalian cell 
extracts 

L929 and HEK293T cells were maintained in DMEM medium with 10% FBS in a 
humidified incubator at 37°C and 5% CO2. To introduce cytosolic DNA, transfections 
were performed using lipofectamine2000 (Invitrogen) using the manufacturer′s protocol. 
Typically, cells were seeded in 175 cm flasks at 90% confluence (2 x 106 cells) in 25 mL 
media. The lipofectamine (125 μL) was mixed with 250 μg of HT-DNA (10 µg/ml) or no 
HT-DNA (mock) in OptiMEM to a final volume of 200 μL and incubated at 
room temperature for 30 min. The transfection mixture was added to the cell culture and 
incubated for 6 h, then cyclic dinucleotides were extracted from three 175 cm flasks of 
cells (~6 x 106 cells, quantified in a Neubauer chamber using bright field microscope) 
after brief trypsinization to detach from flask. The extraction procedure was performed 
as described in the section on E. coli cell lysates. Mammalian cell lysates were 
concentrated to a final volume of 30 µL using a vacuum concentrator and used 
immediately or stored at -20 °C. 

 
To initiate the fluorescent biosensor reactions, 2 µL (1X), 5 µL (2.5X), or 10 µL 

(5X) of cell extracts (stimulated or non-stimulated) was added to a reaction solution 
adjusted to a final volume of 30 μL. Final concentrations are 200 nM RNA, 25 μM 
DFHBI-1T, 40 mM HEPES, pH 7.5, 125 mM KCl, and 10 mM MgCl2. Fluorescence 
measurements were conducted as described above. For experiments with SVPD, active 
(200 μU) or heat inactivated SVPD (95 °C for 5 mins) was added to 2 µL (1X cell lysate) 
of cell extract and incubated at 37 °C for 1 h. The reactions were stopped by heating at 
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95 °C for 5 mins, rapidly cooled on ice, and then analyzed in fluorescent biosensor 
reactions. 

 
To generate a standard fluorescence response curve in L929 cell lysates, known 

concentrations of commercial 2′, 3′-cGAMP in water were mixed with 1 µL of non-
stimulated cell extract, followed by addition to a reaction solution adjusted to a final 
volume of 25 μL.  
 
Analysis of biosensor binding affinities 

To measure the apparent binding affinities of 2′, 3′-cGAMP biosensors, 
fluorescence assays were performed with the following conditions: 37 °C, 3 mM MgCl2, 
200 nM RNA, and 10 µM DFHBI. The 2′, 3′-cGAMP concentration (ccGAMP) was varied, 
and the fluorescence of the sample with DFHBI but no RNA was subtracted as 
background to determine relative fluorescence units (RFU). The ratio between the 
fraction of biosensor that is bound by 2′, 3′-cGAMP and the total 2′, 3′-cGAMP biosensor 
concentration is given as: 

 

𝑟𝑎𝑡𝑖𝑜	𝑏𝑜𝑢𝑛𝑑 =
𝑅𝑁𝐴 ∙ 𝑐𝐺𝐴𝑀𝑃 ∙ 𝐷𝐹𝐻𝐵𝐼

𝑐454$'	789
=

𝐹 − 𝐹<=>
𝐹<?@ − 𝐹<=>

 

 
Thus, for each concentration of 2′, 3′-cGAMP, the fluorescence of its 

corresponding sample should be: 
 

𝐹	 =
𝑅𝑁𝐴 ∙ 𝑐𝐺𝐴𝑀𝑃 ∙ 𝐷𝐹𝐻𝐵𝐼

𝑐454$'	789
	×	 𝐹<?@ − 𝐹<=> + 𝐹<=> 

 
where Fmin is the fluorescence of the sample containing no 2′, 3′-cGAMP, while 

Fmax is the fluorescence of the sample containing highest concentration of 2′, 3′-cGAMP 
(100 μM). 
 

The apparent dissociation constants Kd were determined by least squares fitting 
to the following equation in Graphpad Prism software: 
  
𝐹	 = 789∙OP9QR∙STUVW

OXYXZ[	\]^
	×	 𝐹<?@ − 𝐹<=> + 𝐹<=> =

OXYXZ[	\]^_`a_Obc^def OXYXZ[	\]^_`a_Obc^de gfh×OXYXZ[	\]^×Obc^de
i×OXYXZ[	\]^

×	 𝐹<?@ − 𝐹<=> + 𝐹<=>  
 
Determination of 2′, 3′-cGAMP concentration in E. coli cells overexpressing cGAS 

E. coli harboring either empty pCOLA vector or pCOLA containing cGAS, DncV, 
or WspR genes were induced with 1 mM IPTG for 4 h at 37 ºC in 3 mL LB media, then 
the cells were pelleted and dry weight was measured (0.68, 0.75, 0.53, and 0.62 g, 
respectively). Cyclic dinucleotides were extracted as described previously (Spangler et 
al., 2010), with the following modifications. Pelleted cells were frozen at -80 ºC 
overnight. Frozen cell pellets were thawed and resuspended in 1.4 mL extraction buffer 
(40% acetonitrile, 40% methanol and 20% ddH2O). Resuspended cells were incubated 
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at room temperature with mild agitation for 20 min. After centrifugation for 5 min at 
13,200 rpm, the supernatant was carefully removed and stored on ice. The remaining 
pellet was extracted twice more as described, with 700 µL extraction solvent each time. 
The combined supernatants were evaporated to dryness by rotary evaporation and the 
dried material was resuspended in 300 µL ddH2O. The extract was filtered through a 3 
kDa MW cutoff Amicon Ultra-4 Protein Concentrator (Millipore) and used immediately or 
stored at -20 °C. To obtain a standard curve for quantifying 2′,3′-cGAMP, known 
concentrations of commercial 2′,3′-cGAMP were doped into extracts from cells 
expressing empty pCOLA to a final volume of 20 μL. The samples were analyzed by 
LC-MS and the 675 m/z ion traces (corresponding to 2′,3′-cGAMP) were determined. 
See SI for details on calculation.  

To initiate the fluorescent biosensor reaction, 3 μL of the bacterial cell extract 
was added to 27 μL of biosensor assay solution containing renatured RNA, DFHBI-1T, 
and biosensor binding buffer. Final concentrations are 200 nM RNA, 25 μM DFHBI-1T, 
40 mM HEPES, pH 7.5, 125 mM KCl, and 10 mM MgCl2. Fluorescence measurements 
were conducted as described above. 
 
In vivo fluorescence assays by flow cytometry 

Preparation of cell samples for flow cytometry was carried out by inoculating 3 
mL of LB media (containing carbenicillin and kanamycin) with 150 μL of an overnight 
culture of BL21 star cells harboring both a pET31b plasmid encoding RNA-based 
biosensor and a pCOLA plasmid encoding cyclic-di-nucleotide synthetase. Cells were 
grown aerobically to an OD600 ~ 0.3 - 0.5, then induced with 1 mM IPTG at 37 °C for 4 
hrs. Cell density was measured by OD600, and diluted in PBS media containing 100 μM 
DFHBI-1T to a concentration that gives a flow cytometer analysis rate of around 1000 - 
2000 events per second. Cellular fluorescence was measured for 30,000 cells using an 
Attune NxT Acoustic Focusing Cytometer (Life Technologies). 
 
Determination of cGAMP concentration in E. coli cells overexpressing cGAS 

From the linear regression of the standard curve, shown in Figure 3.8, fitting the 
standard curve to equation 𝑌	 = 	𝑚𝑋	 + 	𝐶 gave 𝑌	 = 	2.49𝑋 − 7.46	with an R2 value of 
0.99. 

 
The dry weight of the cGAS expressing cell pallet was 0.75	g. This was lysed, 

extracted and concentrated to give 250 μL cell extract, and 20 μL of the cell extract was 
loaded in LC-MS.  
 

Thus, the concentration of 2′,3′-cGAMP in the 20 μL measurement solution was 
calculated to be: 

𝑐	 𝑐𝐺𝐴𝑀𝑃 =	
𝑌 − 𝐶
𝑚 =

3372 + 7.46
2.49	×	1000 	𝑚𝑀 = 1.36	𝑚𝑀 

 
The amount of 2′,3′-cGAMP in the 250 µL cell extract was: 

𝑛 𝑐𝐺𝐴𝑀𝑃 = 𝑐 𝑐𝐺𝐴𝑀𝑃 ×	𝑣𝑜𝑙𝑢𝑚𝑒 = 1.36	𝑚𝑀	×	250	µL = 0.34	µmol 
 

The dry weight of single E. coli cell is 10-12 g, which gives: 
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𝑛𝑢𝑚𝑏𝑒𝑟	𝑜𝑓	𝑐𝑒𝑙𝑙𝑠 =
𝑐𝑒𝑙𝑙	𝑝𝑎𝑙𝑙𝑒𝑡	𝑤𝑒𝑖𝑔ℎ𝑡	

𝑑𝑟𝑦	𝑤𝑒𝑖𝑔ℎ𝑡	𝑜𝑓	𝑠𝑖𝑛𝑔𝑙𝑒	𝑐𝑒𝑙𝑙 =
0.75
	10f�i ≈ 0.75	×	10�i	 

 
The amount of 2′,3′-cGAMP per cell was determined to be: 

𝑛 𝑐𝐺𝐴𝑀𝑃	𝑝𝑒𝑟	𝑐𝑒𝑙𝑙 =
𝑛 𝑐𝐺𝐴𝑀𝑃

𝑛𝑢𝑚𝑏𝑒𝑟	𝑜𝑓	𝑐𝑒𝑙𝑙𝑠 =
0.34	µ𝑚𝑜𝑙	
0.75	×	10�i ≈ 0.45	×	10f��	mol = 0.45	attomol 

 
The volume of E. coli cell is 	10f��	L. The concentration of 2′,3′-cGAMP in cGAS 

expressing E. coli cells was determined as: 
 

𝑐𝐺𝐴𝑀𝑃	𝑝𝑒𝑟	𝑐𝑒𝑙𝑙 = 	
𝑛 𝑐𝐺𝐴𝑀𝑃	𝑝𝑒𝑟	𝑐𝑒𝑙𝑙

𝑐𝑒𝑙𝑙	𝑣𝑜𝑙𝑢𝑚𝑒 =
0.45	×	10f��	𝑚𝑜𝑙	

	10f��	𝐿 ≈ 0.45	×	10f�	M = 0.45	mM 
 
Determination of 2′, 3′-cGAMP concentration in L929 and HEK293T cell extracts 

From the linear regression of the standard curve, shown in Figure 3.7E, the 
standard curve fit the equation 𝑌	 = 	𝑚𝑋	 + 	𝐶  gave 1/m	 = 	1.67	 ∗ 	10f�	𝜇𝑀  and 𝐶	 =
	150517	 ± 	22135 with an R2 value of 0.98. 
 

For measuring the average amount of 2′,3′-cGAMP in each dsDNA-stimulated 
cell, 6	×	10�	 DNA-stimulated cells were lysed, extracted and concentrated to give 20 μL 
cell extract, and 2 μL of the cell extract was added to a solution with final volume of 25 
μL for fluorescence measurement. The fluorescence of this solution was measured to 
be 239874 (Figure 3.7E, average of two independent biological replicates). 
 

Thus, the concentration of 2′,3′-cGAMP in the 25 μL measurement solution was 
calculated to be: 

 

𝑐	 𝑐𝐺𝐴𝑀𝑃 =	
𝑌 − 𝐶
𝑚 = 239874 − 150517 ×	 1.67×10f� 	𝜇𝑀 = 1.5	𝜇𝑀 

 
Then, the amount of 2′,3′-cGAMP in the 2 µL cell extract was: 
 

𝑛 𝑐𝐺𝐴𝑀𝑃 = 𝑐 𝑐𝐺𝐴𝑀𝑃 ×	𝑣𝑜𝑙𝑢𝑚𝑒 = 1.5	𝜇𝑀	×	25	µL = 37	pmol 
 

Lastly, the amount of 2′,3′-cGAMP per cell was determined as: 
 

𝑛 𝑐𝐺𝐴𝑀𝑃	𝑝𝑒𝑟	𝑐𝑒𝑙𝑙 =
𝑛 𝑐𝐺𝐴𝑀𝑃

𝑛𝑢𝑚𝑏𝑒𝑟	𝑜𝑓	𝑐𝑒𝑙𝑙𝑠 =
37	𝑝𝑚𝑜𝑙	×	10
6	×	10� ≈ 6	×	10f��	mol = 60	attomol	 

 
  



 

 117 

3.7 References 
 
Ablasser, A., Goldeck, M., Cavlar, T., Deimling, T., Witte, G., Rohl, I., Hopfner, K.P., 
Ludwig, J., and Hornung, V. (2013). cGAS produces a 2'-5'-linked cyclic dinucleotide 
second messenger that activates STING. Nature 498, 380-384. 

Ahn, J., Gutman, D., Saijo, S., and Barber, G.N. (2012). STING manifests self DNA-
dependent inflammatory disease. Proc Natl Acad Sci U S A 109, 19386-19391. 

Ahn, J., Konno, H., and Barber, G.N. (2015). Diverse roles of STING-dependent 
signaling on the development of cancer. Oncogene 34, 5302-5308. 

Ahn, J., Ruiz, P., and Barber, G.N. (2014). Intrinsic self-DNA triggers inflammatory 
disease dependent on STING. J Immunol 193, 4634-4642. 

An, J., Woodward, J.J., Sasaki, T., Minie, M., and Elkon, K.B. (2015). Cutting edge: 
Antimalarial drugs inhibit IFN-beta production through blockade of cyclic GMP-AMP 
synthase-DNA interaction. J Immunol 194, 4089-4093. 

Baird, J.R., Friedman, D., Cottam, B., Dubensky, T.W., Jr., Kanne, D.B., Bambina, S., 
Bahjat, K., Crittenden, M.R., and Gough, M.J. (2016). Radiotherapy Combined with 
Novel STING-Targeting Oligonucleotides Results in Regression of Established Tumors. 
Cancer Res 76, 50-61. 

Barker, J.R., Koestler, B.J., Carpenter, V.K., Burdette, D.L., Waters, C.M., Vance, R.E., 
and Valdivia, R.H. (2013). STING-dependent recognition of cyclic di-AMP mediates type 
I interferon responses during Chlamydia trachomatis infection. MBio 4, e00018-00013. 

Boer, D.R., Canals, A., and Coll, M. (2009). DNA-binding drugs caught in action: the 
latest 3D pictures of drug-DNA complexes. Dalton Trans, 399-414. 

Burdette, D.L., Monroe, K.M., Sotelo-Troha, K., Iwig, J.S., Eckert, B., Hyodo, M., 
Hayakawa, Y., and Vance, R.E. (2011). STING is a direct innate immune sensor of 
cyclic di-GMP. Nature 478, 515-518. 

Burhenne, H., and Kaever, V. (2013). Quantification of cyclic dinucleotides by reversed-
phase LC-MS/MS. Methods Mol Biol 1016, 27-37. 

Chandra, D., Quispe-Tintaya, W., Jahangir, A., Asafu-Adjei, D., Ramos, I., Sintim, H.O., 
Zhou, J., Hayakawa, Y., Karaolis, D.K., and Gravekamp, C. (2014). STING ligand c-di-
GMP improves cancer vaccination against metastatic breast cancer. Cancer Immunol 
Res 2, 901-910. 

Corrales, L., and Gajewski, T.F. (2015). Molecular Pathways: Targeting the Stimulator 
of Interferon Genes (STING) in the Immunotherapy of Cancer. Clin Cancer Res 21, 
4774-4779. 



 

 118 

Corrales, L., Glickman, L.H., McWhirter, S.M., Kanne, D.B., Sivick, K.E., Katibah, G.E., 
Woo, S.R., Lemmens, E., Banda, T., Leong, J.J., et al. (2015). Direct Activation of 
STING in the Tumor Microenvironment Leads to Potent and Systemic Tumor 
Regression and Immunity. Cell Rep 11, 1018-1030. 

Curran, E., Corrales, L., and Kline, J. (2015). Targeting the innate immune system as 
immunotherapy for acute myeloid leukemia. Front Oncol 5, 83. 

Demaria, O., De Gassart, A., Coso, S., Gestermann, N., Di Domizio, J., Flatz, L., Gaide, 
O., Michielin, O., Hwu, P., Petrova, T.V., et al. (2015). STING activation of tumor 
endothelial cells initiates spontaneous and therapeutic antitumor immunity. Proc Natl 
Acad Sci U S A 112, 15408-15413. 

Deng, L., Liang, H., Xu, M., Yang, X., Burnette, B., Arina, A., Li, X.D., Mauceri, H., 
Beckett, M., Darga, T., et al. (2014). STING-Dependent Cytosolic DNA Sensing 
Promotes Radiation-Induced Type I Interferon-Dependent Antitumor Immunity in 
Immunogenic Tumors. Immunity 41, 843-852. 

Diner, E.J., Burdette, D.L., Wilson, S.C., Monroe, K.M., Kellenberger, C.A., Hyodo, M., 
Hayakawa, Y., Hammond, M.C., and Vance, R.E. (2013). The innate immune DNA 
sensor cGAS produces a noncanonical cyclic dinucleotide that activates human STING. 
Cell Rep 3, 1355-1361. 

Downey, C.M., Aghaei, M., Schwendener, R.A., and Jirik, F.R. (2014). DMXAA causes 
tumor site-specific vascular disruption in murine non-small cell lung cancer, and like the 
endogenous non-canonical cyclic dinucleotide STING agonist, 2'3'-cGAMP, induces M2 
macrophage repolarization. PLoS One 9, e99988. 

Folcher, M., Oesterle, S., Zwicky, K., Thekkottil, T., Heymoz, J., Hohmann, M., Christen, 
M., Daoud El-Baba, M., Buchmann, P., and Fussenegger, M. (2014). Mind-controlled 
transgene expression by a wireless-powered optogenetic designer cell implant. Nat 
Commun 5, 5392. 

Gao, D., Li, T., Li, X.D., Chen, X., Li, Q.Z., Wight-Carter, M., and Chen, Z.J. (2015). 
Activation of cyclic GMP-AMP synthase by self-DNA causes autoimmune diseases. 
Proc Natl Acad Sci U S A 112, E5699-5705. 

Gao, D., Wu, J., Wu, Y.T., Du, F., Aroh, C., Yan, N., Sun, L., and Chen, Z.J. (2013a). 
Cyclic GMP-AMP synthase is an innate immune sensor of HIV and other retroviruses. 
Science 341, 903-906. 

Gao, P., Ascano, M., Wu, Y., Barchet, W., Gaffney, B.L., Zillinger, T., Serganov, A.A., 
Liu, Y., Jones, R.A., Hartmann, G., et al. (2013b). Cyclic [G(2',5')pA(3',5')p] is the 
metazoan second messenger produced by DNA-activated cyclic GMP-AMP synthase. 
Cell 153, 1094-1107. 



 

 119 

Hallberg, Z.F., Wang, X.C., Wright, T.A., Nan, B., Ad, O., Yeo, J., and Hammond, M.C. 
(2016). Hybrid promiscuous (Hypr) GGDEF enzymes produce cyclic AMP-GMP (3', 3'-
cGAMP). Proc Natl Acad Sci U S A 113, 1790-1795. 

Hansen, K., Prabakaran, T., Laustsen, A., Jorgensen, S.E., Rahbaek, S.H., Jensen, 
S.B., Nielsen, R., Leber, J.H., Decker, T., Horan, K.A., et al. (2014). Listeria 
monocytogenes induces IFNbeta expression through an IFI16-, cGAS- and STING-
dependent pathway. EMBO J 33, 1654-1666. 

Herzner, A.M., Hagmann, C.A., Goldeck, M., Wolter, S., Kubler, K., Wittmann, S., 
Gramberg, T., Andreeva, L., Hopfner, K.P., Mertens, C., et al. (2015). Sequence-
specific activation of the DNA sensor cGAS by Y-form DNA structures as found in 
primary HIV-1 cDNA. Nat Immunol 16, 1025-1033. 

Hossain, M., Giri, P., and Kumar, G.S. (2008). DNA intercalation by quinacrine and 
methylene blue: a comparative binding and thermodynamic characterization study. DNA 
Cell Biol 27, 81-90. 

Ishikawa, H., and Barber, G.N. (2008). STING is an endoplasmic reticulum adaptor that 
facilitates innate immune signalling. Nature 455, 674-678. 

Kellenberger, C.A., Chen, C., Whiteley, A.T., Portnoy, D.A., and Hammond, M.C. 
(2015a). RNA-Based Fluorescent Biosensors for Live Cell Imaging of Second 
Messenger Cyclic di-AMP. J Am Chem Soc 137, 6432-6435. 

Kellenberger, C.A., Hallberg, Z.F., and Hammond, M.C. (2015b). Live Cell Imaging 
Using Riboswitch-Spinach tRNA Fusions as Metabolite-Sensing Fluorescent 
Biosensors. Methods Mol Biol 1316, 87-103. 

Kellenberger, C.A., and Hammond, M.C. (2015). In vitro analysis of riboswitch-Spinach 
aptamer fusions as metabolite-sensing fluorescent biosensors. Methods Enzymol 550, 
147-172. 

Kellenberger, C.A., Wilson, S.C., Hickey, S.F., Gonzalez, T.L., Su, Y., Hallberg, Z.F., 
Brewer, T.F., Iavarone, A.T., Carlson, H.K., Hsieh, Y.F., et al. (2015c). GEMM-I 
riboswitches from Geobacter sense the bacterial second messenger cyclic AMP-GMP. 
Proc Natl Acad Sci U S A 112, 5383-5388. 

Kellenberger, C.A., Wilson, S.C., Sales-Lee, J., and Hammond, M.C. (2013). RNA-
based fluorescent biosensors for live cell imaging of second messengers cyclic di-GMP 
and cyclic AMP-GMP. J Am Chem Soc 135, 4906-4909. 

Kobayashi, H., Kobayashi, C.I., Nakamura-Ishizu, A., Karigane, D., Haeno, H., 
Yamamoto, K.N., Sato, T., Ohteki, T., Hayakawa, Y., Barber, G.N., et al. (2015). 
Bacterial c-di-GMP affects hematopoietic stem/progenitors and their niches through 
STING. Cell Rep 11, 71-84. 



 

 120 

Kranzusch, P.J., Lee, A.S., Berger, J.M., and Doudna, J.A. (2013). Structure of human 
cGAS reveals a conserved family of second-messenger enzymes in innate immunity. 
Cell Rep 3, 1362-1368. 

Lee, E.R., Baker, J.L., Weinberg, Z., Sudarsan, N., and Breaker, R.R. (2010). An 
allosteric self-splicing ribozyme triggered by a bacterial second messenger. Science 
329, 845-848. 

LePecq, J.B., and Paoletti, C. (1967). A fluorescent complex between ethidium bromide 
and nucleic acids. Physical-chemical characterization. J Mol Biol 27, 87-106. 

Li, T., Cheng, H., Yuan, H., Xu, Q., Shu, C., Zhang, Y., Xu, P., Tan, J., Rui, Y., Li, P., et 
al. (2016). Antitumor Activity of cGAMP via Stimulation of cGAS-cGAMP-STING-IRF3 
Mediated Innate Immune Response. Sci Rep 6, 19049. 

Li, X., Shu, C., Yi, G., Chaton, C.T., Shelton, C.L., Diao, J., Zuo, X., Kao, C.C., Herr, 
A.B., and Li, P. (2013). Cyclic GMP-AMP synthase is activated by double-stranded 
DNA-induced oligomerization. Immunity 39, 1019-1031. 

Ma, Z., and Damania, B. (2016). The cGAS-STING Defense Pathway and Its 
Counteraction by Viruses. Cell Host Microbe 19, 150-158. 

Nakamura, T., Miyabe, H., Hyodo, M., Sato, Y., Hayakawa, Y., and Harashima, H. 
(2015). Liposomes loaded with a STING pathway ligand, cyclic di-GMP, enhance 
cancer immunotherapy against metastatic melanoma. J Control Release 216, 149-157. 

Paijo, J., Doring, M., Spanier, J., Grabski, E., Nooruzzaman, M., Schmidt, T., Witte, G., 
Messerle, M., Hornung, V., Kaever, V., et al. (2016). cGAS Senses Human 
Cytomegalovirus and Induces Type I Interferon Responses in Human Monocyte-
Derived Cells. PLoS Pathog 12, e1005546. 

Ponchon, L., and Dardel, F. (2007). Recombinant RNA technology: the tRNA scaffold. 
Nat Methods 4, 571-576. 

Ren, A., Wang, X.C., Kellenberger, C.A., Rajashankar, K.R., Jones, R.A., Hammond, 
M.C., and Patel, D.J. (2015). Structural basis for molecular discrimination by a 3',3'-
cGAMP sensing riboswitch. Cell Rep 11, 1-12. 

Shanahan, C.A., Gaffney, B.L., Jones, R.A., and Strobel, S.A. (2011). Differential 
analogue binding by two classes of c-di-GMP riboswitches. J Am Chem Soc 133, 
15578-15592. 

Shrivastav, M., and Niewold, T.B. (2013). Nucleic Acid sensors and type I interferon 
production in systemic lupus erythematosus. Front Immunol 4, 319. 

Sinha, R., Hossain, M., and Kumar, G.S. (2007). RNA targeting by DNA binding drugs: 
structural, conformational and energetic aspects of the binding of quinacrine and DAPI 
to A-form and H(L)-form of poly(rC).poly(rG). Biochim Biophys Acta 1770, 1636-1650. 



 

 121 

Smith, K.D., Shanahan, C.A., Moore, E.L., Simon, A.C., and Strobel, S.A. (2011). 
Structural basis of differential ligand recognition by two classes of bis-(3'-5')-cyclic 
dimeric guanosine monophosphate-binding riboswitches. Proc Natl Acad Sci U S A 108, 
7757-7762. 

Song, W., Strack, R.L., Svensen, N., and Jaffrey, S.R. (2014). Plug-and-play 
fluorophores extend the spectral properties of Spinach. J Am Chem Soc 136, 1198-
1201. 

Spangler, C., Bohm, A., Jenal, U., Seifert, R., and Kaever, V. (2010). A liquid 
chromatography-coupled tandem mass spectrometry method for quantitation of cyclic 
di-guanosine monophosphate. J Microbiol Methods 81, 226-231. 

Su, Y., Hickey, S.F., Keyser, S.G., and Hammond, M.C. (2016). In Vitro and In Vivo 
Enzyme Activity Screening via RNA-Based Fluorescent Biosensors for S-Adenosyl-l-
homocysteine (SAH). J Am Chem Soc 138, 7040-7047. 

Sun, L., Wu, J., Du, F., Chen, X., and Chen, Z.J. (2013). Cyclic GMP-AMP synthase is a 
cytosolic DNA sensor that activates the type I interferon pathway. Science 339, 786-
791. 

Wang, X.C., Stephen, C.W., and Hammond, M.C. (2016). Next-generation RNA-based 
fluorescent biosensors enable anaerobic detection of cyclic di-GMP. Nucleic Acids 
Research, in press. 

Waters, C.M. (2010). Chapter6: Methods for Cyclic di-GMP Detection. In The second 
messenger cyclic Di-GMP (Washington, DC: ASM Press). 

Watson, R.O., Bell, S.L., MacDuff, D.A., Kimmey, J.M., Diner, E.J., Olivas, J., Vance, 
R.E., Stallings, C.L., Virgin, H.W., and Cox, J.S. (2015). The Cytosolic Sensor cGAS 
Detects Mycobacterium tuberculosis DNA to Induce Type I Interferons and Activate 
Autophagy. Cell Host Microbe 17, 811-819. 

Weber, H., Pesavento, C., Possling, A., Tischendorf, G., and Hengge, R. (2006). Cyclic-
di-GMP-mediated signalling within the sigma network of Escherichia coli. Mol Microbiol 
62, 1014-1034. 

Weinberg, Z., Nelson, J.W., Lunse, C.E., Sherlock, M.E., and Breaker, R.R. (2017). 
Bioinformatic analysis of riboswitch structures uncovers variant classes with altered 
ligand specificity. Proc Natl Acad Sci U S A 114, E2077-E2085. 

Wheate, N.J., Brodie, C.R., Collins, J.G., Kemp, S., and Aldrich-Wright, J.R. (2007). 
DNA intercalators in cancer therapy: organic and inorganic drugs and their 
spectroscopic tools of analysis. Mini Rev Med Chem 7, 627-648. 

White, M.J., McArthur, K., Metcalf, D., Lane, R.M., Cambier, J.C., Herold, M.J., van 
Delft, M.F., Bedoui, S., Lessene, G., Ritchie, M.E., et al. (2014). Apoptotic caspases 
suppress mtDNA-induced STING-mediated type I IFN production. Cell 159, 1549-1562. 



 

 122 

Wilson, S.C., Cohen, D.T., Wang, X.C., and Hammond, M.C. (2014). A neutral pH 
thermal hydrolysis method for quantification of structured RNAs. RNA 20, 1153-1160. 

Woo, S.R., Corrales, L., and Gajewski, T.F. (2015a). Innate immune recognition of 
cancer. Annu Rev Immunol 33, 445-474. 

Woo, S.R., Corrales, L., and Gajewski, T.F. (2015b). The STING pathway and the T 
cell-inflamed tumor microenvironment. Trends Immunol 36, 250-256. 

Woo, S.R., Fuertes, M.B., Corrales, L., Spranger, S., Furdyna, M.J., Leung, M.Y., 
Duggan, R., Wang, Y., Barber, G.N., Fitzgerald, K.A., et al. (2014). STING-dependent 
cytosolic DNA sensing mediates innate immune recognition of immunogenic tumors. 
Immunity 41, 830-842. 

Wu, J., Sun, L., Chen, X., Du, F., Shi, H., Chen, C., and Chen, Z.J. (2013). Cyclic GMP-
AMP is an endogenous second messenger in innate immune signaling by cytosolic 
DNA. Science 339, 826-830. 

Wu, M.C., Lowe, P.T., Robinson, C.J., Vincent, H.A., Dixon, N., Leigh, J., and 
Micklefield, J. (2015). Rational Re-engineering of a Transcriptional Silencing PreQ1 
Riboswitch. J Am Chem Soc 137, 9015-9021. 

Zhang, H., Tang, K., Zhang, Y., Ma, R., Ma, J., Li, Y., Luo, S., Liang, X., Ji, T., Gu, Z., et 
al. (2015). Cell-free tumor microparticle vaccines stimulate dendritic cells via 
cGAS/STING signaling. Cancer Immunol Res 3, 196-205. 

Zhang, J.H., Chung, T.D., and Oldenburg, K.R. (1999). A Simple Statistical Parameter 
for Use in Evaluation and Validation of High Throughput Screening Assays. J Biomol 
Screen 4, 67-73. 

Zhang, X., Shi, H., Wu, J., Zhang, X., Sun, L., Chen, C., and Chen, Z.J. (2013). Cyclic 
GMP-AMP containing mixed phosphodiester linkages is an endogenous high-affinity 
ligand for STING. Mol Cell 51, 226-235. 
 



 

 123 

CHAPTER 4 
 
 

Novel In Vitro Selection Strategies for  
Engineering Riboswitch-based Sensors 
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4.1 Abstract 
 

Our success in reprogramming natural cdiG riboswitches to respond to cGAMP 
via a structure-guided design inspired us to use natural riboswitch-ligand pairs as 
privileged starting points to engineer biosensors for structurally related ligands with no 
known riboswitch. These engineered RNA aptamers are likely to preserve the 
advantages of the parent riboswitches. However, conventional in vitro selection 
methods for engineering RNA aptamers, such as SELEX, do not select for ligand-
dependent switching capability, a property that is critical for riboswitches and riboswitch-
based sensors to function. Furthermore, the requirement of ligand immobilization onto 
solid support increases the difficulty in synthesis and precludes encapsulation of the 
ligand by the RNA aptamer, a characteristic common in riboswitch-ligand interactions 
that accounts for their high affinity and specificity. To address these limitations, two 
novel in vitro selection strategies, Capture-SELEX and Dye-SELEX, were proposed. 
Proof-of-concept of the Capture-SELEX strategy was conducted by enriching a ligand-
responsive RNA within 3 rounds from a mixture with 1000-fold excess ligand-insensitive 
sequence, and by successful enrichment of cdiG and cAG responsive aptamers from a 
randomized RNA library based on a GEMM-II riboswitch scaffold. The feasibility of the 
basic design of Dye-SELEX strategy was also experimentally confirmed and its 
application on selecting for functional riboswitch-based biosensors is under exploration. 
 
4.2 Introduction 
 

Since its invention in 1990s, in vitro selection strategy has resulted in the 
development of a great number of RNA aptamers targeting a variety of target ligands 
(Tuerk and Gold, 1990). These RNA aptamers are valuable in a lot of applications, 
including basic research, diagnostics, therapeutics and synthetic biology (Jayasena, 
1999; Song et al., 2012). While exhibiting lots of desirable sensing features, in vitro 
selected aptamers yet suffered from some limitations that prevent them from broader 
applications. One of them is that engineered aptamers do not always exhibit 
comparable sensing performance to their natural counterparts, which is probably due to 
the limit in size and the resulting compromised complexity of three-dimensional 
structures. Also, a lot of in vitro selected aptamers perform poorly in live cell settings 
because of lack of thermo-stability and folding fidelity.  

 
Conventionally, the sequence of the initial nucleic acid library in in vitro selection 

was designed to be either a fully randomized sequence with a length between 40 to 80 
nucleotides, or a pre-embedded stem-loop structure that are flanked by two randomized 
overhanging sequences each with a length between 20 to 40 nucleotides (Paige et al., 
2011). According to the selected aptamers, it is likely that these initial library designs did 
not offer sufficient structural complexity to convey high sensing properties. It has been 
proposed that the natural riboswitches, which are complex in three-dimensional 
structures, exhibit extraordinary ligand affinity and specificity, and are highly functional 
even in complex cellular environment, can serve as privileged scaffolds in aptamer 
engineering. For instance, functional aptamers for neurotransmitters 5-hydroxy-L-
tryptophan (5HTP) and 3,4-dihydroxy-L-phenylalanine (L-DOPA) with micromolar affinity 
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and desirable selectivity were selected from an initial RNA library based on a three-way 
junction scaffold, a common structure found in a number of natural riboswitches (Porter 
et al., 2017). 

 
 Another potential limitation of traditional in vitro selection is it requires 

conjugation of the target ligand to an affinity matrix. In this way, active RNA aptamers 
can be captured and retained on the affinity matrix and be separated from the inactive 
variants. Then, addition of free ligand competes with the immobilized ligand for RNA 
binding to result in efficient elution and enrichment of the active sequences. However, 
the chemical synthesis of target ligand derivatives for conjugating reactions can be 
challenging. Some ligands of interests do not offer sufficient diverse functional groups 
for efficient derivatization, and some others are intrinsically difficult to synthesize, let 
alone the synthesis of its derivatives. For instance, the multi-step synthesis of 2',3'-
cyclic-AMP-GMP, a second messenger involved in mammalian innate immune 
response and of great research interest, requires expertise in organic synthesis and 
represents a challenge for most biologists (Gaffney et al., 2010; Wang et al., 2017). The 
other potential issue is that the linkage between the ligand and the solid support blocks 
the selected RNA aptamer from interacting the face of the ligand where the linkage 
exists. As a result, the binding pockets of most RNA aptamers harbor an opening to 
accommodate the linker region during the selection (Porter et al., 2017). On the contrary, 
in most natural riboswitches, the ligand is buried deeply into the binding pocket and the 
area that is exposed to solvent is minimized. This encapsulation ensures the maximal 
interactions between the RNA aptamer and the ligand, which is believed to attribute to 
the high target affinity and specificity of the riboswitch aptamer domain (Batey et al., 
2004).  

 
Lastly, and most importantly, the traditional in vitro selection methods can only 

select for binding affinity (Lau et al., 2010; Liu and Lu, 2006; Martini et al., 2015; Morse 
et al., 2018; Nutiu and Li, 2003, 2005; Trevino and Levy, 2014; Yang et al., 2014; Yang 
et al., 2017; Yang et al., 2012; Zhang et al., 2017), while for riboswitch and riboswitch-
based sensors, a ligand-dependent structural switching capability is more important for 
their function. Unfortunately, the correlation between binding affinity and ligand-
dependent structure switching is poor. Furthermore, it always takes extensive efforts to 
engineer a high-affinity aptamer into a functional switchable molecular tool. Therefore, a 
strategy to directly select for ligand-dependent structural switching property is highly 
desirable.  

 
Allosteric selections for nucleic acid aptamers that do not require immobilization 

of the target ligand have been described before (Lau et al., 2010; Liu and Lu, 2006; 
Martini et al., 2015; Morse et al., 2018; Nutiu and Li, 2003, 2005; Trevino and Levy, 
2014; Yang et al., 2014; Yang et al., 2017; Yang et al., 2012; Zhang et al., 2017). 
Inspired by these methods, and combining the advantages offered by the privileged 
riboswitch scaffolds, we set out to develop two novel in vitro selection strategies for 
functional ligand-dependent structural switching RNA aptamers. Capture-SELEX 
(Hickey, 2014) was inspired by the switching mechanism of natural riboswitches, in 
which an immobilized capture DNA oligonucleotide can capture ligand-free RNAs via 
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RNA-DNA hybridization. Then, binding of the target ligand triggers a conformational 
change in the RNA, which resulted in its release from the capture oligo and thus 
enrichment from the inactive RNA counterparts. This strategy was applied on a 
randomized RNA library based on a GEMM-II riboswitch scaffold and led to several 
selected aptamers that respond to cdiG and cAG. The other strategy, Dye-SELEX, 
takes advantage of the switching mechanism of the Spianch2-based fluorescent 
biosensors. DFHBI, the Spinach2 aptamer ligand, was used as a general affinity handle 
for binding and enriching the ligand-bound functional fluorescent biosensors. The 
feasibility of the basic design of Dye-SELEX was experimentally verified. 
 
4.3 Results and Discussion 
 
Overview of Capture-SELEX  

In order to selectively enrich ligand-dependent switchable RNA sequences from 
a random RNA library, inspired by previously reported strategies (Martini et al., 2015; 
Morse et al., 2018; Nutiu and Li, 2005; Yang et al., 2014), a strategy termed “Capture-
SELEX” was proposed based on the switching mechanism of natural riboswitches 
(Figure 4.1A) (Hickey, 2014). P1 stems of riboswitches are important in their gene 
regulation mechanisms. For instance, the Bacillus halodurans C-125 cdiG riboswitch 
(Bh riboswitch) regulates downstream gene by a transcription activation mechanism 
(Lee et al., 2010). In the ligand-free state, the P1 stem is destabilized, and instead a 
terminator stem-loop is formed right in front of a polyU sequence, which together 
mediate premature termination of the RNA transcript. Upon the binding of ligand, the P1 
stem of the riboswitch aptamer is formed alternatively and thus destabilizes the 
terminator stem-loop (Figure 4.1B) (Lee et al., 2010).  

 
 The proposed Capture-SELEX strategy mimics this conformational switching 

mechanism of natural riboswitch. The cis-acting riboswitch mechanism is replaced by a 
trans-acting interaction between the RNA and a reverse-complementary DNA 
oligonucleotide, termed “capture oligo” (Hickey, 2014; Morse et al., 2018; Yang et al., 
2014). The capture oligo was designed based on the 3' half sequence of the terminator 
stem-loop structure (Figure 4.1C). In the unbound state, due to the destabilization of P1 
stem in the RNA, an RNA-DNA hybridization is favored between the end sequence of 
the RNA and the capture oligo. In other words, the riboswitch aptamer domain is 
“captured” by base-paring with the capture oligo when the ligand is absent. Addition of 
ligand induces a change in the riboswitch conformation that stabilizes P1 stem and thus 
destabilizes the RNA-DNA hybridization, which eventually causes the release of RNA 
sequence from the capture oligo (Figure 4.1A,C) (Hickey, 2014; Morse et al., 2018; 
Yang et al., 2014).  

 
In this way, a library of RNA sequences based on the riboswitch scaffold can be 

captured on streptavidin-coated solid supports via the immobilized 5'-biotinylated 
capture oligos. After extensive washing cycles, the ligand-responsive RNA aptamers 
can be eluted from the solid support by the addition of target ligand, and thus enriched 
over the inactive sequences from the starting RNA library. The enriched RNA can be 
amplified via reverse transcription, PCR and in vitro transcription to generate a new 
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RNA pool that is subject to another round of selection. After multiple rounds, the RNA 
sequence that exhibits the highest ligand-dependent switching capability will eventually 
stand out. 
 
Optimization of capture oligos  

The performance of Capture-SELEX depends on the thermodynamic properties 
of the capture oligo. A desirable capture oligo should exhibit sufficient stability when 
hybridizing to the ligand-free riboswitch scaffold to ensure efficient RNA retention on the 
solid support. In the meanwhile, the hybridization cannot be too stable to allow the 
ligand-bound RNA to release from the capture oligo. The stability of hybridization 
depends on the sequence identity and the length of the base-paring region. Since the 
natural riboswitches have been evolved to exhibit highly efficient ligand-dependent 
structure-switching capability, we decided to design the RNA scaffold entirely following 
the natural riboswitch sequence and not changing its sequence identity in the P1 stem 
for hybridization (Figure 4.1B,C). Therefore, capture oligos with varied lengths of the 
hybridization region were investigated for the optimal structure-switching performance. 
 

A single-round Capture-SELEX assay was carried out on a Bh G73A riboswitch 
aptamer with minimal terminal overhanging sequence beyond the P1 stem (Seq1, 
Figure 4.2). Previously, the G73A mutation was shown to favor cAG binding (Figure 3.2) 
and therefore 100 μM cAG was used to elute the RNA from the immobilized capture-
oligo. The Bh G73A RNA was 3'-labeled by a AlexaFluor488 fluorophore to enable 
quantitation by fluorescence readout. All the solution from the flow-through, washing 
and elution steps were collected, with their fluorescence measured and normalized to 
the starting RNA solution (Figure 4.2). As expected, when the hybridization region was 
lengthened (from 12 to 15 bp), the hybridization was more stable and thus the amount 
of captured RNA increased, according to the decreased amount of RNA in the flow-
through. Also, the longer the capture oligo, the less amount of RNA was washed off 
from the capture oligo in a ligand-independent way, which resulted in a higher fold-
enrichment of the eluted RNA amount compared to that of the last washing step (Figure 
4.2).  

 
In the actual selection, the scaffold of the RNA library need to possess 

overhanging sequences on both ends as primer-binding sites in the reverse 
transcription and PCR amplification steps. Such overhanging sequences might 
potentially impair the structure-switching performance of the riboswitch aptamer, since 
they increase of possibility of misfolding events in the P1 stem. To investigate this effect 
and capture oligos with longer hybridization region, a Bh G73A riboswitch aptamer with 
natural overhanging sequences (Seq2) was subject to the same single-round Capture-
SELEX assay (Figure 4.3). Indeed, the longer overhanging sequences resulted in a 
lower amount of captured RNA and a lower fold-enrichment of eluted RNA, comparing 
the performances of Seq1 and Seq2 with the same capture oligos (oligo3 and oligo4, 
Figure 4.2, 4.3). Lengthening the hybridization region to 16 bp helped capturing the 
RNA and thus increased the fold-enrichment of eluted RNA, while a 17 bp hybridization 
region was too long to allow ligand-bound riboswitch to fall off. Therefore, capture oligo 
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with 16 bp hybridization region appeared to be the optimal length for capturing Bh 
riboswitch aptamer.  

 
Overall, these results showed that as designed, the riboswitch RNA can be 

captured and released from the capture oligo in a ligand-dependent way. Interestingly, 
our design of mimicking the natural riboswitch switching mechanism and retaining the 
natural sequence appeared to be critical for such successful capturing and switching. In 
contrast, sequences based on the Bh-Spinach2 biosensor, a riboswitch-based 
biosensor that also undergoes conformational change upon the binding of target ligand, 
failed to give comparable performances in the single-round Capture-SELEX (Figure 
4.4). This result implied that there exist some essential differences between the 
structure-switching mechanisms of natural riboswitch and that of riboswitch-based 
biosensor, and the design based on natural riboswitch performs better for efficient 
Capture-SELEX.  
 
Enrichment of active structure-switching riboswitch aptamer from an inactive 
mutant 

When selecting a RNA library based on randomizing the positions in the 
riboswitch ligand-binding pocket, the 3' overhanging sequence of the capture oligo5 is 
not desirable, because it can interact with the randomized region and complicate the 
selection pressure. To avoid such complication, the 3' overhanging sequence of capture 
oligo was removed to give oligo5s, which slightly increased the fold-enrichment of the 
eluted RNA (Figure 4.5A, B). 

 
With the design of RNA capturing and ligand-dependent releasing confirmed, we 

next investigated the capability of Capture-SELEX in enriching active structure-
switching riboswitch aptamer from inactive variants. A riboswitch variant harboring a M1 
mutation in P2 stem was designed to serve as a negative control that cannot respond to 
cAG. Two different assays, a single-round dual color Capture-SELEX assay and a 
restriction endonuclease assay (Gorin et al., 2009; Hickey, 2014) to assess multi-rounds 
Capture-SELEX, were applied on mixtures of Bh G73A RNA and its M1 mutant (Figure 
4.5C, D). 

 
In the dual color assay, the active Bh G73A RNA and the inactive M1 mutant 

RNA were 3'-fluorescently labeled by two orthogonal dyes, AlexaFluor488 and 
AlexaFluor594, to allow for simultaneous quantitation of both RNAs. The ratio between 
these two fluorescence emissions indicate the relative amount of RNA in the mixture. A 
1:1 mixture of these two fluorescently labeled RNA was subjected to single-round 
Capture-SELEX. As expected, an enrichment of Bh G73A RNA was observed in the 
eluent, resulting in an almost 10-fold enrichment in the ratio between the active Bh 
G73A RNA and the inactive mutant in one round (Figure 4.5C).  

 
In order to verify that an active sequence could eventually stand out from excess 

inactive variants in a multiple-round Capture-SELEX process, a selection was carried 
out on a mock library containing Bh G73A RNA and 1000-fold excess amount of M1 
mutant. The M1 mutation was designed to introduce an NdeI cut site, therefore the 
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composition of DNA oligonucleotides amplified from the RT-PCR can be assayed by an 
NdeI restriction endonuclease treatment followed by an agarose gel electrophoresis for 
visualization (Gorin et al., 2009; Hickey, 2014). The result showed that after three 
rounds of selection against cAG, the active Bh G73A RNA aptamer was highly enriched 
and dominating the entire RNA pool, while the M1 mutant could not be observed on the 
agarose gel (Figure 4.5D). Altogether, these results established that the Capture-
SELEX works in a way as designed to selectively enriching active ligand-dependent 
switching RNA aptamers from the non-switching counterparts.  

 
Enrichment of active aptamers for cdiG and cAG from a randomized library  

We next tested the Capture-SELEX strategy on a randomized RNA library. Two 
randomized libraries based on Bh G73A Seq2 scaffolds, N7 and N14, were designed by 
fully randomizing the nucleotide positions in the ligand binding pocket of the Bh 
riboswitch aptamer (Shanahan et al., 2011; Smith et al., 2011). Five positions that are 
closest to the ligand (<3.5A) in the ligand-bound state, and the two nucleotides that are 
base-paring with them, were randomized to give the Bh N7 library, while combining the 
N7 with another 7 positions that were either positions within close distance (<4.5A) or 
their base-pairing nucleotides, gave the Bh N14 library (Figure 4.6A) (Shanahan et al., 
2011; Smith et al., 2011).  
 

Since the natural Bh riboswitch functions as selective cdiG aptamer, a test 
selection for enriching functional cdiG aptamers from the Bh N7 library was conducted, 
in order to examine the capability of Capture-SELEX in enriching RNA sequences with 
desirable ligand-sensing properties (Figure 4.6A, 4.7). To evaluate the progress in the 
selection, the linear DNA templates amplified from the reverse transcription of selected 
RNA pool and the following PCR step were subject to sequencing (Figure 4.6B, 4.7, 
4.8). This characterization was enabled by an advantage offered by our design of 
riboswitch-based library, that all the variants share constant regions that can serve as 
sequencing primer binding sites and be used for aligning the sequencing results. 
According to the sequencing results, it was observed that among 2 out of the 7 
randomized positions, a nucleotide identity was enriched to show a dominating ratio 
over other nucleobases after 3 rounds of selection. This convergence of nucleotide 
identity was observed among nearly all 7 positions after round 6, indicating that only a 
few winning sequences have been selected out from the 16,384 distinct sequences in 
initial RNA library. We then carried out the same selection on the larger N14 library that 
contains approximately 2 x 108 sequences. Again, after 9 rounds of selection, a 
converged pattern was observed from the sequencing results (Figure 4.6B). 
Interestingly, in both selections, the wild-type Bh aptamer did not stand out. Instead, 
according to the sequencing results of the resulted DNA templates (Figure 4.6B, 4.7), a 
variant that harbors two mutations, U37A and A69U, stood out from both selections. 
Following Topo TA cloning of the enriched DNA templates and sequencing several 
individual colonies as well confirmed that this U37A, A69U double-mutant was the only 
enriched sequence from the 9 rounds of the cdiG-Bh N14 selection. It is intriguing to 
find that the two mutated positions are base-pairing in the wild-type riboswitch. The 
retention of a A-U base pair at these two positions indicates that the overall secondary 
structure of the riboswitch is likely retained in the selected mutant (Shanahan et al., 
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2011; Smith et al., 2011). In the meanwhile, in the ligand-bound crystal structure of the 
wild-type riboswitch, the A69 position is interacting with one of the G base in the cdiG 
ligand (Shanahan et al., 2011; Smith et al., 2011). Therefore, the selected A69U, U37A 
double-mutant sequence verified the importance of position 69 in the ligand recognition 
and binding affinity, and the critical roles of the base-pairing between position 37 and 69 
in holding the overall structure of the riboswitch scaffold.  

 
Encouraged by the successful enrichment of a sequence out from these cdiG 

selections, we moved on to apply the selection to select for cAG and cGAMP 
responsive aptamers from the Bh N7 library. After 9 rounds of selection against cGAMP, 
the resulted RNA pool yet showed no clear converging pattern in the sequencing 
results, which indicated that no sequence is being enriched from this selection (Figure 
4.8). Interestingly, the parallel cAG selection has resulted in a clear converged pattern 
that indicated an A69G mutant (Figure 4.6B). Following TA cloning and sequencing of 
individual colony revealed that among the 16 sequenced colonies, 14 turned out to be a 
sequence harboring U37C, A69G double-mutation, while the other 2 are sequences 
with an A69G single mutation (Figure 4.6C). Similar to the winning sequence of cdiG 
selection, the base paring relationship was retained at positions 37 and 69 of the cAG 
selected sequences. It was either a G-C Watson-Crick base pair or a G-U Wobble base 
pair. This base pairing again inferred that these two sequences were likely to have the 
same folded structure as the wild-type Bh riboswitch. The altered identity at position 69 
from an adenine in the wild-type into a guanine in the cAG selected aptamers also 
verified the importance of this position in ligand recognition, and inferred that a guanine 
at this position of the riboswitch is likely favored for interacting with the adenine in the 
cAG ligand. 

 
Characterization of selected cdiG and cAG aptamers  

It is interesting to find that the wild-type Bh riboswitch sequence, which was 
characterized to exhibit high cdiG affinity and selectivity, was not enriched from the cdiG 
Capture-SELEX. In the meanwhile, we previously showed that Bh G73A riboswitch-
based biosensor exhibits higher affinity for cAG compared to biosensors based on the 
A69G mutant or the U37C A69G double-mutant (Figure 3.2C). However, the Bh G73A 
sequence was as well not showing up in our cAG Capture-SELEX. Along with the prior 
observation that scaffolds based on Bh-Spinach2 biosensor fusion did not show efficient 
structure-switching in the Capture-SELEX (Figure 4.4), it was hypothesized that there 
existed an essential difference in the switching mechanisms of riboswitch-capture oligo 
complex and the riboswitch-based biosensors. Two characterizations were conducted to 
investigate this hypothesis. 

 
A single-round Capture-SELEX assay was done on a 1:1 mixture of G73A 

riboswitch variant and a U37C G69A double-mutant for cAG response. After one round 
of Capture-SELEX procedure, the percentage of the U37C G69A double-mutant in the 
whole population was shown to increase by about 2-folds (Figure 4.6D). In other words, 
the U37C G69A double-mutant was indeed enriched over the G73A mutant in the 
context of Capture-SELEX when selecting against cAG, even though the latter exhibited 
higher cAG affinity in the context of the riboswitch-based biosensor. 
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A structure-switching electrophoretic mobility shift assay (EMSA) was used to 

characterize the ligand-dependent structure-switching capability of the selected cdiG 
and cAG aptamers (Figure 4.9). In the structure-switching EMSA, a fluorescently-
labeled capture oligo was used to indicate the structure of the riboswitch RNA. Ligand-
free riboswitch is able to hybridize to the capture oligo, forming an RNA-DNA complex 
that moves slower in the electrophoresis. Binding of the ligand triggers a conformational 
switch in the riboswitch that releases the capture oligo, which moves much faster in the 
electrophoresis. Thus, by comparing the ratio between the two bands in the 
electrophoresis, the ligand-dependent structure switching capability of the riboswitch 
RNA can be examined. The result confirmed that all the three selected aptamers exhibit 
better performances than the G73A variant in ligand-triggered structure-switching in this 
context, under the incubation with 25 μM cdiG. Intriguingly, in the context of Spinach2-
based biosensors (Figure 3.2C), the G73A mutant was shown to exhibit higher affinity 
for cdiG than the U37C A69G double-mutant or the A69G single mutant. The result 
showed that under same concentration of cdiG the latter two riboswitch variants 
exhibited higher switching performance than G73A RNA again inferred the mechanistic 
distinction between the switching of riboswitch-based biosensors and the riboswitch-
capture oligo complexes.  

 
It was known that the resulting aptamers from a selection will usually end up with 

optimal properties for performing in that specific selection format (Hassan et al., 2016; 
Tsae and DeRosa, 2015). Together, the above-described characterizations confirmed 
that Capture-SELEX led to sequences that were optimal for working in the context of 
structure-switching in riboswitch-capture oligo complex, which was utilized in the 
Capture-SELEX selection. It has been shown that such switching mechanism could be 
adapted into assay methods for ligand detection. Potentially, the structure-switching 
EMSA we demonstrated here could serve as a starting point for developing such 
analytical methods (Yang et al., 2014). In the meanwhile, the results also indicated that 
in order to develop functional riboswitch-based biosensors, a selection strategy that 
directly select on biosensor variants would be more suitable and efficient. This 
conclusion motivated us to propose a second strategy, Dye-SELEX, for developing 
functional riboswitch-based biosensors. 
 
Overview of Dye-SELEX  

In order to directly select for functional Spinach2-based biosensor from a random 
RNA library, a strategy termed “Dye-SELEX” was proposed (Figure 4.10). The “Dye-
SELEX” strategy takes advantage of the switching mechanism of riboswitch-based 
biosensor, in which the ligand-binding in the riboswitch aptamer domain induces a 
conformational change that stabilizes the transducer stem, which in turn forms the 
binding pocket in Spinach2 aptamer that allows DFHBI to bind (Paige et al., 2012). In 
“Dye-SELEX”, instead of serving as a pro-fluorescent dye to emit fluorescent signal, 
DFHBI was utilized as an affinity handle to enrich active biosensors by selectively 
binding their ligand-bound states (Figure 4.10) (Paige et al., 2011). It should be noted 
that due to the modularity of RNA-based biosensors, in theory other dye-fluorogenic 
RNA aptamer pairs, such as the thiazole orange dye derivatives with Mango aptamers, 
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can also serve as affinity handle in the Dye-SELEX method (Dolgosheina et al., 2014). 
 
A randomized RNA library can be designed based on a functional riboswitch-

based biosensor. The positions in the target ligand binding pocket of riboswitch aptamer 
are fully randomized, while the Spinach2 moiety remains intact to ensure the DFHBI-
binding capability. The resulting library should contain three types of variants: 1) 
negative sequences, which cannot form a DFHBI-binding pocket no matter whether 
target ligand is present; 2) “always-on” sequences, which are misfolded to have an 
over-stabilized transducer stem. Such sequences exhibit DFHBI binding capability even 
when no target ligand is present; 3) Functional biosensors, which are capable of binding 
DFHBI in a target ligand-dependent way.  

 
In order to remove “always-on” variants, a pre-selection step, in which all RNA 

variants were incubated with DFHBI-conjugated resin under the absence of the ligand, 
is necessary in each round (Figure 4.10). The remaining RNA molecules are incubated 
with the target ligand to ensure that the active variants switch into the conformation that 
is ready to bind DFHBI. The equilibrated RNA-ligand mixture is then again incubated 
with DFHBI-conjugated resin for capturing. After extensive washing steps with the target 
ligand added, which prevents active biosensors from falling off and removes non-
specifically retained negative sequences, a solution containing no target ligand is used 
to elute the desirable biosensors off the resin (Figure 4,10). The following reverse 
transcription, PCR and in vitro transcription steps generate a new RNA pool for the next 
round of selection. The evaluation of the selection progress can be achieved by testing 
the sensing capability of selected biosensors by incubating the RNA pool with target 
ligand and free DFHBI, with their fluorescence emission measured.  

 
Ligand-dependent capturing of active biosensors on DFHBI-conjugated resin  

To verify that the capturing of active biosensors by the DFHBI-conjugated resin is 
following a ligand-dependent format, several RNA aptamers were subject to an 
incubation with DFHBI-conjugated resin (Figure 4.11). The amount of RNA that were 
captured by the immobilized DFHBI is proportional to the difference between the 
absorbance at 260 nm of the starting RNA solution before the incubation, and that of the 
flow-through solution after the incubation.  

 
In the control experiments, Spinach2 mutant, an RNA that cannot bind DFHBI, 

showed only non-specific binding to the resin, since there is no significant difference 
between the amount of RNA that were captured on the empty resin and that on the 
DFHBI-conjugated resin. In contrast, a significant amount of Spinach2 aptamer was 
observed to be specifically captured by the immobilized DFHBI. As expected, the Bh 
G73A biosensor alone is not well captured by the DFHBI-conjugated resin, while the 
addition of 10 μM cAG sufficiently led to a significant amount of the biosensor to be 
retained (Figure 4.11). This result confirmed that the active biosensor can be captured 
by DFHBI-conjugated resin in a ligand-dependent way, which laid a foundation for the 
Dye-SELEX selection. 
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4.4 Conclusion 
 
 In this chapter, two novel in vitro selection strategies for engineering artificial 
riboswitch or riboswitch-based tools were explored. In the first strategy, Capture-SELEX, 
the structure-switching mechanism of natural riboswitches was utilized to design a DNA 
oligo for capturing and selecting for active artificial aptamers (Hickey, 2014). A proof-of-
concept experiment validated the feasibility of this strategy by enriching an active 
riboswitch aptamer from 1000-fold excess amount of an inactive mutant variant. 
Furthermore, the strategy has successfully enriched a cdiG-responsive sequence within 
9 rounds out from an initial RNA library that contained at least 108 variants. It should be 
noted that the selected aptamers from Capture-SELEX might possess a distinct 
structure-switching mechanism from that of either natural riboswitches or riboswitch-
based biosensors, which was inferred by two observations. First, neither the wild-type 
Bh riboswitch as an optimal cdiG-responsive aptamer (Lee et al., 2010), nor the Bh 
G73A variant as an engineered cAG-responsive aptamer (Bose et al., 2016), were 
enriched in the corresponding selections. Second, the selected riboswitch aptamers, 
either a U37A A69U double-mutant from cdiG selection or two A69G variants from cAG 
selection, did not exhibit comparable sensing capability to either Bh wild-type or G73A 
riboswitch aptamer in the context of Spianch2-based biosensors (Bose et al., 2016). 
One possible explanation to this discrepancy could be the use of DNA oligo for 
capturing. Indeed, the DNA-RNA hybridization in Capture-SELEX and the RNA-RNA 
hybridization in natural riboswitch adopt distinct conformations. This difference might 
add an unexpected evolution pressure during the selection process. It would be 
interesting to examine the performance of Capture-SELEX when using an RNA as the 
capture oligo. Meanwhile, although the selected aptamers appeared not optimal for 
constructing riboswitch-based fluorescent biosensors, they should instead be ideal for 
other sensor designs that directly utilize the structure-switching mechanism of Capture-
SELEX. For instance, a reported FRET-based biosensor design based on both 
fluorescently labeled RNA aptamer and DNA capture oligo should be a feasible design 
to adapt the selected aptamers (Yang et al., 2014). 
 
 As implied above, there always exists a gap between the in vitro selected 
aptamers and the desirable functional sensors for end applications (Gotrik et al., 2018). 
In theory, the second novel selection strategy, Dye-SELEX, should bridge this gap, 
since it directly selects for functional fluorescent biosensors by utilizing the dye-binding 
capability of Spinach2 for sequence enrichment. Our preliminary results have proved 
that Spinach2-based fluorescent biosensors can be retained by DFHBI-conjugated resin 
in a ligand-dependent format. This observation laid a critical foundation for the feasibility 
of our Dye-SELEX design. Following experiments should be focused on optimizing 
selection procedures to efficiently remove the “always-on” variants from the RNA pool, 
and to reduce non-specific binding of aptamers by the resin. Both optimizations are 
crucial for maximizing the enrichment of the desirable sequences. For the former, 
designing efficient negative selection steps and adjusting elution conditions would play 
important roles. For the latter, methods to chemically block the unreacted NHS-
activated sites on the resin, and the buffer conditions during the selection, should be 
investigated. Once with procedures optimized, the developed Dye-SELEX will prove a 
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powerful strategy in selecting for functional RNA aptamers. Any RNA aptamer scaffold 
could be fused to the Spinach2 aptamer in a plug-and-play format, and then could be 
subjected to the Dye-SELEX against virtually any ligand without the need of ligand 
immobilization. The resulting selected sequences can then be directly applied in ligand 
sensing without further engineering.  
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4.4 Figures 
 

 
 
Figure 4.1 Setup of Capture-SELEX and design of RNA scaffold and capturing 
DNA oligonucleotide based on a natural GEMM-II riboswitch in Bacillus 
halodurans C-125 (Bh riboswitch). (A) Schematic representation of Capture-SELEX 
in vitro selection strategy. (B) Natural Bh riboswitch regulates gene expression by a 
transcription activation mechanism. In the unbound state, a terminator stem-loop is 
formed in front of a polyU sequence to cause premature transcription termination. 
Binding of cdiG, the natural ligand of Bh riboswitch, stabilizes the P1 stem of the 
riboswitch aptamer and destabilizes the terminator stem. (C) Based on the regulation 
mechanism of natural Bh riboswitch, the RNA scaffold in Capture-SELEX is designed to 
contain the entire P1 stem (red), while the capturing DNA oligonucleotide is based on 
the 3' half of the termination stem.  
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Figure 4.2 Single-round Capture-SELEX assay on 3'-fluorescently labeled Bh 
G73A Seq1 RNA with varied capture oligos. (left) Schematic representation of ligand-
dependent switching mechanism. (right) Performance of varied capture oligos on 
capturing and releasing fluorescently labeled Seq1 RNA in a ligand-dependent way. FT, 
flow-through; W1 – W7, washing steps; E1, elution. 
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Figure 4.3 Single-round Capture-SELEX assay on fluorescently labeled Bh G73A 
Seq2 RNA with varied capture oligos. (left) Schematic representation of ligand-
dependent switching mechanism. (right) Performance of varied capture oligos on 
capturing and releasing fluorescently labeled Seq2 RNA in a ligand-dependent way. FT, 
flow-through; W1 – W7, washing steps; E1, elution. 
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Figure 4.4 RNA sequence based on Bh-Spinach2 biosensor failed to exhibit 
desirable capturing and enrichment performance in capture SELEX (left) 
Schematic representation of designing RNA scaffolds and capture oligos based on Bh-
Spinach2 biosensor. (right) Performance of varied capture oligos on capturing and 
releasing fluorescently labeled Bh-Sp2 scaffold RNA in a ligand-dependent way. FT, 
flow-through; W1 – W7, washing steps; E1, elution.  
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Figure 4.5 Proof-of-concept experiments of Capture-SELEX on Bh GEMM-II 
riboswitch. (A) Secondary structure of Bh G73A sequence2 interacting with the 
optimized capture oligo5s and the proposed structure-switching mechanism upon cAG 
binding. M1 mutation destabilizes the P2 stem and introduces an NdeI cut site. (B) 
Single-round Capture-SELEX assay on fluorescently labeled Bh G73A Seq2 RNA with 
capture oligo5s. FT, flow-through; W1 – W7, washing steps; E1, elution. (C) Single-
round dual-color Capture-SELEX assay on a 1:1 mixture of fluorescently labeled Bh 
G73A Seq2 RNA and its M1 mutant. S, starting RNA mixture solution. (D) Restriction 
endonuclease assay to assess a 3-round mock Capture-SELEX selection on a 1:1000 
mixture of Bh G73A Seq2 RNA and its M1 mutant. M, marker.  
 
 
 
  

FT W1 W2 W3 W4 W5 W6 W7 E1
0.0

0.1

0.2

0.3

0.4

N
or

m
al

ize
d 

flu
or

es
ce

nc
e

18x

5 min wash 15 min wash

A

UA

A

GGG

A
CUGG AA

GG
A
GG
GC

A

3’

U

U

U

GC
CC
CCU

A

A
A

T
TAAAAAU

AC
G

5’

AA
C

AA
(T) biotin

5’
5

G
TT

3’
A

C
CAA

Gdye

U

UU
U

A
A

GGGG
CCCCCUA

CU AA

Bh G73A sequence2
(Seq2)

G
AAAAAU

AC
G
G
5’

AA
C

A
CCAA

AA
GG
A
GG
GC

A

3’

T
T

AA
(T) biotin

5’
5

G
TTG

3’

100 uM cAG 

oligo 5s

B

U U

U
A

A

A
AA

A A AA

G
GG

G

C
CC

C

A
G

CC

UGGA

ACG
UGU

GAU
UUA

UCC
GGG

C

U
A

AG

U
C

AU
G

UA
UU

pseudoknot

AC
C G

C
U

AGG
GC U

U
AAA

U

AA
GP

P

A

U U

U
A

A

A
AA

A A AA

G
GG

G

C
CC

C

A
G

CC

UGGA

ACG
UGU

GAU
UUA

UCC
GGG

C

U
A

AG

U
C

AU
G

UA
UU

37

69

37

69

AC
C G

C
U

AGG
GC U

U
AAA

U
37

69

U UG G
M1

U UG G
M1

dye

A
GP

P

G73
A M1

0.00

0.05

0.10
0.4

0.8

N
or

m
al

ize
d 

flu
or

es
ce

nc
e

FT
W7
E1

S FT W7 E1
0

2

4

6

8

10

F(
59

4)
 / 

F(
48

8)
C

12x

1x

MStart 1 2 3
Round

*

1:1000 G73A:M1 multiple rounds
D

pseudoknot

ligand-responsive 
RNA (G73A)
ligand-insensitive 
RNA (M1)

* non-specific primer dimer

1x
1000x

NdeI

G73A RNA single round

1:1 G73A:M1 RNA single round



 

 140 
 

Bh riboswitch wild-type: 
TATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCC

N14 Round0

N14 cdiG Round9

N7 Round0

N7 cAG Round9

U

UU
U

A
A

GGGG
CCCCCUA

CU AA
G

AAAAAU
AC
G
G
5’

AA
C

A
CCAA3’

A

U U

U
A

A

A
AA

A A AA

G
GG

G

C
CC

C

A
G

CC

UGGA

ACG
UGU

GAU
UUA

UCC
GGG

C

U
A

AG

U
C

AU
G

UA
UU

AC
C G

C
U

AGG
GC U

U
AAA

U
37

69

pseudoknot

green: N7
green + blue: N14

Bh riboswitch wild-type: 
TATATGGACACTTGGGTTATGTGGAGCTACTAGTGTAACCGGCCC

U
A
A

A

A
A

G
GG

C
C

C

UA
GGGC

C
U AG C

G
GP

P

 G73AA

AU
U37A
A69U

CG
U37C
A69G

UG
A69G

region1 region2

     G73A:ATATGGG    TGTAACCAGCC
U37C G69A:ATACGGG    TGTGACCGGCC

 G73A

U37C
G69A

 1:1
 selection

 NO se
lec

tion

RT
+

PCR
+

Sequencing

A B

C

D



 

 141 

Figure 4.6 Enrichment and characterization of active aptamers for cdiG and cAG 
from a randomized library (A) The design of Bh N7 (green)/N14(green + blue) libraries. 
The colored positions were fully randomized to generate the corresponding libraries. (B) 
Sequencing results of the oligonucleotides amplified from the selected RNA pool, and 
the starting DNA templates for transcribing the corresponding initial RNA libraries. Red 
lines indicated the positions that were fully randomized in the initial RNA libraries. (C) A 
zoom-in view of the sequences of the Bh riboswitch ligand binding pocket. (D) A single-
round selection assay for comparing the ligand-dependent enrichment of two Bh 
riboswitch mutant. Black lines in the top sequencing results indicate the position to 
identify the two distinct sequences. Colored arrows indicate the change of nucleotide 
identity and ratio in the selected RNA mixture. 
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Figure 4.7 Sequencing results of starting DNA templates for transcribing the Bh 
N7 RNA libraries, and the oligonucleotides amplified from the selected RNA pool 
(round 3 and round 6). Red lines indicated the positions that were fully randomized in 
the initial Bh N7 RNA library. Green lines indicated the positions that have shown a 
convergent to a specific nucleotide in the selected RNA pool from round3. 
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Figure 4.8 Sequencing results of the oligonucleotides amplified from the selected 
RNA pool (round 9 against cGAMP). No clear sequence enrichment was observed 
  

N7 cGAMP Round9
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Figure 4.9 Structure-switching EMSA for characterizing Bh riboswitch variants. 
(top) Schematic representation of the structure-switching EMSA. (bottom) Fluorescent 
image of the native gel electrophoresis of the switched RNA-DNA complexes. Top 
bands: RNA-fluorescently labeled DNA oligonucleotide complex; Bottom band: 
fluorescently labeled DNA oligonucleotide.  
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Figure 4.10 Schematic representation of Dye-SELEX in vitro selection strategy. 
The proposed Dye-SELEX strategy involves multiple steps in a single round of selection 
to enrich active biosensors for detecting target ligands from the inactive variants or 
other “always-on” false positives.  
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Figure 4.11 Ligand-dependent capturing of functional biosensor by the DFHBI-
conjugated resin. The y-axis shows the difference between the absorbance at 260 nm 
of the starting RNA solution before the incubation with the DFHBI-conjugated resin, and 
that of the flow-through RNA solution after the incubation. Error bars indicate SD from 
two replicates. n.s. is not significant; asterisk (*) indicates p < 0.005 by unpaired 
Student’s two-tailed t test. 
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4.5 Materials and Methods 
 
Reagents and oligonucleotides  

DNA oligonucleotides for biosensor constructs and RNA library for selection and 
fluorescently labeled DNA oligonucleotides were purchased as Ultramers from 
Integrated DNA Technologies (Coralville, IA) and biotinylated capture oligonucleotides 
and other DNA oligonucleotides were purchased from Elim Biopharmaceuticals 
(Hayward, CA). C-di-GMP, 3′, 3′-cGAMP, 2′, 3′-cGAMP were purchased from Axxora 
(Farmingdale, NY). DFHBI, DFHBI-1T and other DFHBI derivatives were either 
purchased from Lucerna (New York, NY) or were synthesized following previously 
described protocols and were stored as a 10 - 50 mM stock in DMSO. Commercially 
available reagents were used without further purification. T7 RNA polymerase, Phusion 
DNA polymerase and NdeI restriction endonuclease were purchased from New England 
Biolabs Inc (Ipswich, MA). AlexaFluor488-hydrazine, AlexaFluor594-hydrazine, 
Superscript III reverse transcriptase, Dynabeads M-280 Streptavidin and DynaMag-Spin 
Magnet were purchased from Life Technologies (Grand Island, NY). NHS-activated 
Sepharose 4 Fast Flow resin were purchased from GE Healthcare (Chicago, IL). RQ1 
DNase was purchased from Promega (Madison, WI). 
 
In vitro transcription 
DNA templates for in vitro transcription were prepared through PCR amplification using 
Phusion DNA polymerase (NEB) from sequence-confirmed plasmids or Ultramer 
oligonucleotides (for screening experiment only) using primers that added the T7 
polymerase promoter sequence. PCR products were purified by either by a 96-well 
format ZR-96 Clean & Concentrator (Zymo Research) for the candidate biosensor 
screen or by a QIAquick PCR purification kit (Qiagen). Templates were then transcribed 
using T7 RNA polymerase in 40 mM Tris-HCl, pH 8.0, 6 mM MgCl2, 2 mM spermidine, 
and 10 mM DTT. After 2 hrs transcription reaction, RQ1 DNase was added as 
manufacturer’s instructions, and incubated at 37 oC for 30 min, then added stop solution 
(offered by the RQ1 DNase kit) and incubated at 60 oC for 15 min. DNase-treated RNAs 
were either purified by a 96-well format ZR-96 Clean & Concentrator (Zymo Research) 
or by denaturing (7.5 M urea) 6% PAGE. RNAs purified from PAGE were subsequently 
extracted from gel pieces using Crush Soak buffer (10 mM Tris-HCl, pH 7.5, 200 mM 
NaCl and 1 mM EDTA, pH 8.0). RNAs were precipitated with ethanol, dried, and then 
re-suspended in TE buffer (10 mM Tris-HCl, pH 8.0, 1 mM EDTA). Accurate 
measurement of RNA concentration was determined by measuring the absorbance at 
260 nm after performing a hydrolysis assay to eliminate the hypochromic effect due to 
secondary structure in these RNAs. 
 
Capture-SELEX 
For loading of biotinylated DNA oligonucleotide to magnetic beads, Dynabeads M-280 
Streptavidin beads (Life Technologies) were re-suspended in 25 μL total volume (~6-7 x 
107 beads) and separated with a DynaMag-Spin Magnet for 1.5 min. The supernatant 
was removed, and the beads were washed three times with 25 μL 1x Binding and 
Washing Buffer (BW buffer, 5 mM Tris-HCl, 0.5 mM EDTA, 1 M NaCl, 0.1% Tween-20, 
pH 7.5), two times with 25 μL Solution A (0.1 M NaOH, 0.05 M NaCl, 0.1% Tween-20), 
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and once with 25 μL Solution B (0.1 M NaCl, 0.1% Tween-20). The beads were re-
suspended in 25 μL 2x BW buffer (10 mM Tris-HCl, 1 mM EDTA, 2 M NaCl, 0.1% 
Tween-20, pH 7.5) and incubated with a 25 μL solution of 5'-biotinylated capture oligo 
(75 pmol) in water for 30 min at room temperature with vortexing. The supernatant was 
removed and the beads were washed three times with 25 μL 1x BW buffer.  
 
For a single round of Capture-SELEX, a solution of RNA (25 pmol) in 25 μL 1x Selection 
buffer (20 mM Tris-HCl, 0.5 M NaCl, 10 mM MgCl2, 0.01% Tween-20, pH 7.5) was 
heated at 70 oC for 3 min, then cooled to room temperature in slow process that takes 
at least 5 min, added to the DNA-coated magnetic beads and allowed to incubate at 
room temperature for 1 h with vortexing. The beads were washed 4 times for 5 min 
each and 3 times for 15/30 min each with 25 μL 1x Selection buffer with all washes 
saved. In the selection, the last time wash takes 1 hrs to fully remove non-specifically 
bound RNAs. RNAs were eluted with the desired concentration of ligand (5 μM – 250 
μM corresponding CDN in selection, 100 μM cAG in proof-of-concept experiments and 
500 μM in mock selection) in 100 μL of 1x Selection buffer for 15 min (proof-of-concept 
experiments) or 5 min (selection) at room temperature with vortexing.  
 
Half of the RNAs collected via the supernatant from the wash and elution steps were 
subjected to reverse transcription using SuperScript III RT following manufacturer’s 
instructions. All the reverse transcribed DNA templates were amplified by PCR using 
Phusion DNA polymerase following manufacturer’s instructions. PCR products were 
purified by QIAquick PCR purification kit (Qiagen). Purified PCR products were ready 
for: 1) double-stranded linear oligonucleotides sequencing analysis by the sequencing 
facility at University of California, Berkeley; 2) in vitro transcription to generate RNA for 
next round of selection; 3) Treated with restriction endonuclease for characterization of 
oligonucleotides identity in the mock selection. 
 
Restriction Endonuclease Assay with NdeI 
200 ng RT-PCR amplified DNA was purified using a QIAquick PCR Purification Kit 
(QIAGEN) and digested with NdeI (NEB) for 3 h at 37 oC. Digested samples were 
visualized by agarose gel electrophoresis with a 4% agarose gel in TBE buffer.  
 
Fluorescent RNA Labeling 
AlexaFluor488-labeled or AlexaFluor594-labeled RNA was prepared as described 
previously (Willkom et al, Handbook of RNA Biochemistry vol1, 2005, pg 86). Briefly, the 
3' end of the RNA was oxidized with sodium periodate then AlexaFluor488 hydrazide 
(Life Technologies, Carlsbad, CA) was coupled to the RNA in sodium acetate buffer. 
The RNA was precipitated in ethanol and then purified by PAGE as previously 
described. 
 
Capture-SELEX with Fluorescent RNA 
In the proof-of-concept Capture-SELEX experiment with fluorescent RNA, fluorescent 
RNAs were renatured and incubated with oligonucleotide-loaded magnetic beads, 
washed and eluted as previously described. The eluted RNAs were transferred to 
Greiner 781077 384-well black plate and the fluorescence emission was measured 
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using a Molecular Devices SpectraMax Paradigm Multi-Mode detection platform plate 
reader (Sunnyvale, CA) with the following instrument parameters: 493 nm excitation, 
528 nm emission for AlexaFluor488 or 586 nm excitation, 627 nm emission for 
AlexaFluor594. 
 
Native PAGE Gel EMSAs 
Reactions (10 μL) were prepared mixing RNA (25 nM), Cy5-labeled capture 
oligonucleotide (10 nM) with cdiG (25 μM) and in TBMK buffer containing 89 mM Tris, 
pH 8.0, 89 mM boric acid, 10 mM MgCl2, 100 mM KCl. The control sample contain 1 
μM non-fluorescent capture oligonucleotide as competitor. Reactions were incubated at 
room temperature for 15 min, then were mixed with 10 μL 50% glycerol before loading 
on a 10% native PAGE gel containing the same buffer. Gels were run for 2 h at 4 °C, 
then were fixed for 15 min in a solution containing 1x TBE, 10% ethanol and 10% 
methanol, and then were visualized by a Typhoon laser-scanning system (GE 
Healthcare). 
 
General procedure for in vitro fluorescence assays  
In vitro fluorescence assays were carried out in a buffer containing 40 mM HEPES, pH 
7.5 and 125 mM KCl, 10 mM MgCl2, 10 μM DFHBI. RNA concentration was 200 nM. 
Ligand (or cell extract) concentration was varied in different experiments and are 
indicated in the figures. The RNA was renatured in buffer at 70 °C for 3 min and cooled 
to ambient temperature for 5 min prior to addition to the reaction solution containing 
DFHBI (or DFHBI-1T), buffer, and ligand. Binding reactions were performed either in 
100 μL (96-well plate) or 30 μL (384-well plate) volumes and were incubated at the 
indicated temperature in either a Corning Costar 3915 96-well black plate or Greiner 
781077 384-well black plate until equilibrium was reached, which typically takes 30 to 
60 minutes. The fluorescence emission was measured using a Molecular Devices 
SpectraMax Paradigm Multi-Mode detection platform plate reader (Sunnyvale, CA) with 
the following instrument parameters: 448 nm excitation, 506 nm emission for DFHBI. 
 
Dye-SELEX 
Amine-functionalized DFHBI (with a PEG4 linker, synthesized by a mentee, Xavier 
Aguilar-Enriquez) was first dissolved in DMSO at a concentration of 50 mM and then 
diluted into 100 mM HEPES buffer pH 7.5 with a final concentration of 5% DMSO and 2 
mM amine-functionalized DFHBI. 250 μL fluorophore solution was then added to 50 μL 
NHS-activated Sepharose (GE Life Sciences), which had been pre-equilibrated with two 
volumes of ice-cold buffer (100 𝝻L x 5). The resin was then incubated with amine-
functionalized DFHBI solution overnight at 4 °C in the dark. The resin was washed with 
reaction buffer and incubated with 0.5 M ethanolamine in buffer containing 100 mM Tris 
pH 8.0 for 3 h at room temperature to react with any remaining NHS-activated sites. 
After thorough washing, the resin was stored in 1:1 ethanol:100 mM sodium acetate pH 
5.4 at 4 °C. The efficiency of sepharose coupling was monitored by measuring the 
absorbance at 421 nm of free DFHBI in the flow-through. Using this approach, we 
estimate that the resin contains approximately 5 µmol of fluorophore/ml.  
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For a single round of Dye-SELEX, a solution of RNA (2 μM) in 25 μL 1x fluorescent 
assay buffer (40 mM HEPES, pH 7.5 and 125 mM KCl, 10 mM MgCl2) was heated at 70 
oC for 3 min, then cooled to room temperature in slow process that takes at least 5 min. 
For samples that involves cdiG addition to an RNA-based biosensor, the solution was 
incubated at room temperature for 30 min to equilibrate. The equilibrated solution was 
added to the 50 μL dye-coated sepharose resin loaded in a Pierce™ Centrifuge 
Columns (0.8 mL, Life Technologies, Grand Island, NY) and allowed to incubate at 
room temperature for 30 min with rotation. The flow through was collected by centrifuge 
at 1000 rcf for 2 min. Quantitation of the RNA was done by measuring the absorbance 
at 260 nm using a NanoDrop™ 8000 Spectrophotometer. 
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