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Abstract

While performing several functions, adherent cells deform their surrounding substrate via stable 

adhesions that connect the intracellular cytoskeleton to the extracellular matrix. The traction forces 

that deform the substrate are studied in mechanotrasduction because they are affected by the 

mechanics of the extracellular milieu. We review the development and application of two methods 

widely used to measure traction forces generated by cells on 2D substrates: i) traction force 

microscopy with polyacrylamide hydrogels and ii) calculation of traction forces with arrays of 

deformable microposts. Measuring forces with these methods relies on measuring substrate 

displacements and converting them into force. We describe approaches to determine force from 

displacements and elaborate on the necessary experimental conditions for this type of analysis. We 

emphasize device fabrication, mechanical calibration of substrates and covalent attachment of 

extracellular matrix proteins to substrates as key features in the design of experiments to measure 

cell traction forces with polyacrylamide hydrogels or microposts. We also report the challenges 

and achievements in integrating these methods with platforms for the mechanical stimulation of 

adherent cells. The approaches described here will enable new studies to understand cell 

mechanical outputs as a function of mechanical inputs and the understanding of 

mechanotransduction mechanisms.
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1. Introduction

Mechanical forces between cells and the extracellular matrix (ECM) evolve during growth 

and development [1], tissue homeostasis [2, 3], and wound healing [4]. Changes in tissue 

mechanical properties have been linked to cancer metastasis [5, 6] and disease progression 

[7–9]. Understanding how mechanical cues affect cellular responses in these processes 

requires methods to measure cell-generated forces while modulating their mechanical 

environment. Forces between cells and their environment are transmitted across cell-ECM 

and cell-cell adhesions (Figure 1, inset). These forces are either generated externally and 

applied to cells or generated by cells and applied to the ECM. Cells convert externally 

applied forces to biological signals by mechanotransduction mechanisms, leading to changes 

in cell phenotypes (reviewed concisely in Vogel & Sheetz [10]). Some of the same 

structures involved in mechanotransduction also transmit forces generated by the contractile 

machinery of cells to the ECM. By generating forces, cells deform their local environment 

[9, 11], which can lead to remodeling of the extracellular environment [12].

In this review, we describe methods to measure traction forces exerted by cells through 

substrate interactions in 2D using hydrogel substrates and elastomeric micropost arrays. We 

discuss the importance of protein functionalization methods for both platforms and highlight 

their applications in mechanobiology studies. To guide those interested in measuring cell 

traction forces with these methods, we note key considerations and assumptions in: 1) 

calculation of force from acquired data, 2) fabrication of devices, 3) design of experiments, 

4) engineering cell attachment to the surfaces of devices and 5) integration of these methods 

with platforms for mechanical stimulation. For detailed step-by-step fabrication and data 

analysis discussions, we refer readers to more targeted methods reviews. Style and Plotnikov 

provide methods and sample analysis code for traction force microscopy (TFM) [13, 14]. 

Yang, Fu and colleagues offer in-depth discussions of micropost arrays: [15, 16].

2. Traction Force Measurements using Hydrogel TFM and Elastomeric 

Micropost Arrays

The first qualitative reports of cell-ECM forces began in the 1980s when Harris and 

colleagues observed wrinkling of a silicone membrane due to fibroblast traction forces [17]. 

These observations inspired the design and fabrication of systems that could quantitatively 

measure traction forces. In 1999, Dembo and Wang introduced “traction force microscopy” 

as a method to quantify forces exerted by adherent cells on a hydrogel substrate with fiducial 

markers [18] (Figure 1). Fiducial markers are observed with a microscope, and their 

movement is computationally determined from images acquired before and after changes in 

cell contractile activity. Adherent cells deform the substrate, and the resulting surface 

deformation field is determined from the displacement of fiducials and used to calculate cell 

traction forces using continuum mechanics models. In 2003, Tan and colleagues developed 

another commonly used system for measuring cell-ECM forces [19]. This system relies on 

an array of compliant microposts of constant controllable dimensions (diameter and height). 

Cells attach and contract to displace the microposts. Researchers observe the microposts 

using microscopy and the traction forces exerted by the cell are estimated from micropost 

displacements using beam bending theory.
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TFM on hydrogel substrates and micropost deflection measurements allow for cell traction 

force analysis with spatial and temporal resolution set by microscopy acquisition 

parameters. These methods have similar aims, but they are fundamentally different systems, 

which may lead to differences in force calculations between both methods. Table 1 shows 

the range of forces that have been calculated in a set of studies with the two systems and 

highlights that the force values vary considerably between studies, even when using similar 

cell types. Comparisons across these methods and studies are difficult because experiments 

for both TFM on hydrogels and analysis of micropost deflection must be designed with self-

consistent sets of control experiments using the same methods. We provide detail on TFM 

on hydrogel substrates and micropost deflection measurements in the next sections and 

discuss the factors in manufacturing, experimentation and data analysis that can lead to 

discrepancies in estimated force values and affect the accuracy of traction force 

measurements.

2.1 Hydrogels for Traction Force Microscopy

One can estimate the traction forces exerted by cells cultured on compliant substrates by 

processing the displacement of fiducial markers in these materials (Figure 2). 

Polyacrylamide hydrogels are commonly used as TFM cell culture substrates [13] due to the 

deformability and widely tunable stiffness of these materials (in the range of 0.2–35 kPa 

[20]). Fluorescent microbeads are added into the polyacrylamide to act as fiducial markers 

and are imaged with fluorescence microscopy. Conventional TFM with epifluorescent 

microscopy assumes dominant 2D stresses and necessarily neglects the z-axis as it tracks 

only in-plane lateral microbead displacements (x- and y- axes in Figure 1). 3D TFM 

bypasses the assumption that normal forces are negligible [21–23]. Therefore, 3D TFM 

requires confocal microscopy to scan for z-axis substrate displacements and image 

processing to determine bead position with high resolution [23, 24]. This approach has 

revealed that substrate displacements, the direction of cell tractions and cell adhesions of 

cells on hydrogel surfaces have 3D complexity [23, 25], which are not detected with 2D 

TFM methodologies. As it occurs in 2D TFM, successful assessment of substrate force 

fields with 3D TFM also requires knowledge of substrate mechanical properties. Other 

deformable substrate materials, such as collagen [26–28] and fibrin [29], are used to 

encapsulate cells in 3D environments and track the forces they generate during cell-substrate 

interactions [30]. These materials are mechanically more complex than polyacrylamide gels 

[31, 32]. Collagen fibers remodel under applied force and imaging this remodeling with 

confocal reflectance microscopy provides a semi-quantitative measurement of cell-generated 

forces [33]. However, compared with 2D TFM, 3D TFM is more time consuming, more 

computationally expensive and involves longer imaging acquisition times. Such 

characteristics limit the use of 3D TFM for analyzing fast traction force measurements of 

contractile activities involved in cell motility [34, 35] and beating of cardiomyocytes [36, 

37]. These methods can also be extended to estimate traction stresses for cells embedded in 

3D environments using digital volume correlation algorithms [25, 29, 38, 39].

For all TFM processes, at least two images are required to estimate traction [40, 41]: an 

image of the deformed beads (with the cell on the substrate) and the undeformed beads (after 
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removal for the cell from the substrate). Measuring changes in traction due to an applied 

stimulus requires images before and during the stimulus application.

In the most basic approaches of 2D TFM analyses, several key assumptions are imposed in 

order to use linear elastic theory and estimate traction forces from a displacement field [42]:

1. Forces normal to the surface are negligible because cell-substrate interactions 

mainly develop along the substrate surface. Only the εxx, εxy, and εyy strain vectors 

are nonzero.

2. The hydrogel substrate is a 2D elastic plane extending laterally to infinity (a semi-

infinite half space).

3. Strains are infinitesimally small and thus the substrate material deforms within a 

regime of linear elasticity. The substrate material is mechanically described by a 

Young’s modulus and Poisson’s ratio.

4. The substrate’s material properties remain homogenous.

Once these assumptions are experimentally satisfied, (Figure 2C, D), several methods can be 

used to estimate traction forces from the displacement data. Images of particles before and 

after movement can be converted to displacement data by either direct tracking of fiducial 

markers using particle tracking velocimetry (PTV) or employing cross-correlation functions 

to statistically interpolate bead movements using particle image velocimetry (PIV) [43]. 

Trepat and colleagues have used PIV to evaluate the migration of cell sheets, cell-cell 

rearrangements within the sheet, and traction forces produced by the moving groups of cells 

[44]. Using the displacement data, one can solve the ‘inverse problem’ by fitting equilibrium 

solutions to displacements resulting from applied forces using the Boussinesq formulation 

[45]. For this method, an equation for the displacement field in the semi-infinite half space is 

derived into a convolution integral using Green’s tensor [46]. This equation is then 

discretized and inverted to determine surface traction forces [47]. The inversion method is 

computationally expensive and requires regularization steps to account for noise in the 

displacement data. Fourier Transform Traction Cytometry (FTTC) addresses these issues by 

transforming the integrated displacements of microbeads to Fourier space and performing 

calculations using matrix multiplication [48]. Another method solves the inverse problem by 

estimating the force magnitude and minimizing the distance between measured and 

computed displacements by solving the direct and adjoint elastic problems using finite 

element discretization [49, 50]. del Álamo and colleagues developed an exact Boussinesq 

solution using Fourier expansions to account for the finite thickness of the gel when 

interpolating traction forces [51, 52]. The semi-infinite approximation holds as long as the 

displacements of beads and the cell length are much smaller than the substrate thickness. 

Thus, del Álamo and colleagues enabled analysis of many combinations of gel thicknesses 

and cell lengths. Further, the updated solution allows for non-zero net force for each cell, 

meaning that z-displacements and cell migration can be better quantified [51, 52]. An 

alternate approach to Boussinesq solutions is to assign boundary conditions to bead 

displacements, discretizing the gel, and then apply finite element methods (FEM) to solve 

for stress equilibrium [53]. FEM enables calculations of traction stress without the need for a 

Boussinesq formulation, thus relaxing the substrate constraints to satisfy assumptions of a 
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semi-infinite elastic half space [54]. FEM methods can characterize 2D and 3D systems with 

nonlinear materials and arbitrary gel geometries [55]. Finally, experimental simulations of 

TFM can also optimize TFM algorithms, test optimal experimental setups, and compare 

predicted cell-generated forces to experimentally derived values [56].

The accessibility to analysis codes that convert images of moving beads to force 

measurements has been a bottleneck for the implementation of these methods in biology 

labs. Several research groups have publically shared computational tools for TFM. 

Specifically, Martiel and colleagues [57] have shared computational packages that prepare 

images for processing, that extract bead displacement using PIV, and that finally determine 

traction stresses using an FTTC method. The authors also provide discussion on 

experimental and numerical approaches for robust determination of cell-generated forces. 

Style and colleagues have also provided TFM analysis tools for particle tracking and for 

calculating traction stresses using inverse Fourier transforms and elasticity theory [13].

2.2 Micropost Arrays

Upon attachment to arrays of elastomeric microposts, cells exert traction forces that displace 

the tops of the microposts away from their unloaded position (Figure 3). Displacement of the 

top portions of the microposts is directly linked to the traction forces generated by the cell 

through the Euler-Bernoulli beam theory:

(1)

where k is the effective post stiffness and δ is the displacement of the micropost. Effective 

spring constant is determined by the material properties of the post (E is the Young’s 

modulus) and the structure geometry (D is the post diameter and L is the post length). A 

number of assumptions are also used to calculate forces in micropost traction measurements:

1. Microposts do not undergo elongation or compression because their resistance to 

out of plane deformation is orders of magnitude larger than their resistance to 

lateral displacement [58].

2. Micropost displacements are small.

3. The substrate material is linearly elastic [15, 19, 59, 60].

Analyzing the displacement of micropost forces is a distinct method from calculating cell 

traction forces through TFM with hydrogel substrates. Few studies have employed both 

methods for a direct comparison [61]. Figure 4 compares the relative stiffness resisting 

traction forces and deformation modes on hydrogels and microposts. Importantly, the 

execution of these methods does not rely solely on the optimization of data analysis, but also 

in additional factors involved in device fabrication and experiments with cells.

In summary, four main steps are needed to obtain cell traction data with these methods: 1) 

device fabrication, 2) cell attachment to device surfaces, 3) imaging of displacements in the 

device and 4) derivation of traction forces from displacements. We have detailed different 

options to derive forces from displacements and commented on the effects of noise in TFM 
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analysis of hydrogel deformation and deflection of microposts. Computational challenges in 

force calculation decrease when using microscopy capabilities that can register with high 

resolution the movement of microbeads in hydrogels or the displacement of the tops of 

microposts. Now we elaborate on how the fabrication and calibration of devices affect the 

outcome of these force-measuring methods.

3. Device Fabrication and Calibration as Potential Sources of Error in Force 

Estimates

For both polyacrylamide and PDMS-based devices, the measured displacement of the 

material and calculated traction forces can substantially change with variable mechanical 

properties. A wide range of Young’s moduli (Table 2) have been reported for specific 

formulations of both polyacrylamide hydrogels and PDMS substrates. The variability in 

these reports can originate from: 1) polymerization methods [62] and from 2) differences in 

assays for mechanical testing used in device calibration [63, 64].

The mechanical properties of polyacrylamide and PDMS depend on the protocols used to 

polymerize these substrates, as well as on the batch, lot, storage or age of used 

polymerization materials [65–67]. Variations in material properties contribute to difficulties 

in quantitatively comparing calculated traction forces after using devices fabricated with 

different polymerization materials or between labs with different fabrication methods 

(Figure 4) [13, 38, 59, 68]. For example, we found variations in the effective micropost 

stiffness ranged from 0.01 to 0.065 N/m batch-to-batch and 2.3 – 28.6% measurement 

standard deviations within each tested batch due to variability in fabrication and PDMS 

batch [69]. The mechanical parameters of substrates and devices are determined by 

mechanical tests, which yield different results depending on the type of testing apparatus, 

the geometry of the material sample [63] and the length scale of testing [64]. The 

dimensional reproducibility of devices also affects the device performance. Specifically, the 

thickness of hydrogels [63, 70] and the geometry of microposts (diameter and aspect ratio) 

should be considered when comparing results across batches of fabricated devices. These 

differences introduce offset errors in cell traction measurements, which require careful 

experimental design to determine traction forces.

Direct calibration of mechanical properties for materials and devices under experimental 

conditions reduces the uncertainty of measurements when compared to relying on estimates 

performed in other studies. For example, some formulations of polyacrylamide exhibit time-

dependent viscoelasticity [71] or poroelastic properties [72, 73] that should be considered 

when measurements address cell-generated deformations of the substrate exerted at different 

rates: fast or slow cell contraction. Micropost effective stiffness differently varies with 

distinct types of post-fabrication treatments of the PDMS surface [74]. In general, the 

effective post stiffness of a set of representative microposts in an array can be directly 

calibrated using a force sensor to observe top displacement under an applied transverse load. 

With this approach, we previously found that direct calibration of k reduced measurement 

uncertainty from about 100%, based on material property and geometry assumptions alone, 

to as low as 10% [68, 69]. Calibration also addresses nonlinear mechanical effects due to 

substrate warping or large deformations [15, 59].
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The differences in material properties between hydrogels and PDMS may also affect how 

cells interact with these surfaces and thus cell traction force measurements. Recent studies 

have tried to understand how nanoscale substrate surface properties such as hydrogel 

porosity, PDMS network density and surface roughness impact the surface density and 

presentation of cell-binding protein ligands and how these influence cell adhesion [75, 76]. 

For instance, Wen et al. determined that stem cell differentiation was influenced by substrate 

stiffness but not by substrate porosity or protein tethering [77]. Another study verified that 

the same cell type exhibited similar cell spreading area on both TFM polyacrylamide 

substrates and PDMS micropost substrates of similar stiffness [61]. However, this study did 

not compare cell-generated forces across the two platforms. Such quantitative comparisons 

may require a deeper understanding and control of cell-ECM adhesion to provide 

controllable cell attachment to polyacrylamide and PDMS surfaces.

4. Enabling cell adhesion by engineering surface-ECM protein interactions

Cell membranes do not directly bind to the surfaces of hydrogels, PDMS devices or any 

other material surface. Instead, varied types of ECM proteins stably bind to specific classes 

of cell transmembrane proteins and link them to surfaces, triggering cell-surface interactions 

[78]. The strength and robustness of cellular adhesion is crucial for the stable attachment of 

cells to surfaces [79, 80]. Only then, can contractile tension propagate between the cell and 

the substrate [79, 81, 82]. Under physiological conditions, the ECM ligands bind readily to 

transmembrane proteins while cells are selective for specific ECM types that match in vivo 

conditions [78, 79]. Interactions between ECM proteins and substrate surfaces are the main 

regulators of cell adhesion to artificial materials [83] and are thus commonly engineered by 

changing the physical-chemical properties of surfaces to induce cell adhesion [84]. Here, we 

detail specific strategies to promote stable adhesion of ECM proteins to surfaces of 

polyacrylamide hydrogels and PDMS devices. First, we review the governing factors of 

protein-surface interactions to note the benefits of covalently attaching ECM proteins to the 

surfaces of traction force devices (Figure 5). In general, protein-surface interactions depend 

on the properties of both the protein and the surface [83].

Protein size, net charge, stability and unfolding rate regulate the affinity of proteins to 

surfaces. These properties also play strong roles when using mixtures of proteins, such as 

serum in common cell culture media formulations. Smaller proteins adsorb faster to surfaces 

because of faster diffusion. Larger proteins present a higher surface for interactions with 

material surfaces, but diffuse slower and take a longer time for surface adsorption. Diffusion 

and binding kinetics underlie the “Vroman effect” [85], which describes the exchange of 

proteins adsorbed on surfaces based on protein affinity properties (Figure 5): over time, 

proteins with stronger and more stable interactions replace proteins with low surface 

affinity. The overall combination of protein properties is what dictates the stability of the 

protein’s adhesion to and stability of interaction with the surface [83].

Surface properties of materials such as topography, chemical composition, hydrophobicity, 

heterogeneity and surface potential affect protein adsorption and adhesion [86, 87] (Figure 

5). Proteins expose hydrophilic amino acids, which are readily available to interact with 

material surfaces because physiological conditions involve aqueous environments. However, 
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the interactions of hydrophobic surfaces with the hydrophobic domains of proteins lead to 

the strongest protein adsorption states [88]. Protein affinity to charged surfaces is stronger 

when the pH of the environment is near the protein’s isoelectric point due to decreased 

protein-protein interactions in solution, as proteins assume a neutral net charge. The 

distribution of charged residues on proteins and protein-protein interactions in solution 

therefore affect these adsorption events and their stability easily varies with the pH and ionic 

state of the culture media (Figure 5) [89]. The rate of protein unfolding accelerates protein-

material interactions. Yet unfolding can also lead to protein denaturing and loss of protein 

stability. For example, hydrophobic surfaces (e.g., Teflon) with low surface energy denature 

proteins [90].

In summary, the effects of surface charges, surface chemical groups, other proteins in 

solution and the surface potential of the material determine the amount and strength of 

protein interactions with material surfaces. Details on how material surface modifications 

affect protein adhesion can be found elsewhere: [91, 92]. The surface of polyacrylamide 

hydrogels is very hydrophilic and thus sterically hinders protein adsorption (Figure 5). 

PDMS surfaces are hydrophobic, but present low surface energy, which promotes weak 

interactions with proteins [93]. Protocols to attach proteins to these materials first modify 

the undesirable material surface properties and then functionalize the material surface to 

promote stable and strong protein attachment using polar interactions, hydrophobic 

interactions, ionic bonds, and/or covalent bonds (Figure 5). Of these, covalent bonds are the 

strongest and least dependent on the electrochemistry of the extracellular environment [94–

96].

Covalent attachment of ECM proteins to material surfaces increases the strength of cell 

adhesion [97], which affects mechanotransduction [98]. For example, we have shown that 

the nature of protein attachment for beating heart muscle cells cultured on micropost arrays 

also influences their force generation and contractile properties [99]. The covalent 

attachment of collagen or fibronectin to PDMS surfaces was also reported to enable 

mesenchymal stem cells to maintain their undifferentiated state [100]. Cells cultured on 

surfaces with covalently attached proteins also exhibited higher adhesion area and better-

developed actin fibers. Taken together, these studies demonstrate the importance of 

covalently attaching ECM proteins to the surface of devices to induce strong and stable cell 

adhesion that better transduces intracellular forces to a deformable extracellular milieu.

4.1 Approaches to covalently attach proteins to the surface of polyacrylamide hydrogels 
and PDMS microposts

4.1.1 Functionalizing Polyacrylamide Hydrogels—Polyacrylamide is hydrophilic 

and repels protein adsorption by steric hindrance effects. Thus, the surface of 

polyacrylamide must be functionalized with coupling chemical species to bind proteins that 

promote cell adhesion [65]. Polyacrylamide hydrogel functionalization approaches alter the 

hydrogel fabrication protocol and thus fall into two categories (see Figure 6): i) adding 

functional groups to the prepolymer solution to form a link between components of the 

hydrogel and proteins and ii) modifying the hydrogel surface after polymerization.

Ribeiro et al. Page 8

Methods. Author manuscript; available in PMC 2017 February 01.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Polyacrylamide gels result from the free radical polymerization of vinyl groups among 

acrylamide and the crosslinker bis-acrylamide [101]. The reaction is initiated by 

tetramethylethylenediamine (TEMED) and catalyzed by ammonium persulfate (Figure 6). 

The final material consists of a hydrogel with acrylamide chains of variable length 

stochastically crosslinked with bis-acrylamide [102]. To obtain a thin polyacrylamide layer, 

the prepolymer solution is sandwiched between two coverslips (Figure 6), which dictates the 

gel surface area and thickness. The bottom coverslip is functionalized with silanes that 

generate a monolayer of free chemical groups that covalently bind the polyacrylamide 

during its polymerization [103, 104]. A coverslip is placed on a solution droplet to define the 

hydrogel surface topography while applied pressure sets the hydrogel thickness.

Adding reactive monomers to the prepolymer solution alters the bulk chemical and 

mechanical properties [105]. Acrylic acid or other carboxyl-containing molecules that co-

polymerize with acrylamide result in hydrogels with carboxyl groups on the surface [106]. 

Then, proteins can be bound to the carboxyl groups using N-(3-dimethylaminopropyl)-N’-

ethylcarbodiimide hydrochloride (EDAC or EDC), a reagent which couples amine groups on 

protein backbone to the carboxylic groups on the hydrogel surface. An alternative approach 

is to add N-hydroxysuccinimidyl acrylate (NHS-acrylate) to the prepolymer solution [107, 

108]. The acrylate group of NHS-acrylate co-polymerizes with acrylamide and the NHS 

moiety randomly distributes throughout the hydrogel, including the gel surface where it 

binds amines found in protein backbones. A third co-polymerization technique is to use the 

monomer 6-Acrylaminohexylaminohexanoic acid N-succinimidyl ester (N6) [109]. The 

succinimidyl ester group in one end of N6 also binds amine groups in the protein backbone 

and the acrylate group on the opposing end co-polymerizes with acrylamide. N6 has a higher 

degree of freedom and longer length, increasing its efficiency due to higher accessibility for 

protein binding when compared to the acrylic acid or NHS-acrylate approaches.

Another method to conjugate proteins on hydrogel surfaces during polymerization involves 

patterning proteins on the top coverslip that sandwiches the hydrogel prepolymer (Figure 6) 

[110]. Proteins patterned on the glass coverslip transfer to the hydrogel surface during 

polymerization. Deep UV functionalization of hydrogel surfaces also leads to stable protein 

attachment and cell culture [111]. With these methods, cells stably attach to hydrogel 

surfaces where ECM proteins are immobilized. However, the mechanism of protein 

immobilization, entanglement versus chemical binding, remains unknown. Protein 

micropatterns on glass can also be developed with methodologies such as microcontact 

printing by coating a PDMS block with features to stamp proteins onto the glass [112], lift-

off of a photoresist layer and glass passivation with PLL-g-PEG [113], and UV 

micropatterning of glass homogeneously coated with PLL-g-PEG [114]. These 

micropatterns can be transferred to hydrogel surfaces for TFM measurements of cells 

confined to specific sizes or shapes [74].

Methods that involve surface functionalization after hydrogel polymerization (Figure 6) rely 

on changing the reactivity of the material surface. A simple method involves surface 

activation with ultra-violet (UV) light in the presence of the photoactivatable 

heterobifunctional reagent sulfosuccinimidyl-6-(4’-azido-2’-nitrophenylamino) hexanoate 

(sulfo-SANPAH) [107]. The photoactivatable region of sulfo-SANPAH binds 
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polyacrylamide and the sulfosuccinimidyl group at the other end reacts with protein primary 

amine groups. Sulfo-SANPAH is an expensive reagent and the efficiency of protein 

crosslinking varies among batches due to chemical instability in aqueous media. 

Functionalizing polyacrylamide with hydrazine hydrate is a less expensive but more 

laborious alternative to sulfo-SANPAH [115]. The hydrogel surface is activated by 

hydrazine hydrate to bind aldehyde groups on oxidized proteins. After the hydrogel is 

activated, ECM proteins oxidized with sodium periodate are introduced onto the surface for 

stable coupling.

4.1.2 Functionalizing PDMS Microposts—PDMS surfaces have low surface energy 

that inhibits protein adsorption. Surface oxidation of PDMS is the most common method to 

induce protein adsorption to PDMS surfaces [93] or to prepare PDMS for microcontact 

printing (Figure 7). The most common methods to oxidize PDMS surfaces include oxygen 

plasma treatment [74], UV-ozone deposition [16], incubation in piranha solution [116], and 

chemical deposition [117]. Oxidation alters micropost stiffness so this must be taken into 

consideration when calculating cell-generated forces from micropost bending after this 

treatment [74]. Adsorption of ECM to oxidized PDMS alone does not induce strong 

adhesions of cells. However, additional treatments will promote covalent ECM protein 

attachment to PDMS: i) silanization of oxidized PDMS, ii) surface photografting, or iii) 

adding functionalized PDMS to the inert PDMS prepolymer mixture.

i) Silanization: Organosilanes can covalently link the oxidized PDMS surface to ECM 

proteins [99, 100]. However, care must be taken with protocols as the stability of 

organosilanes varies with environmental storage and reaction conditions [118, 119]. A 

silane-based approach that induces stable, covalent protein binding to PDMS consists of 

functionalizing oxidized surfaces with 3-aminopropyltriethoxysilane (APTES) [119]. 

APTES contains a free amine group that readily binds one of the aldehyde groups in 

gluteraldehyde. The exposed primary amines on proteins will then bind the other free 

aldehyde group of gluteraldehyde upon incubation.

ii) Photografting: PDMS can be photografted for covalent attachment of ECM proteins. 

Photografting involves surface UV activation, incubation with non-aqueous benzophenone 

solution, and incubation with acrylic acid in water to add carboxyl groups to the material 

surface [120]. EDC chemistry, as described for polyacrylamide functionalization, can then 

bind carboxyl groups exposed on the surfaces of proteins [120]. A particular challenge 

during PDMS micropost functionalization using photografting is avoiding stiction of 

microposts to one another, as observed with many different solvents [121, 122].

iii) Functionalized PDMS prepolymer: Functional molecules can also be added to the 

PDMS prepolymer mixture. PDMS devices are fabricated by mixing a viscous prepolymer 

with a curing agent to induce polymerization [121] and the mixture is cast and cured on 

microfabricated molds. Mixing PDMS with functional molecules enables the material 

surface to be crosslinked to other chemical species via the added reactive surface functional 

groups [123–126]. This method has high potential for binding proteins to PDMS surfaces, 

but it has not yet been developed to fabricate devices for robust cell culture.
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4.2 ECM protein type, structure, and function regulate the biology of cells in culture

When functionalizing the surface of polyacrylamide and PDMS, the chosen ECM protein 

must also be suitable for the cell type under study. Different cell types secrete different sets 

of ECM proteins and will typically exhibit more physiological phenotypes when cultured on 

proteins that mimic attributes of in vivo ECM composition [78, 127, 128]. In addition, ECM 

composition can mediate certain phenotypes, such as malignancy of mammary epithelium, 

acting together with stiffness as determinants for invasiveness [129]. This study shows that 

high ligand density of the ECM can resemble high substrate stiffness in enhancing cell 

malignancy. Transmembrane interactions with ECM proteins are complex, however the use 

of recombinant or isolated ECM proteins to culture cells provides a reductionist approach 

that mimics cell adhesion pathways in vitro [130].

Synthetic polypeptides consisting of conserved ECM cell-binding motifs have been used to 

promote adhesion of cells [131], the most popular being Arginine-Glycine-Aspartic Acid 

(Arg– Gly–Asp; RGD). RGD is present in fibronectin and fibrinogen and binds 

transmembrane integrins [83]. RGD binding to specific cell surface receptors and cell 

adhesion depend on the synergy of this tripeptide with adjacent peptide sequences [132]. 

Therefore, the efficiency of RGD-functionalized surfaces for cell adhesion depends on the 

physical chemistry of the macromolecules that harbor RGD and connect this tripeptide to 

surfaces. In general, the conformation of ECM proteins plays a strong role in cell-ECM 

binding by making certain areas accessible to cell binding regions [133].

Collagen, fibronectin, laminin, and vitronectin are among the most used families of ECM 

proteins for in vitro cell culture [134]. ECM proteins can also alter cell function and gene 

expression [128, 135] and changes in ECM composition can induce malignant phenotypes 

[136, 137]. Thus, improper ECM matching to the cell type for in vitro culture may induce 

uncontrollable cell phenotypes. For this reason, ECM formulations isolated from in vivo 

organisms, like Matrigel [138], fail as systems with controllable protein composition, even if 

they promote robust cell adhesion. Culturing endothelial cells on collagen or laminin 

triggers different signaling cascades that affect cell shape, intercellular interactions, and 

eventually tissue morphogenesis [139]. Fibronectin-functionalized culture substrates lead to 

early malignant phenotypes for epithelial cells, while laminin functionalization does not 

[140]. In addition, smooth muscle cells are sensitive to substrate mechanics when cultured 

on fibronectin, but not on laminin [141]. Altogether, these studies exemplify the need for 

proper selection of ECM in the design of traction force experiments to avoid non-

controllable effects of changes in cell biology from the type of used ECM.

Several experimental variables can further influence the bioactivation of device surfaces for 

stable cell adhesion, including other proteins present in the cell culture media [83] and the 

production of ECM proteins by certain cell types [79]. These proteins may interact with 

device surfaces and affect expected protein-material interactions. In summary, cell type-

specific biological properties, media composition, the type of ECM and its attachment to the 

surface must be carefully considered when designing experiments to measure cell traction 

forces.
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5. Measuring Cell Traction Forces in Dynamic Cell Culture Environments

Cell mechanics and mechanotransduction studies often aim to replicate key extracellular 

mechanical cues in in vitro cell culture systems including stretch, shear flow and stiffness. 

Studying the effects of these mechanical cues on the ability of cells to generate forces will 

unravel the mechanisms underlying the interplay between force generation and mechanical 

sensitivity in cells [142]. For these studies, devices to calculate traction forces must be 

integrated with platforms that mechanically stimulate cells. Extensions of hydrogel TFM 

and micropost force measurement assays include investigating cell responses to dynamically 

varied stimuli such as stiffness, shear flow and stretch (Table 3). Implementations vary in 

complexity based on how the stimulus is applied and how it affects force measurements; 

particular concerns include maintaining optical access for imaging live cell features and 

substrate deformations. Applying mechanical stimuli in vitro is of interest to emulate how 

cells sense and respond to mechanical cues in vivo in mechanical tissues like the heart, lung, 

muscles, etc. [143, 144]. In this section, we discuss recent progress on integrating cellular 

force measuring devices in platforms for mechanical stimulation of cells, including: i) 

applied stretch, ii) applied shear flow, and iii) dynamically varied substrate stiffness (Table 

3).

i) Stretch

Stretch is generally involved in active or passive movement of tissues, such as during 

embryonic development, wound healing, tissue remodeling, tumor growth and muscle 

contractility [9]. To understand mechanotransduction mechanisms related to stretch, both 

hydrogel and compliant micropost arrays can be stretched. The most common method to 

apply stretch is co-fabricating the hydrogel or compliant microposts on a deformable 

membrane and stretching the membrane with different approaches including in-plane stretch 

via mechanical actuation [145], deformation over a post using vacuum pressure [146], or out 

of-plane post actuation [147]. These strategies to stretch substrates may be able to control 

the stretch magnitude, profile (uniaxial or biaxial), and type (static or cyclic) [146, 148, 

149]. To ensure a consistent strain field, the stretching actuators on the hydrogel or 

micropost substrates must be characterized and calibrated prior to cell experiments.

Another method to stretch cells on hydrogels is by direct indentation of the gel, which 

creates local substrate deformations [150–153]. This local strain field surrounding the 

indenter depends on the indentation depth, indenter geometry, and substrate properties [150–

153]. In either approach for combining applied strain with hydrogel TFM, it is crucial to 

image the fiducial markers in both the unstretched and stretched states. To apply TFM 

analysis to hydrogels on stretched membranes, the hydrogel must be securely bonded to the 

deformable membrane to ensure transmission of the applied strain to the cells [145, 146, 

154]. In addition, the gel must be thin enough to transmit the strain but thick enough to 

maintain the apparent stiffness on the hydrogel surface.

Compliant microposts can also be fabricated to include a PDMS membrane for inducing 

stretch by controlling the amount of excess PDMS on the mold. The membrane with 

microposts can potentially be used with any stretching apparatus. However, one difficulty is 

maintaining optical properties, which are necessary to obtain accurate traction data. Because 
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the PDMS microposts impede imaging, the microposts should not be in the optical path 

between the microscope objective and cells [155].

The transfer of stretch from the substrate to cells depends on how the ECM is attached to 

these materials. When silicone is globally stretched, Wipf et al. [156] showed that covalent 

attachment of ECM proteins to the silicone increases the transfer of strain up to 15% from 

the substrate to cell monolayers. When silicone substrates were functionalized by surface 

oxidation and passive adsorption of collagen or layer-by-layer deposition of collagen, 

fibroblast monolayers failed to stretch as much as the underlying substrate. Covalent 

attachment of collagen on these surfaces increased cell adhesion area and proliferation and 

corresponded with increased cell adhesion force and structural stability [100].

ii) Shear flow

Shear flow is most often associated with blood flow through the vasculature. Application of 

shear flow to TFM usually involves bonding the hydrogel on a glass coverslip inside a flow 

chamber. TFM measurements are then obtained at multiple time points during the 

application of shear flow [157, 158]. Shear flow can also be applied with compliant 

microposts, demonstrated by integration of PDMS micropost arrays into microfluidic flow 

chambers [159]. Flow applied with an external pump submits cell to shear flow in the 

microfluidic chamber [159]. Small microfluidic dimensions enable high flow velocities at 

low flow rates.

iii) Tunable Stiffness

Changes in substrate stiffness are relevant in tissue fibrosis by fibroblast collagen deposition 

[160, 161], wound healing [162] and tumor progression [163, 164]. The mechanisms that 

govern the effects of stiffness in cell behavior are not understood [165]. The cross-linking 

density of polyacrylamide hydrogels governs their stiffness [76]. The effective stiffness of 

microposts varies with post height and diameter. Although PDMS microposts have not been 

modified to change stiffness over time, stiffness gradients can be fabricated on micropost 

arrays by changing micropost dimensions along a specific direction of the array. This is 

useful in understanding how migrating cells sense and respond to stiffness [166].

Ideally, the stiffness of force-sensing substrates should be tunable at any time point during 

experiments to test the effects of dynamic stiffness variation in cell biology. Currently, only 

dynamic hydrogels have been modified to allow for time-dependent stiffness variations in 

conjunction with cellular force measurements [167] and the most used method has been 

time-dependent degradation. Strategies for time-dependent gel degradation include use of 

copolymers with biodegradable blocks [168], modification of alginate oxidation [169] and 

hydrolytically degradable hyaluronic acid [170]. An alternative to time-dependent 

degradation is to use UV- activatable chemistries to mediate changes of gel crosslinking. 

This method enables the control of the initiation of stiffness changes and thus facilitates 

comparisons of cell traction before and after stimuli.

More recently, a number of techniques to dynamically modify hydrogel stiffness have been 

combined with TFM. For example, hyaluronic acid hydrogels have been modified to 

methacrylated hyaluronic acid (MeHA) gels to form additional crosslinks upon UV 
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treatment [171]. The increased extracellular stiffness of these substrates has effects on the 

fate of mesenchymal stem cell differentiation [172]. Obtaining accurate TFM estimates from 

these dynamically tunable hydrogels also requires knowledge of both of the dynamic 

substrate stiffness and how cells remodel the surface as function of time.

Along with MeHA hydrogels [171], other types of artificial hydrogels for cell culture have 

tunable mechanical properties with spatial resolution, are biocompatible and bioactivie. 

Hyaluronic acid-based hydrogels can harbor cell adhesive ligands [173–175], be 

mechanically modified [171, 173, 175], release soluble factors [174] and be patterned [173, 

175]. Polyethylene glycol-based hydrogels have been developed for mechanical tunability 

[176], microenvironmental modifications [177], biocompatibility and harboring of cell 

ligands and soluble factors [178]. Hydrogels composed of synthetically produced 

polypeptides can also provide substrate properties of interest for assessing the ability of cells 

to generate forces [179] [180, 181].

The forces produced by cells on both gel substrates and micropost arrays are transduced 

with the involvement of proteins that play mechanical roles, generating intracellular tension. 

Recent advances in combining fluorophores capable of Forster Resonance Energy Transfer 

(FRET) with molecular tension sensors enable the measurement of intracellular forces 

generated under tension [182–184]. Using a FRET tension biosensor linked to E-cadherin, 

Borghi and colleagues showed that forces at the picoNewton scale are exerted between the 

actin cytoskeleton and E-cadherin [185]. Sim and colleagues studied patterned pairs of cells 

on gels expressing an E-cadherin FRET biosensor to simultaneously estimate cell-generated 

extracellular and intracellular forces, while controlling cell shape [186] Those studies 

revealed that epithelial cell pairs maintain a relatively constant molecular tension in E-

cadherin even while cell-cell forces doubled. To study how changing substrate stiffness 

impacts tension within the ECM due to cell generated traction forces, Kong and colleagues 

used a FRET pair conjugated to a synthetic ECM adhesion ligand [187]. Future advances 

that combine FRET force biosensors with hydrogels for TFM or with PDMS surfaces of 

micropost arrays will enable new studies leveraging simultaneous analysis of molecular- and 

cell-level forces under a variety of environmental, pharmacological or genetic 

manipulations.

6. Conclusion

In this review, we discussed the use of hydrogels and elastomeric micropost arrays as 

systems for measuring cell traction forces in mechanobiology experiments. We detailed 

methods and challenges from the initial fabrication steps, device implementation including 

functionalization and integration of mechanical stimulation, data acquisition and data 

analysis. Key considerations include the mechanical properties of the substrate, force 

transmission in the different geometries and the engineering of cell attachment. We also 

presented strategies for dealing with uncertainty in both systems. Such approaches will 

enable new studies to relate mechanical inputs to outputs and to examine mechanisms of 

mechanotransduction related to cell-ECM interaction.
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Highlights

We review two methods to measure forces generated by cells: TFM and microposts.

Traction force microscopy (TFM) relies on measuring substrate displacements.

Force is calculated from the bending of posts upon cell attachment to microposts.

We detail strategies to functionalize these devices for stable cell attachment.

These methods are also combined with platforms for cell mechanical stimulation.
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Figure 1. Measurement of cell traction forces with hydrogel traction force microscopy (TFM) 
and arrays of elastomeric microposts
Cell contractile machinery produces traction forces (shown as red vectors), which are 

transmitted to the extracellular environment via focal adhesions, which transmit forces to the 

nucleus via cytoskeletal (figure inset) to enable mechanotransduction. Hydrogel platforms 

offer continuous substrates for cell adhesion whereas microposts provide discrete binding 

“islands.” In both systems, cell tractions are calculated from substrate displacements. 3D 

tractions can be computed on hydrogels if x-, y-, and z-axis deflections of fiducial markers 

are visualized by confocal microscopy. Figure adapted with permissions from [14, 19, 199]
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Figure 2. Traction Force Microscopy
A) Phase contrast image of a mammary epithelial cell on a polyacrylamide gel with fiducial 

microbeads. Scale bar 50 µm. B) Composite image of microbeads during cell force 

generation (red) and after removing the cell from the substrate with trypsin (green). C) 

Discretized mesh of cell area defines the region of interest for traction calculation. D) 

Traction stresses calculated across the mesh. E) Color contour plot visualizes the distribution 

of traction stresses under the cell. Reproduced with permission from [42]

Ribeiro et al. Page 27

Methods. Author manuscript; available in PMC 2017 February 01.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Figure 3. Micropost arrays
A) Endothelial cells tug on microposts (dia. = 3 µm). The microposts were coated with 

fibronectin by microcontact printing to restrict cell adhesion to a specific area. Scale bar is 

50 µm. B) Side view cartoon of the cell on the micropost array. C) The individual traction 

force vectors exerted by the cell sum to zero. Reproduced with permission from [200].
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Figure 4. Comparison of how cells pull and induce traction forces on hydrogels and microposts
Cells bind to substrates via coupling to extracellular matrix proteins in focal adhesions. On 

both continuous hydrogel substrates and microposts, these focal adhesions occupy distinct 

areas of the material. Cell-binding area can be defined on hydrogels and micropost arrays by 

patterning of extracellular matrix proteins (and in addition by micropost geometry). The 

effective spring constant of hydrogels and microposts is based on contract area between the 

substrate and the cell exerting traction forces. Figure adapted with permission from [201].
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Figure 5. General mechanisms that govern protein-surface interactions based on surface 
chemistry
Proteins interact with material surfaces and these interactions are regulated by both protein 

and surface properties. Interactions between ionic domains result in moderate protein 

adsorption, which is unstable because it relies on the ionic state (I.S) and the pH of the 

culture media. Interactions between hydrophilic polar domains are weak and also unstable. 

Interactions between hydrophobic domains lead to strong adsorption. Based on the 

mechanisms that regulate protein interaction (the Vroman effect), a protein B with higher 

affinity to a surface can replace a protein A of lower surface affinity previously adsorbed to 

the surface. Ideally, to maximize surface-protein interactions, surfaces should have different 

engineered regions with different chemical properties to match the properties of the protein 

of interest. Covalent interactions are the strongest among all types of interactions between 

proteins and surfaces. Figure adapted with permission from [86, 87]
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Figure 6. Approach to fabricate hydrogel substrates while considering different methods for 
functionalization of surfaces with proteins
Top: the acrylamide-based prepolymer solution is mixed before being added to the top of a 

coverslip pre-treated to bind polyacrylamide during its polymerization. Another coverslip 

that will define the topography of the substrate is placed on top of the prepolymer droplet 

and the hydrogel polymerizes. After hydration, this coverslip is removed. Bottom: different 

strategies to functionalize these substrates are integrated at different stages of this 

fabrication method. Strategies grouped at the left involve co-polymerization of acrylamide 

with species added to the pre-polymer solution that bind acrylamide and proteins. Strategies 

grouped at the right consist of surface modifications and do not affect the bulk properties of 

hydrogels. Figure adapted with permission from [65].
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Figure 7. Different methods to functionalized PDMS surfaces
A degassed viscous prepolymer mixture is cast on molds and cured to form arrays of PDMS 

microposts. PDMS surfaces are functionalized by increasing their surface energy with 

oxidation using plasma, UV-ozone, piranha, and chemical deposition methods. Once 

oxidized, proteins can be adsorbed or stamped on surfaces for stable cell adhesion or 

incubated in organosilanes that contain chemical groups to covalently bind proteins and 

oxide to bind to the PDMS surface. Laminin is a potential ECM protein that binds to PDMS 

with this strategy. An alternative approach not involving oxidation consists of incubating 

PDMS in benzophenone and exposing it to UV to polymerize the acrylic acid on the surface 

and bind proteins. Figure adapted with permission from [19, 99, 120, 202].
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Table 1

Cell tractions reported using hydrogel and micropost platforms vary widely with cell type, ECM, and substrate 

conditions.

Substrate
stiffness (if
reported, kPa)

Range of
Traction
Stress (kPa)

Cell Type Reference

Polyacrylamide hydrogels analyzed by traction force microscopy

2.8 – 30 0.25 – 0.5 T3T fibroblasts [188]

15.6 0.5 – 10 Mouse embryo fibroblast [43]

10 0.15 – 0.80 Invasive epithelial bladder cancer cells (T24) [189]

1.95 – 9.9 0.2 Invasive epithelial bladder cancer cells (T24) [50]

6.2 1.32 – 2.48 3T3 fibroblasts [47]

PDMS micropost arrays

Micropost stiffness (nN/µ m) Force per post (nN) Cell Type Reference

32 2 – 78 Bovine pulmonary artery smooth muscle cells, 3T3 fibroblasts [19]

31 1 – 32 Human pulmonary artery endothelial cells [190]

1.9 0.14 – 1.2 Murine dendritic cells [191]

Comparison between these systems is complicated due to assumptions required about the substrate and cell-ECM adhesions.
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Table 2

Elastic moduli of PDMS and polyacrylamide materials

PDMS: 10:1 base to curing agent Polyacrylamide: 10%T 2–3%C

Young’s modulus (MPa) Reference Young’s modulus (kPa) Reference

0.75 [192] 5 [193]

1 [45] 23.43 [20]

1.3 [194] 32 [76]

2.5 ± 0.2 [195] 68 [107]

2.63 [196]

0.8 – 4 (depends on baking time) [62]
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Table 3

Integration of cell force measurement systems in platforms for cell mechanical stimulation. Figures adapted 

with permission from [144]. Figures reprinted with permission from [158, 171].
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