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ABSTRACT OF THE DISSERTATION

Cell Traction Force Measurement Platforms

by

Xing Haw Marvin Tan
Doctor of Philosophy in Bioengineering
University of California, Los Angeles, 2021
Professor Michael Alan Teitell, Co-Chair

Professor Pei-Yu Chiou, Co-Chair

Mechanical properties of cells and tissues play important roles in governing the behaviors
of biological systems. Technologies for high-throughput quantification of multicellular
mechanical responses provide fundamental insights into biological processes and are valuable in
clinical applications, such as for diagnostics or drug discovery. Here, we present two different
types of optical technologies for cell traction stress measurements over large fields-of-view of
0.6 mm? and 13 mm?. The first type uses gold micro-disks or gold nanoparticles to scatter light
strongly, thereby giving a high signal-to-noise ratio under dark field microscopy. This enables
low magnification (10x) and low numerical aperture objective lenses to be used, hence greatly

increasing the field-of-view over prior works whilst preserving sub-cellular resolution. The



second type of optical technology are Diffractive Optical Tracers (DOT) for direct measurement
of mechanical waves propagating over 10,000 interconnected cells with sub-cellular resolution
over a field-of-view of 13 mm2. Dynamic mechanical stress distribution can be extracted from
the color spectra recorded by an array of diffractive micromirrors embedded in an elastomer
substrate. DOT provides mechanical information of individual cells, mechanical interactions
between cells, patterns of traction stresses across multiple cells, and potential synergistic,
antagonistic force generating activities. As a testbed example, we have applied DOT to measure
the mechanical beating waves propagating through a syncytium of cardiomyocytes, quantify the
dynamic contraction and relaxation forces of normal and phenylephrine treated neonatal rat
ventricular myocytes (NRVMs). DOT can also be used to study other cell types including those
derived from stem cells, cancer cells, macrophages, epithelial and endothelial cells for broad

applications.
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Chapter 1 Introduction

1.1 Overview of Cell Mechanics

The ability to measure the mechanical properties of cells plays an important role in many
biological and medical science applications. The study of cell or tissue mechanics is vital to
clarifying challenges in physiology [1] and disease development. The mechanical properties of
cells impact many characteristics of cell function [2], including mechano-transduction [3] [4],
migration [5], and differentiation [6]. They can thus serve as inherent biophysical markers of cell
state transitions [7], such as metastasis of cancer cells [8], initiation of leukocytes [9], or
advancement through the cell cycle [10]. Furthermore, if a cell misconstrues a mechanical cue or
finds itself within an unusual environment, its typical function can be interrupted and disease states
can occur [11]. Many human diseases, such as asthma [12], osteoporosis [13], deafness [14],
atherosclerosis [15], cancer [16], osteoarthritis [17], glaucoma [18], and muscular dystrophy [19]
can be directly triggered by or catalyzed by abnormal cellular or tissue mechanics [11]. Moreover,
the mechanical properties of the cytoskeleton are a key factor affecting not only the cell shape, but
also of other cellular functions involving spreading, crawling, polarity, and cytokinesis [20] [4]
[21] [22] [23]. For example, the deformability of leukocytes is related to the cortical tension
produced within a thin actin-rich layer below the plasma membrane, as well as the viscoelastic
properties of the cytosol [24] [25]. Additionally, naive mesenchymal stem cells have been shown

to exhibit particular phenotypes depending on tissue-level stiffness [26].

Mechanical phenotypes of cancer cells are important for understanding fundamental
processes in tumor development [16] and also for developing more effective diagnostics and

treatments [27]. A crucial determinant of successful tumor metastasis is the apparent modifications


https://www.ncbi.nlm.nih.gov/pmc/articles/PMC3446717/

in the mechanical properties of the tumor cells [26]. It is progressively noticeable in the biophysical
communities that cell mechanics is a favorable biomarker for elucidating cell conditions [28].
Traditional structural-based inspection of cell or tissue sample is the benchmark for cancer
diagnosis, but this technique necessitates cells to be chemically fixed and thus cancer cell
behaviors (e.g., invasiveness, metastatic ability) cannot be evaluated [27]. Detecting cell
mechanics is label-free without sample pretreatments [29] and thus can provide new insights into
cell behaviors, which is important in various fields, including disease diagnosis and therapy [27],

drug screening and assessment [30].

Forces which cells wield on the micro-scale have been discovered as important factors
influencing a multiplicity of biological functions, such as cytokinesis [31], migration [32] , vaso-
regulation [33], phagocytosis [34], proliferation [6], morphogenesis [4], differentiation [3],
activation [35], and motility [36]. In particular, external mechanical forces control cell shape,
movement, gene expression, and apoptosis [37], and cells generate protrusive and contractile
forces during Kkinesis, phagocytosis, and cytokinesis [34]. The cytoskeleton and cortical region
near the plasma membrane of a cell primarily affects a cell’s mechanical properties [38] [39]. It is
well-recognized that force can lead to alterations in gene expression, and that forces applied via
membrane-based receptors can cause nuclear deformation [40]. External forces transmitted to the
cytoskeleton can cause rupture of microtubules, which in turn can initiate a biochemical signaling

response [41].

Many human illnesses are associated with unusually strong or weak cellular traction forces,
such as cancer malignancy [42], fibrosis [43], hypertension [44], asthma [45], urological disorders

[46], muscular dystrophy [47], cardiomyopathy [48]. The highly metastatic A549 cancer cell is



known to exhibit greater traction forces than the non-metastatic BEAS2B cancer cells [8].
Therefore, cell traction forces have the potential as a biomarker for detecting not only circulating
tumor cells from human blood, but also for quantifying the metastatic potential of such cells.
Disease-in-a-dish models using induced pluripotent stem cells (iPSC) derived tissues have
studied the traction force to understand the underlying causes of disease [49] [50] [51]. Traction
forces have also been used to screen the effectiveness or toxicity of drugs related to human diseases
[52] [30] [53] [54] [55]. Cellular traction forces can also an important bio-marker for analyzing
the quality of human stem-cell derived differentiated cells in the field of regenerative medicine
[56] [57]. In the field of heart regeneration, it is imperative that the cell traction forces of iPSC
cardiomyocytes be measured and checked for arrythmia in pre-clinical trials, before any human
clinical trials be started [58]. These many applications also demand the strong needs of versatile
tool technologies for measurements and characterizations of various mechanical properties of
biological systems over a wide spatial and temporal scale. In the subsequent sections, we explore
several different platforms for the direct measurement of the mechanical material properties of

cells.

1.2 Current approaches for cell stiffness measurements
1.2.1 Optical Tweezers (OT)

Optical tweezers employ the gradient forces that act on polarizable materials in the center
of a highly focused laser beam [59]. To create adequate gradient force, high numerical apertures
are needed, and thus usually either oil or water immersion objectives with numerical apertures
(NA) > 1 are employed [60]. In double optical tweezers, two counteracting lasers are concentrated

on the same location in 3-dimensions [61]. In such systems, a small numerical aperture is adequate



for stable trapping. Therefore, long working distances up to millimeters can be attained [62].
Optical tweezers must be calibrated by applying techniques such as utilizing the power spectral
density of free particle oscillations via the fluctuation dissipation theorem [63] [64], the drag force
method using the established viscosity of the medium [65] or Boltzmann distribution methodology
where the variation of the average particle position is linked to the trap stiffness of the tweezers
[66]. One elegant method of calibration is to directly deduce the force by measuring the asymmetry
of the scattered photons to precisely discover the force using the conservation of momentum [67].

This method, however, necessitates utilizing a condenser with a higher NA than the objective.

To implement mechanical measurements, either the laser focus or the sample itself must
be shifted. To relocate the laser, piezo controlled reflectors [68] or acoustic optical deflectors
(AOD) [69] [70] are frequently used. The response function can be detected by employing either
a fluctuating or a step force to intracellular particles such as endogenous vesicles or beads [68]
[71]. The bead position is either recorded using video microscopy or position sensitive photo-
detectors [72] [73]. The advantage of optical tweezers is that very precise and accurate
measurement of cell mechanical properties can be achieved by filtering out noise using lock-in
amplifiers [62]. However, the disadvantage is that the measurements are serial in nature and only
one particle can be manipulated and imaged at a time, making the measurement throughput

extremely low.

1.2.2 Magnetic Tweezers (MT) And Optical Magnetic Twisting Cytometry (OMTC)
Another technique to exert active forces on cells are magnetic tweezers [74] [75]. This is
accomplished by either using magnetic gradient forces to exert a force on a paramagnetic particle

[75], or applying oscillating magnetic fields to produce mechanical torque on magnetic particles



which are usually fastened to the cell membrane [76]. Magnetic tweezers and OMTC are able to
generate forces up to 100 nN [77]. There is also no interaction between the magnetic field and the
cell. The system needs a powerful magnetic gradient which can be produced by a multiplicity of
coil arrangements [78]. Open cell culture dishes are frequently needed to attain large forces [77],
due to the layout of the electric coils generating the magnetic field.

For OMTC, ferromagnetic beads are incubated with the cells and fastened to the exterior
either by particular receptors or by general attachment. A transient, powerful magnetic field
generates lateral magnetization in the beads [79]. Subsequently, a probe field is operated vertically
to the cells, which thus exerts torque on the beads [80]. This vertical field is usually weaker than
the lateral magnetization field and can be modified using a sinusoidal or stepped electrical signal.
The study of the frequency dependent experimental data uses the same signal processing
techniques as for the optical tweezers [81].

For both magnetic methods, the bead movement is usually identified using video
microscopy, where a precise control of the force exerted, and a high frame rate are critical [82].
Using single particle tracking software, the positional precision of the bead motion detected can
be in the order of several nanometers [83]. Though the study of the response function and the shear
modulus for magnetic tweezers is comparable to optical tweezers, OMTC requires a model that
links the magnetic torque driven rotational movement to the stiffness of the cell. In this model the
attachment area between the cell membrane and the magnetic beads is a critical quantity which is
either estimated from literature or is approximated via finite element software [84]. Errors in the
attachment area will affect the absolute results, but not the relative comparisons. Magnetic

tweezers and OMTC have the benefit that they permit greater forces, and concurrent exertion of



forces on several beads, thus enhancing the potential uses and the throughput of the experiments

[85].

1.2.3 Atomic Force Microscopy (AFM)

Atomic Force Microscopy is the most frequently used tool for detecting local cell
mechanical properties [86] [1] [87]. A compliant cantilever with a sharp tip mounted at its end is
employed to indent the cell or object of concern [88] [89] [90]. AFM is also capable of doing raster
scanning of the sample to obtain a topographical map [91]. The deflection of the cantilever is
calculated using a laser that is reflected off the surface of the cantilever tip and shines onto photo-
detector [92]. AFM has nanometer resolution [93] and can operate in liquid conditions, which
makes it particularly suitable for detecting biological samples [94]. To measure the mechanical
properties of cells, the cantilever tip is typically spherical [95]. This enables the use of an analysis
model such as the Hertz [96] or the Sneddon [97] model which characterizes the force as a function
of indentation depth, using the mechanical properties of the substrate. These models are more
complicated compared to intracellular particles as the contact area increases while the cantilever
indents the cell [98]. With AFM, the microvilli on living mammalian cell surfaces can be
imaged [99], nanoscale structures on living bacterial cell surfaces can be revealed at single-
molecule level [100], and the dynamic movements of single molecules on cell membranes can be
documented by high-speed AFM [101]. To calculate the viscoelastic properties of the cells, a slow
methodology can be added to a well-defined fluctuation. Using lock-in amplifiers this was shown
to access the localized frequency dependent viscoelastic properties of living cells [102] [103].
Major benefits of the AFM are the wide range of available forces, mature commercial microscopes,

and a multitude of cantilever geometries [104]. Apart from topography imaging, AFM also



presents high-resolution images of cellular mechanical properties, hence functioning as a reliable
tool for contrasting mechanics with the shapes and roles of the sub-cellular organelles [105].
Conversely, AFM measurements usually investigate the cellular exterior and not intracellular
properties [106]. It is conceivable to deduce bulk properties with substantial indentation distances,
but analysis is more challenging. Furthermore, as cell chambers are open to permit cantilever entry,
specific attention for the proper environments of the cells such as pH, temperature and osmolarity
need to be ensured [107]. The use of AFM in sensing cell mechanics in the past years have spawned
significant developments in understanding cell phenotypes [108], contributing substantially to the
field of cell biology and medicine [42]. One disadvantage of AFM is the low throughput as only
one cantilever can operate on one sub-cellular region at a time, and therefore cannot achieve
parallel measurements. Detection of the active vertical traction forces of cardiomyocytes has been
reported. Cardiomyocytes obtained from subjects with dilated cardiomyopathy exhibited
decreased active vertical traction forces [109]. However, AFM is not able to detect horizontal
traction forces which cells exert. Therefore, there are no scientific literature reporting the use of

AFM to measure lateral cell traction forces.

1.3 Current Approaches For Cell Traction Force Measurements
1.3.1 Monolayer Tissue On Cantilevers

Coordinated responses of a group of cells can be studied by growing a continuous
monolayer of muscle cells as a monolayer on a mechanical cantilever [110], in which the averaged
force output of a group of cells can be read out from the curvature of the cantilever. In one such
example, a polymer-based cantilever is patterned with microgrooves so that the cardiomyocytes
can align to the cantilever in order to make a higher cantilever deflection in response to contraction

force of cardiomyocytes [111]. Another example is a variable-modulus sheet of vascular muscle



cells grown on a cantilever substrate that measures vascular tissue functional contractility on
substrates with a range of pathological and physiological moduli [112]. The limitation of this
method is the lack of mechanical interactions’ information between cells, subtypes of cells,

potential synergistic, or antagonistic force generating activities.

1.3.2 Conventional Cell Traction Force Platforms

Elastic micro-pillars utilize isolated mechanical pillar structures to simplify the process of
extracting traction forces. By treating a single elastic micro-pillar as a cantilever beam, Hooke’s
law can be used to convert the displacement of the pillar tip to the traction force exerted by the cell
[113]. Hooke’s law simply implies that the traction force exerted at the tip of the micro-pillar, is
directly proportional to the displacement at the pillar tip. The constant of proportionality is the
spring constant of the micro-pillar, which can be easily calculated from the young’s modulus of
the material and the geometry of the pillar using solid mechanics theory [114].

Waveguide-type micropillars require light illumination from the bottom of a PDMS
substrate [115]. The PDMS pillars function as waveguides because they have a higher refractive
index than the surrounding cell media. This allows the pillars to look brighter than the cell media
under the microscope. However, the background noise is high due to the transmission of light
through the transparent PDMS substrate [115]. This leads to a low signal-to-noise ratio. Moreover,
the waveguide pillars suffer from the leakage of light from the sidewalls of the pillars, when the
pillar displacement is large. This is because at large pillar displacements, the incident angle of light
inside the waveguide becomes smaller than the critical angle. This causes the bright spots to look
elongated under microscopy [116]. Both factors cause measurement errors and compromise the

accuracy of pillar position estimation under low magnification imaging.



As for fluorescent fibronectin coated pillars, the nature of contact printing makes it difficult
for the pillars to have a uniform coating of fluorescent fibronectin [117]. Thus, the fluorescent
images of the pillar tips do not fit the shape of the gaussian function. Moreover, the brightness of
fluorescence degrades over time, reducing the signal-to-noise ratio and hence the measurement
precision [118]. Consequently, high magnification lenses have to be used to improve the precision
of the pillars’ positions.

Fluorescent beads embedded in continuous polymer gels have also been used for
conventional cell traction stress microscopy. Through tracking nanoparticles embedded in an
elastic film, traction force distribution can be extracted through reverse engineering [119]. This
type of substrate has the advantage of allowing the growth of cell monolayers, because the
substrate is flat.

All the cell traction force microscopy methods mentioned above require the use of high
numerical aperture (N.A.) optics to accurately determine the tracer particle locations needed for
extracting the forces, and thus are inherently limited to measuring small numbers of cells. Through
mathematical curve fitting algorithms, sub-pixel position accuracy can be achieved [115]. One
method for determining the positions of the fluorescent tracers is to fit a 2-dimensional gaussian
function to the intensity profile of the fluorescent tracer [120] [121]. In order to achieve sufficient
precision of the gaussian fit, a sufficient number of pixels are required. The precision of the
gaussian fit also depends on the signal-to-noise ratio of the fluorescent signals. The larger the
signal-to-noise ratio, the less the number of pixels is required to achieve the same sub-pixel
precision of the gaussian fit. However, the signal-to-noise ratio of the fluorescent tracers is not
sufficiently high enough to use low N.A. and low magnification (20x) objective lenses for

sufficiently precise gaussian fitting for sub-cellular resolutions. Therefore, high N.A. optics



corresponding to high magnifications (> 40x) are required. The small field-of-view (FOV) of high
N.A. optics (< 0.018mm?) preserves the spatial resolution of traction force analysis. This however,
limits the measurement area to a small number of cells.

Attempts to use 10x magnification to achieve fields-of-view of approximately 0.56mm?
have resulted in the severe reduction of sub-cellular spatial resolution [122] [123] [124] [125]. It
IS interesting to note that in the literature which use 10x magnification [123] [124], there is
significant overlap in the interquartile range of traction force data between the control and
experimental groups, such that thousands of cells are required to prove statistical significance.
However, in the literature which use 40x magnification [8] [126] [42], only about 20 cells were
needed to prove the statistical difference between the control and experimental groups. Despite
using 10x magnification, these conventional TFM techniques are still unable to reach a field-of-

view into the order of centimeters squared, which is the length scale of tissues in human organs.

1.3.3 Fluorescently Labelled Elastomeric Contractible Surfaces (FLECS)

FLECS is an approach for high throughput single cell mechanics measurement [127].
However, its need of seeding isolated cells on tracer structures limits its application for quantifying
mechanical responses from interconnected tissues. The authors acknowledged that the differences
in traction stress distributions between osteocytes and adipocytes (obtained from hundreds of
thousands of cells) were less apparent than by using micro-post arrays with only a sample of 13 to
62 cells [128]. The authors additionally recognized that conventional cell traction force
microscopy methods should remain the standard for addressing specific biological questions

relating to sub-cellular force generation by small numbers of cells.

10



1.4 Motivation for Large Area Concurrent Measurements

The limitations of the abovementioned technologies present a challenge for studying
multicellular mechanical interactions and coordination, that often involve tens of thousands of
cells in a tissue form. Although existing high N.A. and large field of view technologies combining
multiphoton imaging have been demonstrated for high resolution imaging for monitoring neural
activities [129], the digital optical excitation and its serial scanning nature of these methods do not
offer needed spatial and temporal resolution for quantifying biomechanical responses involving
fast interactions between cells [130].

In the medical field of heart regeneration, cardiomyocytes in the body reside within
interconnected syncytial tissue [131]. Thus, there is a need to measure changes in the traction force
across large numbers of cardiomyocytes over a large area, while maintaining sub-cellular
resolution. In the field of cardiac drug discovery, sub-cellular resolution assays of contraction and
relaxation of not just single myocytes but a large area syncytium of myocytes [132] would be a
significant step forward as it would enable the testing of the effect of various genetic [133] [134]
and environmental [135] perturbations on the physiological function of myocytes. Attempts have
been made to measure the mechanical displacement [136], mechanical movement [137], and
mechanical strain [138] of cardiomyocytes over large fields-of-view exceeding. However, these
methods not only suffer from poor spatial resolution, but they are also not able to extract the
quantitative traction stresses or forces.

In order to quantify the effect that the behavior of distant cells within cardiomyocyte tissue
have on each other, the measurement field-of-view must span over distances of millimeters.
Engineered cardiac tissue spanning 0.5 mm x 0.2 mm have been studied [139], while the heart of

a mouse spans 10 mm x 4.2 mm [140]. A platform for measuring how the traction force of cells a
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distance of millimeters apart affect each other, would be valuable for pre-clinical trials in relation
to testing drugs or for testing the quality of stem cell derived cells for tissue regeneration. Such a
platform would also be important for studying the long range communication of cells in disease-
in-a-dish models. However, existing traction stress measurement platforms discussed above are
not only limited to fields-of-view of 0.56mm?2, but also suffer from poor sub-cellular resolution
when operated at 10x magnification. Consequently, their limited field-of-view does not permit the
tracking of dynamic changes in the traction stress as a single cardiac beat propagates across a large
cardiac tissue area, within the time-scale of milliseconds. Therefore, it is critical to have new
traction force measurement tools with a field-of-view as large as possible without compromising
the spatial resolution. In the following chapters, we present three different traction force
measurement tools that offer larger fields-of-view concurrent measurements over compared to the

prior technologies discussed above.
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Chapter 2 Gold Disks Micro-Pillar Platform

2.1 Introduction

This chapter is to introduce a new gold disk micro-pillar (GDMP) platform that can provide
continuous imaging over an area of 0.60mm? with a measurement precision of 75 nm using a 10x
magnification objective lens. On this platform, gold micro-mirrors were mounted to the tips of the
PDMS pillars as shown in Fig. 2.1. Because gold is highly reflective, light is scattered by the
circular edge of the micro-mirror. The symmetric ring of the micro-mirror provides a gaussian
image under dark field microscopy. The strong scattering signals allow to clearly image the micro-
mirrors with a 10x objective lens that can greatly increases the measurement field of view over
prior platforms which require at least 40x magnification. The strong scattering signals also reduce
the exposure time needed for collecting enough photons during the measurement of rapidly

changing dynamic behaviors.

10x
Objective

Lens

(Dark Field)
cell
I 1
PDMS
Au

Fig. 2.1. Schematics of a GDMP platform. The tips of PDMS micropillars are imaged under dark

field microscopy. scatter light by the circular edge of gold micro-mirrors. The symmetric and
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circular rings of the gold disks mounted on pillars provide strong scattering signals for imaging

under a low N.A. optics setup.

2.2 Methods

2.2.1 Fabrication

The method of fabrication was modified from that of Xiao, Fan et al [141]. Firstly, a silicon
wafer was thermally oxidized to produce thermal oxide layers as shown in Fig. 2.2(a). The
photoresist AZ5214E was patterned on top of the top oxide layer as shown in Fig. 2.2(b). The
photoresist was used as an etching mask to etch the top oxide layer. The top oxide layer was etched
using reactive ion etching (RIE) to produce the oxide hard mask as shown in Fig. 2.2(c). This oxide
layer was used as a hard etching mask to perform deep reactive ion etching (DRIE) on the silicon
material. The oxide layers were then removed by selective wet etching using hydrofluoric acid to
produce the silicon mold shown in Fig. 2.2(d). Deposition of silane was done on the silicon mold
by placing both the silicon mold and liquid silane in the same chamber. The chamber was vacuumed
and then left sealed overnight. The reduced pressure in the chamber caused the silane to vaporize.
This allowed the silane vapor to deposit onto the silicon mold. Uncured PDMS (Sylgard 184) was
then poured onto the silane treated silicon mold. The uncured PDMS was placed in a chamber and
vacuumed to remove the air bubbles. The PDMS was cured in an oven at 60°C overnight to form
the PDMS mold shown in Fig. 2.2(e). Thereafter, the PDMS mold was separated from the silicon

mold.
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- — —

Fig. 2.2. Fabrication process flow for the gold disk micro-pillars (GDMP) platform. Starting from
a thermally oxidized wafer (a), the oxide hard mask was patterned (b) and etched (c). The silicon
mold (d) is used to make a PDMS mold (e). The PDMS mold was treated with silane (f) before
having a multi-stack layer of SiO./Au/Ti/SiO, deposited into it (g). Polyimide tape was used to
remove the top surface layers (h). PDMS was then added (i) before separating the pillars from the

mold (j) to get the final device.

As shown in Fig. 2.2(f), silane was deposited onto the PDMS mold as per the method
described above. A multi-stack layer of SiO2/Au/Ti/SiO> was then deposited via electron beam

evaporation, onto the silane treated PDMS mold, as shown in Fig. 2.2(g). The multi-stack layers
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at the top surface of the PDMS mold were removed using polyimide tape, to leave the layers only
inside the wells as shown in Fig. 2.2(h). Uncured PDMS mixed with platinum catalyst was poured
into the PDMS mold as shown in Fig. 2.2(i). After vacuuming out the air bubbles, the PDMS was
left to cure at room temperature. The SiO> layer automatically adheres to the PDMS pillar layer
during the curing process. After 6 hours, the PDMS was cured by the platinum catalyst.

The entire device was then submerged in methanol. A tweezer was pushed in between the
PDMS pillar layer and the PDMS mold layer to separate the two layers. Due to the poor adhesion
between SiO2 and Au, the two layers separated easily when the pillars were removed from mold.
This resulted in the Au/Ti/SiO; stack layer being attached to the tip of the PDMS pillars as shown
in Fig. 2.2(j). The PDMS pillars were then exposed to ultrasound while still being immersed in
methanol, in order to shake those pillars which have fallen down. This helped to ensure that the
pillars stood upright.

The PDMS pillars were then dried in a super-critical point dryer (Tousimis 915B). The
pillars were treated with oxygen plasma to introduce hydroxyl groups onto the PDMS surface. The
pillars were then immersed into Pluronic F127 in order to passivate the PDMS sidewalls. The
pillars were then immersed in 2-mercaptoethanol to form an adhesion layer between the gold and
fibronectin protein. Finally, the pillars were immersed in fibronectin to facilitate cell adhesion to

the gold disks.

2.2.2 Cell seeding
We used both Henrietta Lacks cervical cancer (HelLa) cells and pancreatic ductal
adenocarcinoma (PANC-1) cells to test our micro-pillar platform. The cells were suspended in

Dulbecco's Modified Eagle's medium (DMEM) in a petri dish. The glass slide containing the gold
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disk micro-pillars was immersed into the cell media containing the cells, inside the petri dish. The
entire petri dish was then placed into an incubator at 37°C for 20 hours. This allowed the cells to
fall downwards in the DMEM and thus to adhere to the fibronectin coated pillars. The cell
membrane forms focal adhesions by binding their integrins to fibronectin. This allows the cell
membrane to adhere to the fibronectin-coated pillars. The cells were then stained for fluorescence
using Wheat Germ Agglutinin (WGA), Alexa Fluor 488 conjugate. The cells were then observed

under a microscope.

2.3 Results

Under 10x magnification, the field-of-view of 894um x 670um is obtained as shown in
Fig. 2.3. Under 20x magnification, the field-of-view is 447um x 335um, as shown in Fig. 2.4.
With the strong scattering signals induced by single gold disks on top of the pillars, the difference
between the intensities of the gold disks and the background is large, which gives a high signal-

to-noise ratio that can increase the curve fitting accuracy for determining the pillar location.

Fig. 2.3. (a) The entire view of the gold disk array seen under dark field imaging using a 10x

magnification objective lens. (b) A digitally zoomed-in image showing the gold disks.

17



Fig. 2.4. (a) The entire view of the gold disk array seen under dark field imaging using a 20x

magnification objective lens. (b) A digitally zoomed-in image showing the gold disks.

To quantify the measurement precision of the pillar positions on the GDMP platform, we
used the same method as F. Xiao et al [141] by super positioning two images of the same group
of pillars, one image as a reference and the other image from a rotated chip, to extract the
measurement error from our optical system. The positions of these gold disks were determined via
gaussian fitting, and their positions from both images were aligned. Due to systematic errors
present in the imaging acquisition process, the locations of the bright spots from both images will
have a finite misalignment. The difference of the pillar positions was taken as the measurement
error. Under 10x magnification, the median error was 75nm (Fig. 2.5(a)). Under 20x

magnification, the median error was 27nm (Fig. 2.5(b)).
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Fig. 2.5. Histograms showing the errors in the position of the pillars. (a) Errors obtained under 10x

magnification. (b) Errors obtained under 20x magnification.

In order to convert the displacement of the pillar tips into the traction force, we used the
equation for a long cylindrical-shaped micropillar from F. Xiao et al [141]. The micropillar has a
diameter of 1.7um, a height of 5.8um, and a Young’s modulus of 2.0MPa. We measured the
Young’s modulus of the bulk PDMS using the uniaxial compression test according to Wang et al
[142]. The height of the pillars depends on the thickness of the Au/Ti/SiO; stack and the depth of
the silicon mold. The depth of the silicon mold was measured using a Scanning Electron

Microscope (SEM).

In order to demonstrate that GDMP is able to measure cell traction forces, we seeded
Henrietta Lacks (HeLa) cells and pancreatic ductal adenocarcinoma (PANC-1) cells on the
platform and imaged them under dark field microscopy. The area shown in Fig. 2.6(a) spans
670pm x 670um, which measures the traction forces of hundreds of cells within a single image,
using a 10x objective lens. We found that HeLa cells mainly exert radially inward traction forces
from the circumferences of the cells, as shown in Fig. 2.6(b). The directions of the arrows depict

the direction of the force exerted by the cell on the pillar, while the arrow’s length is proportional
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to the magnitude of the traction force. The color of the vector arrows also represents the magnitude
of the traction forces. Cell traction forces of pancreatic ductal adenocarcinoma (PANC-1) cells
measured under a 20x objective lens are also shown in Fig. 2.7. We observed that the PANC-1

cells mainly exert radially outward forces.

Force (nN)
108

Fig. 2.6. (a) Colored vector arrows representing the traction forces of HeLa cells, superimposed on

the 10x magnification fluorescent image of the cells. (b) Zoomed-in image showing individual cells.
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Fig. 2.7. (a) Colored vector arrows representing the traction forces of PANC-1 cells, superimposed
on the 20x magnification fluorescent image of the cells. (b) Zoomed-in image showing an

individual cell.
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2.4 Conclusion

We have shown that by fixing gold disks on top of PDMS micro-pillar tips, the positions
of the pillars can be measured down to a measurement precision of 75nm even when using a low
magnification 10x objective lens for imaging. This is because the gold disks provide a high signal-
to-noise ratio for precise gaussian fitting. We have proven that our platform is able to measure
cellular traction forces over a large area under 10x magnification without sacrificing the sub-
cellular precision of the pillar displacements. A maximum field-of-view achieved by the GDMP
approach was 0.60 mm?. This platform permits the study of cell mechanics by gathering data from
a large number of cells within a single image. However, this platform does not support the growth
or maintenance of continuous cell sheets, as there are gaps between the micro-pillars which
adherent cells do not like. The gaps between the micro-pillars make it difficult for adherent cells
to connect with each other. In the next chapter, we demonstrate an improved platform which
combines the high signal-to-noise ratio of gold and the ability to support continuous cell and tissue

sheets.
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Chapter 3 Gold nanoparticles embedded in PDMS

3.1 Introduction

This chapter is to introduce a new traction force measurement platform with gold
nanoparticles embedded near the surface of a continuous PDMS film. Under dark field imaging,
the strong scattering signals of these 400nm gold nanoparticles allow us to precisely locate their
positions under a low magnification 20x objective lens. A new Fourier transform assisted machine
learning approach is utilized to extract the traction force distribution applied on the film based on
the coupled gold nanoparticle displacements. With this platform, we can measure the traction stress
distribution produced by a continuous cell sheet of neonatal rat ventricular cardiomyocytes

(NRVMs) beating over an area of 0.15mm? with sub-cellular resolution using a 20x objective lens.

3.2 Methods
3.2.1 Fabrication

The bio-sensor devices were fabricated by first spin coating a layer of photoresist (AZ
4620, 2500rpm, 60s) onto a glass slide, and baking it at 90 Celsius for 3 minutes. Then, gold
nanoparticles of diameter 400nm suspended in citrate buffer (Sigma-Alrich 742090) were
randomly deposited onto the photoresist and left to dry in a vacuum desiccator (Thermo
Scientific™ 53100250) overnight, as illustrated in Figure 3.1(a). A mixture of
polydimethylsiloxane (PDMS) comprising 1 part of Sylgard 184 (Dow Corning) with 6 parts of
Sylgard 527 (Dow Corning) was then poured onto the surface of dried gold nanoparticles. The
Sylgard mixture was put under vacuum (500mTorr) to remove the air bubbles before a coverslip

glass was put on top of it, as shown in Figure 3.1(b). The devices were then left to cure in the oven
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at 60 Celsius for 12 hours. Thereafter, the devices were released by immersing them into acetone

overnight to dissolve the photoresist. This reveals the final structure shown in Figure 3.1(c).

s Photoresist (AZ 5214E)  (a)

POMS polymer I

Glass
Gold nanoparticle

(b) (c)

Fig. 3.1. Fabrication of gold nanoparticles in PDMS. (a) Photoresist was spin coated and baked on
glass. Then gold nanoparticles suspended in water were deposited and dried overnight. (b) Uncured
PDMS polymer was poured over the gold nanoparticles and capped with a glass coverslip, then
left to cure overnight. (c) Photoresist was dissolved by immersion in acetone overnight to release

the final device.
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3.2.2 Cell seeding

Matrigel (at concentration of 83ug/mL) was then coated for 12 hours on the surface of the
PDMS device. On day 1, neonatal rat ventricular cardiomyocytes (NRVMs) were seeded on the
device. On day 3, the cells were stained with Calcein AM (Invitrogen™), before they were imaged
under dark field and fluorescence microscopy (Zeiss AxioScope Al, EC Epiplan-Neofluar, 20x,

N.A. =0.5), as shown in Figure 3.2(a).

(a)

m Continuous
cell sheet

\— Matrigel
1 mm
\ Gold nanoparticle
150 umI \ PDMS polymer
1 mm Glass

20x
Objective,
N.A.=0.5

Fig. 3.2. (a) Schematic showing the experimental setup. (b) A dark field image frame spanning

447um x 335um, taken by a 20x objective lens. (¢) A zoom-in area spanning 21um by 17um.
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The gold nanoparticles were also imaged under dark field microscopy, as shown in Figures
3.2.2 (b)(c). The gold nanoparticles moved when the cells were beating, due to the mechanical
coupling between the cells and the substrate. The displacement of the gold nanoparticles was
obtained from the dark field images through the gaussian fitting method used by F. Xiao et al

[141].

3.2.3 A machine learning approach to extract traction forces distribution

Before the images obtained from microscopy could be processed, the numerical model
needed to be built. The numerical model was built by first generating 2000 different scenarios of
random continuous stress distributions in COMSOL Multiphysics (finite element software) by
using 2-dimensional random functions. Random stress distributions were generated from a 2-
dimensional Fourier series, using random numbers for the amplitude and phase terms, according

to equation 1.

n m
Stress(x,y) = Z Z A cos[w(mx + ny) + ¢] (eqn 1)
-n —-m
T
where w = o= 2nf
A=1mm

Apnnand ¢ are random numbers

An example of the stress distribution is shown in Figure 3.3(a). The stress distributions

were applied as boundary loads on the top surface of the PDMS device in COMSOL.
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Fig. 3.3. Examples of training data used for machine learning. (a) Randomly generated stress

distribution. (b) Corresponding displacement fields solved by COMSOL software.

A total of 2000 different random stress distributions were imported into the COMSOL
mechanics simulation. Stationary studies were done in COMSOL to solve for the equilibrium
displacement of the PDMS surface. One example of the displacement of the PDMS surface is
shown in Figure 3.3(b). Thereafter, 2000 different scenarios of stresses and displacements were

used to train the linear regression machine learning model (scikit-learn).

3.3 Results

Under 20x magnification, the field-of-view is 447um x 335um, as shown in Fig. 3.2(b).
To reduce computational time, an area spanning 200um x 200um was selected from the video
taken by the microscope. Two image frames were used to calculate the displacement of the gold
nanoparticles. The reference frame was chosen as the frame in which the cells were not beating.
The peak frame was chosen as the frame in which the cells and gold nanoparticles had the largest
displacement. The displacement was taken to be the difference in the positions of the gold

nanoparticles between the peak frame and the reference frame.
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Fig. 3.4. (a) Experimentally extracted displacements of the gold nanoparticles. (b) Interpolated

displacements.

Fig. 3.4(a) shows the displacement of each of the gold nanoparticles. The displacements in
Fig. 3.4(a) were then interpolated and a two-dimensional Fourier transform filter was applied to
process the interpolated data to eliminate the noisy components at high spatial frequencies. The
resulting interpolated displacements after Fourier filtering are shown in Fig. 3.4(b). The
displacements from Fig. 3.4(b) were then input into the machine learning model. The machine
learning model then outputted the stress distributions as shown in Fig. 3.5(a). The predicted stress
distributions were then inputted back to the COMSOL software to find the corresponding
simulated displacements in Fig. 3.5(b). These simulated displacements were compared with the
experimentally obtained and interpolated displacements (Fig. 3.4(b)) to find the fractional error

using the expression:

u

su sz,y(us(x,y)—ua(x,y))z+zx,y(vs(x,y)—va(x.y))2 (eqn 3.3.1)

- Ty (e (612 + Ty (Ve (17))2
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where u(x, y) and vs(x, y) are the x and y vector components of the simulated displacement from
COMSOL in Figure 3.5(b), while u,(x,y) and v, (x, y) are the x and y vector components of the
interpolated displacement in Fig. 3.4(b). Note that the displacements are functions over space (X,y).

A prediction error of 14% is obtained by our current approach.
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Fig. 3.5. (a) Stresses predicted by the machine learning model. (b) Simulated displacements from

COMSOL software after using the predicted stresses as the boundary load.

3.4 Conclusion

We have demonstrated a new machine learning assisted large area traction force
measurement platform. By utilizing the physical simulation and machine learning models, we can
extract the vector force distribution with an error of 14%. While this platform is able to support
quantitative measurement of a continuous cell sheet at either 20x or 10x magnification, the

maximum possible field-of-view is still limited to 0.60 mm?, which is insufficient for studying the
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long range communication of cells in a tissue sheet. In the next chapter, we explore a platform

capable of expanding the field-of-view to 4.8 mm by 2.7 mm.
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Chapter 4 Diffractive Optical Tracers (DOTYS)

4.1 Introduction

Here, we present our Diffractive Optical Tracers (DOTS) platform utilizing the colors of
digital pixels of an image sensor to enable real-time measurement of dynamic traction forces over
a large field-of-view (4.8 mm by 2.7 mm) with a sub-cellular spatial resolution. This platform
consists of an array of diffraction grating disks bonded onto a PDMS surface. When cells exert
traction forces on the substrate, these disks tilt and reflect different colors of light into the camera

lens.

Sio,

: Cell \
Gratin \
g _X A

LED slit

Camera

Fig. 4.1. Device operation and principle of DOTS

The relationship between the colors of light reflected by mirrors and the corresponding
tilting angles can be calibrated. This dynamic tilting angle information can in turn allow us to
reconstruct dynamic traction force distribution exerted by the sheet of cells on the surface. The

camera lens was set at an angle (a) to collect the 2nd order diffraction dispersion caused by these
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grating mirrors. A small numerical aperture (N.A.) camera lens was used to ensure only light rays
within a small angle range (A6) from each mirror will be collected for imaging. The angle by which
the 1st and 2nd order diffraction maxima are directed, is approximately inversely proportional to
the periodicity of the diffraction grating. We choose to use the 2nd order diffraction maxima
because it can detect a wider range of tilting angles over a larger area for the same change in color,
as compared to the 1st order. The 2nd order provides a wider range of tilting angles while the 1st
order provides higher sensitivity. To achieve 2-dimensional measurement of the tilting angles &
hence traction stress, the 2 LED slits are placed perpendicularly to each other, and switched
alternately on and off using an electronic circuit.

We seeded neonatal rat ventricular myocytes (NRVMs) on the DOTS device. The
myocytes beat spontaneously and exert dynamic traction stresses on the surface of the device. This
caused the grating disks to tilt, thereby producing color changes as seen from the camera. Here we
show the entire field of view imaged by the camera. We selected one video frame with the x-
direction light source switched on (Fig. 4.2), and show the different colors resulting from the
different tilting angles of grating disks. As seen in the left inset of Fig. 4.2, the disks appear with
different colors due to having different tilting angles. The red disk in the right inset of Fig. 4.2
corresponds to a tilting angle of -4 degrees, the center disk is at O degrees, and the right cyan-

colored disk corresponds to +4 degrees.
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Fig. 4.2. One video frame of the DOTS platform. The field-of-view is 4.8mm by 2.7mm. (inset,
bottom left) Zoomed in area of the DOTS device showing individual diffraction grating mirrors.
(inset, bottom right) Different colors of the grating mirrors due to different tilting angles induced

by the cells. Scale bars: (top left, 1.2 mm) (bottom right, 52 um) (bottom right, 10 pm)

The zoomed in image show that the grating disks are distinctly separated from their

neighbors with no overlap of light colors between disks. This ensures that there is negligible cross-

talks between disks in the spatial domain.
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4.2 Methods
4.2.1 Color to Tilt

In order to quantitatively extract out the color from the pixels of the camera, we need to
assign a numerical index to the color, which is known as the hue. The hue, saturation, and value
color space is widely used in the image editing industry. The hue can be calculated from the red,
green and blue color space. Digital color cameras mainly work by having Bayer tile filters on the
sensors of the camera. The most commonly used color filters correspond to the red, green, and

blue primary colors respectively. Thus, each pixel can only detect one of the 3 primary colors.

A

Intensity
o

v
=

Fig. 4.3. Bayer tile pixels of the camera

Since the color sensors in most cameras are spatially offset from each other, the pixel

intensity varies with the spatial location of the pixel (Fig. 4.3). This presents us with a dilemma:
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Which pixel’s intensity can we use to represent the true color intensity of the diffraction grating
disk? In order to know the true color intensity of the center of each mirror disk, gaussian fitting
was performed for each of the three-color tiles shown in Fig. 4.3. Gaussian fitting was used to
determine the amplitude intensity of each of the red, green, and blue colors. Because the amplitude
is not tied to any individual pixel, it is a good representation of the intensity of each of the RGB
colors. Thus, three different amplitudes of the 2D gaussian were obtained, corresponding to each
of the three primary colors. These three colored amplitudes were then converted to the hue,
saturation and brightness color space using the standard MATLAB function.

To calibrate the relationship between the color and tilting angle of the device, we need a
calibration tool to physically tilt a single diffraction grating disk in the center of the device. This
is accomplished through the use of 2 tilting stages (goniometers), one in the x direction and one in

the y direction. The device was placed into the sample holder and imaged through a camera lens.

Translation stage
(x-direction)

Translation stage
(y-direction)

Tilting goniometer
stage (y-direction)

Tilting goniometer
stage (x-direction)

—— Device holder

LED slit

Camera lens

Fig. 4.4. Optics setup for imaging the DOTS device
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The full optical setup for imaging the DOTS device comprises light emitting diodes (LEDS)
(Citizen CLU550-3626C1), Canon MP-E 65mm f/2.8 1-5x Macro Photo lens set at 4x
magnification, Chronos 2.1 HD high speed camera (Krontech), goniometers (GNL20, Thorlabs),
and the integration of 3D printed plastic and metal parts as shown Fig. 4.4. The tilting goniometer
stages were used for calibration of the color and tilt angles.

The goniometer was used to rotate the calibration DOTS device between angles of -4 to +4
degrees. To perform the calibration, the goniometer was tilted to a chosen angle. The light source
illuminating in the y-direction was switched on while the light source in the x-direction was
switched off. The camera & lens was then adjusted up and down to focus onto the geometrical
center of the DOTS calibration device. The calibration image was then taken by the camera. A
single grating disk in the center of the device was horizontally moved across the entire field of
view, and imaged at different x & y spatial positions. Two micrometer translation stages (Fig. 4.4)
were used to move the DOTS calibration device horizontally in the x and y directions while
keeping its vertical position fixed at the focal plane. By moving the DOTS calibration horizontally,
the calibration images were taken for different positions within the field-of-view of the camera.
Nine different horizontal positions were imaged for each tilting angle, to form the dataset for

calibration (Fig. 4.6(9)).
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Fig. 4.5. Operation of tilting stage (goniometer)

Since the DOTS device is tilted due to the goniometer, only its geometrical center lies on
the focal plane of the camera lens. Because the device was placed at a radial distance away from
the tilting stage, when the stage is tilted, the center of the device denoted by the red circle in Fig.
4.5, remains at the same focal distance away from the camera lens. Even when the device is moved
horizontally, the focal distance from the red circle Fig. 4.5 does not change. Therefore, by imaging
only the same single grating disk in the center of the device denoted by the red circle Fig. 4.5, we
were able to ensure that the focal plane does not change. Thus, this does not change any of the
optics, except for the tilting angle of the disk which we are imaging.

The images from the calibration experiment were then computationally processed to extract
the x & y coordinates and the hue value of the grating disks which were in focus at the focal plane.
The equation of a hyper surface was fitted to the data points using the B-spline regression machine
learning model (PyEarth). We consider the results of the calibration when the single disk is at the
top left corner of the field of view, shown in Fig. 4.6(a)(b). The horizontal axis is the hue in the x-

direction, while the vertical axis is the hue in the y direction. The color represents the tilting angle
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of the disk. When the tilting angle in the x-direction changes from -3 degrees to +3 degrees, the
hue changes from 0.2 to 0.4 as seen in Fig. 4.6(a). Similarly, when the tilting angle in the y-
direction changes from -3 degrees to +4 degrees, the hue for the y-direction changes from 0.2 to
0.4 as seen in Fig. 4.6(b). The calibration relationship between the hue and tilting angles for
positions at the center (Fig. 4.6(c)(d)) and at the bottom right (Fig. 4.6(e)(f)) of the field of view
are also shown in Fig. 4.6(c)~(f). The gradient of the fitted background curve is different depending
on which spatial position of the disk we are looking at. Since there are 6 variables here: the x & y
spatial position, the 2-dimensional hue, and the 2-dimensional tilting angles, a machine learning
approach was employed to fit these multi-dimensional background curves to the experimental data.

The curving fitting error is plotted as a histogram in Fig. 4.6(h). The mean error is 0.22 degrees.
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Fig. 4.6. Calibration of hue and tilt angle. (a)(b) Relationship between 2D hue and the tilting angles
for the top left spatial position of the field-of-view. (c)(d) Relationship for the center spatial
position of the field-of-view. (e)(f) Relationship for the bottom right spatial position. (g) Different
spatial positions within the field-of-view for which data was taken. (h) Curve fitting error of the

calibration data.
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4.2.2 Fabrication

The DOTS devices were fabricated by starting with a silicon wafer with a 1.5 um thermal
dioxide layer. A 2D grating structure was then patterned onto the thermal dioxide layer using
photolithography and dry etching (Fig. 4.7(a)). The thermal dioxide was then patterned and etched
into isolated disks with a diameter of 10 um (Fig. 4.7(b)). The photoresist used in the prior etching
was kept as an etching mask for isotropic reactive ion etching of silicon (Fig. 4.7(c)). The
photoresist was then removed using oxygen plasma. A composite metal layer consisting of 10nm
Titanium, 100nm Aluminum, 10nm Titanium, and 100nm silicon dioxide was sequentially
deposited on the oxide disks using electron beam evaporation (CHA Mark V) (Fig. 4.7(d)). The
rigid disks on silicon, and the PDMS substrate were exposed to oxygen plasma (500 mTorr, 75
Watts, 30 seconds, Technics RIE) before being mechanically bonded to each other (Fig. 4.7(e)).
The bonded structure was placed into a beaker containing 55% acetone and 45% water. The beaker
was then placed into an ultrasonic water bath to break the silicon neck at the interface between the
oxide disks and silicon anchors (Fig. 4.7(e)), leaving the oxide grating disks (with metal) bonded
on the PDMS substrate (Fig. 4.7(f)). The PDMS was then isotopically dry etched for 7mins
(Oxford RIE), leaving a mushroom-like shape under the oxide grating disks (Fig. 4.7(g)). Fig. 4.8

shows the SEM image of the cross-section of a oxide disk on the DOTS platform.
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Fig. 4.7. Fabrication process flow of the DOTS device
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Fig. 4.8. Sidewall profile of a single DOTS micro-mirror after PDMS etching, taken by a scanning

electron microscope.

4.2.3 PDMS Mechanical Properties Characterization

PDMS cylinders of diameter 25mm and height 17.74mm were made from mixing 6 parts
of Sylgard 527 with 1 part of Sylgard 184 by mass. The PDMS liquid was poured into 3D printed
plastic molds, and left to cure in the oven for 48 hours at 60 Celsius. The resulting PDMS cylinders
were then subjected to uniaxial compression using the Instron 5960 machine (Fig. 4.9(a)). The
stress-strain curves were then obtained from the Instron software which controlled the machine
(Fig. 4.9(b)). We fitted a linear line to the region of the curve with strain less than 0.1 (Fig. 4.9(c)),
in order to ensure that the young’s modulus extracted from the gradient falls within the linear

regime. The young’s modulus measured was 197 kPa.
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Fig. 4.9. Measurement of the Young’s modulus of PDMS. (a) Uniaxial compression by Instron
5960 machine. (b) Stress strain curves of different PDMS samples. (¢) Young’s modulus of

different PDMS samples.

4.2.4 Extraction of Traction Stress Distribution

In order to extract the traction stresses from the measured tilting angle information on
DOTS, we apply a machine learning model to predict the traction stress distribution from the tilting
angles of the disk array as illustrated in Fig. 4.10. This machine learning model requires training
data in the form of random traction stresses generated by a Fourier series, and tilting angles

calculated by the COMSOL mechanics simulation. The COMSOL mechanics simulation requires
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the information of the device geometry (see Chapter 4.2.3 above), as well as the Young’s modulus

of the materials including PDMS.

Machine
Random Traction Stresses from Fourier series Learning Model
1 q .\(—\\QQO”/,
. . Tilting AP
COMSOL mechanics simulation ) —
Angles @
A ’/’ Q
Device geometry Tilting Angles
(from Scanning (from
Electron Microscope) experiment)
Young’s Modulus Predicted
(material property) Traction
Stresses

Fig. 4.10. Data process flow of training and prediction using machine learning.

Since the grating disks are mounted on a continuous PDMS film, there exists mechanical

coupling between neighboring disks when traction forces are applied. To extract the traction force

distribution information from the measured tilting angles of disks on DOTS, we used COMSOL

to generate training data to train a linear regression machine learning model (scikit-learn). Random

stress distributions were generated from a 2-dimensional Fourier series, using random numbers for

the amplitude and phase terms, according to equation 2.
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n m
Stress(x,y) = z z A cos[w(mx + ny) + ¢] (eqn 2)
-n —-m
s
where w = il 2nf
A=1.8mm

A and ¢ are random numbers

A total of 2000 different random stress distributions were imported into the COMSOL
mechanics simulation to calculate the corresponding tilting angles of a 5 x 5 array of disks in the
DOTS platform. One example random stress distribution is shown in Fig. 4.11(a). This stress
distribution causes vertical displacement of the 5 x 5 disk array shown in Fig. 4.11(b). The tilting
angles were calculated from the vertical displacements using simple trigonometry. A total of 2000
pairs of random stress distributions and tilting angle arrays were generated from COMSOL, and

were used to train the linear regression machine learning model (sci-kit learn).
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Fig. 4.11. Training data for machine learning. (a) One example of random stress distribution. (b)

Corresponding vertical displacements of the disks array solved by COMSOL.
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As the machine learning package could only take in data in the format of rows and columns,
there was a need to transform the 2D spatially varying stress and tilting angle distributions into the
format of columns. If we look at a small area in the spatially varying traction stress plot, the small

area can be divided into a grid, with many grid points, as shown in Fig. 4.12.
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Fig. 4.12. Division of spatial areas into grid points

Every point in the grid can be mapped to 2 columns in the data table, with the 1st column
representing the x component of the stress (S,,), the 2nd column representing the y component of
the stress (S,,,) as shown in Fig. 4.13. Therefore, every grid point is being mapped to 2 columns

in the data table. The same mapping from grid points to columns was done for the spatially varying

tilting angles.
Traction Stress (kPa) Tilt Angles (deg)
le Syl sz Syz Sx... Sy... Bxl gyl sz 6y2 Bx... gy...

Instances (scenarios)

Fig. 4.13. Data table for import into machine learning model
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The 2000 rows in the data table correspond to the 2000 different scenarios of random
stresses and tilting angles used to train the machine learning model. The trained machine learning
model can be used to predict stress distribution from tilting angles obtained from experiments. ,

The field of view of the DOTS platform spans over 13 mm?. However, the COMSOL
mechanics simulation used to generate the training data only spanned an area 130 x 130 pm?.

Therefore, we have to use a stepping method to step an area of 5 x 5 disks over the entire field of

view.
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Fig. 4.14. Splitting of a large area from the field-of-view into smaller areas each spanning 130um

by 130um.

We used 25 tilting disks bounded by the red dotted box in Fig. 4.14 to predict the traction
stress in the center area bounded by the small red box. By moving the red dotted box to the position
of the green dotted box, another 25 disks are used to predict the traction stress in the center area

bounded by the small green box. Therefore, by stepping the dotted boxes over the entire field of
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view, the full traction stress distribution over the entire simulated area spanning 494um by 494pum

is reconstructed. The traction force distribution missing between boxes are filled by interpolation.

4.2.5 Validation of the machine learning approach with known stress distribution

In order to know if this machine learning model can predict accurate traction stress
distribution, we test the model with a known experimental stress distribution adapted from the
prior work published by Zeinab et al [143]. The known stress distribution were imported into the
COMSOL mechanics simulation to solve for the simulated tilting angles as illustrated in Fig. 4.15.
The tilting angles are then fed into the machine learning model to predict the traction stresses. If
the machine learning model is reliable, the predicted stress distribution is expected to match the

known experimental stress distribution.

Experimental
Stresses
(literature)

Machine

Learning
Prediction

Tilting Angles
(simulated)

Fig. 4.15. Data process flow for validating the machine learning model with a known stress

distribution
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The known experimental stresses adapted from Zeinab et al [143] are shown in Fig. 4.16(a).

The traction stresses predicted by the machine learning model is shown in Fig. 4.16(b).
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Fig. 4.16. Traction stresses used to validate the machine learning model. (a) True known
experimental stresses adapted from Zeinab et al [143]. (b) Stresses predicted by the machine

learning model.

It is observed that the sub-cellular resolution of the traction stresses (Fig. 4.16(b)) is
preserved in the predicted stresses, while some regions inside the cells are not perfectly replicated.
In fact, the predicted stresses show some smoothing of the stress features. This can be explained
by the fact that a limited number of Fourier terms were used in the simulated data (Fig. 4.11) used
for training the machine learning model. Therefore, some high spatial frequency terms were lost
in the predicted stresses. Statistical errors were calculated by taking the difference in the vector
components of the known (Fig. 4.16(a)) and predicted stresses (Fig. 4.16(b)), and plotted as a
histogram in Fig. 4.17. The mean error is 538 Pa while the median error is 400 Pa. The median

error expressed as a percentage of the maximum traction stress is 9.8%.
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Fig. 4.17. Errors calculated by taking the vector differences between the known and predicted

stresses.
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4.3 Results & Discussion
4.3.1 Traction stress

To visualize the peak traction stresses of a continuous sheet of rat cardiomyocytes, four
video frames were chosen. Two of the chosen video frames, which we call the background frames,
corresponded to the x and y tilting angles of the point in time when the cardiomyocytes were not
beating. The other two video frames, which we call the beating frames, correspond to the x and y
tilting angles of the point in the time when the cardiomyocytes were at the peak of the cardiac beat.
The background video frames were subtracted from the beating video frames to obtain the
instantaneous dynamic traction stresses of the cardiac beat. For efficiency in computational
processing, the entire field-of-view of 13mm?2 was split into many small areas, each spanning
130um x 130um. The 2-dimensional tilting angles extracted from experiment were then fed into
the machine learning model, which then predicted the corresponding peak traction stress

distribution over the entire field-of-view shown in Fig. 4.18.
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Fig. 4.18. Traction Stresses predicted by machine learning model. (a) Entire field-of-view
spanning 4.8mm x 2.7mm. Scale bar: 1.2 mm. (b) Traction stresses of zoomed in area. Scale bar:

125 pm.
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The stresses in this small box on the left of Fig. 4.18 are zoomed in and plotted on the right
figure. As the cells are tightly packed in a continuous tissue sheet, the individual cells cannot be

distinguished from each other in this traction stress plot.

In order to know whether these predicted traction stresses are accurate, we import the
predicted stresses back into the COMSOL mechanics simulation, to solve for the validated tilting
angles (Fig. 4.19). If the predicted stresses are correct, the validated tilting angles should match

the experimental tilting angles.

Experimental
Tilt Angles

COMSOL
Mechanics
Simulation

Predicted
Stresses

Fig. 4.19. Data process flow for validation of machine learning model from known tilting angles

In order to quantify the errors of the prediction, the predicted stresses in Fig. 4.18 were
split into many small regions each spanning 130um x 130um, corresponding to an area of 5 x 5
array of disks. A random sample of the multitude of small regions were imported into COMSOL,
and the corresponding tilting angles of the grating disks were then solved. The corresponding
validated tilting angles from the COMSOL mechanics simulation are shown in Fig. 4.20(b). The

validated tilt angles Fig. 4.20(b) were then compared to the actual tilt angles obtained from
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experiment (Fig. 4.20(a)). The two plots match well, proving that the machine learning model is

reliable.
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Fig. 4.20. Tilting angles of a chosen 5x5 array of micro-mirror disks. (a) Tilting angles from

experiment. (b) Validated tilting angles from COMSOL simulation of predicted stresses.

Since the tilting angles from an array of 5 x 5 disks were used to predict the traction stress
in the small dotted red box in the center (as previously explained in Fig. 4.14), we calculate the
error of the tilting angle by considering only the difference between the tilting angles of the center
disks in these two plots. Many such small areas over the entire field of view were randomly
sampled to calculate the error plotted as a histogram in Fig. 4.21. The median error obtained is
0.29 degrees, which when expressed as a percentage of the maximum tilting angle, gives us a

median percentage error of 7.25 %.
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Fig. 4.21. Statistical distribution of the error of a random sample of disks

54



4.3.2 Mechanical wave propagation measured on DOTS

The tilting angles from the non-beating background video frame were subtracted from the
other video frames, to obtain the change in tilting angles due to the cardiac beat of cardiomyocytes.
The dynamic tilting angles were then interpolated over the entire field-of-view as shown in Fig.

4.22.

0 1 2 3 4
Magnitude of change in tilt angle, x-component (deg)

Fig. 4.22. Propagation of cardiac beat across the entire field-of-view. Scale bar: 1.2mm.

Selected video frames capturing the propagation of a single cardiac beat are shown in Fig.
4.22. This plot shows the magnitude change in the tilting angle at different snapshots in time. The
frame rate of the video was 71 frames per second. As time progresses, the cardiac beat propagates
from the right to the left of the field of view. At 434ms, the entire field of view is activated with

the maximum change in tilting angle. The cardiac beat incompletely subsides at 840ms.
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The concept of the activation time must first be considered, before the results of the
mechanical wave can be explored. We assume that the entire area in Fig. 4.23(a) is filled up with
cardiomyocyte tissue. Within a single cardiac beat, the mechanical wave propagates from the top
right corner to the bottom left corner of the entire tissue area in Fig. 4.23(a). When the traction
stress over time is plotted for different spatial locations of the area, namely the location at A, B
and C in Fig. 4.23(a), the traction stress is observed to increase to the peak of the beat (Fig. 4.23(b)),

before decreasing when the cardiac beat is past.
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Fig. 4.23. Concept of activation time

The activation time which represents the exact time of the cardiac beat at each spatial
location, is defined as timing of the maximal time derivative of the signal [144] [145] [146]. This
is the same as the time at which the gradient of the curve is the steepest, denoted by the colored
dotted lines in Fig. 4.23(b)(c)(d). This also corresponds to the mid-point of the peak traction stress

as labelled in Fig. 4.23(c). We can see that the activation times t, , 75 , T are different, depending
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on which spatial location of the tissue area we are looking at. The activation time tells us the exact

time at which the mechanical wave passes through each spatial location.

B Tilt angle out of range
B Electronic noise

B Gradient <107°

B Logistic fit

Fig. 4.24. Categories of the time dependent traction stress profile.

In order to extract the activation time from the experimental data, the traction stress of
every micro disk in the field of view was plotted against time. The time dependent profile of three
representative disks is plotted in Fig. 4.25. For the majority of the disks denoted by the color green
plotted in this field-of-view (Fig. 4.24), their time dependent traction stress profile fits very well
to the logistic function. This allows us to extract the activation time from the mid-point of the
maximum change in traction stress as exemplified in Fig. 4.25(c). A sharp gradient exists at the
center of the plot from which the activation time can be extracted from the vertical mid-point (see
green dotted lines) of the logistic curve. The activation time is at about 300ms in Fig. 4.25(c). For
a small number of disks denoted by the color blue in the field-of-view (Fig. 4.24), the traction
stress changes very slowly over time as exemplified in Fig. 4.25(b). The dimensionless gradient
(< 10°®) of the logistic function fitted over the data is extremely small. Thus, the gradient of the
plot is too gentle for us to extract any meaningful activation time from the data. Some of the disks
which are plotted in red in the field-of-view (Fig. 4.24), do not have any noticeable change in the
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traction stress over time. The data from such disks is dominated by electronic noise as shown in
Fig. 4.25(a). Therefore, they do not fit the logistic function, and no activation time can be extracted
from these areas shown in red. The remaining areas shown in black (Fig. 4.24) correspond to disks

which have tilting angles beyond +4 degrees, which is outside of the calibration range. No data

can be extracted from them.
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Fig. 4.25. Propagation of cardiac beat across the entire field-of-view. Scale bar: 1.2mm.

The activation times for the disks which do fit the logistic function are plotted as colors
over the entire field of view for both the control experiment shown in Fig. 4.26(a) and also for the
experiment with the drug phenylephrine in Fig. 4.26(b). Areas plotted in white represent disks
from which no activation time can be extracted (as previously explained in Fig. 4.25), as well as
the disks outside the calibration range. For the experiment where the drug phenylephrine was
added, the video was taken 40mins after adding the drug. Phenylephrine is known to cause
adrenergic activation of cardiomyocytes [147], which in turn causes hypertrophy [148] [149]. We
can see the addition of the drug severely disrupts the mechanical wave, because vastly varying
activation times represented by the red and blue colors are interspersed over the entire area in Fig.

4.26(b). Consequently, there is no clear direction of the propagation of the mechanical wave. It is
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unknown why phenylephrine-induced adrenergic activation disrupts the mechanical wave, and this
remains to be discovered by biologists in the future. The range of activation times was calculated
by taking the difference between the maximum and minimum activation times in the color bars of
Fig. 4.26(a)(b). It represents the total time taken for the entire field-of-view to activate fully
mechanically. The range of activation times in Fig. 4.26(b) for the drug experiment is 303ms,
which is a much wider range than in Fig. 4.26(a) for the control experiment of 94ms. This shows
that the drug phenylephrine is causing the neonatal rat ventricular myocyte (NRVM) tissue to take

a longer time to fully activate. The drug also destroys the ability of the cells to beat in a coherent

way.
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Fig. 4.26. Activation time of neonatal rat ventricular myocytes (NRVM). (a) Activation time plot

from control experiment with no drug. (b) Activation time plot 40mins from adding the drug
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phenylephrine. (c) Comparison of the heterogeneity of the activation time, which is the standard

deviation of the activation time within an area of radius 200 microns. Scale bars: 1.2 mm.

The activation times in Fig. 4.26(a) for the control experiment with no drug generally show
earlier activation times on the right and later activation times on the left of the entire field-of-view.
This reveals that the mechanical wave of the cardiac beat is generally propagating from the upper
right to the bottom left. Even for the control experiment, the activation times within a small area
of radius 200 microns is heterogenous. The interspersing of red and blue colors can be seen even
within small local regions from the control experiment (Fig. 4.26(a)). In order to quantify the
spatially heterogeneous phenomenon of the activation time, we define heterogeneity as the
standard deviation of the activation time within a spatial radius of 200 microns. The heterogeneity
has the same units as the activation time. The heterogeneity was calculated for disks with logistic
fit over the entire field-of-view and plotted in Fig. 4.26(c). The heterogeneity is a measure of the
failure of neighboring cells to be coherently activated. Therefore, it can be used to quantify how
likely the cells and tissue are prone to causing arrythmia. As seen in the statistical box plot in Fig.
4.26(c), the introduction of the drug phenylephrine greatly increases the heterogeneity, thus

severely increasing the risk of arrythmia in the tissue.
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Chapter 5 Conclusion

Several technologies for achieving large field-of-view measurements of cell traction
stresses have been discussed. The gold disk mounted micro-pillars and gold nanoparticles in flat
PDMS platforms are able to achieve fields-of-view up to 894um x 670um under 10x
magnification, whilst preserving sub-cellular resolution.

The Diffractive Optical Tracers (DOTS) platform extends the field-of-view to 4.8mm by
2.7mm under 4x magnification, and also preserved sub-cellular resolution using diffractive micro-
mirrors with a pitch of 26 um. Additionally, the DOTS platform is able to achieve concurrent
videography up to a frame rate of 71 frames per second per direction for detecting mechanical
waves of cardiac beat. The DOTS platform is bio-compatible, as proven by the maintenance of
primary mammalian neonatal rat ventricular myocytes as a connected tissue sheet on the platform.

To further improve on the performance of the DOTS platform, the pitch between the
diffraction grating disks can be further reduced below 26 um, to improve upon the sub-cellular
resolution which we have already achieved. A high-speed camera with more pixels in the imaging
sensor can be used. To reduce electronic noise and increase the frame rate in our measurements,
larger heat sinks and fans can also be used to cool down the LEDs, so that the LEDs can be operated
at higher currents to produce higher luminance.

For future work, magnetic materials can be added to the devices of all the above-mentioned
platforms. For example, a rod of magnetic particles has already been embedded along the length
of the PDMS micro-pillars by Sniadecki et al [150]. By integrating the magnetic function into the
gold disk mounted micro-pillars, a variety of functions such as cell stimulation and cell stiffness

measurement can be expanded to large field-of-view.
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Another way to measure the cell stiffness is to embed magnetic particles onto or into a
continuous PDMS substrate, analogous of the embedding of gold nanoparticles into continuous
PDMS demonstrated in chapter 3. Tseng et al [151] demonstrated a platform integrating magnetic
nanoparticles into a continuous polymer film for stimulating cells. However, the function of
extracting the cell stiffness was neither claimed nor achieved. This is due to the mechanical
complexity of the problem which requires the use of reverse finite element methods using machine
learning. However, with our recent advances in computational methods, we believe the back-
calculation of the cell stiffness is now possible.

By using soft magnetic particles with zero remanence as similarly demonstrated by Optical
Magnetic Twisting Cytometry (OMTC) [76], the frequency-dependent cell stiffness parameters
can be extracted to precisely distinguish between various cell types [152]. The idea of introducing
magnetic materials into DOTS was explored by Chiou et al [153]. This will expand the applications
of the DOTS platform to include both sub-cellular stiffness measurements and cell stimulation,

whilst maintaining our existing advantages of large field-of-view and high frame rate.
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