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Abstract 
 

Molecular Mechanisms of Kinetochore-Microtubule Attachment Via the 
Ndc80 Complex 

 
By 

 
Gregory Matthew Alushin 

 
Doctor of Philosophy in Biophysics 

 
University of California, Berkeley 

 
Professor Eva Nogales, Chair 

 
 The fundamental property of living systems is their ability to consume 
resources from their environment in order to reproduce, heritably passing on their 
genetic program to their offspring. At the level of an individual cell, the 
irreducible unit of self-replicating life, this propagation occurs through cell 
division. While we have a relatively good grasp of nature’s information storage 
mechanism, the DNA-encoded genome, the means for its distribution via the 
mechanics of a living cell remains mysterious. Eukaryotic cells entrust the 
partitioning of the duplicated genome to the mitotic spindle, a self-organizing 
supra-molecular machine primarily composed of dynamic microtubule filaments. 
The problem of delivering exactly one copy of each chromosome to each daughter 
cell must be solved an enormous number of times over the course of a human 
lifetime: errors result in aneuploidy, which can lead to birth defects and enhance 
the progression of cancer. 

The kinetochore is a network of protein complexes which assembles on 
centromeric chromatin to act as the connection point between chromosomes and 
the microtubules that segregate them into daughter cells. The kinetochore ensures 
proper bi-orientation of all chromosomes (i.e. that each sister chromatid is 
attached to microtubules emanating from opposite spindle poles) through the 
activity of the spindle assembly checkpoint (SAC), and also couples chromosome 
movement to microtubule dynamics, most dramatically when microtubule 
depolymerization provides the driving force for pulling apart sister chromatids 
during anaphase. Thus, the kinetochore serves to generate and integrate both 
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chemical and mechanical processes at the cellular scale; both functions are 
necessary for mitosis to succeed. 

The vertebrate kinetochore, the primary subject of this thesis, is composed 
of over one hundred different proteins, presenting a system of daunting 
complexity. Over the previous two decades genetic, biochemical, and cell 
biological analyses in multiple organisms have provided an almost complete parts 
list, demonstrating that most key kinetochore subunits are conserved in all 
eukaryotes and are also generally organized into the same sets of complexes, 
suggesting that the core functions and architecture of the kinetochore is conserved 
throughout the tree of life. Despite this triumph of biological analysis, physical, 
mechanistic explanations of how the kinetochore fulfills both its chemical and 
mechanical roles are absent, largely due to a lack of understanding of how 
kinetochore components are organized (and reorganized) in space and time as 
mitosis proceeds. 
 This thesis addresses the core problem of how kinetochores engage 
dynamic microtubule filaments from a molecular mechanistic perspective. I focus 
my analysis on the Ndc80 complex, which has been identified as the primary 
conserved direct interface between chromosomes and the microtubule surface. 
Through structural and biochemical experiments I uncovered the mechanism by 
which the human complex engages the microtubule and how this interaction can 
be regulated, with implications for coupling chromosome motions to microtubule 
dynamics and signaling proper chromosome bi-orientation. I also investigated the 
structure of the Mis12 linker complex and its interaction with Ndc80, 
demonstrating a conserved architecture of this interface between yeast and humans 
despite low sequence similarity. Finally, I probed how the Ndc80 complex and the 
Dam1 complex could coordinate their microtubule-binding activities in budding 
yeast using bioinformatics. I synthesize these results into scale three-dimensional 
models of the kinetochore, giving rise to precise hypotheses about kinetochore 
organization and function that can be tested in vivo, providing a step forward on 
the path towards a complete biophysical model of mitosis.
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Chapter 1: Introduction 
 
 Although the broad question at hand, “How do microtubules move 
chromosomes around during mitosis?” seems relatively straightforward, the 
biological context in which it must be asked is complex and defies a simple 
answer, as more than a century of mitosis research attests. This chapter provides a 
brief overview of kinetochore biology, the structures of tubulin polymers and their 
implications for the molecular mechanisms of microtubule dynamic instability, 
and previous theoretical and experimental studies of how microtubule dynamics 
can be harnessed to produce force and motion, in an attempt to frame the problem 
in richer terms and delineate more specific questions which we have attempted to 
address experimentally. Aspects of this introduction appear in the chapter 
“Tubulin and microtubule structure: mechanistic insights into dynamic instability 
and its biological relevance” (Nogales and Alushin, 2012), in Comprehensive 
Biophysics, and other sections are partially derived from our review “Visualizing 
kinetochore architecture”(Alushin and Nogales, 2011).  
 
1.1 Overview of kinetochore organization and function during mitosis 
 

The kinetochore is a network of protein complexes which assemble on 
centromeric chromatin to act as the connection point between chromosomes and 
the microtubules that segregate them into daughter cells (Figure 1.1) (Cheeseman 
and Desai, 2008; Santaguida and Musacchio, 2009; Westermann et al., 2007). The 
location of kinetochore formation is specified epigenetically by the presence of a 
specialized histone H3 variant known as CENP-A (Figure 1.2), which is localized 
specifically to centromeric heterochromatin by mechanisms which vary in 
different organisms (Allshire and Karpen, 2008). The presence of this histone 
templates the assembly of the inner kinetochore, which consists primarily of the 
Constitutively Centromeric Associated Network (CCAN) (Hori et al., 2008), 
whose functions, which are just beginning to be delineated, include localizing 
outer kinetochore proteins (Perpelescu and Fukagawa, 2011) and, provocatively, 
may include direct interaction with microtubules (Amaro et al., 2010; Suzuki et 
al., 2011). The outer kinetochore, which is the primary site of microtubule 
attachment, is formed upon this layer. While there are many constituent proteins of 
the outer kinetochore, including molecular motors such as dynein and kinesins, a 
particular set of protein complexes known as the KMN (KNL-1 complex, NDC80 
complex, MIS12 Complex) network, have been shown to be one microtubule 
binding arm of the kinetochore which is conserved in all eukaryotes (Cheeseman 
et al., 2006).  
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Over the course of evolution, eukaryotes have come to approach the 
problem of chromosome-spindle attachment in a variety of ways. These range 
from that of budding yeast, in which exactly one microtubule attaches to each 
kinetochore and the nuclear envelope does not break down (Westermann et al., 
2007), to that of the worm C. elegans, whose holocentric chromosomes feature 
diffuse kinetochores extending along their entire length (Maddox et al., 2004), to 
mammals, in which each chromatid features a single kinetochore with around 15 
attached microtubules (McEwen et al., 2001). Kinetochores are thought to consist 
of over 65 different proteins in all of these species (Cheeseman and Desai, 2008; 
Maddox et al., 2004; Santaguida and Musacchio, 2009; Westermann et al., 2007), 
presenting an interaction network of enormous complexity. Many of these proteins 
show very little conservation at the level of primary sequence, which has 
hampered the identification of kinetochore proteins via bioinformatic methods 
(Cheeseman and Desai, 2008). Despite this diversity, heroic biochemical and 
genetic efforts in yeast, frogs, worms, flies, and, increasingly, human cell lines, 
have identified and characterized many of the key players (Cheeseman and Desai, 
2008; Maddox et al., 2004; Santaguida and Musacchio, 2009; Westermann et al., 
2007). These studies have shown that the molecular architecture of the kinetochore 
appears to be remarkably conserved. 

Kinetochores perform three primary operations. The first is to actively 
assist correct placement of chromosomes at the center of the cell, facilitating their 
productive engagement with the mitotic spindle (Figure 1.1). After nuclear 
envelope breakdown (which does not occur in budding yeast), kinetochores 
facilitate chromosome congression to the metaphase plate via two distinct motor 
activities. They can engage in side-on microtubule capture, allowing minus-end 
directed motors to carry unattached chromosomes to the spindle poles (Rieder and 
Alexander, 1990; Yang et al., 2007). There they encounter microtubules which are 
already attached to bi-oriented chromosomes at the metaphase plate. A plus-end 
directed motor, the mitotic kinesin CENP-E (Kapoor et al., 2006), then carries the 
chromosome to the correct location in the center of the cell, where it is likely to 
encounter a microtubule emanating from the opposing spindle pole. A recent study 
demonstrated the surprising formation of a “chromosome belt” in early 
prometaphase, where the chromosomes were found to form a ring at the periphery 
of the cell around a microtubule-dense central region before coalescing into the 
normal metaphase geometry (Magidson et al., 2011). This suggests that active 
processes are at work in generating the metaphase plate independently of already 
bi-oriented chromosomes, an important area for future research. 

The second function of the kinetochore is to attach the sister chromatids of 
a chromosome to microtubules from opposite spindle poles to ensure successful  
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chromosome segregation. This state, known as bi-orientation, requires robust 
capture of dynamic microtubule ends and regulating the progression of the cell 
cycle until it is achieved. The sister chromatids of a chromosome often incorrectly 
attach to microtubules from the same spindle pole, known as syntelic attachment 
(Ruchaud et al., 2007). Kinetochores are capable of sensing and correcting such 
attachments in a mechanism that is thought to be mediated by tension (Li and 
Nicklas, 1995). If a chromosome is correctly bi-oriented, then spindle forces pull it 
in opposing directions simultaneously, resulting in an observed stretching of the 
centromeric region of the chromosome (Ruchaud et al., 2007), as well as within 
individual kinetochores (Maresca and Salmon, 2009; Uchida et al., 2009). The 
connection status of a kinetochore is modulated by the Aurora B kinase, whose 
activity has been shown to reduce the affinity of several kinetochore proteins for 
microtubules (Cheeseman et al., 2002; Cheeseman et al., 2006; Li and Nicklas, 
1997; Welburn et al., 2010). The absence of tension also causes kinetochores to 
continuously generate a diffusable stop signal, mediated by the Mad1 and Mad2 
proteins, which inhibits the cell from proceeding to anaphase until all 
chromosomes are correctly attached and aligned (Musacchio and Salmon, 2007).  

The final major function of the kinetochore is to couple chromosome 
movement to microtubule depolymerization. Once all chromosomes are correctly 
bi-oriented, they must be pulled apart into daughter cells. After the spindle check 
point has been satisfied, the anaphase promoting complex triggers the destruction 
of mitosis-specific proteins, including the condensin complexes which tether sister 
chromatids together (Peters, 2006). Then, by a process that does not require motor 
activity (Grishchuk and McIntosh, 2006; Koshland et al., 1988) kinetochores 
allow chromosomes to track the depolymerizing ends of microtubules, which are 
the primary engines of mitosis. 
 
1.2 Microtubule structure and dynamics 
 

Microtubules are ubiquitous cytoskeletal polymers essential for the life of 
all eukaryotic cells. They are involved in a wide range of cellular functions, from 
cell motility, where they form the central scaffold of the beating machinery in cilia 
and flagella, to intracellular transport, where they function as the cellular freeways 
for the movement of organelles and other cargos by motor proteins of the kinesin 
and dynein families (Hyams and Lloyd, 1993; Kreis and Vale, 1999). Perhaps 
most fundamentally, microtubules form the mitotic spindle, the scaffold required 
during cell division for the faithful segregation of the genetic material. Spindle  
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microtubules need to engage the chromosomes, align them, and ultimately 
distribute them equally between the two daughter cells.  

Microtubules are formed by the self-assembly of αβ-tubulin heterodimer 
subunits (Figure 1.3). Tubulin dimers form polar protofilaments via head to tail 
longitudinal association, with about thirteen protofilaments associating laterally 
and in parallel to generate the hollow microtubule tube. Thus, the microtubule is 
itself a polar structure that reflects the asymmetric nature of its subunits. Laterally 
interacting protofilaments are staggered, resulting in a helical arrangement of 
tubulin monomers. Most microtubules have homotypic lateral interactions (α-α 
and β-β, the so called B lattice –shown in Figure 1.3) (McIntosh et al., 2009; Song 
and Mandelkow, 1993), while specific types of microtubules in vivo and in vitro 
display an alternative heterotypic type of interaction (α-β, β-α, or A lattice) (Amos 
and Klug, 1974; des Georges et al., 2008). While the number of protofilaments can 
vary, the most abundant 13-protofilament, B-lattice microtubule, the predominant 
species found in vivo (Tilney et al., 1973) has a discontinuity, or “seam” (clearly 
featured in Figure 1.3), where two protofilaments must engage in a heterotypic 
interaction. 

The two ends of the microtubule, one capped by α-tubulin and the other by 
β-tubulin, have dramatically different properties. In the cell the so-called minus 
end (capped by α-tubulin) is typically attached to microtubule organizing centers, 
or centrioles, which are generally located near the nucleus and nucleate new 
microtubules. In mitosis the spindle poles are formed by the duplication of the 
centriole, each copy of which will become a microtubule organizing center in a 
daughter cell. The plus end (capped by β-tubulin ) (Mitchison, 1993) extends out 
towards the cell periphery and during mitosis attaches to kinetochores. To carry 
out their diverse functions, microtubules interact with a large number of associated 
cellular factors, globally known as Microtubule Associated Proteins, or MAPs 
(Kreis and Vale, 1999). While in the cell the interaction of microtubules with 
MAPs modify their stability and functional properties, purified tubulin is fully 
capable of in vitro self-assembly into microtubules, provided it is in the presence 
of GTP. Importantly, GTP hydrolysis, which follows assembly, is required for 
microtubule disassembly and gives rise to the property of dynamic instability 
(Mitchison and Kirschner, 1984). 

Both tubulin subunits bind guanosine nucleotide at a highly conserved 
binding site. The GTP in α-tubulin is non exchangeable and non-hydrolyzable; 
thus, this nucleotide binding site is known as the ‘N-site’. The nucleotide in β-
tubulin can exchange with solution in the unassembled dimer, and therefore β-
tubulin’s nucleotide binding site is known as the ‘E-site’. This bound nucleotide is 
hydrolyzed during polymerization and is non-exchangeable while a dimer is  
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within the body of a microtubule. Importantly, only GTP tubulin (meaning a 
tubulin dimer with GTP bound at the E-site) is able to polymerize into 
microtubules. The state of the E-site nucleotide in polymerized tubulin subunits 
directly affects the stability of the microtubule, giving rise to the unique property 
of ’dynamic instability’: the stochastic switching between phases of growth and 
shrinkage (Mitchison and Kirschner, 1984).  

In the GTP-cap model a microtubule end grows for as long as it contains a 
cap of GTP-tubulin that holds the structure together. Since tubulin cannot 
hydrolyze its bound GTP until it is incorporated into the microtubule lattice, each 
newly incorporated GTP-tubulin subunit extends the cap as the microtubule 
grows. When the cap is lost, (i.e. if hydrolysis in the lattice outpaces the addition 
of GTP-tubulin subunits) the microtubule disassembles (Mitchison and Kirschner, 
1984). The dynamic nature of microtubules, which is readily observed in vitro 
with pure tubulin preparations, is essential in the cell and subject to extensive 
regulation (Desai and Mitchison, 1997). Dynamic instability is central to mitosis, 
and is particularly important for the processes of chromosome capture, alignment, 
and segregation. Tubulin binding drugs that affect dynamic instability stop the 
mitotic process and therefore have anti-proliferative activity. Taxol, one of the 
most widely used anticancer agents, acts by binding to tubulin and stabilizing 
microtubules against depolymerization (Schiff et al., 1979). Others, such as 
colchicine (Andreu et al., 1991) and vinblastine (Jordan et al., 1991), bind to 
distinct sites and cause microtubule destabilization.  
 
1.2.1 Biogenesis and structure of tubulin 
 

α- and β-tubulin are highly conserved throughout eukaryotes. In the cell 
they exist as a committed, indivisible dimer. A complex, regulated folding 
pathway is required for formation of the αβ-tubulin dimer, complicating attempts 
at heterologous production of the protein. The two tubulin monomers are first 
folded individually in a two-step process (Figure 1.4). Initially, the nascent α- and 
β-tubulin chains associate with prefoldin (Vainberg et al., 1998), which then 
delivers them to the cytosolic chaperonin CCT (also known as TriC) (Lewis et al., 
1996). CCT is also essential for folding another highly conserved, highly abundant 
cytoskeletal protein, actin (Lewis et al., 1996). Formation of an active αβ-tubulin 
dimer following release of the monomers from CCT requires five additional 
tubulin folding cofactors (TFCs) that bind sequentially to either of the individual 
subunits and ultimately bring them together into the functional dimer (Lopez-
Fanarraga et al., 2001). 
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As a GTP-binding protein, tubulin could be expected to share structural 
homology with canonical GTPases like EF-Tu. However, sequence landmarks of 
G proteins are absent from tubulin, while tubulin has a unique signature sequence 
(the G loop). The N-terminal nucleotide binding domain (Figure 1.5) is a 
Rossmann fold featuring six parallel beta strands (S1-S6) alternating with six main 
helices (H1-H6) (Lowe et al., 2001b; Nogales et al., 1998b). Thus, rather than 
sharing structural ancestry with classical GTPases, tubulin appears to have a 
common root with dinucleotide-binding proteins. Tubulin’s nucleotide-binding 
domain is shared with Ftsz and other more recently discovered homologs of both 
present in bacteria (Nogales et al., 1998a). This tubulin superfamily thus 
constitutes a unique class of GTPases. 

Tubulin is particularly rich in aromatic residues, which contribute to the 
stability and robustness of the nucleotide binding domain (Figure 1.5) as they 
align and stack against each other in the beta sheet (Lowe et al., 2001b; Nogales et 
al., 1998b). Each of the loops that join the end of a strand with the beginning of 
the next helix are directly involved in binding the nucleotide (loops T1 to T6). 
Within each subunit, nucleotide binding is completed by interaction with the N-
terminal end of the core helix H7. The core helix connects the nucleotide binding 
domain with the smaller, intermediate domain, formed by three helices (H8-H10) 
and a mixed beta sheet (S7-S10). This domain shares its fold with chorismate 
mutase in Bacillus subtilis, the significance of which is not obvious. The C-
terminal domain is formed by two antiparallel helices (H11-H12) that cross over 
the previous two domains and are connected by the short helix H11’. 

α- and β-tubulin bind nucleotide in an almost identical manner. However, 
α-tubulin’s nucleotide binding site (the N-site) is found within a tubulin dimer, 
while β-tubulin’s (the E-site) is found at the longitudinal interface between dimers 
within a protofilament (Figure 1.6). This distinction is critical for a mechanistic 
explanation of dynamic instability (Lowe et al., 2001b; Nogales et al., 1998b). The 
GTP in α-tubulin is buried at the monomer-monomer interface within the dimer, 
explaining the non-exchangeability of the site. On the other hand, the nucleotide at 
the E-site in β-tubulin is partially exposed on the surface of the dimer, allowing its 
exchange with the solution. The specificity of tubulin for GTP versus other 
nucleotide triphosphates is obtained by the hydrogen bonding of the 2-exocyclic 
amino group in GTP to the hydroxyl groups of Asn206 and Asn228, and by 
hydrogen bonding of the 6-oxo group to the amino group of Asn206 (Figure 1.6). 
Otherwise, the base sits in a rather hydrophobic pocket defined by Ile16, Val131, 
Leu227 and Val231 on one side and Tyr224 on the other. The ribose group 
interacts with main chain and side chain groups in the T5 loop, while interaction 
with the phosphates is dominated by hydrogen bonds with the main chain amines  
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in T1 (the equivalent of the P-loop in G proteins) and T4 (the glycine-rich, tubulin 
signature motif or G-loop). 

In the refined electron crystallographic structure of tubulin, a magnesium 
ion was built into extra density at the N-site (Lowe et al., 2001b; Nogales et al., 
1998b). No equivalent density could be seen at the E-site, where the nucleotide 
had clearly been hydrolyzed (Figure 1.6). It had been known for some time that 
GTP-tubulin has two tightly bound Mg2+ (at the N- and E-sites), whereas GDP-
tubulin has a single high affinity Mg2+ (Correia et al., 1988). The magnesium ion 
at the N-site is essential for the stability of the αβ-tubulin dimer (Menendez et al., 
1998). At the E-site, the presence of magnesium ions is known to be tightly linked 
to the binding of GTP (Correia et al., 1987). Upon polymerization there is a 
reduction in the magnesium content of tubulin, indicating its loss during GTP 
hydrolysis (Grover and Hamel, 1994). 
 
1.2.2 Structure of the microtubule: implications for assembly and dynamics 
 

In order to position the different structural elements of tubulin in the 
context of the microtubule, it was necessary to obtain a high-resolution model of 
the intact polymer. This was initially achieved by docking the electron 
crystallographic structure of the whole protofilament into a 20 Å reconstruction of 
the microtubule obtained by cryo-electron microscopy and image analysis of 
frozen-hydrated microtubules (Nogales et al., 1999). Later the resolution was 
improved to better than 10 Å, allowing direct visualization of secondary structure 
and more detailed identification of the structural regions involved in lateral 
interactions between protofilaments (Li et al., 2002). Microtubule structures at this 
resolution now exist for a whole range of microtubules with different 
protofilament numbers, which occur in vitro (Sui and Downing, 2010). The 
docking of the electron crystallographic structure into these cryo-EM density maps 
shows that the C-terminal helices form the crest of the protofilaments on the 
outside surface of the microtubule (Figures 1.5, 1.7). This region is of particular 
functional importance, as it appears to be a major site of interaction with motor 
proteins. This interaction has been described in great structural detail for kinesin 
(Sindelar and Downing, 2010). It is important to remark that many MAPs, 
including the ones with a defined footprint on the microtubule lattice like kinesin, 
also interact with the acidic C-terminal tails of tubulin, which are thought to be 
largely disordered and were not visible in the electron density maps from 
crystallographic studies. In fact, this region in the tubulin monomers has been 
named the E-hook (Kikkawa et al., 2000), due its richness in glutamic acids and  
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the “hooking” function that it seems to have based on its contribution to affinity 
for motors and MAPs.  

The bumpy inside surface of the microtubule is defined by a series of loops 
(Figure 1.8), especially loops H1-S2, H2-S3 and S9-S10. The S9-S10 loop lining 
the microtubule lumen is 8 residues longer in α-tubulin than ß-tubulin. The site 
corresponding to these residues in ß-tubulin is occupied by taxol. The taxol 
binding site is therefore on the inside surface of the microtubule. Binding of this 
natural compound to a site in ß-tubulin that is occupied by part of the polypeptide 
chain in α-tubulin suggests the possibility that natural peptides with microtubule 
stabilization activity, mimicked by taxol, could bind at the ß-tubulin site. This has 
been proposed for Tau (Kar et al., 2003), although this model remains highly 
controversial. 

In the microtubule the orientation of the protofilaments is such that the plus 
end is crowned by β-tubulin subunits exposing their bound nucleotide to the 
solution, while the minus end is crowned by α-subunits exposing their catalytic 
face. This orientation has very important repercussions for the GTP-cap model. 
When a dimer is added to a plus end, its catalytic end contacts the E-site 
nucleotide of the previous subunit, forming the interface that is competent for 
hydrolysis. However, the E-site nucleotide of the newly-added GTP-tubulin dimer 
cannot be hydrolyzed until a new subunit is added. The result is that the plus end 
will generally have a minimum GTP cap of one tubulin layer (Figure 1.3). The 
situation is very different at the minus end. When a new dimer arrives, contact is 
made between its E-site nucleotide and the catalytic region of the last subunit at 
the end. Thus, addition to a microtubule minus end immediately positions the 
incoming nucleotide for hydrolysis. Therefore, in general, there will be no GTP 
cap at the minus end. A GTP cap could be generated, however, when the rate of 
dimer addition is faster than that of GTP hydrolysis or Pi release. Such fast 
addition would also increase the size of the cap at the plus end. The disappearance 
of the cap at the plus end, in turn, could occur by exchange of the E-site GTP for 
GDP, by the energetically unfavorable addition of GDP-subunits, or by 
detachment of GTP-subunits, thereby exposing dimers which have hydrolyzed 
their E-site nucleotide. It is generally thought that the loss of a GTP cap from the 
plus end results in the switch to depolymerization, a process known as catastrophe. 

Because the structure of tubulin was obtained from a polymerized form of 
the protein, the electron crystallographic model includes the structure of the entire 
protofilament and therefore information on the longitudinal interactions between 
dimers that define it. The longitudinal contacts are very similar between 
monomers within the dimer and between dimers. Thus, upon polymerization the 
E-site nucleotide is buried at the newly formed interface and becomes non-
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exchangeable. In both the intra- and inter-dimer interfaces the nucleotide is 
directly involved in the contact between subunits. Therefore, an additional region 
of the tubulin structure is involved in the interaction with nucleotide, but with the 
nucleotide in the next subunit along the protofilament. This region includes the 
loop connecting the core helix H7 with the first helix of the second domain, H8. 
The loop, named T7, includes highly conserved residues in both tubulin subunits.  

The residues conserved in T7 include Asn249 and Asp251, which are 
totally conserved in all α- and β-tubulins and all FtsZs. These key residues are 
involved in the binding of the α,β-phosphates of the nucleotide of the next subunit. 
The interaction with the nucleotide across the longitudinal interface (Figure 1.6) is 
completed by a residue in helix H8: Lys254 in β-tubulin, which interacts with the 
γ-phosphate of the N-site nucleotide, and Glu254 in α-tubulin, which is in a 
position that would be close to the γ-phosphate of the E-site nucleotide (in the 
electron crystallographic structure of the post-hydrolysis state this nucleotide is 
GDP). When the equivalent residue in FtsZ, an aspartic acid, is mutated to alanine, 
the binding of GTP is not affected, but hydrolysis is totally abolished (Dai et al., 
1994); in budding yeast, mutation of this residue to alanine in α-tubulin is lethal 
(Richards et al., 2000). Taken together, the weight of evidence in the literature 
overwhelmingly supports the idea that this residue is essential for the activation of 
hydrolysis accompanying tubulin polymerization. The hypothesis that tubulin is its 
own GAP (GTPase Activating Protein), based on the linkage of hydrolysis with 
polymerization, was thus confirmed with the identification of an activating region 
in the molecule that comprises mainly loop T7 and helix H8 (Nogales et al., 
1998a). These results also explain why the N-site nucleotide is not hydrolyzed, as 
Lys254 in β-tubulin is incapable of acting as a hydrogen bond acceptor from 
water, likely preventing hydrolysis.  

 
1.3 Coupling chromosome movement to microtubule dynamics 
 
1.3.1 Structural intermediates in microtubule assembly and disassembly 
 

Microtubule assembly and disassembly processes occur via structural 
intermediates (Figure 1.9) in which tubulin forms transient polymers distinct from 
straight protofilaments assembled into cylindrical microtubules (Nogales and 
Wang, 2006). This is, as far as we know, a unique property of microtubules, which 
is not shared by any other biopolymer. It is therefore tempting to speculate that 
these alternate polymer forms, which are found at the dynamic plus end of the 
filament, have been selected to play a biological role, both as structural landmarks 
which certain cellular factors can recognize and specifically bind, and by 
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presenting the energy stored in the microtubule lattice in a form transducible into 
useful work. 

Under conditions of rapid growth, extended sheets are observed at 
microtubule ends that feature a gentle outwards curvature (Figure 1.9A, left), 
which are believed to correspond to the microtubule polymerization intermediate 
(Chrétien et al., 1995). A tubulin polymer believed to be the analog of this 
intermediate, called GMPCPP ribbons, is formed in the presence of a non-
hydrolyzible GTP analog (GMPCPP, Guanylyl-(alpha, beta)-methylene-
diphosphonate) and cold temperatures. The cryo-EM structure of this polymer 
showed the presence of alternating lateral contacts between protofilaments that 
otherwise preserved the precise stagger between protofilaments seen in the 
microtubule (Wang and Nogales, 2005). The cold-stable GMPCPP polymers 
directly convert into microtubules upon raising the temperature. Thus, these 
structures have a protofilament arrangement that can explain the sheet structure at 
the end of growing microtubules, and they convert directly into microtubules, as 
those sheets do, presumably by rolling of the lateral interface over a highly 
conserved region on the protofilament surface. It is tempting to speculate that the 
GTP cap corresponds to such a structural intermediate, involving a specific 
conformational in addition to biochemical state of tubulin. It is important to 
mention that the nucleotide state in a growth sheet is not known. It is possible that 
GTP hydrolysis has different kinetic parameters in the sheet than the microtubule, 
as the different curvature would affect the fine positioning of the catalytic Glu 254 
with respect to the E-site nucleotide. Thus, the sheets at the end of growing 
microtubules could have a slower rate of GTP hydrolysis and constitute both a 
structural and biochemical cap. 

Microtubule plus-end tracking proteins (+TIPs) are a diverse group of 
MAPs that accumulate at the ends of growing microtubules (Carvalho et al., 
2003). This disparate class of proteins is involved in the control of microtubule 
dynamics and in establishing interactions between microtubules and different 
cellular structures, including kinetochores (Akhmanova and Steinmetz, 2008). 
Although no conclusive experimental evidence yet exists, it is tempting to 
speculate that the sheets at growing microtubule ends could be the landing-pad for 
some +TIPs (Figure 1.9B, left) (Akhmanova and Hoogenraad, 2005; Jiang and 
Akhmanova, 2010; Mahadevan and Mitchison, 2005; Wang and Nogales, 2005). If 
the cold-stable GMPCPP tubulin polymer described above can be considered a 
good analog for microtubule assembly intermediates, its structure indicates that 
growth sheets not only transiently expose the inside surface of the microtubule but 
also provide a new inter-protofilament interface that could be uniquely recognized 
by +TIPs. Because this interface brings together the site of interaction of motors  
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and classic MAPs (Al-Bassam et al., 2002; Kikkawa et al., 2000) with a new 
potential interaction site, it has been proposed that proteins which recognized both 
interfaces would bind to the open sheets with a higher affinity than to the closed 
microtubule lattice, where they could only interact with one of the sites at a time 
(Nogales and Wang, 2006). During microtubule growth by cycles of sheet 
extension follow by closure, these proteins would detach from the uncoupled 
single sites on the microtubule and could then reattach at a new, high affinity site 
at an adjacent newly formed sheet. This process could thus result in the effective 
“transport” of the plus-end tracking protein. 

Microtubule disassembly also occurs through a structural intermediate 
(Figure 1.9A, right). When a microtubule switches from growth to catastrophe, 
protofilaments peel outwards from the lattice with extreme curvature before 
dissociating from the end into GDP-tubulin rings, which eventually break down 
into individual dimers. In the peels GDP-tubulin is in its relaxed, curved state, 
distinct from its constrained, straight state in the body of the microtubule wall. The 
flaring of protofilaments can thus be seen as the explosive final release of the 
conformational energy stored in the microtubule lattice upon GTP hydrolysis. 
Single molecule laser tweezers experiments have shown that the fraying end of a 
depolymerizing microtubule can generate enough force to push a load to the 
opposite end of the microtubule (Grishchuk et al., 2005). This energy could be 
used in the cell to carry out work (Figure 1.9B, right). An obvious candidate 
cellular process that could take advantage of this energy outburst is mitosis. It has 
been experimentally demonstrated that microtubule depolymerization is a major 
and essential contributor to the poleward movement of chromosomes during 
anaphase (Grishchuk and McIntosh, 2006; Koshland et al., 1988). There has been 
extensive theoretical and experimental interest in how microtubule 
depolymerization can generate motion, which is discussed in the following 
sections. 
 
1.3.2 Theoretical considerations for force coupling 
 

Three models have been proposed for mechanisms by which kinetochores 
enable depolymerizing microtubules to move chromosomes, two of which were 
based upon theoretical considerations before actual biological implementations 
were discovered. In the paper where Koshland et al. demonstrated that 
microtubule depolymerization was sufficient to drive chromosome movement, 
they proposed a sliding-clamp type model, wherein an encircling ring would be 
pushed by the peeling protofilaments of a depolymerizing microtubule directly 
(Figure 1.10A, right) (Koshland et al., 1988). This type of model, also known as a 
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“conformational wave” (Asbury et al., 2011), is a mechanical model directly 
analogous to a wind-up toy, where the energy stored in the microtubule lattice 
after GTP hydrolysis is transduced into movement by protofilament peeling. Since 
the radius of peeling protofilaments at the end of the microtubule is much larger 
than the MT cylinder, a rigid, encircling ring-shaped coupler with a diameter 
smaller than the peels would be pushed poleward by the peels and thus “surf” the 
conformational wave during anaphase. The DAM1 complex of S. Cerevisiae 
(discussed more extensively in the next section) is capable of forming rings on 
microtubules (Miranda et al., 2005; Westermann et al., 2005) and coupling 
movement to microtubule depolymerization (Westermann et al., 2006), which is 
consistent with this model (Figure 1.10B).  

The second theoretical model, originally proposed by Terrel Hill and now 
called a “Hill sleeve” in his honor, envisions a scenario wherein a number of 
coupled weak microtubule-binding sites would make it energetically favorable for 
a kinetochore to remain attached to a microtubule end via biased one-dimensional 
diffusion rather than falling off (Figure 1.10A, left) (Hill, 1985). It is important to 
note that this is a thermodynamic rather than mechanical model, which could only 
operate on the microscope scale: a key point is that diffusive motion is caused by 
the energy present in the thermal bath, not by microtubule depolymerization. In 
this sense movement is “subtractive”: as binding sites for the sleeve are removed 
from the end during depolymerization, the probability of a preponderance of 
diffusive steps in the poleward direction (due to the binding energy gained from 
interacting with the lattice) is increased sufficiently to ensure processive 
movement. It is critical that a coupler which operates by this mechanism diffuse 
on the microtubule surface substantially faster than the rate of microtubule 
depolymerization.  

Although most easily envisioned as a literal sleeve, where the microtubule 
binding sites are arranged into a rigid structure which matches the subunit spacing 
of the microtubule, flexible MT binding elements would also be able to form a 
sleeve with the appropriate thermodynamic characteristics as long as the 
components are all capable of accessing the same microtubule and are tethered to 
the kinetochore. Single molecules of the Ndc80 complex, the major subject of this 
thesis, have been shown to diffuse rapidly on the MT surface (Powers et al., 2009), 
satisfying one of the key requirements of the biased diffusion mechanism. 
Moreover, complexes affixed to a polysterene microsphere were capable of 
maintaining attachment to a depolymerizing microtubule and moving their cargo 
(McIntosh et al., 2008; Powers et al., 2009). Powers and co-workers suggested that 
Ndc80 was operating as a biased-diffusion coupler, and in this thesis I present 
structural data that support and enrich this conclusion, as well as providing 
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evidence that Ndc80 may also play other roles in modulating the dynamics of 
kinetochore microtubules.  

Finally, a recent electron tomography study of the mammalian kinetochore 
showed long filaments contacting the lumen-facing surface of the microtubule 
exposed on curling protofilaments at depolymerizing ends (McIntosh et al., 2008). 
The molecular identity of these filaments remains unknown. McIntosh and co-
workers proposed that they correspond to the Ndc80 complex; I present data in 
this thesis that effectively rule out that possibility. Based on their results, the 
authors proposed a model in which a binding site is exposed specifically at the 
depolymerizing end, and motion is generated by filaments binding this site and 
being pulled along with the peel until it detaches and completely depolymerizes 
into GDP-tubulin dimers. This model features elements of both the conformational 
wave model and the structural cap model discussed in 1.3.1, where a cellular 
factor recognizes and binds a tubulin conformation found, in this case, only at a 
depolymerizing end.  

 
1.3.3 A biological implementation: the Dam1 complex 
 

The fungal Dam1 (or DASH) complex is essential for spindle function in 
budding yeast, which has a single microtubule attachment per kinetochore 
(Hofmann et al., 1998; Jones et al., 1999). It is involved in microtubule-
kinetochore attachment and is a major target of the checkpoint kinase Ipl1 (the 
yeast Aurora B homolog) (Cheeseman et al., 2002; Kang et al., 2001; Shang et al., 
2003). Reconstitution of this ten-subunit complex in bacteria (Miranda et al., 
2005) opened the door for structural and biophysical studies of the interaction of 
the Dam1 complex with microtubules. EM showed the microtubule-induced 
assembly of the complex (which interacts directly with tubulin) into rings and 
spirals (Miranda et al., 2005; Westermann et al., 2005).  

No atomic structures for any of the Dam1 complex subunits exist, nor any 
detectable homologs at the primary sequence level. EM reconstructions showed 
the Dam1 complex to be a 150Å rod, with a central enlargement from which 
several densities emanate (Wang et al., 2007). Dam1 spirals bound to microtubules 
have been characterized by cryo-EM using both helical (Wang et al., 2007) and 
single-particle reconstruction approaches (Ramey et al., 2009). More recently the 
cryo-EM reconstruction of bona fide rings, arguably a more physiological 
assembly form, has also been reported (Figure 1.10B) (Ramey et al., 2011). The 
ring contains sixteen copies of the complex surrounding a thirteen protofilament 
microtubule, a symmetry mismatch that requires flexible elements for interaction, 
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likely in both tubulin (Ramey et al., 2011) and the Dam1 complex (Miranda et al., 
2007).  

The Dam1 complex is capable of tracking with depolymerizing microtubule 
ends (Asbury et al., 2006; Grishchuk et al., 2008b; Westermann et al., 2006), 
thereby coupling the disassembly of microtubules to processive movement in the 
absence of any additional energy source (none of the complex’s subunits bind or 
hydrolyze nucleotide). Two main models have been proposed for how this 
coupling is achieved. One proposes a force-coupling process where a strongly 
bound ring oligomer is pushed by curved protofilaments as they peel from the 
microtubule end and generate a power stroke (Grishchuk et al., 2008a), in line 
with the model proposed by Koshland et al. (Koshland et al., 1988). The second is 
a biased-diffusion process where oligomeric Dam1 (not necessarily a closed ring), 
is able to diffuse on the microtubule lattice, but such movement is biased poleward 
once microtubule depolymerization begins (Asbury et al., 2006), i.e. the biased 
diffusion model of Hill (Hill, 1985). It is possible that elements of both models are 
correct. For example, the ring could slowly diffuse on the lattice but be actively 
pushed by peeling protofilaments once it encounters a depolymerizing end (Ramey 
et al., 2011).  

Most of our molecular mechanistic understanding of how kinetochores 
interact with dynamic microtubule ends has come from structural and functional 
studies of the Dam1 complex; indeed, the theoretical proposals of Hill and 
Koshland et al. have seen a resurgence in interest largely because Dam1 appears to 
be a biological implementation thereof. However, as far as we know the complex 
is found only in fungi (although there is limited, tantalizing evidence of a 
vertebrate equivalent, see 1.4.4), and is required only in yeast species that have a 
single microtubule binding site per kinetochore (Burrack et al., 2011).  

 
1.4 The KMN Network 
 

In a set of landmark papers published shortly before I embarked upon my 
graduate studies, Cheeseman and co-workers demonstrated that a group of 9 outer 
kinetochore proteins (10 in most organisms), organized into three previously 
discovered subcomplexes, could be co-purified from C. elegans (Cheeseman et al., 
2004) and also heterologously reconstituted (Cheeseman et al., 2006). They named 
this set of proteins, which I will refer to as a “holocomplex” in analogy to a 
holoenzyme, the KMN network, for KNL-1 protein, Mis12 complex, Ndc80 
complex network (Cheeseman et al., 2006). Importantly, the members of this 
holocomplex are universally present in all eukaryotes, and although the sequences 
of the members are quite divergent, it has been confirmed in reconstitution studies 



 25 

that the topology of the network of protein-protein interactions is preserved in both 
humans (Petrovic et al., 2010) and yeast (Maskell et al., 2010), with only minor 
deviations in the role of the KNL-1 subunit. The holocomplex contains at least one 
universally conserved and required microtubule binding element, the Ndc80 
complex. The KNL-1 subunit may also bind microtubules, although this remains 
controversial (see next section). Cheeseman et al. suggested in the title of their 
second paper that the KMN network, “Constitutes the core [conserved] 
microtubule-binding site of the kinetochore,” a bold proposal which remains the 
prevailing model in the field (Cheeseman et al., 2006; Cheeseman and Desai, 
2008; Lampert and Westermann, 2011; Santaguida and Musacchio, 2009; 
Westermann et al., 2007). 
 
1.4.1 The KNL-1 complex 
 

KNL-1, for “Kinetochore-NuLl-1”, was identified in an RNAi screen for 
factors required for kinetochore assembly in C. elegans (Desai et al., 2003). 
Known as Spc105 in yeast (De Wulf et al., 2003; Nekrasov et al., 2003; Pagliuca 
et al., 2009) and Drosophila (Przewloka et al., 2007; Schittenhelm et al., 2009), it 
is generally found in a two-protein subcomplex with Blinkin/ZWINT (Kiyomitsu 
et al., 2007; Petrovic et al., 2010), known as Kre28 in budding yeast (Pagliuca et 
al., 2009).  

Pinning down the functions and molecular mechanisms of this enigmatic 
complex has proven difficult, despite intense interest. In vitro analysis has been 
hampered by the recalcitrance of the complex to reconstitution or purification: we 
attempted to reconstitute the full-length yeast complex without success (G. 
Alushin and V. Musinipally, unpublished observations). Others have managed to 
purify minimal amounts of material, generally of truncated versions. C. elegans 
and budding yeast complexes bind MTs with only modest affinity (Akiyoshi et al., 
2010; Cheeseman et al., 2006; Pagliuca et al., 2009) In C. elegans the KNL-1 
protein was reported to be required for interaction between Mis12 and Ndc80, but 
this is not true in the human or yeast systems (Cheeseman et al., 2006; Hornung et 
al., 2011; Maskell et al., 2010; Petrovic et al., 2010), where the MN holocomplex 
will robustly form in the absence of KNL-1 components. In Drosophila vast 
stretches of the large Spc105 protein can be deleted with no apparent phenotype in 
vivo, although a complete deletion is lethal (Schittenhelm et al., 2009). 

The most critical function of the complex is probably to act as a scaffold for 
integrating the core MT binding activity of the KMN with the signaling functions 
of the kinetochore, as it localizes both the PP1 phosphatase (opposing the Aurora 
B kinase (Liu et al., 2010; Rosenberg et al., 2011)) and elements of the SAC 
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(Kiyomitsu et al., 2011; Kiyomitsu et al., 2007) to the KMN, activities which may 
be involved in recognizing when proper bi-orientation has been achieved. It has 
also recently been shown, using separation of function mutants in C. elegans, that 
its microtubule-binding activity is not required for the formation of load-bearing 
kinetochore-microtubule attachments, but rather promotes its role in silencing the 
SAC, signaling proper attachment (Espeut et al., 2012). Structural studies will play 
an important role in dissecting the mechanisms of this intriguing complex. 

 
1.4.2 The Mis12 complex 
 
 Mis12 (for MinichromosomeInStability) was the 12th and final gene 
discovered in a screen for temperature-sensitive mutants with errors in 
minichromosome maintenance in fission yeast (Takahashi et al., 1994), one of 
only two genes of the “mis” set which also was required for proper segregation of 
the genome. A subsequent detailed characterization showed that Mis12 localized 
to the centromere, was required for proper spindle formation and centromeric 
structure, and was conserved, at least within yeasts (the budding yeast homolog 
was named Mtw1 for “MisTWelve-like”) (Goshima et al., 1999). It was 
subsequently shown that Mtw1p is a bonafide kinetchore protein, which requires 
Ndc10p, a component of the yeast CCAN, for proper localization (Goshima and 
Yanagida, 2000). This provided the first hint at the biological role of Mis12, which 
is to act as a linker between the inner and outer kinetochore, although this was not 
recognized at the time.  

Nekrasov and co-workers found that Mtw1 formed a complex with three 
other proteins in budding yeast, Nnf1p, Nsl1p, and Dsn1p, and that all were 
required for proper chromsome segregation (impressively, in the same study they 
also reported the discovery of the Spc105-Kre28 complex, and a possible physical 
link between this complex, the Mtw1 complex, and the Ndc80 complex, 
foreshadowing the identification of the KMN) (Nekrasov et al., 2003) Shortly 
thereafter, the complex was shown to also exist in S. pombe and humans (Figure 
1.11), although the components had low sequence similarity (Obuse et al., 2004) 
Obuse et al. also found evidence for a physical link between the Mis12 complex 
and other KMN components, although the full network was not identified.  

Phenotypically, it has been observed that in addition to spindle and 
chromosome segregation defects, Mis12 mutants are deficient in the proper 
localization of many outer kinetochore proteins, the KNL-1 and Ndc80 complexes 
being prominent examples (Cheeseman et al., 2004; Kline et al., 2006; Obuse et 
al., 2004). It has also been shown that in C. elegans (Cheeseman et al., 2004), 
Drosophila, (Przewloka et al., 2007) and human cells (Kwon et al., 2007), the 
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inner-kinetochore DNA-binding protein CENP-C is required for proper 
localization of Mis12 (although this has been disputed in the human system (Fujita 
et al., 2007)), and a direct physical interaction between CENP-C and Mis12 has 
been demonstrated in humans (Screpanti et al., 2011) and Drosophila (Przewloka 
et al., 2011). Interestingly, in budding yeast the Mtw1 complex instead interacts 
with the inner kinetochore COMA complex, showing that there can be subtle 
differences in the topology of interactions (De Wulf et al., 2003; Hornung et al., 
2011; Westermann et al., 2003).  

We have found that the human complex interacts almost negligibly with 
microtubules (G. Alushin, unpublished observation), which has also been reported 
for the yeast complex (Hornung et al., 2011). However, in all species examined 
the Mis12 complex interacts tightly with the Spc24-25 half of the Ndc80 complex, 
thereby tethering Ndc80’s microtubule-binding activity to the kinetochore 
(Cheeseman et al., 2006; Hornung et al., 2011; Maskell et al., 2010; Petrovic et al., 
2010) Thus, it is apparent that the Mis12 complex serves as an assembly hub, 
linking DNA-binding inner kinetochore components with the microtubule binding 
and SAC signaling components of the outer kinetochore. An interaction node like 
Mis12 the complex could obviously act as a point of regulation for kinetochore 
assembly, but this hypothesis has not yet been examined in detail. 
 
1.4.3 The Ndc80 Complex 
 
 Originally isolated in a yeast-two hybrid screen for factors which interact 
with the retinoblastoma protein (Durfee et al., 1993), the human version of the 
eponymous Ndc80 protein (known as HEC1 for Highly Expressed in Cancer) was 
the first to be characterized in detail (Chen et al., 1997). Chen and colleagues 
observed that the Hec1 protein was important for the progression of mitosis, and 
that it localized to centromeres. A proteomics study of spindle-associated proteins 
in budding yeast soon thereafter identified a homolog (Wigge et al., 1998), and the 
same authors subsequently purified the full 4-protein complex, composed of 
Ndc80, Nuf2, Spc24 and Spc25 (Wigge and Kilmartin, 2001). The vertebrate 
versions of the complex in humans (DeLuca et al., 2005; DeLuca et al., 2003; 
DeLuca et al., 2002) and Xenopus (McCleland et al., 2003; McCleland et al., 
2004) were discovered and characterized shortly thereafter.  
These cell biology studies established that the Ndc80-Nuf2 half of the complex 
was particularly critical for spindle engagement (DeLuca et al., 2002; McCleland 
et al., 2003), and that the Spc24-25 half of the complex was required for 
kinetochore localization (McCleland et al., 2004). It was subsequently shown that 
interfering with the N-terminal globular domain of Hec1 through antibody 
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microinjection strongly affected kinetochore microtubule dynamics, suggesting 
that the complex played a particularly prominent role in kinetochore-microtubule 
attachment (DeLuca et al., 2006). In vitro studies later demonstrated a direct 
interaction between the Ndc80/Nuf2 half of the complex with microtubules 
(Cheeseman et al., 2006; Ciferri et al., 2008; Wei et al., 2007). In addition to being 
necessary for kinetochore-microtubule interactions, the Ndc80 complex is required 
for the proper operation of the SAC (DeLuca et al., 2003; Martin-Lluesma et al., 
2002; McCleland et al., 2003), as the Mad1/Mad2 signaling molecules no longer 
properly localized to unattached kinetochores in the absence of the complex. Thus, 
both the mechanical (spindle engagement) and chemical (signaling proper 
attachment) functions of the kinetochore depend on the Ndc80 complex, which is 
a linchpin of kinetochore function. 

Chen and colleagues had recognized from the outset that the Hec1 protein 
probably contained an elongated coiled-coil (Chen et al., 1997). Reconstitution 
studies of the yeast and human complexes demonstrated that this was correct and 
that the entire complex was elongated rod (Ciferri et al., 2005; Wei et al., 2005). 
They found that the complex was a ~170-190 kDa heterotetramer that featured 
each subunit in a 1:1:1:1 stoichiometry (Figure 1.12A). Each of the component 
proteins features a globular head domain and a coiled-coil stalk that mediates 
dimerization into subcomplexes: Ndc80 with Nuf2 and Spc24 with Spc25 (Ciferri 
et al., 2005; Wei et al., 2005). The tetramerization interface is formed by the 
dimerized coiled-coils, resulting in an elongated dumbbell architecture. 
Algorithms predict a break in the heptad repeat of the Ndc80-Nuf2 coil-coil 
halfway along its length. Negative stain EM images of the yeast complex showed 
it to be ~60nm long and flexible, with an apparent hinge point at the predicted 
break (Wang et al., 2008), a feature I demonstrate to be conserved in the human 
complex (see 4.2.1). This region of the complex may allow it sufficient flexibility 
to “search” the volume near the kinetochore for microtubules (Wang et al., 2008) 
and engage them with the proper geometry (see 4.4); it may also act as a binding 
site for other factors (Maure et al., 2011), possibly adopting different 
conformations depending on whether the complex is under tension (Wang et al., 
2008).  

Crystal structures are available for both “head” domains of the complex, 
making it the only KMN member that has been subjected to high-resolution 
structural analysis (Figure 1.12B), although substantial efforts are underway in the 
case of the Mis12 complex (A. Musacchio and S. Harrison, personal 
communications). Spc24 and Spc25 share the same fold, which is unique (Wei et 
al., 2006). They form a tight dimer, which mediates kinetochore association by 
direct interaction with the Mis12 linker complex (Maskell et al., 2010; Petrovic et 
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al., 2010). The Ndc80-Nuf2 head is formed by the tandem association of calponin-
homology (CH) domains contributed by each protein (Ciferri et al., 2008; Wei et 
al., 2007) and mediates microtubule binding (Cheeseman et al., 2006; Ciferri et al., 
2008; Wei et al., 2007). Initially characterized as a common fold in actin binding 
proteins (Sjoblom et al., 2008), tandem CH domains are also found in the dimeric 
plus-end tracking EB family (Buey et al., 2011; Hayashi and Ikura, 2003). In 
another interest example of evolutionary cross-talk between the two cytoskeletons, 
the spindle cross-linking protein PRC1 features a spectrin domain (Subramanian et 
al., 2010) 

In addition to the Ndc80-Nuf2 head, microtubule association of the Ndc80 
complex depends on the disordered N-terminal tail of the Ndc80 protein (Figure 
1.12); both elements are critical for kinetochore-microtubule interactions in vitro 
and in vivo (Ciferri et al., 2008; Guimaraes et al., 2008; Miller et al., 2008; Wei et 
al., 2007). The tail is the site of phosphorylation by the Aurora B kinase 
(Cheeseman et al., 2002; Cheeseman et al., 2006; DeLuca et al., 2006), which 
reduces the affinity of the Ndc80 complex for microtubules in vitro (Cheeseman et 
al., 2006; Ciferri et al., 2008) and is involved in destabilizing erroneous 
kinetochore-microtubule attachments in vivo (DeLuca et al., 2006; Guimaraes et 
al., 2008; Miller et al., 2008; Tanaka et al., 2002). The tail is highly enriched in 
positive charges, leading to the proposition that it interacts with the negatively 
charged E-hooks of tubulin (Ciferri et al., 2008; Miller et al., 2008), a model 
which I demonstrate is only partially correct and represents a dramatic 
oversimplification of the surprisingly diverse array of tail binding modalities (see 
Chapter 3). Although an unstructured, Aurora B-regulated tail is a conserved 
feature of the Ndc80 protein in all eukaryotes, the region is highly divergent in 
sequence and length, making functionally relevant features difficult to identify by 
bioinformatic methods. Intriguingly, most non-motor microtubule binding proteins 
seem to feature a non-conserved, positively charged tail, including +TIPS 
(Akhmanova and Hoogenraad, 2005), cross-linking proteins such as PRC1 
(Subramanian et al., 2010), and other microtubule binding proteins of the outer 
kinetochore, including CENP-E and CENP-F (G. Alushin and V. Musinipally, 
unpublished observations).  

The Ndc80-Nuf2 head domain has also been reported to be a 
phosphorylation target of the Nek2 kinase, at Hec1 residue S165 (Chen et al., 
2002). Surprisingly, this modification has the opposite effect of Aurora B 
phosphorylation, increasing the affinity of the complex for microtubules (Du et al., 
2008) and promoting stable kinetochore-microtubule attachments (Chen et al., 
2002; Du et al., 2008). One appealing hypothesis is that Nek2 phosphorylation 
licenses the activity of the Ndc80 complex at the G2/M phase transition, when 
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Nek2 is activated. Chen and coworkers found that a non-phosphorylatable Ndc80 
mutant in yeast was stably bound by the kinase, and thus was unable to form 
proper attachments (Chen et al., 2002). Nek2 phosphorylation of Ndc80 has not 
been studied extensively and merits further attention. 
 Although the Ndc80 complex plays a particularly prominent role in 
kinetochore microtubule interactions, it certainly does not act alone. There are 
many other microtubule binding elements in the kinetochore, and it is likely that 
they cooperate to generate robust attachments. In budding yeast, the Ndc80 
complex and the Dam1 complex (discussed in 1.3.3) are both required for viability 
and proper kinetochore function (Westermann et al., 2007). The Ndc80 complex is 
required for Dam1 localization to the kinetochore in vivo, suggesting a tantalizing 
link between the two (Janke et al., 2002). In vitro reconstitution studies recently 
demonstrated that Dam1 acts as a processivity factor for the yeast Ndc80 complex 
(which, unlike the human complex, is a weak microtubule binder), allow it to track 
both depolymerizing and polymerizing microtubule tips and form load-bearing 
attachments (Lampert et al., 2010; Tien et al., 2010). This interaction, which was 
only observed in the presence of microtubules, was abolished upon Ipl1 
phosphorlyation of the complexes (Lampert et al., 2010; Tien et al., 2010), both of 
which are verified Aurora B targets in vivo (Cheeseman et al., 2002). This 
suggests that Aurora B can modulate the interactions between kinetochore 
complexes in addition to their interactions with microtubules: we corroborate this 
finding in the case of the human Ndc80 complex (see 2.3.2 and Chapter 3). There 
is no homolog of the Dam1 complex in vertebrates, although the Ska complex has 
recently been identified as a possible functional equivalent. 
 
1.4.4 Beyond the KMN: Ska, a vertebrate equivalent of Dam1? 
 
 Originally identified in a mass-spectrometry proteomics screen for new 
spindle factors (Sauer et al., 2005) Ska1 (Spindle and Kinetochore Associated) 
was shortly thereafter demonstrated to be a kinetochore protein that interacted 
with a partner, Ska2 (Hanisch et al., 2006). Cells depleted of Ska complex proteins 
showed strong anaphase phenotypes, and, interestingly, Ska complex localization 
to kinetochores was dependent on the Ndc80 complex and microtubules, 
reminiscent of the Dam1 complex. The complex appears only to be present in 
higher eukaryotes and not fungi, the inverse of Dam1. Three back-to-back papers 
identified a third member of the complex, called either Ska3 or Rama1, and 
demonstrated that the full complex was essential for stable kinetochore-
microtubule attachments in animal cells (Gaitanos et al., 2009; Theis et al., 2009; 
Welburn et al., 2009). These studies thus established that the Ndc80 complex is 
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insufficient to generate robust attachments on its own, as it is still present at 
kinetochores depleted of the Ska complex. 
 In vitro studies by Welburn and co-workers demonstrated that the 3-protein 
complex appears to dimerize in solution, as does the Dam1 complex (Welburn et 
al., 2009). Furthermore, they showed that the complex binds to microtubules with 
high-affinity, and is capable of coupling the movement of a microsphere to 
microtubule polymerization under load. Negative stain EM images of the complex 
bound to microtubules under saturating conditions showed a fluffy-looking pattern 
of decoration, with some evidence of oligomers that the authors (in my opinion 
overly optimistically) called rings. While there are many similiarities between the 
Ska complex and Dam1, it appears that the analogy does not extend to the ability 
of the complex to robustly form rings around microtubules, at least in the absence 
of other factors. 
 Very recently it was shown that Aurora B phosphorylates Ska1 and Ska3 
both in vivo and in vitro, and that this modification antagonizes the ability of the 
complex to interact with the KMN network in vivo, disrupting its kinetochore 
localization (Chan et al., 2012). This same study claims that the Ska complex 
interacts with Ndc80 complex components in yeast 2-hybrid experiments, further 
evidence that Ska is a functional equivalent of Dam1. Extensive characterization 
of the complex’s interaction with microtubules, in the presence and absence of 
KMN members (particularly Ndc80) will be required to further explore this 
enticing hypothesis. 
 
1.5 Rationale and Goals 
 
 When I began my graduate work, it had recently been revealed that the 
Ndc80 complex, as the primary conserved microtubule binding arm of the KMN 
network, was particularly important for the formation of robust kinetochore-
microtubule attachments in all eukaryotes (Cheeseman et al., 2006). However, at 
that point, almost all biophysical studies of kinetochore-microtubule interactions 
had focused on the Dam1 complex. Several groups were beginning to successfully 
purify the Ndc80 complex, and the Harrison group had reported the structure of 
Ndc80’s CH domain (Wei et al., 2007), suggesting that structural studies of the 
complex’s interaction with microtubules might be feasible.  

Thus, I set out to understand how the Ndc80 complex interacts with the 
microtubule lattice. We posited that a structure of the Ndc80-microtubule interface 
would reveal how the interaction could be regulated and also how the complex 
would react to the conformational changes in tubulin that accompany microtubule 
dynamics, with potential repercussions for force-coupling models.  
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A major technical breakthrough that enabled this work (and indeed most 
current research on the Ndc80 complex) was the development of the Ndc80 
“bonsai”, a minimal heterodimeric version of the complex where chimeric fusions 
of Ndc80 with Spc25 and Nuf2 with Spc24 eliminate the long central coiled-coil 
stalk and flexible hinge, enabling structural studies (Ciferri et al., 2008). The 
Musacchio lab succeeded in crystallizing a version of the bonsai which lacked the 
Ndc80 N-terminal tail (bonsai-∆(1-80)) (Figure 1.12B), revealing that Ndc80 and 
Nuf2 formed a “foot” from tandem CH domains that was the microtubule-binding 
interface of the complex. However, the removal of the N-terminal tail, the site of 
phosphorylation by the Aurora B kinase, left the question of how the complex’s 
interaction with microtubules is regulated completely open. Determining the 
mechanistic role of this segment was thus a primary goal of this project. 

It was also clear that a full understanding of the kinetochore-microtubule 
interface would require looking beyond any single complex, and indeed I initially 
set out to reconstitute the full KMN network in budding yeast, unfortunately 
without success. However, our structural studies of another KMN member, the 
Mis12 complex, have provided some insight into how it interacts with Ndc80 and 
also its connection point to the inner centromere, CENP-C, results which are 
detailed in Chapter 4. We have also been attempting to characterize the Ndc80-
Dam1 interaction in the budding yeast system, thus far without extensive progress, 
although my bioinformatics studies may have revealed the path towards isolating 
this elusive interface. Reconstituting the interactions between kinetochore 
complexes stands out as an exceptionally important goal for future studies.
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Chapter 2: Ndc80’s interaction with the microtubule lattice 
 
2.1 Ndc80’s binding site on tubulin 
 

To investigate how the Ndc80 complex binds microtubules, we used cryo-
EM to image a version of the Ndc80 bonsai complex with an intact N-terminal tail 
bound to taxol-stabilized microtubules under saturating conditions (see Materials, 
Methods, and Protocols for details of the biochemical preparations). Since the 
microtubule is a pseudo-helical polymer, we reasoned that if the complex bound 
regularly we would be able to use the symmetry of the sample to generate a 3-
dimensional reconstruction, as had been done decades ago for kinesin (Kikkawa et 
al., 1995). This proved to be the case, although the complex adopted an 
unexpected arrangement on the microtubule surface. We eventually arrived at a 
sub-nanometer resolution reconstruction, which, along with supporting 
experiments, we reported in the article “The Ndc80 kinetochore complex forms 
oligomeric arrays along microtubules” (Alushin et al., 2010), the results of which 
are presented in the following chapter. 
 
2.1.1 Ndc80 binds with a novel monomeric repeat 
 
 To visualize Ndc80 bonsai bound to the microtubule surface, 100 cryo-EM 
micrographs were collected on KODAK SO-163 film with a Tecnai F20 electron 
microscope operating at 200 kV at a nominal magnification of 50,000X with dose 
of 15 electrons/Å2 between 1.2 µm and 2.2 µm underfocus (Figure 2.1A). 
Micrographs were digitized with a Nikon Super CoolScan 8000 scanner with a 
step size of 6.35 µm. After digitization the power spectra of carbon present in each 
image was examined, and images lacking Thon rings to at least 8 Å were 
excluded. 

Unless otherwise indicated, all processing steps were implemented with the 
SPIDER package (Frank et al., 1996). The pixel size of the digitized micrographs 
was calibrated to be 1.24 Å by examination of the power spectrum of samples of 
Tobacco Mosaic Virus (TMV) imaged under identical conditions. CTF parameters 
were estimated for each image using the program CTFFIND3 (Mindell and 
Grigorieff, 2003). Images were divided into three approximate defocus groups (1.2 
µm, 1.7 µm, 2.2 µm). Segments 768 pixels long were extracted from the 
micrographs with the helix option in BOXER (Ludtke et al., 1999), using 90% 
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overlap (Egelman, 2000). Pixel intensities were normalized, and large-scale 
gradients in intensity due to variations in ice thickness were subtracted. A two-
dimensional Wiener filter was then applied to each segment, with the intention of 
aiding the detection of highly ordered segments, which should diffract to high-
resolution. Subsequent experience has demonstrated that this step is not necessary 
for robust classification based on helical quality, and may in fact be detrimental in 
cases with a low signal-to-noise ratio in the low spatial frequency regime, as 
amplification of high-resolution spatial frequency components in raw images 
drives alignment based on noise rather than signal. The segments were then 
masked such that each image contained approximately 2 turns of the 1-start helix, 
corresponding to 78 asymmetric units, and decimated three-fold to a pixel size of 
3.72 Å. 
 We then subjected the data to reference-free two-dimensional classification 
as described (Ramey et al., 2009). This method successfully sorts segments based 
on protofilament number and helical quality, as is apparent in Figure 2.2. Since 
microtubules can incorporate varying numbers of protofilaments in vitro (Wade et 
al., 1990), and segments vary in their quality, this method is used as an alternative 
to assessing each individual microtubule by manual inspection of moiré patterns 
and power spectra. Out of an initial set of 10,253 segments, only 1,475 were 
members of classes which corresponded to well-ordered 13 protofilament 
microtubules and were selected for further processing. 
 Class averages show densities protruding from the microtubule (Figure 
2.1B) with the chevron-like orientation also reported for the C. elegans complex 
(Cheeseman et al., 2006; Wilson-Kubalek et al., 2008). Power spectra of class 
averages show layer lines at 1/40 Å-1 (and subsequent orders), corresponding to 
the spacing of the tubulin monomer (Sup. Fig. 1B, bottom right), but lacked the 
1/80 Å-1 layer line typically observed for microtubule-binding proteins which 
recognize the tubulin heterodimer (des Georges et al., 2008; Hoenger and Gross, 
2008; Mizuno et al., 2007). This result suggested that Ndc80 binds to each tubulin 
monomer.  

A helical reconstruction of the C. elegans complex suggested alternating 
binding of the two CHDs to strong and weak sites present in each tubulin dimer 
(Wilson-Kubalek et al., 2008). In order to determine the arrangement of the Ndc80 
complex on the MT lattice without imposing any symmetry or averaging, we 
obtained tomographic reconstructions of negatively-stained MTs saturated with 
Ndc80 bonsai. Tilt series were collected on a 2kx2k CCD camera from -60° to 60° 
using a JEOL 3100 microscope operating at 300 kV at approximately 2 µm 
underfocus with a nominal magnification of 40,000X. The acquisition was 
performed semi-automatically using a version of SerialEM (available at: 
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http://bio3d.colorado.edu) adapted for operating JEOL microscopes. Raw 
tomographic image stacks were aligned either manually with the eTomo suite of 
progams, or automatically using the software RAPTOR (Amat et al., 2008). 
Tomographic reconstructions were constructed using the eTomo suite of programs 
and visualized using the IMOD software package (Kremer et al., 1996). Single 
volume slices allow us to visualize individual tubulin monomers and bound Ndc80 
molecules (Figure 2.1C), which are found with a 40 Å spacing within the 
thickness of a single protofilament. Thus, the human Ndc80 complex binds both 
α- and β-tubulin monomers. 
 
2.1.2 High-resolution 3D analysis 
 

Segments from defocus groups were combined prior to IHRSR with 
SPIDER. Using a naked microtubule as a reference, the reconstruction converged 
after 10 rounds of refinement. Particles with cross-correlation scores more than 
one standard deviation below the mean were excluded, corresponding to 
approximately 30% of the data. The final refined helical parameters correspond to 
a rise of 42.7 Å per tubulin monomer. This is slightly greater than the reported 
value of 41.7 Å for taxol-stabilized microtubules (Arnal and Wade, 1995), but 
could result from an error in our pixel size estimation since TMV was not 
observed in situ. The full three-start symmetry of the microtubule was applied 
after refinement was complete by real-space averaging. The resolution of the 
reconstruction at this stage was limited to approximately 20 Å (bronze 
reconstruction, Figure 2.3), as filtering the volume at higher resolution did not 
reveal any additional features. 

This limit in resolution was found to be at least partially due to limited 
pixel sampling. With no further alignment of the particles, simply reducing the 
decimation factor of the original CTF-corrected data from three-fold to two-fold 
(2.48 Å/pixel) resulted in a discrete jump in resolution, to approximately 12-15 Å 
resolution (silver reconstruction, Figure 2.3). The mask on each particle was 
removed at this stage, increasing the number of asymmetric units incorporated into 
the reconstruction, since not all segments incorporated into the reconstruction 
were from adjacent positions in microtubule filaments. Approximately 50,000 
asymmetric units were incorporated, and secondary structure elements began to be 
visualized when a B-factor of -450 Å2 was applied with the program bfactor 
(available at: http://emlab.rose2.brandeis.edu/software) using the cosine edge 
mask option with a radius of 8.5 Å.  
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This model was used as the input for final refinement in FREALIGN. 
FREALIGN (Grigorieff, 2007) was originally designed to work with single 
particle images. To work with helical particles, we implemented a helical 
symmetry operator (symmetry operator H in Frealign) and followed a 
reconstruction algorithm described previously (Sachse et al., 2007). Briefly, the 
stack of overlapping sections of the helical particles is processed as a conventional 
single particle stack except for the following differences: Masking of the helical 
sections is done using a rectangular mask that is aligned with the helical axis of 
the particle in each section. Using the helical symmetry operator, a set of Euler 
angles and shifts producing equivalent views for each section can be calculated. 
Using this set of alignment parameters, each section is inserted multiple times into 
the reconstruction. The number of insertions is matched to the degree of overlap 
between helical sections such that it corresponds to the number of symmetry-
related subunits contained in the non-overlapping part of each section. In the case 
of the Ndc80-decorated microtubules, the unique, non-overlapping area of the 
filament was chosen to contain approximately one helical turn of 13 subunits. In 
addition to this, the 3-start helical symmetry of the 13 protofilament microtubule 
increased the number of unique subunits per segment 3-fold, to 39. Therefore, in 
the present case, each helical segment is inserted into the 3D reconstruction 39 
times using Euler angles and shifts that represent equivalent views of the particle. 
The final reconstruction is masked using a cylindrical mask with user-defined 
radius, and the helical symmetry is imposed in real space (option BEAUTIFY in 
FREALIGN) to remove the small density gradient along the helical axis due to the 
reconstruction algorithm (Sachse et al., 2007). 

For the refinement of Euler angles and shifts for each helical section, the 
reference projections from the helical reference are masked with a soft-edged 
mask to reset the image density to background level in a 10% margin near the 
edges of the image. This is necessary to avoid truncation of reference projections 
at the edges when applying the small shifts typically observed during alignment. 
Furthermore, the refinement is carried out using the weighted correlation 
coefficient (Stewart and Grigorieff, 2004), but without the use of the absolute 
value. For helical structures, the low-resolution correlation terms are essentially 
insensitive to shifts along the helical axis and, therefore, if the absolute value is 
used, the high-resolution layer lines may be rendered out of phase during 
alignment. Finally, the Euler angles describing in-plane and out-of-plane 
alignments of each section are restrained as previously described (Chen et al., 
2009), but using separate statistics for each segment. No restraints were used for 
the shifts. The final reconstruction was scaled to the same amplitude profile as the 
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input reconstruction, and is shown in gold in Figure 2.3. The final resolution is 8.6 
Å by the FSC (Fourier Shell Correlation) 0.143 criterion. 
 
2.1.3 Site recognition: the Ndc80 toe 

 
Docking of the crystal structures of Ndc80 bonsai lacking the N-terminus 

(bonsai ∆(1-80)) (Ciferri et al., 2008) and tubulin (Lowe et al., 2001a) into our 
cryo-EM reconstruction allowed us to build a pseudo-atomic model of the Ndc80-
microtubule interface (Figure 2.5). The excellent correspondence between our map 
and the crystal structure of bonsai-∆(1-80) argue against major rearrangements in 
the globular domains of the complex upon microtubule binding.  

The surface of the Ndc80 complex binding the MT lattice is minimal, and 
includes the C-terminal end of helix G and the short helices B and F in the Ndc80 
protein. This “toe” recognizes a site between two tubulin monomers, a “toe-print” 
present at both at intra- and inter-dimer interfaces composed of the short helix 
H11’ in one tubulin subunit and the loop connecting H8 with S7 in the other (Fig. 
2.6A, purple and orange, respectively). Superposition of the crystal structures of 
α- and β-tubulin and multiple-sequence alignments show the toe-print to be highly 
conserved between the two tubulin monomers (Fig. 2.6A, bottom), consistent with 
the ability of the Ndc80 complex to recognize them both. The end of the tubulin 
crystal structure marking the beginning of the disordered E-hook of tubulin (Fig. 
2.6A, red), required for high-affinity Ndc80 binding (Cheeseman et al., 2006; 
Ciferri et al., 2008), is adjacent to the toe-print, from where we propose it extends 
and acts as a second, distinct binding site. 

The interface we observe is largely in agreement with mutagenesis analysis 
of Ndc80 residues important for binding (e.g. K123, K166, H176) (Ciferri et al., 
2008). Interestingly, the Nuf2 CHD is not in contact with the surface of the 
microtubule, yet mutations in this region also disrupt binding (Ciferri et al., 2008). 
The positively charged surface of this domain is approximately 15 Å from the E-
hook of a laterally adjacent tubulin monomer and thus could be engaged in an 
electrostatic interaction. Subsequent analysis has shown that this is very likely the 
case (see 3.3.3). 
 
2.2 The toe is a tubulin conformation sensor  

 
During MT disassembly protofilaments bend outwards by kinking of 

tubulin at intra- and inter-dimer interfaces. In spite of its small size, the toe-print 
spans the proposed hinge point between tubulin monomers and could thus be 
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disrupted by tubulin bending (Wang and Nogales, 2005) (Fig. 2.6A). We therefore 
hypothesized that Ndc80’s toe acts as a sensor of the conformational state of 
tubulin and that the complex would bind preferentially to straight protofilaments.  

Using co-sedimentation assays we investigated the ability of Ndc80 bonsai 
to bind vinblastine-induced tubulin spirals (Figure 2.7), a polymer analogous to 
the peels observed at microtubule ends (Wilson et al., 1982). Because spirals 
retain the E-hooks, which make a major contribution to binding affinity, we 
expected the interaction to be reduced, not eliminated. Indeed, we observed a 
modest but statistically significant (p = 0.03, Student’s t-test) reduction in affinity 
for this form of tubulin versus the straight microtubule conformation (Figure 2.6B, 
C). We next sought to delineate the relative contributions of the toe versus the N-
terminus of Ndc80 to tubulin binding. Bonsai-7D, a phosphomimetic construct of 
the 7 Aurora B phosphorylation sites confirmed in vitro (Ciferri et al., 2008), 
showed significantly reduced affinity towards the straight microtubule 
conformation and negligible affinity towards the vinblastine-induced, bent 
conformation, reflecting the increased relative contribution of the toe-print 
interaction to affinity when the N-terminus-E-hook interaction is impaired (Figure 
2.6B, C). This result is consistent with a bipartite binding mechanism, with the 
Ndc80 N-terminus providing affinity without conformation sensitivity, and the toe 
providing a smaller contribution to affinity that is exquisitely sensitive to tubulin 
conformation.  

We next investigated the effect of the complex’s small bias in affinity 
towards straight tubulin. We polymerized tubulin into dynamic microtubules, then 
initiated depolymerization by cooling in the presence and absence of Ndc80 
bonsai. Cold-stable microtubules and straight tubulin sheets were observed only in 
the presence of Ndc80 (Figure 2.6D-E). Together, these results are consistent with 
Ndc80 favoring a straight tubulin conformation, and with this specificity being 
mediated by the toe. Our studies also indicate that Ndc80 has a stabilizing effect 
on microtubules. 
 
2.3 Ndc80 forms oligomers along protofilaments 
 
2.3.1 Ndc80 self-assembles into clusters 
 

In our cryo-EM reconstruction connections appear between Ndc80 
complexes along protofilaments (Figure 2.5A, B), supporting and explaining the 
observed cooperative binding of the complex to MTs (Ciferri et al., 2008; Miller et 
al., 2008). We collected tomograms of negatively-stained microtubules with non-
saturating amounts of Ndc80 complex to see if these densities reflect meaningful 
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Ndc80-Ndc80 interactions. Tilt series were collected from -65° to 65° on a 2kx2k 
CCD camera using a Phillips CM200 microscope operating at 200 kV at 
approximately 2.5 µm underfocus at a nominal magnification of 39,000X. Images 
were filtered to 25-30 Å, before the first phase-inversion of the contrast-transfer 
function, and decimated 2-fold prior to reconstruction as described in 2.1.1. 

We found that the complex forms clusters along protofilaments that retain 
tubulin monomer spacing (Figure 2.8A, E; Figure 2.4A). Decoration was 
heterogeneous, with some microtubules approaching saturation and others almost 
undecorated (Figure 2.8A), a direct manifestation of cooperativity. We do not 
observe ordered Ndc80 self-association in the absence of microtubules (Figure 
2.10). Analysis of the pooled distributions of cluster number and size indicates that 
it is most probable for a complex to be found in a cluster of 4 molecules or in large 
clusters of more than ten molecules (Figure 2.8I, Figure 2.9B). Although it had 
previously been reported that there are 6-8 Ndc80s per microtubule at the 
kinetochore (Joglekar et al., 2008; Joglekar et al., 2006), this estimate was recently 
revised to approximately 20 (Lawrimore et al., 2011), making it possible that 
clusters greater than 10 Ndc80 molecules in size could exist in vivo. Given this 
density it is very likely that Ndc80 molecules will encounter each other on the 
microtubule surface, and, if they exhibit the same behavior as they do in vitro, 
cluster. The clustering behavior of Ndc80 molecules in vivo is a pressing matter 
for future studies. 
 
2.3.2 The N-terminal tail mediates cluster formation 
 

Analysis of our docking results shows densities not accounted for by the 
crystal structures. We attempted to visualize these regions by calculating a 
difference-map between the experimental density map and the docked crystal 
structures (Figure 2.11). The map shows positive density peaks adjacent to the C-
terminal end of the tubulin crystal structure, corresponding to the extension of the 
H12 helices in each monomer. Stabilization of these residues upon Ndc80 binding 
is consistent with this region of tubulin contributing to affinity (Cheeseman et al., 
2006; Ciferri et al., 2008). Small extra density is also observed by the toe-print. 
The largest difference density is between the globular domain of Nuf2 and the αH-
αI helical hairpin of Ndc80, with a series of small peaks running along the groove 
between two longitudinally adjacent complexes, connecting this region with the 
N-terminal end of the bonsai-∆(1-80) crystal structure. The most parsimonious 
explanation of this path of density is that it corresponds to the N-terminus of 
Ndc80. We propose that the N-terminus mediates weak contacts between the 
globular heads of Ndc80 and Nuf2 before making a strong contact, 
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corresponding to the major density peak. It then could bind the C-terminus of 
tubulin (necessary for high-affinity), likely in an adjacent protofilament. The total 
mass (80 residues) of the N-terminus is not accounted for by these densities, which 
probably correspond to ordered points of contact formed by this mostly 
unstructured polypeptide. 

In agreement with this proposal, we found that bonsai-∆(1-80) was 
deficient in cluster formation (Figure2.8B, F, I). The presence of some clusters of 
two complexes suggests that the N-terminus is the major but not sole molecular 
determinant of clustering. We found that bonsai-7D showed a clustering 
phenotype similar to bonsai-∆(1-80), with a cluster size of 1 molecule being the 
most probable despite a higher average surface density, and a few clusters of 
moderate size (Figure 2.8C, G, I). We therefore conclude that the N-terminus of 
Ndc80 mediates Ndc80-Ndc80 interactions, as previously speculated (Ciferri et 
al., 2008), and that phosphorylation at Aurora B sites is capable of modulating this 
binding. 

Next, we dissected the N-terminus’s differential contributions to affinity 
and cooperativity. Subtilisin cleavage of the E-hooks from tubulin significantly 
reduces affinity of Ndc80 for MTs (Cheeseman et al., 2006; Ciferri et al., 2008; 
Miller et al., 2008). As expected, after this treatment we found a significantly 
lower average surface density of Ndc80 compared to un-cleaved MTs (Figure 
2.8D, H, I). If the N-terminus of Ndc80 were only contributing indirectly to cluster 
formation by increasing microtubule-binding affinity, the cluster size distribution 
for this condition should be similar to the N-terminus mutants. Instead, we observe 
a most probable cluster size of 3 molecules, despite an average surface density 
lower than that of N-terminus-7D (Figure 2.8I). This observation strongly supports 
our hypothesis that the Ndc80 N-terminus forms specific intermolecular 
interactions between complexes on the MT surface. It also supports cluster 
formation occuring after MT binding, since the average cluster size on subtilisin-
cleaved MTs is smaller than on uncleaved MTs. 
 
2.4 Role of clusters in mitosis 
 

It was recently demonstrated that Aurora B’s activity is governed by spatial 
localization rather than directly by tension (Liu et al., 2009), confirming previous 
proposals (Andrews et al., 2004; Tanaka et al., 2002). Based on this finding, we 
envision a scenario where Ndc80 complexes begin phosphorylated at an 
unattached kinetochore (Figure 2.12)(Santaguida and Musacchio, 2009). When the 
kinetochore encounters a microtubule, individual Ndc80 heads would initially bind 
it through a low-affinity interaction. The bound heads would escape the Aurora B 
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phosphorylation zone provided that intra-kinetochore stretching increased 
asmicrotubule binding by additional heads allowed the site to come under tension 
(Maresca and Salmon, 2009). This could occur via straightening of the flexible 
Ndc80 complex itself (Wang et al., 2008) (Figure 2.12) or by the stretching of a 
compliant link in the inner kinetochore (Wan et al., 2009). As the phosphorylation 
zone is cleared, phosphatase activity (possibly KMN network-localized Protein 
Phosphatase 1 (Liu et al., 2010)) would dephosphorylate the N-terminus of Ndc80, 
resulting in the formation of high-affinity Ndc80 clusters. 

Once assembled, the cluster arrangement is consistent with Ndc80 
maintaining load-bearing attachments via biased diffusion (Hill, 1985) (Figure 
2.13A), as proposed from functional studies (Powers et al., 2009). An alternative 
model, based on shuffling, is also consistent with our data (Figure 2.13B). Our 
results support a biased-diffusion model with significant differences from previous 
studies presuming either a continuous sleeve (Hill, 1985) or sites uncoupled from 
the subunit spacing of the microtubule (Powers et al., 2009). We propose that a set 
of identical, coupled binding sites assemble to form linear arrays along 
protofilaments that match the longitudinal subunit spacing of the MT, only after 
the kinetochore comes under tension. Consistent with this hypothesis, outer 
kinetochore rearrangement upon microtubule interaction has been observed in 
vivo (Dong et al., 2007).  

A cluster could diffuse on the microtubule lattice, but its diffusion would 
become biased at a microtuble end. Thus, a shrinking microtubule would pull the 
attached chromatid polewards. Cluster diffusion should be facilitated by the 40 Å 
rather than 80 Å spacing of the Ndc80 complexes, with a shorter distance to the 
transition state between binding sites during diffusion. Thus, monomer binding 
may have evolved to enable a biased-diffusion mechanism with sufficiently rapid 
kinetics (40 Å is the smallest step a MT-binding element with a specific footprint 
can take longitudinally along the microtubule). Our finding that the Ndc80 toe 
serves as a tubulin conformation sensor suggests MT subunit loss is not required 
to bias diffusion: the curving of protofilaments at a depolymerizing end would 
suffice (Lombillo et al., 1995). Depolymerizing ends have been observed at 
metaphase kinetochores in vivo, apparently stabilized by attached filaments of 
unknown identity (McIntosh et al., 2008). 

While the loss of net affinity of the cluster could bias diffusion to regain 
binding energy in the context of a biased-diffusion model, it also introduces the 
possibility of an alternative mechanism by shuffling (Figure 2.13B). In this model 
the curved protofilaments will “pop off” the foremost Ndc80 complex in the 
cluster facing the plus end. The detached head is then most likely to reattach to the 
other end of the cluster, driven by the cooperativity of the arrangement. Here the 
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40 Å repeat is critical for appropriate geometry of Ndc80-Ndc80 interactions. A 
biased diffusion model is supported by the observed diffusion of single Ndc80 
complexes on the microtubule lattice (Powers et al., 2009) and the ability of the 
complex to track depolymerizing microtubule ends under load (McIntosh et al., 
2008; Powers et al., 2009). The two models are experimentally distinguishable by 
investigating if clusters are capable of diffusion, and by observing the turnover 
rate of complexes within clusters. 
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Chapter 3: Disordered protein domains govern Ndc80’s 
regulated microtubule binding 
 

In the previous chapter I presented our initial studies of the human Ndc80 
bonsai complex bound to the microtubule (Alushin et al., 2010), revealing the tail-
dependent oligomerization of the complex on the microtubule surface and the 
details of the interaction between the Ndc80 CH domain and tubulin’s globular 
domains. Here I extend my analysis of the 80 amino-acid Ndc80 tail, delineating 
in detail its interactions with tubulin and the Ndc80 complex when bound to the 
microtubule. The tail is the site of phosphorylation by the Aurora B kinase 
(Cheeseman et al., 2002; Cheeseman et al., 2006; DeLuca et al., 2006), which 
reduces the affinity of the Ndc80 complex for microtubules in vitro (Cheeseman et 
al., 2006; Ciferri et al., 2008) and is involved in destabilizing erroneous 
kinetochore-microtubule attachments in vivo (DeLuca et al., 2006; Guimaraes et 
al., 2008; Miller et al., 2008; Tanaka et al., 2002). Although an unstructured, 
Aurora B-regulated tail is a conserved feature of the Ndc80 protein in all 
eukaryotes, the region is highly divergent in sequence and length, making 
functionally relevant features difficult to identify by bioinformatic methods. 

Using a combination of biochemical, structural, and cell biological methods 
we dissected the physiological role of specific Aurora B sites and provide support 
for a model in which dynamic Aurora B phosphorylation of the Ndc80 complex 
supports directed chromosome motions during mitosis (DeLuca et al., 2011) in 
addition to promoting proper attachment. This work has not yet been reported and 
is in preparation for publication (Alushin, Musinipally, and Nogales, unpublished 
observations). 
 
3.1 Dissection of the N-terminal tail 
 

Examination of the primary sequence of the Ndc80 N-terminal tail (Figure 
3.1C, F) shows two distinct regions of Aurora B phosphorylation sites separated 
by a proline-rich linker. We refer to the cluster of sites found between amino acids 
40-80 as “zone 1” and those found between amino acids 1-20 as “zone 2.” In the 
previous chapter I presented evidence that the tail plays a role in the formation of 
phospho-regulated Ndc80 clusters along microtubule protofilaments in vitro, 
suggesting that, in addition to forming a direct interaction with tubulin, this 
segment also forms protein-protein interactions between Ndc80 molecules. In 
order to probe these two activities of the tail, we removed this segment from the 
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context of the entire complex, and fused it to GST for structure-function analysis. 
All GST-tail peptides were well-expressed and soluble (Figure 3.5). Guided by the 
position of the two phosphorylation regions we created a number of constructs to 
test MT binding and Ndc80-Ndc80 interactions. 
 
3.1.1 Identification of the microtubule-binding region  
 

We first performed microtubule co-sedimentation assays as described 
(Alushin et al., 2010; Ciferri et al., 2008). We found that the full-length tail 
robustly bound microtubules independently of the CH domains of Ndc80 and 
Nuf2, as had been previously reported (Miller et al., 2008), while GST alone did 
not (Figure 3.1A, D). We found that this activity is conferred by residues 40-80, 
which in our assay bound microtubules as well as the full-length tail, while 
residues 1-40 showed negligible MT binding activity. We made finer truncations 
of this region in three amino-acid steps to identify the minimal tubulin-binding 
region of the tail as residues 47-68 (Figure 3.2A-C), corresponding very closely to 
zone 1 of Aurora B sites. Interestingly, this is the most conserved region of the 
tail, with residues 49-61 showing modest but detectable conservation in all 
eukaryotes except nematodes (Figure 3.2E). Furthermore, most species feature 
prolines adjacent to this region, suggesting that the architecture of the tail may be 
conserved although the sequence is not. 
 
3.1.2 Phospho-regulated interaction between Ndc80 complexes 
 

We next investigated the ability of the tail to interact with Ndc80 in trans. 
Using GST pulldown assays we were unable to detect an interaction between the 
tail and the Ndc80 complex in the absence of microtubules (Figure 3.3), in 
agreement with our finding that the Ndc80 complex does not form clusters in the 
absence of microtubules (Figure 2.10). We thus turned to an indirect assay: we 
mixed MTs with an Ndc80 complex lacking the tail (bonsai-∆(1-80)), which has 
reduced MT binding, in the presence and absence of our GST-tail constructs, 
reasoning that constructs containing both MT-binding and Ndc80 binding 
elements would increase the apparent affinity of the Bonsai-∆(1-80) for 
microtubules. We found that only the full-length tail showed this effect (Figure 
3.1B, E), suggesting the N-terminal half of the tail, particularly zone 2, containing 
the second cluster of Aurora B sites, is important for tail-Ndc80 interaction in 
trans in the context of the microtubule. 
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These results suggested an approximate functional segregation of the tail 
into two regions: a tubulin binding region and an Ndc80 binding region, each of 
which contains a cluster of Aurora B sites.  

We next investigated if the two zones of Aurora B sites differentially 
regulated tail-tubulin binding and tail-Ndc80 binding, and by extension Ndc80 
complex microtubule binding and cluster formation, respectively. We made 
phosphomimetic serine to aspartic acid mutations in the seven Aurora B sites that 
have been verified in vitro (Ciferri et al., 2008), in both zones individually and in 
combination. As expected, we found that a fully phosphomimetic tail (GST-tail-
7D) showed significantly reduced microtubule binding when compared to the 
unphosporylated tail (GST-(1-80)) (Figure 3.4A-C). A tail with phosphomimetic 
mutations in zone 1 (GST-4D) recapitulated this impaired binding almost entirely, 
while a tail phosphomimetic in zone 2 still robustly bound microtubules, 
supporting a functional segregation between the two Aurora B zones. 
 
3.2 Interplay between the N-terminal tail and CH domains 
 

We next examined the same set of phosphomimetic constructs, but this time 
in the context of the Ndc80-bonsai complex, where the tail is attached to the 
Ndc80-Nuf2 globular head in cis (Figure 3.4D-F). Again, a fully phospho-mimetic 
tail (bonsai-7D) resulted in reduced microtubule binding, although the effect of 
phosphorylation was more modest, presumably due to the contribution of the 
Ndc80-Nuf2 globular domain to microtubule binding. Indeed, we found that the 
bonsai-Δ(1-80) complex retained a tail-independent residual microtubule binding 
activity, as has been previously reported (Ciferri et al., 2008; Wei et al., 2007). 
Interestingly, phosphomimetic mutations in zone 2 (bonsai-3D) resulted in a 
greater reduction in binding affinity than mutations in zone 1 (bonsai-4D), 
suggesting that in the context of the Ndc80 complex cooperative interactions 
between Ndc80 molecules dominate the apparent microtubule binding affinity. 
Consistent with this observation, an Ndc80 complex lacking the first 40 amino 
acids of the tail (bonsai-∆(1-40)) also shows reduced microtubule binding, even 
though these amino acids do not interact with tubulin (Figure 3.4D-F). This 
construct nevertheless binds microtubules more strongly than the bonsai-3D 
construct, suggesting that phosphorylation of zone 2 results in repulsion between 
Ndc80 molecules.  

To directly investigate the effects of these mutations on Ndc80 
cooperativity, we turned to electron tomography, which allows the direct 
visualization and quantification of Ndc80 clusters along microtubule 
protofilaments (Alushin et al., 2010) (Figure 3.6). Tilt series were collected from 
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-65 to 65 degrees with a Tecnai F20 operating at 120kV using the Leginon 
software package (Suloway et al., 2009). Images were recorded on a Gatan 
Ultrascan 4K x 4K CCD camera at a nominal magnification of 49,000X and 1 
micron underfocus. Images were filtered to 25Å, prior to the first inversion of the 
Contrast Transfer Function, and decimated two-fold prior to performing the 
reconstructions as described previously with the IMOD software package (Kremer 
et al., 1996). 

We found that both the bonsai-4D and bonsai-3D mutants were 
significantly impaired in clustering, with a most probable cluster size of 2 and 1, 
respectively, although both were capable of forming larger clusters than the 
bonsai-7D mutant or a complex completely lacking the tail (bonsai-∆(1-80)). 
These results point to a more complex relationship between Ndc80-microtubule 
binding and Ndc80-Ndc80 interaction than was apparent from the binding assays 
alone, suggesting that the region of the tail that directly interacts with tubulin also 
contributes to Ndc80-Ndc80 binding in the context of a cluster. Interestingly, the 
bonsai-∆(1-40) mutant was still capable of clustering robustly, showing a 
distribution of cluster sizes similar to the wild-type bonsai (Figure 3.6E) even 
though the bonsai-3D mutant did not, consistent with our observation of higher 
MT-affinity for this mutant. This result further supports our model that 
phosphorlyation of zone 2 results in repulsion between Ndc80 molecules, even 
though this region is not strictly required for clustering. 
 
3.3 Visualizing unstructured regions which become ordered upon 
microtubule binding 
 
3.3.1 Improved reconstruction of the Ndc80-microtubule interface 
 

In order to characterize tail-tubulin and tail-Ndc80 interactions in more 
detail, we turned to cryo-electron microscopy structural analysis. Using a novel 
multi-model refinement strategy (Figure 3.7) we were able to generate an 
improved reconstruction of wild-type Ndc80 bonsai bound to the microtubule 
(Figure 3.7A) with a resolution of 7.9 Å (FSC 0.143 criterion, Figure 3.7B). 
Segments were processed by an implementation of the IHRSR method (Egelman, 
2007) in the EMAN 2 (Tang et al., 2007) and SPARX (Hohn et al., 2007) 
processing packages, using naked 13- and 14-protofilament microtubule 
reconstructions as starting references. The 14 protofilament reconstruction was 
further aligned using FREALIGN (Grigorieff, 2007) v8.9, which implements 
helical processing. Since the multi-reference approach was used to sort the 
different symmetry groups, rather than reference-free classification, a larger 
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proportion of the dataset could be aligned and incorporated into the reconstruction 
(5268 segments, corresponding to approximately 220,000 asymmetric units). A B-
factor of -1000 Å2 was applied with a peak at 8.3 Å and high-resolution cutoff of 
7.6 Å, which showed features that matched those of docked crystal structures well. 

In this reconstruction all secondary structural features, including most 
loops, are resolved in both the Ndc80-bonsai globular head and tubulin. At a high 
threshold, two prominent densities are visible which are not accounted for by the 
docked crystal structure of bonsai-∆(1-80) and tubulin: densities 1 and 2 (Figure 
3.8A). Density 1 extends directly from the amino terminus of the docked crystal 
structure of bonsai-∆(1-80) and thus very likely corresponds to the residues 
immediately preceding amino acid 80. Based on its length and assuming an 
extended chain, this density would correspond approximately to residues 67-80, 
thus containing the first Aurora B site found in zone 1.  
 
3.3.2 Structures of N-terminus mutants delineate a path for the tail 
 

We next generated cryo-EM reconstructions of the bonsai-4D and bonsai-
∆(1-40) mutants (Figure 3.9). Data was collected semi-automatically using the 
Leginon software package (Suloway et al., 2005) on a Tecnai F20 electron 
microscope operating at 120 kV. Images were collected on a Gatan Ultrascan 4K x 
4K CCD camera between 1.2 and 2.5 micron underdefocus with a dose of 20 
electrons/Å2 at a nominal magnifcation of 80,000X.  

We found that reconstructions refined with FREALIGN produced noisier 
difference maps, probably because SPARX implements a more modern inverse 
Fourier transform algorithm that introduces fewer artifacts (Nikolaus Grigorieff, 
personal communication), and thus we used the SPARX refined maps. The refined 
14 protofilament reconstructions, which generally incorporated more segments 
and were of higher resolution, were selected for further analysis. The 4 
reconstructions for difference map calculation featured between 1,600 – 2,700 
segments, corresponding to 67,200 – 113,400 asymmetric units, and were all 
better than 13 Å resolution by the FSC 0.5 criterion (Figure 3.9B). 
In order to minimize artifacts caused by differences in data collection or image 
processing, it was necessary that all reconstructions used for difference map 
analysis were performed identically. Therefore, we collected a new dataset of the 
wild-type bonsai bound to the microtubule with Leginon on the CCD camera at 
120 kV. When comparing reconstructions of the bonsai-4D and bonsai-Δ(1-40) 
reconstructions with the wild-type bonsai reconstruction it was apparent that the 
mutants were decorating the microtubule substoichiometrically (Figure 3.9A). 
This interfered with the direct calculation of amplitude scaled difference maps, 
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since the signal from the microtubule outweighed that of the bound Ndc80 bonsai 
in the mutants at low resolution, but was equivalent in the wild-type, where 
stoichiometric binding is observed. Thus, we generated a reconstruction of a naked 
taxol-stabilized microtubule, which we pre-subtracted from the three Ndc80 
bonsai reconstructions without amplitude scaling using the SPIDER software 
package (Frank et al., 1996) after rigid-body docking of the reconstructions using 
the wild-type as the reference in UCSF Chimera.  

We subsequently calculated amplitude-scaled difference maps with 
DIFFMAP, which largely showed positive differences along the expected path of 
the Ndc80 tail and minimal artifacts when filtered to 12 Å resolution. A single 
minor peak was observed between microtubule protofilaments in the case of the 
wild-type bonsai minus bonsai-4D difference map (Figure 3.8B). We also found 
that applying a soft mask to the edges of the segmented volume and padding by 
two before difference map calculation with DIFFMAP reduced edge artifacts. No 
amplitude scaling was performed prior to difference map calculation, which we 
also found to introduce artifacts. 

The difference map analysis (Figure 3.8B) shows distinct peaks of density 
present in the wild-type that are absent from each of the two mutants. The bonsai-
∆(1-40) difference density maps to the location of density 2 in the high-resolution 
reconstruction (Figure 3.8A), suggesting that some of the residues in the 1-40 
region make a major contribution to this density. The Bonsai-4D difference 
density largely maps to the area between densities 1 and 2 and the base of density 
2, consistent with a localization of zone 1 residues (40-67) to this area. 
 
3.3.3 The E-hooks interact with the N-terminal tail and the CH domain of 
Nuf2 
 

An examination of the high-resolution reconstruction at lower threshold 
(Figure 3.10A) shows additional density that extends from the C-terminal end of 
the docked crystal structure of tubulin and thus we assign it to be the tubulin C-
terminus, or “E-hook”. This density connects to both density 2 and the CH domain 
of Nuf2 within an Ndc80 molecule whose toe is bound to a laterally adjacent 
protofilament.  

The density is branched, which has three potential explanations. The first is 
that our map represents a mixture of states in this region, because the tails of α- 
and β-tubulin, which are indistinguishable in our reconstruction and thus averaged 
together, adopt different conformations. Unfortunately, due to the limits of current 
data processing methods we cannot resolve this issue. The second possibility is 
that one of the two branches corresponds to an ordered portion of the N-terminal 
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tail, which is engaging the E-hook. Higher-resolution reconstructions of our N-
terminus mutants could potentially address this possibility. 

The third and most intriguing explanation is that the branch corresponds to 
modification of the E-hooks by polyglutamylation (Edde et al., 1990), a post-
translational modification which is enriched in brain (Redeker, 2010) (the source 
of the tubulin used in our experiments), and the mitotic spindle (Bobinnec et al., 
1998). Extending the chain of α-tubulin’s C-terminus assuming an extended 
conformation suggests that E254, the site of glutamylyation (Edde et al., 1990), 
would be near the branch point (data not shown), suggesting that this is a plausible 
explanation. If Ndc80 were sensitive to the glutamylation state of tubulin, it would 
allow for an additional layer of regulation of the interaction between kinetochores 
and microtubules. This hypothesis could be explored by testing if Nd80 shows 
reduced affinity for de-glutamylated microtubules, an experiment currently 
rendered difficult by the lack of purified de-glutamylating enzymes (Rogowski et 
al., 2010) 

The site of contact within the CH domain of Nuf2 corresponds to a 
positively charged patch (Figure 3.10C) previously identified as being important 
for microtubule binding in vitro (Ciferri et al., 2008). In vivo it was found that 
multiple charge-reversal substitutions in this patch were required to see a 
phenotype (Sundin et al., 2011), consistent with an electrostatic interaction 
between Nuf2’s positive patch and the negatively charged tubulin tail. The contact 
with density 2 (Figure 3.10B) corresponds to an interaction between the Ndc80 tail 
and tubulin’s C-terminus, which has been previously suggested (Guimaraes et al., 
2008; Miller et al., 2008). Based on the difference map analysis of the bonsai-∆(1-
40) and our biochemical data with the GST peptides, we propose that the base of 
density 2 corresponds to residues in zone 1 that directly interact with tubulin, 
while the remainder of density 2 is composed of residues in the 1-40 region that 
become ordered upon Ndc80 cluster formation, potentially including zone 2 
(Figure 3.10B). In the context of the cluster arrangement, the tubulin binding 
region of the tail is precisely positioned by the tail-Ndc80 interaction, suggesting 
that microtubule binding and cluster formation are intimately linked. We find that 
the tail is unable to effectively compete with the wild-type bonsai complex for 
microtubule binding sites (Figure 3.11). Collectively our results supports a 3-way 
interaction between the tail, the Ndc80 globular head, and the microtubule that is 
significantly stronger than the binary tail-microtubule interaction. Such model is in 
agreement with our finding that the presence of the tail increases the microtubule 
binding of the bonsai-∆(1-80) complex (Figure 3.1B, E) . 
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3.4 The N-terminal tail can interact with the microtubule lattice 
independently of the E-hooks 
 

While we now have a relatively complete description of Ndc80’s 
microtubule binding mechanism in the context of a cluster, how the complex 
engages the microtubule prior to cluster formation remains less clear. Mutagenesis 
studies suggest that conserved positively charged residues in Ndc80’s toe are 
critical for microtubule binding and the progression of mitosis, suggesting that this 
interface plays an important role in microtubule recognition (Sundin et al., 2011; 
Tooley et al., 2011). However, it is likely that the tail also engages the microtubule 
prior to binding another Ndc80 molecule in trans, and our initial expectation was 
that this contact would involve the C-terminus of tubulin, just as it does in the 
context of the cluster. Surprisingly however, we find that the GST-(1-80) tail 
construct is capable of binding subtilisin-cleaved microtubules, which lack the C-
terminus of tubulin, with much higher affinity than either the wild-type bonsai 
construct, which, as reported, has reduced affinity for subtilisin-cleaved 
microtubules (Ciferri et al., 2008), or the bonsai-∆(1-80) complex (Figure 3.12). In 
our high-resolution reconstruction of wild-type bonsai bound to the microtubule, 
which represents the clustered state, it is apparent that the tail is restricted to an 
interaction with the C-terminus of tubulin, suggesting that the tail in the absence of 
the globular head is engaging the microtubule in a different way. 

It is tempting to speculate that this represents the pre-cluster state, where 
the globular head and tail can access different MT binding sites before 
encountering another Ndc80 molecule on the microtubule surface. Curiously, we 
find that the minimal tubulin-binding module we delineated is more sensitive to 
subtilisin cleavage than the full-length tail (Figure 3.12B, C). It is thus tempting to 
speculate that zone 2 may be involved in contacts with the microtubule lattice in 
this context, thus representing a “switch” region which can bind either Ndc80 or 
tubulin depending on clustering status. We were unable to generate a cryo-EM 
reconstruction of the tail alone bound to the microtubule with sufficient resolution 
to visualize this interface (data not shown). 
 
3.5 Coupling reversible Ndc80 clustering to chromosome dynamics 
 

The existence of two different zones of Aurora B sites, one of which 
probably regulates both Ndc80-tubulin and Ndc80-Ndc80 interactions (zone 1), 
the other of which apparently negatively regulates Ndc80-Ndc80 interactions 
(zone 2), suggests that there may be multiple mechanisms by which Aurora B can 
regulate the Ndc80-microtubule interface. In our reconstruction of Ndc80 bound to 
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the microtubule, residues in zone 2 are located on the periphery of the cluster and 
are thus presumably accessible to Aurora B, while residues in zone 1 are more 
buried within the cluster and thus are presumably inaccessible to Aurora B once a 
cluster has formed. This explains the recent report that, while all Aurora B sites in 
the tail are highly phosphorylated in early stages of mitosis, sites in zone 2 retain 
an intermediate level of phosphorylation throughout mitosis (DeLuca et al., 2011). 
Our finding that phosphorylation in zone 2 negatively regulates cluster formation 
suggests that the cell may dynamically regulate the degree of Ndc80 clustering 
throughout mitosis, even after microtubule attachment has occurred.  
 During metaphase, aligned chromosomes undergo oscillatory motions 
across the metaphase plate with a period of tens of seconds (Figure 3.13B) (Amaro 
et al., 2010; Skibbens et al., 1993). During these motions, one sister kinetochore is 
moving away from the spindle pole to which it is attached (AP), and the other is 
moving towards its associated pole (P). Since each kinetochore is attached to tens 
of microtubules, the dynamics of the associated microtubules must be coordinated: 
the AP associated microtubules must polymerize to span the increasing distance 
between the kinetochore and the pole, and the P associated microtubules must 
concomitantly depolymerize. How a kinetochore coordinates the dynamics of its 
associated microtubules is a complexquestion that likely involve a number of 
microtubule interacting partners affecting their assembly and disassembly (e.g. 
+TIPs, motors, depolymerases). 
 It is generally agreed that Aurora B activity is directly or indirectly 
governed by tension. Although it has not been investigated with high temporal 
resolution, it is likely that the AP kinetochore is in a high-tension state, 
corresponding to low Aurora B activity, and the P kinetochore is in a low-tension 
state, corresponding to higher Aurora B activity. An unattached kinetochore is in a 
zero-tension state and thus corresponds to maximal Aurora B activity. In our 
model the Ndc80 complex begins prometaphase with zones 1 and 2 maximally 
phosphorylated at an unattached kinetochore (Figure 3.13A). We propose that 
once proper attachment is achieved the tail is dephosphorylated. Zone 1 then 
becomes buried upon cluster formation and is not accessible for re-
phosphorylation, resulting in the formation of a persistent attachment. 
 Once sister kinetochores are both attached and oscillations begin, we 
propose that the more accessible zone 2 alternates between being phosphorylated 
and de-phosphorylated, with the phosphorylated state corresponding to a P 
kinetochore and the de-phosphorylated state corresponding to an AP kinetochore 
(Figure 3.13B). It was recently demonstrated that a non-phosphorylatable version 
of the Ndc80 complex did not support metaphase oscillations in vivo, supporting 
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our assertion that a low level of Aurora B phosphorylation of Ndc80 continues 
after bi-orientation has been achieved (DeLuca et al., 2011). 
 Our high-resolution cryo-EM reconstruction corresponds to the fully de-
phosphorylated state and thus what we envision is found at an AP kinetochore, 
where microtubule polymerization must be enforced. We previously found that the 
dephosporylated form of Ndc80 strongly enhanced microtubule stability against 
depolymerization by cold, promoting straight microtubule tubulin polymers. Our 
improved cryo-EM reconstruction provides a richer mechanistic explanation for 
this MT stabilitization by the Ndc80 complex: in addition to promoting a straight 
tubulin conformation by “wedging” its toe into both interfaces where 
protofilaments bend during microtubule depolymerization and by oligomerizing 
along protofilaments, with the consequent stabilization of longitudinal contacts, 
the complex also engages a neighboring protofilament via the C-terminus of 
tubulin, stabilizing lateral contacts. Thus, the dephosphorylated complex is 
optimized, via a three-component mechanism, to promote microtubule stability 
and polymerization. 
 We envision that in a P kinetochore, zone 2 could be re-phosphorylated, 
loosening or disrupting Ndc80 clusters and making the complex better able to 
move on the microtubule surface and thus track the depolymerizing end via a 
biased diffusion mechanism. A similar mechanism could be at work during 
anaphase when chromosomes are segregated by depolymerizing microtubules, 
although the requirement for processivity may involve other kinetochore 
components, such as the Ska complex.  
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Chapter 4: Beyond the Ndc80 complex: higher-order 
kinetochore architecture and function 
 
 Although the Ndc80 complex is a key site of kinetochore-microtubule 
interaction, it certainly does not act alone. The molecular mechanisms of its 
interaction with microtubules must be interpreted in the context of the many other 
kinetochore components which are required for proper chromosome segregation. I 
focused on two such components, both of which interact with Ndc80 directly: the 
Mis12 complex, which serves to link Ndc80 and Knl1 to the inner kinetochore, 
and the budding yeast Dam1 complex, which acts as a proccessivity factor to 
ensure robust attachments to the single microtubule bound per kinetochore in this 
species. The work on the Mis12 complex was reported in two publications, 
“Molecular architecture and connectivity of the budding yeast Mtw1 kinetochore 
complex,”(Hornung et al., 2011) and “Direct binding of CENP-C to the Mis12 
complex joins the inner and outer kinetochore”(Screpanti et al., 2011). Our first 
bioinformatics insights into the Dam1-Ndc80 interaction were reported in our 
initial study of the Ndc80 complex (Alushin et al., 2010), and follow up studies 
are going to be reported in a forthcoming paper (Lampert et al., submitted). I 
ultimately integrated these results as well as the existing literature into scale three-
dimensional models of both the vertebrate and yeast kinetochore, which were 
reported in “Visualizing kinetochore architecture”(Alushin and Nogales, 2011). 
 
4.1 Structure of the budding yeast Mtw1 complex 
 

We used negative stain single-particle electron microscopy was used to 
characterize the structural architecture of the Mtw1 complex. Despite our efforts to 
cross-link and purify the complex, the imaged fields of particles contained a 
heterogeneous mixture of aggregates and small fragments, as well as the 
monomeric, full size complex (Figure 4.1A).We manually picked the particle 
images that appeared to correspond to the monomeric, full-length complex based 
on their consistent size (indicated by white circles in Figure 4.1A). After 
reference-free classification, we observed a distinct bi-lobed rod-like structure 
approximately 250Å in length, with one of the lobes consistently appearing 
slightly larger than the other (Figure 4.1B, D). The larger lobe varied in size, likely 
reflecting the presence of degrons of the Dsn1p subunit and/or different views 
around the long axis of the complex.  

The larger globular lobe has an approximate diameter of 71 Å, and the 
smaller lobe 47 Å. Assuming a spherical shape for each, this would correspond to 
an approximate mass of 150 kDa and 45 kDa, respectively, the sum of which  
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(195 kDa) very closely matches the experimentally determined mass. The 
calculated mass of the smaller lobe matches well with the combined predicted 
masses of Mtw1p and Nnf1p (57kDa) assuming that their coiled-coil domains 
project outwards from the lobe. The calculated mass of the larger lobe exceeds the 
combined masses of Dsn1p and Nsl1p (91kDa), suggesting that this lobe deviates 
from spherical geometry (the smaller lobe is too small to accommodate the mass 
of this subcomplex). It is also possible that the ~40 kDa discrepancy between the 
experimentally determined and predicted masses is accounted for by this lobe. The 
thin density connecting the two globular lobes is approximately 90Å long (Figure 
4.1B), which matches the length of a predicted dimeric coiled-coil between the 
Mtw1p and Nnf1p subunits (Figure 4.1C). We also experimentally demonstrated 
that these two proteins form a stable sub-complex (Hornung et al., 2011), 
supporting the proposal that the coiled-coil regions of these two proteins probably 
dimerize in the context of the full complex.  
 In vivo the Mtw1 complex acts as bridge between the microtubule-binding 
Ndc80 complex and the inner kinetochore (Westermann et al., 2007). The Ndc80 
complex is 57 nm in length (Wang et al., 2008), and the Mtw1 complex 25 nm. 
Taken together, these dimensions suggest that the KMN network is long enough to 
span the full length of the outer kinetochore, consistent with high-resolution 
fluorescence microscopy studies (Joglekar et al., 2009). 
 
4.2 The human Mis12 complex’s interactions with binding partners 
 

EM has revealed a similar architecture for the Mis12 complex in budding 
yeast (Hornung et al., 2011; Maskell et al., 2010) and humans (Petrovic et al., 
2010), despite their low sequence similarity. The complex is elongated (~22 nm 
long), with globular regions at the ends that are significantly larger in yeast. The 
thin central region probably contains coiled-coils (Hornung et al., 2011). Labeling 
studies in yeast (Maskell et al., 2010), indicate that all its constituents (Mtw1p, 
Dsn1p, Nnf1p and Nsl1p) contribute to the major globular head, with only Dsn1p 
and Nnf1p contributing to the rest, largely in agreement with the results presented 
in 4.1. EM of the human Mis12 suggests four consecutive globular domains along 
its length, with cross-linking data indicating that Nsl1 spans most of the complex 
length (Petrovic et al., 2010). Both studies suggest that Nnf1 is localized most 
distal from the major head.  
 CENP-C, which directly binds centromeric chromatin containing histone 
H3 variant CENP-A (Cse4p in yeast) (Carroll et al., 2010; Trazzi et al., 2009), 
makes a direct interaction with Mis12 subunit Nnf1 via a short N-terminal 
segment in both humans and drosophila (Przewloka et al., 2011; Screpanti et al., 
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2011). In the following sections I present a structural investigation of the 
interaction between Mis12 and CENP-C in the human system, as well as the 
interaction between Mis12 and Ndc80. 
 
4.2.1 The Mis12-Ndc80 holocomplex is an elongated fiber 
 

When imaged by negative-stain electron microscopy, the human Ndc80C 
appears as a 60-nm flexible rod (Figure 4.2A). When in complex, Ndc80C and 
Mis12C add their lengths in series, and appear as a ~80-nm whip, with a thicker 
“handle” corresponding to Mis12C (Figure 4.2B). The yeast Mis12-Ndc80 
appeared to interact at an angle, forming a V-like structure (Figure 4.2C, 
D)(Maskell et al., 2010), while this interface was linear in the human complex 
(Figure 4.2B).  
 
4.2.2 Flexibility of Mis12 is modulated by CENP-C binding 
 

Images of Mis12(Nsl1(1-258)) (a version of the human Mis12 complex 
featuring a C-terminal truncation of the Nsl1 subunit), alone and in the presence of 
CENP-C(1-400) (a C-terminal truncation of CENP-C) were used for 2D single 
particle analysis (Figure 4.3). Class averages of the Mis12(Nsl1(1-258))-CENP-
C(1-400) complex appear as a straight rod, generally with a globular domain 
visible at one end. In the absence of CENP-C(1-400), the averages are far more 
heterogeneous, showing both straight and bent conformations, as well as 
variability in the presence or absence of a visible globular head domain. When the 
two datasets were mixed, our classification procedure robustly sorted them into 
classes that recapture these essential features (Figure 4.4). 

To investigate the complexes’ flexibility, we constructed a simplified 3-
point model of each class average (Figure 4.3E), with points placed at the center of 
the globular head, the hinge point, and the tip of the tail. We then measured the 
bending angle, θ, for each modeled class average. When weighted by the particle 
distribution across the classes, histograms of the bending angle distribution present 
in each sample population demonstrate far greater rigidity of the complex in the 
presence of CENP-C(1-400) (Figure 4.3E). Nevertheless, the Mis12 complex can 
access straight conformations in the absence of CENP-C(1-400), albeit 
infrequently relative to bent ones.   

The significance of CENP-C’s rigidifying the Mis12 complex is unclear 
and is an important subject for future study. Structural transitions in the Mis12 
complex have been observed in super-resolution studies in response to 
kinetochore-microtubule attachment state (Wan et al., 2009). Our results suggest 
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that interaction with inner kinetochore subunits also modulates the conformation 
of this complex. It is tempting to speculate that CENP-C binding biases Mis12 
towards a conformation suitable for interaction with other cellular factors 
specifically when it is properly localized to the kinetochore. 
 
4.2.3 Localization of the CENP-C binding site 
 
 Although it was apparent that CENP-C binding evoked a conformational 
change in the Mis12 complex, we were unable to localize its binding site, even 
though a 400 amino-acid protein should be clearly visible in negative stain if it is 
folded and rigidly bound. Reasoning that most of the CENP-C(1-400) construct is 
disordered, we attempted an alternative strategy for localization: we fused the 
minimal Mis12 binding sequence (CENP-C(1-46)) to the rigid globular molecule 
Maltose Binding Protein (MBP). MBP-CENP-C(1-46) was clearly visible in class 
averages when mixed with Mis12(Nsl1(1-258)), producing a small bump of stain-
excluded density next to the globular head domain of Mis12 (Figure 4.5A). 
Interestingly, this is adjacent to the binding site of Spc24-25 on the complex 
(Figure 4.5B)(Petrovic et al., 2010), which is quite unexpected since the Ndc80 
complex is a component of the outer kinetochore and CENP-C is an inner 
kinetochore protein with DNA-binding activity.  
 This suggests that CENP-C must highly elongated to span the length of the 
inner kinetochore, which was observed in high-resolution fluorescence studies in 
vivo (Wan et al., 2009). Moreover, it calls into question the function of the Mis12 
“tail”, which was generally assumed to be involved in binding the inner 
kinetochore since the globular head bound Spc24-25. It is clear that the Mis12 
head acts as a protein-interaction hub: it remains to be discovered if the tail also 
has a similar function, making contacts with as-yet unknown factors. 
  
4.3 Ndc80-Dam1 interaction in budding yeast 
 

While the KMN network is conserved from yeast to humans, the 
mechanisms of microtubule attachment are probably not identical, given that the 
Dam1 complex plays a prominent role in budding yeast. We propose that fungal 
Ndc80 has diverged to act as a coupler to the Dam1 complex, and our structural 
results, coupled with conservation analysis, suggest a possible binding site for 
Dam1 on microtubule-bound Ndc80 (Figure 4.6). Mapping sequence conservation 
onto the docked Ndc80 bonsai structure shows the toe to be highly conserved. 
However, regions of the complex in close proximity to the proposed Ndc80-Ndc80 
oligomerization interface in the human complex appear to be conserved in 
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metazoans but not in fungi (Figure 4.6). The Dam1 complex has been found only 
in fungi, and it is linked to the kinetochore through a direct interaction with the 
Ndc80 complex (Tanaka et al., 2005). The Dam1 complex oligomerizes into rings 
around microtubules (Miranda et al., 2005; Westermann et al., 2005) and tracks 
depolymerizing microtubule ends (Asbury et al., 2006; Grishchuk et al., 2008c; 
Westermann et al., 2006). It is tempting to suggest that in fungi the Ndc80 
complex has lost its capacity to self-assemble, relying on interaction with the 
Dam1 oligomer to establish multiple, coupled interactions with the microtubule. In 
agreement with a different role of Ndc80 in fungi, the N-terminal region of the 
Ndc80 protein, which we show is required for complex oligomerization, is 
essential in humans (Guimaraes et al., 2008) but its removal has little effect in 
budding yeast (Kemmler et al., 2009).  

The fungal Ndc80 complex has a hot spot of conservation that is 
completely lacking in metazoans (Figure 4.6) that could potentially be involved in 
Dam1 binding. Close examination of this region in multiple-sequence alignments 
shows a conserved insertion in fungi in the disordered loop that connects Ndc80 
αG with the αH-αI helical hairpin, spanning the surface of the Nuf2 CH domain 
that faces away from the microtubule (Figure 4.7A). This site would be very well 
positioned to interact with the Dam1 complex in the context of the microtubule 
(Figure 4.7B). Preliminary analysis of budding yeast Ndc80 mutants with lesions 
in this region demonstrate reduced interaction with Dam1, strongly supporting this 
hypothesis (Lampert et al., manuscript in preparation).   

 
4.4 Three-dimensional models of kinetochore architecture 
 

The Delta assay developed by Salmon and colleagues measures the average 
separation (Delta) along the inner-outer kinetochore axis between two proteins in 
the kinetochore labeled with two different fluorophores, often with an accuracy 
better than 5 nm (Joglekar et al., 2009; Wan et al., 2009). This methodology has 
been employed to probe the architecture of the budding yeast kinetochore, 
attached to a single microtubule (Joglekar et al., 2009), and the human kinetochore 
containing multiple MT attachments (Wan et al., 2009). Combining the 
information from these average 1-dimensional in vivo maps, with the 2- and 3-
dimensional data derived from EM studies of isolated complexes in vitro, and 
quantitative assignments of complex copy number (Joglekar et al., 2008; Joglekar 
et al., 2006; Johnston et al.), we have attempted to build 3-dimensional models of 
single microtubule attachment sites bound to depolymerizing microtubules. The 
peeling protofilaments provide important steric restraints on the position of 
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kinetochore components; therefore, measuring the position of the microtubule end 
in the kinetochore accurately would help inform future modeling efforts. 
 
4.4.1 The budding yeast kinetochore 
 

Joglekar and coworkers carried out Delta studies of the budding yeast 
kinetochore, both at metaphase and the end of anaphase (Joglekar et al., 2009). As 
expected, the kinetochore is arranged with the inner kinetochore COMA complex 
closest to the centromeric histone, and the microtubule-binding head of the Ndc80 
complex and the Dam1 complex at the most outer position of the structural 
kinetochore components tested. Figure 4.8A shows a model attempting to combine 
the metaphase data with in vitro structural information. Generally there is 
excellent agreement between the position of components in the model and their 
measured positions in vivo. The measured length for the Ndc80 complex was 
55nm, suggesting full extension along the microtubule axis. However, if the 
complex binds the microtubule via its Ndc80 CH domain, its projected length 
along the microtubule axis would be shorter, as the interaction requires the first 
coiled-coil segment to protrude from the microtubule at ~45˚ (see Chapter 2). 
Given this requirement, the length of the first coiled-coil segment positions 
Ndc80’s hinge so that the second coiled-coil segment would be engaged by 
peeling protofilaments, causing the complex to bend. The fluorophore fused to 
Ndc80 was at the end of the flexible 100 amino-acid N-terminal tail, and thus this 
region could be several nanometers away from the head domain, which could be a 
potential explanation for this discrepancy.  

In the kinetochore configuration displayed, it is necessary that Ndc80’s 
coiled-coil be placed underneath the Dam1 ring in order to maximize its extension, 
as was suggested by Joglekar et al. This arrangement argues against a proposed 
interaction between the Ndc80’s hinge region and the ordered regions of the Dam1 
complex (Maure et al., 2011), although there may be flexible elements in Dam1 
that span the ~10nm distance necessary. Instead, existing data favors a direct 
interaction between the top of Ndc80’s CH domain and Dam1 (Figure 4.7).  

We modeled the Mtw1 complex as a 22nm rod based on EM analysis, a 
simplification of its structure, which has been observed to vary in length and 
conformation (see 4.1 and 4.2) (Corbett et al., 2010; Maskell et al., 2010; 
Screpanti et al., 2011). The Delta analysis measured a length of ~10nm, suggesting 
that the complex is tilted away from the microtubule axis. Given the point 
centromere of budding yeast (Westermann et al., 2007), we have modeled this as a 
tilt inwards towards the Cse4 nucleosome. The Delta analysis suggested a gap 
between the COMA and Mtw1 complexes (which might be artifactual since the 
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positions of fluorophores may not precisely mark the ends of the complex(Maskell 
et al., 2010)), while biochemistry supports a direct interaction. We have modeled 
an average 42˚ tilt that spans the measured distance between Spc24-25 and the 
COMA complex. The resulting geometry for Ndc80-Mtw1 interaction is 
consistent with the bent interface observed in vitro (Figure 4.2D)(Maskell et al., 
2010).  

We positioned Spc105’s C-terminus for reference, but a lack of structural 
information prevents detailed modeling. Notably, the Delta data suggests that its 
N-terminus would be near the microtubule peels in our model. 

We have also constructed a model based on Joglekar et al.’s anaphase data 
(Figure 4.8B)(Joglekar et al., 2009). They found a compression of the Ndc80 
complex and an inwards movement of the Dam1 complex. The COMA complex 
appeared largely unchanged, and the Mis12 complex only slightly compressed or 
at an increased tilt. In our model, as also previously proposed by Joglekar et al., 
Ndc80’s coiled-coil is now outside the Dam1 complex, putting the hinge in a 
reasonable position for interaction, although the Ndc80 CH domain is still close to 
the ring. For simplicity Dam1 is shown as a ring despite in vivo data supporting 
too few copies of the complex to support ring formation during late anaphase 
(Joglekar et al., 2006); a similar geometry could exist with smaller oligomers.  

The two depicted models may seem mutually exclusive, as it is seems 
unlikely that the Ndc80 coiled-coil could switch from being inside to outside the 
Dam1 complex during the metaphase to anaphase transition. However, such a 
transition could be envisioned following ring breakdown and post-translational 
modification of interfaces. We hope that our two models will stimulate thinking 
about yeast kinetochore architecture, as they predict specific distances between 
kinetochore components in 3D that could be tested in vivo. 
 
4.4.2 The vertebrate kinetochore 

 
Wan and colleagues utilized the Delta assay to characterize human 

metaphase kinetochores (Wan et al., 2009). Figure 4.8 synthesizes their findings 
with our observations that the Ndc80 complex forms clusters along protofilaments 
(see Chapter 2) and that the interface between the complex and Mis12 is straight, 
rather than bent (Figure 4.2B). Since the vertebrate centromere structure is not 
well established, the restraints provided by the Delta data are looser. Modeling two 
Ndc80 clusters that are one tubulin dimer away from the depolymerizing MT end 
gives an average length of the complex that matches the measured dimensions 
(Wan et al., 2009).  
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Wan et al. found that the projection of the Mis12 complex along the 
microtubule axis is quite small, ~10nm (Wan et al., 2009), which is difficult to 
reconcile with the in vitro observation that the Ndc80 complex and Mis12 
complex add their lengths in series (Figure 4.2). It is possible that the labeling 
antibodies do not bind epitopes at the ends of the Mis12 complex, or that in vivo 
additional factors lead to a bending of the Mis12-Ndc80 interface. The authors 
also measured the positions of the N-terminus and a middle region of Knl1. In our 
model these regions once again fall in the area of the protofilament peels. 

Because in metaphase the instabilities of sister kinetochore pairs give rise 
to oscillatory stretching of the corresponding centromeric chromatin, Wan and 
coworkers were also able to measure the stiffness of protein linkages at the 
kinetochore. With the exception of the inner kinetochore proteins CENP-A and 
CENP-C, all linkages were stiff. Interestingly, a recent EM labeling study has 
found that CCAN components are stretched in the presence of tension, whereas 
outer-kinetochore components are not (Suzuki et al., 2011).  

Alternative models of the vertebrate kinetochore organization have been 
proposed based on different interpretations of electron tomographic data. In one 
model the KMN forms a network that reshapes to accommodate the arrival and 
engagement of a spindle microtubule (Dong et al., 2007). In the other, extended 
fibrils bind to the inner surface of peeling protofilaments (McIntosh et al., 2008). 
In our models extended coiled-coil domains are quite tightly packed, generally 
within 5-10 nm, which could give the appearance of a meshwork when visualized 
by tomography. Although more data is needed to distinguish them, significant 
features of both models are likely to be correct and even compatible. 
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Conclusion and Outlook 
 
 Through my structural and biophysical studies, we have achieved a much 
richer, albeit still incomplete, understanding of how the human Ndc80 complex 
mediates the regulated interaction between chromosomes and spindle microtubules 
during mitosis. We found that Ndc80 binding to the bent tubulin conformation 
associated with microtubule depolymerization is disfavored and provided a 
structural explanation for this observation (the toe-print interface). Our results 
support functional studies of Ndc80’s ability to couple movement of a load to 
microtubule depolymerization, probably by a biased diffusion mechanism (Powers 
et al., 2009). 
 More significant, in my view, is our discovery that Ndc80 forms clusters 
along protofilaments in an Aurora B-regulated fashion through the Ndc80 N-
terminal tail. It is important to note that this model remains, at the time of writing, 
highly controversial. Structural studies of the C. elegans version of the complex 
with microtubules suggested an alternative model where cooperative microtubule 
binding is achieved through the coiled-coil domains and the complex generally 
binds once per tubulin dimer (Wilson-Kubalek et al., 2008). Although this study 
provided no support for this model other than low-resolution symmetrized 
reconstructions and power spectra of long microtubule segments, which do not 
have the power of our tomography experiments to distinguish single molecules 
and their arrangement on the microtubule surface, many in the kinetochore field 
remain agnostic (personal communications). The most direct way to resolve this 
controversy is by investigating if Ndc80 molecules oligomerize in vivo with 
techniques like FRET (Förster Resonance Energy Transfer), experiments which 
are underway (Ajit Joglekar, personal communication). 
 If our model is correct, it requires re-thinking how Aurora B modulates 
kinetochore-microtubule interactions. Traditionally, Aurora B has been thought of 
as participating in “error correction”(Santaguida and Musacchio, 2009), 
recognizing and destabilizing improper attachments that do not produce tension 
across the centromere. Instead, our data support a model where proper attachments 
are instead recognized and stabilized by reversing Aurora B phosphorylation, a 
very different mechanism to achieve bi-orientation. Moreover, although most 
attention has focused on the probable role of Ndc80 in chromosome segregation, 
more recent (as yet unpublished) findings on the microtubule rescue-promoting 
activity of the complex suggests it may have an important function in supporting 
metaphase chromosome oscillations. Our findings on the two zones of Aurora B 
phosphorylation, one of which may act as a switch for Ndc80 clustering without 
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eliminating microtubule binding, provide a framework for exploring this novel 
hypothesis.  
 The next frontier for kinetochore biophysics is reconstituting and dissecting 
the interactions between different kinetochore complexes. The recent purification 
of impressively intact “kinetochore particles” from budding yeast is an important 
advance in this direction (Akiyoshi et al., 2010), although it is difficult to probe 
the contributions of individual components in this system. Obvious next steps are 
investigating the interaction between complexes that bind microtubules directly, 
such as Ndc80 and Dam1 in budding yeast and Ndc80 and the Ska complex in 
vertebrates (although a direct interaction between the two has not been definitively 
demonstrated). As both biochemical reconstitutions and structural methods 
improve steadily, the future looks bright. Structural studies are essential for 
identifying key interfaces to disrupt with separation of function mutants, which 
will play a starring role in unraveling the complex and often overlapping roles 
kinetochore components play in vivo. 

Microscopy methods that allow direct visualization of kinetochore 
components in vivo and in vitro are giving us an increasingly rich picture of the 
macromolecular architecture of kinetochores and the structural transitions that 
occur during mitosis. The structure of centromeric chromatin, the presence and 
dynamics of microtubules, and spindle forces all contribute to kinetochore 
organization and re-organization; uncovering the underlying mechanics will be 
critical to developing an integrated model of kinetochore function and the 
biophysics of mitosis. 
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Materials, Methods, and Protocols 
 
Protein purification buffers 
 
Bonsai lysis buffer: 
 
50 mM Tris-Cl pH 7.5 
300 mM NaCl 
1 mM DTT 
1 mM EDTA 
 
Elution buffer: 
 
50 mM Tris-Cl pH 7.5 
150 mM NaCl 
1 mM DTT 
1 mM EDTA 
 
GST-tail lysis buffer: 
 
50 mM Tris-Cl pH 8.0 
300 mM NaCl 
1 mM DTT 
10 mM imidazole 
 
GST-tail wash buffer 
 
GST-tail lysis buffer with 20 mM imidazole 
 
GST-tail elution buffer 
 
GST-tail lysis buffer with 250 mM imidazole 
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Microtubule buffers 
 
BRB80 
 
80 mM PIPES pH 6.8 (pH with KOH) 
1 mM EGTA 
1 mM MgCl2 
 
CB1 buffer 
 
BRB80 + 10% glycerol + 1 mM GTP 
 
EM buffer 
 
BRB80 + 0.05% NP-40 + 1 mM DTT 
 
Binding buffer 
 
BRB80 + 5% sucrose + 1 mM DTT 
 
Expression cloning 
 

Ndc80 bonsai point mutations were generated using standard procedures 
for site-directed mutagenesis. The bonsai-7D mutant was generated as follows: 
Synonymous mutations were performed which destroyed the StuI restriction site at 
bp 81-86 of the Ndc80-Spc25 protein coding sequence and subsequently 
reintroduced it at bp 250-255. An NdeI restriction site was also created 5’ to the 
beginning of the coding sequence. This construct thus features a swappable N-
terminus cassette. A sequence coding for the 7 in vitro verified Aurora B 
phosphorylation sites mutated to aspartic acid (S5D, S8D, S15D, S44D, S55D, 
S62D, S69D) was synthesized (GENEART) and cloned NdeI-StuI into this 
construct using standard protocols. The bonsai-4D and bonsai-3D mutants were 
generated analogously. The bonsaiΔ(1-40) construct was the generous gift of the 
Stukenberg lab. 

GST-N-terminus constructs were generated by Ligation Independent 
Cloning (Aslanidis and de Jong, 1990) in the 2BT vector, which 5’ to 3’ codes for 
a poly-histidine tag, Glutathione S-Transferase (GST), and a Toboccao Etch Virus 
(TEV) protease cleavage sequence, followed by the expression cassette.  
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Purification of Ndc80 bonsai 
 

Ndc80 bonsai constructs were purified as described (Ciferri et al., 2008). 
Constructs are expressed in BL21-CodonPlus-(DE3)-RIL and induced at OD 0.4-
0.6 for 16 hours at 22°C with 400 µM Isopropyl β-D-1-thiogalactopyranoside 
(IPTG) in Terrific Broth. Cells are harvested by centrifugation, then resuspended 
in 40 ml of bonsai lysis are per liter, supplemented with EDTA-free protease 
inhibitor tablets (Roche). Cells were lysed by sonic disruption (3 times 45 seconds 
at power level 7), then lysates are clarified either by ultracentrifugation at 30K in a 
Ti45 rotor for 45 minutes, or by centrifugation at 15K for 1 hour in XXX. The 
clarified lysate is then applied to Glutathione Sepharose FastFlow resin pre-
equilibrated in lysis buffer (1ml beads/ liter of culture), and rocked in the cold 
room for 2 hours. 

 After binding, the beads are collected by centrifugation at 3K for 3 minutes 
in a clinical centrifuge, washed twice with lysis buffer, then washed twice with 
elution buffer (~40 mls/wash). The beads are then transferred to a 2 ml 
microcentrifuge tube with 1 ml of elution buffer per ml beads, and 30 µl of 
PreScission protease is added to liberate the complex from its GST tag. After 
overnight elution rocking in the cold room, the eluate is concentrated to 0.5 ml and 
applied to an S200 10/30 GL column pre-equilibrated with elution buffer. After 
gel-filtration, appropriate fractions are pooled, optimally concentrated to > 1 
mg/ml, and flash-frozen in 50 µl aliquots. 
 
Purification of GST-N-terminal tails 
 

All constructs were expressed in BL21-CodonPlus-(DE3)-RIL cells. GST-
N-terminus constructs were induced at OD 0.4-0.6 for 4 hours at 37°C with 400 
µM IPTG in Luria Broth. Cells were harvested by centrifugation, washed once 
with phosphate buffered saline (PBS), and flash frozen in liquid nitrogen. Cell 
pellets were resuspended in 40 ml GST-tail-lysis buffer augmented with protease 
inhibitor cocktail tablets (Roche) per liter and lysed by sonic disruption (3 times 
45 seconds at power level 7). Lysates were clarified by centrifugation at 15K for 1 
hour, then applied to 0.5 ml of His-Select Nickel Affinity resin (Sigma) per liter of 
culter. The beads are collected by centrifugation, washed twice with 40 ml of 
GST-tail wash buffer, followed eluting 4 times with 0.5 ml GST-tail elution 
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buffer. By using a limiting amount of affinity resin, a homogenous purification 
was achieved in a single step. Proteins are then desalted into bonsai elution buffer 
with PD-10 desalting columns, concentrated, and flash frozen. 
 
Taxol microtubules 
 

10mg/ml bovine brain tubulin (Cytoskeleton Inc.) is polymerized in CB1 
buffer for 15 minutes at 37°C before addition of 160µM taxol, followed by 30-60 
minutes of further incubation. We have found this procedure primarily produces 
13 and 14 protofilament microtubules. Tubulin concentration can be assayed by 
A280 after depolymerization on ice with 50mM CaCl2. 
 
Biochemical preparation of Ndc80 and microtubules for EM 
 

Taxol microtubules are pelleted at 17,000 RCF in a tabletop 
microcentrifuge for 20 min., then resuspended in room temperature EM buffer 
(upplemented with 160 µM taxol. Ndc80 bonsai is rapidly thawed before storage 
on ice, diluted 1:1 with EM buffer, then desalted into EM buffer using a Zeba Spin 
Desalting Column (Pierce). The bonsai sample is then clarified by 
ultracentrifugation in a Beckman TLA100 rotor for 20 minutes at 40,000 RPM at 
4°C. Protein concentration in EM buffer can be estimated with the Coomasie Plus 
Protein Assay Reagent (Pierce) using Bovine Serum Albumin (BSA) as a 
reference.  

  
Preparation of Ndc80-microtubule cryo-EM grids 
 

C-flat grids (Protochips) are glow-discharged using an Edwards Carbon 
Evaporator. Taxol-stabilized microtubules are diluted to 0.25 mg/ml in EM Buffer 
supplemented with 20 µM taxol, and 2 µl is applied to the grid in the humidity 
chamber of a Vitrobot (Maastricht Instruments). Ndc80 is aliquoted into PCR 
tubes, and rapidly warmed to room temperature in a water bath (1 aliquot per 
grid). After 1 minute, 4 µl of ~0.7 mg/ml Ndc80 bonsai is added, corresponding to 
a molar ratio of ~2:1 Ndc80:tubulin monomer, and incubated for 1 minute. The 
grid is then briefly blotted (alternatively 4 is removed by pipetting) before a 
second 4 µl addition of Ndc80 and 1 minute incubation. 2 µl is then removed from 
the grid, which is then blotted for 2-4 seconds and plunged into ethane slush. This 
protocol is essentially similar to that employed for visualization of the C. elegans 
complex (Wilson-Kubalek et al., 2008), with minor modification. 
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Negative stain sample preparation for tomography 
 
Samples were prepared as described for cryo-EM, except that the grids 

were augmented with a layer of thin carbon and treated with gold fiducial markers 
(British BioCell International) prior to sample application. To achieve sub-
saturating binding, wild-type Ndc80 bonsai was diluted to 0.15 mg/ml and only a 
single application was performed, corresponding to a 1:2 Ndc80:tubulin monomer 
ratio. To generate SMTs, taxol-stabilized microtubules were digested with 1.5 µM 
subtilisin A (Calbiochem) in EM Buffer for 30 minutes at 37°C. The reaction was 
stopped with 2 mM PMSF (phenylmethanesulfonylfluoride), and the SMTs were 
pelleted and resuspended in EM Buffer prior to sample preparation. 

To achieve saturation in the case of wild-type and to observe binding in the 
case of bonsai-Δ(1-80) and bonsai-7D, double-application of 0.6-0.7 mg/ml Ndc80 
was performed, corresponding to a 2:1 Ndc80:tubulin monomer ratio. To observe 
clusters in the case of bonsai-4D, bonsai-3D, and bonsai-Δ(1-40) a 1:2 
Ndc80:tubulin monomer ratio was used. Samples were stained with 2% uranyl 
formate. 
 
Biochemical preparation of Ndc80 and microtubules for binding assays 
 

The proteins are prepared analogously as for EM, except binding buffer is 
substituted for EM buffer. We found that this buffer increased the solubility of the 
protein in the absence of salt while allowing for accurate determination of protein 
concentration by A280. The phenyl group of N P-40 results in significant 
absorbance of EM Buffer at 280 nm, which is refractory to reproducible protein 
concentration measurement by this method. The presence of sucrose significantly 
reduces contrast in the electron microscope, and thus Binding Buffer was not used 
for any of the imaging experiments shown. In control imaging experiments we 
have found no differences in Ndc80-microtubule interactions or tubulin polymer 
behavior between the two buffers (data not shown). 
 
Microtubule co-sedimentation assays 
 

To generate vinblastine spirals, we diluted tubulin stored in CB1 buffer to 3 
mg/ml in Binding Buffer supplemented with 1 mM vinblastine sulfate (Sigma) at 
room temperature. After two hours, robust formation of spiral aggregates was 
observed/ 

Taxol microtubules or vinblastine spirals and binding proteins are mixed at 
the appropriate concentrations in a 50 µl reaction volume and incubated at room 
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temperature for 15 minutes in the presence of 20 µM taxol or 1 mM vinblastine. 
The binding reactions are then layered on to a 100 µl 50% glycerol cushion in 
BRB80 supplemented with the appropriate drug and polymers are pelleted by 
ultracentrifugation at 90,000 R.P.M. in a Beckman TLA 100 rotor for 10 minutes 
at 25°C, essentially as described (Ciferri et al., 2008). Supernatant and pellet 
fractions were collected and precipitated in 90% ethanol at -20°C for 16 hours 
prior to analysis by SDS-PAGE. Gels were stained with Flamingo Fluorescent Gel 
Stain (Bio-Rad), and imaged with a Typhoon Trio (GE Healthcare). Apparent 
slight degradation of the Ndc80 complex is observed in the presence of 1 mM 
vinblastine sulfate, but this did not cause spurious pelleting of the complex in the 
absence of tubulin. Quantification was performed with ImageJ. 
 
Microtubule cold stabilization assays 
 

To test for cold stabilization, 10 mg/ml tubulin in CB1 buffer was 
polymerized for 45 minutes at 37°C. A binding reaction containing Ndc80 bonsai 
in binding buffer was set up on ice, and then heated to 37°C for 1 minute. 
Dynamic microtubules were then added to this reaction for a final concentration of 
20 µM tubulin and 3.3 µM Ndc80 and incubated at 37°C for 10 minutes. The 
reaction was then shifted to ice for 30 minutes, and subsequently analyzed by 
pelleting assay as above, except ultracentrifugation was performed at 4°C. 

To analyze the outcomes of the described experiments by negative stain 
EM, we repeated them substituting EM Buffer for Binding Buffer. Samples were 
prepared on continuous carbon grids, stained with 2% uranyl acetate, and imaged 
on a 1kx1k CCD camera with a Tecnai T12 electron microscope operating at 
120kV between approximately 1 µm and 2 µm underfocus. 
 
Negative stain single particle analysis of the yeast Mtw1 complex 
 

Mtw1 complex was thawed and prepared for EM analysis by the GraFix 
method (Kastner et al., 2008). 150 µg of the complex was layered on to a 5-40% 
glycerol gradient in 20 mM HEPES pH 7.6, 100 mM NaCl, 1 mM EDTA, 1 mM 
DTT, which also contained a 0.02 – 0.15% gluteraldehyde gradient, and 
ultracentrifuged at 55,000 rpm for 13 hours in a TLS55 rotor at 4°C. Fractions 
were analyzed by SDS-PAGE, and the fraction containing the monomeric cross-
linked complex was applied to a glow-discharged C-flat grid (Protochips) 
augmented with a layer of thin carbon and stained with 2% uranyl formate. 

Images were collected on a Gatan 4kx4k CCD camera with a Tecnai F20 
electron microscope operating at 120 kV and 30,000X magnification. Despite 
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purification by glycerol gradient, the images contained a mixture of aggregates 
and fragments, as well as the monodispersed full complex. Approximately 5,000 
particles that appeared to correspond to the full monomeric complex were picked 
manually with the BOXER program (Ludtke et al., 1999) and subjected to 
reference-free classification as described (Ramey et al., 2009). 

Coiled-coil predictions were performed with the MARCOIL program 
(Delorenzi and Speed, 2002). The regions indicated with grey boxes in Figure 
4.1C correspond to areas of greater than 50% coiled-coil probability, all of which 
contain regions of greater than 80% coiled-coil probability. 
 
Negative stain single particle analysis of the human Mis complex 
 

All complexes (10 µM) were thawed and clarified at 45,000 rpm in a 
Beckman TLA100 rotor for 15 min. at 4°C. Ndc80 and Ndc80-Mis12(Nsl1(1-
258)) were diluted to 20 nM in Mis12 buffer (20 mM Tris-Cl pH 6.8, 150 mM 
NaCl, 1 mM EDTA, 1mM DTT) for EM grid preparation. Samples were prepared 
on C-Flat grids (Protochips) augmented with a layer of continuous carbon and 
negatively stained with 2% uranyl formate.  

Images were collected on a Tecnai 12 microscope operating at 120 kV on a 
1k x 1k CCD camera (Gatan inc.) at 49,000 nominal maginification and 
approximately 1 µm underfocus. Mis12(Nsl1(1-258)), Mis12(Nsl1(1-258)- CENP-
C(1-400), and Mis12(Nsl1(1-258)-MBP-CENP-C(1-46) were cross-linked with 
0.02 % gluteraldehyde for 10 min. on ice, quenched with 100 mM Tris-Cl pH 6.8, 
then diluted to 4 nM in Mis12 buffer prior to grid preparation as above. Images 
were collected on a Tecnai F20 microscope operating at 120 kV on a 4k x 4k CCD 
camera (Gatan inc.) at 49,000 nominal magnification and approximately 2 µm 
under focus. Approximately 2,500 particle images were collected for each sample. 
Images were phase-flipped, normalized, filtered to 20 Å, and decimated two-fold 
using programs from the EMAN (Ludtke et al., 1999) and XMIPP (Sorzano et al., 
2004) software packages implemented in the Appion processing pipeline (Lander 
et al., 2009) prior to performing reference-free classification as described (Ramey 
et al., 2009). In each case the data sets were sorted into 152 classes with an 
average of 16 particle images per class. The bending angle analysis was 
implemented with the SPIDER image-processing package (Frank et al., 1996). 
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Structural analysis and molecular graphics 
 

All molecular graphics and super-positions of crystal structures were 
prepared/performed with UCSF Chimera (Goddard et al., 2007). Electrostatic 
surface potential maps were calculated with APBS (Baker et al., 2001). 
 
Conservation analysis 
 

We performed multiple-sequence alignments using CLUSTALW2 (Larkin 
et al., 2007), and mapped this analysis on to the Ndc80 bonsai crystal structure 
using the CONSURF server (Landau et al., 2005). The alignments included 48 
fungi sequences and 39 metazoan sequences in the case of Ndc80 and 52 fungi 
sequences and 22 metazoan sequences in the case of Nuf2. We subsequently 
generated an improved alignment of 150 Ndc80 sequences using T-COFFEE 
(Notredame et al., 2000). 

 α- and β-tubulin sequences from six representative organisms (S. 
cerevisiae, C. elegans, D. melongaster, X. laevis, B. taurus, and H. sapiens) were 
compared. Since the Ndc80 bonsai crystal structure is of the human complex, 
fungal sequences had to be threaded on to the structure by alignment with the 
human sequence. Since we observe a similar pattern of conservation at the toe-
print interface, we believe this procedure was successful. All super-positions of 
crystal structures were performed with the MatchMaker function in UCSF 
Chimera (Goddard et al., 2007). 
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