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 Skeletal muscle fibrosis is a hallmark of muscle injury and disease, and is 

defined as a general increase in extracellular matrix components including collagen. In 

addition to an increase in collagen, fibrotic muscle stiffness increases which manifests 

clinically as decreased range of motion and contracture. Despite the lack of clinical 

treatment for skeletal muscle fibrosis, very little data exist on extracellular matrix 

collagen and its alterations with fibrosis. This dissertation aims to elucidate the 

structure of extracellular collagen and its role in fibrosis. 
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Because so little is known about the skeletal muscle extracellular matrix, 

Chapter 2 provides a review of the literature and original scanning electron 

micrographs of collagen structures that appear to be load-bearing. This review 

concluded that further study of the extracellular matrix was necessary to determine its 

normal structure and function before trying to interpret its fibrotic response. 

As a first attempt to quantify normal properties of the extracellular matrix, 

Chapter 3 describes a method for direct investigation of structure, composition, and 

mechanical properties. In this method, muscle fibers were removed from muscle 

without proteolytic enzymes or detergents that could degrade extracellular 

components. Passive mechanical testing was performed on intact extracellular matrix 

to directly measure its mechanical properties for the first time. 

With the observation of collagenous cable-like structures at the micron scale, a 

method was developed to better investigate extracellular collagen ultrastructure. 

Chapter 4 presents a three-dimensional electron microscopy method for reconstruction 

of skeletal muscle extracellular collagen structure. Collagen cable structures, 

fibroblasts, muscle fibers, and their interactions were modeled.  

With this new tool, it was possible to investigate the structure of fibrotic 

extracellular matrix collagen. Chapter 5 investigates the structure and quantity of 

collagen cables structures in normal and fibrotic muscle. Previous studies indicated 

that fibrotic muscle was stiffer than normal, so it was hypothesized that the volume 

fraction of collagen cables increased in fibrotic muscle. Fibrotic muscle contained 

double the volume fraction of collagen cables compared to wild type muscle. Collagen 
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cables may therefore provide a future therapeutic target to reduce stiffness and 

improve function of fibrotic muscle.
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CHAPTER 1 

 

Introduction 

 

1.1 General Introduction to the Dissertation 

 

Skeletal muscle is a composite structure composed of multinucleated muscle 

fibers and the extracellular matrix that surrounds them. Muscle fibers generate force 

by contraction of sarcomeres, the basic functional unit of muscle, and this force is 

transmitted laterally through the extracellular matrix to tendons and bones to generate 

movement. The transmission of force from sarcomeres to the extracellular matrix 

occurs through a network of intermediate filaments, cytoskeletal proteins, and 

transmembrane complexes. In a number of muscle diseases, the genetic deletion or 

truncation of these proteins leads to reduced force transmission and therefore 

decreased muscle function. A common result of this disconnect of muscle fibers with 

the extracellular matrix is fibrosis, or a general increase in the amount of extracellular 

matrix material. 

In addition to muscle disease, skeletal muscle fibrosis can occur in response to 

muscle injury. Patients with muscle fibrosis can have decreased range of motion and 

develop contracture. At the tissue level, fibrotic muscles are stiffer compared to 

normal muscle and this stiffness is a major factor in their limited function. This 

increase in stiffness is thought to arise from elastic components within the 

extracellular matrix, such as collagen. Fibrillar collagens have the necessary 
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mechanical properties to account for increased muscle stiffness, but structural studies 

have not been performed to determine if collagen organization is altered in fibrotic 

muscle. In fact, structural information on normal extracellular matrix is severely 

lacking. In addition, quantitative studies of the extracellular matrix to determine if the 

actual volume of extracellular components increase or if the apparent increase in 

extracellular matrix area in fibrosis is due solely to muscle fiber atrophy have not been 

performed. This dissertation examines the normal and fibrotic skeletal muscle 

extracellular matrix, with a focus on the structure, organization, and quantity of 

collagen. 

Chapter 2, which has been published in Muscle & Nerve, is a review of the 

current understanding of skeletal muscle extracellular matrix structure, function, 

composition, and alterations with pathology. Original scanning electron micrographs 

of muscle extracellular matrix are included to provide evidence for previously 

unappreciated structures. This review calls attention to the paucity of information on 

the extracellular matrix structure and alterations with muscle pathology, and outlines 

specific questions that warrant further investigation. 

Chapter 3, which has been published in Tissue Engineering Part C Methods, 

describes a method for analyzing the native structure and biochemistry of isolated 

extracellular matrix. Decellularization of skeletal muscle was achieved without the use 

of detergents or proteolytic enzymes that could alter the extracellular matrix 

composition and structure. Cellular components were successfully removed based 

upon Western blot and DNA quantification, and extracellular components largely 

remained intact as determined by scanning electron microscopy investigation of 
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structure and collagen and glycosaminoglycan quantification. This method also 

allowed for direct investigation of extracellular matrix mechanical properties, which 

previously could only be inferred. 

Chapter 4 describes a method for three dimensional electron microscopy and 

reconstruction of skeletal muscle extracellular matrix. Previous tools available for 

studying the structure of the extracellular matrix were inadequate to answer our 

questions about collagen structure and organization in fibrotic skeletal muscle. Serial 

block face scanning electron microscopy is a new tool that allows for high resolution 

determination of tissue ultrastructure over relatively large volumes. This tool has been 

used for brain and tendon research, but not for skeletal muscle extracellular matrix. 

Imaging parameters and modifications to previous protocols, as well as reconstruction 

and segmentation methods are described. Reconstructions of extracellular collagen, 

fibroblasts, capillaries, and myonuclei are shown at a scale that has not been seen 

before. 

Chapter 5 examines the extracellular matrix of fibrotic muscle compared to 

normal muscle. Collagen that surrounds bundles of muscle fibers forms long cables 

that extend throughout the muscle and have a wavy morphology. To determine if the 

increased muscle stiffness in a model of progressive muscle fibrosis (desmin 

knockout) could be due to extracellular matrix alterations, collagen cables were 

reconstructed by 3D electron microscopy and quantified by stereological analysis. 

Collagen cables were generally aligned with the muscle fiber axis, but appeared to be 

more prevalent in fibrotic muscle. Stereology confirmed this finding; the volume 

fraction of collagen cables is almost doubled in fibrotic muscle, while the volume of 
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disassociated collagen is unchanged. Interesting connections of collagen cables with 

fibroblasts and myonuclei are discussed. 

Chapter 6 summarizes the findings of this dissertation and discusses the 

clinical implications of these findings. Future research directions are also provided. 

 

1.2 Basic Skeletal Muscle Anatomy and Physiology 

 

The skeletal muscle structural hierarchy forms a basis for its physiological 

function. Muscles are composed of fascicles, which contain many muscle cells. These 

specialized muscle cells, called muscle fibers, are multinucleated and composed of 

many myofibrils arranged in parallel. Each myofibril contains sarcomeres, the 

functional unit of muscle, in series. Sarcomeres are formed from overlapping actin and 

myosin myofilaments (Fig. 1.1A), and the interaction of these myofilaments forms the 

basis for force generation in muscle. 

The thick and thin myofilaments in sarcomeres are formed from polymers of 

myosin and actin, respectively. The thick filament of myosin molecules is highly 

asymmetrical and termed the myosin heavy chain (MHC). The globular motor head of 

myosin heavy chain cyclically binds actin allowing it to “slide” relative to thin 

filaments. Myosin heavy chain isoforms vary among muscle fibers, and can be 

identified in muscle cross-sections by immunohistochemistry (1). Muscle fibers 

expressing primarily type I MHC are generally slow contracting, and muscle fibers 

expressing type 2A, 2B, and/or 2X MHC are generally fast contracting (2). The thin 

filament is a polymer of actin monomers arranged into an α-helix. Actin regulates 
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tension generation by controlling its availability for myosin binding, which is achieved 

through the troponin protein. 

The structure of thick and thin filaments forms the basis for the amount of 

tension that can be generated by a sarcomere. Isolated single frog muscle fibers 

undergoing isometric contraction were studied at varying sarcomere lengths and the 

maximum tension produced by the fiber was recorded. These experiments formed the 

basis for the sarcomere length-tension relationship which is shown in Figure 1.1B (3, 

4). Actively contracting fibers produced little tension at short and long sarcomere 

lengths, and the maximum tension was produced over a plateau region corresponding 

to 2.0-2.2 µm sarcomere lengths. This region corresponds to sarcomere lengths that 

have maximum overlap, or cross-bridge formation, between thick and thin filaments. 

At sarcomere lengths greater than 2.2 µm, known as the descending limb region of the 

length-tension curve, fewer and fewer cross-bridges are formed between thick and thin 

filaments and therefore less force is generated. At sarcomere lengths shorter than 2.0 

µm actin filaments begin to overlap and interfere with cross-bridge formation, 

decreasing tension produced. As sarcomeres continue to shorten, myosin filaments 

begin to push on the Z-disks that separate serial sarcomeres resulting in a rapid decline 

in sarcomere tension. The length-tension curve presented here is a function of thick 

and thin filament lengths in frog muscle, and filament lengths vary among species and 

between muscles. Therefore, the length-tension curve for human muscles will be 

slightly different. 
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1.3 Skeletal Muscle Extracellular Matrix 

 

The extracellular matrix (ECM) is composed of a network of structural 

proteins and glycoproteins that surrounds muscle fibers. It is traditionally defined as 

the endomysium surrounding muscle fibers, perimysium surrounding groups of 

muscle fibers, and epimysium surrounding the muscle, although the true organization 

appears to be more complex. The original description of ECM is based upon its 

morphology in a cross-section of normal muscle tissue, in which these three levels can 

easily be distinguished. However, the typical cross-sectional view of ECM gives little 

insight into differences that may exist between these different levels since most 

general histological stains visualize ECM as randomly organized connective tissue. 

Detailed structural information of the ECM is severely lacking, and current 

understanding is based upon scanning electron micrographs of mesh-like endomysial 

networks (5-7) and larger collagen fibers believed to be perimysial in nature (5, 8). 

ECM remodeling is an important aspect of muscle regeneration, and in this 

context the ECM serves as a reservoir for growth factors, matrix remodeling enzymes, 

and fibroblasts, the cells that produce many of these proteins and enzymes. Structural 

proteins, mainly fibrillar type I and III collagens (9), provide support for muscle 

fibers, capillaries, and nerves during this process. Collagen networks may also play a 

role in muscle lateral force transmission and passive tension as outlined below. It is 

important to note that the detailed structure-function relationship of the ECM, and 

particularly collagen in the ECM, has not yet been elucidated. A more detailed 
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description of the structure, composition, and mechanical properties of the ECM are 

presented in Chapter 2. 

 

1.4 Lateral Force Transmission in Muscle 

 

As discussed above, sarcomeres generate force allowing for muscle 

contraction. That force, however, must somehow be transmitted to tendons and then 

bones to produce movement. Force may be transmitted longitudinally within a muscle 

fiber from the proximal tendon to the distal tendon. Overwhelming evidence supports 

the theory that force may also be transmitted laterally out of the muscle fiber to the 

surrounding ECM and then to the tendon. This type of force transmission occurs 

through a series of intermediate filaments and is transmitted to the ECM through a 

complex of transmembrane proteins.  

Intermediate filaments transmit forces developed within sarcomeres to the 

cytoskeleton. These intermediate filaments include desmin and vimentin, which co-

localize with the Z-disk (10, 11) and bind cytoskeletal actin (γ-actin). The intermediate 

filament network transmits forces out of the cell through a series of focal adhesion 

complexes. In skeletal muscle, these focal adhesions are termed “costameres” (12). 

Dystrophin and its associated glycoproteins compose the stronger of two linkages to 

the ECM within costameres. Dystrophin binds on one end to α-actinin, linking it to the 

intermediate filament network, and on the other to dystroglycan and sarcoglycan 

transmembrane proteins. Dystrophin’s importance to force transmission is highlighted 

by the functional deficits observed in patients with Duchenne muscular dystrophy 
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(DMD), which is caused by a mutation in the dystrophin gene. The other route of force 

transmission from intermediate filaments to the ECM is through vinculin, talin, and 

integrin complexes (13). Integrins are important for the normal function of skeletal 

muscle, as evidenced by progressive dystrophy with genetic deletion of the α7 integrin 

(14), although the α7 integrin-null phenotype is not as severe as that of DMD. 

Outside the myofibers, components of the ECM bind to transmembrane 

proteins in costameres. Laminins in the basement membrane bind to integrins, α-

dystroglycan, and other ECM proteins (15). Type IV collagen and fibronectin are also 

predominant components of the basement membrane (16) and form a mesh-like 

network that surrounds muscle fibers. The specific linkages that exist between the 

basement membrane and the endomysium, perimysium, and epimysium to transmit 

force in skeletal muscle are unknown. 

 

1.5 Passive Mechanical Properties of Muscle 

 

Most skeletal muscle mechanics studies have focused on active mechanics, but 

passive tension is also generated when muscle is stretched to long lengths without the 

formation of actin and myosin cross bridges. Passive tension arises as sarcomeres are 

stretched beyond optimum length (on the descending limb of the length-tension curve) 

and a typical passive tension curve is shown in Figure 1.1B. However passive tension, 

unlike active tension, could not be predicted based upon filament lengths, so the 

search began for the source of passive tension in muscle. In 1985, Magid and Law 

performed a study in which frog whole muscle passive tension was compared to that 
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of single fibers and single fibers with the sarcolemma removed (17). They found that 

passive tension was similar in muscle fibers and whole muscle and from this 

concluded that most passive tension in skeletal muscle developed within muscle fibers 

and not in the connective tissue, which was previously postulated. 

Around the same time, titin, a giant protein in skeletal muscle, had been 

implicated in skeletal muscle passive elasticity based on structural evidence. 

Immunoelectron labeling of titin indicated that the protein spanned from Z-disk to 

neighboring Z-disk and was aligned parallel to thick filaments (18). Horowits et al. 

presented physiological data that titin and/or nebulin, another giant protein found in 

skeletal muscle, were implicated in passive tension development since degradation of 

these proteins reduced the ability of rabbit muscle fibers to produce passive tension 

(19). The contribution of titin, intermediate filaments, and collagen to passive tension 

in the rat heart were studied by selectively degrading each of these components to 

reveal that titin maintained passive tension at short sarcomere lengths, but became less 

important as sarcomere lengths increased (20). 

For many years titin has been believed to be primarily responsible for the 

presence of passive elasticity in muscle, however recent evidence suggests that it may 

not be as important for whole muscle passive tension as originally thought. Passive 

tension varies systematically between muscles, yet titin isoform/size alone does not 

predict total muscle stiffness (21, 22). Initial research on titin and passive tension was 

performed on frog muscle, which contains very little connective tissue. Evidence 

suggests that connective tissue from mammalian muscle, composed mostly of 

collagen, could contribute to passive tension more than what has been measured in 
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frog muscle (5). Still, the factors that determine at what sarcomere length passive 

tension develops in different muscles are unknown and the parameters required to 

successfully model muscle passive mechanical properties have not yet been 

determined (23). 

 

1.6 Skeletal Muscle Fibrosis 

 

Fibrosis of various organs occurs in response to disease and injury, and skeletal 

muscle is no exception. Skeletal muscle fibrosis commonly develops in muscular 

dystrophies, myopathy (24), and with aging (25), and is identified by an increase in 

extracellular matrix material. Clinically, fibrotic muscle can be painful and have 

decreased range of motion and places patients at a higher risk for developing 

contracture. Another example of skeletal muscle fibrosis comes from cerebral palsy 

(CP), caused by an upper motoneuron lesion. The injury to the central nervous system 

causes secondary adaptations in skeletal muscle including fibrosis and contracture. 

Bundles of muscle fibers obtained from children with CP were stiffer than muscle 

from typically developing children (22). Additionally, CP muscles contained a higher 

collagen content than typically developing muscle.  

Initially, the observation that muscle stiffness and collagen content increased in 

fibrotic muscle was exciting because it suggested that collagen content could be 

predictive of muscle stiffness and therefore function. However, when stiffness values 

were linearly regressed against the corresponding collagen content in both typically 

developing and cerebral palsy muscle biopsies, it was found that collagen content 
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alone does not correlate with muscle stiffness (Fig. 1.2). This forced the question, 

what about collagen (besides quantity) could affect tissue stiffness? Previous 

observations of collagen extracellular structures seemed likely candidates for load-

bearing in muscle, but only limited data on these structures were available in the 

literature (5, 8). In order to determine how tissue stiffness increases in fibrotic muscle, 

a better understanding of the extracellular matrix structure and function is required in 

normal and pathologic conditions. 

The desmin knockout mouse was used in this dissertation as progressive 

skeletal muscle fibrosis model to study the structure and composition of fibrotic 

extracellular matrix. These mice develop stiffer muscle, increased collagen content, 

and increased ECM area fraction compared to age-matched controls (26). Desmin is a 

component in the putative lateral force transmission pathway, and its deletion induces 

a constant state of inflammation and regeneration in muscle. 

 

1.7 Extracellular Matrix Microscopy 

 

Many microscopy techniques are available for investigating the skeletal muscle 

ECM structure. In order of low to high magnification, optical, laser, and electron 

microscopes are used to study biological specimens. Each of these methods has 

advantages and disadvantages for application to ECM, and an understanding of each 

of these tools is required to determine which tools are necessary to answer questions 

about collagen ECM structure. 
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Optical microscopy includes light and fluorescence microscopy, which are 

quick and relatively easy methods to obtain information about the presence or absence 

of an ECM component and the ECM area fraction. Optical microscopy shines light 

through a specimen, and the magnified image can be viewed by eye (Fig. 1.3A). 

Histology stains that identify collagen via light microscopy include Masson’s 

trichrome and picrosirius red. Fluorescence microscopy is more commonly used to 

determine the presence or absence of a particular ECM component by antibody 

binding and indirect visualization with fluorophores. These methods however are only 

semi-quantitative, and do not have the magnification or resolution capabilities 

necessary for studying ECM structures on the micron scale. 

Higher resolution and 3D visualization can be obtained with laser microscopy 

methods including confocal and second harmonic generation microscopy. Confocal 

microscopy also uses fluorophores to indirectly detect matrix components, but with 

the capability to “optically” section the specimen creating a z-stack of images. Second 

harmonic generation has the unique advantage of detecting collagen fibrils without 

indirect detection due to fibrillar collagen’s crystalline non-centrosymmetric triple-

helix structure (27). Unfortunately, small working distances at higher magnification 

limit the 3D imaging potential of these methods and tissue preparation methods can be 

disruptive to the native ECM structure. 

Scanning electron microscopy (SEM) and transmission electron microscopy 

(TEM) can magnify skeletal muscle structures by 100,000x, making them the 

microscopy methods of choice for investigating structures on the micron and nano-

scale. SEM and TEM produce images in different ways (Fig. 1.3). SEM specimens 
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must first be coated with metal to make them electrically conductive, and usually must 

be free of any moisture (biological specimen dehydration is required). An electron 

beam hits the specimen causing high-energy electrons to be emitted from the 

specimen, called secondary electrons (Fig. 1.3C). Alternatively, electrons within the 

electron beam may hit the specimen and be deflected off the surface, or backscattered. 

SEMs have both secondary and backscattered electron detectors. SEM images provide 

good 3D visualization of tissue surface or structures, however structures that are 

internal to the tissue must first be exposed. Exposing internal structures can damage 

the native tissue structure. In addition, coating specimens with metal particles may 

obscure fine structural details. TEM generates images by focusing an electron beam to 

pass through an ultrathin section of embedded tissue. Electrons pass through areas of 

the section depending on the density of the material and are detected by a camera at 

the bottom of the column (Fig. 1.3B). 3D imaging with TEM is possible through 

manually collecting and imaging serial sections or by using electron tomography, but 

these methods are laborious and usually only provide information over a small depth 

of tissue.  

The collagen structures of interest to this dissertation are small in muscle 

cross-section (on the order of a few microns), yet they traverse through the tissue for 

at least several hundred microns. Because of their wavy morphology, the chances of 

obtaining a thin section that contains a continuous collagen structure are exceedingly 

small. A method that combines the 3D visualization of SEM with the resolution and 

non-disruptive preparation techniques of TEM was optimized and is described in 

Chapter 4. 
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Figure 1.1: A) Schematic diagram of a sarcomere. Actin and myosin filaments 
overlap and can slide relative to each other. Sarcomeres are bounded on either end by 
the z-disk. B) Sarcomere length-tension relationship for frog muscle undergoing 
isometric contractions. The red solid line denotes tension generated by actively 
contracting sarcomeres, and the blue dotted line represents passive muscle tension.  
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Figure 1.2: Collagen content is not predictive of tangent stiffness for muscle isolated 
from typically developing children (TD) or children with cerebral palsy (CP). Each 
data point represents one subject. Linear regression analysis of all data (dotted black 
line) revealed no correlation between collagen content and tangent stiffness. Data 
courtesy of L.R. Smith. 
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Figure 1.3: Schematic representations of A) optical microscopy, B) transmission 
electron microscopy, and C) scanning electron microscopy. These techniques are 
routinely used to investigate skeletal muscle structure. Note that the light and electron 
paths from source to image have been highly simplified and are shown as a single gray 
arrow. 
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CHAPTER 2 

 

Structure and Function of the Skeletal Muscle Extracellular Matrix 

 

2.1 Abstract 

	
  

The skeletal muscle extracellular matrix (ECM) plays an important role in 

muscle fiber force transmission, maintenance, and repair. In both injured and diseased 

states, ECM adapts dramatically, a property that has clinical manifestations and alters 

muscle function. Here, we review the structure, composition, and mechanical 

properties of skeletal muscle ECM, describe the cells that contribute to the 

maintenance of the ECM and, finally, overview changes that occur with pathology. 

New scanning electron micrographs of ECM structure are also presented with 

hypotheses about ECM structure-function relationships. Detailed structure-function 

relationships of the ECM have yet to be defined and, as a result, we propose areas for 

future studies. 

 

2.2 Introduction 

 

Skeletal muscles are composed primarily of contractile material. Thus, it is no 

surprise that the vast majority of skeletal muscle studies focus on its contractile 

properties.  However, because muscle is a composite tissue of connective tissue, blood 

vessels, and nerves as well as contractile material, these “minor” tissues (in terms of 
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relative mass) may strongly influence muscle function.  In this review, we focus on the 

skeletal muscle extracellular matrix (ECM) because of the growing body of evidence 

indicating that ECM strongly affects muscle’s normal function, its ability to adapt, and 

the biological reservoir of muscle stem cells that it provides.  Specifically, recent 

biomechanical studies support the idea the ECM bears the majority of muscle passive 

load which implies that clinical examination of patient range of motion and stiffness 

primarily reflect their ECM properties.  In addition, while muscle pathology is 

typically described in terms of altered fiber type, fiber size distribution or centralized 

nuclei, nearly every pathological change reported in muscle is also associated to some 

degree with ECM fibrosis.  Therefore, based on its important functional role, its 

consistent response to disease and injury, and its clinically significant manifestations, 

it is timely to review our current understanding of muscle ECM structure, function, 

and biology. 

 

2.3 Skeletal Muscle ECM Structure 

 

Unfortunately, there is a paucity of objective information about muscle ECM 

compared to the other connective tissues of mesenchymal origin, such as tendon, 

ligament, bone, and cartilage.  It follows logically that much of the muscle ECM 

literature simply represents extrapolation of knowledge gleaned from other tissues.  

This is especially true in terms of understanding muscle ECM’s functional properties, 

primarily because the geometry of muscle ECM is tremendously complex compared to 

other connective tissues.  Didactic presentations regarding muscle ECM often 



22 

 

subdivide it into endomysial (around the muscle cell), perimysial (around groups of 

muscle cells), and epimysial (around the muscle) connective tissues (Fig. 2.1).  

However, direct inspection of actual skeletal muscle samples by light, transmission or 

scanning electron microscopy reveals that such definitive subdivisions are relatively 

arbitrary.  Systematic studies of muscle ECM, in which the proper rules of three-

dimensional sampling are followed, are lacking, resulting in a literature where 

sampling is typically biased according to what “appears” most prominent in tissue 

sections. Those studying ECM are encouraged to emulate the outstanding 

morphometric studies of muscle sarcoplasmic reticulum (SR) that led to our current 

understanding of the excitation-contraction coupling mechanism. These studies 

revealed that, while the SR is unimpressive in any single EM plane, reconstruction of 

the SR network reveals a highly ordered, extensive, and functionally critical 

component of muscle that would have been missed if it were simply viewed in any 

single traditional plane (1). It is therefore likely that a higher order organization of 

muscle ECM exists that is yet to be defined, and our understanding of the “three” 

subdivisions of ECM is of a rudimentary nature. 

 

The muscle endomysium 

 An exception to the casual sampling performed in most ECM studies is the 

systematic and quantitative description of the muscle endomysial ECM reported for 

feline and bovine muscle by Purslow and Trotter (2, 3). They showed that a highly 

ordered network surrounds individual muscle fibers that deforms nonlinearly with 

increasing sarcomere length.  The result is a load-bearing network whose mechanical 



23 

 

properties reflect more the network geometry than the constitutive properties of the 

composite collagen fibers (except at very long lengths).  The significance of this 

geometry is that force is most likely transmitted by shear through the endomysium. 

Their dramatic topographical photographs (Fig. 2.2) and quantitative models (3), 

although performed about 25 years ago, still form our basic understanding of muscle 

cell-endomysium structural interactions.  Because other muscles have not been studied 

at the same level of detail, it is not clear whether this level of organization is typical of 

all muscles across species or even different muscles within the same species. 

 We have examined the endomysial structure of mouse extensor digitorum 

longus (EDL) muscles using scanning electron microscopy. When fixed at resting 

length, we observed discreet patches of ECM that could be lifted away from myofibers 

in regions where fibers were apparently pulled apart during processing (Fig. 2.3A). 

Based on the fact that the edges of this “patch” appeared to become contiguous with 

the muscle fiber (Figs. 2.3B and 2.3D), we suspect that this patch represents an 

elevated piece of muscle fiber ECM, presumably endomysium. Interestingly, on 

muscle fibers adjacent to this patch, endomysial ECM appeared has a longitudinal 

periodicity on the myofiber surface (see lines in Fig. 2.3B), but no such longitudinal 

periodicity is obvious on the released patches (Fig. 2.3C). Often a large tubular 

extension passed over the surface of the fiber, which may represent a portion of the 

microcirculation or, perhaps an axon traversing the tissue (Fig. 2.3B). 

 

The muscle perimysium 

 Muscle perimysial studies are much more sparse, variable and less defined 
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compared to the studies described above for the endomysium primarily because there 

is no strict definition of perimysium.  Light micrographic cross-sections reveal 

thickened ECM that “surrounds” bundles of muscle cells. Thus, this “thicker” ECM 

region is often considered a distinct entity simply because it presents a more visually 

obvious pattern; its higher order arrangement (if any) is not known. For example, it is 

not known whether perimysium surrounds a bundle of fibers from origin to insertion 

analogous to a telephone cable or whether it is interconnected across the muscle belly 

similar to the endomysial network.  Addressing this issue has profound implications 

for understanding the normal and pathological properties of the muscle perimysium 

and has not previously been systematically addressed.  

Surface topology of the perimysium suggests that, unlike the endomysium, 

perimysial collagen fibers are organized into more-or-less discrete populations that 

extend along and across muscle fibers (4-7). This can be observed on micrographs 

where longitudinally oriented fibers form a dense series of bands along fibers while 

transverse collagen fibers interconnect muscle fibers at discrete points (“Perimysial 

Plate,” Fig. 2.4).  Intriguingly, it has been reported that these transverse connection 

points are colocalized with focal adhesions and intracellular subdomains (7, 8), 

suggesting that the perimysium may be involved in cellular signaling.  The degree of 

intimacy between the muscle cell and the perimysium can be appreciated based on the 

fact that cellular landmarks such as Z-bands and A-bands are visualized at the fiber 

surface (Fig. 2.4). However, it is not clear to what extent this arrangement is typical of 

all muscle fibers, and no data exist for human muscle.  In the context of our 

understanding of normal muscle physiology, it would be interesting to determine 
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whether perimysial arrangements vary among muscles of different functions, such as 

those that are chronically active, perform antigravity functions, operate at long 

lengths, or are involved in rapid movements.  In the same way that muscle fiber type 

has come to be understood in the context of muscle’s physiological function (9), it is 

likely that some degree of ECM customization exists across muscles of different 

function.  We frequently observed extended perimysial cables in the interstitium 

between muscle cells.  Under conditions where the cells were extended (by about 

30%) long cables were observed to be taut (Fig. 2.5A) and sometimes even frayed 

(Fig. 2.5B) as they passed between fibers.  The cables themselves were organized as 

bundles of collagen fibers but the actual collagen isoform or the presence/absence of 

proteoglycan in these cables is not known.  These cables terminated on muscle cells as 

the perimysial plate (Fig. 2.4).  Under conditions where the muscle was fixed while 

slack, the perimysial cables were tortuous and intimately associated with the fiber 

surface (Fig. 2.6).  It is of interest that the cable reproduced in the montage of Figure 

2.6 has a gross structure reminiscent of strain relief (arrow) that is commonly present 

in load bearing structures that are subjected to length changes.  Also visible in this 

micrograph is the close association between the so-called perimysial cables and the 

endomysial mesh (arrowheads).  Clearly, “unraveling” the biological and 

biomechanical associations between these structures represents a formidable 

challenge. 

To understand the organization of collagen fibrils in ECM more completely, 

confocal microscopy can be used to examine ECM components (10, 11). This method 

offers the ability to measure real-time deformation in ECM components in response to 



26 

 

loading. Taken together, the above descriptive studies of skeletal muscle ECM 

strongly suggest that there is a well-organized collagen network that can be quantified 

in terms of fibril size distribution, interconnection, and orientation as a function of 

muscle length and activity.  However, the exact nature of the network and its site(s) of 

mechanical integration with the surrounding muscle tissue, including the 

microcirculation and motor unit axons, remain to be determined. 

 

The muscle epimysium 

 The epimysial layer of muscle ECM can be discretely isolated by dissection 

and, thus, lends itself to a more discrete definition and mechanical testing.  Gao and 

colleagues described the deep and superficial surfaces of epimysium as being 

primarily composed of very large collagen bundles with a familiar “crimp” pattern 

reminiscent of that seen in tendon (12, 13). In light of this structural specialization, a 

micromechanical model was developed that could describe the highly nonlinear 

behavior of this connective tissue (14). These investigators speculated that stiffness of 

the epimysium changed with age, which could have implications for understanding 

biomechanical properties of aged muscle both in terms of normal function and 

response to injury.  In addition to the epimysium, connective tissue linkages may be 

involved in force transmission between muscles, but this will not be discussed here 

(see review (15)). Based on the morphological appearance of epimysium (Fig. 2.7), it 

is not clear whether epimysium has truly distinct structural properties compared to 

perimysium.  Apparent sarcomere length periodicity (Fig. 2.7A, lines) as well as 

longitudinal ECM periodicity are both observable in the epimysium (Fig. 2.7B, lines).  
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However, because these preparatory and visualization methods are so disruptive, it is 

not clear that these properties reflect native ECM structure. 

 

Putative structure hierarchy of skeletal muscle ECM 

 The hierarchical organization of ECM into endo-, peri-, and epimysium is 

generally accepted, but this simplified organization does not explain how ECM 

transitions through these “zones” from muscle to tendon. Passerieux and colleagues 

digested muscle fibers in bovine flexor carpi radialis muscles and visualized the 

resulting connective tissue using scanning electron microscopy (16). The images they 

obtained suggest that sheets of perimysial collagen join and become continuous with 

tendon. It is interesting to note that tendon and perimysium both contain primarily type 

I collagen, and the primary proteoglycan (PG) for both structures is decorin. In 

contrast, epimysium and endomysium are made up of almost equal amounts of types I 

and III collagen and contain other PGs (see below). The structure of perimysium is 

also different from the mesh-like structure of endomysium. This evidence supports the 

hypothesis that perimysium is continuous with tendon (Fig. 2.1B). Using this logic, 

muscle fascicles are viewed as being surrounded by perimysium, and endomysium is 

continuous within fascicles, but does not cross the perimysial border. Collagen in 

tendon is much more organized than collagen in perimysium, but collagen 

organization may have initially been similar during development before differentiating 

as a result of loading conditions. High tensile loads on the tendon may organize 

collagen fibers to align with the muscle axis while complex stress and strain 

distributions within the muscle belly may allow perimysial collagen to maintain a less 
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organized structure. Based on the fact that muscle fibers within a motor unit do not 

extend the length of a fascicle (17) and the observation of an intimate interaction 

between tendon and perimysium, a current structural model for muscle tissue is one in 

which muscle fibers are embedded within a matrix of ECM that forms discrete layers 

that are mechanically interconnected.  Thus, muscle fiber force generated by actin-

myosin interactions will be transmitted to the ECM at multiple focal adhesions along 

the muscle fiber itself (18). Once force is transmitted to the ECM, there would be 

nearly infinite paths of force transmission to the external tendon.  In this way, focal 

ECM or muscle fiber injuries would have negligible functional significance due to the 

mechanical redundancy built into the ECM.  It would be extremely helpful to pursue 

detailed studies of the transition zones between endomysium, perimysium, epimysium, 

and tendon. 

 

2.4 Composition 

 

Skeletal muscle collagens 

 Collagen is the major structural protein in skeletal muscle ECM accounting for 

1-10% of muscle mass dry weight (19, 20). Collagen structure has been extensively 

studied and will not be described here (see review (21)). Types I, III, IV, V, VI, XI, 

XII, XIV, XV, and XVIII collagen are expressed during skeletal muscle development 

(22-26), although fibrillar types I and III predominate in adult endo-, peri-, and 

epimysium (27, 28). Several studies suggest that perimysial collagen is predominantly 

type I, whereas type III collagen appears to be more evenly distributed between 
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endomysium and epimysium (28). However, these studies are largely qualitative due 

to difficulty isolating various “regions” of ECM; thus, it is not clear if collagen ratios 

vary in muscles with different functions. Type V collagen, another fibril-forming 

collagen, associates with types I and III and may form a core for type I collagen fibrils 

in perimysium and endomysium (29). No data exist regarding the effect of a type V 

collagen core on type I collagen fibril crimp pattern, tensile strength, or fibril 

diameter. Types XII and XIV collagen are fibril associated collagens with interrupted 

triple helices (FACITs) localized primarily to perimysium (23). While they appear to 

link fibrillar collagen to other ECM components, their precise function is not known.  

 Muscle basement membrane consists primarily of a type IV collagen network, 

however types VI, XV, and XVIII are also present (22, 24-26, 30). Types XV and 

XVIII collagen are classified as multiplexins, which are heparan sulfate proteoglycans 

(HSPGs). The multiplexins can bind growth factors and also aid in linking the 

basement membrane to other basement membrane glycoproteins and endomysium 

(31). Although the basement membrane is considered distinct from endomysium, the 

two are intimately connected and probably involved in the transmission of force from 

the myofiber to the tendon (3, 32).    

 Attempts to characterize skeletal muscle collagens fully have been hampered 

by inadequate biochemical techniques that do not accurately differentiate and/or 

quantify collagen types. This is partially due to the complex and conserved structure 

of collagen molecules. Current methods include quantification by the ratio of 

hydroxyproline to collagen, Western blots of digested collagen fractions, antibody 

binding assays, and high pressure liquid chromatography (HPLC). Identification by 
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hydroxyproline and HPLC does not allow for differentiation of specific collagen 

types, whereas Western blotting may be used to successfully quantify collagen types.  

However, this method is laborious, fairly insensitive, difficult to quantify and not 

suitable for large-scale screening. Immunohistochemistry may be used to localize 

collagen in muscle tissue, however this approach suffer from the fact that antibody 

affinities vary tremendously and, as described above, collagen “visualization” is 

highly biased due to the complex geometry of ECM itself. Visualization is further 

complicated by the presence of heterotrimers of different collagen types because 

antibody-binding epitopes may be masked by associated collagen fibrils. New 

techniques must be developed to identify and quantify different collagen types. 

 

Proteoglycans and glycosaminoglycans  

 Proteoglycans are ubiquitous in connective tissue, and muscle ECM is no 

exception. A number of PGs are present in muscle ECM, with many belonging to the 

family of small leucine-rich proteoglycans (SLRPs). SLRPs consist of a core protein 

with attached GAG chains and include decorin, biglycan, fibromodulin, and lumican. 

The most abundant PGs in skeletal muscle ECM have chondroitin sulfate and 

dermatan sulfate GAG chains, including decorin and biglycan (33). The heparan 

sulfate PGs collagen XVIII, perlecan, and agrin comprise approximately 30% of the 

PGs in ECM (33) and are known to bind growth factors (34, 35). Growth factors in 

skeletal muscle can be stored and released by negatively charged GAGs, particularly 

HSPGs. This is especially important in the basement membrane and endomysium, 

which surround muscle fibers where they can act in an autocrine fashion. Importantly, 
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enzymes in the ECM can cleave GAG chains with their associated growth factors (36-

38), allowing for their interaction in cell signaling and mechanotransduction.  Again, 

this field is in its infancy.  

 

Collagen-proteoglycan interactions  

 Because they comprise the major structural components of ECM, collagen and 

proteoglycans have unique interactions that maintain the structure and organization of 

the matrix. Proteoglycans bind to collagen in specific locations (39-41) and are present 

in different ratios throughout ECM. Decorin, the major PG in the perimysium (42), is 

arch shaped (43, 44), and its leucine-rich repeats bind to type I collagen (45) near the d 

and e bands (40). Due to its binding interaction with type I collagen in vitro, decorin 

has been proposed to be a regulator of type I collagen fibrillogenesis in skeletal 

muscle. Decorin inhibits the lateral growth of collagen fibrils, both with and without 

its GAG chain, implying the core protein is the source of inhibition (46). Biglycan is 

structurally similar to decorin and also binds to type I collagen, likely at the same 

position as decorin (47). The binding of proteoglycans to collagen and the location of 

collagen crosslinks might be key factors that determine the structural organization of 

skeletal muscle ECM. In the absence of decorin (48) or biglycan (49) collagen fibril 

diameter in tendon is irregular. Additionally, biglycan-null mice display a mild 

muscular dystrophic phenotype (50) and skin from decorin-null mice has reduced 

tensile strength (48), indicating the importance of these PGs in maintaining normal 

tissue function and mechanical properties (see review (51)).  
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Glycoproteins and matricellular proteins 

 Many glycoproteins function as linker molecules between type IV collagen in 

the basement membrane and sarcolemma (muscle fiber membrane). At the 

sarcolemma, laminins are bound by integrins and α-dystroglycan (52, 53), and 

fibronectin may also bind to integrins (54). Laminins can bind directly to type IV 

collagen (55, 56), but may also be indirectly linked by fibronectin (55, 57) or nidogen 

(58, 59). Interactions between these glycoproteins provide potential mechanisms for 

lateral force transmission from the myofiber and have been reviewed (32). Together 

with the branched network structure of type IV collagen, these glycoproteins form the 

basis for basement membrane architecture (see reviews (60, 61)). 

 Matricellular proteins are secreted into the extracellular matrix but do not play 

a structural role and in skeletal muscle include osteopontin, secreted protein acidic and 

rich in cysteine (SPARC), thrombospondin, and tenascin-C. Osteopontin has cytokine-

like functions and is not normally observed in normal skeletal muscle, but appears 

during muscle regeneration. Although typically secreted by inflammatory cells, 

myoblasts may also secrete osteopontin (62). SPARC has been shown to bind collagen 

and may chaperone collagen interactions in the extracellular matrix (63). 

Thrombospondin has been identified in skeletal muscle ECM and thrombospondin 

knockout mice had higher skeletal muscle capillarity than wildtype mice, indicating 

that its role may be to prevent excessive capillary formation (64). Tenascin-C is 

localized to the neuromuscular junction (NMJ) (65) and binds perlecan and agrin (66, 

67), which could indicate that it plays a role in maintaining NMJ architecture (68). 
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Although these proteins do not provide structural support, they are vital in ECM 

signaling and maintaining ECM organization.  

 

Matrix remodeling enzymes  

 In normal skeletal muscle, a delicate balance exists between enzymes 

responsible for ECM synthesis and their inhibitors. Turnover of the ECM is required 

for cell migration, myotube formation, and reorganization of the matrix during muscle 

adaptation. Matrix metalloproteinase (MMP) levels in uninjured muscle are generally 

low, but secreted MMPs that can be expressed in skeletal muscle include the 

gelatinases MMP-2 and MMP-9 (69) that degrade type IV collagen, fibronectin, 

proteoglycans, and laminin, as well as the collagenases MMP-1 (70) and MMP-13 

(71) that degrade types I and III collagen. In addition to secreted MMPs, membrane 

type-1 MMP activates MMP-2 and has proteolytic functions near the cell surface (72). 

Their inhibitors, tissue inhibitors of matrix metalloproteinases (TIMPs) 1-3 (70, 73), 

either bind to active MMPs or stabilize inactive forms, thereby inhibiting their 

enzymatic activity.  Given the wide range of components involved in ECM synthesis, 

degradation, and inhibition of this degradation, it is clear that skeletal muscle ECM 

composition and, therefore, its mechanical properties, are under tight regulation. 

 

2.5 ECM Mechanics 

 

Muscle ECM mechanical properties 

 Muscle develops passive tension as it is stretched beyond its slack length and, 
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within fibers, passive tension has been attributed primarily to titin, a giant protein that 

spans from the Z-disc to the M-line within sarcomeres (74). Magid and Law 

demonstrated in frog muscle fibers that passive tension originated from within 

myofibrils, not extracellularly, which led to decades of defining titin’s structure and 

function (75). However, a correlation between titin size and fiber or myofibrillar 

stiffness is only weak (76), suggesting that other aspects of titin’s structure may be 

more functionally important than size (e.g. protein phosphorylation) or that other 

structures are significantly involved. Biomechanical studies of muscle fiber bundles 

and even whole muscle provide more evidence that titin plays only a minor role in 

passive load-bearing at the tissue level.  For example, when measuring the passive 

mechanical modulus of muscle from single fibers to fiber bundles, the modulus often 

increases two-fold (Table 2.1) (77-80). Given that the ECM comprises only about 5% 

of the area fraction of these muscle samples, these studies suggest that the ECM is a 

tremendously stiff structure surrounding relatively compliant fibers.   

As mentioned above, to date, measurement of ECM biomechanical properties 

has consisted of studying epimysial sheets that are easily dissected and tested or 

isolation studies that remove all components from muscle with the exception of 

endomysium, perimysium, and epimysium collagen fibrils.  However, biaxial testing 

of ECM sheets or isolated collagen fibrils may not represent the in vivo loading or 

structural environment of ECM, and new methods are needed to accurately measure 

the in vivo mechanical properties of the composite ECM.  

 

Direct and indirect measurement of composite ECM mechanical properties 
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 Two recent studies provide examples of novel methods that indirectly (79) or 

directly (81) define muscle ECM mechanical properties. To indirectly define ECM 

mechanical properties, a single muscle fiber modulus can be measured and compared 

to the modulus of muscle bundles. ECM modulus can then be calculated using the rule 

of mixtures for composites after the load-bearing area of fiber and ECM are first 

defined (79). Using this approach, isolated muscle fiber stress-strain behavior was 

shown to be linear, and muscle bundle stress-strain behavior was nonlinear (Fig. 

2.8A).  However, it was not clear whether the inherent nonlinearities in the ECM 

material properties were due to the fact that muscle fiber bundles are composed of 

numerous individual muscle fibers with slightly different linear material properties or 

whether the ECM itself was nonlinear. It is possible that nonlinear stress-strain 

behavior of muscle bundles can be a manifestation of fibers with linear stress-strain 

relationships that develop tension at different sarcomere lengths. To address this 

question, mechanical experiments were performed in which numerous single fibers 

were isolated to exclude ECM and then “grouped” together to be the size of a muscle 

fiber bundle.  Then, a comparison between fiber “groups” and fiber bundles provided a 

comparison between multiple muscle fibers with and without ECM. The results clearly 

demonstrated that the modulus of a fiber group was nearly identical to that of single 

fibers; in contrast, the modulus of bundles was about five times higher (Fig. 2.8B).  

These experiments demonstrate that ECM is inherently stiffer than muscle fibers and 

that its material properties are highly nonlinear. 

In a different approach, instead of using a subtractive method to define ECM 

properties, ECM properties were directly measured by treating the muscle in such a 
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way that removes everything except the ECM from a muscle (81). Unlike previous 

maceration techniques used to observe collagen in the ECM (82) or enzymatic and 

detergent digestion methods that remove glycosaminoglycans that may affect 

mechanical properties (83, 84), this so-called “decellularization” protocol did not 

remove glycosaminoglycans from the muscle. Importantly, biomechanical properties 

of the decellularized muscles were nearly identical to those of intact muscles. Creative 

experiments such as these will provide a first step toward elucidating the mechanical 

properties of skeletal muscle ECM. 

 

2.6 ECM Mononuclear Cells 

 

While most descriptions of “cells” within muscle tissue refer to the 

multinucleated, post-mitotic, highly differentiated muscle fibers, muscle tissue, in 

general, and ECM, in particular, is resident to a wide variety of mononuclear cell types 

that are involved in the maintenance of ECM and the regeneration of muscle.  Satellite 

cells within muscle have been described in detail in a number of recent reviews (85, 

86) and will not be discussed further in this review.  Instead, we focus on the cell types 

in muscle that contribute to the production and maintenance of ECM. In terms of the 

“minor” cell types, nerve axons secrete agrin, a HSPG that aids in clustering 

acetylcholine receptors at the neuromuscular junction (87). Their supporting Schwann 

cells are capable of producing laminins both in vitro and in vivo (88), and, when 

cultured with nerve cells, they secrete types I and III collagen (89). The primary 

mononuclear cell in normal muscle ECM is the fibroblast, which is responsible for 
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producing the majority of ECM components, including collagen, fibronectin, MMPs, 

and PGs (90-92). In cases of muscle injury, however, other cell types may contribute 

to the production of ECM components. For example, satellite cells have been shown to 

secrete MMPs in culture (93), which may aid in their migration through the ECM to 

sites of muscle injury. It is even possible that multinucleated myofibers contribute to 

ECM production in normal muscle. Myogenic cells secrete collagen (94), MMP-2 

(69), and decorin (95) in culture, and embryonic myoblasts secrete collagens prior to 

fusion (96), but fibroblasts appear to be necessary to organize these ECM components 

into a functional matrix (92, 97). Fibroblasts are sensitive to mechanical loading and 

convert mechanical signals into altered gene expression (see review (98)). Fibroblasts 

near the myotendinous junction likely experience a different mechanical environment 

compared to those located in the midbelly of the muscle, and this could be responsible 

for increased collagen production to aid in tendon development and maintenance as 

well as laminins and talins that link the ends of muscle fibers to the basement 

membrane at the myotendinous junction. Because the amount of collagen in muscle 

varies, it is reasonable to speculate that muscles may have phenotypically different 

fibroblasts for ECM production that correspond to the needs of that muscle type. 

There is precedent for such a differential function of generically identified 

“fibroblasts”: extraocular fibroblasts are phenotypically distinct from leg muscle 

fibroblasts even when isolated from the same species. These fibroblasts are derived 

from neural ectoderm and mesenchymal origin, respectively, so transcriptional 

differences would not be surprising (99). A recent study found that fibroblasts isolated 

from different muscle types have different in vitro growth potentials and expression 
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different levels of MMP-2 (90). Fibroblasts cultured from bovine semitendinosus and 

sternomandibularis muscles had higher growth capacity than fibroblasts from 

longissimus dorsi muscle, and active MMP-2 expression was generally highest in 

semitendinosus fibroblast cultures and lowest in sternomandibularis fibroblast 

cultures. The mechanical properties and collagen content of these muscles were not 

analyzed in parallel, so these differences cannot be correlated with muscle function or 

ECM turnover. The location and number of fibroblasts in skeletal muscle have not 

been systematically addressed, but fluorescence-activated cell sorting (FACS) makes 

it possible to identify and separate fibroblasts from muscle tissue. Measuring changes 

in the fibroblast compartment of muscle after injury and pathology could explain the 

measured changes in ECM of these muscles.  

 The fact that a significant fraction of muscle resident mononuclear cells have 

stem cell properties (86) is especially provocative in light of recent studies that clearly 

demonstrate that the biomechanical properties of the cell substrate strongly affects 

gene expression patterns that pertain to fate determination (100). This raises the 

distinct possibilities that mechanical properties of ECM are not only modified in 

disease and injury, but that mechanical modifications or the ECM affect subsequent 

tissue properties.  Again, this field is in its infancy. 

 

2.7 ECM Pathological Changes 

 

Fibrosis 

 A common theme across almost all myopathies is the accumulation of excess 
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ECM, which is generically termed “fibrosis.”  This term actually has no objective 

definition but is typically used as a qualitative descriptor in muscle pathology. Fibrosis 

in skeletal muscle is clinically relevant especially in light of the very strong 

mechanical influence that the ECM plays in muscle function. It is unclear, however, 

whether fibrosis in muscle is characterized by excessive production of ECM 

components, altered activity or gene expression of ECM-degrading MMPs and their 

inhibitors, or a combination of these. Skeletal muscle fibrosis occurs in muscular 

dystrophies, diabetes, immobilization, and aging (101-105). Histological analysis of 

fibrosis in muscle (Fig. 2.9) is characterized by increased endomysium and 

perimysium. This type of description is highly sensitive but entirely nonspecific. 

Fibroblasts are typically the collagen producing cells in mature muscle, but other cell 

types, including inflammatory cells, myofibers, endothelial cells, and satellite cells, 

may contribute to collagen production in fibrotic muscle, as described above. To 

answer the question of which cell types produce collagen in fibrotic muscle, it would 

be interesting to study a Cre recombinase expressing mouse under the control of the 

type I collagen promoter (106) in a fibrosis-inducing injury model. In this model Cre 

protein is co-expressed with the α2 chain of type I collagen so that the presence of 

Cre, and therefore the cells expressing type I collagen, can be identified by 

immunofluorescence staining with an anti-Cre antibody. Furthermore, multiple 

reaction monitoring may be used in the future to quantify proteins from labeled cell 

types in muscle (107). This method can detect and quantify peptides in multiplex 

format using a triple quadrupole instrument. An advantage to this method is that it 

might be used to identify protein signals in fibrotic muscle that cause cells to 



40 

 

overexpress collagen. 

Transforming growth factor-beta (TGF-β) is a cytokine with many functions in 

skeletal muscle. The role of TGF-β in fibrosis has been the subject of many studies 

(see reviews (108, 109)). Activated TGF-β induces fibroblasts to produce type I 

collagen, fibronectin, and connective tissue growth factor (CTGF) and suppresses 

matrix metalloproteinases. When repeated muscle injury occurs, elevated TGF-β 

continues to signal ECM production and eventually leads to a fibrotic response. In the 

case of Duchenne muscular dystrophy (DMD), decorin and biglycan, which normally 

sequester TGF-β, are differentially expressed (110-112), which may lead to altered 

TGF-β signaling and eventual fibrosis. CTGF has only recently been discovered, and 

its role in muscle fibrosis is not fully understood, but the expression of TGF-β and 

CTGF seem to be related (113-116). Mechanical stress appears to stimulate CTGF 

expression (117, 118), and CTGF may be involved in the muscle fibrosis that occurs 

after stretch injury.  

 In addition to changes in composition, fibrosis has been associated with 

changes in muscle mechanics. Spastic muscle from patients with cerebral palsy is 

characterized by increased extracellular material (119) and stiffer fibers (78, 120). 

Interestingly, the modulus of spastic muscle fibers is about two times greater than 

normal fibers, but the modulus of spastic muscle bundles is significantly lower than 

normal bundles (78). It is tempting to speculate that the reduced spastic bundle 

modulus occurs in response to the altered stiffness of the muscle fibers themselves. 

Collagen content is increased in spastic muscle (119) and correlates with the clinical 

severity of muscle spasticity (121), again demonstrating the clinical importance of 
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ECM in pathology.  Analysis of muscle from children with wrist flexion contractures 

revealed significant changes in transcripts related to ECM in a way that differed from 

other altered use or disease models such as DMD, immobilization-induced atrophy or 

hereditary spastic paraplegia (122). Thus, it is possible that the “final” observable 

effect is fibrosis, but there are numerous cellular processes that can produce it. 

 An equally provocative muscle adaptation was recently observed in a desmin 

knockout model (123). Incremental stress-relaxation tests were performed on EDL 

muscle fibers and fiber bundles from desmin knockout and wildtype mice. The linear 

modulus was defined as the slope of the stress-strain curve—a measure of tissue 

stiffness. Loss of the intermediate filament network ultimately resulted in ECM 

hypertrophy and, mechanically, stiffer muscle tissue. Thus, data from children with CP 

and transgenic animal models both suggest the possibility that muscle fiber 

mechanical properties and ECM properties are dependent upon each other.  The 

detailed mechanistic basis for such an interaction remains to be defined. 

 Profibrotic cytokines and ECM components that interact with them have been 

specific targets for antifibrotic therapies for skeletal muscle based on their potential to 

directly affect ECM production. Huard and colleagues have implemented this 

mechanistic approach by using IGF-1, decorin, and TGF-β inhibitors to prevent 

fibrosis in skeletal muscle (124-126). These treatments enhance regeneration and 

prevent fibrosis in injured muscle, but their efficacy in muscle that is already fibrotic 

has not yet been determined.  

 

Intramuscular fat 
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 Another pathological response of skeletal muscle to disease or injury is the 

accumulation of intramuscular, extracellular fat.  This is distinct from the positive 

adaptation of muscle to exercise that includes increased intracellular fat deposition 

(127). Pathological examples of intramuscular fat deposition include fatty deposits that 

occur in advanced cases of DMD (128), obesity (129), type 2 diabetes (129), and aged 

muscle (129, 130), as well as the “fatty atrophy” that accompanies rotator cuff tears 

(131, 132) and low back pathology in humans (133). 

Only recently has it been possible to address, in a relatively mechanistic 

fashion, the biological basis for fatty deposition in muscle tissue.  This is based on the 

discovery of several cells types within muscle that have clear adipogenic potential, 

including satellite cells, mesenchymal stem cells, and certain side population cells 

(134-136). However, until recently, it was not clear which of these cells are 

responsible for adipose tissue in muscle. Uezumi and colleagues identified a 

PDGFRα+ progenitor cell population distinct from satellite cells that can differentiate 

into adipose tissue in vivo under non-regenerating conditions (135). Interestingly, 

these cells were observed more in perimysium than endomysium, consistent with the 

idea that fat accumulation in disease is generally localized to the perimysium (137). A 

detailed mechanism for the activation of these cells and the factor(s) that regulate their 

proliferation is not yet known. 

 

2.8 Conclusions 

 

The role of ECM in muscle mechanics and pathology is not well understood, 
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but it is becoming more evident that changes in ECM are clinically significant. Further 

studies are required to define the detailed structure and composition of ECM, 

characterize its mechanical properties, and determine the way in which these 

relationships change in diseased states. Several studies have been proposed in this 

review that could address these areas, and the key questions are summarized below: 

1. What is the three-dimensional perimysial collagen structure in muscle?  How 

does this differ amongst muscles with different function, e.g. those that are 

chronically active, perform antigravity functions, operate at long lengths, or are 

involved in rapid movements? 

2. What is the nature of the transition between structures of the endomysium, 

perimysium, epimysium, and tendon? How do these structures interconnect to 

transmit force along and across muscle? 

3. What is the nature of the biological and biomechanical communication 

between muscle cells and the ECM? Which structures are responsible for 

transmission of biological and mechanical signals between muscle cells and 

the ECM? 

4. What are the changes that occur in the fibroblast and mononuclear cell 

compartment of muscle with normal development, pathology, and injury? 

What cell types contribute to the fibrosis or fatty accumulation that occurs in 

muscle disease?  

 Answers to these questions will vastly improve our basic understanding of the 

ECM and how it contributes to normal muscle function. Only then can we begin to 

understand how compositional and structural changes in the ECM affect muscle 
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function in disease and injury. Finally, identifying mechanisms by which ECM 

hypertrophies in disease will provide potential targets for therapeutic interventions. 
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Table 2.1: Comparison of single fiber and fiber bundle modulus values from various 
muscles. 

Muscle 
Single Fiber 

Modulus 
(kPa) 

Fiber Bundle 
Modulus 

(kPa) 

Bundle:Fiber 
Modulus 

Ratio 

Reference 
no. 

Human Iliocostalis 37.05 58.83 1.59 77 
Human 
Longissimus 32.80 62.85 1.92 77 

Human Multifidus 33.71 91.34 2.71 77 
Human Upper 
Extremity 28.2 462.5 16.4 78 

Spastic Human 
Upper Extremity 55 111.15 2.02 78 

Mouse Fifth Toe 
EDL 6.26 40.53 6.48 79 

Rabbit Diaphragm 30.14* 57.01* 1.89 76 

Rabbit EDL 70.95* 
81.31 

158.47* 
89.41 

2.23 
1.10 

76 
80 

Rabbit 
Gastrocnemius 53.52* 106.53* 1.99 76 

Rabbit Psoas 157.11* 91.59* 0.58 76 
Rabbit Tibialis 
Anterior 112.08 127.69 1.14 80 

Rabbit EDII 80.52 90.91 1.13 80 
Mean ± Standard 
Deviation 60 ± 41 119 ± 108 3.2 ± 4.2  

 
Abbreviations: No data (ND), extensor digitorum longus (EDL), extensor digitorum II 
(EDII) 
*Modulus values calculated as the tangent modulus corresponding to a strain of 0.449. 
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Figure 2.1: Schematic diagram of the gross organization of muscle tissue and muscle 
ECM-tendon organization. (A) Muscle ECM can be categorized as epimysium 
(surrounding the muscle), perimysium (surrounding muscle fascicles), and 
endomysium (surrounding muscle fibers). (B) Cross-section of muscle tissue 
indicating that the perimysium may be continuous with the tendon, whereas 
endomysium is contained within muscle fascicles. 
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Figure 2.2: Scanning EM of the collagenous endomysial network around muscle 
fibers observed after digesting fibers with NaOH. (A) Low power overview of the 
endomysium reveals an array of “tubes” into which muscle fibers insert (arrows) as 
well as a thickened area surrounding the fibers that is presumably perimysium 
(arrowhead). (B) Higher power view of endomysial network revealing the fine 
structure of the endomysial surfaces (arrow) as well as some undigested muscle fiber 
(arrowhead).  This picture suggests that muscle fibers are embedded in a complex 
connective tissue matrix and are intimately associated with ECM.  Figure from 
reference (2) used with permission. 
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Figure 2.3: Mouse extensor digitorum longus muscles formalin-fixed at resting 
length, dehydrated in graded ethanol, lyophilized, and observed by SEM (same 
preparatory method used for Figs 2.4, 2.5, 2.6, and 2.7). (A) Patch of ECM pulled 
away from muscle fibers during sample preparation.  Each white rectangle is enlarged 
in subsequent figure components.  (B) A regular, longitudinal organization of ECM 
structures is observable on the fiber surface and its periodicity is noted with lines. (C) 
Central region of the patch of ECM pulled away from muscle fiber surface showing 
the wavy collagen fiber organization and collagen fibril network. (D) Apparent 
connection between the ECM patch pulled away and the muscle fiber surface. The 
patch appears to be continuous with the ECM on the fiber surface. 
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Figure 2.4: Scanning electron micrograph of 7 adjacent muscle fibers. Note that the 
surface topology varies among the fibers.  In 5 cases, surface striations are visible, 
some of which clearly show A-band (curved brackets) and Z-band periodicity (dots).  
In 3 fibers, stout longitudinal “cables” extend a distance of at least 100 µm.  In one 
case, a discrete connection is seen on the surface of a fiber that presumably represents 
the “perimysial plate” (circled) that connects adjacent fibers.  Micrograph was 
obtained from a mouse EDL muscle stretched to a sarcomere length of 3.3 µm. 
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Figure 2.5: Scanning electron micrograph of mouse EDL muscle stretched about 30% 
beyond resting length showing longitudinally aligned perimysial collagen cables.  (A) 
Two muscle fibers separated by stretched collagen cables. The collagen cables are 
distinct from the muscle fiber surface.  (B) A collagen cable becomes frayed as it 
traverses across collagen cables. 
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Figure 2.6: Montage of scanning electron micrographs from shortened mouse EDL 
muscle. Large collagen cables arranged in a slack configuration are visible on the 
surface of the muscle fiber and integrated with the fiber surface. Coils in the collagen 
cables may indicate that the cables have a strain relief function (arrow).  These large 
cables are believed to be perimysial in nature while the mesh in the background of the 
montage (arrow heads) is believed to be endomysial.  It is clear that these two levels of 
ECM are intimately associated. 
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Figure 2.7: Epimysial layer of a mouse EDL muscle viewed in cross-section.  A 
connective tissue sheath is clearly seen surrounding muscle fibers.  (A) Survey view of 
the muscle where a region can be observed with sarcomere periodicity through the 
connective tissue layer. An individual muscle fiber is outlined (dashed line)  (B) 
Closer view of the epimysium reveals longitudinal periodicities (lines) with 
approximately 1 µm of spacing. 
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Figure 2.8: Mechanical contribution of the ECM to muscle bundle modulus. (A) 
Individual fibers display linear stress-strain behavior, whereas muscle bundles 
composed of these fibers and ECM display a nonlinear relationship. (B) Fiber groups 
do not contain ECM (see text), and the modulus value is comparable to that of single 
fibers. Fiber bundles do contain ECM and have a significantly higher modulus, 
suggesting that the addition of ECM is responsible for the increased modulus (data 
replotted from reference (79)). Asterisk indicates p<0.05 compared to fibers, dagger 
indicates p<0.05 compared to fiber groups. 
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Figure 2.9: Cross-sectional view of normal and neurotoxin-injected rat tibialis anterior 
muscle stained with hematoxylin and eosin. (A) Normal muscle showing endomysium 
connective tissue (sample outlined in solid line) separating muscle fibers and 
perimysium (sample outlined in dashed line) separating bundles of muscle fibers 
(artery, a; vein, v). (B) Increased connective tissue around atrophied fibers in 
neurotoxin -injected muscle (nerve, n). Unaffected regions show normal fiber 
morphology (image courtesy of Drs. Sam Ward and Viviane Minamoto). 
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CHAPTER 3 

 

Method for Decellularizing Skeletal Muscle  

Without Detergents or Proteolytic Enzymes 

 

3.1 Abstract 

 

Decellularized skeletal muscle is a promising model that can be used to study 

cell-matrix interactions and changes that occur in muscle extracellular matrix (ECM) 

in myopathies and muscle wasting diseases. The goal of this study was to develop a 

novel method to decellularize skeletal muscle that maintains the native biochemical 

composition and structure of the ECM. This method consists of sequential incubation 

of mouse tibialis anterior muscles in latrunculin B, high ionic strength salt solution, 

and DNase I and avoids use of proteases or detergents that degrade the ECM. 

Characterization of the decellularized muscles using hematoxylin and eosin staining 

along with DNA quantification suggested complete removal of DNA, while 

biochemical analyses indicated no loss of collagens and only a slight reduction in 

glycosaminoglycans. Western blot analysis of decellularized tissues showed removal 

of the vast majority of the contractile proteins actin and myosin, and morphological 

analysis using scanning electron microscopy suggested removal of myofibers from 

decellularized muscle tissues. Passive mechanical testing of decellularized muscle 

bundles revealed the typical non-linear behavior, similar to that of intact muscle. 
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Together these results suggest that the protocol developed successfully decellularizes 

skeletal muscle without altering its composition and mechanical function. 

 

3.2 Introduction 

 

Decellularized tissues are useful for a number of biomedical applications such 

as understanding the physicochemical properties of extracellular matrix (ECM) and 

providing a tissue specific scaffold for engineering functional tissues. For instance, by 

harnessing the cell-matrix interactions that are crucial for cell growth and 

differentiation (1), several studies have promoted tissue formation by combining cells 

with tissue derived extracellular matrix from decellularized heart, urinary bladder, 

skeletal muscle, and small intestinal submucosa (2-6). A number of different 

decellularization methods have been developed (7), but the native biochemical, 

mechanical, and structural properties of the decellularized ECM are altered depending 

upon the method used.   

This study describes the development of a decellularization method that 

maintains the mechanical and structural integrity of skeletal muscle connective tissue 

with minimal disruption to the ECM. Skeletal muscle ECM plays an important role in 

tissue maintenance and regeneration of skeletal muscle (8), and modulates cell 

adhesion and migration, growth factor storage and release, and satellite cell activation 

and differentiation (9-11). The composition, structure, and mechanical properties of 

skeletal muscle ECM may change with age and various muscle pathologies, and these 

ECM associated changes could play an important role in determining the success of 
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therapeutic interventions that rely on multiple biological and biomechanical cues from 

the ECM.  

Previous attempts to decellularize skeletal muscles have incorporated relatively 

harsh physical methods such as freeze-thawing (12, 13) and detergent and enzymatic 

treatment with Triton X-100, sodium deoxycholate, sodium dodecyl sulfate (SDS), and 

trypsin (2, 14-22). These methods inherently result in ECM degradation and/or 

compromised mechanical and structural properties, which is not desirable for studies 

that require maintenance of skeletal muscle ECM biochemical and mechanical 

properties. To this end, we developed a decellularization method that utilizes only 

osmotic shock and actin and myosin depolymerization, and specifically does not use 

either proteases or detergents. 

 

3.3  Materials and Methods 

 

Decellularization of muscle tissue 

All animal handling and experimental procedures were in accordance with the 

protocol approved by the UCSD Institutional Animal Care and Use Committee 

(IACUC) and NIH guidelines for animal welfare. After euthanasia, tibialis anterior 

(TA) muscles were removed from 2-month-old female C57BL/6 mice (Harlan Sprague 

Dawley, Indianapolis, IN). Upon removal, TA muscles were incubated in 50nM 

latrunculin B (Cayman Chemical, Ann Arbor, Michigan) in high glucose Dulbecco's 

Modified Eagle Medium (DMEM, Gibco, Carlsbad, CA) for 2h at 37°C with agitation. 

All further steps were performed with agitation at room temperature unless otherwise 
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stated. Muscle tissues were washed with distilled water twice for 15 min between 

incubation steps. After incubation in latrunculin B, muscles were incubated in 0.6M 

potassium chloride (KCl, Fluka Chemicals, Milwaukee, WI) for 2h followed by 1.0M 

potassium iodide (KI, Fisher Scientific, Waltham, MA) for 2h (23). After the salt 

solution incubations, muscles were washed in distilled water overnight then the KCl 

and KI incubations were repeated, followed by incubation in DNase I (1 kU/ml, 

Sigma, St. Louis, MO) for 2h. Finally, treated muscles were washed in distilled water 

for a minimum of 2 days with daily water changes to remove remaining reagents. 

Control muscles were analyzed immediately after harvesting.  

For comparative purposes, the decellularization method of Stern et al. (21) was 

performed on intact TA muscles from 2-month-old female C57BL/6 mice for 

comparison. Briefly, the following steps were performed at 4°C with continuous 

agitation: ultrapure water for 2 days, 1 hr in 0.05% trypsin with EDTA (Mediatech, 

Manassas, VA), neutralized in DMEM with 10% fetal bovine serum (Gemini Bio-

Products, West Sacramento, CA) overnight, 5 days of exposure to 1% Triton X-100 

(Sigma), rinsed in ultrapure water for 2 days, and rinsed in phosphate buffered saline 

for 1 day. Biochemical assays for DNA, glycosaminoglycan, and collagen 

quantification were performed on these tissues. Note that this method was originally 

optimized for slices of muscle tissue (<500 µm). Here, we have performed this method 

on intact muscle tissues in order to make a valid direct comparison.  

 

DNA quantification 
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Total DNA from lyophilized and papain-digested (4 µg/mg tissue, Worthington 

Biochemical, Lakewood, NJ) muscles (16-18h at 65°C) was quantified using the 

fluorescent Quant-iT Picogreen reagent (Life Technologies, Carlsbad, CA) according 

to the manufacturer’s instructions. Fluorescence was measured using a Beckman 

Coulter DTX 880 Multimode Detector (excitation: 480nm, emission: 520nm) and 

values were compared to a lambda DNA standard. 

 

Sulfated glycosaminoglycan (GAG) content 

Sulfated GAG content of the samples was quantified using the 

dimethylmethylene blue dye assay (DMMB, Sigma) (24). Muscles were lyophilized 

and papain-digested followed by incubation with DMMB dye. Absorbance of the 

samples at 525nm was measured with a Beckman Coulter DU730 UV/Vis 

Spectrophotometer using chondroitin sulfate (Sigma) as the standard.  

 

Collagen content 

The proximal half of TA muscles were hydrolyzed in 6N HCl for 18h at 

115°C. Hydroxyproline content was then measured after reaction with chloramine T 

(EMD Chemicals, Gibbstown, NJ) and p-dimethylaminobenzaldehyde (Fluka 

Chemicals) (25). Absorbance of the samples was measured at 550nm using a Bio-Tek 

Synergy HT1 microplate reader and values were compared to a L-4-hydroxyproline 

(Fluka Chemicals) standard. Collagen content was calculated using a 1:7.46 

hydroxyproline:collagen ratio (26). 
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Histology and immunohistochemistry 

Muscles were allowed to equilibrate in 1:1 phosphate buffered saline 

(PBS):optimal cutting temperature compound (OCT, Sakura Finetek, Torrance, CA) 

for 30 min before being frozen in OCT in liquid nitrogen cooled isopentane. 

Embedded muscles were cryosectioned at 10µm thickness perpendicular to the fiber 

direction as evidenced by tightly packed polygonal fibers with no preferred long axis. 

Hematoxylin and eosin staining (H&E, Statlab Medical Products, McKinney, TX) was 

performed and sections were mounted with Permount mounting medium (Fisher 

Scientific). Sections for immunohistochemistry were permeabilized in 3% bovine 

serum albumin (BSA, Sigma) and 0.5% Triton X-100 (Fisher Scientific) in PBS for 30 

min and incubated in primary antibody (Pax7 diluted 1:250; Developmental Studies 

Hybridoma Bank, Iowa City, IA) for 1h. The secondary antibody (Alexa Fluor 568 

goat anti-mouse IgG diluted 1:250; Life Technologies) was applied for 1h and slides 

were coverslipped in mounting medium containing 4',6-diamidino-2-phenylindole 

(DAPI, Vector Laboratories, Burlingame, CA). Slides were viewed using a Zeiss Axio 

Observer A1 fluorescence microscope and images were recorded using AxioView 

software. 

 

SDS-PAGE and Western blot analysis 

Muscles were homogenized in the presence of protease and phosphatase 

inhibitors. Total protein content was measured using the Bradford dye-binding 

method. Equal amounts of protein from each sample were loaded into wells of 4-15% 

gradient polyacrylamide gels (Bio-Rad, Hercules, CA). Proteins were transferred to 
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PVDF membranes that were blocked in tris buffered saline with 0.1% Tween-20 

(TBST) and 5% nonfat dry milk for 1h at room temperature. The primary antibody 

[actin (JLA20) diluted 1:1,000 or myosin (A4.1519) diluted 1:20,000; Developmental 

Studies Hybridoma Bank] was applied for 1h at room temperature. Membranes were 

washed and incubated with the secondary antibody (goat anti-mouse IgG horseradish 

peroxidase-conjugated diluted 1:10,000; Santa Cruz Biotechnology, Santa Cruz, CA) 

for 30 min at room temperature. Membranes were washed followed by incubation with 

chemiluminescent substrate (ECL Plus, GE Healthcare, Waukesha, WI) and imaged 

using a Storm Imager 840. Precision Plus Protein Standard (Bio-Rad) was used for 

molecular weight indication.  

 

Scanning electron microscopy (SEM) analysis 

Muscles were lightly fixed in 4% paraformaldehyde for 45 min at room 

temperature and subsequently dehydrated in graded ethanol. Muscles were then snap 

frozen in liquid nitrogen and broken transversely to the fiber direction into 3 slices 

(approximately 2mm thickness) and lyophilized. Lyophilized muscle slices were 

sputter coated with chromium using an Emitech K575X Sputter Coater and observed 

using a Philips XL30 Environmental Scanning Electron Microscope. 

 

Passive mechanics testing on decellularized muscles 

Tissue was placed in a relaxing solution composed of (mmol/L) ethylene–

glycol tetraacetic acid (EGTA; 7.5), potassium propionate (170), magnesium acetate 

(2), imidazole (5), creatine phosphate (10), adenosine triphosphate (ATP; 4), 
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leupeptin, a protease inhibitor, 17 mg/ml; and E64 (a protease inhibitor) 4 mg/ml (27). 

This relaxing solution has been shown to prevent proteolytic degradation and has 

therefore been used for mechanical characterization of intact muscle tissues (28). 

Small bundles of approximately 20 endomysial sheaths were dissected free from the 

tissue for mechanical testing.   

Dissected bundles were secured on either side to 125 µm titanium wires using 

10-0 silk suture loops. One wire was secured to an ultrasensitive force transducer 

(Model 405A, sensitivity 10 V/g, Aurora Scientific, Ontario, Canada) and the other 

was secured to a servomotor (Model 318B, Aurora Scientific, Ontario, Canada) on a 

micromanipulator as previously described for muscle fibers (28). Bundle length was 

set to the minimum length that produced measurable forces. Baseline sample 

diameters were measured optically with a cross-hair reticule mounted on a dissecting 

microscope and micromanipulators on an x–y mobile stage. Force–strain data were 

generated for each mounted bundle in approximately 10% strain increments with force 

recorded for 3-min to allow stress-relaxation. Bundles were elongated to 

approximately 100% strain. Force data were converted to stress by dividing force by 

the baseline cross-sectional area. Data were fit to a viscoelastic model that contained a 

spring in parallel with a series of a spring and dashpot. Relaxed stress was fit with a 

strain dependent parallel spring creating a quadratic stress-strain equation. Quadratic 

curve fits were averaged for untreated and decellularized samples and plotted at 10% 

strain increments.  

 

Culture of C2C12 cells on decellularized muscles 
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To evaluate cytocompatibility of the decellularized muscles, C2C12 cells were 

cultured on decellularized tissues. C2C12 cells (4 x 105 cells in 40 µl culture medium) 

were pipetted onto intact decellularized muscles in low adhesion petri dishes. The 

seeded muscles were maintained at 37°C for 30 min prior to adding medium to allow 

adhesion of cells onto the decellularized tissues. Growth medium (DMEM, Gibco; 

10% fetal bovine serum, Atlanta Biologicals, Atlanta, GA; 2 mM L-glutamine, Gibco; 

1% penicillin/streptomycin, Gibco) was then added and cell seeded muscles were 

maintained at 37°C and 5% CO2 for 4 days. The C2C12-seeded muscles were then 

fixed in 4% paraformaldehyde for 1.5h, embedded in OCT, frozen, and cryosectioned 

at 10µm. Sections were mounted with DAPI and viewed as described above. 

 

Statistical analysis 

Biochemical data were obtained from four animals with one TA muscle from 

each animal being decellularized and the remaining TA muscle serving as the 

untreated control, and from three animals for TA muscles decellularized using the 

Stern et al. method (21). Experiments involving mechanical testing were performed on 

untreated (n = 9) and decellularized (n = 8) TA bundles. Data were calculated as mean 

± standard error (SE) and significance was determined by performing one-way 

ANOVA with Tukey-Kramer multiple comparison post tests or 2-tailed Student’s T 

tests (Prism 5, GraphPad Software, La Jolla, CA).  

 

3.4 Results 
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Removal of cellular components 

DNA content was significantly reduced from 2.92 ± 0.14 µg/mg dry weight in 

untreated muscle to 0.12 ± 0.01 µg/mg dry weight in decellularized muscle (p<0.001). 

Cell nuclei were absent in decellularized muscles stained with H & E compared to 

untreated muscle (Fig. 3.1). Similar findings were observed with DAPI and Pax7 

staining, where the latter is a marker for satellite cells (data not shown). Evidence for 

removal of sarcomeric components was based on actin and myosin protein analysis. 

Western blotting for actin revealed bands at 43, 35, and 30 kDa with the 43 kDa band 

corresponding to full size actin (Fig. 3.2A). The amount of intact actin in 

decellularized muscles was greatly decreased compared to that of untreated muscles. 

Western blotting for myosin detected no full size myosin (200 kDa) in decellularized 

muscles, but several bands corresponding to low molecular weight fragments (<50 

kDa size) were observed, which indicates degradation of myosin (Fig. 3.2B).  

 

Decellularized muscle composition and structure 

Major ECM components were quantified to determine the effect of 

decellularization on the biochemical composition of the ECM. Total GAG content was 

decreased from 4.93 ± 0.18 µg/mg dry weight in untreated muscles to 2.93 ± 0.18 

µg/mg dry weight in decellularized muscles (p<0.001). Collagen content remained 

constant between the untreated and decellularized muscles (3.01 ± 0.11 and 3.49 ± 

0.24 µg/mg wet weight respectively; p=0.10). We next examined the structure of the 

muscles to ensure that the decellularization process did not alter the gross structure of 

the ECM. SEM images obtained from untreated and decellularized muscles showed 
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that, unlike untreated muscles, decellularized muscles showed a hollow, tubular 

structure (Fig. 3.3). This observation implied that fibers were still present in the 

untreated muscle, but had been removed from the decellularized muscle.  

 

Mechanical properties of decellularized muscle 

Passive mechanical testing of untreated and decellularized muscle bundles 

yielded the non-linear stress-strain behavior as reported previously for muscle fiber 

bundles (Fig. 3.4) (29). Relaxed stress values were not significantly different between 

untreated and decellularized samples at any strain ranging from 10-100% strain 

(p=0.06-0.56). Similarly, the tangent modulus value at 100% strain was not 

significantly different between untreated and decellularized samples (308 ± 51.1 kPa 

and 218 ± 24.5 kPa respectively, p=0.14).  

 

Decellularized muscles support cell survival 

The C2C12 cells cultured on decellularized muscles were viable after four days 

in culture as evidenced by positive DAPI staining (Fig. 3.5). Cells were seeded on the 

surface of the muscle and, while the majority of cells remained on the surface of the 

muscle, some cells had begun to migrate into the decellularized tissue after four days.  

 

Comparison with an existing decellularization method 

 Finally, we compared the decellularization method described in this manuscript 

to the existing method of Stern et al. (21). When performed on whole muscles, the 

latter method was unable to remove the nuclear components completely as 



81 

 

characterized by the DNA content. Specifically, the Stern et al. method resulted in a 

DNA content of 1.71 ± 0.17 µg/mg dry weight compared to 0.12 ± 0.01 µg/mg dry 

weight for our method (p<0.001 compared to our method and untreated).  

 We also compared the biochemical composition of the decellularized tissues. A 

significant reduction in the GAG content of the decellularized tissues was found using 

the Stern et al. method where the GAG content decreased from 4.93 ± 0.18 µg/mg dry 

weight in untreated muscles to 1.23 ± 0.04 µg/mg dry weight (p<0.001; p<0.001 

compared to our method). This corresponds to a 75% of reduction in GAG compared 

to a 40% reduction observed with our method. In contrast to GAG, the collagen 

content remained relatively constant between the untreated and decellularized muscles 

for both methods (3.80 ± 0.14 µg/mg wet weight for Stern et al.; p<0.05 compared to 

untreated). 

 

3.5  Discussion 

 

The present study describes a decellularization method for intact skeletal 

muscle without the use of detergents or proteolytic enzymes. The method utilized actin 

disruption by treatment with latrunculin B, cell lysis by osmotic shock, myosin 

depolymerization by exposure to high ionic strength salt solution, and DNase I 

treatment to remove residual DNA from skeletal muscle. This method successfully 

removed muscle fibers and degraded sarcomeric components in the muscle tissue 

without altering the ECM structure or mechanical properties. 
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Since DNA quantification indicated the presence of a small amount of DNA in 

the decellularized tissue, tissue sections were stained for satellite cells that may be 

more resistant to the decellularization protocol. Negative Pax7 (satellite cells) and 

DAPI staining indicated that any DNA remaining in the decellularized muscles was 

degraded and not contained within intact cell nuclei.  

An approximately 40% reduction in the GAG content of the decellularized 

tissue was observed, which could be due to removal of GAGs associated with the cell 

membrane; almost 30% of GAGs are associated with the cell membrane (30), and 

these GAGs may have been removed with the sarcolemma during the decellularization 

process. Decellularization methods using trypsin and Triton X-100 remove GAGs 

from skeletal muscle (21), but this effect appears to be tissue dependent since the use 

of trypsin and/or Triton X-100 on other tissues has yielded disparate results (31-33). 

Collagen content was unchanged in decellularized muscle showing that this method 

did not remove the most abundant ECM structural component. Together, these results 

provide evidence that the decellularization method described here is minimally 

disruptive to native ECM. Furthermore, comparison with the method of Stern et al. 

showed that our decellularization method was more efficient at removing DNA and 

retaining GAGs in intact muscle compared to a method that uses a proteolytic enzyme 

(trypsin) and a detergent (Triton X-100) (21). 

SEM images from decellularized muscles (Fig. 3.3) suggested that muscle 

fibers were removed from the tissue, but that the overall architecture of the ECM was 

maintained when compared with the untreated tissue. SEM images of skeletal muscle 

endomysium obtained by Trotter and Purslow show a thinner, more fibrous matrix 
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than we obtained in this study (34, 35). The differences in the endomysial thickness 

could be attributed to the different sample preparation methods. Totter et al. treated 

muscles with NaOH, which removed the sarcolemma, basement membrane, and any 

GAGs associated with the endomysium, leaving only collagen fibrils within the ECM 

(35). The thicker ECM observed in our decellularized tissues is likely due to the 

presence of GAGs and the basement membrane. 

Mechanical analysis of the decellularized muscles confirmed the mechanical 

integrity of the decellularized tissue since no difference was observed between the 

untreated and decellularized muscle bundle stress-strain relationship (Fig. 3.4). These 

results provide support for the concept that the ECM is the primary passive load 

bearing structure in skeletal muscle, not the fibers themselves. This result must be 

tempered by the fact that there was no unambiguous reference length available for 

determination of the stress-strain relation for decellularized muscle bundles. However, 

future studies can potentially overcome this limitation by referencing strain to 

sarcomere length before decellularization or by measuring the relationship between 

collagen crimp pattern and tissue strain.  

The ability of the decellularized muscles to support adhesion and survival of 

C2C12 cells indicates their cytocompatibility, which is in agreement with other studies 

(2, 3, 21). The use of decellularized muscle has clinical applications in repair of severe 

skeletal muscle injuries where the muscles cannot undergo complete regeneration. 

Detergent-decellularized muscle has been used as a scaffold to repair muscle defects in 

animal models (2, 3, 18), however, complete functional regeneration has not yet been 

shown. Biochemical and mechanical signals of the ECM play a key role in the 
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activation of muscle progenitor cells and their differentiation (9, 21, 36), and thus the 

use of muscle ECM that contains these signals may be more effective at achieving 

functional regeneration of impaired muscles. This decellularization method may be 

used to study the changes that occur in muscle ECM with various myopathies and may 

serve as a diagnostic tool by identifying characteristic patterns in muscle ECM 

composition or architecture. In addition, tissues decellularized by this method may be 

used to measure directly the passive mechanical properties of skeletal muscle ECM. 

Since the decellularization method described here relies on diffusion of reagents into 

the tissue, extending this protocol to other tissues may require optimization depending 

upon the size and composition of the targeted tissue. The development of this method 

is a first step toward understanding not only the biochemical cues that exist within 

skeletal muscle ECM, but also the structural and mechanical signals for tissue 

maintenance. 
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Figure 3.1: Hematoxylin and eosin staining of untreated (A) and decellularized (B) 
mouse tibialis anterior muscles. Absence of dark stained peripheral nuclei was 
confirmed in decellularized muscle. Scale bars represent 20µm. 
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Figure 3.2: Western blots of untreated and decellularized mouse tibialis anterior 
muscles for actin (A) and myosin (B). Both actin and myosin content were greatly 
reduced in decellularized muscles, however a small 43 kDa band for actin was still 
present. A 200 kDa band for myosin was not observed in decellularized muscles. 
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Figure 3.3: Scanning electron micrographs of untreated (A) and decellularized (B) 
mouse tibialis anterior muscles cut transversely to fiber direction. Unlike untreated 
muscles, decellularized muscles had a hollow tubular structure, suggesting the 
removal of muscle fibers. Scale bar represents 20µm. 
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Figure 3.4: Mechanical properties of untreated and decellularized mouse tibialis 
anterior muscle bundles. Stress (σ) vs. strain (ε) relationship represented as average 
stress (untreated: n=9; decellularized: n=8) ± SE. Relationships were approximated by 
quadratic fits with σ = 162ε2 - 15.7ε + 1.18 (r2 = 0.979) for untreated bundles and 
σ = 117ε2 – 16.0ε + 2.09 (r2 = 0.993) for decellularized bundles. 
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Figure 3.5: Cryosection of C2C12 cells cultured on decellularized mouse tibialis 
anterior muscle for 4 days and stained with DAPI. The fact that the cells survived 4 
days and the presence of the DAPI-stained nuclei indicated the cytocompatibility of 
decellularized muscles and confirmed the removal of any potentially cytotoxic 
decellularization reagents. Scale bar represents 50µm. 
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CHAPTER 4 

 

Three-Dimensional Reconstruction of Perimysial Collagen 

in Skeletal Muscle Extracellular Matrix 

 

4.1 Abstract 

 

Recent studies have shown that the extracellular matrix (ECM) of skeletal 

muscle may play an important role in altered tissue mechanics and muscle function 

with disease and injury, but the tools available to investigate in vivo ECM structure are 

lacking. Scanning block face electron microscopy, a recently developed method that 

reveals high-resolution nanostructure of tissues, was explored as a tool to examine 

skeletal muscle ECM ultrastructure for the first time. Addition of ruthenium red 

improved tissue contrast and utilization of variable pressure imaging modality reduced 

electron charging artifacts, allowing for continuous imaging over a relatively large 

volume of ECM. Previously unappreciated perimysial collagen structures were 

reconstructed via manual and semi-automated segmentation methods. Perimysial 

collagen structures in the ECM may provide a target for clinical therapies aimed at 

reducing skeletal muscle fibrosis.  

 

4.2 Introduction 
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Electron microscopy of skeletal muscle dates back to the 1940s with the first 

structural investigation of myofibrils (1). To date, most ultrastructural studies of 

skeletal muscle have focused on muscle fibers, the sarcoplasmic reticulum (2), 

membranes, and the neuromuscular junction (3). The structure of the skeletal muscle 

extracellular matrix (ECM) has largely been overlooked due to its perceived lack of 

functional organization and is traditionally defined as being subdivided into 

endomysium, perimysium, and epimysium based upon cross-sectional morphology. 

There are, however, notable exceptions to this oversight. In the early 1980s, Borg & 

Caulfield and Rowe first describe the endomysial collagen network and large collagen 

bundles in the perimysium of several muscles (4, 5). The next major advancements in 

understanding ECM structure came from the work of Trotter and Purslow who 

observed and quantified endomysial collagen organization (6, 7) and more recently the 

observation of perimysial junctional plates by Passerieux et al. (8). Conversely, the 

extracellular matrix of cardiac muscle has been studied more in depth to reveal 

alterations in ECM structure with pathology and how these structural changes affect 

tissue mechanics (9).  

Skeletal muscle ECM has recently been shown to be important in muscle 

adaptation (10), yet structural changes that occur during these adaptations are not well 

understood and typically described as a thickening of the endomysium and/or 

perimysium. Microscopy methods that have previously been used to observe ECM 

alterations are not sufficient to describe ECM ultrastructure because they lack in 

resolution capability (immunohistochemistry, confocal microscopy), provide only a 2-

dimensional view (transmission electron microscopy), and/or preparation methods are 
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disruptive to in vivo tissue organization (scanning electron microscopy). However, 

with the development of 3-dimensional imaging technology and improved staining 

techniques it has become possible to investigate tissue ultrastructure. Serial block face 

scanning electron microscopy (SBFSEM) combines the benefits of TEM-scale 

resolution and tissue structure preservation with the 3D visualization of SEM (11). 

Imaging skeletal muscle ECM using SBFSEM presents specific challenges, therefore 

the purpose of this study was to develop a method to image and reconstruct skeletal 

muscle ECM. To our knowledge, this is the first report of 3D electron microscopy 

investigation of skeletal muscle ECM structure.  

 

4.3 Methods 

 

Tissue preparation and staining 

All animal work was approved by the UCSD IACUC. Fixation and embedding 

reagents were obtained from Electron Microscopy Sciences (Hartfield, PA) unless 

otherwise noted. Aged (>12 mo) 129/SV mice were anesthetized with intraperitoneal 

injection of either pentobarbital (100 mg/kg) or rodent cocktail (100 mg/kg ketamine, 

10 mg/kg xylazine, 3 mg/kg acepromazine) and transcardially perfused with 

mammalian Ringers solution warmed to 35°C containing heparin (20 units/ml) and 

0.2% dextrose for 2 minutes followed by 2% paraformaldehyde, 2.5% glutaraldehyde, 

0.05% ruthenium red, and 0.2% tannic acid in 0.15M sodium cacodylate buffer 

containing 2mM calcium chloride at 35°C for 5 minutes. After complete fixation 

extensor digitorum longus (EDL) muscles were dissected and incubated in the same 
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fixative solution overnight at 4°C. Tissue was prepared following a modified version 

of the West et al. method (12). Briefly, tissues were washed with sodium cacodylate 

buffer followed by incubation with 2% osmium tetroxide containing 1.5% potassium 

ferrocyanide and 0.05% ruthenium red (13) in 0.15M sodium cacodylate buffer for 30 

minutes. Tissues were washed in distilled water and incubated in 1% 

thiocarbohydrazide for 20 minutes. Tissues were washed with distilled water, 

incubated in 2% osmium tetroxide for 30 minutes, washed with distilled water, and 

placed in 2% uranyl acetate overnight at 4°C. The next day tissues were stained en 

bloc with Warton’s lead aspartate for 15 minutes at 60°C followed by washing with 

distilled water and dehydration in graded ethanol. Tissues were embedded in 

Durcupan ACM resin. Embedded tissues were trimmed to ~1mm3 and mounted on 

aluminum pins.   

 

Serial block face scanning electron microscopy (SBFSEM) 

Specimens were loaded in a Zeiss Sigma scanning electron microscope 

outfitted with a serial block face imaging chamber (Gatan 3View).  Digital Micrograph 

software (Gatan) was used to control knife and specimen movement within the 

chamber and for data collection. Images were obtained at 3kV accelerating voltage 

with a 60mm aperture under variable pressure (chamber pressure was varied from 28 

to 35 Pa to offset charging). Beam stigmation and aperture alignment were performed 

as necessary. Tissue blocks were sectioned at 70nm thickness, although thinner 

sections were possible. Images were recorded at 2,300X magnification and a raster 

size of 8K x 8K with 1µs dwell time, resulting in 4.51 nm per pixel. Approximately 



99 

 

2,000 images were obtained during each session, with focus and stigmation corrected 

periodically. Cutting speed was set to 0.5mm/second with oscillation. 

 

Image analysis 

Images were converted to 8bit for analysis. Cross-correlation was calculated 

and images aligned and stacked. Images were binned by a factor of 6 prior to 

segmentation. Both semi-automated and manual segmentation methods were used to 

identify objects of interest including muscle fibers, fibroblasts, capillaries, grouped 

collagen fibrils (collagen cables), and myonuclei. Initial attempts at segmentation were 

performed manually with IMOD software (14). Contours were linearly interpolated 

over 10 images unless object branching necessitated drawing contours on each section. 

For comparison, Analyze 11.0 software (AnalyzeDirect, Inc.) was also used to 

segment the same datasets. Objects were defined by thresholding and seeded on 

neighboring images to grow the object throughout the volume. Voxel sizes were 

dependent upon imaging parameters. The time required for volume segmentation was 

measured for both methods. 

 

4.4 Results 

 

Data acquisition from a single volume took approximately 36 hours given the 

above imaging parameters. A typical image obtained from an ECM volume is shown 

in Figure 4.1. Manual segmentation required >40 hours, and while semi-automated 

segmentation took about the same amount of total time, it required approximately 20% 
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of the hands-on time that is required for manual segmentation. This is due to only a 

fraction of time spent seeding an object in Analyze, with the software generating a 

model during the rest of the time. The total time for Analyze segmentation includes 

manual corrections that were required after semi-automated segmentation. A 

comparison of IMOD and Analyze reconstructions showed that IMOD modeling was 

better for segmenting large objects, such as fibroblasts, that have similar contrast to 

nearby objects such as muscle fibers and collagen cables (Fig. 4.2). However, the 

seed-growing algorithm utilized by Analyze more accurately defined the fine structure 

of individual collagen fibrils, provided that they were not localized close to other 

structures. 

Final segmentation yielded a surprisingly long network of collagen fibrils 

bundled together into “cables” that undulated through the tissue and in some cases 

split into multiple cables. Because the structure of these cables does not correspond to 

the historical definition of endomysium, we defined them to be perimysial collagen. 

Perimysial collagen cables were in close proximity to fibroblasts and myonuclei, and 

were generally oriented along the muscle fiber axis. In addition to perimysial cables, 

fibroblasts were also segmented and interactions between fibroblasts and perimysial 

cables were identified (Fig. 4.3). Long fibroblast processes were closely associated 

with perimysial cables across long distances as well as the muscle fiber surface. 

Fibroblasts also formed long projections, but these projections did not appear to be 

fibripositors (15). Projections were flat, wide and sheet-like (Fig. 4.3A) or finger-like 

(Fig. 4.3B).  
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4.5  Discussion 

 

Three-dimensional SBFSEM imaging of skeletal muscle has revealed high 

resolution nanoscale structural information that was previously only achieved through 

serial sectioning, although the limited available data on skeletal muscle were obtained 

as proof of concept and focused mainly on muscle fibers (11). Because the skeletal 

muscle ECM contains a large volume of non-electron dense space, it presents special 

challenges to the use of SBFSEM that have not been previously addressed. Earlier 

tissue preparation methods (11, 12) were modified to enhance staining of the ECM by 

incorporating ruthenium red during fixation and primary osmium staining to enhance 

contrast of structures containing glycosaminoglycans. By incorporating SEM variable 

pressure modality, electron charging artifacts were reduced in areas of non-conductive 

space within the ECM and images could be recorded over a relatively large volume 

depth. 

Manual and semi-automated segmentation methods were compared for ECM 

volumes. Although semi-automated segmentation could be performed in less time, it 

was less able to identify and segment finer details of perimysial collagen cables and 

fibroblasts. Objects with similar intensities were often segmented as the same object 

when in close proximity, for example perimysial cables and fibroblasts, therefore 

manual corrections were usually required. Myonuclei were especially difficult to 

automatically segment due to inability to threshold myonuclei separately from muscle 

fibers. Although there is no minimum object size for extracting objects in Analyze, the 
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ability to segment an object throughout the volume depends upon the thresholding 

parameters that are set independently for each seed point. For this reason multiple seed 

points were occasionally required to segment a single object. Semi-automated 

reconstructions successfully modeled the general shape and organization of perimysial 

collagen cables, capillaries, and fibroblasts, but manual segmentation was required to 

view structures/connections at a smaller scale (Fig. 4.3). 

This report is the first to visualize 3D skeletal muscle ECM ultrastructure. 

Perimysial collagen cables were identified that have been referred to previously (4, 

16), but never viewed at this level of detail. The location and wavy structure of the 

perimysial cables suggest that they can act as a parallel elastic element in skeletal 

muscle that can bear load. Unique interactions of perimysial collagen cables with 

fibroblasts were also observed, suggesting that fibroblasts may be involved in the 

formation and/or regulation of perimysial collagen cables. 

Discovery of the ECM ultrastructure may lead to identification of potential 

targets for therapy in muscle injury and disease. After inadequate or failed 

regeneration, skeletal muscle becomes fibrotic resulting in increased muscle stiffness 

and decreased muscle function. Previous measurements of muscle stiffness correlate 

relatively poorly with measures of endomysial content such as percent collagen and 

area fraction of ECM (10, 17). We propose that this is due to the lack of consideration 

of structures identified here as perimysial cables. Therapies that target these structures 

may reverse the effects of fibrosis and thereby improve muscle function. 

In conclusion, a three-dimensional electron microscopy method for imaging 

and reconstructing skeletal muscle ECM ultrastructure has been described. Perimysial 
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collagen cables and their physical interaction with fibroblasts and muscle fibers were 

identified using manual and semi-automatic volume segmentation. In future studies 

this method may be used to determine how these structures change in response to 

muscle pathology. By defining the ultrastructure of fibrotic skeletal muscle ECM, 

therapeutic targets may be identified to reduce fibrosis and associated muscle stiffness 

in patients with limited muscle function. 
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Figure 4.1: Representative x-y slice obtained from serial block face scanning electron 
microscopy of skeletal muscle ECM (z=400; z range 0-1,999). Scale bar = 5 µm. MF, 
myofiber; Ca, capillary; MN, myonucleus; F, fibroblast; Co, perimysial collagen 
cable. 
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Figure 4.2: Comparison of dataset segmented and reconstructed manually with IMOD 
(A and B) and semi-automatically with Analyze (C and D). The same x-y slice from 
Figure 1 is shown with object contours defined in IMOD (A) or Analyze (C). 
Projections of the manual (B) and semi-automated (D) models are shown for 
comparison. Capillary = pink, fibroblast = light blue, collagen cable = yellow. Scale 
bars  = 5 µm. 
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Figure 4.3: Perimysial collagen cables were found in close proximity to fibroblasts 
and appear to connect in some areas. A) Fibroblast (light blue) and perimysial 
collagen cables (yellow) viewed at a 60° rotation around the x-axis to highlight the 
long arm-like projections of the fibroblast and the interaction of the perimysial 
collagen with the fibroblast. B) Thin finger-like projections from the end of a 
fibroblast. Scale bars = 5 µm; from manual reconstruction. 
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CHAPTER 5 

 

Perimysial Collagen Volume Fraction is Increased in 

Fibrotic Skeletal Muscle Extracellular Matrix 

 

5.1 Abstract 

 

Fibrosis and concomitant increased stiffness often occur after skeletal muscle 

injury and disease, thereby limiting muscle function. The source of passive stiffness in 

skeletal muscle is unknown, however collagen in the extracellular matrix is thought to 

be a primary source due to its structural properties. Skeletal muscle perimysium 

contains large bundles of collagen fibrils, or “cables”, that were viewed by serial block 

face scanning electron microscopy reconstructions and appeared to be capable of load-

bearing, therefore we hypothesized that fibrotic skeletal muscle contains a higher 

volume fraction of perimysial collagen cables. In the desmin knockout model of 

progressive fibrosis, perimysial collagen cables accounted for a significantly higher 

volume fraction than that measured for wild type muscle. Current treatments to 

alleviate skeletal muscle fibrosis have been largely unsuccessful, thus perimysial 

collagen cables may be a future therapeutic target for reducing fibrosis related muscle 

stiffness. 

 

5.2 Introduction 
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Fibrosis commonly develops in response to skeletal muscle disease and injury 

and is generally described as an increase in the extracellular matrix (1, 2). Many 

factors are involved in the development of fibrosis including growth factor signaling, 

macrophage phenotype, fibroblast activation/proliferation, and dysregulated 

proteolysis (3). The most obvious hallmark of fibrosis is increased area of the 

extracellular matrix (ECM) in muscle cross-sections. The ECM is traditionally defined 

as the epimysium, surrounding the muscle body, the perimysium, which surrounds 

muscle fascicles, and the endomysium, which ensheaths individual muscle fibers. 

Collagen is the most abundant structural protein found in ECM and is upregulated at 

the transcriptional level (4-6) and increased at the protein level (4, 7) with fibrosis. 

The organization of collagen in fibrotic ECM is not well understood, yet it could have 

a large impact on muscle mechanical properties and function even though it accounts 

for only a small volume fraction.  

Secondary to fibrosis, increased muscle stiffness and/or contracture may 

progressively occur, thereby limiting muscle function and mobility (8, 9). Children 

with cerebral palsy can develop fibrosis secondary to an upper motoneuron lesion and 

present with limited range of motion and muscle spasticity. Mechanical testing of 

muscle biopsies from these patients showed that bundles of muscle fibers are 

approximately twice as stiff as muscle from control subjects (7). Similarly, in a model 

of progressive skeletal muscle fibrosis (desmin knockout, des-/-), bundles of fibers are 

stiffer than control muscle (4). This increase in stiffness is not observed at the single 

fiber level, indicating that the increase in stiffness is most likely due to the presence of 

passive elements, such as collagen, included in muscle bundle mechanical testing 
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preparations. However, data from our laboratory indicate that collagen content alone is 

not predictive of muscle bundle stiffness. It is possible that another property of 

collagen, such as its organization, may affect tissue stiffness. In cardiac ECM, 

perimysial collagen fibers have been described that increase in size with left 

ventricular hypertrophy (10, 11). Similar structures have been identified in skeletal 

muscle (12-14), however it is unknown how these structures reorganize in response to 

skeletal muscle fibrosis. Therefore, the purpose of this study was to describe and 

quantify perimysial collagen cables in skeletal muscle fibrosis. We hypothesized that 

fibrotic des-/- muscle would contain a larger volume fraction of perimysial collagen 

cables.  

 

5.3 Results 

 

Three-dimensional reconstruction of perimysial collagen cables reveals altered 

morphology in des-/- muscle 

Micrographs obtained from serial block face scanning electron microscopy 

were stacked into a volume and segmented in three dimensions to identify perimysial 

collagen cables, fibroblasts, muscle fibers, and myonuclei within wt and des-/- extensor 

digitorum longus (EDL) muscle. Reconstruction showed groups of collagen fibrils 

associated over relatively long distances that generally aligned with the muscle fiber 

axis, which we defined as perimysial collagen cables (Fig. 5.1). Perimysial cables had 

a wavy, but not coiled, morphology and occasionally branched in both wt and des-/- 

muscle. Fibroblasts were often found between muscle fibers and formed long 
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processes extending beyond the nucleus. Perimysial cables were closely associated 

with these processes, and processes occasionally appeared to guide cable direction. It 

was not clear if collagen fibrils within perimysial cables formed a physical connection 

with fibroblast processes directly or through an intermediate matrix structural protein. 

Dense areas of collagen were observed in “grooves” of the sarcolemma overlying 

myonuclei, but these collagen structures could not be identified as perimysial cables 

based on morphology (Fig. 5.2). The most obvious difference between the wt and des-/- 

reconstructions was the presence of more cables that appeared to be oriented closer to 

the muscle fiber axis than wt perimysial cables. 

 

Desmin knockout EDL muscle has a higher volume fraction of perimysial collagen 

cables compared to wt 

Volume fractions of muscle components were measured in wt and des-/- EDL 

relative to total muscle volume. A total of 421,041 points were classified on 

transmission electron micrographs obtained from 16 animals. The extracellular space 

accounted for 26.8% ± 3.6% volume of des-/- muscle and 24.1% ± 3.0% of wt muscle 

(not significant). Within the extracellular space no change was detected in the volume 

of single collagen fibrils, satellite cells, or fibroblasts, but the volume fraction of 

collagen fibrils in cables was almost doubled in des-/- muscle (Fig. 5.3).  

 

5.4 Discussion 

 

Extracellular matrix organization is altered in fibrotic muscle 
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Perimysial collagen cables were followed over distances as long as 150 µm 

along the muscle fiber axis. Cables were present in close proximity with fibroblast 

processes as well as muscle fibers. Physical connections between fibroblasts and 

perimysial cables were not directly shown, however non-electron dense linker proteins 

may be present that link fibroblasts to cables. As cables straighten with muscle strain 

(Supplementary Fig. 5.1), connected fibroblasts may be able to “sense” muscle strain. 

Collagen dense structures observed in sarcolemmal “grooves” adjacent to myonuclei 

may serve as a mechanosensing strategy for muscle fibers (Fig. 5.2). Collagen fibrils 

perpendicular to the sarcolemma were observed at these grooves, suggesting that 

collagen fibrils may be linked to cytoskeletal or nuclear components at these locations. 

Costameres are known to localize ECM components to the cytoskeleton, but they are 

not known to be co-localized with myonuclei (15). Cables appeared to be more aligned 

with the muscle fiber axis in des-/- muscle but still showed the same wavy morphology 

as wt muscle. Muscles were fixed in plantarflexion, so EDL muscles were slightly 

lengthened and cables may have stretched/realigned accordingly. 

 

Fibrotic perimysial collagen volume fraction is increased 

Perimysial collagen volume fraction was significantly increased in des-/- EDL 

muscle (Fig. 5.3). It is assumed that the perimysial collagen cables observed in this 

study were primarily composed of type I collagen based on morphology and confocal 

imaging (Supplementary Fig. 5.1), however type III collagen may also be present (16). 

Whether the increased volume fraction of perimysial cables is present as more cables 
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of the same size or the same number of cables that are larger will be the subject of 

future study.  

It is striking that such a small volume change in perimysial cables (+1.7%) is 

the only measured component that exhibits the same trend as muscle stiffness. It is 

possible that the volume fraction of extracellular space is overrepresented due to 

artificially increased intrafascicular spaces during the resin embedding process. This 

would lead to a relative increase in the calculated perimysial volume fraction. Still, on 

the order of only a few percent of total muscle volume, this would not seem to have a 

large effect on the volume fraction estimations presented here.  

No differences were found in the volume fraction of satellite cells or 

fibroblasts from des-/- muscle. Genetic deletion of desmin leads to a continuous injury 

and inflammation, which eventually results in fibrosis (4). Controls in this study were 

age matched and the satellite cell pool decreases with age (17), so a small volume 

fraction of satellite cells was expected in both genotypes. Since no difference was 

observed in the fibroblast compartment, fibroblasts in des-/- muscle may alter gene 

transcription, instead of proliferating, to increase collagen production or tissue 

inhibitors of matrix metalloproteinases that prevent normal collagen turnover. 

As muscle fibers stretched, perimysial collagen cables realigned with the 

muscle axis (Supplementary Fig. 5.1) suggesting that the wavy orientation of 

perimysial collagen cables may provide a strain relief function. Given the very high 

tensile strength of collagen fibrils (18), it is feasible that the increase in perimysial 

collagen cable volume fraction could be a factor in increased des-/- muscle stiffness 

(4). The degree of collagen crosslinking was not measured in this study, but could 
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increase stiffness (19). Also, the volume fraction of collagen cables was only 

measured in the EDL, a fast muscle in mice. Muscles composed primarily of slow 

fibers may have different stiffness properties as well as collagen organization.  

 

Perimysial collagen cables may be a potential target for anti-fibrotic therapies 

Because perimysial collagen volume fraction increases with muscle bundle 

stiffness, anti-fibrotic therapies that target these structures may improve muscle 

function in patients with skeletal muscle fibrosis. Current therapies for improving 

function of fibrotic muscle include tendon lengthening (20), physical therapy (21), and 

pharmacotherapy. These approaches to date have only partially alleviated symptoms 

associated with fibrosis (22, 23). Recently, anti-fibrotic research has shifted to focus 

on the cellular and molecular levels. New evidence shows that antibodies may be used 

to block procollagen type I polymerization (24) and collagen crosslinking enzymes 

(25) and may prevent fibrosis progression in various tissues. These strategies, 

however, would theoretically target all type I collagen polymerization and enzyme 

crosslinking activity. By specifically targeting the structures responsible for reduced 

function (higher stiffness), adverse side effects, such as reduced tissue integrity, may 

be circumvented. 

 

5.5 Materials and Methods 

 

Animals 
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All procedures were performed in accordance with the National Institutes of 

Health’s Guide for the Use and Care of Laboratory Animals and were approved by the 

University of California San Diego Institutional Animal Care and Use Committee. All 

experiments were performed on muscles from aged (>12 months old) wild type (wt) 

129/SV and desmin knockout (des-/-) 129/SV mice. Animals for transmission electron 

microscopy and serial block face scanning electron microscopy analysis (n = 8 per 

genotype) were anesthetized by intraperitoneal injection of either pentobarbital (100 

mg/kg) or rodent cocktail (100 mg/kg ketamine, 10 mg/kg xylazine, 3 mg/kg 

acepromazine) and transcardially perfused with mammalian Ringers solution warmed 

to 35°C containing heparin (20 units/ml) and 0.2% dextrose for 2 minutes followed by 

2% paraformaldehyde, 2.5% glutaraldehyde, 0.05% ruthenium red, and 0.2% tannic 

acid in 0.15M sodium cacodylate buffer containing 2mM calcium chloride at 35°C for 

5 minutes. After complete fixation, both fifth toe extensor digitorum longus (EDL) 

muscles were dissected from each animal with one EDL prepared for transmission 

electron microscopy and the other for 3View analysis (randomized). Animals for 

whole muscle mechanical testing (n = 8 per genotype) and confocal microscopy (n = 4 

wt) were killed by CO2 asphyxiation and cervical dislocation followed by removal of 

hindlimbs for analysis. 

 

Serial block face scanning electron microscopy 

Perfusion fixed muscles were incubated in fixative solution overnight at 4°C. 

Tissues were washed with 0.15M sodium cacodylate buffer followed by incubation 

with 2% osmium tetroxide containing 1.5% potassium ferrocyanide and 0.05% 
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ruthenium red in 0.15M sodium cacodylate buffer for 30 minutes on ice. After 

washing in distilled water, tissues were incubated in 1% thiocarbohydrazide for 20 

minutes then washed with distilled water followed by a final incubation in 2% osmium 

tetroxide for 30 minutes. Tissues were washed with distilled water and placed in 2% 

uranyl acetate overnight at 4°C. Tissues were then stained en bloc with Warton’s lead 

aspartate for 15 minutes at 60°C followed by washing with distilled water and 

dehydration in 50%, 70%, 90%, 100%, and 100% ethanol for 5 minutes each. Tissues 

were embedded in Durcupan ACM resin. Embedded tissues were trimmed to ~1mm3 

and mounted on aluminum pins. 

 Mounted specimens were viewed in a Zeiss Sigma scanning electron 

microscope outfitted with a specialized specimen chamber for serial block face 

imaging (Gatan 3View). Specimens were imaged at 3 kV under variable pressure (~32 

Pa), high current mode, at 2300X magnification with aperture size 60 mm. Images 

were acquired with a Gatan backscattered electron detector (1 mm aperture) and 

visualized with Gatan Digital Micrograph software at 8k x 8k raster, 1 µs dwell time, 

at 70 nm cutting thickness. Acquired images were converted to TIFF format and serial 

images were imported as a volume in Analyze 11.0 software (AnalyzeDirect, Inc.). 

Object segmentation was performed using the object extractor tool. Using this tool, a 

seed point was placed on each object of interested, the object boundaries were defined 

by thresholding, and the defined seed-growing algorithm traced the object throughout 

the tissue volume. Manual corrections of object boundaries were performed as 

necessary.  
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Transmission electron microscopy 

After removal, EDL muscles were cut to 5 pieces of equal length and incubated 

in fixative solution overnight at 4°C. Tissues were washed with 0.15M sodium 

cacodylate buffer followed by incubation with 2% osmium tetroxide containing 1.5% 

potassium ferrocyanide and 0.05% ruthenium red in 0.15M sodium cacodylate buffer 

for 30 minutes on ice. Tissues were washed in distilled water and placed in 2% uranyl 

acetate at 4°C overnight, followed by washing in distilled water and dehydration in 

50%, 70%, 90%, 100%, and 100% ethanol for 5 minutes each. Dehydrated tissues 

were placed in anhydrous acetone and then embedded in Durcupan ACM resin. Cross-

sections of tissue blocks were sectioned at 70nm thickness on a Leica Ultracut UCT 

ultramicrotome with a Diatome diamond knife, and collected on 300 hexagonal mesh 

thin bar copper grids. Sections were post-stained for 10 minutes in 2% uranyl acetate, 

washed with distilled water, and stained for 1 minute in Sato’s lead. Sections were 

observed at 80kV using a FEI Tecnai Spirit TEM with objective aperture size 40 µm 

and condenser aperture size 100 µm. Images were acquired with a 2k x 2k Gatan CCD 

camera and SerialEM Software (26). 

 

Volume fraction estimation by stereology 

Transmission electron micrographs for stereological analysis were acquired 

following a multi-stage sampling scheme. One section from each tissue block (n = 5 

per muscle) was imaged. Eight low magnification (1650x) and five high magnification 

(11,000x) micrographs were randomly acquired from each section, with high 

magnification images acquired only from areas containing extracellular space. If the 
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randomly selected 11,000x field of view contained no extracellular space, another field 

of view was randomly selected. Sections were discarded if they contained tendon 

tissue (n=2 out of 80 total). Images were analyzed with IMOD software using the 

stereology plug-in (27). A 20 x 20 square grid (grid spacing 0.79 µm, 400 points/grid) 

was overlaid on each low magnification micrograph and each point was classified as 

myofibril, mitochondria, myonucleus, satellite cell, fibroblast, extracellular space, 

nerve, capillary, or other. To quantify objects within the extracellular space, 27 x 27 

square grids (grid spacing 85.6 nm, 729 points/grid) were overlaid on high 

magnification micrographs and points within the extracellular space were classified as 

interstitial space (no visible object), single collagen fibril, collagen fibril in bundle, or 

basal lamina (Supplementary Fig. 2). Points lying on objects not within the 

extracellular space were left unclassified and not counted. Object point counts were 

summed for each animal and volume fractions of myofibrils, mitochondria, myonuclei, 

satellite cells, fibroblasts, extracellular space, nerves, and capillaries were defined as 

the total object point count divided by the total number of points counted at low 

magnification. Volume fractions for single collagen fibril, collagen fibrils in cable, and 

basement membrane were calculated using the following equation:  

𝑉!"#
𝑉!

=   
𝑉!"#
𝑉!
  ×   

𝑉!
𝑉!
  

where 𝑉!"# 𝑉! is the fraction of collagen (single fibril, fibril in cable, or basement 

membrane) in the extracellular space calculated at high magnification and 𝑉! 𝑉! is the 

fraction of extracellular space in the muscle calculated at low magnification. 

 



120 

 

Immunohistochemistry and confocal microscopy 

After dissection, fifth toe EDL muscles were pinned to cork at slack length and 

stored at -20°C in glycerinated storage solution containing (in mM): K-propionate 

(170), K3EGTA (5), MgCl2 (5.3), imidazole (10), Na2ATP (21.2), NaN3 (1), 

glutathione (2.5), 50 µM leupeptin, and 50% (vol/vol) glycerol. Mouse anti-type I 

collagen antibodies (Chondrex) were labeled with Alexa Fluor 488 using an antibody 

labeling kit (Life Technologies). Antibody conjugates were purified prior to use to 

remove any unlabeled antibody or dye. Muscles for confocal analysis were pinned to 

sylgard coated dishes in a relaxing solution containing (in mM): imidazole (59.4), 

KCH4O3S (86), Ca(KCH4O3S)2 (0.13), Mg(KCH4O3S)2 (10.8), K3EGTA (5.5), 

KH2PO4 (1), Na2ATP (5.1), and 50.0 µM leupeptin at pCa 8.0 and pH 7.1. Bundles of 

muscle fibers (5-10 fibers) were isolated and placed in a custom stretching chamber 

with a cover glass bottom designed for confocal imaging of skeletal muscle bundles 

(28). Bundles were attached using 10 – 0 monofilament nylon suture on one end to a 

stationary titanium pin and on the other end to a titanium wire attached to a 

micrometer. Bundles were blocked in 1% bovine serum albumin in relaxing solution 

for 30 minutes, followed by blocking in 15 µl/ml goat serum and 10% mouse serum in 

0.1% BSA in relaxing solution for 15 minutes. Bundles were incubated with Alexa 

Fluor conjugated anti-type I collagen (1:250) overnight at 4°C. After removing 

primary antibodies, DRAQ5 (1:1,000) was added to label nuclei. 

Confocal imaging was performed at 21°C with a Leica True Confocal Scanner 

SP5 microscope using a 63X planapochromat oil immersion lens (1.3 numerical 

aperture). Muscle bundle length was adjusted to slack length, measured as the suture 
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knot-to-knot distance. Image stacks of muscle bundles were obtained at slack length 

and at 10% strain increments. Bundles that slipped on the pin with strain or were 

damaged were not included in image analyses. X-Y image stacks (512x512 raster, 400 

Hz) were acquired at 0.99 µm optical section thickness in Leica Application Suite 

Advanced Fluorescence (LAS AF) software. Three-dimensional projections of image 

stacks were created in LAS AF software using the 3D Projection tool in the x-y plane. 

Because fluorescence intensity decreased with imaging time (photobleaching) and 

distance from the cover glass, black and white levels were adjusted in Adobe 

Photoshop CS6 when necessary to extend the image histogram to the full range of 0 to 

255, without adjusting midtone. 

 

Statistical analysis 

Volume fraction data were analyzed with GraphPad Prism 5 statistical 

software. Significance was determined using Student’s t tests with significance level 

(α) set to 0.05. Data are presented as means ± SEM. 
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Figure 5.1: Three-dimensional reconstruction of serial block face scanning electron 
micrographs from wt (A) and des-/- (B) EDL. Muscle fibers were aligned vertically but 
were not shown for clarity. Interactions between perimysial collagen cables (yellow), 
capillaries (pink), and fibroblasts (blue) are shown. Scale bars = 5 µm. 
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Figure 5.2: 3View cross-sectional scanning electron micrographs of sarcolemmal 
grooves localized with myonuclei and extracellular matrix components in des-/- (A) 
and wt (B & C) muscle fibers. Collagen fibrils are organized transversely to the 
muscle fiber within sarcolemmal grooves. Scale bars = 1 µm. 
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Figure 5.3: Volume fraction estimation of muscle components from wt and des-/- EDL 
muscle. Single collagen fibril (A), satellite cell (C), and fibroblast (D) volume fraction 
were not changed, however collagen fibrils in cables (B) were almost doubled in des-/- 
muscle. * indicates p < 0.05. 
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CHAPTER 6 

 

Summary and Significance 

 

6.1 Summary of Findings 

 

The objective of this dissertation was to improve understanding of the skeletal 

muscle extracellular matrix structure and function in normal and fibrotic muscle. This 

dissertation presents evidence of collagenous structures in skeletal muscle perimysium 

that were previously unappreciated (Chapter 2). Based on confocal microscopy, they 

appear to be composed of primarily type I collagen and have been shown to reorganize 

with muscle strain in real time. Because of their wavy morphology and sensitivity to 

strain they were deemed likely candidates for load bearing in muscle, and further 

investigation was performed to determine their role in skeletal muscle fibrosis. 

Previous research indicated that fibrotic muscles were stiffer than normal, and 

this increase in stiffness was presumed to result from an increase in the extracellular 

matrix stiffness (1, 2). Initial experiments were designed to develop a method that 

would allow for direct investigation of muscle ECM mechanical properties (Chapter 

3). This was achieved by decellularizing muscle tissue, leaving behind the intact ECM. 

However, this method inherently altered the native tissue structure despite the lack of 

proteolytic enzymes and detergents for removing muscle fibers, and other microscopy 

methods were explored to prevent disturbing the in vivo organization of ECM 

collagen.  
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With the development of new electron microscopy tools for the observation of 

large tissue volumes, it became possible to study the three-dimensional ultrastructure 

of extracellular collagen networks. Because muscle ECM contains relatively large 

“spaces” devoid of electron dense material (interstitial spaces), it presents specific 

challenges for this type of imaging. These challenges were addressed and existing 

serial block face scanning electron microscopy methods were optimized for use with 

muscle ECM (Chapter 4). The importance of this development is that it allowed for 

nanoscale reconstruction of collagen structures over long distances, which previously 

would be considered extremely tedious and nearly impossible. The improved staining 

techniques and automated data acquisition and segmentation allowed for analysis of 

large datasets over a short period of time. Perimysial cables in normal muscle that had 

been observed over limited distances with scanning electron microscopy were 

reconstructed, and their interactions with muscle fibers and fibroblasts were observed. 

Armed with the appropriate tools, the structure and function of perimysial cables in 

fibrotic muscle was examined. 

The major finding of this dissertation is that fibrotic muscle contains a higher 

volume fraction of perimysial collagen cables (Chapter 5). The increase in stiffness 

and doubling of perimysial collagen volume fraction in fibrotic muscle suggests that 

the increased cables could be responsible for increased stiffness, however correlation 

could not be determined. This is the first quantitative observation at the electron 

microscopy level that the ECM of fibrotic muscle has an inherently different structure 

compared to normal ECM. Other interesting findings include unique interactions 

between transverse collagen fibrils and sarolemmal grooves with underlying 
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myonuclei, and interactions of collagen cables with fibroblasts and muscle fibers. 

Long processes extending from fibroblast cell bodies appeared to guide perimysial 

cables, and fibroblasts may form physical connections (focal adhesions) with collagen 

cables. 

 

6.2 Significance of Findings 

 

The morphological findings of this study are a significant contribution to the 

literature on skeletal muscle ECM. The data presented here suggest that ECM is not 

simply divided into epi-, peri-, and endomysium based on location in a muscle cross-

section, but that these levels of ECM have different compositions and structures, and 

are not confined to intrafascicular areas based on ECM “thickness.” Without the 

correct understanding of normal ECM structure and organization, it is impossible to 

determine its specific functions in skeletal muscle with respect to force transmission 

and passive tension. The observation of laterally oriented collagen fibrils localized to 

sarcolemmal grooves and underlying myonuclei could direct future research on force 

transmission and mechanosensing in muscle. 

Most muscle research has focused on the actively contracting components, 

which make up the majority of muscle volume. However, this dissertation has shown 

that a change of only a few percent in the volume fraction of perimysial collagen is 

associated with the clinically significant increase in stiffness that is measured in 

fibrotic muscle. For researchers studying antifibrotic therapies, this is good news! A 

single component of muscle ECM (perimysial cables) may be responsible for the 
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majority of the increased stiffness and ensuing decreased range of motion and 

contracture seen clinically. This provides a target for clinical therapies aimed at 

reducing skeletal muscle fibrosis. 

 

6.3 Future Directions 

 

The knowledge gained from this dissertation opens several avenues for future 

study. The reported structure and volume fraction of perimysial collagen for aged wild 

type and desmin knockout mice may differ in different mouse muscles, in muscles 

from different species, and/or muscles with a different fibrosis initiator. The 

systematic tissue sampling for stereology data analysis could be applied to other 

muscles to quantify perimysial cables, but this process is laborious and time 

consuming. Another approach for measuring amounts of perimysial collagen in 

pathologic muscle could be to develop an assay for perimysial collagen. If all muscle 

components were digested from muscle tissue except collagen (similar to the 

hydroxyproline assay (3)) and collagen cables maintain their association into bundles 

of fibrils, cables may be fractionated from dissociated fibrillar collagens and 

measured. Such an assay would allow for mechanical testing and perimysial collagen 

quantification to be performed on the same sample, thus correlation between collagen 

cable quantity and muscle stiffness could be determined.  

Because collagen structure and quantity are not the only factors that can affect 

fibrotic muscle stiffness, other components must be measured. Collagen crosslinking 

is another factor that can affect tissue mechanical properties, and increased collagen 
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crosslinking in various tissues corresponds with increase stiffness (4-6). The 

transcription of collagen crosslinking enzyme genes was slightly increased in biopsies 

from patients with cerebral palsy compared to typically developing age-matched 

controls, but this increase was not significant (7). Nevertheless, collagen crosslinking 

should be measured in fibrotic muscle to determine if this is another factor in the 

observed increased stiffness.  

The three-dimensional microscopy methods developed in this dissertation 

could be applied to a number of muscle injury and disease models, or to normal 

muscle to assess the role of perimysial cables in force transmission. Serial block face 

scanning electron microscopy is automated once the specimen is prepared and 

microscope settings are adjusted, so it is theoretically possible to collect data from a 

single sample over several days to a week. The ultramicrotome apparatus limits 

imaging depth, but very short muscles (e.g. mouse flexor digitorum brevis) could be 

analyzed over their entire length. Serial images may then be reconstructed to identify 

perimysial cables and determine if they extend from tendon to tendon, or from tendon 

to the muscle belly and terminate on muscle fibers, etc. This type of information is 

necessary to understand how ECM transmits force laterally from muscle fibers to 

tendons. 

If perimysial collagen cables are primarily responsible for the increased 

stiffness associated with muscle fibrosis, then clinical therapies could be developed to 

target these structures. Therapeutic approaches could aim to prevent formation of 

perimysial cables, or dissociate existing cables. Chung et al. have developed an 

antibody that binds the C-terminal telopeptide of the α2-chain of type I collagen (8). 
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Binding of the antibody to type I collagen creates steric hindrance that prevents 

cleavage of C-terminal propeptides and therefore type I collagen fibril formation. 

Although this method shows promise for reducing collagen deposition in fibrotic 

muscle, antibody dosing must be carefully defined so that structural collagen in 

surrounding tissues is not affected.  

If crosslinking of perimysial cables is required to maintain their structure, then 

therapies targeting collagen crosslinking enzymes may promote dissociation of 

perimysial collagen. Another example of antibody use for fibrosis treatment comes 

from Barry-Hamilton et al. who describe creation of an inhibitory antibody against the 

matrix enzyme lysyl oxidase–like-2 (LOXL2) (9). LOXL2 functions in normal tissue 

to crosslink collagens and elastin, however it is upregulated in fibrotic lung and liver 

tissue. Antibody treatment to block LOXL2 activity in lung and liver fibrosis models 

resulted in fewer activated fibroblast and decreased fibrosis signaling. A clinical trial 

is currently underway to determine if LOXL2-blocking antibodies can prevent 

progression of liver fibrosis (10). Perimysial collagen cable-like structures may be 

ubiquitous across fibrotic tissues, therefore therapies developed to treat skeletal muscle 

fibrosis may be applicable to other tissues and vice versa. 
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Supplementary Figure 5.1: Confocal microscopy of wt fifth toe EDL muscle bundles 
showing reorganization of perimysial collagen cables with strain. Two separate 
preparations (A-C and D-F) were immunostained for type I collagen (green) and 
nuclei (blue). At slack length (0% strain; A and C) intensely stained type I collagen 
positive structures that traverse multiple fibers are defined as perimysial collagen 
cables. Two points on a cable are identified (arrow and arrowhead) and these points 
are again identified at 20% strain (B and E) and 40% strain (C and F) showing 
reorganization of the cable with strain. Scale bars = 25 µm. 
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Supplementary Figure 5.2: High magnification (11,000x) transmission electron 
micrograph with stereology grid generated in IMOD. Each point (at crosshair) was 
classified as a single collagen fibril (green), collagen fibril in cable (pink), or 
interstitial space (black). Points lying on objects that were not part of the extracellular 
space were not classified (red) or included in point count totals. Scale bar = 250 nm. 
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Supplementary Figure 5.3: Example of force record from whole muscle passive 
mechanical testing. With each step-wise increase in muscle strain, force (shown here 
in terms of transducer voltage) increases initially to peak force and then voltage 
declines non-linearly (stress-relaxation) over a period of 5 minutes while muscle strain 
is held constant. 




