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ABSTRACT OF THE DISSERTATION 

 

Bacillus subtilis as a Candidate for Consolidated Bioprocessing: Microbial Cell Wall 

Engineering for the Display of Heterologous Proteins 

by 

Grace Lan-Shin Huang 

Doctor of Philosophy in Biochemistry and Molecular Biology 

University of California, Los Angeles, 2017 

Professor Robert Thompson Clubb, Chair 

 

Cell surface display of proteins is a valuable biotechnological tool, with potential in various 

applications including peptide library screening, protein engineering, vaccine delivery, biosensing, 

and biocatalysis. Gram-positive bacteria may be especially suited for displaying proteins due to 

their rigid cell envelope and the wide diversity of known cell wall binding modules that can be 

used to decorate the cell surface. However, bacterial protein display is not widely used in industrial 

settings, in part due to factors that limit the number and stability of displayed proteins. In order to 

facilitate surface protein engineering efforts, work described in this dissertation seeks to define the 

mechanism of covalent protein attachment to Gram-positive cell surfaces, and to create a stabilized 

cell surface display system in the model Gram-positive bacterium Bacillus subtilis. In Chapters 2 

and 3 of this dissertation, I reviewed current display systems in the context of microbial cellulose 

degradation for biocommodity production. The reviews cover in extensive detail the different 
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modes of protein display in Saccharomyces cerevisiae, Escherichia coli, B. subtilis, 

Corynebacterium glutamicum, and lactic acid bacteria. They also compare the recombinant 

cellulolytic activities that have been achieved against different biomass substrates. To further 

improve our understanding of the molecular mechanisms by which proteins are cell surface 

attached, in Chapter 4, I discuss the crystal structure of the Staphylococcus aureus class B sortase 

covalently bound to a substrate analog. In vitro transpeptidation measurements, computational 

modeling, and molecular dynamics simulations suggests that sortases utilize a substrate-stabilized 

oxyanion hole to stabilize tetrahedral reaction intermediates. Key structural features were 

identified, which suggested a conserved mechanism shared by all sortases. Lastly, I created a cell 

surface display system described in Chapter 5, and elucidated factors affecting surface protein 

stability in Bacillus subtilis. I constructed a reporter system that displays the Clostridium 

thermocellum endoglucanase (Cel8A) on the cell surface through the noncovalent cell wall binding 

motif, LysM. Cell surface associated activity was examined in different genetic backgrounds, 

revealing solution conditions and strain-specific factors that affect protein display. This study 

identified conditions that enable stable surface protein display up to two days, and explore the 

importance of different extracellular proteases on surface protein stability. Combined, this work 

furthers the development of Gram-positive bacterial systems for surface display by elucidating the 

mechanism of covalent cell surface protein attachment, and by identifying cellular and solution 

conditions that improve the stability of proteins on the surface of B. subtilis. 
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1.1 Overview 

Cell surface display is a developing technology that could have useful applications in 

research, pharmaceutical, and industrial processes. A number of reported studies have devised 

approaches to display proteins on the surface of bacterial and eukaryotic cells for potential uses 

in peptide screening, protein engineering, vaccine delivery, biosensing, and biocatalysis. 

However, despite its promise, surface engineered microbes have not gained wide use in industry.  

The model Gram-positive bacterium B. subtilis is attractive for surface engineering because it is 

already used industrially to secrete proteins, it has a simple monoderm structure, it is easily 

manipulated with well-established genetic tools, and approaches to display proteins on its surface 

have already been developed. In this chapter, I review display in B. subtilis; specifically, I 

describe cell wall synthesis and degradation, the methods used to display proteins on the cell 

surface, and some factors affecting surface display. In Chapters 2 and 3, I review display systems 

in other microbes within the context of lignocellulose degradation. 
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1.2 Introduction to Bacterial Cell Surface Display Systems 

Many methods of protein display and immobilization exist, including chemical and 

biological routes [1, 2]. Chemical immobilization requires first enzyme purification and then 

subsequent immobilization steps, which can be problematic due to harsh or toxic conditions that 

limit enzyme activity and increase cost [2]. This has led to the development of biological display 

systems, where protein production and immobilization are simultaneously achieved. Phage, 

bacterial, yeast, and mammalian display systems are all currently under investigation for these 

purposes [3]. Bacterial systems are particularly attractive because of the ability of many types of 

microbes to grow rapidly in a variety of media and the existence of genetic tools to facilitate 

surface engineering. Bacterial cell surface display has great promise in a variety of 

biotechnological applications including peptide library screening, protein engineering and 

analysis, live vaccine delivery, and as biosensors, bioadsorbants, and biocatalysts (Figure 1) [4-

7]. Bacteria, which can display proteins of higher molecular weight than phage systems, are 

quick to culture, are easy to manipulate genetically, and are large enough to be sorted by flow 

cytometry for quick analysis, have garnered great interest. Additionally, the metabolic systems of 

bacterial cells can be harnessed for downstream processes such as biocommodity creation.  In 

CHAPTERS 2 and 3, I review the various methods that have been used in industrially useful and 

model microorganisms to display lignocellulose degrading enzymes.  In this introduction, I focus 

on the model Gram-positive microorganism, Bacillus subtilis.  I describe cell wall synthesis and 

degradation, the methods used to display proteins on its surface, and some factors that affect 

surface display. 
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B. subtilis is a promising candidate for use in protein cell surface display technologies.  It 

is amenable to genetic modification due to its natural competence and the enormous effort 

devoted to develop genetic engineering tools for its manipulation [8-10].  Additionally, it is 

capable of secreting huge quantities of protein (20-25 grams of homologous proteins per liter of 

growth culture) [11].  While the yield of heterologous proteins is much lower, there have been 

substantial engineering efforts to improve the secretion machinery to obtain higher yields [12]. 

Bacillus strains are also safe, easily grown, and can achieve a high growth rate, which has led to 

its established place in industry. Currently, Bacillus species produce enzymes, antibiotics, 

insecticides, nucleotides, vitamins, and other useful chemicals [8].  

 

1.2.1 B. subtilis Cell Wall Synthesis and Degradation 

B. subtilis and other Gram-positive bacteria would appear to be good candidates in which 

to introduce cell surface display systems due to the relatively simple organization of their cell 

envelope. The cell envelope consists of a single membrane surrounded by a thick peptidoglycan 

cell wall.  In B. subtilis, the cell wall has a thickness of approximately 33.6 ± 4.0 nm [13].  In 

peptidoglycan synthesis, the nucleotide sugar-linker precursors uridine diphosphate (UDP) N-

acetylmuramyl (MurNAc) – pentapeptide and UDP-N-acetylglucosamine (UDP-GlcNAc) are 

synthesized within the cytoplasm [14].  Then, in the cytoplasmic membrane, UDP-MurNAc-

pentapeptide is linked to a transport lipid called undecaprenyl phosphate (UndP), forming lipid I.  

Reaction of lipid I with UDP-GlcNAc produces lipid II.  The recently elucidated B. subtilis 

flippases, UppP and BcrC, export the precursor to the external face of the membrane [15].  

Finally, penicillin binding proteins (PBPs) incorporate the precursor into existing peptidoglycan, 
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resulting in polymerized glycan strands that are crosslinked by peptide stems.  Cell wall 

expansion is aided by extracellular autolytic enzymes, which are peptidoglycan cleaving 

enzymes involved in complicated processes necessary for growth, competence, and sporulation 

[16].  

In B. subtilis, there are 35 known and putative autolysins with significant functional 

redundancy [16]. They are capable of cleaving many sites in the cell wall (Figure 2). 

Glucosaminidases cleave between GlcNAc and adjacent MurNAc residues in the polysaccharide 

backbone of peptidoglycan.  Similarly, muramidases cleave the glycosidic bond between 

MurNAc and GlcNAc residues. Amidases can separate the glycan strand from the peptide stem 

by hydrolyzing the bond between MurNAc and L-alanine.  Endopeptidases cleave between the 

various amino acids of the peptide stem.  The two major vegetative autolysins, the amidase LytC 

and the glucosamidase LytD, contribute to about 95% of the autolytic activity of the cell [16].  

Many other autolysins are expressed during regular growth as well.  The action of these 

autolysins must be tightly regulated, otherwise, cells can lyse. 

 

1.2.2 B. subtilis Protein Display 

The organization and rigidity of the Gram-positive cell envelope allows it to act as a 

scaffold for the display of surface proteins through many mechanisms (Figure 3) [17]. Proteins 

can be anchored in the cell membrane either through a transmembrane domain or a lipid group, 

and can extend through the peptidoglycan layer.  Proteins can also be covalently attached to the 

cell wall by sortase, which recognizes a LPXTG motif on the protein of interest and catalyzes a 

transpeptidation reaction to attach it to the cell wall precursor lipid II, which is then incorporated 
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into the peptidoglycan [18].  Noncovalent cell wall binding motifs also exist, such as cell wall 

binding domain of Type 1 (CWBD1) and CWBD2, the GW module, the lysin motif (LysM), and 

S-layer homology domains (SLHD) [17]. These bind to peptidoglycan or to cell wall associated 

polymers.   

Display systems have been developed for both the spore form and the vegetative form of 

B. subtilis. The majority of studies regarding B. subtilis display are focused on attaching proteins 

to the spore coat [19]. However, the use of vegetative cells for biotechnological applications is 

more relevant, because vegetative cells can be cultured in large quantities and coupled to 

downstream processes without waiting for spore formation. Several studies have described 

vegetative cell surface display methods in B. subtilis using both covalent and noncovalent 

binding methods, and attempted to quantify protein display numbers. Initially, the well 

characterized Listeria monocytogenes sortase enzyme was overexpressed in B. subtilis, and it 

was used to attach 2.4 x 105 α-amylase proteins to the cell surface, which corresponded to 15.8% 

of total activity [20]. More recently, three groups independently identified the native B. subtilis 

sortase, YhcS, and utilized the sorting signal derived from its substrate, YhcR, to attach 

recombinant α-amylase, chitinase, and β-lactamase to the cell surface [21-23]. In the case of β-

lactamase, 4.73 x 104 proteins were determined to be cell wall attached, though sortase levels 

were limiting [23]. The noncovalent cell wall binding lysin motif (LysM) was used to display 

individual enzymes and enzyme complexes on the surface of B. subtilis. Chen et al. displayed 

1.2 x 107 β-lactamase proteins on the cell surface using three LysM domains derived from the B. 

subtilis LytE protein [24]. You et al. also utilized LysM repeats to display 20,000 protein 

scaffolds on the cell surface, and bound purified enzymes to the protein scaffold to create a 
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protein complex [25]. Another noncovalent motif called cell wall binding repeat 2 (CWB2) was 

used to attach 1.2 x 106 lipase proteins to the surface of B. subtilis [26].  

 

1.2.3 Factors Limiting Protein Display 

Despite the efforts put forth to develop these display systems, certain challenges remain 

that prevent B. subtilis from being used industrially as a cell surface display system. B. subtilis 

produces abundant extracellular proteases that can remove proteins from the cell surface, 

including seven secreted scavenging proteases (AprE, Epr, Bpr, Vpr, NprE, NprB, Mpr), one 

cell-wall associated protease (WprA), and two membrane-associated proteases with chaperone 

functions (HtrA, HtrB) (Figure 4) [27]. Studies have demonstrated that when the seven secreted 

proteases are genetically removed, only 0.15% of the original protease activity remains [28]. 

However, the single cell wall associated protease is constitutively expressed in exponentially 

growing cells and upregulated during post-exponential phase, and it can degrade proteins as they 

exit the translocation machinery [29]. Many studies on the improved yield of secreted proteins 

are summarized by Westers et al. [27]. In the majority of the papers introduced above, protease 

deficient strains were used.  Unfortunately, it has also been demonstrated that protease-deficient 

strains experience increased levels of cell wall turnover [30]. More recently, an increased level of 

the autolysin LytD was discovered in protease deficient strains [31]. Protease deficient strains, 

which have increased autolysin levels, could be complicating for cell surface display systems due 

to cell lysis and the release of multiple intracellular proteases.  

Autolysins are tightly controlled in actively growing cells to avoid cell lysis.  When cells 

are in a nutrient replete environment, they are able to maintain the proton motive force across the 
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cell membrane, where the cell wall environment acts as a reservoir of hydrogen ions [32]. It was 

suggested that the local cell wall pH plays a role in modulating enzymatic activity, and that low 

pH would prevent the activity of a variety of enzymes [33]. It was confirmed by multiple 

independent experiments that actively metabolizing B. subtilis possesses a low cell wall pH [33-

35]. When the membrane is deenergized, raising the pH, autolysins can act on peptidoglycan and 

cause cellular lysis [36, 37]. The major proteases NprE and AprE were found to be primarily 

responsible for the degradation of autolytic enzymes [38]. Importantly, it was demonstrated that 

in wild type B. subtilis 168, cellular lysis did not occur until 3 hours after reaching stationary 

phase, while in the protease deficient strains, lysis began slightly before or immediately after 

transition to stationary phase [38]. Thus, knockout or knockdown of autolysin genes in protease 

deficient strains may be beneficial for the stabilization of cell surface display. Namely, a LytC 

knockout strain had similar growth rates to the wild type strain, with a slight increase in chain 

length, thickened cell walls and septa, and a reduced rate of cell lysis [39]. A fine-tuning of the 

genetic system of B. subtilis will be a complicated process due to the redundancy of autolysins, 

but may serve to stabilize cell surface display.  

Given the complications mentioned above regarding protease deficient strains and 

autolysin levels, it is clear that the interplay of proteases, autolysins, and recombinant protein 

display has to be better characterized in order to develop a strain suited to stably display proteins 

on its cell surface and facilitate the discovery and implementation of new cell surface display 

systems. Towards this end, the goal of my dissertation was to systematically develop and 

characterize a bacterial cell surface display system and identify factors contributing to cell 

surface stability. It also included further elucidation of the molecular mechanisms of cell surface 
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attachment and display that are necessary to facilitate the development of cell surface display 

systems. 

 

1.3 Scope of the Dissertation 

Research described in this thesis focused on the mechanisms underlying surface protein 

display in Gram-positive bacteria.  In particular, this research helped define the mechanism 

through which proteins are covalently attached to the cell surface of Staphylococcus aureus, and 

described a new approach to stabilize heterologous proteins on the surface of B. subtilis.  This 

work could facilitate the development of small molecule anti-infective agents that inhibit 

virulence factor display in pathogenic bacteria and it is also a step towards constructing 

recombinant protein displaying microbes could have useful biotechnological applications. 

In CHAPTERS 2 and 3, I review microbial protein display mechanisms and how they 

have been used to construct cellulolytic microorganisms that have potential uses in lignocellulose 

processing [40, 41]. The chapters describe cell surface display systems in industrially useful 

microorganisms, including Saccharomyces cerevisiae, Escherichia coli, Bacillus subtilis, 

Corynebacterium glutamicum, and lactic acid bacteria. Their cellulolytic activities and surface 

protein densities are compared, and remaining obstacles in the field of cellulolytic enzyme 

display are discussed.  

CHAPTER 4 describes the crystal structure of the S. aureus sortase B (SrtB) enzyme in 

complex with an analog of its sorting signal substrate. This enzyme attaches proteins to the cell 

wall by a covalent mechanism. The structure, coupled with the results of in vitro transpeptidation 
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measurements and molecular dynamics simulations, provides insights into the mechanism of 

protein anchoring to the cell wall. Further study of sortase enzymes may eventually lead to the 

development of an efficient cell surface display system, as well as the production of novel anti-

virulence therapeutics. 

In CHAPTER 5, I devised methods to stably display heterologous enzymes on the surface 

of the model Gram-positive microbe B. subtilis.  Previous studies have developed methods to 

attach proteins to the cell surface, but protein stability was not assessed.  In order to address this 

issue, I developed a protein display system in which the Clostridium thermocellum 

endoglucanase (Cel8A) was noncovalently tethered to peptidoglycan by expressing it as a fusion 

protein with the LysM binding module. Systematic examination of the temporal dependence of 

cell surface associated activity in different genetic backgrounds allowed us to identify several 

factors affecting protein display. Solution conditions were identified that stabilized cells and 

enzymatic activity for over two days. The results of this work lays the foundation for using B. 

subtilis in biotechnological applications and highlight the importance of balancing extracellular 

proteases and autolysins to maximize surface display and stability. 

Lastly, I developed new educational content for the Nanoscience Program at the 

California NanoSystems Institute under the guidance of Dr. Sarah Tolbert, outlined in the 

APPENDIX. This laboratory introduces students to biopolymers, which are biodegradable and 

sustainable alternatives for many petroleum-derived chemicals. Through the use of two well-

characterized and broadly used biopolymers, carrageenan and gelatin, students explore the 

factors affecting the interactions between nanoscale subunits that make up large macroscale 

structures using biological and engineering concepts.  
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1.4 Figures 

 

Figure 1.1 Applications of bacterial cell surface display systems.   

By introducing recombinant DNA into bacterial strains, cell surface display systems for a wide 

variety of potential uses can be developed.   
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Figure 1.2 Autolysins cleave peptidoglycan at many sites in the cell wall.   

The 35 autolysins of B. subtilis have significant functional redundancy.  The main modes of 

action are outlined here. Glucosaminidases cleave the polysaccharide backbone between GlcNAc 

and MurNAc, while muramidases cleave the polysaccharide backbone between MurNAc and 

GlcNAc.  Amidases separate the glycan strand from the peptide stem by cleaving between 

MurNAc and L-alanine. Endopeptidases can cleave amide bonds between amino acids. 
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Figure 1.3 Mechanisms of cell surface display in Gram-positive bacteria.    

Proteins can be displayed on the cell surface through several mechanisms.  Proteins can be 

membrane-associated and extend out through the cell wall material, or they can be associated 

with the cell wall. Cell wall associated proteins can be either covalently linked to the 

peptidoglycan, or noncovalently recognize the cell wall or its associated polymers. 
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Figure 1.4 B. subtilis proteases. 

B. subtilis possesses 10 extracellular proteases.  There are seven secreted scavenging proteases 

that aid in the acquisition of nutrients, a single cell wall associated protease that removes cell 

wall associated proteins, and two membrane associated quality control proteases.    
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2.1 Overview 

Lignocellulosic biomass is a promising feedstock from which to sustainably produce useful 

biocommodities. However, its recalcitrance to hydrolysis limits its commercial utility. One 

attractive strategy to overcome this problem is to use consolidated bioprocessing (CBP) microbes 

to directly convert biomass into chemicals and biofuels. Several industrially useful microbes 

possess desirable consolidated bioprocessing characteristics, yet they lack the ability to degrade 

biomass. Engineering these microbe’s surfaces to display cellulases and cellulosome-like 

structures could endow them with potent cellulolytic activity, enabling them to be used in CBP. In 

this chapter, we discuss recent progress in engineering the surfaces of Saccharomyces cerevisiae, 

Escherichia coli, Bacillus subtilis, Corynebacterium glutamicum, and lactic acid bacteria. We 

discuss the techniques used to display cellulases on their surfaces, their recombinantly achieved 

cellulolytic activities, and current obstacles that limit their utility.  
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2.2  Introduction 

As concerns over limited petroleum supplies rise, the momentum to produce renewable 

fuels, chemicals, and other materials from biomass has increased [1-3]. Second generation biofuels 

derived from sustainable feedstocks such as lignocellulosic biomass are attractive, as plant biomass 

is cheap and highly abundant; over 1 billion tons of lignocellulosic biomass are produced annually 

in the United States, while an estimated 10-50 billion tons of waste lignocellulose are produced 

worldwide [4-6]. However, the resistance of lignocellulose to hydrolysis limits its use in biofuel 

production and has driven the search for new technologies to cost-effectively exploit this valuable 

resource [7, 8]. To produce fermentable sugars to generate cellulosic ethanol, conventional 

industrial processes utilize a multi-step procedure to degrade lignocellulose (Figure 1A) [7, 9]. 

Typically, the biomass is first pretreated with strong acids and high temperatures to remove lignin 

and to partially degrade its cellulose and hemicellulose components [7]. It is then exposed to 

purified cellulase enzymes that hydrolyze the remaining polysaccharides into shorter 

polysaccharides and monosaccharides that can be fermented into ethanol by yeast. Significant 

effort has been put forth to optimize these steps, including the development of a range of new 

pretreatment approaches and enzyme cocktails [9-11]. It is generally believed that the cost of 

converting biomass into useful biocommodities could be greatly reduced by using a consolidated 

bioprocessing (CBP) microbe, a single microorganism that produces all of the necessary enzymes 

to degrade lignocellulose, and then utilizes the resulting sugars to produce high-levels of the 

biocommodity (Figure 1B) [12-14]. A CBP microbe would decrease costs by reducing the number 

of processing steps required to generate the final product and avoid the use of costly purified 

cellulase enzymes that are estimated to contribute $0.68-1.47 to the per gallon cost of cellulosic 

ethanol [15]. Given their great potential, a number of research groups have sought to develop a 
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lignocellulose-utilizing CBP microbe using native and recombinant strategies [12]. In the native 

strategy, product production pathways are engineered into naturally cellulolytic microbes, while 

in the recombinant strategy, genetically well-studied microorganisms that may already be capable 

of producing a desired product are engineered to possess cellulolytic activity. Here, we describe 

progress towards creating recombinant cellulolytic microbes to convert biomass into useful 

commodities by engineering their surfaces to display cellulase enzymes. 

Lignocellulose is recalcitrant to degradation and requires the action of many different types 

of enzymes to break it down [15]. It is comprised of varying amounts of cellulose (25-55%), 

hemicellulose (8-30%), and lignin (18-35%) [7, 16]. Cellulose is a polymer of β-1,4-linked glucose 

molecules that can hydrogen-bond with other cellulose polymers to form both amorphous and 

crystalline regions [17]. It is synergistically degraded by three types of cellulases: endoglucanases, 

exoglucanases, and β-glucosidases [7]. Endoglucanases attack within a cellulose strand to 

hydrolyze the β-1,4-glucosidic bonds, producing new reducing and non-reducing ends that can be 

further broken down by exoglucanases [18]. The shorter cellodextrin chains that are produced by 

these enzymes, including the disaccharide cellobiose, are then degraded into glucose monomers 

by β-glucosidases [18]. Hemicellulose is a sugar polymer that is composed of a number of different 

types of pentose and hexose sugars [16]. Xylan is its main component, and is the second most 

abundant polysaccharide in lignocellulose. As compared to cellulose, hemicellulose is more 

accessible to degradation by a range of enzymes with different substrate specificities, including 

among others: xylanases, arabinases, and mannases. Finally, lignin surrounds and blocks enzyme 

access to cellulose and hemicellulose, and is a complex polymer containing a mixture of phenolic 

compounds linked through radical coupling reactions [19]. A large number of enzymes are needed 

to degrade it, including peroxidases and laccases [20].  
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One promising recombinant strategy to create a useful CBP microbe is to engineer it to 

display a range of enzymes that degrade lignocellulose, thereby allowing it to produce sugars that 

can be further metabolized by the microorganism into useful chemicals [21-26]. In this approach, 

the goal is to engineer the microbial surface to effectively mimic the activity of naturally 

cellulolytic anaerobic bacteria. These microbes have the impressive capacity to adhere to, and 

degrade, untreated biomass and are typified by the cellulolytic anaerobic bacterium Clostridium 

thermocellum [27]. This eubacterium efficiently degrades biomass using a surface displayed 

complex called a cellulosome (Figure 2A) [27]. The cellulosome contains a central scaffolding 

protein that coordinates the binding of different enzymes. The primary scaffoldin, CipA, contains 

nine type-I cohesin modules that bind to cellulases harboring type-I dockerin modules [28]. CipA 

also contains a carbohydrate-binding module (CBM) that tethers the cellulosome complex to its 

cellulose substrate and a C-terminal type-II dockerin module [29]. The type-II dockerin module 

anchors the cellulosome complex to cell surface proteins by interacting with their type-II cohesin 

domains. As these surface proteins can contain multiple cohesin domains (1, 2, or 7 domains), 

large polycellulosomal structures can be displayed. Even more complex polycellulosomal 

structures exist in other species of bacteria, and can contain over 100 enzymes [28]. 

Microbes displaying cellulosomes are believed to degrade lignocellulose much more 

efficiently than microbes that degrade biomass by secreting cellulases [30]. There are three main 

reasons why increased efficiencies may be obtained. First, secreting enzymes presumably imposes 

a higher metabolic burden upon the microorganism as compared to displaying the enzymes on the 

cell surface. This is because the secreted enzymes can be lost to the environment with no guarantee 

that the sugars that they will produce will ultimately be accessible to the microbe for use as 

nutrients. As a result, larger quantities of the enzymes must be produced if they are to be secreted. 
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For example, aerobic fungi (such as Trichoderma reesei, from which many purified industrial 

enzyme cocktails are derived) secrete 1-10 grams of enzymes per liter of culture to degrade 

biomass, while cellulolytic anaerobic bacteria (such as C. thermocellum) need to produce only 

~0.1 gram of enzymes per liter of culture [31]. Second, co-localization of enzymes with different 

substrate preferences within a cellulosome promotes synergistic enzyme-enzyme and enzyme-

proximity interactions; where the cellulolytic activity of the complexed enzymes is greater than 

that of individual enzymes due to their complementary activities and optimal enzyme spacing [32]. 

The presence of both hemicellulases and cellulases in a cellulosome complex also enables 

hemicellulose and cellulose fibers to be removed simultaneously, thereby overcoming potential 

physical hindrances. The benefits of the C. thermocellum cellulosomal system have been 

quantified: its specific activity against crystalline cellulose is 15-fold higher than the secreted 

enzyme system from T. reesei [33]. Finally, the placement of the cellulosome on the microbial 

surface increases the rate of hydrolysis by promoting cellulose-enzyme-microbe (CEM) synergy 

[34]. In this process, sugar uptake by the microbe presumably becomes more efficient by 

promoting import of the products into cells and removing potential enzyme inhibitors such as 

glucose and cellobiose from the environment [35].  

 Microbe-based CBP technologies are not currently used industrially to produce 

biocommodities from lignocellulosic biomass.  However, a major step towards CBP of starch into 

ethanol has recently been demonstrated by Lallemand and Mascoma Corporporation. These 

companies created TransFerm®, a genetically modified yeast strain that secretes a glucoamylase 

and is optimized to produce higher yields of ethanol. Although the cells do not fully degrade starch 

on their own, they reduce by 20-45% the amount of exogeneous enzymes that need to be added to 

process starch. At present, microbe-based CBP of lignocellulose is not being performed 
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industrially, and ongoing research is primarily focused on constructing and identifying 

microorganisms with optimal cellulolytic and biocommodity production capabilities. Furthermore, 

detailed cost analyses of CBP versus conventional pretreatment and saccharification approaches 

have not been reported [36]. This is because the specific costs associated with CBP will vary based 

on the biocommodity produced, and the microbe and biomass source that is employed. However, 

the greatest cost savings associated with CBP will likely be obtained by reducing the costs of 

saccharification. A detailed cost analysis has been performed on cellulosic ethanol production from 

corn stover using dilute acid pretreatment, enzymatic saccharification, and co-fermentation [37]. 

In this analysis, onsite production of fungal enzymes was estimated to contribute $0.34 per gallon 

of ethanol (assuming enzyme loadings of 20 mg enzyme per gram of biomass), which could in 

principle be eliminated using a CBP microbe. Another analysis by Johnson explored the possible 

cost savings associated with altering the source of enzyme from off-site to on-site cultivation, 

specifically on biomass as a primary substrate [38]. The estimated full cost of producing cellulosic 

ethanol was reduced by 19% because costs associated with enzyme purification, formulation of 

the enzyme mixture to preserve stability, and transport, among others, were eliminated. Since this 

analysis focused on cost reduction by only varying the cellulase production approach, it is possible 

that an efficient CBP microbe could reduce costs even further by both producing cellulase and 

converting released sugars into a final product. 

In this chapter, we review progress towards engineering microbes to display 

“minicellulosomes,” smaller cellulosome-like complexes that can degrade biomass (Figure 2B). 

A list of the microorganisms engineered to display minicellulosomes discussed in this chapter is 

presented in Table 1. We discuss recent developments in displaying these structures on industrially 

useful microorganisms, including Saccharomyces cerevisiae, Escherichia coli, Bacillus subtilis, 
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C. glutamicum, and lactic acid bacteria. The mechanisms used to display enzymes, their 

cellulolytic activities, and current obstacles that limit their utility are discussed. 

 

2.3  Displaying Enzymes on Saccharomyces cerevisiae 

Significant effort has been put forth to display cellulolytic enzymes on the surface of S. 

cerevisiae because of its established role in producing bioethanol [39]. The yeast cell surface is 

comprised of β-glucans, mannoproteins, and small amounts of chitin [40]. As β-glucan is the major 

constituent, displayed proteins are typically anchored to this fibrous scaffold. The most widely 

used approach to display cellulases and minicellulosomes employs a glycosylphosphatidylinositol 

(GPI) anchoring system (Figure 3A). The protein of interest is expressed as a fusion with a 

polypeptide GPI attachment signal that is typically derived from the α-agglutinin protein or other 

cell wall proteins such as Sed1 and Cwp2 [41, 42]. After protein synthesis, GPI is added to the ω-

site amino acid in the anchor signal sequence by the GPI transamidase complex in the endoplasmic 

reticulum [43, 44]. The GPI linked protein is then directed towards the lipid bilayer, and 

subsequently covalently linked to the cell wall β-1,6-glucan by the putative Dfg5 and Dcw1 

crosslinkers [45-48]. Cellulase can also be displayed indirectly. In this approach, the enzyme is 

expressed as a fusion protein with the a-agglutinin Aga2 subunit, which in turn, forms disulfide 

bonds to the Aga1 subunit that is covalently linked to the cell wall via a GPI anchor. An estimated 

1 x 104 – 1 x 105 proteins per cell are displayed using the Aga2 subunit [49]. The number of proteins 

displayed on the surface can be increased by genetically modifying the yeast strain. For example, 

deletion of a major endogenous GPI anchored cell wall protein, SED1, can greatly improve 

heterologous protein display by reducing competition for cell wall anchoring sites [50]. Display 
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levels can also be improved by lowering the mannan content of the cell surface [51], and by 

employing the SED1 signal peptide, promoter, and anchor [52, 53]. Reducing protein 

glycosylation also improves minicellulosome display [54]. The general strategies used to enhance 

enzyme display in yeast may also be useful in optimizing the other recombinant microbes that are 

discussed below. 

 

2.3.1 Individual Cellulases 

Individual cellulases were originally displayed on the cell surface by the Tanaka group 

[55]. They engineered cells to co-display individual carboxymethylcellulase (CMCase) and β-

glucosidase (BGL1) enzymes derived from Aspergillus aculeatus by fusing them to a C-terminal 

GPI anchor sequence from α-agglutinin. The cells could degrade cellodextrins, soluble glucose 

polymers that contain up to six glucose residues. Subsequently, the Kondo lab significantly 

advanced this technology by developing S. cerevisiae strains that display additional enzymatic 

activities. Initially, they constructed strains that co-displayed the A. aculeatus BGL1 and T. reesei 

endoglucanase II (EGII) enzymes, which when cultured in nutrient-rich media fermented β-glucan 

into ethanol [56]. Later, the inclusion of the T. reesei cellobiohydrolase II (CBHII) enzyme allowed 

the strains to ferment more complex amorphous phosphoric acid swollen cellulose (PASC) into 

ethanol [57]. Separately, the Kondo group also demonstrated that cellulose degradation can be 

further improved using a variety of approaches, including engineering a displayed cellulase to 

contain multiple cellulose binding domains, integrating multiple copies of the cellulases genes into 

the yeast chromosome, and by strain diploidization [58-60]. Increasing the number and density of 

the displayed cellulases significantly improves the ability of S. cerevisiae to degrade cellulose. For 
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example, a strain displaying the BGL1, EGII, and CBHII enzymes produces more ethanol from 

PASC than a strain that displays only BGL1 and secretes EGII and CBHII [61, 62]. Enzyme 

proximity on the cell surface also appears to have a major effect on activity, as the cellulolytic 

properties of cells displaying one or more cellulases improved as the enzyme density increased 

[63]. Interestingly, in these studies, good activity was observed when the enzymes were estimated 

to be separated on the cell surface by 10 to 100 nm, an enzyme spacing that is presumably similar 

to the spacing found in certain types of bacterial cellulosomes [64].  

Yeast displaying cellulases may be industrially useful. For example, strains displaying the 

BGL1, CBHII, and EGII enzymes produced 43.1 g/L ethanol from 200 g/L liquid hot water 

pretreated rice straw in 72 hours [65]. While supplementation with a purified cellulase cocktail at 

10 filter paper units (FPU)/g-biomass was necessary to achieve this high ethanol yield, a control 

strain that did not display the enzymes required 10-fold more added cellulase to produce similar 

quantities of ethanol. Attractively, the cells displaying the enzymes could be reused in five 

fermentation cycles without significantly losing their activity [66]. Displaying enzymes also 

reduces the amount of purified cellulase lost through irreversible adsorption onto crystalline 

cellulose, facilitating more efficient cellulose degradation and higher ethanol yields [67]. Recently, 

studies using cellulase displaying cells have further reduced the amount of purified cellulase 

cocktail that needs to be added to convert biomass into ethanol [68]. These newer generation cells 

require 44% less commercial enzyme supplementation to degrade pre-treated biomass by 

displaying four enzymes using the Sed1 anchor: A. aculeatus BGL1, T. reesei EGII, Talaromyces 

emersonii cellobiohydrolase I (CBHI), and Chrysosporium lucknowense cellobiohydrolase II 

(CBH2). When supplemented with 1 FPU of commercial enzyme cocktails, the cells yielded 18 

g/L ethanol from 100 g/L of pretreated and milled rice straw in 96 hours, obtaining 80% of the 
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theoretical yield. In contrast, without enzymatic supplementation, only 7% of the theoretical yield 

was obtained using the same cells. Therefore, while the use of cellulase displaying yeast cells can 

significantly reduce the amount of commercial enzyme that needs to be added to degrade pretreated 

biomass, current generation cells still require enzyme supplementation. 

Towards the goal of improving their cellulolytic activity, several studies have engineered 

cellulase displaying yeast cells to also produce complementary enzymes and transporters that 

improve cellulose solubilization and utilization. The Kondo group constructed cells that co-

expressed three displayed cellulases, as well as the Neurospora crassa cellodextrin transporter 

(CTDI) and intracellular BGL1 enzyme [69]. This strain produces 1.7-fold more ethanol from 

PASC than a strain that only displays the cellulases, presumably by reducing the build-up of 

enzyme inhibitory products on the cell surface. Additionally, strains displaying cellulases as well 

as proteins that disrupt the structure of cellulose show improvements in ethanol production; cells 

co-displaying three cellulases and an Aspergillus oryzae expansin-like protein (AoelpI) produce 

1.4-fold more ethanol from PASC than a control strain that only displayed the cellulases [70]. 

Finally, the Ueda group demonstrated that sequential exposure of biomass to engineered yeast cells 

could be beneficial. In this work, pretreatment of hydrothermally processed rice straw with yeast 

displaying the Trametes sp. Ha1. laccase I enzyme enabled 1.21-fold more ethanol to be produced 

from the biomass after it was subsequently exposed to yeast displaying three cellulases [71]. These 

studies highlight interesting enzyme functionalities that should be considered for inclusion in other 

recombinant microorganisms. 
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2.3.2 Ex vivo Assembled Minicellulosomes 

Several research groups engineered S. cerevisiae to display minicellulosomes that are 

smaller than natural cellulosomes (Figure 2B). In the minicellulosome, a cell-surface displayed 

“miniscaffoldin” protein that contains cohesin domains non-covalently binds cellulases via their 

dockerin modules. These recombinant miniscaffoldins are either attached directly to the cell wall 

by fusing them to a GPI anchor sequence (from α-agglutinin or Cwp2) or indirectly by fusing them 

to the a-agglutinin Aga2 subunit. Two general methods are used to display minicellulosomes, an 

ex vivo approach in which cellulases need to be added to cells that display a miniscaffoldin (Figure 

4A and 4B), or an in vivo approach in which the microbe produces all of the protein components 

that are necessary to assemble and display the minicellulosome (Figure 4C). 

In 2009, two groups demonstrated ex vivo minicellulosome assembly by creating cells that 

display a miniscaffoldin and then adding to the cells cellulases that contained a dockerin domain. 

The Volschenk group displayed a miniscaffoldin by fusing two cohesin modules and a CBM to 

the Cwp2 GPI anchor. They visually demonstrated binding of this yeast strain to filter paper via 

the CBM, and constructed a minicellulosome by adding a purified endoglucanase-dockerin 

enzyme to the cells [72]. Concurrently, the Chen lab constructed an Aga2 fused recombinant 

minicellulosome that contained three cohesin modules derived from three different bacterial 

species [73]. This more elaborate minicellulosome used species-specific cohesin-dockerin 

interactions to target β-glucosidase, exoglucanase, and endoglucanase enzymes to specific sites 

within the complex. Quantitatively, the researchers demonstrated that incorporation into the 

minicellulosome enabled the enzymes to function synergistically to produce ethanol from PASC. 

Later, the Chen lab bypassed the need to add purified enzymes or cell lysates to cells to produce 

the minicellulosome by using a consortium of yeast strains to produce the cellulases [74]. This was 
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accomplished using four strains: one that displayed the miniscaffoldin, and three strains that 

secreted each of the enzymes needed to form the complex. After determining the optimal ratio of 

strains, they demonstrated that ~1.9 g/L of ethanol could be produced from 10 g/L of PASC in 48 

hours. Additionally, they demonstrated that fusing the miniscaffoldin directly to the cell wall via 

an attached α-agglutinin GPI anchor instead of indirectly through the Aga2 subunit improved 

minicellulosome display [75]. Similarly, the Hahn lab utilized a consortium approach to build an 

ex vivo assembled minicellulosome that contained three identical cohesin-dockerin pairs and 

randomly incorporated enzymes [76]. Cells displaying this structure also obtained similar ethanol 

yields, 1.8 g/L of ethanol from 10 g/L of PASC in 94 hours.  

In order to build larger surface structures with higher enzyme densities, the Chen lab used 

an adaptive assembly approach [77]. In this procedure, the minicellulosome is built using two 

separate scaffoldin pieces: a primary scaffoldin that binds to the catalytic components, and an 

anchoring scaffoldin that is attached to the cell surface and only binds to the primary scaffoldin 

(Figure 4D). They produced a yeast strain that displayed an Aga2 fused anchoring scaffoldin that 

contained two cohesin domains from Acetovibrio cellulolyticus and Bacteroides cellulosolvens. 

Two E. coli strains were then used to produce two primary scaffoldins that each contained the C. 

thermocellum and R. flavefaciens cohesins, and either the dockerin module from A. cellulolyticus 

or B. cellulosolvens. Thus, the final complex contained a total of 4 enzymes, with two copies each 

of the C. cellulolyticum endoglucanase (CelG) and C. thermocellum β-glucosidase (BglA) 

enzymes. This strain produced only 1.9 g/L of ethanol from 10 g/L of PASC in 72 hours, 

presumably because it lacked exoglucanase activity. 
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2.3.3 In vivo Assembled Minicellulosome 

The need to add enzymes to cells displaying a miniscaffoldin may make the use of ex vivo 

assembled minicellulosomes industrially impractical. To overcome this problem, two research 

groups engineered S. cerevisiae to express all of the components of the minicellulosome, such that 

it could form spontaneously (in vivo assembly). The Zhao laboratory constructed a yeast strain that 

produced an Aga2 fused miniscaffoldin, T. reesei EGII and CBHII, and A. aculeatus BGL1 

enzymes [32]. By comparing the display of a single enzyme to the simultaneous display of two or 

three noncomplexed enzymes, they demonstrated enzyme-enzyme synergy, which improved 

activity by 5.5-fold. They also demonstrated enzyme-proximity synergy, as the tri-functional 

minicellulosome degraded biomass better than cells containing three independently displayed 

enzymes (1.6-fold improvement). Quantitative measurements indicated that each cell displays 3 x 

104 uni-functional miniscaffoldins, whereas 1.8 x 104 tri-functional minicellulosomes are 

displayed per cell. In vivo construction of increasingly more elaborate minicellulosomes decreased 

protein expression, likely due to metabolic burden. Compared to uni-functional minicellulosomes, 

the production of the miniscaffoldin and two enzymes caused the expression of all components to 

decrease slightly, and overexpression of an additional third enzyme caused protein expression 

levels of CBHII to drop significantly. This suggests that it will be increasingly more challenging 

to display larger, more complex enzyme structures on the cell surface. This is unfortunate, because 

adding additional enzyme functionalities is advantageous to cellulose solubilization. Although 

difficult to achieve, for example, the tri-functional displayed minicellulosome constructed by the 

Zhao group produces 1.8 g/L of ethanol from 10 g/L of PASC in 70 hours. However, penta-

functional minicellulosomes are more effective, as they produce 2.7 g/L of ethanol from 10 g/L of 

PASC in 96 hours and 1.8 g/L of ethanol from 10 g/L of Avicel in 96 hours [78]. This larger penta-
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functional complex contains two additional enzymes with new functionalities, the Thermoascus 

aurantiacus GH61a lytic polysaccharide monooxygenase (LPMO) and Humicola insolens 

cellobiose dehydrogenase (CDH) (Figure 3B). Even though fermentative growth was reduced 

because of the presence of oxygen needed for monooxygenase function, greater ethanol yields 

were still obtained. 

The largest in vivo assembled minicellulosome reported thus far was constructed by the 

Tan group using an adaptive assembly approach [79]. This structure could display up to 12 

enzymes and was formed using a cell surface associated Aga2 fused anchoring scaffoldin that 

contained type-II cohesin domains that could bind four primary miniscaffoldins harboring type-II 

dockerin domains. Each primary scaffoldin also contained a CBM and three species-specific type-

I cohesin modules for controlled cellulase binding. Combined, this strain displays in a single 

complex four copies each of the C. cellulolyticum endoglucanase, cellobiohydrolase, and β-

glucosidase enzymes. However, the investigators found that as longer anchoring scaffoldins were 

used, a smaller percentage of cells displayed the scaffoldin. For this reason, they demonstrated the 

production of 1.4 g/L ethanol from 10 g/L Avicel in 96 hours from a smaller 6 enzyme displaying 

strain.  

 

2.3.4 Hemicellulases and Hemicellulosomes 

In order to develop xylose fermenting strains of yeast, similar strategies have been 

employed to display hemicellulases and hemicellulosomes on the cell surface. The Kondo lab 

displayed an individual T. reesei endoxylanase II (XYNII) enzyme using the α-agglutinin anchor 

and demonstrated that the cells degraded birchwood xylan into xylobiose, xylotriose, and 
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xylotetraose [80]. Subsequently, the cells were further engineered to produce ethanol from 

birchwood xylan by adding the A. oryzae β-xylosidase (XylA) to the cell surface, and by 

expressing intracellular xylose utilization proteins (the Pichia stipitis xylose reductase (XYL1) 

and xylitol dehydrogenase (XYL2), as well as the S. cerevisiae xylulokinase (XKS1)) [81]. In a 

separate set of studies, the investigators later demonstrated cellodextrin degradation and xylose 

assimilation by yeast displaying A. aculeatus BGL1 enzyme, which enabled the microbe to 

produce ethanol from the sulfuric acid hydrolysate of wood chips [82]. Interestingly, the ability of 

this strain to co-utilize cellobiose and xylose avoided carbon catabolite repression [83]. Additional 

engineering created cells that displayed the XylA, XYNII, and BGL1 enzymes, enabling the xylose 

utilizing strain to produce 8.2 g/L of ethanol from 80% (v/v) rice straw hydrolysate [84]. When P. 

stipitis xylose reductase (XR) was produced intracellularly in place of the three aforementioned 

xylose utilization proteins, xylitol accumulated, which is a starting material for chemical 

production of some pharmaceuticals [85]. Using an alternative pathway to utilize xylose, the Ueda 

group produced α-agglutinin anchored Clostridium cellulovorans xylose isomerase (XI) which 

converted xylose to xylulose extracellularly before fermenting it to ethanol [86].  

Clustering hemicellulases within surface displayed complexes leads to improved 

enzymatic activity. The Silva group developed an ex vivo assembled xylanosome using the α-

agglutinin anchor [87]. The xylanosome contained the Thermomyces lanuginosus endoxylanase 

(XynAC), Aspergillus niger β-xylosidase (XlnDt), Aspergillus awamori acetylxylan esterase 

(AwAXEf) enzymes, as well as the xylose binding domain (XBD) from Thermotoga maritima. 

The xylanases in the complex functioned synergistically, with enzyme-enzyme synergy improving 

xylan hydrolysis by 1.6-fold, and enzyme-substrate synergy improving hydrolysis by 3.3-fold as 

compared to the free enzymes. Proximity of the endoxylanase to the XBD improved xylan 
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hydrolysis by 2.5-fold, suggesting that placement of substrate binding domains can contribute 

significantly to hydrolysis. The Zhao laboratory created an in vivo assembled 

minihemicellulosome, that is structurally related to their minicellulosome complex described 

above [88]. The minihemicellulosome contained the A. niger arabinofuranosidase (AbfB), β-

xylosidase (XlnD), and T. reesei endoxylanase (XynII) enzymes. The yeast strain also possessed 

P. stipitis xylose utilization enzymes and could hydrolyze arabinoxylan better than the uni- and bi- 

functional yeast strains. Surprisingly, against birchwood xylan, a bi-functional 

minihemicellulosome containing XynII and XlnD exhibited a higher hydrolysis rate than the tri-

functional complex, producing 0.95 g/L of ethanol from 10 g/L of birchwood xylan in 80 hours.  

 

2.3.5 Artificial Cellulosome Structures 

In order to better control enzyme placement and increase the number of displayed enzymes 

on the cell surface, several groups have created artificial cellulosomes that are structurally distinct 

from naturally occurring cellulosomes. These structures use unique protein-protein interaction 

domains to tether the enzymes to the scaffoldin instead of naturally occurring cohesin-dockerin 

interactions. The Kondo lab created an in vivo assembled minicellulosome using a miniscaffoldin 

that contained two cohesin domains and two Z domains derived from Staphylococcus aureus 

protein A [89]. This enabled co-display of the A. aculeatus BGL1 – dockerin fusion protein and 

the T. reesei EGII protein fused to the Fc domain of human IgG. The group suggested that this 

artificial construct enables tighter regulation of the display ratio of the enzymes. Similarly, the use 

of type I and type II cohesin-dockerin pairs, or cohesin-dockerin pairs from different species, 

allows control over enzyme incorporation. The advantages of this non-cellulosome like structure 
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were not extensively investigated, but activity against β-glucan was demonstrated. The Su group 

has displayed enzymes using a novel ex vivo assembled complex that contains an amyloid-like 

scaffoldin [90]. A multi-step process was required to assemble the complex. Initially, yeast 

expressed an Aga2 anchored GFP specific antibody fragment. Then, cells were incubated with a 

GFP-dockerin fusion protein to prime the cells to bind the protein scaffold. The protein scaffold 

itself was then created through the fibrillation of a recombinant purified protein that contained a 

cohesin and a hydrophilic linker region that was fused to the N-terminus of Ure2, an amyloid-like 

yeast protein. In this way, multiple cohesin domains were incorporated into a large protein 

scaffold. As compared to cells displaying a single cohesin-dockerin pair harboring the C. 

cellulolyticum endoglucanase (CelA), cells displaying the amyloid-like scaffoldin had 8.5-fold 

greater activity against CMC. However, the process of assembly is complex, and certain cohesin 

domains may be rendered non-functional during fibrillation. The use of extremely large 

supramolecular scaffoldins to coordinate enzyme binding may also reduce the potential benefits 

of CEM synergy. Whether the enzymatic activities of these artificial cellulosomes are superior to 

complexes that more closely resemble natural cellulosomes remains to be determined, as their 

ability to degrade complex cellulose substrates to produce ethanol was not reported. 

 

2.4 Escherichia coli Surface Display of Individual Cellulases 

The model Gram-negative bacterium E. coli has several features that are attractive for CBP, 

including a robust genetic system that enables surface and metabolic engineering, as well as the 

microbe’s innate ability to utilize the main components of lignocellulose, glucose, arabinose, and 

xylose [91, 92]. Its cell envelope is comprised of an inner membrane, a peptidoglycan layer, and 



39 

 

an outer membrane. Only individual, non-complexed cellulases and xylanases have been displayed 

on the surface of E. coli by fusing them to lipoproteins or integral membrane proteins (Figure 5). 

Lipoprotein anchors that have been used to display cellulases include the E. coli derived Lpp-

OmpA fusion protein [93, 94], the P. syringae ice nucleation protein (INP) [95-97], and the E. coli 

bacterial lipocalin (Blc) protein [98-100]. Cellulases have also been displayed by fusing them to 

outer membrane proteins such as the: B. subtilis poly-ɣ-glutamate synthase A (PgsA) [101, 102], 

E. coli outer membrane protein C (OmpC) [103], and the E. coli outer membrane protein X 

(OmpX) [104]. Cellulases can also be displayed through a unique mechanism in which they are 

fused to the E. coli autotransporter protein (AIDA-I) [105]. Other less commonly used approaches 

to display cellulases include fusing them to the E. coli inner membrane protein HdeD [100], or to 

the B. anthracis BclA exosporal protein whose mechanism of display in E. coli is not well 

understood [106]. In most cases, except for the work reported by the Kondo and the Karim groups, 

only single enzymes have been displayed on the surface, leading to cells that have limited 

cellulolytic activity [100, 101].  

Pilot studies have shown that E. coli displaying cellulases can be used to produce ethanol 

or isopropanol from cellulosic substrates. Using the E. coli AIDA-I anchor, the display of the T. 

fusca β-glucosidase enzyme yielded cells that produced approximately 17-17.9 g/L of ethanol from 

40 g/L of cellobiose in 72 hours [105]. By utilizing the E. coli Blc anchor to display the T. fusca 

β-glucosidase, cells could produce 69.0 +/- 11.6 mM of isopropanol in a 21 hour fermentation 

containing 50 g/L of cellobiose [99]. The low yield of isopropanol, as compared to when glucose 

was supplied, suggested that the β-glucosidase activity was too low to efficiently produce glucose 

from cellobiose. The most complex E. coli display system thus far achieved displayed three 

enzymes using the B. subtilis PgsA anchor [101]. This strain displayed endocellulase, exocellulase, 
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and β-glucosidase enzymes derived from C. cellulolyticum. From 10 g/L of PASC, it produced 

3.59 +/- 0.15 g/L of ethanol in 60 hours. It could also make ethanol from dilute sulfuric acid 

pretreated corn stover hydrolysate (2 g/L), producing 0.71 +/- 0.12 g/L of ethanol in 48 hours. One 

notable study performed by Bokinsky et al. demonstrated that E. coli strains that secreted 

cellulases could produce advanced biofuels from ionic liquid pretreated biomass [107]. A 

consortium of two E. coli strains were used to produce either the Bacillus sp. D04 endocellulase 

and the Cellvibrio japonicus β-glucosidase, or the Clostridium stercorarium endoxylanase and the 

C. japonicus xylobiosidase. The consortia could grow on ionic liquid (IL) treated biomass, albeit 

to half the cell density of strains grown on glucose. Additional engineering enabled cells to produce 

fatty-acid ethyl esters, butanol, and pinene from IL pretreated switchgrass. However, only 5% and 

6% of the available cellulose and hemicellulose was digested, respectively. Improved cellulolytic 

activity could be achieved by displaying cellulase containing complexes, but E. coli cells that 

display minicellulosomes have yet to be constructed.  

 

2.5 Displaying Cellulases and Minicellulosomes in Gram-positive 

Bacteria 

Many species of Gram-positive bacteria are used industrially to produce biocommodities and have 

great promise as agents to produce second-generation biofuels. However, they are not naturally 

cellulolytic, prompting efforts designed to decorate their surfaces with cellulases. Below, we 

discuss progress towards creating cellulolytic strains of B. subtilis, C. glutamicum, and several 

industrially useful species of lactic acid bacteria. A common feature of these microbes is the 

absence of an extensive outer membrane, as they are surrounded by a thick peptidoglycan layer 
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that in some instances is further surrounded by additional protective layers. Thus, the mechanisms 

used to display proteins on their surfaces are distinct from those employed to decorate Gram-

negative bacteria.  

 

2.5.1 Bacillus subtilis 

B. subtilis is a model Gram-positive bacterium that is used industrially to produce 

commercial enzymes. It has several desirable traits that could enable its use in consolidated 

bioprocessing, including established genetic tools to manipulate its genome as well as its generally 

recognized as safe status (GRAS) [108, 109]. It is also tolerant to high concentrations of salts and 

solvents, and has the ability to utilize both pentose and hexose sugars produced from lignocellulose 

[110]. Finally, B. subtilis naturally secretes large quantities of extracellular enzymes (20-25 grams 

of protein per liter of growth culture), suggesting that it should be capable of robustly exporting 

the enzymes needed to build cellulase containing complexes [111, 112]. The Gram-positive cell 

wall offers many sites for both covalent and non-covalent protein anchoring. Three mechanisms 

have been used to display cellulase on vegetative B. subtilis cells: membrane association via a 

lipoprotein anchor, non-covalent cell wall interactions using the LysM domain, and covalent 

attachment to the cell wall using sortase enzymes (Figure 6A). Covalent attachment occurs 

through sortase enzyme processing of a C-terminal cell wall sorting signal (CWSS) that contains 

a LPXTG motif, and has been estimated to display ~2.4 x 105 proteins per cell [113, 114]. 

Noncovalent methods enable ~1.2 x 107 proteins to be displayed per cell when the protein of 

interest is fused to the LysM domain, a binding module that interacts with the N-acetylmuramic 

acid and N-acetyl-D-glucosamine components of the peptidoglycan [115, 116]. Cellulases have 
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also been displayed by expressing them as a fusion protein with the membrane-associated 

lipoprotein, PrsA [117]. However, this display mechanism requires lysozyme treatment of the cell 

to remove the peptidoglycan. 

Two groups have displayed ex vivo assembled minicellulosomes on the surface of B. 

subtilis. The Zhang laboratory displayed a minicellulosome with a miniscaffoldin that contained 

three cohesin domains, a CMB, and three LysM domains [31]. An estimated 2 x 104 

miniscaffoldins bound to the surface of each cell. Minicellulosomes were assembled by incubating 

the cells with purified B. subtilis endoglucanase, C. thermocellum endoglucanase, and Clostridium 

phytofermentans cellobiohydrolase enzymes. Against regenerated amorphous cellulose (RAC) and 

crystalline cellulose, respectively, cell-tethered minicellulosomes degraded substrate 2.3 and 4.5-

fold better than free minicellulosomes. As compared to commercial fungal enzymes dosed at the 

same protein concentrations, minicellulosome-displaying cells degraded RAC to a similar extent 

after 72 hours, but exhibited 30% greater hydrolytic activity on Avicel. The Clubb group also 

demonstrated ex vivo assembly of a minicellulosome complex using a LPXTG anchor that can be 

processed by a sortase enzyme [118]. Purified C. cellulolyticum endoglucanase and exoglucanase, 

and C. thermocellum endoglucanase enzymes associated with a covalently cell wall attached 

miniscaffoldin. A major challenge specific to B. subtilis is the large amount of proteases that this 

microbe produces that can degrade heterologous surface exposed proteins [119]. The Zhang group 

addressed this problem by displaying the cellulosome in a B. subtilis strain in which six 

extracellular proteases had been deleted, while the Clubb group improved protein display by 

deleting WprA, a cell wall associated protease. Display of an in vivo assembled minicellulosome 

has yet to be achieved. Notably, an in vivo assembled minicellulosome was reported that could 

degrade untreated biomass, but this work was later retracted.  
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B. subtilis sporulates to produce a highly stress-resistant, dormant spore cell that can be 

decorated with cellulases. During the process of spore formation within the mother cell, genomic 

DNA is encapsulated within multiple protective layers including a cortex, coat, and crust [120]. 

Attractively, proteins do not need to be translocated across the cytoplasmic membrane in order to 

be displayed on the spore. There has been a significant amount of research performed to optimize 

protein display on B. subtilis spores [121]. While spore coat proteins are typically used as carriers 

to display proteins, a recent study found that native, unmodified proteins could be overexpressed 

in the mother cell and absorbed to the spore surface for display (Figure 6B) [122]. Using this 

approach, monomeric B. subtilis carboxymethylcellulase (CelB) and multimeric E. coli β-

galactosidase (LacZ) were successfully displayed on the spore surface, and vigorous 

physiochemical treatment was shown to be needed to remove the enzymes. Interestingly, proteins 

can also be directly adsorbed on the spore surface by incubating them with spores, resulting in 

7.75 x 103 – 1.55 x 104 individual proteins being displayed per particle [123]. Thus, cellulases that 

cannot be secreted or expressed as fusion proteins can be readily displayed on spores using this 

method 

 

2.5.2 Lactic Acid Bacteria (LAB) 

Gram-positive lactic acid bacteria (LAB) are widely used in the food industry to ferment 

sugars into lactic acid [124]. They have potential in biomass processing, as they can utilize pentose 

and hexose sugars, and some members of this group, namely Lactobacillus plantarum, are tolerant 

to low pH and ethanol concentrations up to 13% [26, 125]. Similar methods are used to display 

proteins in LAB and B. subtilis, as their cell wall envelopes are structurally related (Figure 6A). 
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In particular, proteins can be displayed non-covalently using LysM binding modules, or covalently 

using LPXTG anchors that are processed by sortase enzymes. Comparison studies using 

Lactococcus lactis have shown that covalent attachment using sortase enzymes leads to the largest 

number of functionally displayed proteins on this microbe’s surface, but the relative efficiencies 

of the sortase and LysM display systems in other species of LAB have not been determined [126].  

Two groups have used sortases to assemble minicellulosomes ex vivo in LAB. The Martin 

group anchored a variety of nuclease A-fused miniscaffoldin constructs onto the surface of a single 

protease-deficient strain of L. lactis [127]. These constructs either contained one cohesin, two 

cohesins, a cohesin and a CBM, or only a CBM. Using a purified E. coli β-glucuronidase (UidA) 

– dockerin fusion protein, they estimated that ~104 complexes are displayed per cell. Interestingly, 

unlike work in yeast, scaffoldin size was not a limiting factor for display. Instead, it was suggested 

that protein secretion might be limiting, as scaffoldins containing a CBM showed improved 

secretion, presumably due to more rapid folding facilitated by the CBM. Using similar approaches, 

this group later produced a bi-functional minicellulosome using specifically associating type-I and 

type-II cohesin-dockerin pairs [128]. They demonstrated that the order of enzyme docking affected 

the activities of the E. coli UidA and LacZ enzymes, due to steric factors that influenced enzyme 

binding.  

In separate studies, the Mizrahi group engineered L. plantarum to display a sortase attached 

miniscaffoldin and then used a consortium of cellulase secreting strains to assemble the 

minicellulosome ex vivo [129]. In these studies, recombinant T. fusca endoglucanase (Cel6A) and 

xylanase (Xyn11A) activities were studied in their free form, individually bound to cells, or bound 

to surface displayed minicellulosomes. Against hypochlorite pretreated wheat straw, secreted 

enzymes had the best initial activity, followed by the minicellulosome. However, the sugar 
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production rate of the surface displayed minicellulosome slowly increased over time, while the 

rate for the secreted enzymes decreased. Eventually, cellulosomal activity overtook that of the 

secreted enzymes, presumably because the cell associated enzymes are more stable. Interestingly, 

cells displaying individually anchored enzymes had minimal activity. This is consistent with 

results obtained in yeast that have shown that enzymes with different substrate specificities are 

most active against cellulose when they are densely clustered with one another on the cell surface 

to promote synergistic interactions [63]. 

 

2.5.3 Corynebacterium glutamicum 

C. glutamicum is an industrially important microbe that produces several tons of glutamate 

and lysine annually. Although it is a Gram-positive bacterium, its peptidoglycan layer is covered 

by an arabinogalactan layer, a mycolic acid bilayer, and an top layer composed of polysaccharides, 

glycolipids, and proteins [130]. The presence of the outer mycolic acid layer confers Gram-

negative characteristics to the bacterium, and along with the cytoplasmic membrane, is the primary 

point to which cellulases are attached (Figure 6C). The Kondo lab demonstrated the feasibility of 

displaying heterologous proteins by attaching them to the mycolic acid layer [131]. This was 

achieved by expressing the cellulase as a fusion protein in which it was joined to the PorC porin. 

C. glutamicum displaying a Saccharophagus degradans β-glucosidase – PorC fusion produced 

1.08 g/L of lysine from 20 g/L of cellobiose in 96 hours [132]. The Han group also displayed an 

in vivo assembled bi-functional minicellulosome that associated with the cytoplasmic membrane. 

This was accomplished by expressing the scaffoldin as a fusion protein with the mechanosensitive 

channel (MscCG) [133]. The complex contained the C. thermocellum endoglucanase E (CelE) and 
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β-glucosidase A (BglA) enzymes, and could release sugars from pretreated rice straw, miscanthus, 

and rape stem. In the future, engineering these cells to more efficiently degrade complex 

lignocellulose may lead to more cost-effective ways to produce lysine and glutamate from 

inexpensive biomass. 

 

2.6 Conclusions 

Towards the goal of cost effectively converting biomass into useful biocommodities, 

several research groups have developed creative ways to display cellulases on microbes to endow 

them with cellulolytic activity. Comparing the biomass degradation efficiencies of different types 

of recombinant microorganisms is difficult. This is because investigators have measured their 

activities using a variety of cellulosic substrates that can vary dramatically in their resistance to 

enzymatic degradation as they differ in their solubility, enzyme accessibility, crystallinity, degree 

of polymerization, fraction of reducing ends, and the presence of hemicellulose and lignin [134]. 

Moreover, different methods are frequently used to pretreat biomass and to measure the extent of 

degradation, which can be reported as enzymatic activity, sugar released, biomass remaining, or 

product produced [17, 135, 136]. However, despite these qualifiers, the results of studies reported 

to date enable several major conclusions to be drawn. In particular, they provide convincing 

evidence that clustering enzymes on the surface within minicellulosomes leads to improved 

microbial cellulolytic activity by promoting synergistic interactions, and in some instances, by 

improving enzyme stability [32]. Interestingly, synergistic enzyme interactions can also be 

obtained by displaying different types of individual enzymes, as long as they are densely clustered 

and have complementary activities [63]. Because complexed enzyme systems require smaller 
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amounts of enzymes to be produced than secreted enzyme systems to achieve efficient degradation 

of lignocellulose, the cellulosomal system may be optimal for CBP microorganisms, since 

conserved energy may be directed towards product production. 

Displaying large, enzymatically diverse recombinant minicellulosomes remains a 

challenging problem, but progress has been made in S. cerevisiae, B. subtilis, C. glutamicum, and 

lactic acid bacteria (summarized in Table 1). Surface engineering in S. cerevisiae is the most 

advanced, with several groups developing strains that can assemble minicellulosomes in vivo, 

leading to significant improvements in biomass utilization [32, 78, 79, 89]. Complexes containing 

up to 12 enzymes have been displayed, but great challenges remain as expressing large structures 

with more enzymes reduces cellular display levels [79]. A variety of promising approaches may 

help to overcome this limitation, including adaptive assembly and host engineering methods. 

Furthermore, greater cellulolytic activity through the incorporation of new synergistic enzyme 

functionalities may offset the decreases associated with the production of larger proteins, as seen 

by the increased activity of a pentafunctional minicellulosome [78]. Approaches to display 

minicellulosome structures on eubacteria that have developed genetic systems are less advanced. 

Thus far, only ex vivo assembled complexes have been displayed in Gram-positive B. subtilis and 

LAB, and only individual enzymes have been displayed on the Gram-negative bacterium E. coli. 

The potential of displaying complexes on the cell surface of E. coli would seem to be bleak, as the 

presence of a second outer membrane in this microbe hampers protein secretion. However, studies 

of C. glutamicum are promising, as it is the only bacterium that has been engineered to display an 

in vivo assembled minicellulosome, although this complex contained only two enzymes. In B. 

subtilis, exogenous proteases appear to be a limiting factor, while in LAB protein expression levels 

are suboptimal [119, 137]. However, it would seem likely that these limitations can be overcome 
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by optimizing display using genetic engineering and directed evolution approaches, as well as the 

use of cell consortiums to construct complexes ex vivo.  

A great variety of surface engineering approaches have been developed to create ever more 

impressive recombinant cellulolytic organisms. However, it is clear that the lignocellulose 

hydrolysis rates of these recombinant microorganisms needs to be improved if they are to be used 

in CBP. Future studies may improve their cellulolytic activity by using directed evolution to 

enhance complex display and stability, by judiciously displaying cellulases that exhibit maximal 

enzyme synergy, and by devising new methods to stably attach proteins to the cell surface. Genetic 

engineering of the host will also be critical, enhancing expression, secretion, and display levels, 

and by eliminating proteins or factors affecting the stability and retention of anchored protein 

complexes over time. Displayed complexes will also have to be optimized to be maximally active 

against different types of biomass that have different sugar compositions and structures [138-140]. 

When these cells are further engineered to produce useful chemicals, their ability to cost-

effectively produce biocommodities from biomass will be an important step towards reducing the 

world’s dependency on oil [141-144]. 
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2.7 Figures 

 

Figure 2.1 Conventional and consolidated bioprocessing (CBP) methods to convert 

biomass into biocommodities.  

(A) Many conventional industrial methods first pretreat biomass using heat and chemicals to 

remove lignin, and to partially digest cellulose and hemicellulose. Complex enzyme mixtures are 

then added to the pretreated biomass to degrade its cellulose more fully. The resultant sugars are 

then fermented by a microorganism to generate the final product (currently only cellulosic 

ethanol). (B) A consolidated bioprocessing (CBP) microorganism could directly convert either 

pre-treated or untreated lignocellulose into a biocommodity. It would bypass multiple steps in the 

conventional process, including the use of purified enzymes to degrade the biomass. 
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Figure 2.2 Natural cellulosomes and recombinant minicellulosomes.  

(A) The prototypical cellulosome from C. thermocellum. It contains the CipA scaffoldin that is 

capable of coordinating the binding of 9 cellulases. CipA contains 9 type-I cohesin domains that 

bind to cellulases containing type-I dockerin domains. It also contains a carbohydrate binding 

module (CBM) that can bind to cellulose, holding the enzymes and the microorganism in close 

proximity to the substrate. CipA is anchored to the cell surface through its type-II dockerin domain 

that interacts with type-II cohesin modules present in the cell wall bound SdbA, Orf2, or OlpB 

proteins. (B) Basic structure of a minicellulosome that is displayed on a recombinant microbe. It 

is similar to the cellulosome, but contains fewer binding sites for enzymes. Color and symbol code: 

grey circles, cells; pink units, type-II cohesin-dockerin pairs; tan units, type-I cohesin-dockerin 

pairs; dark blue comb, CBM; and partial circular units: cellulases. 
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Figure 2.3 Cellulase and minicellulosome display in S. cerevisiae.  

(A) Methods used to display cellulases and their complexes on the cell surface. Proteins of interest 

(POI) are attached to the cell surface by a GPI anchor that is covalently linked to the β-glucan of 

the cell wall. The GPI anchor is attached to the displayed protein by expressing it as a fusion 

protein that contains the GPI attachment signal from either the α-agglutinin, SED1, or Cwp2 

proteins. Proteins can also be displayed indirectly by expressing them as a fusion with the Aga2 

protein that in turn interacts with the GPI anchored a-agglutinin Aga1 located on the cell surface. 

(B) One of the most active cellulolytic minicellulosomes that has been displayed on the surface of 

S. cerevisiae. It contains 5 enzyme functionalities, and is displayed through fusion of the 

miniscaffoldin to the Aga2 protein. Symbols have been described in Figure 2. Enzymes 1 to 5 

correspond to T. reesei endoglucanase (EGII), T. reesei cellobiohydrolase (CBHII), A. aculeatus 

β-glucosidase (BGL1), T. aurantiacus GH61a lytic polysaccharide monooxygenase (LPMO), and 

H. insolens cellobiose dehydrogenase (CDH), respectively. Abbreviations: POI, protein of interest; 

PM, plasma membrane; BG, β-glucan. 
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Figure 2.4 Summary of strategies used to assemble minicellulosomes on microbial 

surfaces.  

(A) Ex vivo assembly. Exogeneous cellulase-dockerin fusion proteins (either purified or derived 

from cell lysates) are added to cells engineered to display a miniscaffoldin that binds to the 

cellulases. (B) Ex vivo assembly using a microbial consortium. Similar to (A), but miniscaffoldin 

displaying cells are cultured with a consortium of microbes that have been engineered to secrete 

cellulase-dockerin fusion proteins. (C) In vivo assembly. A single microorganism is engineered to 

express all of the components of the minicellulosome, enabling its spontaneous assembly on the 
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cell surface. (D) Adaptive assembly method used to construct larger minicellulosomes. The 

miniscaffoldin contains two basic parts, a non-catalytic anchoring scaffoldin that attaches the 

structure to the cell wall and a primary scaffoldin that binds to the cellulase-dockerin fusion 

proteins. Color and symbol code as described in Figure 2.  
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Figure 2.5 Methods used to display cellulases in E. coli.  

Proteins of interest are displayed as a result of fusion to lipoproteins (E. coli Lpp-OmpA, P. 

syringae INP, E. coli Blc), fusion to outer membrane proteins (B. subtilis PgsA, E. coli OmpC, E. 

coli OmpX), or fusion to the E. coli autotransporter AIDA-I. Not all anchoring methods are 

depicted here. At present, only individual enzymes have been displayed on the cell surface. 

Abbreviations: POI, protein of interest; inner membrane (IM), peptidoglycan (PG); outer 

membrane (OM).  
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Figure 2.6 Cellulase and minicellulosome display in Gram-positive bacteria.  

(A) Methods used to display cellulases and their complexes. Proteins can be anchored to the plasma 

membrane through fusion to PrsA, but lysozyme treatment is necessary to expose this cellulase to 

the external environment. More conventionally, proteins are cell surface displayed either through 

noncovalent interactions with cell wall peptidoglycan by protein fusion to the LysM domain, or 

through covalent attachment to cell wall peptidoglycan by protein fusion to a cell wall sorting 

signal containing the LPXTG motif, which is processed by sortase transpeptidase. (B) Proteins can 

be displayed on the surface of B. subtilis spores. Native proteins, without fusion to anchor proteins, 
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can be absorbed by the spore surface during spore formation. (C) Methods used to display 

cellulases and their complexes on the cell surface of C. glutamicum. Proteins of interest are 

displayed through fusion to membrane protein MscCG or porin proteins PorB, PorC, and PorH. 

Abbreviations: POI, protein of interest; plasma membrane (PM); peptidoglycan (PG); 

arabinogalactan (AG); mycomembrane (MM); top layer (TL).  

 

 

 

 

 

 

 

 

 

 

 

 

 

 



57 

 

Table 2.1 Multi-Enzyme Display in Minicellulosomes 

Anchor Assembly 

(# enzymes 

/complex) 

Enzymes Displayed Reference 

 

S. cerevisiae 

Aga2 Ex vivo  

(3) 

C. cellulolyticum:  

C. thermocellum:  

           And  

C. cellulolyticum:  

           Or 

C. thermocellum:  

 

Exoglucanase (CelE) 

Endoglucanase (CelA) 

 

Endoglucanase (CelG) 

 

β-glucosidase (BglA) 

 

[73] 

Aga2 Ex vivo 

consortium 

(3) 

C. thermocellum:  

T. aurantiacus:  

           And 

C. cellulolyticum:  

           Or 

T. reesei:  

 

Endoglucanase (CelA) 

β-glucosidase (Bgl1) 

 

Exoglucanase (CelE) 

 

Cellobiohydrolase (CBHII) 

 

[74] 

α-agglutinin 

 

Ex vivo 

consortium 

(3) 

C. thermocellum:  

T. aurantiacus:  

T. reesei:  

 

Endoglucanase (CelA) 

β-glucosidase (Bgl1) 

Cellobiohydrolase (CBHII) 

 

[75] 

Aga2 Ex vivo 

consortium 

(2) 

 

C. thermocellum:  

T. reesei:  

 

Endoglucanase (CelA) 

Exoglucanase (CBHII) 

 

[76] 

Aga2 Ex vivo  

adaptive 

assembly 

(4) 

C. cellulolyticum:  

C. thermocellum:  

 

 

 

Endoglucanase (CelG) 

β-glucosidase (BglA) 

 

[77] 

Aga2 In vivo 

(3) 

A. aculeatus:  

T. reesei:  

                 

 

β-glucosidase 1 (BGL1) 

Cellobiohydrolase II (CBHII)  

Endoglucanase II (EGII) 

 

[32] 

Aga2 In vivo 

(5) 

A. aculeatus:  

T. reesei:  

                 

H. insolens:  

T. aurantiacus:  

 

β-glucosidase 1 (BGL1) 

Cellobiohydrolase II (CBHII)  

Endoglucanase II (EGII) 

Cellobiose dehydrogenase 

(CDH)   

Lytic polysaccharide 

monooxygenase (LPMO) 

 

[78] 
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Aga2 In vivo  

adaptive 

assembly 

(12 max) 

 

C. cellulolyticum:  

 

 

Endoglucanase (CelCCA) 

Cellobiohydrolase (CelCCE) 

β-glucosidase (Ccel_2454) 

 

[79] 

α-agglutinin 

 

Ex vivo  

(3) 

A. awamori:  

A. niger:  

T. lanuginosus:  

 

Acetylxylan esterase 

(AwAXEf)  

β-xylosidase (XlnDt) 

Endoxylanase (XynAc) 

 

[87] 

Aga2  

 

In vivo  

(3) 

A. niger:  

               

T. reesei:  

 

Arabinofuranosidase (AbfB) 

β-xylosidase (XlnD)  

Endoxylanase (XynII) 

 

[88] 

α-agglutinin In vivo 

(4) 

A. aculeatus:  

T. reesei:  

 

β-glucosidase 1 (BGL1) 

Endoglucanase II (EGII) 

 

[89] 

Aga2 Ex vivo 

(N/A) 

C. cellulolyticum:  

 

 

Endoglucanase (CelA) 

 

[90] 

 

  

 

B. subtilis 

LysM Ex vivo 

(3) 

B. subtilis:  

C. 

phytofermentans:  

C. thermocellum:  

 

Endoglucanase (Cel5) 

Cellobiohydrolase (Cel48) 

Endoglucanase (Cel9) 

 

[31] 

LPXTG 

from S. 

aureus  

 

Ex vivo  

(3) 

C. cellulolyticum:  

                             

C. thermocellum:  

 

Exoglucanase (Cel9E) 

Endoglucanase (Cel9G) 

Endoglucanase (Cel8A) 

 

[118] 

     

 

Lactic acid bacteria 

LPXTG 

from S. 

pyogenes  

 

Ex vivo 

(1-2) 

E. coli:  

 

 

β-glucuronidase (UidA) 

 

[127] 

LPXTG 

from S. 

pyogenes 

 

Ex vivo 

(2) 

E. coli:  β-glucuronidase (UidA) 

β-galactosidase (LacZ) 

 

[128] 

LPXTG 

from L. 

plantarum  

Ex vivo 

consortium 

(2) 

T. fusca:  

 

 

Endoglucanase (Cel6A) 

Xylanase (Xyn11A) 

 

[129] 
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C. glutamicum 

MscCG In vivo 

(2) 

C. thermocellum: Endoglucanase (CelE) 

β-glucosidase (BglA) 

[133] 
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3.1 Overview 

Renewable lignocellulosic plant biomass is a promising feedstock from which to produce 

biofuels, chemicals, and materials. One approach to cost-effectively exploit this resource is to use 

consolidating bioprocessing (CBP) microbes that directly convert lignocellulose into valuable end-

products. Because many promising CBP-enabling microbes are non-cellulolytic, recent work has 

sought to engineer them to display multi-cellulase containing minicellulosomes that hydrolyze 

biomass more efficiently than isolated enzymes. In this review, we discuss progress in engineering 

the surfaces of the model microorganisms: Bacillus subtilis, Escherichia coli, and Saccharomyces 

cerevisiae. We compare the distinct approaches used to display cellulases and minicellulosomes, 

as well as their surface enzyme densities and cellulolytic activities. Thus far, minicellulosomes 

have only been grafted onto the surfaces of B. subtilis and S. cerevisiae, suggesting that the absence 

of an outer membrane in fungi and Gram-positive bacteria may make their surfaces better suited 

for displaying the elaborate multi-enzyme complexes needed to efficiently degrade lignocellulose.  
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3.2 Introduction 

Dwindling supplies of petroleum and the need to reduce net carbon emissions have driven 

the search for innovative and cost-effective methods to produce biofuels, chemicals, and materials 

from lignocellulosic biomass [1]. In the United States alone, it is estimated that over 1 billion tons 

of non-food lignocellulosic biomass can be produced annually on a sustainable basis at costs of 

only $40 - 50 per ton [2, 3]. However, a major obstacle limiting the use of lignocellulose as 

feedstock is its recalcitrance to degradation [2, 4]. While a number of technologies are being 

explored in industry to degrade lignocellulose, enzyme-based methods predominate, and are 

currently used to produce cellulosic ethanol (Fig. 1A) [4]. In this hydrolytic method, plant biomass 

is degraded in a two-step process in which it is first pretreated with various chemicals (e.g. acids 

or ionic liquids) to expose and partially degrade the cellulose and hemicellulose sugar polymers, 

and then hydrolyzed by adding a consortium of purified cellulase enzymes [4-9]. Yeast then 

ferment the sugars into ethanol. To produce biomass-derived commodities cost-effectively, several 

groups are developing consolidated bioprocessing (CBP) microbes that combine cellulase 

production, cellulose hydrolysis, and fermentation into a single process (Fig. 1B). In principle, 

their use would significantly lower costs, as it would circumvent the need for adding purified 

cellulase enzyme cocktails and hydrolysate separation procedures [10-13]. Avoiding the use of 

purified enzyme cocktails would be particularly advantageous as it is currently the single largest 

contributor to overall costs ($0.68 – 1.47 per gallon of cellulosic ethanol) [14]. An ideal CBP-

enabling microbe would catabolize biomass efficiently and completely, utilize all of the sugars 

released from the biomass, and generate products at good yields, rates, and titers. It would also 

require minimal nutrient supplementation, be tolerant to low pH and high temperatures, and 

possess generally regarded as safe (GRAS) status [2, 13]. Many promising CBP-enabling microbes 
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possess several of these characteristics, but they are unable to degrade and use biomass as a 

nutrient. To overcome this limitation, several groups have devised methods to create recombinant 

cellulolytic microbes that deconstruct plant biomass using surface displayed cellulases. 

In order to degrade the complex structure of plant biomass, naturally cellulolytic microbes 

produce an array of cellulases that have different substrate specificities. Although a variety of 

plants are being considered as industrial feedstocks (corn stover, straw, Miscanthus, switchgrass, 

poplar, sugarcane bagasse, etc.), their cell walls all contain lignocellulose which is comprised of 

varying amounts of cellulose (25 - 55%), hemicellulose (8 - 30%), and lignin (18 - 35%) (Fig. 2) 

[15]. The most abundant component, cellulose, is a homopolymer of β-1,4-linked glucose 

molecules that are hydrogen bonded with other cellulose polymers to form both amorphous and 

crystalline regions, the latter of which is particularly recalcitrant to degradation [16]. Naturally 

cellulolytic microorganisms produce three main types of cellulases that function synergistically: 

endoglucanases, exoglucanases, and β-glucosidases [17]. Endoglucanases hydrolyze internal β-

1,4-glucosidic bonds in the polymer, creating reducing and non-reducing ends that are further 

hydrolyzed by exoglucanases [18]. Working together, the enzymes create shorter cellodextrins, 

including the disaccharide cellobiose, which is degraded into its component sugars by β-

glucosidases [18]. The hemicellulose component of lignocellulose is a heterogeneous polymer of 

pentose and hexose sugars [19]. To liberate these sugars, microbes employ a variety of 

hemicellulases that have distinct substrate specificities, including exoxylanases, endoxylanases, 

arabinases, and mannanases, among others [20]. Finally, the cellulose and hemicellulose 

carbohydrate polymers are embedded in lignin, a complex polymer containing a mix of phenolic 

compounds connected by a variety of linkages [21]. Microbial lignin degradation remains poorly 
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understood, but in white-rot fungi, it is mediated by a combination of extracellular peroxidases 

and laccases [22].  

Recent work has engineered microorganisms to display multi-cellulase containing 

complexes called minicellulosomes (Fig. 3). These complexes are miniaturized versions of the 

cellulosomes used by naturally cellulolytic anaerobes to degrade plant biomass. Native 

cellulosomes contain a variety of cellulases that function synergistically to degrade biomass more 

efficiently than isolated enzymes. The cellulosome from the cellulolytic thermophile Clostridium 

thermocellum is archetypal (Fig. 3A). It contains a central scaffoldin protein, CipA, which 

coordinates the binding of nine cellulases [23]. Binding is mediated by type-I cohesin modules 

within CipA that interact with sub-nanomolar affinity with type-I dockerin modules present in the 

cellulases [24]. CipA also contains a carbohydrate-binding module (CBM) that tethers the 

cellulosome complex to its substrate, as well as a type-II dockerin module located at its C-terminus 

that anchors the cellulosome complex to cell wall associated proteins [25]. Other species of 

anaerobic bacteria also display cellulosomes, which can adopt more elaborate structures that 

contain as many as 96 enzymes [24].  

Surface displayed minicellulosomes exhibit enhanced cellulolytic activity. Studies have 

shown that co-localizing cellulases with different substrate preferences into a cellulosome 

facilitates enzyme-enzyme synergism; the enzymes in the complex collectively exhibit greater 

cellulolytic activity than the sum of the activities of the isolated enzymes [26]. Synergy occurs 

because the enzymes have complementary activities, and their spacing and relative abundance is 

presumably optimal. The presence of both hemicellulolytic and cellulolytic activities in the 

cellulosome is also advantageous, since by working together these enzymes can remove ‘physical 

hindrances’ blocking substrate access (e.g. hemicellulolytic enzymes degrade hemicellulose 
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polysaccharides that might otherwise block access to cellulose). The displayed cellulosomes also 

tether the microbe to the biomass, thereby promoting cellulose-enzyme-microbe (CEM) 

synergistic interactions that increase the rate of hydrolysis [27]. CEM interactions minimize the 

distance over which the hydrolysis products must diffuse to the cell, facilitating more efficient 

sugar uptake and preventing the build-up of potential enzyme inhibitors (e.g. cellobiose and 

glucose) [28]. It may also facilitate biomass degradation by promoting favorable substrate 

channeling of long-chain hydrolysis products to proximally bound cells. Thus, CBP-enabling 

microbes that display minicellulosomes should degrade biomass more rapidly and thoroughly than 

microbes that only secrete cellulases. 

There have been many excellent reviews describing efforts to create cellulolytic and 

consolidated bioprocessing microorganisms [2, 10, 13, 29]. In this review, we focus solely on 

recent synthetic biology efforts to construct microbes that display cellulases and miniaturized 

cellulosomes (minicellulosomes). Specifically, we review progress in engineering three 

microorganisms: Saccharomyces cerevisiae, Escherichia coli, and Bacillus subtilis. Because they 

are well studied and robust genetic tools are available to manipulate them, they serve as model 

organisms for eukaryotes, and Gram-negative and Gram-positive eubacteria, respectively. Here 

we discuss the distinct approaches used to display cellulase complexes on their structurally unique 

surfaces, and we compare the cellulolytic activities that have been thus far achieved. This exciting 

work may lead to the direct use of these microbes in consolidated bioprocessing and it promises 

to facilitate the engineering of other industrially useful microbes.  
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3.3 Engineering Yeast to Display Cellulase Enzymes 

Since S. cerevisiae is already used industrially to produce ethanol from corn, considerable 

effort is being put forth to create recombinant cellulolytic strains that can degrade and utilize non-

edible lignocellulose as a nutrient. While cellulase secreting yeast strains have been constructed, 

recent work is focused on generating strains that display cellulases and minicellulosomes in order 

to obtain improved cellulolytic activity. Cellulases are displayed on the cell surface using two 

related approaches. In the first approach, they are expressed as fusion proteins that contain a 

glycosylphosphatidylinositol (GPI) anchor signal sequence that is typically derived from the yeast 

Aga1 or Cwp2 proteins (Fig. 4A). After protein synthesis, the GPI anchor is added to the signal 

sequence’s ω-site amino acid by the GPI transamidase complex in the endoplasmic reticulum [30-

32]. GPI attachment initially targets the protein to the lipid bilayer, however, the protein is 

subsequently processed so as to become covalently linked to outer cell wall β-1,6-glucan, resulting 

in its display [32-34]. In a second related approach, proteins are expressed as fusions to the yeast 

Aga2 protein, which associates with the endogenous Aga1 protein naturally displayed on the cell 

surface. Using these display systems, 1 x 104 – 1 x 105 proteins can be displayed per cell [35].  

 

3.3.1 Displaying Non-Complexed Enzymes 

Initially, the Aga1 fusion system was used to display non-complexed cellulases. In 

pioneering work by Tanaka and colleagues, non-complexed endoglucanases and β-glucosidases 

from Aspergillus aculeatus were displayed by expressing each as a fusion protein containing a C-

terminal GPI-anchor signal sequence [36]. Cells displaying these enzymes could degrade 

cellodextrins, soluble glucose polymers that are more readily degraded by enzymes than the 
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insoluble cellulose present in lignocellulose [36]. During the past decade, Kondo and colleagues 

created cells with significantly improved cellulolytic activity and explored their ability to ferment 

cellulose into ethanol. They initially constructed strains that displayed two cellulases via a C-

terminal GPI molecule, the T. reesei EGII endoglucanase and the A. aculeatus BGL1 β-glucosidase 

enzymes [37]. After pre-culturing in nutrient-rich media, these strains fermented soluble β-glucan 

into ethanol. Later, the investigators improved activity by adding a third enzyme and several 

cellulose binding modules (CBM) [38, 39]. These cells are capable of fermenting amorphous 

phosphoric acid swollen cellulose (PASC) into ethanol, which is a better lignocellulose mimic than 

soluble cellodextrins. The authors also demonstrated the industrial utility of the cells by showing 

that they could produce ethanol from acid pretreated rice straw using a simultaneous 

saccharification and fermentation (SSF) process [40]. Although ethanol production still required 

the addition of a cellulase cocktail, as compared to native yeast strains that do not display 

cellulases, the amount of purified enzymes that needed to be added to hydrolyze the lignocellulose 

in the SSF process was reduced 10-fold. In addition, 1.4 fold more ethanol was produced (43.1 g/L 

ethanol from 200 g/L cellulosic material). The cellulase displaying cells could also be recycled 

between lignocellulose digestions, further demonstrating their practicality [41]. Most recently, 

improved ethanol production from PASC was achieved by co-expressing a cellodextrin 

transporter, an intracellular β-glucosidase and three non-complexed displayed enzymes 

(endoglucanase, cellobiohydrolase and β-glucosidase) [42]. Although the amount of ethanol 

produced was still low compared to industrial production levels (4.3 g/L ethanol from 20 g/L 

PASC), the results of this study highlight the benefits of optimizing both cellulase display and 

product import.  
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3.3.2 Displaying Minicellulosomes 

Because enzymes in cellulosome complexes degrade cellulose more efficiently than non-

complexed enzymes, several groups have created yeast strains that display minicellulosomes. 

These complexes resemble the CipA cellulosome from C. thermocellum and are comprised of a 

surface-displayed scaffoldin that contains cohesin modules that non-covalently bind to dockerin-

cellulase fusion proteins (Fig. 3A). In 2009, two groups independently demonstrated that it was 

possible to display minicellulosomes on the surface of S. cerevisiae using an ex vivo assembly 

method in which yeast cells displaying a scaffoldin are incubated with a solution of purified 

cellulase-dockerin fusion proteins produced in E. coli (Fig. 3B) [43, 44]. In these complexes, the 

scaffoldin is either directly fused to a GPI anchor signal sequence or it is fused to the Aga2 protein 

[43, 44]. Chen and colleagues constructed a minicellulosome that contained three enzymes 

targeted to specific sites within the complex via species-specific cohesin-dockerin interactions 

[44]. By incorporating endoglucanase, exoglucanase, and β-glucosidase enzymes into the 

complex, the investigators generated yeast cells that could produce ethanol from insoluble PASC, 

a notable improvement over older-generation yeast strains that displayed non-complexed enzymes 

[44]. In their systematic analysis, they demonstrated that the enzymes acted synergistically to 

hydrolyze cellulose, one of the first times enzyme-enzyme synergy was demonstrated in a cell 

surface displayed complex. Later, to eliminate the need to add purified enzymes to their cells, the 

investigators constructed surface-displayed minicellulosomes using a consortium of four yeast 

strains [45, 46]. In this ex vivo assembly method, cells displaying a scaffoldin are co-cultured with 

strains capable of secreting cellulase-dockerin fusion proteins, eliminating the need to add purified 

enzymes [46]. After finding the optimal ratio of strains to maximize ethanol production, they 

demonstrated that ~1.87 g ethanol/L could be produced from PASC. Interestingly, in this system, 
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the mechanism of scaffoldin anchoring appears to affect the efficiency of display, as an increased 

population of cells displaying minicellulosomes were observed when the scaffoldin was directly 

modified with a GPI anchor signal sequence instead of the Aga1-Aga2 anchoring system [45]. 

Very recently, Hahn and colleagues used a similar consortium approach to construct cells that 

display ex vivo assembled minicellulosomes and they showed that the cells produce similar 

amounts of ethanol from PASC (1.8 g/L ethanol) [47].  

Ex vivo assembly may be impractical for industrial applications, because it requires that 

purified enzymes be added to cells or that a consortium of different strains is used to construct the 

cellulosome. Two research groups have overcome this problem by constructing yeast cells that 

spontaneously assemble minicellulosomes on their surface (Fig. 3C) [26, 48]. Zhao and colleagues 

were the first to achieve this milestone by constructing yeast cells that displayed a spontaneously 

assembling three-enzyme minicellulosome [26]. This strain produced all of the components of the 

complex, including an Aga1-Aga2 tethered scaffoldin derived from C. thermocellum CipA and the 

T. reesei endoglucanase EGII, cellobiohydrolase CBHI, and A. aculeatus β-glucosidase BGLI 

enzymes. By systematically comparing the activities of uni-, bi-, and tri-functional 

minicellulosomes, they demonstrated that enzyme-enzyme synergistic interactions improved 

activity up to 1.6 fold. Moreover, cells displaying tri-functional minicellulosomes exhibited 

improved growth on PASC and could use it as a carbon source to produce 1.8 g/L of ethanol.  

Tan and colleagues have displayed the largest and most complex self-assembling 

minicellulosome reported to date [48]. To avoid having to display a long scaffoldin protein, the 

minicellulosome was constructed using two scaffoldins. The Aga1-Aga2 attached scaffoldin II 

protein is associated with the cell wall and coordinates the binding of scaffoldin I, mimicking 
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nested architectures found in nature. Scaffoldin II contains four type-II cohesin modules from C. 

thermocellum, which coordinate the binding of four scaffoldin I proteins via its type-II dockerin. 

Scaffoldin I also contains a CBM and three type-I cohesin modules from different bacterial species 

that enable species-specific placement of dockerin fused enzymes [48]. The cellulases and 

scaffoldin I are secreted using α-factor, and therefore their assembly and attachment to the cell 

presumably occurs extracellularly, avoiding export problems that would occur if the complex were 

assembled intracellularly. This approach enabled up to 12 enzymes to be displayed, four copies 

each of the C. cellulolyticum celCCA endoglucanase, celCCE cellobiohydrolase, and Ccel_2454 

β-glucosidase. However, there may be a limit to the size of the scaffoldin that can be attached to 

the cell wall, as the investigators discovered that the percentage of cells displaying scaffoldin II 

decreased when longer scaffoldin II polypeptides were expressed. In the end, they chose to work 

with yeast displaying only 6 enzymes, two copies each of the endoglucanase, exoglucanase, and 

β-glucosidase, which produced 1.4 g/L of ethanol from insoluble Avicel. Very recently, Chen and 

colleagues used a similar “adaptive assembly” strategy to display a four enzyme containing 

minicellulosome that required ex vivo assembly [49]. It also contains two scaffoldins enabling the 

display of four enzymes; two copies each of an endoglucanase and a β-glucosidase. Although the 

requirement for ex vivo assembly limited the ability of these cells to grow using cellulose as a 

nutrient, they could produce 1.9 g ethanol/L from PASC, which was double the amount of ethanol 

produced by cells displaying a related minicellulosome that contained a total of only two enzymes.  
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3.4 Recombinant Cellulolytic Eubacteria 

Many species of eubacteria are promising consolidated bioprocessors because they are 

already used industrially to produce chemicals (e.g. amino acids, vitamins, solvents, etc.). They 

can be divided into Gram-negative and Gram-positive groups, whose distinct cell surface 

architectures necessitate that different approaches be used to display proteins. Work thus far has 

concentrated on the model Gram-negative and Gram-positive microorganisms Escherichia coli 

and Bacillus subtilis, respectively. They are not naturally cellulolytic, but contain robust genetic 

systems that enable their genetic manipulation. The most progress has been made with B. subtilis, 

leading to the display of minicellulosomes that enable it to grow on untreated lignocellulose, while 

only non-complexed cellulases have been displayed on the surface of E. coli. Below we describe 

this work, which could lead to their direct use in the consolidated bioprocessing of biomass, and 

facilitate the introduction of cellulolytic activity into less well studied industrially useful 

eubacteria. 

 

3.5 Single Cellulase Display on the Surface of E. coli 

The cell wall in Gram-negative bacteria consists of inner and outer membranes separated 

by peptidoglycan. In the model Gram-negative organism E. coli, a variety of approaches have been 

developed to display heterologous proteins in the outer membrane (Fig. 3B) [50]. Two general 

approaches have been used to display cellulase enzymes on the surface of E. coli. In the first 

approach, the cellulase is expressed as a fusion protein with an E. coli lipoprotein. For example, 

display has been achieved by fusing to the N-terminus of a cellulase the signal sequence and the 
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first nine amino acids from the major outer membrane lipoprotein (Lpp) and the transmembrane 

domain from the outer membrane protein (OmpA) [51]. The Lpp component targets and anchors 

the protein to the outer membrane, while the OmpA segment is required for surface expression of 

the passenger cellulose [52]. Using an Lpp-OmpA display system, ~6 x 104 proteins can be 

displayed per cell [53]. Similar display strategies fuse cellulases to either the Ice nucleation protein 

(Inp) or the bacterial lipocalin (Blc) lipoproteins that are in turn embedded in the outer membrane 

[54-58]. In the second approach, the cellulase is displayed on the bacterial surface using the type 

V secretion system [59]. Specifically, the enzyme is expressed such that it contains an N-terminal 

signal sequence and the C-terminal translocator domain derived from the autotransporter AIDA-I 

protein which is embedded in the outer membrane.  

At present, only non-complexed cellulases have been displayed on the surface of E. coli 

[51, 54-59].  As only a single type of enzyme was displayed, these cells exhibit limited cellulolytic 

activity. Although multi-enzyme display is desirable to maximize cellulolytic activity, E. coli cells 

that secrete cellulases can also degrade biomass. Recently, Keasling’s group engineered a 

consortium of enzyme-secreting E. coli cells that can degrade ionic liquid (IL) pretreated 

switchgrass and produce a range of chemicals (butanol, fatty acid ethyl esters, and pinene) [60]. 

After 48 hours, cell densities of 140 x 107 CFU/mL were obtained, which is ~50% lower than E. 

coli cells grown in minimal media containing glucose as a carbon source. The rate of 

lignocellulosic degradation may be growth limiting, as the consortium digested only ~5 - 6% of 

the cellulose and hemicellulose. An endoglucanase was also displayed on the surface of the Gram-

negative bacterium Zymobacter palmae by fusing it to the ice nucleation protein from 

Pseudomonas syringae. However, the activity of these cells was only verified using soluble CMC 

as a substrate [61].  
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3.6 Cellulolytic Bacillus subtilis 

Gram-positive bacteria typified by B. subtilis contain a single membrane surrounded by a 

thick peptidoglycan cell wall. Two approaches are used to display cellulases and minicellulosomes 

on its surface (Fig. 4C). Proteins are displayed non-covalently by expressing them as fusions with 

the LysM protein that contains binding modules that interact with N-acetylmuramic acid and N-

acetyl-D-glucosamine within the cell wall, or they are covalently attached to the peptidoglycan 

using sortase transpeptidase enzymes [62-65]. In the latter procedure, the protein is expressed as a 

fusion protein that contains a C-terminal cell wall sorting signal (CWS), which is then is covalently 

linked to the peptidoglycan cross-bridge by the sortase [66]. Although direct comparisons have 

not been made, Chen et al. concluded that 1.2 x 107 proteins are attached to each cell using the 

LysM fusion approach, whereas it is estimated that 2.4 - 3 x 105 proteins can be displayed per cell 

using sortase transpeptidases [63, 67, 68].  

Two research groups reported the construction of B. subtilis cells that display an ex vivo 

assembled minicellulosome (Fig. 3B) [63, 65]. Zhang and colleagues created cells that display a 

minicellulosome that is non-covalently associated with the cell wall. These cells secrete the mini-

CipA scaffoldin, which associates with the cell wall via its LysM domain. Mini-CipA also contains 

three cohesin modules and a CBM derived from C. thermocellum CipA [65]. To construct the 

minicellulosome, cells displaying mini-CipA were incubated with three E. coli purified cellulases 

(B. subtilis endoglucanase Cel5, C. phytofermentans exoglucanase Cel48, and C. thermocellum 

endoglucanase Cel9). Interestingly, similar to C. thermocellum that naturally displays a 

cellulosome, the recombinant B. subtilis cells exhibited cellulolytic CEM synergy, as the activity 

of the surface-displayed complex was superior to a purified minicellulosome that contained the 
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same enzymes; the cells degraded RAC and microcrystalline cellulose 2.3- and 4.5-fold better than 

the isolated complex, respectively. It was proposed that interactions between cells might also 

contribute to CEM synergy as presumably adjacent cells can assimilate long-chain hydrolysis 

products before they diffuse into the bulk phase, which prevents product inhibition of the cellulases 

and cellulosomes. Independently, Anderson and colleagues engineered B. subtilis cells to display 

an ex vivo assembled minicellulosome that is covalently attached to the cell wall [63]. In this 

system, a scaffoldin (called Scaf) is joined via a peptide bond to the cross-bridge peptide of the 

peptidoglycan by a heterologous sortase enzyme [66]. Tri-functional minicellulosomes are then 

assembled when the Scaf displaying cells are incubated with the appropriate purified cellulase-

dockerin fusion proteins (the C. thermocellum endoglucanase Cel8A and the C. cellulolyticum 

exoglucanase Cel9E and endoglucanase Cel9G enzymes). These cells degraded RAC, and 

exhibited enzyme-enzyme synergism that increased cellulolytic activity 1.3 fold [63]. Importantly, 

the sortase displayed minicellulosome exhibited stable activity for up to 70 hours when the WprA 

cell wall protease was genetically eliminated, presumably because the complex is covalently linked 

to the cell wall. A sortase-utilizing system was also used to display miniaturized scaffoldins on the 

cell surface of L. lactis, which could then bind purified β-glucuronidase UidA [69].  

 

3.6.1 B. subtilis Cells Displaying a Self-Assembled Minicellulosome Grow on  

 Untreated Lignocellulose 

To overcome the requirement for ex vivo assembly, we recently engineered B. subtilis cells 

that display a covalently attached minicellulosome that assembles spontaneously (Fig. 3C) [62]. 

The minicellulosome was constructed by co-expressing five proteins: the SrtA sortase from B. 
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anthracis, a chimeric scaffoldin (Scaf) composed of three cohesin modules that are covalently 

attached to the cell wall by SrtA, and three dockerin-cellulase fusion proteins that bind to the 

scaffoldin non-covalently via species-specific dockerin-cohesin interactions. Three enzymes 

derived from the mesophile C. cellulolyticum were displayed (endoglucanase/xylanase Cel5A, 

exoglucanase/endoglucanase Cel9E, and the processive endoglucanase Cel48F) and based on 

immunoblot analyses, they are present in the complex at saturating levels. The cells exhibit potent 

cellulolytic activity enabling growth on dilute acid-pretreated corn stover to densities similar to 

those achieved by cells cultured in minimal media containing glucose. Recombinant azide-treated 

B. subtilis cells required ~96 hours at 37°C to degrade 62% of a 5 g/L solution of pretreated corn-

stover biomass. Azide-killed cells supplemented with β-glucosidase released 21% and 33% of the 

glucose and xylose found in corn stover after 48 hours. This result is promising, since when 

assayed under similar conditions at 37oC, cells displaying a tri-functional minicellulosome exhibit 

~1/3 the cellulolytic activity of a Ctec2/Htec2 enzyme cocktail (Novozymes) that contains dozens 

of enzymes. Importantly, bacteria displaying the tri-functional minicellulosome could also grow 

on untreated plant biomass (corn stover, straw, or switchgrass) to high cell densities. To the best 

of our knowledge, this is the first such demonstration of this capability by a recombinant organism. 

The specific growth rates of cells cultured in minimal media containing 0.5% wt/volume of 

glucose, acid-treated corn stover, and untreated corn stover were ~0.17, ~0.08, and ~0.05 hr-1, 

respectively. Additional improvements in their activity are needed if they are to rival naturally 

cellulolytic microbes such as C. thermocellum, which at 60°C degrades 2 g/L of microcrystalline 

Avicel in 20 hours [70]. Creating recombinant B. subtilis that display more than three types of 

enzymes can be expected to lead to even more potent cellulolytic microbes with better growth 

properties. 
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3.7 Comparing Activities of Recombinant Cellulolytic B. subtilis, 

E. coli, and S. cerevisiae 

Direct comparisons of the cellulolytic activities of the microbes discussed in this review 

are not possible because different experimental approaches and cellulose substrates have been used 

to assess their activities. The methods range from detailed analyses of the amount of biomass 

degraded and the sugars produced from hydrolysis, to less informative approaches that monitored 

only microbial growth or ethanol production. Further hindering direct comparisons, the identities 

and numbers of enzymes displayed can vary between each study and there are differences in the 

abilities of each microbe to import and metabolize the lignocellulosic degradation products. A 

variety of substrates have been used to assess the cellulolytic activity of recombinant microbes. 

They vary in their recalcitrance to enzymatic degradation because they differ in their crystallinity, 

degree of polymerization, fraction of reducing ends, and presence of hemicellulose and lignin [29]. 

Based on these properties, the substrates range from easy to difficult to degrade as follows: 

PASC/RAC < microcrystalline cellulose < pretreated lignocellulose < untreated lignocellulose. 

With these considerations in mind, below we compare the cellulolytic activity of the recombinant 

microbes that have been discussed in this review.  

The data shown in Table 1 compares the cellulolytic activities of the recombinant microbes 

discussed in this review. For simplicity, only strains capable of degrading insoluble forms of 

cellulose without the need for adding purified enzyme cocktails are considered. B. subtilis cells 

displaying a covalently attached self-assembling minicellulosome have the highest demonstrated 

activity [62]. They degrade the most complex forms of cellulose, both untreated and acid-treated 

lignocellulose. Notably, these bacteria grow in minimal media containing industrially relevant 
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forms of untreated lignocellulosic biomass as a primary nutrient source (corn stover, hatched straw, 

and switchgrass) to densities that are similar to those achieved by cells that are cultured in glucose. 

B. subtilis cells displaying an ex vivo assembled complex can degrade microcrystalline cellulose, 

but the need to add purified enzymes to construct the complex limits their ability to replicate using 

cellulose as a nutrient [62, 65]. The most cellulolytic yeast strains reported to date display a 

complex that contains 6 enzymes (two copies of three types of enzymes) [48]. These cells degrade 

microcrystalline cellulose, but their ability to metabolize more complex lignocellulose has not been 

tested. In addition, growth of these cells on microcrystalline cellulose required supplementation 

with rich nutrients unlike recombinant B. subtilis grown on biomass. Notably, the same group 

reported cells that display 12 enzymes, but these microbes were less cellulolytic because fewer 

enzyme complexes were displayed per cell, presumably because of the increased metabolic burden 

of displaying this large complex. Thus far, the surface of E. coli has only been engineered to 

display non-complexed cellulases, with only a single type of enzyme displayed on each cell [51, 

55, 56, 71]. As expected, these cells have limited degradative capacity, as they only demonstrated 

significant activity on CMC. The limited progress that has been made thus far in engineering the 

surface of E. coli to display multi-enzyme complexes may be due to difficulties associated with 

exporting proteins across its two membranes and may explain why cellulosomes are predominantly 

found in Gram-positive species. 

 Because these model organisms are still under development, the cellulolytic activity that 

can ultimately be obtained by engineering their surfaces remains unknown. However, B. subtilis 

may have the greatest potential for further development because a higher density of enzyme 

complexes can presumably be displayed on its surface. This may result in increased rates of 

cellulolysis, as more enzymes will be available to degrade the cellulose fibers bound to each cell. 
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Specifically, based on documented levels of heterologous protein display, B. subtilis can display 

~60 - 3.2 x 104 times more proteins per micron2 of surface area as compared to S. cerevisiae (B. 

subtilis and S. cerevisiae display ~2.4 x 105 – 1.2 x 107 and ~1 x 104 – 1 x 105 heterologous proteins 

per cell resulting in surface densities of ~1.9 x 104 - 9.6 x 105 and ~30 - 300 proteins/micron2, 

respectively) [35, 67, 68]. The surface of E. coli can also be densely coated with proteins (~6.4 x 

103 proteins/micron2 assuming 6 x 104 proteins displayed per cell), but as of yet, only non-

complexed cellulases have been displayed [53]. In order to develop improved minicellulosome 

display methods, it will be important to rigorously quantify the number of complexes displayed 

per cell. Thus far, the number of minicellulosome complexes displayed on the surface of S. 

cerevisiae has not been quantified, while in B. subtilis, experimental measurements have shown 

that 2 x 104 and 1.5 x 105 minicellulosomes can be attached to each cell using LysM and sortase-

mediated approaches, respectively [62, 65]. These studies suggest that the number of 

minicellulosomes displayed per cell may decrease as the size of the complex increases. For 

example, in B. subtilis, quantitative studies have shown that it is possible to display 1.2 x 107 

individual LysM fusion proteins, but only 2 x 104 LysM anchored minicellulosomes [65, 68]. 

Similar decreases in anchoring efficiency also occur in S. cerevisiae with increasing protein size, 

suggesting that this is a general problem [48].  

 

3.8 Future Directions 

Surface engineering efforts thus far have created recombinant microbes with potent 

cellulolytic activities. However, even more elaborate structures will need to be grafted onto their 

surfaces if their activities are to rival those of naturally cellulolytic organisms or cellulase cocktails 
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that are currently used in industry. The composition and structure of lignocellulose varies 

depending upon its source and the method of pretreatment. Therefore, the number, type, relative 

abundance, and positioning of the surfaced displayed enzymes will need to be optimized to degrade 

different types of plant feedstocks. Displaying minicellulosomes that more closely resemble native 

cellulosomes is an obvious strategy to improve cellulolytic activity, as it will presumably 

maximize enzyme-enzyme and CEM synergy. However, constructing these large self-assembling 

complexes may prove difficult as the results of recent work in S. cerevisiae and B. subtilis indicate 

that the surface density of displayed complexes decreases as they become larger and more 

complex. Overcoming this problem may require minicellulosome construction using adaptive 

assembly strategies and/or using protein components produced from a microbial consortium. The 

activity of these displayed complexes may be further improved using directed evolution 

approaches using growth on biomass to select for cells that display minicellulosomes possessing 

the best enzyme compositions and architectures. Combined, this work promises to yield potent 

recombinant surface-engineered microbes that can degrade biomass. Concurrently, many research 

groups are using metabolic engineering, synthetic biology, and systems biology approaches to 

construct microorganisms capable of producing next generation biofuels and useful chemicals [72-

75]. When paired with the novel lignocellulosic degrading platforms described in this review, these 

microbes could significantly reduce the world’s dependency on oil by directly producing biofuels 

and other useful biocommodities from renewable and abundant plant biomass. 
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3.9 Figures 

 

Figure 3.1 Consolidated bioprocessing of lignocellulosic biomass by cellulase displaying 

microbes.  

(A) The current steps involved in the industrial processing of plant biomass into ethanol using 

cellulase enzymes. Biomass degradation involves thermochemical pretreatment to expose its 

cellulose polymers, followed by exposure to purified cellulases to degrade cellulose into its 

component sugars. This is followed by a fermentation step in which yeast convert the sugars into 

ethanol. In principle, many other biocommodities can be produced from plant biomass using 

similar methods. (B) Steps in the consolidated bioprocessing (CBP) of biomass. CBP-enabling 

microbes would produce cellulase enzymes that degrade the cellulose and hemicellulose 

components of biomass, and then convert the resultant sugars into useful biocommodities. 

Microbes that naturally or recombinantly display cellulase enzymes are well suited for this process, 

as they are highly cellulolytic.  
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Figure 3.2 Schematic showing the structure of lignocellulose. 

Lignocellulose is composed of three components, including cellulose (solid tan lines), 

hemicellulose (dotted black lines), and lignin (solid brown lines). Cellulose is composed of β-1,4-

linked glucose polymers, while hemicellulose is composed of a variety of pentoses. Lignin, which 

provides structural support for lignocellulose, coats these polymers. 
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Figure 3.3 The prototypical CipA cellulosome and methods used to recombinantly 

display miniaturized cellulosomes (minicellulosomes).  

(A) Architecture of the prototypical CipA cellulosome produced by C. thermocellum. It houses 9 

cellulases enzymes that are bound to the central scaffoldin protein, CipA [23]. Binding is mediated 

by type-I cohesin modules within CipA that interact with sub-nanomolar affinity with type-I 

dockerin modules present in the cellulases. CipA also contains a carbohydrate-binding module 

(CBM) that tethers the cellulosome complex to its substrate, as well as a type-II dockerin module 

located at its C-terminus that anchors the cellulosome complex to the cohesin module of cell wall 
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associated proteins. (B) Ex vivo approach used to display minicellulosomes on the surfaces of B. 

subtilis or S. cerevisiae. The microbes secrete and display a scaffoldin protein that is displayed on 

their surface. Cellulase enzymes containing the appropriate type-1 dockerin module are incubated 

with the cells to construct the minicellulosome. The enzymes that are added to the cells are either 

purified enzymes or secreted by other microbes as part of a microbial consortium. Distinct colors 

are used to indicate species-specific type-1 dockerin and cohesin domains that selectively interact 

with one another to construct the minicellulosome. (C) Self-assembled approach used to display 

minicellulosomes on the surfaces of B. subtilis or S. cerevisiae. All of the components of the 

minicellulosome (scaffoldin and enzymes) are produced by the microbe and spontaneously 

assemble on the cell surface. 
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Figure 3.4 Approaches used to display cellulases and minicellulosomes on different types 

of microbes.  

(A) S. cerevisiae: Proteins are displayed on the cell surface by embedding them into the lipid 

bilayer via a covalently attached C-terminal glycosylphosphatidylinositol (GPI) molecule. 
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Heterologous proteins are displayed by either appending a GPI anchor signal sequence to their C-

terminus (typically derived from the Aga1 or Cwp2 proteins) or by expressing them as fusion 

proteins with Aga2, a yeast protein that associates with the Aga1 protein naturally displayed on 

the cell surface. ~1 x 104 – 1 x 105 proteins are attached per cell [35]. This approach has been used 

to display a minicellulosome. (B) E. coli: Heterologous proteins are expressed as fusion proteins 

with lipoproteins (e.g. Lpp-OmpA, Inp, and Blc) or to the autotransporter AIDA-I. This results in 

the protein being embedded in the outer membrane (OM). 6 x 104 proteins are attached per cell 

using the Lpp-OmpA display system [53]. At present, only non-complexed cellulases have been 

displayed using this approach. (C) B. subtilis: Two methods are used to display proteins in this 

microbe. They are displayed non-covalently by expressing them as fusions with the LysM protein 

that interacts with cell wall N-acetylmuramic acid and N-acetyl-D-glucosamine [64]. 

Alternatively, proteins containing a C-terminal cell wall sorting signal (CWS) are covalently 

linked to the peptidoglycan cross-bridge by the sortase transpeptidase enzyme [66]. The LysM and 

sortase approaches are estimated to result in the display of 1.2 x 107and 2.4 - 3 x 105 proteins per 

cell, respectively [63, 67, 68]. Both approaches have been used to display minicellulosomes. Key: 

PM, plasma membrane. BG, beta-glucan. IM, inner membrane. PG, peptidoglycan. OM, outer 

membrane.  
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Table 3.1 Cellulolytic Activities of Recombinant Cellulase Displaying Microbes. 

 

Recombinant 

Microorganis

m 

Cellulase(s)a 

Displayed 

Insoluble Cellulose Substrate 

PASC/ 

RAC 

Microcrystalline 

Cellulose 

Pretreated 

Lignocellulose 

Untreated 

Lignocellulose 

B. subtilis 

Anderson et al. 

2011 

Ex vivo mini.a + - - - 

You et al. 2012 Ex vivo mini. 

 

+ 

 

+ - - 

Anderson et al. 

2013 

Self-assembled 

mini.a 

- 

 

- + + 

S. cerevisiae 

Tsai et al. 2009 Ex vivo mini. +, Eb 

 

- - - 

Yanase et al. 

2010 

Non-complexed 

cellulase.a 

+, E - - - 

Tsai et al. 2010 Ex vivo mini. 

Consortium. a 

+, E - - - 

Wen et al. 2010 Self-assembled 

mini. 

+, E - - - 

Goyal et al. 

2011 

Ex vivo mini. 

Consortium. 

+, E - - - 

Fan et al. 2012 Self-assembled 

mini. 

+, E +, E 

 

- - 

Tsai et al. 2013 Ex vivo mini. +, E 

 

- - - 

Kim et al. 2013 

 

Ex vivo mini. 

Consortium. 

+, E - - - 

a. Ex vivo mini: minicellulosome assembled ex vivo. Self-assembled mini: minicellulosome 

assembled spontaneously. Non-complexed cellulase: individually displayed enzyme. 

Consortium: multiple strains required to assemble minicellulosome. 

b. E = ethanol. 
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4.1 Overview 

Sortase cysteine transpeptidases covalently attach proteins to the bacterial cell wall or 

assemble fiber-like pili that promote bacterial adhesion. Members of this enzyme superfamily are 

widely distributed in Gram-positive bacteria that frequently utilize multiple sortases to elaborate 

their peptidoglycan. Sortases catalyze transpeptidation using a conserved active site His-Cys-Arg 

triad that joins a sorting signal located at the C terminus of their protein substrate to an amino 

nucleophile located on the cell surface. However, despite extensive study, the catalytic mechanism 

and molecular basis of substrate recognition remains poorly understood. Here we report the crystal 

structure of the Staphylococcus aureus sortase B enzyme in a covalent complex with an analog of 

its NPQTN sorting signal substrate, revealing the structural basis through which it displays the 

IsdC protein involved in heme-iron scavenging from human hemoglobin. The results of 

computational modeling, molecular dynamics simulations, and targeted amino acid mutagenesis 

indicate that the backbone amide of Glu224 and the side chain of Arg233 form an oxyanion hole in 

sortase B that stabilizes high energy tetrahedral catalytic intermediates. Surprisingly, a highly 

conserved threonine residue within the bound sorting signal substrate facilitates construction of 

the oxyanion hole by stabilizing the position of the active site arginine residue via hydrogen 

bonding. Molecular dynamics simulations and primary sequence conservation suggest that the 

sorting signal-stabilized oxyanion hole is a universal feature of enzymes within the sortase 

superfamily. 
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4.2 Introduction 

Surface proteins in bacteria play key roles in the infection process by promoting microbial 

adhesion to host tissues, nutrient acquisition, host cell entry, and the suppression of the immune 

response. In Gram-positive bacteria, virulence factors are displayed by sortase enzymes, a 

superfamily of cysteine transpeptidases that join proteins bearing a cell wall sorting signal to the 

cell wall or to other proteins to construct pili  (1,–6). Sortases have proven to be useful molecular 

biology tools to site-specifically attach proteins to a variety of biomolecules and are considered a 

potential drug target because they display virulence factors. The clinically important 

pathogen, Staphylococcus aureus, displays surface proteins using two sortase enzymes, sortase A 

(SrtA)2 and sortase B (SrtB). srtA− strains of S. aureus are significantly attenuated in virulence, 

whereas srtB− strains establish less persistent infections (7,–9). SrtA plays a “housekeeping” role 

in the cell, covalently mounting a variety of proteins to the cell wall, whereas SrtB anchors the 

heme transporter IsdC, a key component of the iron-regulated surface determinant system that 

captures heme-iron from hemoglobin (10,–12). The mechanism of catalysis is best understood for 

SrtA, the archetypal member of the sortase superfamily. Proteins anchored by SrtA possess a C-

terminal cell wall sorting signal that consists of an LPXTG motif that is processed by the enzyme, 

followed by a hydrophobic transmembrane segment and a positively charged C-terminal tail (13). 

SrtA operates through a ping-pong mechanism that begins when its active site cysteine residue 

nucleophilically attacks the carbonyl carbon of the threonine in the LPXTG motif. This results in 

a tetrahedral intermediate that, after cleavage of the threonine-glycine peptide bond, generates a 

semistable enzyme-substrate thioacyl intermediate (14, 15). The protein is then transferred by SrtA 

to the cell wall precursor, lipid II, when the amino group in this molecule nucleophilically attacks 

the thioacyl linkage creating a second tetrahedral intermediate that collapses to form the covalently 
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linked protein-lipid II product (16,–18). Transglycosylation and transpeptidation reactions that 

synthesize the cell wall then incorporate this product into the peptidoglycan. SrtB anchors the IsdC 

protein to the cell wall through a similar mechanism. However, unlike SrtA, SrtB recognizes a 

unique NPQTN sorting signal, and it attaches IsdC to un-cross-linked peptidoglycan instead of 

heavily cross-linked peptidoglycan (19, 20). 

Sortase enzymes adopt an α/β sortase fold that contains three proximally positioned active 

site residues: His130, Cys223, and Arg233 (SrtB numbering). Although the nucleophilic role of the 

cysteine residue is well established, various catalytic functions have been proposed for the 

histidine and arginine residues. His130 was originally thought to activate the cysteine by forming a 

histidine-cysteine ion pair (21), but more recent data suggest that it instead functions as a general 

acid/base (14, 22). Arg233 has been proposed to either stabilize substrate binding (23,–26), function 

as a general base (27), or directly stabilize the tetrahedral catalytic intermediates (14, 22, 23). 

Other residues within the active sites of sortases have also been proposed to participate in catalysis, 

including Asp225 in SrtB, which was postulated to participate in a His130-Cys223-Asp225 catalytic 

triad (28). The catalytic mechanism has remained poorly understood because the tetrahedral and 

acyl intermediates of catalysis are too short lived to be characterized by either NMR or x-ray 

crystallography. Several sortase structures have been determined in the absence of their substrates 

(28,–32) or covalently bound to generic sulfhydryl modifiers (33). However, only a single structure 

of a sortase enzyme covalently bound to its sorting signal substrate has been reported (the NMR 

structure of SrtA bound to an LPAT substrate analog) (1, 24). This structure revealed that the 

active site in this enzyme undergoes substantial changes in its structure and dynamics that facilitate 

specific recognition of the sorting signal, but it did not provide an atomic level view of the 

positioning of atoms within the active site because their coordinates were not well defined in the 
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NMR structure because of resonance line broadening. Thus, the structural features utilized by 

sortases to stabilize key tetrahedral and thioacyl reaction intermediates remain poorly understood. 

Here we report the 2.5 Å crystal structure of SrtB covalently bound to an analog of its 

NPQTN sorting signal. The structure of the complex closely resembles the thioacyl intermediate 

formed during catalysis, laying the groundwork for MD simulations to investigate the catalytic 

mechanism. The results of these simulations and in vitro transpeptidation measurements suggest 

that Arg233 and the backbone amide of Glu224 form an oxyanion hole that stabilizes high energy 

tetrahedral catalytic intermediates. Interestingly, a highly conserved threonine residue within the 

sorting signal actively participates in constructing the oxyanion hole by hydrogen bonding to the 

active site arginine residue. MD simulations of SrtA, as well as primary sequence conservation, 

suggest that all sortases will use a similar substrate-stabilized mechanism to anchor proteins to the 

cell wall or to assemble pili. 

 

4.3 Results 

4.3.1 Crystal Structure of the SrtB-NPQT* Complex and Computational Modeling of  

 the Thioacyl Intermediate 

Sortase catalyzed transpeptidation reactions occur via covalent enzyme-substrate acyl and 

tetrahedral intermediates that are too short-lived to be resolved by NMR or x-ray crystallography 

(2, 14, 43). To overcome this problem, we synthesized a Cbz-NPQT* sorting signal analog, where 

Cbz is a carbobenzyloxy protecting group, and T* is a threonine derivative that replaces the 

carboxyl group with -CH2-SH ((2R,3S)-3-amino-4-mercapto-2-butanol). The peptide contains the 
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sorting signal sequence recognized by the S. aureus SrtB sortase and forms a disulfide bond via its 

T* moiety to the thiol of Cys223, generating a SrtB-NPQT* complex that structurally mimics the 

thioacyl catalytic intermediate (Fig. 1a). A soluble version of SrtB lacking its 30-amino acid N-

terminal membrane anchor (SrtB, residues 31–244) was disulfide-bonded to the NPQT* substrate 

analog, and a 2.5 Å crystal structure of the SrtB-NPQT* complex was determined (Table 1). The 

data were refined to 2.5 Å resolution in accordance compatible with CC1/2 statistics (36, 37), 

although the data extended only to 2.9 Å using more conventional statistics such as Rmerge and I/σ. 

In the complex, SrtB adopts an α/β sortase fold containing eight β-strands that are flanked by five 

α-helices (Fig. 1b). The positioning of the sorting signal substrate is well defined, as evidenced by 

an Fo − Fc omit map of the complex (Fig. 2a). The solvent-exposed Cbz group at the N terminus 

of the peptide is only partially modeled in the structure of the complex because its electron density 

was not strong enough to fully define its position. The signal adopts an L-shaped structure and is 

connected via the sulfhydryl of the T* moiety to the active site cysteine, Cys223. It is nestled within 

a narrow groove whose base is formed by residues within strands β4 and β5 and whose walls are 

formed by residues projecting from loops connecting strands β6 to β7 (the β6/β7 loop), β7 to β8 

(the β7/β8 loop), and β2 to β3 (the β2/β3 loop) (Fig. 1, b and c). To facilitate a discussion of the 

molecular basis of substrate recognition, we henceforth utilize the nomenclature developed by 

Schechter and Berger (56), where P and P′ refer to amino acids on the N-terminal and C-terminal 

sides of the scissile peptide bond of the sorting signal, respectively. For the NPQTN sorting signal, 

the N-terminal N is P4, P is P3, Q is P2, T is P1, and the C-terminal N, occurring after the scissile 

bond, is P1′. The base of the NPQT binding pocket is defined by residues Asn92, Tyr128, Tyr181, 

Ile182, and Ser221, with the walls defined by residues Leu96, Thr177, Cys223, Glu224, and Arg233 (Fig. 

2, b and c). The side chain of the disulfide linked T* residue is buried inside of a deep groove 
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where its methyl group contacts the side chains of Tyr128 and Ile182. This positions the hydroxyl 

oxygen on the threonine residue to accept two hydrogen bonds from the side chain of Arg233 in the 

active site: a 3.0 Å hydrogen bond to the ϵ-nitrogen atom and a 3.3 Å hydrogen bond to the η-

nitrogen atom in the guanidino group (Fig. 2, b and c). The side chain of the glutamine residue at 

position P2 points out of the binding pocket where it is packed against the side chain of Leu96 and 

donates a hydrogen bond to the backbone carbonyl group of Glu224. Additional enzyme 

interactions to the backbone of P2 Gln residue stabilize the positioning of the sorting signal. The 

backbone carbonyl group is held in place by a hydrogen bond from the side chain amide nitrogen 

of Asn92, and its backbone nitrogen donates a hydrogen bond to a sulfate ion, which in turn is 

coordinated by the side chain of His93 and the backbone amide of Asn92. The P3 Pro residue rests 

on top of Ile182 and forms a kink that causes the bound peptide to adopt an L-shaped structure that 

positions the side chain of the P4 Asn to donate a hydrogen bond to the backbone carbonyl of 

Thr177 within the β6/β7 loop. Substrate binding induces only small changes in the structure of SrtB 

as the Cα coordinates of the SrtB-NPQT* complex can be superimposed with the previously 

determined structure of the unmodified enzyme (28) with a root mean square deviation of 0.44 Å. 

To gain insight into how sortase stabilizes reaction intermediates, an energy-minimized 

model of the thioacyl complex was generated by replacing the disulfide link in the structure of the 

SrtB-NPQT* complex with a thioacyl bond (Fig. 3). This required only small changes including 

the removal of the methylene group in between the Cys223 thiol and the P1 Thr residue of the 

sorting signal that decreased their separation by ∼1 Å. The coordinates of the thioacyl intermediate 

were then energy-minimized while the restraints on the initial atom positions were gradually 

removed. To verify that the final model contained the proper orientation of the thioacyl bond, two 

initial models of the intermediate were energy-minimized, one in which the carbonyl oxygen 
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pointed toward Arg233 and a second model in which the thioacyl bond was rotated by 180° 

(carbonyl oxygen pointing away from Arg233). After minimization, both starting models converged 

to nearly identical structures (root mean square deviation = 0.71 Å for all Cα) that closely resembled 

the SrtB-NPQT* complex. Importantly, in both refined models, the thioacyl linkage adopts a 

similar conformation in which the P1 threonine residue in the signal is poised to accept hydrogen 

bonds from the active site Arg233 residue and the backbone amide from Glu224 (Fig. 3). This key 

sorting signal-enzyme interaction may hold the active site Arg233 side chain in a catalytically 

competent conformation that also stabilizes higher energy tetrahedral reaction intermediates that 

form during catalysis (see “Discussion”). 

 

4.3.2 Identification of Enzyme-Substrate Interactions Required for Catalysis 

The catalytic importance of active site and sorting signal amino acids was investigated in 

vitro using SNKDKVENPQTNAGT (sorting signal in bold) and GGGGG peptides that mimic the 

sorting signal and secondary lipid II substrates, respectively. HPLC separation of the reaction 

products indicates that SrtB used for crystallographic studies is fully functional in 

vitro (kcatand Km values for SrtB of 1.0 × 10−4 s−1 and 1.8 mM, respectively) (Fig. 4a) (57). Based 

on sequence conservation, residues His130, Cys223, and Arg233 in SrtB have been postulated to form 

a triad that mediates catalysis. In addition, it has been proposed that the side chain of Asp225, 

positioned near the active site, may also play a critical role in catalysis by stabilizing and activating 

His130 (28). To investigate the relative importance of these residues, we purified four single amino 

acid mutants of SrtB and assayed them for their ability to catalyze transpeptidation. H130A, 

C223A, and R233A mutant enzymes had no detectable activity after 24 h, whereas D225A 
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exhibited nonspecific proteolytic activity (Fig. 4b). This suggests that unlike the conserved active 

site residues (His130, Cys223, and Arg233), Asp225 is not required for early steps in transpeptidation 

that involve the formation of the first thioacyl intermediate. The D225A mutation may disrupt the 

active site architecture of SrtB, allowing recognition of various sequences as primary substrates, 

but it does not appear to play a direct role in the catalytic mechanism. Interestingly, similar 

promiscuous activity has been observed in several SrtA mutants (57, 58), as well as the wild-type 

SrtB enzyme from Listeria monocytogenes (59). 

The importance of enzyme-substrate interactions visualized in the structure of the complex 

was also tested using the HPLC assay. Sorting signal peptides containing alanine substitutions at 

sites P1 (NPQAN), P3 (NAQTN), and P4 (APQTN) were unreactive (Fig. 4c), compatible with 

extensive enzyme contacts to the side chains of these residues in the structure of the complex. In 

contrast, peptides containing an alanine substitution at either site P2 (NPATN) or P1′ (NPQTA) 

could be processed by the enzyme to yield transpeptidation products, although they were less 

reactive than the native signal. The ability of SrtB to process the P2 mutant peptide (NPATN) is 

compatible with the structure of the complex as the side chain of residue P2 projects out of the 

binding pocket toward the β7/β8 loop. The SrtA enzyme also processes signals containing a range 

of amino acids at site P2 in its LPXTG sorting signal (60), suggesting that this promiscuity is 

evolutionarily conserved. 

The structure of the SrtB-NPQT* complex and computational model of the thioacyl 

intermediate reveal that the threonine side chain within the sorting signal likely plays a key role in 

catalysis by stabilizing the positioning of Arg233 through hydrogen bonding (Figs. 2b and 3). To 

determine the importance of this interaction in catalysis, we tested how efficiently NPQSN and 

NPQVN peptides were used as transpeptidation substrates. These peptides are identical to the 



124 

 

native sorting signal peptide but contain threonine to serine and threonine to valine mutations at 

the P1 position of the signal, respectively. The threonine to serine substitution preserves the 

hydroxyl group that hydrogen bonds to Arg233 but removes the methyl group of threonine that 

interacts with the side chains of Tyr128 and Ile182. In contrast, introduction of a valine substitution 

eliminates the hydroxyl group but does not significantly alter the size or shape of the P1 residue. 

Both peptides were unreactive, suggesting that each type of substrate-enzyme interaction is 

important for catalysis (Fig. 4c). 

 

4.3.3 Molecular Dynamics Simulations of SrtA and SrtB Reveal a Conserved  

 Mechanism through which the Substrate Stabilizes the Positioning of the Active  

 Site Arginine Residue 

The atomic structures of only two sortases covalently bound to their substrates have been 

determined: the NMR structure of SrtA bound to an LPAT* peptide (24) and the structure of the 

SrtB complex reported here (Fig. 5). A comparison reveals a generally similar mode of binding in 

which the signals adopt an L-shaped structure enabling extensive enzyme contacts to the side 

chains of residues located at positions P4 and P3 (Leu-Pro and Asn-Pro in the SrtA and SrtB 

substrates, respectively). Interestingly, although both bound sorting signals contain a conserved 

threonine residue at the P1 position, the side chain of this amino acid is oriented differently in the 

structures of the SrtA-LPAT* and SrtB-NPQT* complexes. As described above, in SrtB the side 

chain of the P1 Thr residue faces “in” and interacts with the active site arginine, and the side chain 

of the P2 Gln residue projects “out” toward the β7/β8 loop. In contrast, in the SrtA-LPAT* 

structure the P1 Thr points out toward the solvent and the P2 Ala residue points in toward the 



125 

 

bottom of the binding pocket. This conformational difference occurs because the P1 and P2 

residues in each signal have distinct backbone torsional angles; the P2 ϕ and ψ angles are 51 and 

98° for SrtA-LPAT*, and −75 and 127° for SrtB-NPQT*, respectively, and the P1 T* pseudo ϕ 

and ψ angles are −71 and −17° for SrtA-LPAT* and −119 and 25° for SrtB-NPQT*, respectively. 

This key structural difference is not caused by a lack of coordinate precision in the NMR structure 

of the SrtA-LPAT* complex because several NOEs define the positioning of the side chains of the 

P1 and P2 residues (see Fig. 1c in Ref. 24). 

It is possible that the sorting signals bound to SrtA and SrtB are flexible and thus capable 

of undergoing motions in which the P1 Thr side chain moves into, and out of, the active site. To 

investigate this issue, we performed MD simulations of both complexes using the method of 

umbrella sampling with Hamiltonian replica exchange (54). The free energy profile for transitions 

between the Thr-in (SrtB-like) and Thr-out (SrtA-like) states for the bound signals in each complex 

was then calculated. MD calculations using the coordinates of the SrtA-peptide complex indicate 

that the peptide can transition from the Thr-out conformation observed in the NMR structure of 

the SrtA-LPAT* complex (Fig. 6a, middle panel) to a Thr-in orientation observed in the structure 

of the SrtB-NPQT complex (Fig. 6a, left panel). To investigate the energetics associated with this 

transition, we calculated the free energies of intermediate structures on this pathway, which are 

represented by a two-dimensional coordinate system (Fig. 6b). The first coordinate (x axis) reports 

on the positioning of the P1 and P2 residues, and the second reaction coordinate (y axis) reports 

on the positioning of the remainder of the sorting signal relative to the enzyme. The former is 

defined as a collective coordinate that describes the structure of residues P1 and P2 relative to the 

catalytic cysteine, and the latter is defined as the radius of gyration of residues P3 and P4 with 

select atoms in the β sheet of the sortase molecule (described further under “Experimental 
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Procedures”). In the free energy profile for the covalent SrtA-LPAT complex, there are three 

dominant energy wells all with minima within 0.4 kcal/mol of one another. The region we refer to 

as well 1 corresponds to a sorting signal structure similar to that observed in the SrtB-NPQT* 

complex in which the sorting signal contacts the arginine (Thr-in) (Fig. 6a, left panel), whereas 

well 2 conformers resemble the NMR structure of the SrtA-LPAT* complex in which the P1 

threonine side chain points away from the active site (Thr-out) (Fig. 6a, middle panel). 

Interestingly, this analysis reveals that a low energy pathway exists between these two states (Fig. 

6b), suggesting that the P1 Thr and P2 Ala residues can alter their conformation within the active 

site of SrtA. This structural transition is documented in supplemental Video S1, which shows 

select snapshots from the MD trajectory in which the P2 Thr transitions from the Thr-out to Thr-

in state where it engages the active site arginine residue. Interestingly, the Thr-out to Thr-in 

transition can also occur through a third low energy intermediate (well 3) in which the hydrophobic 

residues P3 and P4 do not contact SrtA but are instead exposed to solution. This entropically 

stabilized state is presumably not significantly populated in vivo when the enzyme contacts larger 

protein substrates that contain a full cell wall sorting signal. 

In contrast to SrtA, MD simulations of the SrtB-NPQT complex reveal only a single, 

narrow free energy minimum in which the threonine remains projected into the active site (Thr-

in) where it contacts Arg233 (Fig. 6, a, right panel, and c). This indicates that the Thr-out conformer 

observed in SrtA is disfavored in SrtB. The larger size of the P2 residue in the SrtB sorting signal 

could, in principle, cause this difference. In the SrtA-LPAT complex, the P2 Ala residue adopts a 

positive ϕ angle, and the side chain projects toward the base of the binding pocket, whereas the 

larger Gln P2 residue in the SrtB bound peptide adopts a negative ϕ angle and rests on the surface 

of the enzyme. Because reduced steric stress enables amino acids with smaller side chains to more 
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readily adopt positive ϕ angles, it is possible that the smaller size of the alanine side chain in the 

LPAT signal facilitates formation of the Thr-out state. To test this hypothesis, a third free energy 

profile was computed for SrtB bound to NPAT, which changes its P2 residue to alanine (Fig. 6d). 

This change expanded the range of conformers accessible to the peptide bound to SrtB (Fig. 6, 

compare c and d), but it did not encourage sampling of the Thr-out state observed in SrtA. This 

suggests that features of the SrtB-peptide complex other than the identity of its P2 residue are 

important for dictating how the P1 Thr residue is positioned (described below). In sum, our MD 

simulations indicate that sorting signals bound to both SrtA and SrtB can adopt conformations in 

which the P1 Thr side chain is located within the active site for stabilizing interactions with the 

active site arginine. In SrtB this is the predominant state of the signal, whereas in SrtA, it is one of 

two possible low energy binding conformations. 

 

4.4 Discussion 

Members of the sortase superfamily catalyze transpeptidation reactions that covalently 

attach proteins to the bacterial cell wall or assemble pili (1,–3). At present, over a thousand sortase 

enzymes have been identified that, based on their primary sequences and functions, can be 

partitioned into at least six distinct families (called class A to F enzymes) (1). The structure of the 

SrtB-NPQT* complex reveals how class B sortases recognize their substrates. In bacterial 

pathogens, class B enzymes typically anchor heme-binding proteins to the cell wall that enable the 

bacterium to utilize host derived heme-iron as a nutrient (1, 10,–12). Our results indicate that SrtB 

recognizes its NPQTN sorting signal via a large groove adjacent to the active site formed by 

residues in the β6/β7 loop and residues within strands β4 and β7. Structurally, class B enzymes are 
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distinguished from other members of the sortase superfamily by the presence of a large β6/β7 loop 

that contains a long α-helix. In the complex, this loop plays a major role in signal recognition 

because it contacts the Asn (P4), Pro (P3), and Thr (P1) residues of the peptide, which are highly 

conserved in sorting signals recognized by class B enzymes. These substrate-enzyme contacts are 

important for catalysis because alanine substitutions at these sites in the sorting signal disrupt 

transpeptidation (Fig. 4c). As in the prototypical SrtA enzyme, site P2 in the SrtB sorting signal is 

tolerant to alanine substitution, which is consistent with the positioning of the glutamine residue 

at this site, which rests on the surface of the enzyme. Although not visualized in our structure, the 

P1′ residue following the scissile peptide bond is also tolerant to alanine mutation (Fig. 4c), 

distinguishing SrtB from the prototypical class A SrtA enzyme, which only recognizes glycine at 

the P1′ position (61). Given that the signal sequences and known structures of class B enzymes are 

highly similar, it is likely that they all recognize their substrates in a fashion similar to what is seen 

in the SrtB-NPQT* complex. Interestingly, our results indicate that SrtA and SrtB enzymes 

recognize their cognate sorting signals in a generally similar manner, despite the fact that the 

enzymes share only 26% sequence identity and that they recognize distinct LPXTG and NPQTN 

sorting signals, respectively. A comparison of the SrtB-NPQT* and previously reported NMR 

structure of the SrtA-LPAT* complex reveals that the bound sorting signals both adopt an L-

shaped conformation in which the proline residue at position P3 redirects the polypeptide to 

position the side chain of the P4 residue so that it contacts the β6/β7 loop. This general mode of 

binding is likely a conserved feature of substrate recognition by sortase enzymes as an inspection 

of sorting signals predicted to be processed by these enzymes shows that over 90% of them contain 

a proline at P3 (60). 
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Computational modeling of the thioacyl enzyme-substrate reaction intermediate suggests 

that SrtB facilitates catalysis by forming a substrate-stabilized oxyanion hole. In both the 

experimental and energy-minimized model of this reaction intermediate, the conserved active site 

arginine (Arg233) is held in place near the scissile bond by donating a hydrogen bond from its ϵ-

nitrogen to the hydroxyl group of the threonine located at the P1 position in the sorting signal 

(Figs. 2b and 3). In the model of the thioacyl complex, this interaction positions the arginine so 

that its guanidino group and the backbone amide of Glu224 donate hydrogen bonds to the oxygen 

atom in the thioacyl bond. During catalysis, two oxyanionic transition states form; the first 

precedes the generation of the thioacyl intermediate emulated by the SrtB-NPQT* structure, and 

the second occurs after nucleophilic attack of the thioacyl bond by the amino group present in lipid 

II. It seems likely that Arg233 and Glu224 form an oxyanion hole that stabilizes these high energy 

reaction intermediates because only small changes in the positioning of the oxygen atom within 

the thioacyl bond are expected to occur when the carbonyl carbon transitions from its planar 

sp2 configuration to its tetrahedral sp3state. This is distinct from the oxyanion hole discovered in 

penicillin binding proteins that perform a similar transpeptidation reaction but use two backbone 

amides to stabilize the tetrahedral intermediate (62). The threonine residue in the sorting signal 

appears to play a significant role in stabilizing this oxyanion hole because even conservative 

mutations to either serine or valine disrupt transpeptidation (Fig. 4c). Its catalytic role is also 

substantiated by the high degree of sequence conservation at site P1 in all known SrtB substrates. 

The putative oxyanion hole reported here is compatible with results obtained by McCafferty and 

co-workers (22, 23), who demonstrated that the analogous arginine in the SrtA enzyme is 

intolerant to mutation, except when substituted with citrulline, an arginine isostere that lacks a 

formal positive charge. 
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MD simulations indicate that the SrtA enzyme can also form a substrate stabilized 

oxyanion hole that could facilitate catalysis. In the structures of the SrtB-NPQT* and SrtA-LPAT* 

complexes, the bound sorting signals adopt similar L-shaped conformations. However, the 

positioning of the P1 Thr residue in each sorting signal differs substantially; in SrtB-NPQT*, the 

threonine side chain interacts with the active site arginine residue (Thr-in conformation) (described 

above), whereas in the SrtA complex, the analogous threonine residue projects away from the 

active site (Thr-out conformation). Because the threonine in the SrtA complex is not positioned to 

form stabilizing interactions with the active site arginine residue, we wondered whether the Thr-

in conformer observed in the SrtB complex could also be sampled by the bound SrtA sorting signal 

to stabilize its tetrahedral reaction intermediates. To investigate this issue, MD simulations of the 

SrtA thioacyl complex were performed, revealing that the P1 threonine residue can transition from 

the Thr-out to the Thr-in state presumably needed to construct the oxyanion hole (supplemental 

Video S1 and Fig. 6). Conformations of the SrtA-LPAT complex in which the threonine side chain 

of the sorting signal forms interactions with the active site arginine were obtained without major 

rearrangement of the structure of the enzyme. Interestingly, a previous MD study based on the 

SrtA-LPAT* NMR structure reports that the active site arginine residue functions only to position 

the sorting signal substrate by hydrogen bonding to its backbone carbonyl atoms at positions P2 

and P4 (25). Our work is compatible with this conclusion but suggests that this stabilizing 

interaction will only occur when the P1 Thr samples the out position that is presumably not 

catalytically active. Thus, based on primary sequence conservation and the demonstrated 

importance of the P1 Thr in catalysis in both SrtA and SrtB, we conclude that the Thr-in 

conformation observed in the SrtB structure, and accessible to SrtA, represents a catalytically 

competent form of the peptide that is essential for stabilizing the tetrahedral transition state. 
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The active site of SrtB appears to be more conformationally restrictive than SrtA because 

MD simulations of the SrtB-NPQT thioacyl complex reveal that only the Thr-in conformer is 

accessible to the bound peptide. This is compatible with structural and NMR relaxation data, which 

have shown that the active site of SrtA contains a flexible β6/β7 loop that becomes ordered upon 

substrate binding (24, 63), whereas SrtB contains a preformed, rigid binding pocket for its sorting 

signal substrate. Interestingly, inspection of the MD data suggests that SrtA can form unique 

contacts to the sorting signal that may stabilize the Thr-out conformer. In the NMR structure of 

the SrtA-LPAT* structure, the conserved active site His101 residue is positioned to form a 3.1 Å 

hydrogen bond from its ϵ-nitrogen to the P1 Thr hydroxyl. In contrast, although the SrtB active 

site histidine is about the same distance from the active site cysteine as the analogous residues in 

SrtA (∼5.2 Å from His δ-N to Cys S), this potential stabilizing interaction for the Thr-out 

conformer is obstructed by the side chain of Leu96, which is inserted between His130 and Cys223 in 

SrtB. Thus, the more restrictive active site of SrtB and the lack of stabilizing interactions may 

prevent the signal bound to SrtB from adopting the catalytically nonproductive Thr-out conformer. 

It is unlikely that the ability of the SrtA peptide to sample the less reactive Thr-out state impacts 

the kinetics of transpeptidation because the half-life of the long-lived thioacyl intermediate 

presumably far exceeds the time needed for the threonine residue to transition between its Thr-in 

and Thr-out conformers. 

It seems likely that nearly all members of the sortase superfamily will employ a substrate 

stabilized oxyanion hole to anchor proteins to the cell wall or to assemble pili. Based on structural 

and mutagenesis data, the transpeptidation reaction will be initiated when the sorting signal of the 

partially secreted protein substrate binds to the groove on sortase formed by residues in the β6/β7 

loop and residues within strands β4 and β7. Most sorting signals can be expected to adopt an L-
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shaped structure when bound to the enzyme because they contain a proline residue at position P3 

(∼90% of predicted sorting signals) (60). For catalysis to proceed, the sortase must contain a 

properly charged active site in which the cysteine and histidine residues are in their thiolate and 

imidazolium ionization states, respectively. In isolation, only a small fraction of the enzyme may 

be properly ionized based on pKameasurements of the SrtA enzymes from S. aureus and Bacillus 

anthracis (14, 29, 64). If properly ionized, the cysteine thiolate attacks the carbonyl carbon of the 

P1 residue, forming the first tetrahedral intermediate. Our results suggest that the oxyanion in this 

intermediate is stabilized by hydrogen bonding from the active site arginine residue and a 

backbone amide group located in the β7/β8 loop (in SrtB Arg233 and the backbone amide of Glu224) 

(Fig. 7). The threonine residue within the sorting signal, at position P1, plays a key role in 

constructing the oxyanion hole by stabilizing the positioning of the arginine side chain via 

hydrogen bonding. This oxyanion hole is presumably used by most sortase enzymes to facilitate 

catalysis because they all contain conserved active site arginine residues, and ∼95% of their 

predicted sorting signal substrates contain a threonine at the P1 position (60). Breakage of the 

scissile bond is then facilitated by protonation of the amide group by His130, resulting in a 

semistable thioacyl intermediate. It remains unclear where the amino nucleophile on lipid II enters 

the active site in SrtB. A crystal structure of SrtB noncovalently bound to a triglycine peptide, 

meant to mimic the lipid II substrate, localized the binding site for the peptide to the β7/β8 loop 

(33). However, the specificity of this interaction is suspect because the peptide is expected to bind 

weakly (Km for GGGGG binding is 140 μM (43)) and because the complex was not co-crystallized 

(the peptide was soaked into the crystal). It is also important to note that in this and all crystal 

structures of SrtB solved to date, side chains from residues Asp225–Tyr227 in the β7/β8 loop are 

involved in crystal lattice contacts to symmetry related molecules in the crystal. Although it is 
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possible that these contacts simply reinforce the existing, predominant conformation of this loop, 

it is also possible that they have captured one of many possible conformations that could be 

involved in mediating substrate access to the active site. Alternatively, as originally proposed by 

Joachimiak and co-workers (28), the pentaglycine peptide in lipid II may enter the active site via 

a groove located between the β7/β8 and β2/β3 loops. This is compatible with NMR chemical shift 

perturbation studies of SrtA (24), high resolution crystal structures of other sortase enzymes, which 

also contain a similarly positioned groove (30, 32), and the presence of the highly conserved 

histidine residue in this groove that has been proposed to function as a general base that 

deprotonates lipid II. Our model of the thioacyl intermediate does not rule out either of these entry 

points. However, it is most compatible with lipid II entering via the groove between the β7/β8 and 

β2/β3 loops because from this direction, attack of the carbonyl carbon by the amino nucleophile 

will generate a tetrahedral intermediate whose negative charge is positioned to be stabilized by the 

oxyanion hole formed by Arg233. The transpeptidation reaction would then be completed by the 

collapse of the second tetrahedral intermediate into the final, covalently linked, protein-lipid II 

product. Additional hybrid quantum mechanics/molecular mechanics simulations are currently 

underway to quantitatively investigate the role of the oxyanion hole in catalysis. Beyond providing 

fundamental insight into the process of protein display and pilin assembly in bacteria, the new 

mechanistic insights reported in this paper could guide the rational design of therapeutically useful 

transition state analog inhibitors of sortases and facilitate protein engineering efforts to expand the 

utility of sortases as biochemical reagents. 
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4.5 Experimental Procedures 

4.5.1 Production, Crystallization, and Structure Determination of SrtB-NPQT*

 Complex 

DNA encoding SrtB (residues 31–244) was amplified by PCR from S. aureus genomic 

DNA, cloned into a pE-SUMO vector (LifeSensors) and transformed into Escherichia coli Rosetta 

(DE3) pLysS cells (Novagen). Protein expression was induced by addition of 1 mM isopropyl β-

D-1-thiogalactopyranoside and allowed to continue for 16 h at 16 °C. Protein was purified by 

affinity purification using HisPur cobalt resin (Thermo) per the manufacturer's instructions. The 

His6-SUMO tag was then cleaved by incubating the protein overnight at 4 °C with recombinant 

ULP1 protease and removed by reapplying the protein mixture to the HisPur cobalt resin. Cbz-

NPQT* (where T* is (2R,3S)-3-amino-4-mercapto-2-butanol, and Cbz is a carbobenzyloxy 

protecting group) was synthesized as in Ref. 34 and added to purified SrtB in modification buffer 

(10 mM Tris-HCl, pH 7.0, 20 mM NaCl, 1 M L-proline) at a ratio of 10:1 for a final concentration 

of 1 mM Cbz-NPQT* to 100 μM SrtB. The reaction was first reduced with 1 mM DTT for 4 h, then 

oxidized by addition of 10 mM CuCl2, and allowed to rock gently at room temperature for 7 days. 

Production of stable complex was confirmed by MALDI mass spectrometry. 

Crystals of the SrtB-NPQT* complex were produced from a stock of 150 μM SrtB-NPQT* 

in 10 mM Tris-HCl, pH 7.0, 20 mM NaCl. Crystals were grown using the hanging drop, vapor 

diffusion method in 2.8 M ammonium sulfate, 70 mM sodium citrate, pH 5.0. Data were collected 

on Beamline 24-ID-C at 100 K at the Advanced Photon Source (λ = 0.964 Å). Three data sets were 

scaled, integrated, and merged using XDS and XSCALE (35). Using conventional criteria, the 

resolution boundary for the data set might have been drawn at 2.9 Å given that I/σ in this shell 
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(2.98–2.90 Å) is 2.0, and Rmerge is 72%, with a completeness of 95% and a multiplicity of 5.2. 

However, recent studies from Karplus and Diederichs (36) have indicated that the CC1/2 statistic 

has superior properties as an indicator of data precision compared with Rmerge. Moreover, in their 

study, and in the following work (37), the authors show that high resolution data typically 

discarded because of high Rmergevalues (i.e., over the conventionally acceptable threshold value of 

∼60–80%), and low I/σ values (i.e., under the conventionally acceptable threshold value of 2) 

actually contain information that can improve the quality of the model if used in refinement. Given 

these results, we thought our model would improve if we used the more generous resolution cutoff 

(2.5 Å) indicated by the CC1/2 statistic (50.4% in the 2.5 Å shell), rather than a conventionally 

accepted limit (2.9 Å) indicated by the Rmerge and I/σ statistics. Thus, data extending to 2.5 Å 

resolution were used for the refinement process, although by conventional standards, the structure 

should be considered to be resolved at 2.9 Å resolution. 

Phases were determined by molecular replacement using the unmodified SrtB structure 

(28) (Protein Data Bank code 1NG5) as a search model in the program Phaser (38). The NPQT* 

modifier was modeled into positive density using COOT (39, 40), and the model was prepared 

through successive iterations of manual adjustment in COOT and refinement in BUSTER (41, 42). 

 

4.5.2 Transpeptidation Assay 

Active site mutants were produced using the QuikChange site-directed mutagenesis kit 

(Stratagene) as per the manufacturer's instructions, confirmed by DNA sequencing, and expressed 

and purified as described for the wild-type protein. In vitro transpeptidation reactions were 

performed based on the method developed by Kruger et al. (43). 100 μM SrtB (wild-type or 
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mutant) was incubated with 2 mM GGGGG and 200 μM peptide substrate in 100 μl of assay buffer 

(300 mM Tris-HCl and 150 mM NaCl) at 37 °C for 24 h. The reactions were quenched by adding 

50 μl of 1 M HCl and injected onto a Waters XSelect HSS C18 reversed phase HPLC column. 

Peptides were eluted by applying a gradient from 3 to 23% acetonitrile (in 0.1% trifluoroacetic 

acid) over 25 min at a flow rate of 1 ml/min. Elution of the peptides was monitored by absorbance 

at 215 nm. Peak fractions were collected, and their identities were confirmed by MALDI-TOF 

mass spectrometry. 

 

4.5.3 Computational Modeling and Molecular Dynamics 

Molecular dynamics simulations were performed with NAMD (44), using the 

AMBER99SB-ILDN force field (45), a 2-fs time step, and the SHAKE algorithm to constrain all 

hydrogen containing bonds (46). Nonbonded interactions were truncated at 10 Å, with the use of 

a smoothing function beginning at 9 Å, and long range electrostatics were handled with the particle 

mesh Ewald method using a maximum grid spacing of 1 Å and a cubic B spline (47). Parameters 

for the Cys-Thr linkage were generated with GAFF (48, 49), with the charges derived from a RESP 

fit (48). Constant temperature was maintained through the use of Langevin dynamics with a 

damping coefficient of 2 ps−1, whereas the barostat was controlled through a Nosè-Hoover method 

with a target pressure of 1 atm, a piston period of 100 fs, and a damping time of 50 fs (50, 51). 

Models of the thioacyl intermediate were originally constructed from the SrtB-NPQT* 

structure by replacing the disulfide bond with a thioester in PyMOL (52). The models were 

solvated in a periodic water box with a solvent distance of 10 Å and parameterized in tLeap (53). 

Models were then energy-minimized and equilibrated in NAMD (44) by slowly removing 
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restraints from the initial atom positions over 1 ns with 2-fs steps. For simulations of SrtA, the 

NMR structure 2KID was utilized (24). 

Potential of mean force calculations were performed using two-dimensional replica-

exchange umbrella sampling calculations (54). For the first dimension (the x coordinate in Fig. 

6, b–d), a vector was defined based on the difference in positions between residues in the SrtA 

structure 2KID and the SrtB structure presented here for the heavy atoms in the backbones of 

residues P1, P2, the catalytic cysteine, and the three residues upstream of it in the sortase molecule, 

along with the heavy atoms in the backbone of residues P1 and the catalytic cysteine. The second 

coordinate (the y axis in Fig. 6, b–d) was defined as the radius of gyration for the C atoms in 

residues 98–100 and 142–144 in SrtA (or residues 171–173 and 235–237 in SrtB) along with the 

heavy atoms of residues P4 and P3. Restraints for umbrella sampling were evenly spaced every 10 

Å from −100 to 100 Å in the first coordinate and every 0.5 Å from 5 to 14 Å in the second 

coordinate. This created a total of 399 simulation “windows,” each of which were simulated for 

10 ns. Positions were exchanged between adjacent windows every 1 ps based upon a Metropolis 

criteria with a temperature of 300 K. The weighted histogram analysis method was used for 

computing the potential of mean force based upon the umbrella sampling calculations (55). 

Analysis of subsamples from these simulations indicate that the overall free energy profiles require 

on the order of 5 ns to equilibrate; thus the first 5 ns of each window is discarded in the weighted 

histogram analysis method analysis presented here. 
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4.6 Figures 

 

Figure 4.1 Structure of the SrtB-NPQT* complex. 

(a) a comparison of the chemical bonds that join the peptide substrate to the SrtB enzyme in the 

SrtB-NPQT* complex (left panel) and the SrtB-NPQT thioacyl catalytic intermediate (right 

panel). Atoms from SrtB are colored red. (b) ribbon diagram of the SrtB-NPQT* complex. Green, 

β2/β3 loop; orange, β6/β7 loop; red, β7/β8 loop. Active site residues and substrate analog are 

shown as sticks. (c) surface representation of SrtB in the complex utilizing the same color scheme 

as in (b). Active site residue Arg233 is highlighted in blue, and Cys223is in yellow. 
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Table 4.1 Crystallographic data collection and refinement statistics 

 

Parameters SrtB-NPQTs* 

Data collection  

    Space group P21 

    Cell dimensions  

        a, b, c (Å) 102.6, 59.12, 72.49 

    Resolution (Å) 72.49–2.49 (2.58–2.49) 

    Rmerge 26.6 (212.4) 

    I/σ(I) 3.8 (0.7) 

    Completeness (%) 92.2 (94.2) 

    Multiplicity 5.1 (5.0) 

    CC1/2 98.6 (50.4)a 

    CC 99.6 (81.8)a 

Refinement  

    Resolution (Å) 72.49–2.49 

    No. Reflections 28147 

    Rwork/Rfree 21.5/27.1 

    CCwork 94.4 (76.4)b 

    CCfree 87.7 (75.5)b 

    No. atoms  

        Protein 7248 

        Ligand/ion 176 

        Water 27 

    B factors  

        Mean 72.5 

        Wilson 56.2 

        Protein 72.3 

        Ligand/ion 87.6 

        Water 29.9 

    Root mean square deviation  

        Bond lengths (Å) 0.010 

        Bond angles (°) 1.26 
a The values are reported as percentages (%). 

b The values in parentheses are highest resolution shell. 

 

http://www.jbc.org/content/289/13/8891/T1.expansion.html#fn-1
http://www.jbc.org/content/289/13/8891/T1.expansion.html#fn-1
http://www.jbc.org/content/289/13/8891/T1.expansion.html#fn-2
http://www.jbc.org/content/289/13/8891/T1.expansion.html#fn-2
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Figure 4.2 Structure and interactions of the NPQT* modifier in complex with SrtB.  

(a) Fo − Fc map contoured at 3 σ. Electron density (gray mesh) was generated by removing the 

NPQT* peptide from the final model and repeating refinement. The map shown is an average of 
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the density from all four chains in the asymmetric unit. The peptide extends from the active site 

cysteine. (b) stereo view of the NPQT* peptide (gray sticks) and interacting residues (blue sticks). 

Hydrogen bonds are indicated by dashed green lines. (c) diagram of the interactions between SrtB 

(blue) and the NPQT* peptide (gray). Hydrogen bonds are indicated by dashed green lines. SrtB 

residues that make only hydrophobic contacts are depicted as blue circles positioned near their 

most significant point of contact to the peptide. 
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Figure 4.3 Expanded view of the active site in the energy-minimized model of the SrtB- 

  NPQT thioacyl intermediate.  

Interactions between SrtB and the threonine residue in the sorting signal are shown. The thioacyl 

carbonyl oxygen atom is positioned to accept hydrogen bonds from the η-nitrogen atom of 

Arg233 and the backbone nitrogen atom of Glu224. The side chain of Arg233 is held in position by a 

hydrogen bond between its ϵ-nitrogen atom and the hydroxyl group on the Thr residue located at 

the P1 position of the sorting signal.  
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Figure 4.4 Transpeptidation activity of wild-type and mutant SrtB.  

(a) representative HPLC chromatograms showing the reaction products that are produced when 

SrtB was incubated with SNKDKVENPQTNAGT (sorting signal in bold type) and GGGGG 

peptides that mimic its sorting signal and secondary lipid II substrates, respectively. Reactions 

performed in the presence (left panel) and absence (right panel) of SrtB are shown. Only when 

SrtB is present (left panel) is the appropriate transpeptidation peptide product produced 

(SNKDKVENPQTGGGGG). (b) transpeptidation activity of SrtB mutants. The indicated SrtB 

mutant was incubated with 200 μM peptide containing an NPQTN sorting signal and pentaglycine 

and monitored by HPLC as described above. The dark shaded bars indicate the amount of full-
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length peptide remaining after reaction with the enzyme. The lightly shaded bar indicates the 

amount of transpeptidation product that was formed. An asterisk indicates that no transpeptidation 

product could be detected after 24 h. The error bars represent the standard deviation of three 

reactions. (c) transpeptidation activity of sorting signal amino acid mutants. Sorting signal peptides 

containing select alanine substitutions were assayed for their ability to be utilized by SrtB as a 

substrate and monitored by HPLC as described above. The amount of transpeptidation product 

formed for each mutant peptide is expressed as a percentage of the amount formed from reaction 

of SrtB with the native NPQTN sorting signal. 
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Figure 4.5 Alignment of SrtB-NPQT* and SrtA-LPAT* from Ref. 24.  

SrtB is shown as blue ribbons, and SrtA is shown as green ribbons. 
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Figure 4.6 Structures and free energy profiles of the SrtA and SrtB thioacyl complexes.  

(a) selected structures obtained from MD simulations of the SrtA and SrtB thioacyl complexes. 

The left and middle panels show structures of the SrtA thioacyl complex in which the threonine 

side chain in the sorting signal either interacts with the active site arginine (left panel, SrtA-LPAT 

Thr-“In”) or projects away from the active site (middle panel, SrtA-LPAT Thr-“Out”). The right 

panel shows the structure of the SrtB-NPQT thioacyl complex in which the threonine side chain 

interacts with the arginine residue (Thr-in). The structures are displayed with the SrtA and SrtB 

surfaces colored green and blue, respectively. Surface representations of labeled active site 

residues were calculated independently of the remaining protein surface, which allows for the 

visualization of SrtB His130 (cyan) behind Leu96 (dark gray) in the right panel, even though this 

residue would not normally be considered solvent-accessible in this conformation. (b–d) free 
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energies were calculated from positions sampled during a Hamiltonian replica exchange 

simulation for the SrtA-LPAT (b), SrtB-NPQT (c), and SrtB-NPAT (d) thioacyl complexes. 

The x axis records the position of P1 and P2 residues in the bound sorting signal relative to the 

active site cysteine residue. The y axis describes the positioning of residues P3 and P4 in the sorting 

signal relative to the body of the protein. 
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Figure 4.7 The SrtB transpeptidation mechanism showing how the sorting signal may 

stabilize the oxyanion hole.  

(a) the SrtB active site with His130 in its imidazolium form and Cys223 in its thiolate form. (b) the 

NPQTN substrate binds with its P1 Thr residue in the in position within the active site. The 

Cys223 thiolate performs a nucleophilic attack on the P1 Thr carbonyl carbon. (c) the first 

tetrahedral intermediate is formed. The P1 Thr residue interacts with Arg233 to construct a 

substrate-stabilized oxyanion hole in which the side chain of Arg233 and the backbone amide of 

Glu224hydrogen bond to the oxyanion. The His130 imidazolium group donates a proton to the 

leaving group to complete breakage of scissile bond. (d) the P1 Thr residue maintains hydrogen 

bonds with Arg233 to stabilize its interaction with the thioacyl intermediate. (e) the incoming 

GGGGG peptide from lipid II acts as a nucleophile that attacks the carbonyl carbon of the thioacyl 

bond. (f) the second tetrahedral intermediate is formed and is again stabilized by the substrate-

stabilized oxyanion hole. This intermediate then collapses, releasing the NPQTGGGGG 

transpeptidation product and returning the enzyme to its active form (a). 
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5.1 Overview 

Whole cell protein display is a developing technology that could simplify research, 

pharmaceutical, and industrial processes. However, the activity and stability of displayed proteins 

require additional improvements before wide-spread inclusion into these processes. Bacillus 

subtilis, a Gram-positive bacterium, is a promising host for cell surface display systems. Here we 

report that commonly used protease deficient strains of B. subtilis are insufficient for stable protein 

display due to cell wall turnover and the release of intracellular proteases by displaying 

Clostridium thermocellum endoglucanase Cel8A through a noncovalent cell wall binding motif, 

LysM. Growth in medium supplemented with protease inhibitor cocktail stabilizes protein display 

by preventing the action of released intracellular proteases. Additives that help maintain an 

energized cell membrane can prevent autolysin activity and further prolong cell surface associated 

activity for over 2 days. This work identifies important stabilizing solution conditions and potential 

strain improvements that can be made in B. subtilis in order to facilitate the development of whole 

cell display systems. 
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5.2 Introduction 

The ability to engineer bacteria to robustly display heterologous proteins has many 

potential biotechnological applications, including but not limited to protein engineering, 

commodity production, biosensing, and bioremediation [1-3]. Bacterial surface display is 

attractive because of its simplicity, since protein production and cell surface attachment are 

simultaneously achieved during cell growth, circumventing the need for time-consuming enzyme 

purification and immobilization steps. Additionally, immobilization can improve enzyme stability, 

which could generate cost-effective biocatalysts [4-8]. Moreover, if cells are engineered to display 

cellular enzymes, they could endow the microbe with potent cellulolytic activity, allowing them 

to be used in the consolidated bioprocessing of plant biomass (lignocellulose) into biofuels and 

other useful commodities [9-11]. Thus, there is a need to devise methods to densely array proteins 

onto microbial surfaces, and we must understand and control the cellular processes that lead to 

protein loss from the cell surface. 

 Gram-positive bacterial species may be particularly well suited for displaying heterologous 

proteins due to the relative simple organization of their cell envelope, which consists of a single 

membrane that is surrounded by a thick peptidoglycan wall. As a result, a number of groups have 

sought to engineer the surface proteome of Bacillus subtilis, a genetically tractable model Gram-

positive bacterium that has an established role in industry and generally regarded as safe status 

(GRAS) [12, 13]. B. subtilis is capable of secreting prodigious quantities of proteins, a potential 

prerequisite for densely displaying heterologous proteins. It can exist as either vegetative cells or 

spores, and protein display systems for both forms of B. subtilis have been reported [14]. While 

spores are very stable, vegetative cells may be better suited for use as biocatalysts as they are larger 
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and can display more proteins. Moreover, unlike spores, vegetative cells are metabolically active, 

enabling their potential use in the consolidated bioprocessing of plant biomass. 

Several approaches have been developed to display heterologous proteins on the surface of 

vegetative B. subtilis cells [15]. These methods either covalently or non-covalently attach proteins 

to the cell wall peptidoglycan after they are first secreted in an unfolded state through the Sec 

translocon. Covalent cell wall attachment is achieved by expressing the protein with a C-terminal 

LPXTG sorting signal sequence in cells that are also engineered to express a cysteine 

transpeptidase Sortase A enzyme that joins the protein to the cross-bridge peptide of the 

peptidoglycan [16]. This approach was used to display ~240,000 copies per cell of α-amylase, 

which were attached by the Sortase A enzyme from Listeria monocytogenes [17]. Later, Liew et 

al. displayed ~47,300 copies per cell of β-lactamase, which was attached to the cell wall by the 

native B. subtilis sortase enzyme, YhcS [18]. Non-covalent attachment to the cell wall has been 

achieved by fusing proteins to either the LysM (lysin motif) domain (pfam 01476) or type II cell 

wall binding domain (pfam 04122), with highest levels of display obtained using LysM (~1.1 X 

108 β-lactamase proteins per filamentous cell) [19, 20]. While both non-covalent and covalent 

attachment methods have been demonstrated, non-covalent protein attachment may be 

advantageous because this process is simpler and more easily adapted to construct complex surface 

proteomes in which different types of proteins are present. This is because only one gene encoding 

the LysM fusion protein must be introduced into B. subtilis to display the protein and because 

noncovalent binding enables complex multifunctional assemblies to be made using a consortium 

of cells that each secrete a different type of LysM-fusion protein. The consortium approach is 

promising as it may avoid the cellular stresses that can occur when a single microbe secretes more 

than one protein at high abundance. 
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While significant effort has been put forth to improve heterologous protein secretion and 

to develop new surface display systems for B. subtilis, the determinants that control protein copy 

number and stability on the cell surface have not been well characterized. This a significant 

deficiency in our knowledge, as the ability to stably display proteins on vegetative cells is a 

prerequisite for their use in many biotechnological applications. In this study we systematically 

explored how protein, cellular, and solution determinants affected the stability and abundance of 

Clostridum thermocellum Cel8A endoglucanase when it was displayed on the cell surface of B. 

subtilis as a LysM fusion protein. Specifically, we determined the effect of LysM positioning, 

different protease deficient strains developed for industrial usage (WB800, BRB07, BRB08, and 

BRB14), and solution conditions on protein display levels and stability [21]. We show that that 

eliminating extracellular proteases and choosing conditions that maintain an energized membrane 

enables stable high density cell surface display for over two days. The ability to produce stable 

enzyme coated cell-based microparticles is an important step towards facilitating their use in 

industrial or biotechnological applications.  

 

5.3 Results 

5.3.1 Quantification of LysM-Mediated Display of the Cel8A Endoglucanase 

The LysM peptidoglycan binding module has previously been used to display 

heterologous proteins on the surface of vegetative B. subtilis cells [19, 22]. We developed a 

reporter system to study host and protein determinants that influenced the copy number and 

stability of these displayed proteins. Initially, we explored how the positioning of the LysM 

domain affected display. A series of proteins containing three LysM cell wall binding modules 
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fused to the Cel8A endoglucanase from Clostridium thermocellum were constructed and 

expressed in B. subtilis (Figure 1). The LysM module is derived from the B. subtilis LytE 

protein and has previously been used to display β-lactamase enzymes on the cell surface [19]. 

The Cel8A enzyme was chosen for this study because its enzymatic activity can readily be 

measured using a colorimetric dinitrosalicylic acid (DNS) reducing sugar assay [23]. All proteins 

are expected to be secreted from the microbe, as they contain an N-terminal signal peptide (SP) 

sequence derived from the B. subtilis PhrC protein. They also contain a hexa-histidine tag that 

enables their detection by immunoblotting. The proteins that were studied include: (i) Cel8A-

LysM, LysM fused to the C-terminus of Cel8A; (ii) LysM-Cel8A, LysM fused to the N-terminus 

of Cel8A; (iii) Cel8A-[L]-LysM, LysM fused to the C-terminus of Cel8A by a 110 amino acid 

linker segment derived from the Staphylococcus aureus FnBPB protein, and (iv) LysM-[L]-

Cel8A, Cel8A containing N-terminal LysM modules connected by the FnBPB linker. In 

addition, as a control, display of Cel8A without the LysM domains was assessed. B. subtilis 

strains expressing each protein were constructed by integrating the gene encoding the fusion 

protein into the thrC locus, which are expressed under the control of the IPTG inducible Pspac 

promoter. A list of the strains and plasmids described in this paper are presented in Table 1.  

Fusion protein display levels were initially measured in laboratory strain B. subtilis 168 

and WB800S, a strain in which eight extracellular proteases have been genetically eliminated to 

reduce the degradation of secreted proteins. WB800S is identical to strain WB800 which was 

originally constructed by Wong and colleagues, but it is resistant to spectinomycin instead of 

chloroamphenicol [24]. In WB800S, the genes encoding seven secreted feeder proteases (AprE, 

Epr, Bpr, Vpr, NprE, NprB, Mpr) are deleted, as well as the gene that encodes the cell wall 

associated protease (WprA). Cultures expressing each type of fusion protein in either strain 168 or 
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WB800S were started by inoculating growth media to OD600 = 0.05 (T = 0 hours), and protein 

expression was subsequently induced by adding IPTG when the culture reached an OD600 = 0.4 (T 

= 2 to 2.5 hours). Strains 168 and WB800S grew at similar rates and densities, and were only 

minimally affected by protein expression as demonstrated for Cel8A-LysM (Figure 2A). Per cell 

Cel8A display levels were measured by harvesting the cells by centrifugation at either mid-log 

phase (T = 5 hours) or as they entered stationary phase (T = 10 hours). To directly compare per 

cell protein display levels for the different fusion proteins in either strain 168 or WB800S, cell 

quantities were normalized to an OD600 = 2 in a 1 mL volume. Cel8A enzyme activities associated 

with the cell pellet and supernatant were then measured and the number of enzymes per cell 

estimated using the specific activity of purified Cel8A determined using a standard curve. 

Based on cell and supernatant enzyme activity measurements, the positioning of the LysM 

module and length of the linker that connects it to Cel8A substantially influences the level of 

protein display. The highest levels of per cell display are obtained for the protease deficient 

WB800S strain expressing Cel8A-LysM and Cel8A-[L]-LysM that contain LysM modules at the 

C-terminus, with Cel8A-LysM exhibiting the highest level of per cell display during exponential 

growth (~18,000 per cell). In contrast, fusion proteins containing LysM at their N-termini are 

primarily secreted into the growth media and do not associate with the cell surface (compare 

Table 2 and Table 3). Western blot analysis of fractionated cells expressing LysM-Cel8A and 

LysM-[L]-Cel8A indicate that they are degraded and not present on the cell surface (data not 

shown). Therefore, only fusion proteins containing LysM modules fused to the C-terminus 

(Cel8A-LysM and Cel8A-[L]-LysM) were studied further.  
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5.3.2 Displayed Cel8A Activity Declines as B. subtilis Enters the Stationary Phase 

Enzyme measurements suggest that the Cel8A-LysM and Cel8A-[L]-LysM fusions are not 

stably displayed, since lower per cell associated enzyme activities are observed for cells at T = 10 

versus T = 5 hours (Table 2 and Figure 2B). To more precisely define the temporal dependence 

of protein display, the cell associated Cel8A-LysM and Cel8A-[L]-LysM activity was measured 

at various times after protein induction with IPTG (Figures 2C, D). Consistent with the two time-

point data, the Cel8A-LysM fusion protein shows the highest level of display in both the 168 and 

WB800S strains, with superior display levels observed in WB800S. Interestingly, in both strains 

the number of Cel8A-LysM molecules per cell peaks during exponential growth and then 

progressively declines as the cells enter stationary phase. The loss is substantial, with displayed 

Cel8A-LysM in strains 168 and WB800 exhibiting 68% and 66% declines from their maximal 

levels at 10 hours, and further declines after a day. Interestingly, the Cel8A-[L]-LysM protein, 

which contains a 110 amino acid linker segment, also shows a similar spike in per cell display that 

subsequently declines. However, the overall display levels are lower than for Cel8A-LysM. These 

data indicate Cel8A proteins connected via a short polypeptide linker to the LysM domain have 

increased stability over Cel8A-[L]-LysM and suggest that extracellular proteases present in both 

strains and/or cell wall turn-over may reduce protein display levels as cells enter stationary phase.  

To better understand why surface enzyme activity is unstable, WB800S cells expressing 

the Cel8A, Cel8A-LysM and Cel8A-[L]-LysM proteins were fractionated and the secreted, cell 

wall, and protoplast fractions were probed by Western blotting using an anti-His6 antibody (Figure 

3). As expected, the control strain that expresses Cel8A lacking the LysM modules secretes this 

protein into the medium, with little or no intact enzyme observed in the protoplast or cell wall 

fractions. In contrast and consistent with the cell-associated activity data, cells expressing the 
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Cel8A-LysM fusion retain this protein in the cell wall fraction as evidenced by the presence of a 

band at 63 kDa. However, the fusion protein likely undergoes partial proteolysis as an intense band 

is also observed at 41 kDa in the cell wall fraction. This band presumably corresponds to a His6-

Cel8A degradation fragment of Cel8A-LysM as it has similar mobility as the enzyme that is 

secreted from the Cel8A expressing cells and because it contains a histidine epitope (Figure 1). 

This degradation fragment is also present in the secreted fraction of the Cel8A-LysM expressing 

cells, compatible with the measured cellulolytic activity of the supernatant (Table 3). Thus, 

Cel8A-LysM is expressed and can associate with the cell wall, but the majority of the protein is 

proteolyzed. The Western blotting data also explains why WB800S strains that produce Cel8A-

LysM have more cell associated activity than cells that produce Cel8A-[L]-LysM. This is because 

only small amounts of intact Cel8A-[L]-LysM protein is observed in the cell wall fraction of these 

cells, indicated by the faint band at approximately 75 kDa. In contrast, the majority of this longer 

construct is degraded, resulting in both the retention of Cel8A in the cell wall and release into the 

medium. Consistent with the whole cell activity assays, Western blotting analysis reveals that cells 

producing LysM fused to the N-terminus (LysM-Cel8A and LysM-[L]-Cel8A) did not display 

intact protein in the cell wall (data not shown). Combined, this data indicates that fusing LysM 

directly to the C-terminus of Cel8A results in the highest levels of protein display, but nevertheless, 

significant proteolytic degradation occurs even in strain WB800S in which eight extracellular 

proteases have been genetically deleted. 

 

5.3.3 Comparison of Protein Display in Strains WB800S, BRB07, BRB08, and BRB14 

We compared the ability of several different protease deficient strains of B. subtilis to 

display Cel8A-LysM. While the aforementioned WB800 (WB800S) strain has been widely used 
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for research purposes, its genetic background is not particularly well defined and it harbors several 

antibiotic resistance genes that were introduced during the process of strain construction 

(hygromycin, blasticidin, bleomycin, chloramphenicol) [24]. [25]. Recently, these issues have 

been overcome by Pohl et al. who have constructed several genetically well characterized strains 

that systematically eliminate select extracellular proteases using a markerless approach [21]. The 

strains include among others: BRB07, which eliminates the seven secreted scavenging proteases 

(AprE, Epr, Bpr, Vpr, NprE, NprB, Mpr); BRB08, which eliminates the seven secreted proteases 

and the cell wall associated protease (WprA); and strain BRB14, which is identical to BRB08, but 

also eliminates the two membrane associated proteases (HtrA, HtrB). Initially, we compared the 

growth rates of strains 168, WB800S, BRB07, BRB08, and BRB14 that express Cel8A or the 

Cel8A-LysM fusion proteins (Figure 4). When parent strains did not express heterologous proteins 

at 8 hours, 168 grew to an OD600 ~5.7; BRB07 and BRB08 grew similarly to an OD600 of ~5.0; 

and BRB14 and WB800S grew to OD600 ~4.2 (data not shown). Lowered cell densities may reflect 

increased activity by autolysins, which are normally degraded by extracellular proteases. The low 

cell density of WB800S, at the same level as BRB14, may be explained by the genetic burden of 

carrying several antibiotic resistance genes. When both types of heterologous proteins are 

expressed, strains 168, BRB07, and BRB08, reach a similar cell density of OD600 ~5 after 10 hours. 

In contrast, BRB14 and WB800S cells expressing Cel8A or Cel8A-LysM grow to lower optical 

densities, OD600 ~3 and ~4, respectively. These decrease in cell density with increased protease 

deficiency is similar to that demonstrated by the parent strains, although the Cel8A and Cel8A-

LysM expressing strains do reach lower overall cell density. The origin of their lower absorbance 

values is unclear, but may be in part due to cellular stress caused by protein production in these 

strains. Interestingly, the OD600 difference for Cel8A-LysM expressing BRB14 cells is also caused 
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by changes in its cellular morphology (the chaining of cells would create larger particles that would 

scatter more light and increase OD600). This is evident from differential interference contrast 

(DIC) images of the parent and Cel8A-LyM expressing BRB14 cells that reveals that protein 

expression causes this strain to transition from the typical rod shape expected for B. subtilis, into 

a tangled set of filamentous cells that are incompletely separated (Figure 5). Subtle morphological 

changes are also observed in the related BRB07 and BRB08 strains induced to express Cel8A-

LysM, but they are less pronounced and result in filaments that contain an average 3-4 cells. In 

contrast, fusion protein expression in 168 and WB800S causes negligible morphological changes.  

We next determined the ability of each of the strains to display Cel8A-LysM. As before, 

the cell associated and secreted enzyme activity was measured at mid-log (T = 5 hours) and the 

stationary phase (T = 10 hours). However, since the strains exhibit morphological differences 

(Figure 5), the total cell-associated Cel8A activity was measured and reported as milligrams of 

Cel8A-LysM protein per 100 mL volume, and not normalized to estimate per cell activity. As 

shown in Figure 6A, all of the strains display similar amounts of Cel8A-LysM at T = 5 hours 

(0.011 – 0.022 mg protein/100 mL). At T = 10 hours, strains 168, BRB07, and BRB08 completely 

lose cell-surface associated Cel8A activity, while partial activity is retained for strain WB800S (T 

= 5 hours: 0.022 mg/100 mL and T = 10 hours: 0.021 mg/100 mL) and BRB14 (T = 5 hours: 0.011 

mg/100 mL and T = 10 hours: 0.010 mg/100 mL) strains. However, it is important to note that the 

cell associated activity for WB800S and BRB14 at T = 10 hours is still greatly diminished relative 

to its value at 5 hours, since the OD600 of both strains at 10 hours is significantly larger than at 5 

hours (Figure 4). Interestingly, the loss of cell associated activity is not caused by decreases in 

fusion protein production, as all strains continue to produce functional secreted enzyme as they 
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enter stationary phase, demonstrated by the increased enzyme activity in the surrounding medium 

(Figure 6C). Thus, Cel8A-LysM display is unstable in all protease deficient strains. 

 

5.3.4 Chemically Inhibiting Proteolysis Further Increases Cell Associated Enzyme  

 Activity 

We hypothesized that loss of the Cel8A-LysM fusion protein from the cell surface may be 

caused by a previously unidentified extracellular protease that is not genetically eliminated in the 

strains we tested, or possibly by a cytosolic protease(s) that is released as a result of cell lysis as 

the cells enter stationary phase. We therefore tested the effect of growing the cells in media that 

contains a protease inhibitor cocktail (PIC) designed to inhibit the activity of both serine- and 

cysteine-type proteases. It was previously reported to not affect the growth rates of B. subtilis 168 

and WB800S [26]. Significant improvements in display are observed at both T = 5 and 10 hours 

when the cocktail is present (compare Figures 6A and 6B). This is especially noticeable in strains 

BRB07 and BRB08, which respectively exhibit 7.6- and 5.8-fold increases in displayed protein as 

compared to cells that are cultured in media that lacked PIC. At T = 10 hours, BRB08 cells contain 

the most cell associated activity (0.09 mg protein/100 mL cells). In general, similar increases in 

activity are observed for the secreted fraction when the strains are cultured in PIC, suggesting that 

protease inhibition enables Cel8A to accumulate in the medium (Figure 6D). BRB07 and BRB08 

exhibit the highest levels of secreted activity at 10 hours. Interestingly, the presence of PIC has a 

profound effect on the growth curves of the BRB07, BRB08, and BRB14 strains, which grow to 

much higher optical densities than cells cultured in media lacking PIC (Figures 4C-4E). Cultures 

of 168 and WB800S are also affected by PIC, but exhibit more modest increases in their optical 
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densities (Figure 4A-4B). Interestingly, DIC microscopy reveals that the PIC-dependent optical 

density changes are in part caused by morphological changes in strains BRB08 and BRB14 

(Figure 5). This is evident by comparing images of the parent and Cel8A-LysM expressing strains 

cultured in PIC (Figure 5). In the general, the presence of PIC in the growth media does not affect 

the morphology of the parent strains, with strain 168 existing as single rod shaped cells and the 

protease deficient strains forming short filaments that typically contain 2 cells. However, many of 

the cells are slightly elongated with the largest effect observed for BRB14. Interestingly, when 

Cel8A-LysM is produced in the presence of PIC, large changes are observed in BRB08 cells, 

which transition into long filaments that are clumped together. The morphology is similar to 

BRB14 cells expressing Cel8A-LysM cultured both in the presence or absence of PIC, which form 

even longer and more tangled filaments. More subtle effects on morphology are seen for the 168, 

WB800S and BRB07 cells, with the 168 cells adopting a curved, “macaroni” shaped structure. 

Collectively, this data indicates that when strains BRB07 and BRB08 are cultured in PIC, they 

achieve the highest level of cell displayed Cel8A-LysM activity, but BRB08 and BRB14 cells that 

lack both the feeder and wall associated WprA proteases fail to properly separate from one another 

during growth. 

 

5.3.5 Identifying Conditions to Produce Stable Enzyme Coated Cells 

For many potential biotechnological applications, the protein coated cells will need to be 

stable for several days. We therefore explored conditions to produce stable Cel8A-LysM coated 

BRB08 cells, as this strain exhibits a high level of cell associated activity when PIC is present and 

retains this activity at 10 hours (Figure 4B). Enzyme coated cells were produced as described 

previously by culturing the Cel8A-LysM expressing cells in PIC and harvesting at T = 5 hours. 
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After washing, the cells were resuspended in buffer (20 mM Tris-HCl, pH 6.0) containing different 

additives and then incubated at 37o C. The OD600 and the cell associated enzyme activity was then 

determined at various times up to 66 hours. When the cells are resuspended in buffer containing 

no additives, the OD600 steadily declines until only ~35% cells remain at 66 hours (Figure 7A). A 

concomitant decrease in cell associated activity also occurs, starting at 42 hours, before almost 

completely disappearing at 66 hours. The decline in OD600 is compatible with previous studies that 

have shown that B. subtilis will undergo autolysis in certain buffers [27], and suggests that the 

decline in cell associated activity is caused by released cytosolic proteases that degrade Cel8A-

LysM. This idea is supported by data collected from buffer containing sodium azide. This small 

molecule is known to cause autolysis and in the assay leads to rapid decreases in cell associated 

enzyme activity and absorbance at OD600 (Figure 7E). Furthermore, when PIC is included in the 

incubation buffer to prevent proteolysis, the cell associated activity is stabilized, compatible with 

the idea that PIC inhibits released cytoplasmic proteases (Figure 7D). We sought to prevent 

autolysis so as to obviate the need for PIC, as PIC is potentially expensive to use and could in 

principle also inhibit the activity of other types of heterologous enzymes if they were displayed on 

the cell surface. Jolliffe et al. have demonstrated that the presence of glycerol or glucose in the 

culture media prevents cell lysis, presumably by maintaining the electrochemical gradient across 

the membrane bilayer. We therefore resuspended the enzyme coated cells in buffer containing 

either 0.5% glycerol or 1.3% glucose. In glycerol, approximately ~60% of the optical density is 

retained after 66 hours, and the enzyme activity persists at 120-130% of its initial activity (Figure 

7B). Similar stabilizing effects are observed when glucose is present, with enzyme activity 

maintained between 110-130% throughout the duration of the experiment (Figure 7C). Buffers 

containing both PIC and 0.5% glycerol or PIC and 1.3% glucose showed no major improvements 
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in stability as compared to cells dissolved in buffers containing only the glycerol of glucose 

additives (not shown). Thus, only glucose or glycerol appears to be needed to stabilize the cells 

and their associated enzyme activity.  

To ascertain how glycerol and PIC stabilize cell associated Cel8A-LysM activity, we 

fractionated protein expressing cells that had been incubated in these buffer components for over 

two days and probed enzyme localization by immunoblot (Figure 8). In Figure 8, we demonstrate 

that cells incubated for 66 hours in glycerol have cell wall associated activity and that Cel8A is 

not released into the supernatant. The secreted (lane 1), cell wall (lane 2), and protoplast (lane 3) 

fractions demonstrate that the BRB08 strain alone does not show natural cross-reactivity with the 

anti-His6 antibody used. When BRB08 Cel8A is fractionated, the 41 kD Cel8A protein is found 

only in the secreted fraction (lane 4) demonstrating that it does not bind the cell wall 

nonspecifically. When BRB08 Cel8A-LysM is expressed and cultured without PIC, while some 

of the full length 63 kD protein localizes correctly to the cell wall (lane 8), a large portion is cleaved 

and present in the secreted fraction at 41 kD (lane 7). BRB08 Cel8A-LysM cultured in PIC 

remained intact and cell wall localized (lane 11). If BRB08 Cel8A-LysM was cultured in glycerol, 

some cleaved protein was released into the secreted fraction (lane 13), and some was retained on 

the cell surface (lane 14). However, if BRB08 Cel8A-LysM was first cultured in PIC, then 

resuspended in a buffer containing 0.5% glycerol, the protein stayed cell surface associated for 66 

hours (lane 17), and no protein was found in the secreted fraction.  
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5.4 Discussion 

Heterologous protein display is an important tool for various biotechnological applications, 

but better display system development is necessary to facilitate its use in industrial processes [1, 

3]. The model Gram-positive bacterium B. subtilis may be well suited for heterologous protein 

display, due to its safety (GRAS status), established presence in industry, well-established genetic 

manipulation methods, high secretion capability, and a monoderm surface structure that simplifies 

protein display [12, 13]. Several approaches have been used to display proteins on the surface of 

vegetative B. subtilis. However, in order to be useful, the displayed proteins should ideally 

populate the cell surface at high densities and exhibit persistent activity for several days. To 

identify methods of stable protein display, we systematically explored the protein display 

properties of several protease deficient strains of B. subtilis, and we determined solution conditions 

that prolonged protein display and activity. Cell activity assays, microscopy, and Western blotting 

was used to monitor cell surface display of the C. thermocellum Cel8A endoglucanase fused to the 

non-covalent cell wall binding module LysM (Cel8A-LysM). LysM was chosen because it has 

been used by other groups to display proteins on B. subtilis and lactobacilli [19, 22, 28-30]. 

Initially, LysM was placed at the N- or C- terminus of the construct, either with or without a 

polypeptide linker separating the catalytic Cel8A and LysM domains. Cel8A-LysM fusion protein 

lacking a linker is displayed at the highest levels, while a construct containing a linker region 

demonstrated lower display levels due to degradation. Interestingly, Chen et al. observed higher 

display levels when LysM was placed at the N-terminus of β-lactamase with a 55 amino acid 

linker, and You et al. displayed a protein scaffold on the cell surface using N-terminal LysM 

domains without an additional linker region [19, 22]. Based on these observations, the positioning 
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of the LysM domain will likely need to be optimized on a case-by-case basis for different 

heterologous proteins.   

The strong extracellular proteolytic activity in B. subtilis limits display of Cel8A-LysM, 

but display levels can be increased by genetically inactivating these proteases. B. subtilis contains 

ten extracellular proteases: seven secreted scavenging proteases that can degrade extracellular 

proteins to use as possible nutrients upon transition into stationary phase (AprE, Epr, Bpr, Vpr, 

NprE, NprB, Mpr), a peptidoglycan associated protease that can degrade secreted proteins prior to 

release into the culture medium (WprA), and two membrane associated “quality control” proteases 

that are presumed to degrade misfolded proteins, and may guide folding through chaperone-like 

activity (HtrA and HtrB) [31-33]. Previous studies have demonstrated that when the seven secreted 

feeder proteases are deleted, only 0.15% of the extracellular protease activity remains [34], but 

deletion of the cell wall-associated WprA protease further improves protein levels [32]. Our 

studies using the WB800S cells that eliminate the feeder and cell wall proteases indicate that large 

gains in displayed Cel8A-LysM can be achieved, but the activity is unstable and decreases 

dramatically as cells enter stationary phase (Figure 2).  

Further examination of the cell associated activity of other protease deficient strains 

indicated that protease deficiency is insufficient for prolonged protein display (Figure 6A). 

WB800S had the greatest activity during exponential phase and stationary phase, while 168, 

BRB07, and BRB08 (to which WB800S is supposed to be genetically similar) lost all activity in 

stationary phase. This suggested that WB800S and BRB08, even though they are derived from 168 

and are deficient in the same proteases, possess other genetic differences that affect their ability to 

display proteins. Strain BRB14 retained a lesser amount of displayed Cel8A-LysM than WB800S 

at both time points, perhaps due to reduced protein export caused by the increased cellular stress 
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resulting from the deletion of the two membrane associated quality control proteases. The 

upregulation of the extracellular feeder proteases upon transition to stationary phase could explain 

why 168 and BRB07 experienced drops in protein level from 5 to 10 hours [35]. However, since 

WB800S, BRB08, and BRB14 also had decreased display levels, we hypothesized that the low 

cell associated activity could be due to cell lysis and the release of internal proteases. In fact, others 

have previously discovered that protease deficient strains experience increased levels of cell wall 

turnover [36]. Specifically, Krishnappa et al. found an increased level of the autolysin LytD in 

protease deficient BRB08 and BRB14 strains, and suggested that its increase could contribute to 

cellular lysis [37].  

The tight regulation of autolysins is necessary due to their cell wall hydrolyzing ability. 

Autolysins are negatively regulated by the low cell wall pH during vegetative growth due to the 

accumulation of hydrogen ions in the cell wall environment [38-41]. The use of uncoupling agents 

or ionophores can disturb the distribution of hydrogen ions, which de-energizes the membrane, 

raises the pH of the cell wall environment, and activates autolysins [27, 42]. In vegetative cells, 

the major autolysins LytC and LytD contribute to 95% of autolytic activity [43]. However, the 

major proteases NprE and AprE usually degrade autolytic enzymes and prevent autolysis [35]. In 

wild type B. subtilis 168, cell lysis does not occur until 3 hours into stationary phase, while in 

protease deficient strains, lysis begins before or immediately upon transition into stationary phase 

[35]. While protease deficient strains are valuable for improving secreted protein yield, an increase 

in autolysin levels may prove complicating for display systems due to the increased levels of cell 

lysis and the release of intracellular proteases. 

We considered that there may be active proteases present in the growth media due to the 

lysis of dead B. subtilis cells, which would be inactivated by protease inhibitor. To assess this, we 
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cultured B. subtilis cells in PIC. While all strains demonstrated improved activity and cell surface 

retention into stationary phase in the presence of PIC, WB800S demonstrated the least 

improvement, and BRB07 and BRB08 demonstrated the largest improvements in cell surface 

display (Figure 6).  In fact, BRB08 activity improved slightly from 5 to 10 hours. OD600 changes 

and DIC microscopy results revealed that PIC addition caused minor morphological changes to 

Cel8A-LysM expressing 168, BRB07, and WB800S cells, and enormous changes to BRB08 and 

BRB14 (Figure 5). Cell clumping and insufficient cell separation by BRB08 and BRB14 could 

have been caused by the lack of misfolded protein release from the cell surface, which may prevent 

cell wall hydrolases from localizing properly in the cell envelope, and interfere with normal cell 

wall synthesis and separation. Though we were interested in determining the viability of these 

cells, their morphology precluded accurate CFU determination. Altogether, these results indicated 

to us that even though WB800S and BRB08 are derived from the same parent strain and lack the 

same proteases, WB800S possesses additional genetic differences. While we knew from the 

literature that blasticidin, bleomycin, and hygromycin were used to disrupt proteases in WB800 

(from which we constructed WB800S), another group reported that WB800 also possesses 

chloramphenicol resistance [25], though it was not recorded as such by the group that initially 

constructed it [24]. This indicates that additional mutations could have been acquired at some 

point. Sequencing may reveal these genetic difference, and systematic analysis of these mutations 

could determine the impact of the acquired mutations on cell surface display. 

Other groups have reported the effects of protease deficiency and PIC addition on protein 

levels in B. subtilis. Pohl et al. examined the effect of deleting extracytoplasmic proteases on the 

levels of secreted anthrax protective antigen [21]. The protein reached highest concentrations in 

the growth medium of BRB08. In BRB14, though degradation products were not seen, PA levels 
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were lowered and the strain experienced cell wall stress due to the buildup of misfolded proteins 

at the membrane/cell wall interface. Westers et al., examined the effects of chemical protease 

inhibition and protease deficiency on secreted human interleukin-3, and found that they jointly 

improved the production of protease-sensitive secreted proteins [26]. Again, mutation of HtrA or 

HtrB did not increase protein levels. However, chemical protease inhibitors strongly triggered the 

secretion stress response in 168, which is a response to remove misfolded proteins at the 

membrane-wall interface by upregulating HtrA and HtrB.  Mild secretion stress was experienced 

by WB800. Antelmann et al. found that a cell wall bound protein WapA processing product was 

stabilized in seven protease deficient WB700, and also stabilized by a sigD mutant which had 

impaired cell wall turnover [44]. Furthermore, they determined that the lack of seven extracellular 

proteases did not cause a secretion stress response [33]. This was similar to our results, where the 

levels of our displayed protein increased both with protease deficiency (up to a point) and PIC 

addition. While we did not assess stress responses, further studies examining cellular stress levels 

may be useful indicators of strain suitability in display systems. 

Finally, we attempted to stabilize the activity of our enzyme displaying cells, as it may be 

a useful intermediary step to facilitate their use in industry while improved cell surface display 

strains are developed. To further this goal, we used several buffer conditions to stabilize cells 

initially cultured in PIC and assessed their activity over a long period of time. Since BRB08 

demonstrated improved protein display at both the T = 5 and 10 hour time points, we chose to 

work with this strain. Based on previous work by Jolliffe et al., we formulated several buffer 

conditions which stabilized enzyme activity [27]. A simple Tris buffer with glycerol (0.5%) 

preserved enzyme activity up to 66 hours, verified by both enzyme activity assays and immunoblot 

(Figures 7 and 8). Tris buffers containing glucose (1.3%) or PIC also stabilized cells, but glycerol 
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seemed to preserve activity and cell number better than glucose, and it is much cheaper than PIC. 

The presence of glycerol was assumed to prevent cell autolysis and the release of intracellular 

proteases by acting as an oxidizable carbon source that could preserve the proton motive force and 

the low pH of the cell wall [27]. The ability to stabilize cells for long periods of time using cheap 

additives may also be useful for improving yields in other processes.  

In the future, there are several improvements that can be made to improve cell surface 

display in our specific system. The construct itself may be engineered to be more resistant to 

proteases: several different linker sequences and lengths may be explored to facilitate the optimal 

orientation of the catalytic domain and cell wall anchor or the number of LysM motifs may be 

increased to try to improve cell surface binding and retention. More broadly, B. subtilis strain 

improvements are necessary: it could be improved by removing non-essential cell surface proteins 

to reveal additional binding sites (such as WapA); increasing chaperone activity to potentially give 

heterologous proteins a chance to fold properly and avoid proteolysis; or knocking out autolysins 

or sigD to lessen cell wall turnover and autolysis. Studies by Blackman et al. describe phenotypic 

changes in lytC or lytD knockout mutants such as increased cell chaining, thickened cell walls and 

septa, and a reduced rate of cell wall turnover and cellular lysis, which may allow more proteins 

to be stably anchored for long time periods [45]. Another study indicated that YoeB expression 

inhibits autolysis and has a stabilizing effect on the cell wall under conditions of cell envelope 

stress [46].  Overexpression of this protein may be protective in display systems as well. Also, 

modulating autolysin levels may be important, due to the studies mentioned above that 

demonstrated increased autolysin levels in protease deficient strains. This study is a necessary step 

towards understanding the factors contributing to cell envelope stability. Given the complications 

mentioned above in our discussion on protease deficient strains and autolysin levels, it is clear that 
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the interplay of proteases, autolysins, and recombinant protein display has to be better 

characterized to develop a strain suited to stably display proteins on its cell surface and facilitate 

the discovery and implementation of new cell surface display systems. In the future, utilization of 

high throughput methods can facilitate further studies to discover other genes implicated in cell 

surface display. 

 

5.5 Experimental Procedures 

5.5.1 Strains, Plasmids, and Cloning 

Bacterial strains and plasmids are listed in Table 1. WB800S was created by transforming 

WB800 by transforming WB800 with the pJL62 plasmid, which converted the chloroamphenicol 

resistance to spectinomycin resistance [47]. This was done to allow subsequent cloning with B. 

subtilis – E. coli shuttle plasmids containing the chloroamphenicol acetyltransferase gene. 

Cellulase genes were introduced into B. subtilis using the B. subtilis – E. coli shuttle vector, 

pBL113. This plasmid integrates into the thrC locus. Using a combination of restriction enzyme 

digest and the generation of PCR products with overlapping ends, multiple constructs were 

developed in this plasmid.  

For protein purification from E. coli, DNA was introduced into expression plasmids. DNA 

encoding Cel8A was QuikChanged to remove an internal BamHI site, amplified by PCR from the 

B. subtilis – E. coli shuttle vectors created above. Then, the DNA was amplified by PCR, cloned 

into a pE-SUMO vector (LifeSensors), and transformed into Escherichia coli Rosetta (DE3) pLysS 

cells (Novagen). Primers used are listed in Supplemental Table 1. 
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B. subtilis competent cells were created according to the following protocol. B. subtilis 

lawn plates were grown overnight at room temperature. In the morning, cells were washed off of 

the lawn plates using Lawn Wash Buffer [15 mM (NH4)2SO4, 80 mM K2HPO4, 64 mM KH2PO4, 

3.4 mM NaC3H5O(COO-)3, 1 mM MgSO4] and used to start a liquid culture of 25 mL SpC [15 

mM (NH4)2SO4, 80 mM K2HPO4, 64 mM KH2PO4, 3.4 mM NaC3H5O(COO-)3, 1 mM MgSO4, 

0.5% glucose, 0.2% yeast extract, 0.025% caseamino acids, 0.04 mg/mL required amino acids] 

with an OD600 = 0.01 in a 250 mL flask, which grew at 37°C with shaking. OD600 was monitored 

until the cells had grown for two hours past the onset of stationary phase. At this point, the 2.5 mL 

of cells were added to 23.5 mL SpII [15 mM (NH4)2SO4, 80 mM K2HPO4, 64 mM KH2PO4, 3.4 

mM NaC3H5O(COO-)3, 3.5 mM MgSO4, 0.5% glucose, 0.1% yeast extract, 0.01% caseamino 

acids, 0.04 mg/mL required amino acids]. After 90 minutes growth, cells were collected by 

centrifugation. Cells were resuspended in 2.5 mL of spent media, and used in transformation 

reactions with plasmid or mixed with glycerol to a final concentration of 10% and stored at -80°C.  

 B. subtilis competent cells were transformed with plasmids to give the strains listed in 

Table 1. In large culture tubes, 100 uL competent cells were mixed with 100 uL Transformation 

Buffer [15 mM (NH4)2SO4, 80 mM K2HPO4, 64 mM KH2PO4, 3.4 mM NaC3H5O(COO-)3, 2 mM 

EGTA]. 5 uL of plasmid DNA was added to each tube. The tubes were incubated at 37°C with 

shaking for 20 minutes before plating on LB agar and antibiotic (spectinomycin: 100 μg/mL; 

erythromycin: 1 μg/mL; chloroamphenicol: 5 μg/mL). Plates were incubated at 37°C overnight 

before colonies were picked, streak purified twice, patched to check for the correct phenotypes, 

and whole cell PCR product was sequenced (APEX Taq Red Master Mix, 2.0X).  
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5.5.2 Purification and Characterization of Cel8A 

Protein expression in E. coli BL21 containing the p-SUMO-Cel8A plasmid was induced 

by the additional of 1 mM isopropyl β-d-1-thiogalactopyranoside (IPTG) and allowed to continue 

for 16 hours at 17°C. The cell pellet was sonicated in Resuspension Buffer (50 mM Tris, pH 8.0; 

500 mM NaCl; 20 mM imidazole; 0.5% CHAPS; 1% Triton X-100; 10% glycerol; 2.5mM MgCl2) 

with added PIC and PMSF. Protein was purified using affinity purification with HisPur cobalt 

resin (Thermo). Resin was washed with Wash Buffer (50 mM Tris, pH 8.0; 500 mM NaCl; 20 mM 

imidazole; 0.5% CHAPS; 1% Triton X-100; 10% glycerol). Protein was eluted in Elution Buffer 

(50 mM Tris, pH 8.0; 500 mM NaCl; 150 mM imidazole; 0.5% CHAPS; 10% glycerol). Fractions 

were concentrated, and the His6-SUMO tag was removed by ULP1 cleavage overnight in Cleavage 

Buffer (50 mM Tris, pH 7.0; 300 mM NaCl) at 4°C. The mixture was rebound to protein to isolate 

untagged Cel8A proteins, concentrated, and used for enzyme assays. 

Purified Cel8A was added to carboxymethylcellulose (CMC) to generate a standard curve. 

Briefly, on ice, varying amounts of purified protein was added to a solution of 2.5% CMC 

dissolved in 20 mM Tris-HCl, pH 6.0, and brought to a final volume of 1 mL at a 2.0% CMC 

concentration. These samples were incubated at 37°C, shaking, for 1 hour. After 1 hour, 0.5 mL 

of each sample was withdrawn and stored in the freezer before assaying reducing sugar 

concentration by the DNS method. By plotting amount of protein (mg) versus A575, we obtained 

the following linear equation, where y = A575, and x = protein (mg). 

y = 4112x – 0.1127 
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5.5.3 Calculation of Number of Proteins/Cell 

To calculate the number of proteins/cell, the enzyme standard curve generated above was 

utilized and certain assumptions were made. We assumed that in 0.1 OD600 units are 107 cells, and 

the molecular weight of Cel8A was estimated at 41260.4 Da. After mg of protein/sample was 

determined, this value was divided by the weight of a Cel8A protein, and then divided by 20 x 107 

cells to account for the fact that the assay was performed using 2 OD600 units. Any A575 reading 

below 0.1 was outside the linear region of the protein standard curve, and regarded as 0. 

 

5.5.4 Calculation of Milligrams of Displayed Protein/100 mL Culture 

To avoid dependency on OD600 results when cell morphology was demonstrated to change 

with Cel8A-LysM overexpression and PIC addition, data was recast in a volume basis. The same 

mg protein/sample from before was multiplied by a correction factor, which was determined by 

dividing a 100 mL culture volume by the volume of culture used for the assay. The resulting 

numbers gave milligrams of protein displayed in 100 mL culture. 

 

5.5.5 Supernatant and Whole Cell Cellulase Assay 

The cellulase assay was performed as described below. From a glycerol stock, cells were 

plated onto LB agar and antibiotic plates and incubated in a 37°C incubator to allow individual 

colonies to grow. Individual colonies were picked into 5 mL LB broth and grown to saturation 

overnight. In the morning, the OD600 of each overnight culture was taken to calculate the amount 

of culture required to bring 50 mL LB broth (with antibiotic) to an OD600 = 0.05 (T = 0). For some 

cultures, we added Roche cOmplete mini EDTA-free protease inhibitor cocktail, 1 tablet per 10 

mL, as used by Westers et al. [26]. The growth of the culture at 37°C, shaking, was monitored. At 
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an OD600 = 0.4, typically somewhere between 2 to 2.5 hours after starting growth, the cultures 

were induced with a final concentration of 1 mM IPTG. These strains had been tested previously 

to demonstrate the best expression at this OD600. At T = 5 and 10 hours, culture was collected and 

normalized for cell density to reach a final OD600 = 2 in 1 mL. The sample was spun down at 5000 

g x 3 minutes. The supernatant was collected in another tube and placed on ice while the cell pellet 

was washed using 1 mL of 20 mM Tris-HCl, pH 6.0. The cell pellet was resuspended with 1 mL 

of 2.0% carboxymethylcellulose (CMC) dissolved in 20 mM Tris-HCl, pH 6.0 to determine the 

number of proteins bound to the cell surface. Then, different amounts of the supernatant fraction 

was combined with 2.5% CMC to obtain a final A575 within the linear range of the 

spectrophotometer to determine the number of proteins released into the growth media: 200 uL 

supernatant and 800 uL of 2.5% CMC; 100 uL supernatant, 100 uL of 20 mM Tris-HCl, pH 6.0, 

and 800 uL of 2.5% CMC; or 40 uL supernatant, 160 uL of 20 mM Tris-HCl, pH 6.0, and 800 uL 

of 2.5% CMC. These samples were incubated at 37°C, shaking, for 1 hour. After 1 hour, 0.5 mL 

of each sample was withdrawn and stored in the freezer. The specific activity was determined to 

be 182 umol glucose x min-1 x mg-1. This was based on a 1 hour reaction time and an enzyme 

standard curve of y = 4112x – 0.1127 where y = A575 and x = mg protein, and a glucose standard 

curve of y = 4.4539x – 0.1856 where y = A575 and x = mg glucose. We obtained 2.74 umol glucose 

in 60 minutes in reactions using 0.00025 mg protein, which was simplified to 182 umol glucose 

produced per minute by 1 mg. 

 Thawed samples were combined with an equal volume of DNS reagent [1% 3,5 

dinitrosalicylic acid, 1% NaOH, 0.2% phenol, 0.5% Na2SO3]. The mixtures of sample and DNS 

reagent were vortexed, then boiled for 10 minutes in a heat block. After heating, the samples were 

allowed to cool to room temperature. A spectrophotometer (Shimadzu, UV-1700 PharmaSpec) 
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was used to read A575. Comparison to the standard curve of purified protein Cel8A allowed for the 

determination of the number of proteins released into the supernatant or bound to the cell surface. 

 

5.5.6 Fractionation and Western Blotting 

For Western blotting, samples were prepared in the following way. In the morning, 200 

mL LB broth was inoculated with 2 mL overnight culture. IPTG was added at OD600 = 0.4. At T 

= 5 hours, cells were harvested and normalized to reach an OD600 = 333 in 0.5 mL. The cells were 

pelleted, and the LB broth was retained and filtered through a 0.22 μm membrane to avoid any cell 

debris to monitor the growth media for any secreted or cell surface-released proteins. According 

to a protocol by Cold Spring Harbor Laboratory, trichloroacetic acid was added to a final 

concentration of 10% to precipitate protein, incubated on ice for 30 minutes, spun down at 20,000 

g for 30 minutes at 4°C, and resuspended in 0.5 mL water [48]. The cell pellet was washed with 

25 mL Fractionation Wash Buffer [50 mM Tris-HCl, pH 7.6; 0.1% PMSF; 0.1% protease inhibitor 

cocktail, Sigma Aldrich P2714], prior to resuspension in 0.5 mL SET buffer [50 mM Tris-HCl, 

pH 7.6; 50 mM EDTA; 20% sucrose; 0.1% PMSF; 0.1% protease inhibitor cocktail, Sigma 

Aldrich: P2714] with 1 mg/mL lysozyme [18]. The cell walls were digested for 30 minutes at 

37°C, and the protoplast was pelleted by centrifugation at 20,000 g for 30 minutes. The soluble 

cell wall sample was collected and saved in the freezer for later analysis. Protoplasts were 

resuspended in Fractionation Wash Buffer and 2X SDS loading buffer to dilute them to a tenth of 

the concentration of the secreted and cell wall fractions for reasonable loadings, and boiled for 30 

minutes to reduce the stickiness of the samples.  

Samples were separated by SDS-PAGE. Ladder, 3 uL of MagicMark XP Western Protein 

Standard (Life Technologies: LC5602), was loaded into the first lane of a NuPAGE Novex 4-12% 



185 

 

Bis Tris 1.5 mm 15 well gel (Life Technologies: NP0336BOX). Other lanes were loaded with 7.5 

uL of each sample with 7.5 uL 2X SDS loading buffer [100 mM Tris-base, pH 6.8; 200 mM DTT; 

4% SDS; 0.2% bromophenol blue; 20% glycerol], so that each lane contains protein from 

approximately 2.5 x 108 cells. The gels were run at 200 V for 35 minutes in MES running buffer. 

After protein separation, the minigels were soaked briefly in water before transfer to a PVDF 

membrane (Life Technologies; iBlot2 System: IB24001, IB24002). The membrane was blocked 

in 20 mL TBST [20 mM Tris-HCl, pH 7.5; 500 mM NaCl, 0.05% Tween] and 5% BSA overnight 

at 4°C on an orbital shaker. In the morning, the membrane was incubated with primary antibody 

for 1 hour [Life Technologies; anti-His mouse monoclonal antibody: MA121315; dilution of 10 

uL in 10 mL TBST + 1% BSA; Abcam; anti-RpoB mouse monoclonal antibody: 8RB13; dilution 

of 10 uL in 10 mL TBST + 1% BSA, washed three times with 50 mL TBST, incubated with 

secondary antibody for 1 hour [Sigma Aldrich; anti-mouse anti-IgG linked to HRP: A9044; 

dilution of 2 uL in 10 mL TBST + 1% BSA], washed three times with 50 mL TBST, and then 

incubated with Western blot substrate. For more abundant proteins, we used Pierce ECL Western 

Blotting Substrate [Life Technologies: 32106]. For less abundant proteins, we used SuperSignal 

West Pico Chemiluminescent Substrate [Life Technologies: 34080]. Membranes were placed 

between plastic wrap, exposed to film to various amounts of time and developed [Konica Minolta 

SRX-101A]. 

 

5.5.7 Differential Interference Contrast (DIC) Microscopy 

For microscopy, cells were grown in the same conditions as mentioned above for the 

cellulase assay. Cells were harvested at T = 5 hours, spun down, and the pellet was gently 

resuspended in PBS (137 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4, and 1.8 mM KH2PO4). Cells 
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were placed onto a microscope slide, covered with cover slips coated with poly-L-lysine as 

according to a protocol by Sigma Aldrich, and visualized. Cells were observed using a Zeiss Axio 

Imager Z1 with a 63X or 100X oil immersion objective. 

 

5.5.8 Cell Stabilization by Additives 

Cell stability in various additives was tested as follows. Cells were cultured in 40 mL LB 

with PIC tablets added as described above. Protein expression was induced at an OD600 = 0.4. Cells 

were allowed to grow until T = 5 hours and harvested. Cells were washed with 30 mL water twice, 

and pellets resuspended in 30 mL CMC Buffer with additives (0.5% glycerol, 1.3% glucose, PIC, 

0.5% glycerol + PIC, 1.3% glucose + PIC, or 75 mM sodium azide) to an OD600 = 0.6. At certain 

time intervals, OD600 was recorded and activity assays using the cell pellet with 2% CMC were 

conducted as described above.  

Using OD600, the percentage of cells remaining was determined for each time point. 

Additionally, the detected enzymatic activity was normalized per volume, and cast as percentage 

activity, with the activity of the pellet at the initial harvest before resuspension with additives set 

as 100%.  
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5.6 Figures 

Table 5.1 Strains and plasmids used in this study 

Strain Description Source 

B. subtilis 

168 trpC2 Bacillus 

Genetic Stock 

Center 

168 Cel8A trpC2 thrC::pCel8A, ErmR This work 

168 Cel8A-

LysM 

trpC2 thrC::pCel8A-LysM, ErmR This work 

168 Cel8A-[L]-

LysM 

trpC2 thrC::pCel8A-[L]-LysM, ErmR This work 

BRB07 trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr Cobra 

Biologics [21] 

BRB07 Cel8A trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr 

thrC::pCel8A, ErmR 

This work 

BRB07 Cel8A-

LysM 

trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr 

thrC::pCel8A-LysM, ErmR 

This work 

BRB07 Cel8A-

[L]-LysM 

trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr 

thrC::pCel8A-[L]-LysM, ErmR 

This work 

BRB08 trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA Cobra 

Biologics [21] 

BRB08 Cel8A trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA 

thrC::pCel8A, ErmR 

This work 

BRB08 Cel8A-

LysM 

trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA 

thrC::pCel8A-LysM, ErmR 

This work 

BRB08 Cel8A-

[L]-LysM 

trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA 

thrC::pCel8A-[L]-LysM, ErmR 

This work 

BRB14 trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA, 

htrA, htrB 

Cobra 

Biologics [21] 

BRB14 Cel8A trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA, 

htrA, htrB thrC::pCel8A, ErmR 

This work 

BRB14 Cel8A-

LysM 

trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA, 

htrA, htrB thrC::pCel8A-LysM, ErmR 

This work 

BRB14 Cel8A-

[L]-LysM 

trpC2, nprB, aprE, epr, bpr, nprE, mpr, vpr, wprA, 

htrA, htrB thrC::pCel8A-[L]-LysM, ErmR 

This work 

WB800 trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg 

[24] 

WB800S trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg, cat::spc 

This work 

WB800S Cel8A trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg, cat::spc thrC::pCel8A, ErmR 

This work 
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WB800S Cel8A-

LysM 

trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg, cat::spc thrC::pCel8A-LysM, ErmR 

This work 

WB800S Cel8A-

[L]-LysM 

trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg, cat::spc thrC::pCel8A-[L]-LysM, ErmR 

This work 

WB800S LysM-

Cel8A 

trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg, cat::spc thrC::pLysM-Cel8A, ErmR 

This work 

WB800S LysM-

[L]-Cel8A 

trpC2, nprB::bsr, aprE, epr, bpr, nprE, mpr::ble, vpr, 

wprA::hyg, cat::spc thrC::pLysM-[L]-Cel8A, ErmR 

This work 

 

E. coli 

BL21 (DE3) fhuA2 [lon] ompT gal (λ DE3) [dcm] ∆hsdS 

λ DE3 = λ sBamHIo ∆EcoRI-B 

int::(lacI::PlacUV5::T7 gene1) i21 ∆nin5 

Novagen 

BL21 (DE3) 

Cel8A 

fhuA2 [lon] ompT gal (λ DE3) [dcm] ∆hsdS 

λ DE3 = λ sBamHIo ∆EcoRI-B 

int::(lacI::PlacUV5::T7 gene1) i21 ∆nin5 pE-SUMO-

Cel8A 

This work 

 

Plasmid 

pJL62 B. subtilis – E. coli shuttle vector that converts CamR 

to SpcR; AmpR, TetR 

[47] 

pBL113 B. subtilis – E. coli shuttle vector derived from 

pRDC19 [49] that integrates into the thrC locus in the 

B. subtilis genome, AmpR, ErmR, IPTG inducible 

B. Lazazzera, 

UCLA 

(unpublished) 

pCel8A PhrC signal peptide (1-35) preceding His6 tagged 

Cel8A (32-394) in pBL113 

This work 

pCel8A-LysM PhrC signal peptide (1-35) preceding His6 tagged 

Cel8A (32-394) and LysM domains (25-230) in 

pBL113 

This work 

pCel8A-[L]-

LysM 

PhrC signal peptide (1-35) preceding His6 tagged 

Cel8A (32-394), linker region from FnBPB (770-880) 

and LysM domains (25-230) in pBL113 

This work 

pLysM-Cel8A PhrC signal peptide (1-35) preceding His6 tagged 

LysM domains (25-230) and Cel8A (32-394) in 

pBL113 

This work 

pLysM-[L]-

Cel8A 

PhrC signal peptide (1-35) preceding His6 tagged 

LysM domains (25-230), linker region from FnBPB 

(770-880) and Cel8A (32-394) in pBL113 

This work 

pE-SUMO E. coli plasmid for protein overexpression and 

purification, KanR, IPTG inducible 

LifeSensors 

pE-SUMO-

Cel8A 

Overexpression of the Cel8A (32-394) catalytic 

domain in pE-SUMO 

This work 

amp, ble, bsr, cam, ery, hyg, kan, spc, and tet are antibiotic resistance markers for ampicillin, 

bleomycin, blasticidin S, chloramphenicol, erythromycin, hygromycin, kanamycin, 

spectinomycin, and tetracycline respectively. 
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Figure 5.1 Schematic representation of the recombinant proteins used in this study. 

SP = B. subtilis PhrC derived signal peptide (GenBank ZP_03590039.1; amino acids 1-35). 

Cel8A = Clostridium thermocellum endoglucanase Cel8A catalytic region (GenBank K02088.1; 

amino acids 32-394). LysM = B. subtilis LytE derived LysM domains (GenBank: U38819.1; 

amino acids 25-230). Linker = Staphylococcus aureus FnBPB derived linker region (GenBank 

ABD31805.1; amino acids 770-880). 
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Figure 5.2 Initial tests of B. subtilis 168 and WB800S strains expressing Cel8A-LysM  

  and Cel8A-[L]-LysM demonstrate cell pellet associated activity.   

(A) B. subtilis 168 and WB800S growth curves are shown.  With Cel8A-LysM expression, cells 

have similar growth rates but reach a slightly lower final OD600.  (B) Initial whole cell cellulase 

activity assays demonstrate that Cel8A-LysM and Cel8A-[L]-LysM are cell pellet associated.  

Using the DNS assay, sugar release is translated into number of active proteins by comparison to 

an enzyme standard curve, and converted to proteins per cell based upon the reported value of 

107 cells per 0.1 OD600 unit.  The number of Cel8A-LysM on the surface of 168 is lower than 

that of WB800S.  The number of Cel8A-[L]-LysM on the surface of WB800S is significantly 

lower than Cel8A-LysM. The number of proteins per cell decreases over time.  (C) Time course 
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of whole cell cellulase activity of B. subtilis 168 and WB800S strains expressing Cel8A-LysM. 

Enzyme activity drops over time. WB800S strains have higher numbers of proteins per cell and 

retain activity longer than 168 strains. (D) Time course of whole cell cellulase activity of B. 

subtilis 168 and WB800S strains expressing Cel8A-[L]-LysM. WB800S strains retain activity 

longer than 168 strains. Enzyme activity drops over time. WB800S strains have higher numbers 

of proteins per cell and retain activity longer than 168 strains.  However, the overall number of 

Cel8A-[L]-LysM proteins is much lower than Cel8A-LysM proteins. Assays were performed in 

triplicate. Error bars reflect standard deviation. 
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Figure 5.3 Initial Western blot of fractionated B. subtilis WB800S Cel8A, Cel8A-LysM, 

and Cel8A-[L]-LysM strains. 

Cells were cultured in LB broth and induced at an OD600 = 0.2.  After a total of 5 hours of 

growth, cells were harvested and normalized to the same density.  LB was TCA precipitated to 

detect secreted proteins.  The cell pellet was digested with lysozyme, and the protoplast was 

pelleted at 20,000 g x 10 minutes.  The supernatant containing solubilized cell wall was taken as 

the cell wall fraction. Ladder (L): Magic Mark XP Western Protein Standard (ThermoFisher 

Scientific, LC5602). Lanes 1, 4, 7 are secreted protein fractions.  Lanes 2, 5, 8 are cell wall 

fractions.  Lanes 3, 6, 9 are protoplast fractions, diluted by 10X relative to the other lanes. A 

primary anti-His6 mouse monoclonal antibody (Life Technologies, MA1-21315) and a secondary 

anti mouse Anti-IgG – HRP (Sigma Aldrich, A9044) was used to detect various Cel8A 

constructs.  SuperSignal West Pico Chemiluminescent Substrate for low-picogram detection 

(Life Technologies, 34087) and a 1 second exposure was used. Cel8A control is found 
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exclusively in the secreted protein fraction.  When LysM is C-terminally fused to Cel8A, the 

protein can be found in the cell wall fraction.  However, proteolysis releases Cel8A into the 

supernatant.  When Cel8A and LysM are separated by a linker, there is very little intact protein 

visualized in the cell wall fraction, and cleavage is evident.  Constructs expressing LysM at the 

N-terminus are not observed (data not shown). Asterisks indicate the recombinant protein. Cel8A 

(41.3 kDa), Cel8A-LysM (63.2 kDa), Cel8A-[L]-LysM (75.0 kDa), LysM-Cel8A (63.0 kDa), 

LysM-[L]-Cel8A (74.9 kDa).  
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Figure 5.4 Protease inhibitor cocktail causes drastic changes in observed OD600 

readings. 

(A) 168 and (B) WB800S strains demonstrate a slight increase in OD600 when cultured with PIC. 

(C) BRB07, (D) BRB08, and (E) BRB14 strains demonstrate a large increase in OD600 readings 

when cultured with PIC. Solid circles: Cel8A. Solid squares: Cel8A-LysM. Open circles: Cel8A 

+ PIC. Open squares: Cel8A-LysM + PIC. Assays were performed in triplicate. Error bars reflect 

standard deviation. 
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Figure 5.5 DIC microscopy demonstrates that cell morphology changes with PIC  

  addition and Cel8A-LysM overexpression.   

Cells were cultured with or without PIC.  Cells expressing Cel8A-LysM were induced at OD600 

= 0.4.  At T = 5 hours, cells were collected, resuspended in PBS, and visualized under the 

microscope.  BRB08 expressing Cel8A-LysM in the presence of PIC begin to clump. Most 

dramatically, BRB14 strains expressing Cel8A-LysM with or without PIC form large clumps of 

cells. 
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Figure 5.6 Cel8A-LysM activity in parent strains grown with or without protease  

  inhibitor cocktail, normalized on a per volume basis.   

(A) Without protease inhibitor, strains demonstrate cell pellet associated activity at T = 5 hours, 

which decreases at T = 10 hours. (B) With protease inhibitor, strains demonstrate improved cell 

pellet associated activity at T = 5 hours and T = 10 hours.  The greatest increases in cell pellet 

associated activity is seen at T = 5 hours for BRB07 (7.6X) and BRB08 (5.8X). At T = 10 hours, 

the BRB08 strain possesses the most cell pellet associated activity, which has actually increased 

from T = 5 hours to T = 10 hours.  The other strains have decreased in cell pellet associated 

activity. (C) Strains cultured without protease inhibitor cocktail secrete protein into the growth 
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medium, which slowly accumulates over time. (D) Strains cultured with protease inhibitor 

cocktail also secrete protein into the growth medium, and are stabilized in the presence of 

protease inhibitor.  These values are especially higher for the BRB07 and BRB08 strains. 

Asterisks indicate a significant difference between samples with or without PIC. Assays were 

performed in triplicate. Error bars reflect standard deviation. 
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Figure 5.7 Incubation of BRB08 Cel8A-LysM cells in additives stabilizes OD600 and  

  activity over long time periods.   

Cells were cultured in LB broth with PIC tablets and induced for protein expression at an OD600 

= 0.4.  After a total of 5 hours of growth, cells were harvested, washed, and normalized to an 

OD600 = 0.6 in CMC buffer with various additives. Starting at this point, samples were collected 

regularly to determine cell stability and enzyme activity.  Percent cells remaining was 

determined by OD600 readings, as compared to the initial OD600.  Percent activity was determined 

through the DNS assay, as compared to the initial cell pellet associated activity immediately 

before resuspension.  Lines indicates the percent cells remaining. Bars indicate the percent 

activity.  Glycerol, glucose, and PIC all stabilize activity.  Sodium azide induces cell lysis, and 

loss of activity is apparent. Assays were performed in triplicate. Error bars reflect standard 

deviation. 
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Figure 5.8 Western blot of fractionated B. subtilis BRB08 Cel8A-LysM confirms the  

  increased stability of strains incubated for 66 hours in glycerol.  

Cells were cultured in LB broth and induced at an OD600 = 0.4.  After a total of 5 hours of 

growth, cells were harvested and normalized to the same density.  Retained LB was TCA 

precipitated to detect secreted proteins.  The cell pellet was digested with lysozyme, and the 

protoplast was pelleted at 20,000 g x 10 minutes.  The supernatant containing solubilized cell 

wall was taken as the cell wall fraction. Ladder (L): Magic Mark XP Western Protein Standard 

(ThermoFisher Scientific, LC5602). Lanes 1, 4, 7, 10, 13, 16 are secreted protein fractions.  

Lanes 2, 5, 8, 11, 14, 17 are cell wall fractions.  Lanes 3, 6, 9, 12, 15, 18 are protoplast fractions, 

diluted by 10X relative to the other lanes. A primary anti-His6 mouse monoclonal antibody (Life 

Technologies, MA1-21315) and a secondary anti mouse Anti-IgG – HRP (Sigma Aldrich, 

A9044) was used to detect various Cel8A constructs.  SuperSignal West Pico Chemiluminescent 

Substrate for low-picogram detection (Life Technologies, 34087) and a 1 minute exposure was 

used. Without protease inhibitor cocktail in the growth medium, Cel8A-LysM was cleaved off of 
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the cell surface and released into the supernatant.  With protease inhibitor cocktail, Cel8A-LysM 

remained intact and localized to the cell wall.  When grown with glycerol, glycerol failed to have 

the same protective effect on Cel8A-LysM as protease inhibitor cocktail.  However, if cells were 

first grown in protease inhibitor cocktail and subsequently incubated in glycerol for 66 hours, the 

Cel8A-LysM protein stayed intact on the cell surface. Cel8A (41.3 kDa), Cel8A-LysM (63.2 

kDa). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



204 

 

Table 5.2 Average number of displayed proteins per cell by 168, WB800S, BRB07,  

  BRB08, BRB14 ± PIC 

 168 WB800S BRB07 BRB08 BRB14 

 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 

Without PIC 

Cel8A 0 0 0 0 0 0 0 0 3500 ± 

3100 

2700 ± 

2300 

Cel8A-

LysM 

11000 

± 

1800 

0 18000± 

800 

7200 ± 

1100 

7000 ± 

4400 

0 6700 ± 

1700 

0 13000 ± 

1700 

4900 ± 

1300 

Cel8A-

[L]-

LysM 

0 0 6900 ± 

900 

5700 ± 

200 

0 0 0 0 8200 ± 

7200 

8600 ± 

7500 

LysM-

Cel8A 

N/A N/A 3000 ± 

2600 

0 N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 0 0 N/A N/A N/A N/A N/A N/A 

With PIC 

Cel8A 0 0 0 0 0 0 0 0 0 0 

Cel8A-

LysM 

20000 

± 900 

7300 

± 100 

16000 

± 1900 

15000 ± 

1900 

36000 

± 2400 

7700 ± 

3100 

31000 

± 800 

16000 

± 4500 

16000 ± 

600 

17000 ± 

900 

Cel8A-

[L]-

LysM 

6800 

± 900 

0 9000 ± 

700 

10000 ± 

1800 

7500 ± 

1400 

0 11000 

± 900 

12000 

± 1500 

17000 ± 

800 

24000 ± 

1200 

LysM-

Cel8A 

N/A N/A 6600 ± 

1800 

6700 ± 

1900 

N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 4000 ± 

3800 

4800 ± 

1100 

N/A N/A N/A N/A N/A N/A 
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Table 5.3 Average number of protein secreted or released into growth medium per cell 

by 168, WB800S, BRB07, BRB08, BRB14 ± PIC 

 168 WB800S BRB07 BRB08 BRB14 

 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 

Without PIC 

Cel8A 123000 

± 5000 

158000 

± 9400 

152000 

± 6300 

169000 

± 6000 

97000 

± 6500 

155000 

± 23700 

111000 

± 3100 

143000 

± 37000 

89000 

± 

6300 

172000 

± 10000 

Cel8A-

LysM 

59000 

± 4800 

74000± 

4700 

55000 

± 1200 

61000 

± 5700 

45000 

± 5700 

73000 ± 

10700 

47000 

± 8500 

89000 ± 

16000 

0 40000 ± 

3500 

Cel8A-

[L]-

LysM 

97000 

± 5300 

88000 

± 3100 

92000 

± 2500 

91000 

± 7800 

69000 

± 

13000 

79000 ± 

7200 

70000 

± 1500 

97000 ± 

23000 

25000 

± 

5300 

41000 ± 

1700 

LysM-

Cel8A 

N/A N/A 47000 

± 6100 

48000 

± 9400 

N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 67000 

± 

14000 

64000 

± 4400 

N/A N/A N/A N/A N/A N/A 

With PIC 

Cel8A 106000 

± 3600 

152000 

± 

15000 

129000 

± 

12000 

150000 

± 

17000 

171000 

± 7100 

212000 

± 13000 

158000 

± 6800 

219000 

± 25000 

99000 

± 

11000 

199000 

± 8500 

Cel8A-

LysM 

54000 

± 7400 

98000 

± 

15000 

42000 

± 4600 

45000 

± 6500 

81000 

± 4200 

141000 

± 12000 

55000 

± 

11000 

101000 

± 20000 

22000 

± 

19000 

67000 ± 

7400 

Cel8A-

[L]-

LysM 

85000 

± 3400 

125000 

± 4600 

87000 

± 7000 

107000 

± 8100 

127000 

± 5700 

168000 

± 6100 

114000 

± 

11000 

158000 

± 20000 

37000 

± 

2400 

62000 ± 

4700 

LysM-

Cel8A 

N/A N/A 39000 

± 5500 

46000 

± 7300 

N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 82000 

± 6300 

97000 

± 6800 

N/A N/A N/A N/A N/A N/A 
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Table 5.4 Total milligrams of displayed proteins normalized to 100 mL by 168, 

WB800S, BRB07, BRB08, BRB14 ± PIC 

 168 WB800S BRB07 BRB08 BRB14 

 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 

Without PIC 

Cel8A 0 0 0 0 0 0 0 0 0.003 ± 

0.003 

0.006 ± 

0.005 

Cel8A-

LysM 

0.020 

± 

0.002 

0 0.022 ± 

0.004 

0.021 ± 

0.003 

0.016 

± 

0.007 

0 0.014 

± 

0.003 

0 0.011 ± 

0.002 

0.010 ± 

0.002 

Cel8A-

[L]-

LysM 

0 0 0.008 ± 

0.002 

0.015 ± 

0.001 

0 0 0 0 0.014 ± 

0.003 

0.027 ± 

0.004 

LysM-

Cel8A 

N/A N/A 0.003 ± 

0.003 

0 N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 0 0 N/A N/A N/A N/A N/A N/A 

With PIC 

Cel8A 0 0 0 0 0 0 0 0 0 0 

Cel8A-

LysM 

0.046 

± 

0.008 

0.019 ± 

0.001 

0.033 ± 

0.004 

0.029 ± 

0.006 

0.121 

± 

0.011 

0.048 

± 

0.018 

0.081 

± 

0.008 

0.091 

± 

0.026 

0.014 ± 

0.002 

0.057 ± 

0.005 

Cel8A-

[L]-

LysM 

0.016 

± 

0.003 

0 0.020 ± 

0.002 

0.025 ± 

0.006 

0.024 

± 

0.003 

0 0.031 

± 

0.001 

0.066 

± 

0.006 

0.015 ± 

0.002 

0.089 ± 

0.010 

LysM-

Cel8A 

N/A N/A 0.013 ± 

0.004 

0.012 ± 

0.004 

N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 0.008 ± 

0.008 

0.010 ± 

0.004 

N/A N/A N/A N/A N/A N/A 

 

 

 

 

 

 

 



207 

 

Table 5.5 Total milligrams of protein secreted or released into growth medium 

normalized to 100 mL by 168, WB800S, BRB07, BRB08, BRB14 ± PIC 

 168 WB800S BRB07 BRB08 BRB14 

 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 T = 5 T = 10 

Without PIC 

Cel8A 0.179 ± 

0.012 

0.404 ± 

0.037 

0.169 ± 

0.029 

0.471 ± 

0.060 

0.215 ± 

0.032 

0.475 ± 

0.042 

0.227 ± 

0.030 

0.369 ± 

0.117 

0.074 ± 

0.007 

0.369 

± 

0.033 

Cel8A-

LysM 

0.109 ± 

0.014 

0.207 ± 

0.033 

0.067 ± 

0.011 

0.174 ± 

0.006 

0.106 ± 

0.011 

0.215 ± 

0.015 

0.101 ± 

0.022 

0.251 ± 

0.049 

0 0.086 

± 

0.006 

Cel8A-

[L]-

LysM 

0.151 ± 

0.003 

0.231 ± 

0.007 

0.107 ± 

0.014 

0.244 ± 

0.013 

0.170 ± 

0.016 

0.208 ± 

0.046 

0.154 ± 

0.011 

0.273 ± 

0.074 

0.028 ± 

0.001 

0.091 

± 

0.008 

LysM-

Cel8A 

N/A N/A 0.052 ± 

0.014 

0.121 ± 

0.016 

N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 0.069 ± 

0.020 

0.157 ± 

0.025 

N/A N/A N/A N/A N/A N/A 

With PIC 

Cel8A 0.243 ± 

0.013 

0.381 ± 

0.046 

0.253 ± 

0.012 

0.326 ± 

0.069 

0.477 ± 

0.049 

1.235 ± 

0.066 

0.443 ± 

0.031 

1.193 ± 

0.079 

0.123 ± 

0.048 

0.770 

± 

0.104 

Cel8A-

LysM 

0.127 ± 

0.037 

0.257 ± 

0.061 

0.084 ± 

0.009 

0.088 ± 

0.015 

0.273 ± 

0.028 

0.898 ± 

0.053 

0.148 ± 

0.048 

0.563 ± 

0.074 

0.019 ± 

0.017 

0.227 

± 

0.032 

Cel8A-

[L]-

LysM 

0.205 ± 

0.010 

0.328 ± 

0.027 

0.193 ± 

0.009 

0.252 

±0.005 

0.406 ± 

0.068 

1.063 ± 

0.067 

0.319 ± 

0.058 

0.874 ± 

0.046 

0.033 ± 

0.006 

0.237 

± 

0.030 

LysM-

Cel8A 

N/A N/A 0.078 ± 

0.013 

0.084 ± 

0.019 

N/A N/A N/A N/A N/A N/A 

LysM-

[L]-

Cel8A 

N/A N/A 0.161 ± 

0.014 

0.189 ± 

0.032 

N/A N/A N/A N/A N/A N/A 
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5.7 Supplementary Materials 

Table S5.1 Primers used in this study 

Gene 

Fragment 

Primer Sequences Used Purpose 

PhrC PhrC F: 

GACAGAAGCTTAAAGGAGTGAAGGTTTGTATG 

 

PhrC R: 

GACAGACTAGTTGTCACATGAAAGTCGAGTG 

This amplifies the 

PhrC signal peptide 

for protein 

secretion. 

Cel8AShort CelA Short F SpeI: 

AAAAAAAAACTAGTCATCATCATCATCATCAT

GCGGCAGGTGTGCCTTTTAAC 

 

CelA Short 394 R NotI: 

AAAAAAAAGCGGCCGCGTCACTCAAAGGATTCG

G 

 

CelA Short 394 R NotI Stop: 

AAAAAAAAGCGGCCGCTTAGTCACTCAAAGGAT

TCGG 

This amplifies the 

Cel8A construct, 

with or without a 

stop codon. 

LysM 

(C-terminal) 

LysMForwardExtended:  

GACAGAGACAGGCGGCCGCAGCACAAAGCATT

AAGGTG 

 

LysM R Stop SphI: 

AAAAAAAAGCATGCTTATAACGCTTTTGCATCA

GAAAC 

This amplifies the 

LysM motifs. 

FnBPB 

linker 

region 

(C-terminal) 

Fib F: 

GACAGGCGGCCGCCCAAGTAAGTGGTCATAATG

AAGGTC 

 

Fib R: 

GACAGGCATGCTTATGCTTTGTGATTCTTTTTAT

TTCTGCG 

This amplifies 

FnBPB (770-917). 

LysM (C-

terminal, 

after 

FnBPB) 

FBNBDLysMStop2StepPCR-F: 

CAATCTAAGAAATCTGAAGCACAAAGCATTAAG

GTG 

 

LysMStoppBL1132StepPCR-R: 

GTTTCCACCGAATTAGCTTGCATGCTTATAACGC

TTTTGCATCAGAAAC 

These amplify the 

LysM region to cut 

off the FnBPB 

protein before the 

sorting sequence. 



209 

 

LysM  

(N-terminal) 

HisLysM2StepPCR-F: 

CATCATCATCATCATCATGCACAAAGCATTAAG

GTG 

 

LysMCelAShortStop2StepPCR-R: 

GTTAAAAGGCACACCTGCCGCTAACGCTTTTGC

ATCAGAAAC 

These amplify the 

LysM motifs. 

FnBPB 

linker 

region 

(N-terminal) 

LysMFBNBD2StepPCR-F: 

GTTTCTGATGCAAAAGCGTTAAACCAAGTAAGT

GGTCATAATG 

 

FBNBDCelAShortStop2StepPCR-R: 

GTTAAAAGGCACACCTGCCGCTTCAGATTTCTTA

GATTG 

These amplify part 

of the FnBPB 

protein to use as a 

linker, N-

terminally. 

Cel8AShort

LysM 

SUMO-Cel8AShortQCBamHIFwd: 

AACCATTGTGTAGAGCATGGCAGCTATGTATTA

AAGCCCGGT 

 

SUMO-Cel8AShortQCBamHIRev: 

ACCGGGCTTTAATACATAGCTGCCATGCTCTACA

CAATGGTT 

These primers are 

used to 

QuikChange a 

BamHI site out of 

Cel8A-LysM to 

facilitate restriction 

enzyme cloning 

using BamHI/XhoI 

into pSUMO. 
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Figure S5.1 Cel8A activity in parent strains grown with or without protease inhibitor  

  cocktail, normalized on a per volume basis.   

 (A) The Cel8A control demonstrates no cell pellet associated activity in the majority of parent 

strains.  Only the BRB14 strain demonstrated slight cell pellet associated activity.  With the 

addition of protease inhibitor cocktail, this activity disappeared. (B) Strains cultured without 

protease inhibitor secrete protein into the growth medium. (C) Strains cultured with protease 

inhibitor secrete protein into the growth medium, which accumulate 2X – 3X more than in 

strains grown without protease inhibitor. Assays were performed in triplicate. Error bars reflect 

standard deviation. 
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Figure S5.2 Cel8A-[L]-LysM activity in parent strains grown with or without protease  

  inhibitor cocktail, normalized on a per volume basis.   

 (A) Without protease inhibitor, only WB800S and BRB14 strains demonstrate some cell pellet 

associated activity at T = 5 hours and T = 10 hours. (B) With protease inhibitor, strains 

demonstrate improved cell pellet associated activity.  At T = 5 hours, all strains have cell pellet 

associated enzymatic activity.  At T = 10 hours, the activity of 168 and BRB07 has disappeared, 

while the activity of WB800S remains relatively the same, and BRB08 and BRB14 activity has 

increased the most. (C) Strains cultured without protease inhibitor cocktail secrete protein into 

the growth medium, which accumulates very slowly over time. (D) Strains cultured with 
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protease inhibitor cocktail also secrete protein into the growth medium, and are stabilized.  These 

values are especially higher for BRB07 and BRB08 strains. Asterisks indicate a significant 

difference between samples with or without PIC. Assays were performed in triplicate. Error bars 

reflect standard deviation. 
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