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Cytoplasmic Flow and Mixing due to Deformation of Motile Cells

E. F. Koslover1, C. K. Chan2, and J. A. Theriot2,3,4

Abstract
The cytoplasm of a living cell is a dynamic environment through which intracellular components

must move and mix. In motile, rapidly deforming cells such as human neutrophils, bulk cytoplas-
mic flow couples cell deformation to the transport and dispersion of cytoplasmic particles. Using
particle-tracking measurements in live neutrophil-like cells, we demonstrate that fluid flow asso-
ciated with the cell deformation contributes to the motion of small acidic organelles, dominating
over diffusion on timescales above a few seconds. We then use a general physical model of particle
dispersion in a deforming fluid domain to show that transport of organelle-sized particles between
the cell periphery and the bulk can be enhanced by dynamic deformation comparable to that ob-
served in neutrophils. Our results implicate an important mechanism contributing to organelle
transport in these motile cells: cytoplasmic flow driven by cell shape deformation.

Running head: Cytoplasmic Mixing in Deforming Cells
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Eukaryotic cells must be able to transport cellular components ranging from small
molecules to micron-sized organelles across distances that span from the tens of microns in
compact cells to centimeters in neuronal axons. The most well-known mechanisms of trans-
port are passive diffusion, which can spread small particles over short distances, and active
transport by motor proteins walking along cytoskeletal filaments, which can move cargo in
a directed fashion at rates up to 2µm/s[1]. Additional motion stems from dispersed active
fluctuations in the living cytoplasm[2, 3], which can substantially enhance the apparently
diffusive movements of organelle-sized particles[4–6].

Another mode of transport through the cytoplasm is advection due to flow of the cy-
toplasmic fluid. This flow can arise from hydrodynamic entrainment by concerted motion
of motor proteins, as has been observed in the cytoplasmic streaming of plant cells, which
can reach rates of 50µm/s[7], as well as the slower cytoplasmic flows of fly, nematode, and
mouse oocytes[8, 9]. In motile cells, such as keratocytes, hydrostatic pressures generated by
myosin-driven cytoskeletal contraction lead to cytoplasmic flows on the order of 0.1µm/s,
which are believed to contribute to the transport of crucial molecular components towards
the leading edge[10]. Yet another potential source of flow comes from the deformation of the
cell itself. Large pulsatile flows have been observed within contracting embryonic cells[11]
and in the slime mold Physarum polycephalum, where fluid flow is driven by peristaltic con-
traction in amoeboid-like fragments[12] and expansive tubular networks[13]. Many other
motile cell types such as amoebas[14], fibroblasts[15], and leukocytes[16] also exhibit sub-
stantial changes in cell shape, albeit without the characteristic periodicity associated with
organized peristalsis. Yet another cannonical mode of shape change in animal cells is as-
sociated with blebbing, the formation of bubble-like structures where the membrane peels
away from the cytoskeletal cortex[17]. The dynamics of such blebs, which occur during cell
migration in 3D[18] and at the advent of apoptosis[19], are determined by the flow of the
cytoplasmic fluid and its interaction with the cytoskeletal network[17, 20, 21].

In this work, we explore the effect of flows associated with cell deformation on parti-
cle transport throughout the cytoplasm of a moving cell, focusing specifically on motile
neutrophil-like HL60 cells, which deform substantially on minute-long time-scales while
crawling in a two-dimensional environment. In the human body, neutrophil cells move
through a three-dimensional matrix and are also believed to undergo large shape defor-
mations as they extravasate into tissues and engulf pathogens. These cells are actively
phagocytic and contain large numbers of granules that release antimicrobial compounds.
Their ability to transport vesicles and granules between the cell center and the periphery is
thus crucial to their immunological function.

The effect of cell shape deformation on the motion of its cytoplasmic contents is inextrica-
bly dependent on the coarse-grained material properties of the cytoplasm itself. In the case
of a purely elastic cytoplasm, the cell would maintain a consistent internal coordinate system
that deforms together with its boundary, leading to no net motion of the contents once it
returns to its original shape. Microscopically, this behaviour would arise if the cell deforma-
tion merely compressed and stretched an internal cytoskeletal network without large-scale
rearrangements. In the case of a viscous or viscoelastic cytoplasmic fluid, however, non-
reciprocal deformations of the cell would lead to a net displacement of cytoplasmic contents
even if the original shape is restored. Such a rheology would arise from cytoskeletal remod-
eling and turnover on time-scales sufficiently rapid compared to the overall deformation of
the cell.

There has been much recent debate in the literature concerning the rheology of the eu-
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karyotic cytoplasm[22, 23]. Passive particle tracking in stationary cells has indicated in some
cases diffusive motion, as in a viscous medium[24, 25], and in other cases subdiffusion as
expected from a viscoelastic environment[26–29]. Even in the case where intracellular par-
ticles appear to move diffusively, it has been shown that their stochastic motion is strongly
dependent on active processes dispersed throughout the cytoplasm[2, 5, 6, 30–32]. Coupled
active and passive microrheology studies in living cells give rise to a picture of the cytoplasm
as primarily elastic on time-scales below approximately 10 sec, with organelle-sized particles
nonetheless exhibiting apparently diffusive motion driven by the accumulation of spatially
uncorrelated active forces that are processive on the multi-second time-scale[5, 33–35]. At
much longer times, however, we would expect an upper limit on the relaxation times for
stresses within the cytoplasm, allowing viscous deformation of the cell and long-range move-
ment of its organelles without elastic restoring forces driving the cytoplasm to its original
morphology. This expectation underlies many prior studies modeling cell mechanics[36–39]
and is justified by the fact that the actin cytoskeleton, which is thought to endow the cell
with its elastic properties, has a turnover time on the order of 20 seconds[40, 41]. The notion
of a viscous cytoplasm at long times is consistent with bulk rheology data, which demon-
strates that highly deformable cells such as neutrophils behave effectively as fluid droplets
in pipette aspiration experiments[42].

In the present study, we focus on the role of cytoplasmic flow associated with cell defor-
mation, which proceeds on a time-scale of multiple minutes. In our analysis we make the
simplifying assumption of treating the cytoplasm of neutrophil-like cells as a purely viscous
fluid over all times. In practice, this can be broken down into two consequential assump-
tions. First, we assume that the stochastic Brownian motion of organelles in the cytoplasm
is diffusive, as evidenced by prior data on organelle trajectories in neutrophil-like cells[43]
and other motile cell types [25]. Whether this stochastic motion arises from thermal noise
or from uncorrelated active forces scattered throughout the cytoplasm, we treat it simply
as a diffusive process with a known effective diffusion coefficient. Second, our calculations
of the cytoplasmic flows associated with deforming cell shape assume the bulk rheology of
the cytoplasm to be that of a viscous fluid. This assumption is justified on the minute
time-scales by pipette aspiration experiments, and is extended to all times for purposes of
simplification and given the lack of detailed rheology data on the transition between an elas-
tic and a viscous cytoplasm at intermediate times. Our focus in this work is on determining
the relative contributions of the effectively diffusive motion and the deformation-driven flow
to the transport of organelles within motile cells.

For the case of a deforming viscous domain, two effects combine together to contribute to
the mixing of passive particles within the cell: diffusion that smears out local concentration
fluctuations, and Lagrangian stirring – the chaotic motion of particles driven by a spatially
heterogeneous unsteady flow[44, 45]. Differential rates of flow within the cytoplasm can ad-
ditionally increase particle diffusivity through Taylor dispersion, an effect where shear flow
enhances diffusive spreading by stretching out concentrated clusters of particles. Lagrangian
chaos and Taylor dispersion have been previously characterized for simple oscillatory fluid
flows[46–48]. Additionally, the Taylor dispersion resulting from traveling waves in a con-
tracting network of tubes has been studied in the context of flows within P. polycephalum
slime molds, where this effect was found to be essential for long-distance transport of nutri-
ents within the organism[13]. However, the magnitude of such fluid dynamic effects for the
particular case of a flow generated by a randomly deforming compact domain, for size and
time scales relevant to motile amoeboid cells, has not, to the best of our knowledge, been
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previously characterized.
We use in vivo tracking of endogeneous organelles within crawling HL60 cells, together

with computation of expected fluid flows associated with cell deformation, to demonstrate
that such flows both correlate with organelle motion and are expected to dominate over
diffusion on biologically relevant time and spatial scales. We then develop a minimalist
model of a deforming fluid domain to explore the more general physical question of how
deformation-driven flow affects the mixing of embedded particles and their transport between
different regions of the cell. Our calculations demonstrate that, for parameter values relevant
to organelle motion in motile cells, modest deformations of the fluid domain can enhance
the rate at which particles move between the domain center and the periphery.

MATERIALS AND METHODS

Organelle tracking in HL60 cells

Motile neutrophil-like HL60 cells were differentiated according to a standard protocol,
labeled with fluorescent lysotracker dye, and imaged at 20Hz in a 2D under-agarose environ-
ment, at uniform chemoattractant concentrations, using a Nikon Eclipse Ti epifluorescent
microscope with a 100x oil-immersion objective, employing the same equipment and proce-
dure as was described in our previous work[43]. Individual organelle trajectories were ex-
tracted from a total of 78 cells according to a standard particle-tracking procedure[43, 49, 50].
A median of 338 trajectories with median length 4.5sec were extracted from each cell. A
sample video of a cell used for extracting lysotracker trajectories is provided in Supplemental
Video S1.

For computing one- and two-particle velocity correlation functions[50], the particle tra-
jectories were calculated in the cell frame of reference. The cell frame of reference was found
by cross-correlating raw fluorescent image data for each cell between every 10th frame of
the fluorescent images (time intervals of 0.5 s)[51]. The translational displacement of a rect-
angular region around the cell which yielded the highest cross-correlation with the previous
image was taken as an approximation for the shift in the cell frame of reference between
the images. These shifts were integrated forward to determine the position of the cell frame
of reference over time. The cell frame does not account for any rotation of the cells, which
generally do not exhibit rigid body rotations over half-second time intervals.

Additionally, we robustly account for the overall translational and rotational motion of
the cell by reporting the time- and ensemble-averaged mean squared displacement of inter-
particle distances (interparticle MSD, defined in SI Appendix S1), calculated among all pairs
of trajectories in each individual cell[52, 53]. Details of the statistical measures reported in
Fig. 1 are described in SI Appendix S1.

Fluid flow from cell deformation

To accurately determine cell shape deformation over time, four HL60 cells prepared as
described previously were additionally subjected to short periodic overlay of phase-contrast
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and fluorescent channels at 4 sec (80 frame) intervals. The cell contour was extracted from
these phase contrast images using the directional gradient vector flow algorithm[54].

Contours were aligned to maintain coincidence of tail projection regions and thereby avoid
rotation around the contour, and were interpolated over time with splines. Comparison of in-
dependently segmented contours in consecutive phase frames (0.05 sec separation) indicated
a root mean squared deviation of 0.2µm between aligned contour points, which we take as
an approximate measure for the segmentation accuracy. The root mean squared velocity of
contour points relative to the cell center of mass was 0.2µm/s, so that the boundary motion
over the 4 sec time intervals between segmented frames is expected to substantially exceed
the segmentation error. An example video showing the traced cell contour superimposed on
phase contrast and fluorescent lysotracker images is provided in SI Video S2.

The extracted contour velocities were then used as a boundary condition for 2D finite
element simulations of the internal fluid flow, using the software COMSOL Multiphysics R©.
Lagrangian trajectories of simulated point particles were tracked within the calculated fluid
flow at 0.5sec intervals. For correlation with observed lysosome motion (Fig. 2c), measured
velocities of (on average) 340 acidified particles per cell were temporally smoothed with a
30-frame (1.5sec) Savitsky-Golay filter and spatially smoothed with a Gaussian filter with
σ = 1.5µm. The correlation between these smoothed velocities and simulated results was
defined as 〈~vsim(~xi) · ~vi〉 /

√
〈~v2

sim(~xi)〉 〈~v2
i 〉, where ~xi, ~vi represent the positions and smoothed

velocities of individual lysosomes in the cell, ~vsim is the simulated velocity based on boundary
deformation, and averages are done over all particles i for all snapshots separated by 0.5 sec
time intervals, for a given cell.

Computational model of deforming domain

To address the role of deformation-driven flow on long-time particle mixing, we developed
an abstract, highly simplified model of particle motion in a deforming fluid domain. A
spectral boundary integral method was used to solve for the fluid flow associated with the
deformation (elongation along a varying axis) of a quasi-spherical domain (of undeformed
radius R0), as described in detail in SI Appendix S4. Briefly, a lowest-mode deformation,
corresponding to domain elongation, proceeds periodically to a relative magnitude of 0.8,
along an axis that is selected randomly at the start of each elongation period. That axis
then rotates at a constant velocity in an arbitrarily chosen direction over the course of the
deformation cycle.

Lagrangian trajectories for 1000-4000 particles driven by diffusion and flow are tracked in
each simulation using a forward time-stepping algorithm until they come within an absorbing
distance of 0.02R0 of either the domain periphery or a central solid region of size 0.4R0,
representing the nucleus. For each parameter set, 10 replicates of the simulations are carried
out, averaging over different trajectories of the deformation axis. Curves of the distribution
of absorbed particles over time (Fig. 5a,c) are fitted to analytical solutions for encounter
rates to an absorbing boundary in two or three dimensions in an undeformed spherical
domain (see SI Appendix S5).

We describe the enhancement in particle absorbtion due to domain deformation for a
wide range of parameter values, to illustrate the dependence on the relative rates of the
dynamic deformation and particle diffusion. The appropriate values for the deformation
period and rate of axis rotation in motile neutrophils are approximated from low-resolution
long time trajectories of whole neutrophil cells, as described in SI Appendix S2. Whole-cell
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FIG. 1. Lysosome motion in motile HL60 cells is correlated in space and time. (a) Lysosomal
particle trajectories for an example cell, tracked over 90sec, shown in the lab frame of reference
(top) and the cell frame of reference (bottom). (b) Velocity autocorrelation function (relative to cell
frame), averaged over time and cell ensemble, indicating persistently correlated particle velocities.
(c) Time- and ensemble-averaged MSD of interparticle distances, showing super-diffusive scaling.
(d) Time- and ensemble-averaged cross-correlation of particle velocities (relative to cell frame), as
a function of separation between particles. Dashed line shows 1/r scaling expected for a quiescent
continuous medium.[50]. Error bars in (b)-(d) correspond to standard error of the mean, assuming
measurements from individual cells to be independent.

trajectories for these approximations were extracted from video footage of DAPI stained cell
nuclei, gathered at 15x magnification with a frame rate of 0.1Hz, using the same imaging
equipment as for the organelle tracking (see SI Video S3).

RESULTS AND DISCUSSION

Particle motion in motile neutrophils

To explore the role of deformation-driven flow in particle transport and mixing within a
specific cellular system, we studied the motion of acidified organelles (including lysosomes
and granules) in the cytoplasm of motile neutrophil-like HL60 cells. For ease of imaging,
cells were confined to a two-dimensional environment, where they spontaneously polarized
and crawled under a uniform field of chemoattractant[43]. We used a fluorescent lysotracker
dye to label discrete acidified organelles, which for simplicity we will refer to as lysosomes,
and tracked them over the course of the cells’ movement (Fig. 1a).

These particles exhibit positively correlated velocities (Fig. 1b) over tens of seconds that
indicate directionally persistent movement rather than the random steps associated with
Brownian motion. In order to isolate the relative motion of particles within the cell from
overall cell translation and rotation, we calculated interparticle distances for all pairs of
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FIG. 2. Simulation of fluid flow driven by deforming boundary of HL60 cells. (a) Phase contrast
image together with lysotracker fluorescence in an example cell, overlayed by cell contour outline
(blue) (b) Colored contours show outline of the cell tracked over 96sec, in the laboratory frame of
reference (top) and the cell frame of reference (bottom). (c) Snapshots of two-dimensional fluid
flow solution using cell contour motion as a boundary condition. Blue arrows show the calculated
velocity field. Red arrows indicate time- and space-smoothed velocities of tracked lysosomal parti-
cles. (d) Example trajectories for simulated particles undergoing diffusion on top of the calculated
fluid flow.

particles and tracked their variation over time. The mean squared displacement (MSD) of
interparticle distances scales superlinearly with time (Fig. 1c), implying that the particles
move superdiffusively within the cytoplasm, in agreement with prior results for particle
motion in deforming amoeboid cells[14].

Our previous work has indicated that the movement of lysosomes in neutrophils can be
decomposed into a persistent component that is highly correlated in time, superimposed
with an effectively diffusive motion[43]. Analysis of spatial correlations demonstrates that
lysosome velocities remain correlated across length scales comparable with the size of the
cell, even when the overall translational motion of the cell is removed (Fig. 1d). Such cor-
related particle movement is unlikely to be caused by active motor-driven transport along
cytoskeletal highways, a mechanism which has previously been shown to result in superdif-
fusive scaling of particle MSD[55]. Specifically, the bidirectional nature of motor-driven
lysosome transport[56, 57] should yield no net correlation between the velocities of spatially
separated lysosomes, even if they move along orientationally aligned microtubules. The per-
sistence of spatial correlations over tens of microns argues for a substantial component of
the vesicle motion arising from dynamics on a whole-cell scale. We propose that this motion
is associated with advective flow arising from the deformation of the cell itself.

To quantify the expected motion of particles due to the deformation of the crawling
cell, we reduced the cell to a simplified model system. First, we treated the cytoplasm as a
viscous fluid on the relevant time-scales, with organelle motion driven by an effective diffusion
together with fluid flow, as discussed in the Introduction. The viscous fluid is assumed
to undergo creeping flow, as is appropriate for cellular systems with a very low Reynolds
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number[58]. Additionally, we approximated the cytoplasmic flow as two-dimensional, an
assumption that is justified by prior data demonstrating that the top and bottom surface of
leukocyte and keratocyte cells move in concert and no “tank-treading” motion is observed
in these cell types[59, 60]. The outline of the HL60 cells was tracked from periodic phase
contrast microscopy images taken every 4 sec (Fig. 2a,b, Supplemental Video S2). The
area enclosed by the tracked outline remained approximately constant over time, with the
square root of the area for each cell exhibiting a root mean square deviation of 0.1µm,
well within the estimated error of boundary tracking (see Materials and Methods). The
maintenance of a constant area within the cell enables us to model the enclosed cytoplasm
as a two-dimensional incompressible fluid. The outline motion was used as a fixed-velocity
boundary condition to numerically solve the creeping flow Stokes equations for the flow of
a two-dimensional slab of fluid surrounded by a no-slip moving boundary[61]. This method
effectively interpolates the velocity of the cell’s deforming boundary to give the associated
fluid velocity within the bulk of the cytoplasm.

The Stokes flow solution based on the moving cell boundary is illustrated for an example
snapshot in Fig. 2c. We compared this computed flow field with trajectories of lysosome par-
ticles that had been smoothed over time and space, as described in Materials and Methods.
On average an 86± 4% correlation was found between the measured particle velocities and
the calculated flow field. When velocity is calculated relative to the cell frame of reference,
so that only the deformation and not the overall translational motion of the cell is included,
a 58± 2% correlation with measured lysosome motion is still observed.

The calculated fluid flow based on the cell’s deformation was used to simulate the motion
of point particles embedded in the flow (Fig. 2d), with and without an additional diffusive
component to their motion. The inter-particle MSD of these simulated tracer particles
matched both the scaling and the overall magnitude of lysosomes tracked in a large number of
crawling HL60 cells (Fig. 3). A comparison of the relative effects of deformation-driven flow
versus diffusion showed that the simulated cytoplasmic flow dominates at times above ∼ 3
sec (Fig. 3). These time-scales are highly relevant for the biological function of these cells,
which engage in prolific phagocytosis, transporting vesicles to and from the cell periphery
over the course of 10-second time-scales[62].

We note that because the cell outline was interpolated from intermittent phase images at
4sec time intervals, the calculated flow at shorter time intervals is more persistent than one
would expect for actual flows in the cell. Although we cannot resolve them in our experi-
mental set up, cell boundary fluctuations due to thermal noise and active forces generated
by membrane-associated proteins are expected to contribute on shorter time-scales. In par-
ticular, ATP-driven fluctuations of red blood cell membranes have been found to dominate
membrane motion above 0.1 sec[63, 64], and fluctuations due the active transitions of mem-
brane channels may arise at millisecond time-scales[65]. The advective flows engendered
by such fluctuations could contribute to the superdiffusive t1.4 scaling of particle motion
that continues below sub-second times. Nevertheless, our results indicate the important
contribution of deformation-driven fluid flow to particle motion above times-scales of a few
seconds.

The relative importance of advective versus diffusive transport for a set of particles is
generally characterized by the Péclet number, defined as the ratio of times required for
a particle to traverse a relevant length scale by fluid flow versus by diffusion[61]. The
instantaneous particle velocities relative to the cell frame of reference (smoothed over 1 sec
time intervals to remove the diffusive component), were found to have an average magnitude
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FIG. 3. Interparticle MSD for particles in a deforming cell. Time and ensemble averages for
lysosomes tracked in individual cells are shown as blue to red curves, with the average for all cells
shown in magenta. Green and brown curves show interparticle MSD for simulated particles with
and without diffusion, respectively. Solid black line gives expected MSD for diffusive motion alone.
Circled point indicates the values used for calculating effective Péclet number (Peeff). Starred point
indicates the time where motion due to fluid flow begins to dominate over purely diffusive motion
for simulated particles.

of 〈|~v|rms〉 ≈ 0.2µm/s. However, due to the time-varying direction of the particle motion
as the cell deforms, these instantaneous velocities do not translate directly into the time
required for particles to traverse distances of several microns. Instead, we account for the
time-varying nature of the flow by defining an effective Péclet number, Peeff = L2

flow/(D∆t),
comparing the distance travelled by particles via advective flow (Lflow) versus diffusion over
a time-scale ∆t. The diffusion coefficient of lysosomal particles in HL60 cells has been
previously measured as 0.0044µm2/s[43]. Using ∆t = 30sec and L2

flow = 1.5µm2, based on
our simulations of deformation-driven flow alone (Fig. 3) gives an effective Péclet number of
Peeff = 11. A Péclet number substantially above unity indicates a transport process where
flow dominates over diffusion. We note that this dimensionless quantity is expected to scale
linearly with the radius of the particle. Thus, while the cytoplasmic flow contributes greatly
to the motion of lysosomes (radius 0.2−0.5µm), it is expected to have a much smaller effect
on molecular complexes sized in the tens of nm.

The above calculations of Péclet number emphasize the importance of the cytoplasmic
fluid flow for vesicle motion on time-scales of 1− 30sec. These time-scales however, are still
short compared to the time required for a cell to catch and phagocytose a pathogen, as well
as the time for a passive (purely diffusing) particle to cover the full extent of the cell (tens
of µm). Our experimental imaging set-up limits the length of time over which individual
particles can be tracked before photobleaching or going out of focus. We therefore proceed
to a more abstract description of the deformation-driven fluid flow, using a simplified in
silico model that enables us to explore the effects of this phenomenon at longer time-scales.
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FIG. 4. Simplified in silico model for particle motion in a deforming fluid domain. (a) Defor-
mation of a 2D domain, and example trajectory of an embedded particle driven by diffusion and
deformation-associated fluid flow. Times are shown in multiples of the deformation period. (b)
Snapshots of deforming domain in three dimensions, demonstrating mixing of particles. Particles
are colored by initial position. Dimensionless parameters are set to D̂ = 0.004, γ̂ = 1.5. (c) Particle
mixing by diffusion only, with no domain deformation, is shown for comparison.

Computational model for deformation-driven flow

The aforementioned results on the importance of cytoplasmic fluid flow in neutrophil-
like cells inspire a more general physical question: to what extent does deformation of the
boundary of a fluid domain affect the mixing of embedded diffusing particles? We explore
this question numerically, using the simplest possible model for domain deformation that
reproduces essential features of motile cell behavior. Although our experimental system con-
fined neutrophils to a two-dimensional environment, these cells deform in three dimensions
when crawling within human tissue, and we therefore consider particle motion in both 2D
and 3D deforming fluid domains.

We focus on quasi-spherical domains, filled with an incompressible highly viscous fluid,
that undergo periodic extension with period τ . The cytoplasm is a low Reynolds number
environment[66], so that the motion of the fluid can be described by the Stokes creeping
flow equations[61]. A periodic deformation of our domain along a defined axis will slightly
enhance particle diffusivity due to Taylor dispersion (SI Appendix, Fig. S2), and can speed
up encounters to different cellular structures simply by bringing regions of the cell boundary
in temporarily close proximity (discussed below). However, we recall the famous scallop
theorem[58], which states that any time-reversible deformation in a fluid at high Reynold’s
number will lead to no net motion. We would thus expect such a constant-axis deformation
to be missing a crucial feature that contributes to particle mixing: the Lagrangian chaos
that results from unsteady non-reversible flow [44], leading to net motion within the fluid
even in the absence of diffusion (SI Appendix, Fig. S3).

To include this effect, we incorporate a “kneading”, rather than purely periodic, extension
of the fluid domain, allowing the axis of deformation to vary continuously, rotating with
velocity γ in an arbitrary direction that is selected randomly at the start of each deformation
period (Fig. 4a). We note that particle distributions are visibly perturbed by this flow after
only a few deformation periods (Fig. 4b-c). This highly simplified description of domain
deformation is designed to encompass the fundamental coarse features of morphological
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FIG. 5. Effect of deformation-driven flow on rate of encounter to cell periphery (a) For 2D simu-
lations with particle diffusivity D̂ = 0.004, the cumulative fraction of particles that arrive at the
outer boundary is plotted versus non-dimensionalized time. Dashed lines indicate fits to analytical
solution for diffusion in a spherical domain (SI Appendix S5), with effective diffusivity D̂eff allowed
to vary. Black dashed line gives exact solution with no domain deformation (D̂eff = D̂). Inset shows
initial and final particle distributions. (b) Fitted effective diffusivity is plotted as a function of axis
rotation rate γ̂, for different values of particle diffusivity. The ratio Deff/D indicates the relative
extent to which particle encounter is accelerated by domain deformation. Results for each set of
parameters are averaged over 10 simulation replicates. (c-d) Equivalent plots for 3D simulations.

dynamics in crawling HL60 cells, obtained from long-time video microscopy of cell behavior
(SI Video S3, S4). Namely, these cells tend to polarize and engage in persistent runs over
minute-long time-scales. During these runs, the direction of their motion (and consequently
their axis of elongation) slowly drifts, as represented by the axis rotation in our kneading
motion. Runs are terminated when the cells depolymerize and begin to bleb, after which they
again polarize and begin to move in an arbitrary new direction (corresponding to elongation
along a randomly chosen axis in our model). The extraction of parameters for the kneading
dynamics from experimental data is discussed in SI Appendix S2.

The computational model described here was chosen for its maximal simplicity, with
the system behavior governed by very few parameters, all of which can be estimated from
experimental data. We non-dimensionalize all lengths by the undeformed domain radius
R0, and all times by the deformation period τ . The remaining parameters of interest are:
the dimensionless particle diffusivity D̂ = Dτ/R2

0 and the dimensionless angular rate of axis
drift γ̂ = γτ . An additional parameter governing the maximal elongation is set to give an
aspect ratio of 2 and kept constant throughout. Based on statistical analysis of long-time
whole-cell trajectories, we estimate the relevant parameters for lysosome motion in HL60
cells to be D̂ ≈ 0.007 and γ̂ ≈ 1.1, as described in SI Appendix S2.

We numerically simulate the fluid flow in such a deforming quasi-spherical domain, in
both two and three dimensions, using a spectral boundary integral method[67] (SI Appendix
S4). The Lagrangian motion of diffusing particles within this domain is tracked over time.
The resulting interparticle MSD is comparable in magnitude and scaling to that measured
for lysosomes within crawling HL60 cells (Supplemental Fig. S4), supporting the relevance
of this highly simplified model for describing in vivo particle motion.

We note that since our simplified model introduces a single well-defined time-scale for
correlations of the fluid flow (the deformation period τ), we do not expect it to yield a
consistent polynomial scaling for the MSD versus time. Instead we would expect a transition
in scaling behavior before and after τ as the system transitions from being driven by an
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effectively constant flow at short times to a random flow at times much longer than the
deformation period. Specifically, the particle motion should switch from a diffusive scaling
at short times to a ballistic scaling on time-scales where the persistent flow velocity dominates
over diffusion (D̂τ � t � τ/2), followed by diffusive scaling again at times far above τ/2
as the direction of flow itself is randomized. The latter regime is never reached due to
particle confinement within the finite domain. For the parameters used to model lysosome
motion in neutrophils (D̂τ ≈ 1 sec) the observed time-scales(0.3 - 30 sec) fall within the
transition range between diffusive behavior and flow coupled with geometric confinement,
yielding apparent superdiffusive yet sub-ballistic scaling (Supplemental Fig. S4). A true
superdiffusive power-law scaling of the MSD would require shape fluctuations over a wide
range of shorter time-scales, which can be achieved by a variety of active processes in the
cell[63, 65] but which are not resolvable given our current experimental set-up. We thus
employ our simplified model to focus on the effect of slow whole-cell deformation on particle
motion and mixing over the second to minute time-scales.

Encounter kinetics in a deforming fluid domain

Using the computational model for particle motion in a simplified deforming domain, we
set out to quantify the extent to which the fluid flow arising from domain deformation en-
hances the mixing of embedded particles. A number of different metrics have been developed
for characterizing particle mixing, including ones that track the approach of a bolus of par-
ticles towards uniform spread[68], and ones that quantify the mixing of two different classes
of particles that are initially separated[69, 70]. We focus here on a quantitative metric that
is of particular relevance to cell physiology: namely, the rate at which particles beginning in
the central region of the domain first encounter the domain boundary. This metric serves as
an approximation for the passive rate of transit by which particles generated near the cell
nucleus encounter the cell membrane during exocytosis or export of membrane-associated
proteins.

In particular, we initiate simulations with a group of particles uniformly distributed
within a sphere of radius 0.4R0 at the center of the domain. We then track over time the
number of particles that come within an absorbing distance 0.02R0 of the domain boundary.
Absorbed particles are removed from the simulation, so that only the first encounter time
is recorded. For the case of slow particle diffusion, the simulation time required to run
until all of the particles have been absorbed is prohibitively long. Instead, we focus on
the cumulative distribution of absorption times up to a maximum time of 20 deformation
periods (Fig. 5a). This distribution is fit to the functional form expected for first passage
times within an undeformed absorbing sphere, and the fitted effective diffusion coefficient
Deff is then calculated for each individual simulation of several thousand particles (see SI
Appendix S5). For each value of particle diffusivity D̂ and axis motion γ̂, the results are
averaged over 10 simulation replicates, which randomize the initial axis and direction of axis
rotation at each deformation period. The simulations are carried out for both two and three-
dimensional domains (Fig. 5c,d), with a greater enhancement in encounter rates observed
for three-dimensional flows.

As expected, the greatest enhancement in particle encounter to the domain boundary
occurs at low diffusivity and high rate of axis rotation. The dimensionless diffusion coefficient
D̂ is non-dimensionalized by the domain size and deformation period, so that D̂ = 0.5
corresponds to rapidly diffusing particles whose mean squared radial displacement in one

12



deformation period equals the domain size. In this case no additional enhancement in
particle transport is achieved from the deformation-driven flow, since particles on average
hit the domain boundary at time-scales too small for the flow to become significant. For
small rates of axis rotation γ̂ → 0, the effect of mixing due to non-reversible flow disappears,
and very small enhancements in encounter rates are observed. For the values relevant to
vesicle motion in neutrophils (D̂ = 0.007, γ̂ ≈ 1.1), however, the rates of boundary encounter
(as measured by Deff) are enhanced by approximately 30%. We note that the enhancement
in particle encounters is greater in the 3D than in the 2D case, as is to be expected given
that consecutive deformation periods in 2D with opposite directions of axis rotation tend to
unwind the flow-stretched distributions of particles (SI Fig. S3).

In addition to the rate of encounter at the outer boundary, a metric of equal interest is
the rate at which particles starting near the outer boundary of the domain encounter the
cell nucleus. The transit of vesicles from the cell periphery to the center is of relevance
both for endocytosis of foreign particles (a prominent function of neutrophil cells) and for
the transport of membrane-associated signalling molecules into the bulk of the cell. From
a physical perspective, the presence of the nucleus raises an interesting complication to the
fluid flow. While the outer boundary of an HL60 cell deforms as it crawls, the nucleus
remains relatively unperturbed in its size and shape (SI Video S4). The nucleus does ro-
tate substantially in the laboratory frame of reference. However, given the highly simplified
nature of our abstract model for domain boundary deformation, we assume the same peri-
odically extending and kneading motion in the reference frame of the nucleus itself. In our
model, we thus treat the nucleus as a stationary central sphere with a no-slip boundary and
calculate the deformation-driven fluid flow accordingly. The rate of encounter for simulated
particles that begin at the periphery to first approach the solid central region (Fig. 6) shows
similar trends to those observed for the outer boundary encounter, with an enhancement of
∼ 40% for parameter values relevant to vesicle motion in neutrophils. Unlike the results of
Fig. 5, a notable enhancement in encounter rates is observed even with constant axis defor-
mation. This effect arises due to the deformation itself, which brings the outer boundary
and its nearby particles in close proximity to the undeformed nucleus and is seen even in the
case of constant axis deformation. An analogous effect is observed for the rate with which
particles near the center encounter the outer boundary in the presence of a solid nucleus.
Here, again, the encounter rate is enhanced for slowly diffusing particles even in the absence
of axis rotation (SI Fig. S5).

Our simplified in silico model shows that, in both two and three dimensions, the rate at
which particles transition between the cell periphery and the central region can be substan-
tially enhanced by domain deformation and the associated fluid flow. This enhancement
is observed on time-scales of 10-20 minutes (Fig. 5a,c), too long for individual particles
to be experimentally tracked using our current method, but within the range relevant to
neutrophil chemotactic motility and processing of phagocytosed prey[71].

CONCLUSION

Using a combination of intracellular particle tracking measurements and numerical sim-
ulations, we have shown that the cytoplasmic flow associated with cell shape deformation
has the potential to contribute significantly to the motion and transport of organelles within
motile cells. Focusing on lysosome motion in neutrophil-like HL60 cells, we demonstrated a
superdiffusive scaling for the interparticle mean squared displacement that is consistent with
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FIG. 6. Effect of deformation-driven flow on rate of encounter to central frozen region. (a) Effective
diffusivity obtained by fitting cumulative encounter time distributions to analytical solution for
undeformed domain (SI Appendix S5), plotted for 2D simulations, averaged over 10 replicates
each. Inset shows start and end particle distributions for an example simulation, with central frozen
region shown in purple. (c) Effective diffusivity for 3D deforming domain, fitted to corresponding
analytical solution.

the cytoplasmic flows that are expected to arise from the observed deformation of the cell
boundary. In this cell type, the cell deformation is sufficiently large and sufficiently rapid
that the associated fluid flows are expected to dominate over diffusion for vesicle motion on
time-scales of seconds or longer.

A simplified computational model for particle motion in a deforming quasi-spherical do-
main was used to address the general physical question of how much such deformation-driven
flows contribute to the mixing of embedded particles. In particular, we showed that for pa-
rameter regimes relevant to vesicle motion within neutrophils, the deformation contributes
substantially to the rate at which particles transition between the cell periphery and a central
nucleus. We identify the two main dimensionless parameters that determine the magnitude
of this effect – particle diffusivity relative to the size of the domain and the time-scale of
deformation, as well as the amount by which the deformation axis rotates in one deforma-
tion period. The latter parameter is crucial for establishing non-reversible flows that greatly
enhance particle mixing.

The ability to transport vesicles between the cell center and periphery is crucial to a
large number of cellular functions, including endocytosis and signal processing. Thus the
enhanced transport rates seen here are likely to contribute to important biological processes
in the cell. Promising future extensions of this work could focus on the importance of anal-
ogous flows in other deforming cell types, such as Acanthamoeba, Dictyostelium, fibroblasts,
and macrophages. Furthermore, our assumption of a purely viscous cytoplasm could be
expanded to encompass a time-dependent rheology, with a cytoplasm that transitions from
primarily elastic on short time-scales to primarily viscous at long times. Such an exten-
sion would require development of a mechanical model for the constitutive behavior of the
cytoplasm across many orders of magnitude in time, marrying together results from active
microrheology and bulk rheology experiments. Because viscoelasticity can enhance the
mixing of particles under flow[72], extending our results to explore transport in a deforming
viscoelastic domain is a promising avenue for future study.

The boundary conditions in our abstract model are purposefully chosen to be as simple
as possible to minimize the number of defining parameters. Additional key questions re-
main regarding the role of the nucleus as an effectively solid inclusion within the viscous or
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viscoelastic cytoplasm. In particular, active agitation within the cytoplasm is thought to
contribute to nucleus motion relative to the outer boundary[73] as well as deformation and
possible rupture of the nucleus itself[74, 75]. Determining how the internal flow is coupled
to the deformation and translocation of the nucleus will require the development of a model
for the material properties of the nucleus and for the interaction of cytoplasmic forces with
the nuclear boundary. The nuclear motion, in turn, is likely to have substantial impact on
the movement of cytoplasmic organelles between the cell periphery and the nucleus. While
outside the scope of the current work, these extensions form an intriguing possibility for
future study.
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