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ABSTRACT OF THE DISSERTATION 

BIOMECHANICS OF  

ARTICULAR CARTILAGE DEFECTS 

 

 

by 

 

Kenneth R. Gratz 

 

Doctor of Philosophy in Bioengineering 

University of California, San Diego, 2007 

Professor Robert L. Sah, Chair 

 

Articular cartilage is the load-bearing connective tissue that covers the ends of 

long-bones in diarthoidal joints and provides low friction, wear resistant sliding during 

joint articulation. Cartilage has complex mechanical and surface properties that greatly 

complicate the biomechanics of contact between opposing cartilage surfaces. Focal 

damage to articular cartilage is common, and once initiated, shows limited capacity 

for repair. Furthermore, changes in the mechanical environment at a site of damage 

may make the tissue more susceptible to continued degeneration. The goal of this 

dissertation work was to contribute to the understanding of changes in the mechanical 



 

xviii 

environment due to focal articular defects and to quantify the extent to which normal 

mechanical properties are restored following in vivo cartilage defect repair.  

Experimental methods were developed to allow in vitro mechanical testing of 

two contacting cartilage surfaces while tissue deformation was imaged; image analysis 

methods were introduced to automatically track fiducial markers within the tissue, and 

a mathematical framework was developed to describe the dynamic deformation and 

sliding between opposing surfaces from the movement of these discrete tissue 

markers. 

In vitro experiments on both bovine and human cartilage showed elevated 

axial compressive strains in the cartilage adjacent to a defect and sharp increases in 

shear and lateral strains in the region opposing the defect rim. Changes in intra-tissue 

strains arose early during compressive loading and were maintained following stress 

relaxation in the loaded state. Increased sliding was also observed between surfaces 

near a focal defect and was related to characteristics of the defect edge.  

Assessment of samples retrieved following in vivo defect repair showed that 

currently available cell-based therapies may result in greater integration strength than 

has previously been reported (~1/2 normal tensile strength), but that the tensile 

modulus of the repair tissue remains orders of magnitude lower than that of normal 

articular cartilage after 9 months in vivo.   

Understanding the changes in mechanical environment near a focal defect that 

are likely to lead to continued degeneration, and the ability for repair strategies to 

restore normal biomechanical tissue function, may help to guide treatments to arrest or 

reverse the degenerative process.   



 

1 

CHAPTER 1 

INTRODUCTION 

 

1.1 General Introduction to the Dissertation 

Injured cartilage has a low capacity for repair and sites of damage may initiate 

continued degeneration of the tissue. Alterations to the mechanical environment in the 

vicinity of a focal defect have been proposed as a likely contributor to progressive 

tissue degradation by altering the cellular response to loading, causing acute damage 

to cells or matrix, or accelerating the fatigue and wear of the tissue. Previous studies 

investigated changes in contact pressures near focal defects and did not identify 

specific mechanical alterations likely to account for the deleterious consequences of 

defects. However, other studies have observed deformation of tissue near a defect, 

suggesting that large strains may occur locally and be responsible for continued tissue 

damage. Quantification of the effects of articular defects on adjacent and opposing 

cartilage deformations could provide insights into the possible source of adverse 

consequences. Characterization of the restoration of biomechanical properties at a 

defect and its interface with native cartilage following defect repair may indicate 

potential limitations to current therapies and identify targets for improvement.  
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 The goal of this dissertation work was to contribute to the understanding of 

changes in the mechanical environment due to focal articular defects and the extent to 

which normal mechanical properties are restored in vivo using one current method 

cartilage defect repair. To achieve these goals, the effects of focal defect presence on 

cartilage contact mechanics (i.e. intra-tissue strain and induced sliding) were 

investigated in an in vitro model, and quantitative mechanical measures of repair were 

performed on retrieved in vivo samples.  

Chapter 2, which was submitted to Biorheology, describes the deformation of 

opposing cartilage surfaces following loading in uniaxial compression. The study 

quantified the intra-tissue strain distributions in opposing intact osteochondral 

surfaces and the changes in these strains resulting from the creation of a focal defect in 

one of the surfaces. The presence of such a defect may affect more than just the static 

levels of strain directly following loading. These defects may also alter the dynamic 

redistribution of strain during loading and relaxation and the incongruous surface 

could increase sliding between the contacting surfaces.  

The need for dynamic analyses of contact motivated the work in Chapter 3, a 

detailed mathematical framework to quantify the biomechanics of contact (including 

large deformations and slips) from 2-D or 3-D experimental datasets. In conjunction 

with this formulation, the image processing methods of Chapter 2 were modified to 

dynamically track tissue deformations using an automated image correlation-based 

approach.   

Chapter 4 implemented the experimental and analytical techniques developed 

in previous chapters to characterize the dynamic contact mechanics between intact or 
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defect-containing surfaces. Specifically, changes in the dynamic development of strain 

during loading and the redistribution of those strains during stress relaxation were 

quantified. Additionally, surface sliding induced at the defect edge was analyzed.   

The extent of success of repairing a focal cartilage defect may be predicated at 

least in part, on the ability to restore the normal mechanical environment. This may 

include the bulk mechanical properties of the graft tissue as well as functional 

integration between the graft and surrounding host tissue. Chapter 5, which was 

published, in full, in the Journal of Biomechanics, investigates for the first time, the 

tensile properties of retrieved repair tissue resulting from cell transplantation and the 

tensile strength of integration of this tissue to the surrounding host cartilage. 

Knowledge of the properties resulting from in vivo repair procedures may allow the 

mechanical functionality of these procedures to be investigated in in vitro models, 

similar to those used in this dissertation. 

Chapter 6 summarizes the major findings of the studies, discusses the 

implications of these finding, and explores the future directions of the work.   

 

1.2 Cartilage Composition, Structure, and Function 

Articular cartilage normally functions as a load-bearing, low-friction, wear-

resistant material at the ends of long-bones.  It consists of two components: a solid 

component, composed primarily of extracellular matrix (ECM) proteins with a sparse 

population of highly specialized cells (chondrocytes) and a fluid component that 

accounts for up to 80% of the tissue wet weight [10].  The majority of the solid 
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cartilage matrix is composed of two proteins, the large aggregating proteoglycan 

aggrecan and a fibrillar network of type II collagen. 

 Mature articular cartilage is inhomogeneous in both composition and 

structure, showing significant variation with tissue depth.  The superficial zone of 

cartilage is more densely populated with chondrocytes, and the cells in this region 

have a flattened morphology [49] and specialized physiological functions (i.e. PRG4 

secretion [47]). In the middle and deep zones, chondrocytes have a round morphology 

and are more sparsely distributed, with cells in the deep zone and arranging into 

columns [49]. Proteoglycan content is lowest in the superficial region and increases 

significantly with tissue depth [35]. Collagen content varies little throughout the 

tissue, but organization of collagen fibrils changes markedly with tissue depth: fibrils 

are oriented parallel to the articular surface in the superficial zone and transition 

through the middle zone, eventually assuming a radial orientation in the deeper layers 

[4]. 

Mechanical properties of cartilage also differ significantly in different tissue 

zones and are related to the compositional and structural variations.  The significant 

decrease in permeability [34] and increase in compressive modulus [46] observed with 

tissue depth are correlated to the increased proteoglycan content in the deeper 

cartilage layers.  On the other hand, the collagen network is responsible for the 

majority of the tensile and restraining properties of the tissue [10]. Cartilage tensile 

properties are dependent on both the content and organization of the collagen network. 

Tissue contents of both collagen and collagen crosslinks correlate with the 

biomechanical tensile properties of cartilage [28, 44].  During normal growth and 
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maturation, changes in these contents correlate with increases in tissue mechanical 

properties [52]. The dependence of cartilage mechanical properties on collagen 

network structure is demonstrated by the changes in tensile modulus and strength with 

fibril orientation [28, 44, 54] and the role of superficial fibrils in  resisting 

compression by the so-called “trampoline effect” [16].  

 

1.3 Focal Defect Prevalence, Progression, and Intrinsic Repair 

Focal articular cartilage defects are prevalent in symptomatic knees. 

Previously undiagnosed chondral lesions were present in ~60% of patients, between 

the ages of 1 and 96 (average ~40 y.o.), undergoing arthroscopies for knee pain, with 

roughly a third of these being classified as focal cartilage defects. The likelihood of 

finding chondral damage increased with patient age, as did the severity of the damage 

encountered [14, 23].  However, advanced chondral defects were also common in 

younger patients: ~10% of patients ≤ 40 years old had at least one defect extending ≥ 

½  the cartilage thickness [14, 23].  

Recent studies suggest that an articular defect, if left untreated, will continue 

progress and initiate osteoarthritis.  Clinical MRI studies have observed increases in 

focal defect size over a 2 yr  period [51], and accelerated rates of cartilage volume loss 

in joints containing focal defects [11, 53]. Similar degenerative changes have been 

observed near cartilage defects created in in vivo animal models [25, 31], but 

interpretation of these models is complicated by the use of different animal models 

with distinct differences in joint size and loading and cartilage thickness and 
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mechanical properties. The eventual fate of a defect may be related to the defect size 

or loading environment, with defects that are smaller or in unloaded regions generally 

showing fewer signs of degeneration and better filling of the defect with repair tissue 

[12, 17, 25, 39]. Theoretical modeling of the repair process has predicted that cartilage 

thickness and defect depth will also greatly affect the quality of repair [17]. 

 

1.4 Mechanical Effects of Focal Defects 

The mechanical environment surrounding a focal defect is significantly altered 

and may contribute to progressive cartilage degradation. Elevated peak and average 

contact stresses and stress gradients have been measured near, but not at, the edges of 

experimentally-created defects [9, 21] in ex vivo whole joint studies.  The magnitudes 

of contact stress increases were affected by the size of the defects significantly 

affected and the presence, or absence, of the meniscus. Recruitment of new contact 

area in the radial direction helped to minimize changes in contact stress [9], but in 

doing so may create substantial local deformations and intra-tissue strains. A recent 

study confirmed the presence of large macroscopic deformations in the tissue 

surrounding and opposing focal defects [6], and finite element modeling predicts 

increased strains in the surround tissue [41].  

Treatments to repair focal defects show variable abilities to restore the normal 

contact stress distributions. Fibrin glue, modeling an immature graft, is able to prevent 

elevations in contact stresses at the surfaces of adjacent cartilage [42], but it is 

unknown whether they effectively limit tissue deformation. Osteochondral grafts can 
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also prevent abnormal contact stresses, but care must be taken to properly align and 

position the graft in the defect [29, 30].   

Similar mechanical effects were observed in the analogous situation of intra-

articular step-offs [8, 37, 38]. Additionally, elevated contact stresses and contact stress 

gradients were shown to be maintained during dynamic physiological loading [37, 38].  

It has been suggested that persistent regions of higher pressures may result in lower 

local fluid content and possibly lead to greater solid matrix damage [38].  

 

1.5 Articular Cartilage Repair and Integration 

It is commonly noted that damaged articular cartilage has a low potential for 

intrinsic repair [33]. This problem has motivated a great deal of research into methods 

of enhancing the repair response [45]. A variety of surgical techniques can be used to 

treat focal chondral defects, and usually involve removal of damaged tissue from the 

defect edge, followed by filling of the defect with cells, graft, or implant. Current 

treatments include microfracture, osteochondral autografts [1, 22] and allografts [3, 

13, 18, 20], and cell implantation [7], each with their own advantages. The choice of 

treatment is often guided by the location and physical characteristics (including size) 

of the defect [32].   

Each of these treatments results in interfaces between repair and native tissues 

where integration is desirable. However, integrative repair is not observed in 

experimentally created lacerations in the articular surfaces of mature cartilage [33], or 

between the surface of repair tissue and native cartilage following intrinsic repair of 
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full-thickness defects [48]. Often, the development of adhesive strength is used as a 

functional measure of integration. In vitro studies have identified several factors 

contributing to the development of adhesive strength, including the presence of viable 

cells [5, 43], the biosynthesis and transport of collagen to the interface [15], and the 

formation of lysyl-oxidase mediated collagen crosslinks [2].  Initial adhesion of 

cartilaginous surfaces has been accomplished by the initiation of cross-linking through 

photochemical welding [26], fibrin glue [27], or transglutaminase treatments [27], 

while other treatments, such as  selective enzymatic degradation of cartilage matrix 

components [5, 24, 40, 50], or pretreatment with the lathyrogen BAPN [36], have been 

shown to increase or accelerate, respectively, the development of adhesive strength in 

vitro. However, even with the current treatments, values of adhesive strength fall 

significantly below the strength of normal cartilage, and this lack of integrative repair 

may eventually lead to degeneration [19, 48].  

. 
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CHAPTER 2 

THE EFFECTS OF FOCAL ARTICULAR DEFECTS      

ON INTRA-TISSUE STRAINS IN THE              

SURROUNDING AND OPPOSING CARTILAGE 

 

2.1 Abstract 

Focal damage to articular cartilage is found commonly in arthroscopy patients 

and the alteration of the mechanical environment of the chondrocytes may contribute 

to progressive degeneration of the cartilage. The objective of this study was to 

quantify changes in intra-tissue strain occurring in cartilage near and opposing a focal 

defect. Pairs of osteochondral blocks from the femoral condyles of adult human knees 

were compressed uniaxially by 20% of the total cartilage thicknesses, and the state of 

tissue deformation before and after compression was recorded by video microscopy. A 

single, full-thickness chondral defect was created in one block from each pair. Blocks 

were then allowed to re-swell for >1 hr and retested. Stained nuclei, acting as fiducial 

markers, were tracked by digital image correlation and used to calculate cartilage 

strains and relative surface displacement due to loading. Intact blocks displayed axial 

strains that increased with depth and relatively little sliding. In tests of samples with a 
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defect, strain magnitudes were elevated in cartilage adjacent to, and opposing, the 

defect, and sliding between surfaces was also increased. Localized alterations in strain 

may contribute to altered chondrocyte metabolism, chondrocyte death, matrix damage, 

or accelerated wear in vivo, and the efficacy of repair strategies may depend on the 

ability to alleviate adverse mechanical conditions.  
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2.2 Introduction 

Focal defects in articular cartilage are commonly found in symptomatic knees 

[10, 20]. Previously undiagnosed chondral defects extending at least half the cartilage 

thickness have been documented in ~10% of patients ≤ 40 years old undergoing 

arthroscopies, with even greater frequency with advancing age [10, 20]. The presence 

of such defects may contribute to the progressive degeneration of the joint [8, 43, 47]. 

Untreated focal defects increase in size over time [43], and defect-containing joints 

have accelerated rates of cartilage volume loss [8, 47]. Similar degenerative changes 

have been observed near cartilage defects created in in vivo animal models [22, 28]. 

Despite these findings, the mechanism by which focal defect presence leads to 

progressive joint degeneration remains unclear.  

Changes to the cartilage mechanical environment could contribute to the 

progression of a focal defect. Excessive mechanical loading can result in macroscopic 

[24, 36] and microscopic [37, 41, 46]  matrix damage and cell death [9, 11, 12, 24, 27, 

30, 34, 36, 41]. Over time, even moderate increases in load may be expected to 

accelerate the rates of both mechanical fatigue [4, 44, 45] and wear [1, 29]. 

Additionally, changes in the mechanical environment can affect the cellular response 

of the tissue. Localized cell death reduces the cell population available for tissue 

maintenance and repair [21], and remaining cells may have reduced metabolic 

function [27, 36]. In the long-term, mechanical stimuli may regulate the processes of 

tissue growth and remodeling [16, 19]. Given the influence of mechanical factors on 

the processes of tissue damage, repair, and remodeling, any changes in those factors 
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occurring near a focal defect are likely to be critical determinants of the tissue 

response.   

Certain changes in the mechanical environment of a focal defect have been 

predicted or measured in a variety of animal models. Increases in peak and average 

contact stresses are measured adjacent to the rim of a focal defect and increased 

contact stress gradients are present directly at the rim [7, 17]. These results parallel 

those of studies investigating the mechanical effects of other sources of surface 

incongruities (i.e. intra-articular step-offs [6, 31, 32], misaligned grafts [26]). 

However, increases in contact stresses were generally moderate, offset by the 

recruitment of new contact area [7]; increased deformation of tissue in the normal 

contact area would be necessary to allow for this redistribution of load onto the 

surrounding surfaces. Indeed, a recent study revealed the presence of large 

macroscopic deformations in the tissue surrounding and opposing focal defects [5], 

and finite element models, showing good agreement with ex vivo contact stress 

measurements, predict increased strains in the tissue adjacent to a defect [35]. 

Experimental measurements of the intra-tissue strains near a defect site have not yet 

been quantified and it is unclear how changes in tissue properties (i.e. thickness, 

curvature, bulk mechanical properties) between species may affect these values. 

 One approach to assessing the intra-cartilage strain distribution is to use a 2-D 

experimental model and image the deforming tissue along the cross-section of loaded 

samples. Previous studies have used similar methods to measure spatial strain 

variations in biological tissues [39, 40, 42] and cells [15, 18]. These methods have 

elucidated the marked depth-dependent compressive properties of normal articular 
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cartilage under both confined [39, 40] and unconfined[42] compression. Subsequent 

studies have focused on cases of specific clinical interest: the properties tissue-

engineered constructs [25], and the strains arising during indentation testing [2] and 

their relationship to the deleterious biological consequences of high indentation depths 

[3]. Extension of these techniques to study contact between opposing cartilage 

surfaces may provide useful insights into normal and pathological cartilage function.   

 The hypothesis of the current study is that presence of a focal defect alters the 

contact mechanics of opposing cartilage surfaces, producing elevated, possibly 

injurious, strains in the adjacent and opposing tissue and inducing sliding between 

articulating surfaces that may be relevant to tissue wear. Thus, the objective was to 

characterize these changes by quantifying the distribution of intra-tissue strains and 

relative surface sliding following uniaxial compression of opposing intact, and defect-

containing, cartilage samples. Knowledge of the intra-tissue strains arising near a focal 

defect could help to identify tissue regions most susceptible to damage and provide 

data to verify and improve theoretical models of cartilage contact.  
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2.3 Materials and Methods 

Study Design 

Mechanical testing was first performed on pairs of intact osteochondral blocks, 

as a normal control. Following testing, a single, 4 mm wide, full-thickness defect was 

created in the center of one block from each sample pair. Samples were allowed to re-

equilibrate for at least 1 hr in SF+PIs, and then retested using the same mechanical 

testing protocol.   

Sample Preparation  

Macroscopically normal osteochondral blocks (10 × 10 × 2.5 mm3; L × W × 

H) with smooth, intact surfaces were harvested from the femoral condyles of adult 

human (23 ± 3 y.o.) knees (Figure 2.1A). Human donor tissue was obtained from 

tissue banks with donation areas in the Western and Southern areas of the United 

States. Donors were excluded if they had a history of knee arthritis or if the cause of 

death was due to a high velocity impact that might cause acute knee injury. Blocks 

were soaked in phosphate buffered saline (PBS) with the addition of protease 

inhibitors (PIs) [14] and stored at -70 ºC until testing. Blocks were thawed by 

immersion in PBS+PIs, stained (cell nuclei) for at least 4 hr at 4 ºC with 20 μg/ml 

propidium iodide in PBS+PIs, and then equilibrated for 12 hr at 4 ºC in bovine 

synovial fluid (SF)+PIs, to ensure normal surface lubrication. Prior to testing, cartilage 

thickness was optically measured at 5 places spanning the sample width; sample 

cartilage thickness was recorded as the average of these 5 measurements (samples 

averaged a thickness of 2.12 ± 0.13 mm). Blocks obtained from the same knee were 
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tested against each other to match the mechanical properties of the opposing sides. A 

total of n=4 pairs of human blocks were tested.   

Defects were created by making 3 vertical incisions (center of the sample 

width, and 2 mm to each side of center) perpendicular to the articular surface and 

extending through the calcified cartilage layer.  The cartilage was then undercut along 

the bone starting at the center cut and cutting towards each edge until the cartilage 

released.  

Micro-scale Mechanical Testing  

Mechanical testing was performed in a microscope-mounted test chamber, as 

described previously (Figure 2.1B) [2, 25, 39, 40]. Briefly, pairs of blocks were 

positioned with their articular surfaces opposing and aligned perpendicular to the 

direction of loading (z-axis). Tissue deformation was imaged through the glass 

chamber bottom (x-z plane) using a Nikon Diaphot 300 epi-fluorescence microscope 

fitted with a G-2A filter cube (Nikon, Melville, NY). Samples were imaged at 4x 

magnification (~1.8x2.8 cm2 field of view) and digital images (512x768 pixel 

resolution) were recorded with a charge-coupled device camera (Model 4913-5000, 

Cohu, Inc., San Diego, CA). Samples were loaded under uniaxial unconfined 

compression to a total tissue strain of 20% (defined as the applied displacement/sum 

of the cartilage thicknesses), at a strain rate of 1%/s using a displacement controlled 

actuator (Model MFN25PP, Newport Corporation, Irvine, CA). Static digital images 

of the contacting surfaces were acquired directly prior to, and following (30-45 s after 

the onset of loading), the application of load.  
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Figure 2.1: Sample preparation (A) and micro-mechanical testing (B) of opposing 
osteochondral blocks. 
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Endpoint measures 

Indices of the biomechanics of cartilage contact were quantified from the 

acquired images as outlined in this section and as described in detail below. 

Macroscopic changes in deformation of the opposing tissue surfaces were observed 

qualitatively. Intra-tissue strains were calculated at 100 μm spacing, in full-thickness 

regions of both cartilage layers from the static images acquired directly before and 

after loading.  

Strain values at select sub-regions (Figure 2.2) were then averaged between 

samples and analyzed statistically to determine the effects of defect presence on the 

magnitudes and distribution of strain components within the tissue. In the intact case, 

strains were averaged in rectangular, 100 μm tall (in the z-direction) × 500 μm wide 

(in the x-direction) strips at superficial, S (z = surface to 100 μm), middle, M (z = 700 

to 800 μm), and deep, D (z =100 to 200 μm less than the average thickness of each 

individual sample) depths. In defect samples, strains were quantified in select 100 x 

100 μm2 sub-regions located at the same three depths as control samples, but at three 

lateral distances from the defect rim. Along the adjacent cartilage, three lateral 

positions, with respect to defect edge (x=0), were analyzed: A1 (x = 500 to 600 μm), 

A2 (x = 200 to 300 μm), and A3 (x = 0 to 100 μm). For the opposing intact cartilage 

surface, five positions were quantified: O1 (x = 500 to 600 μm), O2 (x = 200 to 300 

μm), O3 (x = 50 to -50 μm), O4 (x = -200 to -300 μm), O5 (x = -500 to -600 μm).  

Sliding between surfaces was estimated by calculating the relative lateral (in 

the x-direction) displacement (RLD) of each point on the surface of the ROI, with 
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respect to the point on the opposing surface that was adjacent to it prior to loading. In 

intact control samples, the average RLD over the 500 μm analysis region was 

calculated. For defect samples, RLD’s were calculated at several points along the 

adjacent cartilage surface (x= 0, 100, 200, 300, 400, 500 μm). 

Automated Tracking of Fiducial Markers 

Tissue deformation was quantified in digital images using a hybrid of the 

discrete point tracking [39] and digital image correlation [42] methods. Fluorescently 

stained nuclei served as fiducial markers of material points in digital images of the 

tissue in its initial and deformed states. Cell tracking was performed and deformation 

was calculated using a custom program written in MATLAB 6.5 using functions from 

the Image Processing Toolbox (Mathworks, Inc., Natick, Massachusetts).  

Images from each cartilage block were analyzed individually. Cell nuclei in 

the initial, unloaded image were isolated by segmenting and intensity thresholding the 

image using methods described previously [23]. A region of interest (ROI) was 

manually selected in the initial image to analyze full-thickness deformations. 

Centroids of the nuclei lying within this ROI were determined, and a subset of these 

points, spaced at ~50 μm, was selected for tracking. To provide an initial guess for the 

positions of selected markers in the deformed image, a set of points (~40), spaced 

throughout the ROI, were selected and manually matched to their positions in the 

deformed image.  
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 Figure 2.2: Locations of sub-regions used for statistical analysis of strain 
distributions in (A) intact control and (B) defect-containing samples.  Measurements 
were made at three tissue depths: S {z =0:100 μm}; M {z =700:800 μm}, D {z = 
[thickness-200]:[thickness-100] }.  For intact control samples, a 500 μm width region 
was averaged to calculate a control strain value at each depth.  For defect samples, 100 
x 100 μm sub-regions were analyzed for S, M, and D depths at select lateral locations 
on the adjacent (A1 {x = 500:600 μm}; A2 {x = 200:300 μm}; A3 {x = 0:100 μm}) 
and opposing (O1 {x = 500:600 μm}; O2 {x = 200:300 μm}; O3 {x =-50:50 μm}; O4 
{x = -200:-300 μm}; O5 {x = -500:-600 μm}) cartilage surfaces.  



24 

 

Fiducial marker positions in the deformed image were first estimated from the 

displacements of the manually matched points. The position of each marker was then 

adjusted by a series of four correlation steps, maximizing normalized cross-correlation 

of equally-sized regions (centered on the marker) in the initial and deformed images. 

First, marker positions were coarsely adjusted using 20×20 pixel (~75×75 μm) 

regions, followed by fine adjustment using 5×5 (~20×20 μm) pixel regions. The 

displacements of the tracked markers were then used to compute theoretically-

deformed images. To fit the 2-D deformation data the ROI was divided into 6 equally 

sized areas (3 lateral × 2 depth) and the displacements of the points in those regions 

were used to calculate a bi-quadratic equation (of the form A+Bx+Cz+Dx2+Ez2+Fxz) 

describing deformation of the region. The transformation was then applied to the 

initial image and marker positions, generating a theoretically-deformed image/marker 

set for that sub-region. Coarse and fine adjustments were repeated as described above, 

but this time correlating to the corresponding theoretically-deformed image. These 

steps helped improve correlation and marker positioning in areas of large 

deformations. Poorly correlated points (where normalized cross-correlation of all four 

correlation steps fell below 0.40) were excluded from further calculations.  

Calculations of Intra-Tissue Strain and Relative Tissue Movement 

The contacting surface contours were defined a by smoothing spline fit to ~10 

manually positioned points spanning the sample widths in both the initial and 

deformed images. This independent definition of the surface provided a boundary for 

calculations since tracking of points close to contacting surfaces was sometimes 

problematic due to the high deformations in the surface regions. Inter-user variability 
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(3 independent observers) of axial surface calculations was calculated to be < ±2 

pixels and was highest for compressed surfaces; this error translates to variability of 

<0.03 on axial strain measurements, in regions that were typically >0.30 and >0.40 for 

intact and defect samples, respectively.  

Movements of the surface and tracked cell nuclei were used to update a 

uniform mesh of points that was used for all calculations of displacements, 

displacement gradients, and strains. The initial mesh-point positions, evenly spaced at 

100 μm, were defined in the ROI in the initial, undeformed image. The starting 

locations of the mesh-point rows and columns were defined using the physical features 

of the samples: the axial positions of the surfaces and, when applicable, the lateral 

position of the defect edge (x=0). For the defect case, lateral position of the defect 

edge was manually chosen in the initial image as the point along the edge that was 

furthest away from the defect center. The lateral positions of mesh columns were 

defined at 100 μm spacing until reaching the edge (or both edges, in the case of the 

opposing cartilage surface) of the chosen ROI. For the intact case, mesh columns were 

defined starting in the center of the ROI.  For both intact and defect samples the axial 

(z-) positions of the mesh points lying closest to the surface were calculated from the 

lateral column positions and the surface spline. The remaining rows of points were 

defined at 100 μm spacing from the inner-most surface point.  

The position of each mesh-point not located along the contacting surface was 

determined in the compressed state using a local affine mapping of any tracked nuclei 

in the surrounding region (~16 nuclei, representing an ~200 x 200 μm region), an 

arrangement that helped limit the effect of small errors in individual point tracking on 
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subsequent calculations and allowed poorly-correlated points (correlation < 0.4 for all 

correlation steps - the threshold where manual verification became difficult) to be 

excluded from the calculation of results. For points on the articular surface, the lateral 

position was calculated using the same affine mapping procedure, and used to 

calculate the deformed axial position from the surface spline. In regions without at 

least four well-correlated points, positions were updated using the positions of the 

neighboring mesh-points that had been successfully positioned. Displacement 

gradients were calculated at each mesh-point by finite difference approximations. 

Lagrangian strains were calculated from displacement gradients and then used to 

compute the principal strains and directions.  

In-plane area changes in the contacting cartilage surfaces were calculated from 

the displacement gradients at each point. Since large deformations were present in 

many tissue regions, the change in area at each point was calculated as: 
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Estimates of local volumetric changes were also calculated within the tissue. Since 

only 2-D measurements were recorded in the current experimental setup, out-of-plane 

displacement gradients were approximated from values of in-plane displacement 

gradients measured in intact control samples. Volume changes could then be estimated 

using equation (1) with components in 3 dimensions.  

The cartilage surfaces were assumed to be a transversely isotropic material, 

with properties being equal in the plane parallel to the articular surface (x and y). In 
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the current setup, this allows the out-of-plane strains in the intact control samples to 

be approximated as equal to the strains in the lateral direction. Using this assumption, 

it is possible to define: 
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Next, the shear gradients in the x-y plane were assumed to be negligible, so: 
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For the defect case, high values of shear and tension develop in the lateral in-

plane direction in both the adjacent and opposing surfaces because of the surface 

incongruity at the defect edge. However, the out-of-plane direction (parallel to the 

defect edge) does not see the same incongruity and would likely experience strains 

similar to those measured in the intact case. Therefore, out-of-plane displacement 

gradients in the defect samples were approximated as: 
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Using those assumptions, volume changes could be calculated as:  
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The computational image analysis was validated using theoretically-generated 

sequential image sets of rigid body translation and rotation or large homogeneous 

deformations in tension, compression, and shear. Calculated strain values (data not 

shown) were found to be accurate to within 0.01 for regions under large deformations 

(axial strains of -0.32 to 0.48; shear strains of 0.10), with errors tending to decrease at 

smaller deformations.    

Measured RLD’s were considered to be a combination of two separate 

components: 1) the inherent sliding between a particular pair of cartilage blocks and 2) 

the sliding caused by a defect. During loading of intact blocks, the direction of sliding 

varied depending on the characteristics of the individual blocks. On the other hand, 

sliding near a defect always took place in the same direction, with the adjacent 

cartilage moving towards the defect with respect to the opposing surface. Thus, in 

cases where significant sliding occurs between the intact surfaces, sliding at a defect 
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may be exaggerated when the two contributions are in the same direction, and reduced 

when the two contributions are in opposite directions. In order to better discern the 

effects of a focal defect, the average relative lateral displacement (RLD) between the 

surfaces in the intact configuration was subtracted from RLD measurements for the 

analyzed surfaces in intact and defect samples. For each surface, lateral (x-direction) 

displacement was fit to a linear function of x- position (Figure 2.3). The average RLD 

for the intact surfaces was then determined as the difference between the lateral 

displacements calculated from the two equations at x=0 (the center of the block 

width). The average RLD for the intact blocks was then subtracted from the calculated 

RLD’s in regions of interest in both the intact and defect samples. All RLD data is 

reported as these differential values. 

For each sample, the average sliding distance over the analyzed 500 μm 

surface region (adjacent to the defect or in the center of intact samples) was calculated 

and normalized to the ~applied axial displacement. The average normalized RLD for 

the n=4 sample pairs was calculated for both the intact and defect configurations.   

Statistics 

Data are presented as mean ± SEM unless otherwise noted. A total of n=4 pairs 

of blocks were tested; each pair of blocks was first tested in the intact state and then 

the same pair was re-tested following the creation of a focal defect.  For tests of 

opposing intact surfaces, strain data from the two opposing surfaces were pooled to 

provide one set of strain measurements (at S, M, and D depths) per control sample 

pair. For defect-containing blocks, several lateral locations along the adjacent and 

opposing cartilage surfaces (as described earlier) were analyzed. All data was log 
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transformed before analysis to adjust for the uneven sample variances. Statistical 

analyses (α=0.05) were performed using Systat 10.2.05 (Systat Software, Richmond, 

CA) and Microsoft Office Excel 2003 (Microsoft Corporation, Redmond, WA).  

The overall effects of tissue depth (S, M, D) and surface location (9 groups: 

control, C; 3 locations on the adjacent surface, A1-A3; and 5 locations on the 

opposing surface, O1-O5) were analyzed by two-way repeated measures ANOVA, 

with tissue depth as a repeated measure. Additionally, planned comparison (a priori) 

t-tests (for uneven variances) were used to compare the values of strain at each 

position (S, M, and D depths at locations A1-A3, O1-O5) along the adjacent and 

opposing surfaces to the control value at the same depth: the choices of comparisons 

were made to elucidate the differences in cartilage deformation in surfaces adjacent to 

and opposing a focal defect, compared to that experienced by contacting intact 

surfaces.  

The power of the planned comparisons to detect differences from control 

values was assessed. Using typical standard deviations (σ=0.05) for our samples, we 

could expect to detect differences in strain magnitudes of 0.10 (~33% change from 

control) with a Power = 0.66. Higher sample numbers would be necessary if smaller 

changes in strain magnitudes were of interest (Power = 0.22 for difference of 0.05), 

but changes in strain magnitudes below a certain threshold may not have significant 

physiological effects. In deeper regions, where strain magnitudes were significantly 

lower, variances were also smaller (σ=0.03), allowing differences in strains of 0.05 to 

be detected with a Power = 0.50.   
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Planned comparisons were also used to compare the relative lateral 

displacements at points along the surface adjacent to the defect rim, to the average 

relative lateral displacement between intact control surfaces.  The average normalized 

sliding distance for the surface adjacent to the defect and the intact surfaces were 

compared using a t-test. 

Power of sliding comparisons was also calculated. At the fully-compressed 

time-point, differences of 30 μm in sliding could be detected with Power=0.50, while 

40 μm differences (~equal to the sliding experienced by intact controls) could be 

detected with Power=0.80 (assuming typical values of σ=15 μm for intact controls 

and σ=20 μm for defect samples). Generally, the standard deviations of sliding 

distances were proportional to the magnitudes of sliding, and power remained high for 

differences ~equal to control magnitudes. 



32 

 

2.4 Results 

In intact cartilage samples, both opposing cartilage surfaces deformed 

similarly. The superficial regions displayed noticeably higher compressive axial 

deformation than the deeper cartilage, which was only slightly deformed. Relatively 

little sliding was observed between the contacting surfaces.  

In the defect case, greater gross deformation of the surfaces was apparent. 

Cartilage adjacent to the defect expanded laterally into the defect, and the opposing 

surface “mushroomed” into the empty defect region (Figure 2.3). The cartilage 

adjacent to the defect rim appeared to collapse. Regions of the opposing surface lying 

over the empty defect and sufficiently far from the defect rim appeared undeformed. 

Lateral sliding between the surfaces was apparent near the defect, with the adjacent 

tissue moving toward and into the defect, relative to the opposing side. 
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 Figure 2.3: Representative defect sample before loading (A), showing the initial, 
undeformed mesh, and after loading (B), with superimposed contour maps of axial 
(B.i), lateral (B.ii) and shear (B.iii) strains.   



34 

 

 Strains in intact control, C, samples (Figure 2.4) displayed a depth-varying 

distribution of axial compressive strain. Compressive strain was highest at the 

articular surface, averaging -0.28 ± 0.04 in the S regions, and decreased significantly 

with tissue depth (p<0.005), reaching values of -0.20 ± 0.03 in the M regions, and 

plateauing to -0.09 ± 0.03 in the deeper zones. Exx and |Exz| magnitudes were low 

throughout the tissue, averaging ≤0.05 in all regions; however, these variations were 

statistically significant, showing a decrease in lateral strain and increase in shear strain 

with increasing tissue depth (p<0.05). 

Overall, strain magnitudes of Ezz, Exx, and |Exz| varied significantly with tissue 

depth (p<0.01) and sample location (p<0.01), with a significant interaction between 

depth and location for Ezz (p<0.01) and |Exz| (p<0.05) (Figure 2.4 and 2.5). The largest 

increases in strain magnitudes occurred near the defect rim, for both contacting 

surfaces, while the only significant reductions in strain magnitude occurred in the non-

contacting regions of the opposing surface. For the most part, changes in strain 

distributions were concentrated in the S and M regions, with very few changes in the 

D region.  
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 Figure 2.4: Strain measurements at selected sub-regions in opposing cartilage 
surfaces.  Strains were calculated in 100 x 100 μm2 sub-regions at S (■), M (■), and D 
(□) depths for several lateral positions along the cartilage surfaces adjacent (A1-A3) 
and opposing (O1-O5) a focal defect.  Strain in each sub-region was compared to the 
value from intact control samples (C) at the corresponding depth (*p<0.05; #p<0.01; 
†p<0.001).  Data are expressed as mean ± SEM.  n=4. 
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In the tissue adjacent to the defect, strains were significantly elevated 

compared to intact control values. At the defect rim (A3-S), Ezz compression reached   

-0.40 ± 0.01 (p<0.05). Significantly higher |Exz| magnitudes along the adjacent surface 

(A2:A3-S) were also observed (p<0.05). 

Strain distributions were also significantly altered in the opposing cartilage 

surface, with increased shear magnitudes near the defect rim and diminishing strain 

magnitudes in the regions overlying the defect. Ezz did not differ significantly from 

controls at locations (O1, O2, O3) remaining in contact with the tissue adjacent to the 

defect (p>0.10), but were significantly reduced in S and M regions at locations over 

the empty defect (p<0.05), approaching zero away from the rim (O5). Exx was 

significantly reduced at locations O4 and O5 (p<.05), with strains approaching or 

surpassing zero at all depths. Elevations in |Exz| magnitudes were measured in S and M 

depths at locations opposing (O3), and near (O2, O4) the defect rim (p<0.01), peaking 

at >0.10.  

Distributions of area and volume loss (Figure 2.6) closely resembled that of 

axial strain, with substantial compaction (>20% volume loss) of tissue near the 

articular surface. The magnitudes of area and volume loss decreased with tissue depth 

and were negligible in the deep regions. In defect samples, significantly greater area, -

0.55 ± 0.03, and volume, -0.54 ± 0.04, loss were measured at the defect rim (p<0.05), 

than in the superficial regions in intact controls: -0.32 ± 0.07 and -0.29 ± 0.07, 

respectively.   
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 Figure 2.5: Composite contour maps of axial (A), lateral (B) and shear (C) strains of 
contacting surfaces in defect samples, for regions ±600 μm laterally from the defect 
and 0-2 mm in tissue depth. 
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 Figure 2.6: Area (i,iii) and volume (ii,iv) changes at selected sub-regions in opposing 
cartilage surfaces. Strains were calculated in 100 x 100 μm2 sub-regions at S (■), M 
(■), and D (□) depths for several lateral positions along the cartilage surfaces adjacent 
(A1-A3) and opposing (O1-O5) a focal defect.  Strain in each sub-region was 
compared to the value from intact control samples (C) at the corresponding depth 
(*p<0.05; #p<0.01; †p<0.001).  Data are expressed as mean ± SEM.  n=4. 
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 Measurements of RLD (Figure 2.7) showed strong trends towards increased 

sliding near defects, but were complicated by high variability between individual 

samples. Higher magnitudes of adjusted RLD were measured between the surfaces 

near the defect rim (averaging >30 μm) than for the control samples (7 ± 2 μm), but 

these increases did not reach statistical significance. However, the average normalized 

RLD was significantly higher for the surfaces near defects, 0.08 ± 0.03, than for intact 

controls, 0.02 ± 0.01. Sliding between surfaces near a defect always took place in a 

qualitatively similar fashion, with the adjacent cartilage moving toward the defect, 

relative to the opposing surface. 
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 Figure 2.7: Adjusted relative lateral displacement (RLD) profiles and average 
normalized RLD. A: Profiles of RLD are plotted for points along the surfaces adjacent 
to defects (solid lines) are compared to the average RLD of points along the 
contacting intact control surfaces (mean: dashed line; SEM grey region). B: average 
RLD, normalized to the applied axial displacement, for intact surfaces (white) and 
surfaces adjacent to defects (black). n=4. (bar = p<0.05).  
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 Figure 2.8: Summary of the effects of defects on cartilage mechanics. 
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2.5 Discussion 

This study employed micro-scale mechanical testing to investigate changes in 

the cartilage deformation in regions near a focal chondral defect. The results confirm 

that defect presence has dramatic effects on macroscopic cartilage deformation and 

intra-tissue strain distribution under uniaxial compressive loading (Figure 2.8). 

Following compression, the tissue adjacent to the defect partially collapses laterally 

into the defect, and significant strain elevations are seen along the defect edge. In the 

tissue opposing the defect rim, the transition from contacting to non-contacting 

regions is marked by a shift in lateral strain from tension to compression and high 

magnitudes of shear strain. The “bending” of the adjacent cartilage into the defect 

region induced sliding between the contacting surfaces, manifest as the net relative 

lateral displacement of the two surfaces. The observed increases in local strain 

magnitudes and sliding may be relevant to mechanical wear and fatigue processes.   

The current study quantified strains by optically tracking fiducial markers in a 

2-D sample cross-section during loading. Similar setups have been successfully used 

in the past to measure spatially-varying intra-tissue cartilage strains in a variety of 

loading configurations [2, 25, 39, 40, 42]; however, some of the measured strain 

values may be affected by this 2-D configuration. The preparation of the cartilage 

blocks may eliminate some of the tangential stresses that may help to distribute load. 

Also, the defects in this model would be unable to develop a circumferential hoop 

stress at the defect rim that might help to resist deformation in vivo. Testing was 

performed in an unconfined geometry, with tissue depressurization possible through 
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the top and edges of the sample; this is most appropriate for modeling defects where 

depressurization is allowed because 1) defect size or surface curvatures prevent the 

opposing surface from producing a seal along the defect rim, or 2) the subchondral 

bone is compromised.  

A loading protocol was chosen to provide a conservative comparison of the 

biomechanics of control and defect situations. Loading in the current study consisted 

of compression applied axially in displacement control at a constant strain rate, and 

with intact and defect-containing samples compressed to the same level of total bone-

to-bone strain. This loading is simplified compared to that of the in vivo environment, 

which would include both lateral and axial components and where strain and strain 

rates would depend upon the joint loading during articulation. The compression to a 

common total tissue strain likely leads to an underestimate of the effects of defects, 

since the loss of load-bearing surface area and possible changes in mechanical 

properties of the adjacent tissue would likely lead to higher levels of total strain and 

strain rate. It is then notable that significant local strain elevations occurred, even 

under this conservative loading protocol. Conversely, compression of samples to a 

common load would likely overestimate the effects of defects, since the samples used 

here would be unable to distribute the load to the surrounding areas, as is expected in 

vivo [7]. Physiological loading conditions would likely fall somewhere between those 

two approximations; predictions of defect behavior under physiological loading could 

be estimated by adjusting the loading conditions of different experimental groups 

using data from ex vivo, whole-joint studies or finite element models. The applied 

strain rate (1%/s) was chosen to fall below the threshold known to induce tissue 
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damage, but still provide measurements that are representative of an instantaneous 

loading response [13,33].  

The accuracy of image analysis techniques used here, was comparable (in 

performance on theoretically generated image sets) to that reported previously.  Image 

analysis was performed using a hybrid approach of previous direct point tracking [39, 

40] and digital image correlation [2, 42] techniques. Here, translations of a subset of 

cell nuclei, acting as fiducial markers, were tracked by maximizing normalized cross-

correlation. Unlike digital image correlation approaches, where correlation is 

maximized for both translation and deformation of a region and gradient calculations 

are computed from those deformations, the current approach maximizes only for point 

displacement and calculates gradients from the relative movement of markers. This 

allows the results of the correlation steps to be easily verified by manual inspection, 

but avoids the labor intensive process of directly matching each point.  

Measured axial strain distributions in intact control samples were qualitatively 

similar to previous reports [2, 39, 40, 42], showing significant decreases in strain with 

increasing tissue depth. The depth-wise distribution of strain differed slightly from 

previous studies, with peak strains tending to be slightly lower in the superficial 

region and slightly higher in the deep regions; however, differences in test parameters 

(e.g. presence or absence of underlying bone, unconfined vs. confined compression, 

relaxation time, and tissue source) prohibit direct comparison of the independent 

results. Strain data are reported as components in the axial and lateral directions, with 

the corresponding shear strain (as opposed to principal and maximum shear strains), 

since in a highly anisotropic tissue, such as cartilage, the effects of strains may depend 
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not only on their magnitudes, but also on their orientation with respect to the tissue 

structure. At lateral positions away from the defect edge, principal axes tended to 

closely align with the x- and z- axes, as seen by the low values of shear strain in those 

regions (Figure 2.5). 

In the defect case, cartilage surfaces experienced elevated axial compression 

and lateral tension in the tissue adjacent to the defect, with strain elevations generally 

more confined to the surface regions. The samples also showed sharp increases in 

shear strain in the region contacting the defect rim and fluctuations between regions of 

tension and compression in the lateral direction. Although no directly comparable 

studies have been performed, the behavior of defect samples is in agreement with 

previous observations. The macroscopic deformation was similar to observations by 

Braman et al [5], while the trend for lower compression in the tissue directly opposing 

the defect rim corresponds well to reports that peak contact pressures occur near, but 

not at, the defect rim [7].   

In the joint environment, defect behavior may also be influenced by several 

additional parameters. Foremost among them, inclusion of a lateral component of load 

may significantly influence strain distributions, with the protrusion of the opposing 

surface into the defect providing considerable resistance to lateral motion. Normal 

variations in cartilage thickness, mechanical properties, and surface curvatures, as 

well as the size and edge characteristics of the defect, could contribute to changes in 

contact mechanics. One of these effects was qualitatively observed in the current 

study; strain patterns directly at or opposing the defect rim and sliding between the 

surfaces in that region showed large variabilities that may have been governed by the 
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orientation of the defect edge (i.e. angle formed by the defect base and edge). An 

“open” defect orientation (i.e. angle > 90°), where tissue at the base extends further 

into the defect than tissue at the rim (such as the defect in Figure 2.3), seems to result 

in a greater lateral compaction of the rim and a more abrupt transition in the opposing 

surface.  A more “closed” defect angle (i.e. angle < 90°), where there is excess tissue 

at the surface without support directly below it, tended to produce higher lateral 

tension and shear in the adjacent surface and a more gradual transition in the surface 

opposing the rim. The defect orientation also seems to affect the amount of sliding 

between surfaces at the defect edge, with higher magnitudes occurring near defects 

with a “closed” orientation. It is unclear if either these situations is physiologically 

preferable, although very large (135°) defect angles have been associated with 

negative in vivo outcomes [38]. 

The use of in vitro experimental model systems to study the effects of focal 

defects may allow for the determination of critical size thresholds where changes in 

cartilage contact are observed.  In the current study, it is possible to estimate the 

minimum defect size that allows the opposing surface to completely transition to an 

uncompressed state in the region over the empty defect.  Here, we will define this 

radius as the lateral distance from the point on the opposing surface that begins in 

contact with the defect rim, to the point where axial strain in the opposing surface 

equals zero.  This was determined by fitting a cubic equation of x (lateral position) to 

the corresponding values of Ezz.  Solving that equation using the current experimental 

results, gave a critical radius (Rcrit) of 768 μm.  Since the transition radius is likely to 

depend on the applied axial displacement on the surface (which is, in turn, equal to 
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thickness × applied total strain), it may be useful to express this distance in terms of 

these experimental parameters: average thickness of the opposing surfaces (h) and the 

applied compressive strain (εc). Doing this provides the relationship, Rcrit = Chεc, 

where C is an experimentally derived parameter. For the current study, C was 

estimated to be 1.85.   

The high level of strain present at the defect rim may play a crucial role in the 

continued progression of a defect. Using a conservative (equal applied displacement) 

loading protocol, local strain elevations still exceeded magnitudes that have been 

previously linked to cell [12, 27, 30, 34, 36 ] and matrix damage [36, 41]. Even in the 

absence of such acute damage, mechanical overload could contribute to accelerated 

rates of wear and fatigue over long-term loading [1]. Investigation of how the 

observed strain concentrations correlate to regions of cell or matrix damage may 

provide insights into disease progression. The current study could be extended, to 

investigate the mechanical performance (i.e. the ability to prevent abnormal strain 

development in adjacent or opposing tissue) of common repair strategies and gauge 

the relative significance of factors such as bulk material properties and host-graft 

integration to restoring normal mechanical function.  
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CHAPTER 3 

EXPERIMENTAL MEASUREMENT AND 

QUANTIFICATION OF FRICTIONAL CONTACT 

BETWEEN BIOLOGICAL SURFACES EXPERIENCING 

LARGE DEFORMATION AND SLIP  

 

3.1 Abstract 

The internal stress and strain states of tissues are known to play significant 

roles in physiological and pathological processes. However, the biomechanical 

interactions between tissue surfaces have received less attention. Theoretical models 

have described some special cases of contact, with simplifying assumptions about 

material properties, surface geometries, and loading conditions. The ability to 

experimentally track and quantify the surface interactions between contacting 

biological tissues would directly contribute to the understanding of contact and also 

help to validate theoretical analyses.  The objectives of this study were to 1) develop a 

general mathematical approach describing the dynamics of deformation and relative 

surface motion between contacting bodies and 2) apply this approach to experimental 

data to describe the contact mechanics between opposing articular cartilage surfaces 
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with differing mechanical properties. The theoretical formulation describes contact 

and deformations from the displacement of discrete tissue markers on each surface, 

and is applicable to 2-D or 3-D datasets.  The method was validated using a 

theoretically generated 3-D dataset designed to recreate many possible complications 

of experimental data, including 1) motion in three dimensions, with components 

tangential and normal to the surface, 2) finite surface deformations, 3) temporally and 

spatially varying surface orientations, and 4) surfaces entering and leaving contact; 

varying model parameters greatly altered the magnitudes of error, but errors were 

below 1% for many possible scenarios.  Experimentally, fluorescently stained nuclei 

were automatically tracked through a dynamic image sequence by iteratively 

maximizing correlation between frames; the displacements of the nuclei were used to 

quantify tissue movement and deformation. The grossly softer surface experienced 

nearly twice the total strain and significant lateral expansion, producing sliding 

between the surfaces. 
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3.2 Introduction 

Biomechanics play a crucial role in the normal function of the human body.  It 

has been well documented that stresses and strains arising in tissues can influence 

cellular responses [14, 17] and contribute to processes such as growth, maturation,  

adaptation [14, 26], injury [36], and repair [16, 37].  However, tissues and organs 

often contact at surfaces, and the biomechanical interactions occurring at these 

surfaces may have significant implications to both normal and pathological processes.  

Recent studies have implicated the shearing of cartilage due to the articulation of 

joints to have dramatic effects on cellular response, and lubricant secretion in 

particular [33, 34]. Similar interactions can be observed throughout the body (e.g. eye 

lid sliding against the cornea [32], heart sliding in the pericardial sac, lungs sliding 

against the peritoneal cavity [29]). To fully understand the role that mechanics play in 

physiological function, it is important to study both the internal mechanical states of 

tissues and the interactions occurring between them.   

Theoretical analyses of contact mechanics have been developed to predict the 

deformations and sliding in a variety of specific conditions. The topic of contact 

mechanics was approached by Heinrich Hertz in 1882 to describe the normal, 

frictionless contact between non-conforming, perfectly elastic bodies. Since then, 

much of the work in the field has focused on eliminating one or more of the 

assumptions made in the classical Hertzian solution and extending the applicability to 

more practical problems, including inhomogeneous or anisotropic materials, large 

deformations, and frictional contact [25].  In recent years, advancements in the field of 
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contact mechanics have been driven by the formulation of robust finite element 

approaches and increased computing power, allowing consideration of problems 

lacking closed-form solutions. Models have been developed for a variety of 

physiological [20], and even patient-specific [11], geometries, and more accurate 

boundary conditions have been prescribed by real-time tracking of movement in 

human subjects [11].  The use of these models provides analysis of joint kinematics, 

and predictions of stress and strain distributions in the opposing cartilage surfaces.  

However, these models still incorporate assumptions that may be difficult to validate, 

including the material constitutive equations and friction definitions.  In biological 

tissues, the complex nature of the materials (e.g. cartilage, which is viscoelastic, 

anisotropic, and inhomogeneous) and their surfaces (which may include multiple 

modes of lubrication) [13] may make it difficult to fully predict the contact behaviors.  

With continued improvements in imaging and image processing, it may be possible to 

experimentally supplement and validate theoretical predictions of contact.   

 Previous experiments have approached the issue of tracking tissue kinematics, 

deformation, and loading at a variety of length-scales. Video dimensional analysis 

[23] and biplane cineradiography [31] have each been used to visualize displacement 

fields in tissues. In the heart, biplane cineradiography has been used to measure 

muscle strains [18, 30], using embedded surface markers. More recently MRI has been 

employed to image heart contractions, measuring changes in wall thickness and 

chamber volume [8]. Similar studies have been performed during joint articulation, to 

monitor changes in cartilage thickness [10], and joint kinematics [12]. In vitro studies 

have microscopically imaged spatial variations in articular cartilage intra-tissue strain 



57 

 

(~ 10 μm resolution) under static or quasi-static compressive loading [38, 39, 41], and 

similar techniques were used to quantify the deformation of single cells [15]. 

However, to our knowledge, experimental investigations of the local deformations and 

surface interactions arising between dynamically contacting bodies have not been 

performed.   

 Several theoretical studies have attempted to predict the contact mechanics of 

articular cartilage surfaces. Many studies have modeled cartilage as an elastic solid, 

but such assumptions obscure the time-dependent viscoelastic response of the tissue 

and may not be suitable for dynamic analyses [1, 2, 6]. Other studies have 

incorporated the biphasic model of cartilage into solutions of cartilage contact.  Hou et 

al developed boundary conditions relevant for the interface of a viscous fluid and a 

biphasic medium [21] and implemented them [22] in a numerical solution of dynamic 

contact between a rigid indenter and a cartilage surface separated by a thin fluid film. 

Those boundary conditions were then adapted to determine an asymptotic solution of 

the frictionless contact between two linearly elastic, biphasic cartilage layers [4]. 

More recently, finite element models have incorporated the biphasic and transversely 

isotropic properties of cartilage to study contact between cartilage layers with varying 

curvature [9]. These various solutions have provided some important insights and 

show agreement with certain cartilage behaviors (e.g. failure at the subchondral bone 

interface [2, 3]), but contain simplifications including sample geometries, material 

properties, or the assumption frictionless contact [1, 3, 6, 19], which may affect the 

accuracy of predictions under certain circumstances.  Also, none of the models have 

attempted to quantify the local sliding between contacting cartilage surfaces. 
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Experimental quantification of cartilage contact could help to validate and refine the 

assumptions used in current theoretical models.    

Thus, the objectives of this study were to 1) develop a general mathematical 

approach to quantify dynamic deformation and local surface interactions (i.e. sliding 

velocity and total sliding distance) between experimentally-tracked contacting bodies 

and 2) implement this approach to describe the contact mechanics between opposing 

articular cartilage surfaces.   First, a mathematical approach that is applicable to both 

2-D and 3-D datasets will be presented, and these methods will be validated using 

theoretically-generated 3-D datasets. Then, previous studies of intra-tissue cartilage 

strain will be extended to investigate contact between opposing cartilage surfaces 

under dynamic loading, and tissue displacements will be automatically tracked using 

digital image correlation techniques. Tissue deformation and surface interactions will 

then be quantified using the presented approach.   

 

3.3 Methods 

Theoretical Predictions of Contact 

We will first present a brief review of the basic concepts included in 

continuum formulations developed for large deformation frictional contact [28, 35, 

40]. Then, analogous formulations will be introduced for use with discrete, spatially 

and temporally sampled, experimental data. Continuum and discretized finite element 

approaches to large deformation frictional contact problems often follow the same 

general approach. Forces or displacements are applied to two independent bodies 
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which move relative to each other and interact over some portion of their surfaces.  

Contact solutions seek to describe the deformations of the individual sides and the 

resulting position of each point in the bodies. This is achieved by solving the 

independent motion of each body over a short time-step and then analyzing the contact 

conditions. If the independent movements result in overlap of the two surfaces, the 

deformations that would eliminate the overlap can be determined. Constitutive laws 

are then used to derive the tractions arising from surface deformations, while defined 

frictional laws determine the slip behavior and frictional forces. Solutions are 

calculated through minimization of error terms by adjusting the deformation and 

slipping between surfaces to achieve an equilibrium condition. This procedure is then 

repeated over subsequent time-steps.   

Description of when surfaces are in contact, the surface area that participates in 

this contact, and the sliding that occurs between them requires knowledge of both the 

surface movements and of their positions in relation to one another. For an idealized 

case, where two surfaces are assumed to remain in contact and overlap does not occur, 

the instantaneous rate of sliding at any contact point will be equal to the difference in 

velocities of the two surfaces at that point.  In general, the relative velocity of 

contacting surfaces may have components both tangent and normal to the surface 

plane. The component of relative velocity in the direction normal to the plane is 

typically called the gap velocity, and determines whether surfaces are coming into, or 

out of, contact. The component of the velocity tangent to the surface is then referred to 

as the sliding velocity. To account for the independent velocities of points on the two 

surfaces, solution of these problems requires the use of a reference frame describing 
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the movement of one body with respect to the other body; this has been accomplished 

by description of a body’s motion as a convective velocity [28] of the other surface or 

by using mixed Langrangian-Eularian [7] approaches. For the purposes of predicting 

long-term wear, it may be advantageous to quantify the total sliding distance over a 

point, or an entire surface, during a finite time period, values that can be obtained by 

integrating the sliding velocity over time or the surface, respectively.   

Discrete Analysis of Experimentally-Tracked Contact 

The time-dependent positions of experimentally-tracked mesh-points are used 

for all calculations of displacement, displacement gradient, strain, and surface 

interactions. Unlike theoretical predictions of contact mechanics, where the 

deformation of contacting bodies and the interaction between their surfaces are related 

by constitutive equations and must be solved for simultaneously, analysis of 

experimentally-derived data allows decoupling of deformation and sliding 

calculations. Therefore, the current approach is presented in two parts: 1) analysis of 

the internal deformations of each body, individually and 2) calculation of the 

interactions between the body surfaces.   

Intra-tissue Strain Equations 

The initial position of each point in the body is given by a , and the 

corresponding positions at all subsequent times in the deformed state, by ),( tf ax = . 

Deformation of each body is calculated individually (without consideration of the 

opposing surface) by calculation of the displacements of each point, axu −= , and 

displacement gradients in the three (or two, for 2-D analyses) orthogonal directions.  

For the discretely sampled data, with points equally spaced at  
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the displacement gradients can be calculated at each mesh-point using 2nd (edges) or 
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Lagrangian strains can then be calculated from the displacement gradients (equation 

written with no summation).   
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Surface Interactions 
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Analysis of surface interactions requires consideration of only those points 

lying at (or in the absence of points directly at the surface, closest to) the surface. 

Since the two surfaces are allowed to move independently, the kinematics of points on 

each surface must be considered simultaneously to determine their interactions.  

Analysis of surface interactions (Figure 3.1) will be performed by describing 

motion in reference to one surface, often referred to as a slave surface [11], or 

contactor [35].  For each point on the slave surface, the length of the opposing surface  

(called the master surface [11], or target [35]) that slides over it during each time-step 

will be determined.  As has been noted for finite element analyses of contact, sliding 

velocities calculated from discrete data, unlike those in the continuous case, may 

depend on the choice of reference side.  This complication arises because changes in 

surface velocity, orientation, and deformation that may occur within a single time-step 

could affect the lengths of the contacting surfaces and the directions of relative 

motion; refinements in the mesh or time-step lengths will more closely approximate 

the continuous case.   
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Figure 3.1: Diagram of contact definitions in 2 and 3 dimensions. 
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The position, orientation, and movement of the master surface will be 

described with respect to each point on the slave surface. At each time-point, the first 

step will be determining the projection, px , of the slave point onto the master surface.  

The four mesh-points on the master surface that surround the projection of the 

reference slave point ( M1x , M2x , M3x , and M4x ; ordered from closest to furthest from 

the slave point) will be determined.  Four vectors are defined describing the relative 

positions of the slave point and master points: M1g  (equal to Sx - M1x ) , 12d ( M2x - 

M1x ), 13d  ( M3x - M1x ), and M4g  ( Sx - M4x ). The unit vectors 1ξ  and 2ξ  are then 

defined in the directions of 12d  and 13d , respectively, representing the local coordinate 

axes of the contacting, master surface sub-region.  The position of px within the sub-

region (with respect to M1x ) is obtained from the equations:   

12
1M1 dξg /)(1 •=δ  ,  3

2 / 1
2M1 dξg •=δ    (7) 

2
1

1
12p ξdξdx 3

21 δδ +=   (8) 

The displacement of px  over a time-step can be determined by bilinear interpolation 

of the incremental displacements of the four surrounding master points.   

M4M3M2M1p ΔuΔuΔuΔuΔu 21212121 )1()1()1)(1( δδδδδδδδ +−+−+−−=   (9) 

 

Analogous variables may be derived for the 2-D case.  The projection of the 

slave point onto the master surface falls along a line segment connecting M1x and M2x , 

the closest and second closest points on the master surface.  The vectors connecting 

these points to the slave point and each other are defined as M1g  ( Sx - M1x ) , 2Mg  
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( Sx - 2Mx ), and the surface tangent 12d ( M2x - M1x ).   As before, the unit tangent, 1ξ , 

is defined in the direction of 12d , and the location of the projected point on the 

segment, with respect to M1x , is given by: 

12
1M1 dξg /)(1 •=δ         (10) 

1
12p ξdx 1δ=     (11) 

The displacement of px  over a time-step is then determined by linear interpolation of 

the incremental displacements of the two bounding points.   

M2M1p ΔuΔuΔu 11 )1( δδ +−=   (12) 

Since, the location of the projected point on the master surface changes during 

a single time-step, tΔ , (if sliding is present) it would be possible to define the 

displacement of the contacting surface as the displacement of either 1) the point that 

begins in contact with the slave point, )1( −tpx , or 2) the point that ends in contact 

with the slave point, )(tpx .  Therefore, displacement of the contacting master surface 

over a single time-step will be calculated by averaging the displacements of those two 

points.  The relative displacement of the master surface with respect to the slave point, 

in turn, is calculated by subtracting this average value from the displacement of the 

slave point over that same time-step, and the relative velocity is calculated, by 

dividing that value by the time-step length.  These calculations are the same for 2-D or 

3-D geometries.   

Spp ΔuΔuΔuΔU −+= Δ− 2/)( )()( ttt     (13) 

tΔ= /ΔUV         (14) 
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Definition of Contact 

The gap distance between the slave point and its projection on the master 

surface can be used to describe whether two surfaces are in contact at that point.  This 

distance is obtained by taking the dot product of M1g  and the unit normal to the master 

surface, defined by the cross product of the two tangent vectors. 

nsign*21 ξξn ×=   (15) 
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( )ngng M1n •=   (17) 

In theoretical discussions, contact is generally defined as a gap distance equal 

to zero [11],[35]. In those cases, negative magnitudes, representing overlap of 

contacting sides, are prohibited.  However, when dealing with experimental data 

where the outermost tracked points lie slightly below the surface, it may be necessary 

to alter the definition of what constitutes contact. In that case, contact would occur 

when the gap distance falls below a prescribed threshold, contactD  (roughly equal to 

twice the distance from the outermost points to the overlying surface); negative gap 

distances would still be impossible, but distances lower than the contact threshold 

would be allowed and signal compression of the surface-most tissue layers.  In the 

current approach, surfaces were defined as contacting when the following three 

relations held true: 

 contactD<ng  (18) 
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and for the 3-D case: 

 22 5.0 h+< nM1 gg  (19) 

 22 2h+< nM4 gg   (20) 

or for the 2-D case: 

 22 25.0 h+< nM1 gg  (21) 

22
2 h+< nM gg   (22) 

The first criterion sets the threshold for normal gap distance, while the second and 

third criteria set a limit on the distance to the closest and furthest of the four points on 

the master surface, to assure that the normal vector projects onto the slave surface. 

The relative displacement of the two surfaces can be divided into components 

tangent and normal to the master surface.  An average unit normal will be determined 

for each time-step and used to define in- and out- of-plane motion.   

 )()()()( /)( ttttttavg nnnnn ++= Δ−Δ−   (23) 

The gap displacement is oriented in the direction of the average unit normal vector, 

and its magnitude is determined by taking the dot product of the relative displacement 

with the average unit normal vector.  The gap velocity is then determined by dividing 

by the time-step length. 

( ) avgavg nnΔUΔgn •=    (24) 

tΔ= /nn Δgg&   (25) 

The sliding displacement during an individual time-step may then calculated by 

subtracting the gap displacement from the relative displacement.    
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 nΔgUS −Δ=Δ  (26) 

 tΔ= /SS&    (27) 

The sliding distance is equal to the magnitude of the sliding displacement; 

sliding velocity and rate are obtained by dividing sliding displacement and distance, 

respectively, by the time-step interval.  Summing the sliding distance over each time-

step would give the total sliding distance traveled by a single slave point.  Sliding 

rates or distances may be numerically integrated over the slave surface to provide 

measures of sliding for an entire surface. As mentioned previously, magnitudes of the 

sliding rate and distance at a specific contact point can vary depending on the choice 

of reference side, but integrating these quantities over the entire contact surface should 

eliminate this dependence.   

Validation of Deformation and Sliding Calculations 

 A theoretically-generated, 3-D dataset was used to validate the equations 

introduced in the preceding section. The geometry and kinematics were chosen to 

account for many of the potential pitfalls of experimental data, but still permit the 

calculation of the exact interactions needed for verification. This was accomplished by 

considering the contact between a semi-infinite cylindrical rod and an elastic band 

wrapped partially around its circumference (Figure 3.2); the desired surface 

interactions were created through superposition of several simple translations, 

rotations, and deformations. Axial and radial velocities were applied to the rod, 

resulting in rotation about its long axis and translation in the axial direction, and 

uniform expansion of the rod was applied in the radial direction.  At the same time, the 

band remained fixed at one end, and was uniformly stretched in the circumferentially 
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around the rod. Although this scenario is relatively trivial to analyze when 

decomposed, it accounts for many of the complications that may arise in experimental 

data: 1) motion in three dimensions, with components both tangential and normal to 

the surface, 2) finite surface deformations, 3) temporally and spatially varying surface 

orientations, and 4) surfaces entering and leaving contact.  Analysis was performed on 

several scenarios with varying model parameters, and results were compared to the 

theoretically prescribed velocities.   
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 Figure 3.2: Diagram of the theoretical dataset used for validation of 3-D contact 
definitions.  A semi-infinite cylinder is allowed to slide axially, rotate, and expand 
inside a band that remains fixed at one end and deforms uniformly in the 
circumferential direction of the cylinder.    
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Experimental Model of Cartilage Contact 

A simple 2-D experiment was performed to demonstrate the utility of the 

developed formulation. Opposing osteochondral slabs were loaded in uniaxial 

compression and tissue deformation was tracked using video microscopy (Figure 3.3). 

Similar techniques have been previously employed to determine intra-tissue strains in 

single explants of articular cartilage [5, 27, 38, 39].  In this case, simultaneous 

tracking of makers in both cartilage layers allowed intra-tissue strains for each 

individual layer and the local sliding between the two surfaces to be quantified. Two 

experimental groups were investigated. In the first, the two osteochondral blocks were 

taken from the patellofemoral groove (PFG) and had ~matched mechanical properties. 

In the other, one osteochondral block was taken from the PFG, while the opposing 

block was taken from the uncovered tibial plateau (UTP) and was grossly softer. The 

expectation of the testing was that the mismatched mechanical properties would result 

in greater axial strain in the tibial block, producing greater lateral expansion and, in 

turn, sliding between the two surfaces. A detailed description of the methods of 

mechanical testing and image analysis follows.  
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 Figure 3.3: Sample preparation (A) and mechanical testing setup (B) of opposing 
cartilage blocks. 
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Mechanical testing  

Slab pairs were placed in a microscope-mounted test chamber with their 

cartilage-bone surfaces flush with the glass chamber bottom and their articular 

surfaces in opposition and aligned perpendicular to the direction of loading (z-axis).  

Intra-tissue deformation was imaged through the chamber bottom (x-z plane) using a 

Nikon Diaphot 300 epi-fluorescence microscope fitted with a G-2A filter cube (Nikon, 

Melville, NY). Samples were imaged at 4x magnification (~1.8x2.8 cm2 field of view) 

and digital images (512x768 pixel resolution) were recorded with a charge-coupled 

device camera (Model 4913-5000, Cohu, Inc., San Diego, CA). Sample pairs were 

uniaxially compressed (unconfined) to 15% total tissue strain (defined as the applied 

displacement divided by the sum of the cartilage thicknesses), at a strain rate of 1%/s 

(~25 um/s) using a displacement-controlled actuator (Model MFN25PP, Newport 

Corporation, Irvine, CA).  Digital images were acquired dynamically during loading at 

4 frames/s.   

Correlative Point Tracking  

Fluorescently stained nuclei were used as fiducial markers to track tissue 

deformation in the digital images.  Cell tracking and deformation calculations 

(described earlier) were performed automatically using a custom code written in 

MATLAB 6.5 including functions from the Image Processing Toolbox (Mathworks, 

Inc., Natick, Massachusetts). Briefly, the program consisted of a hybrid of the discrete 

point tracking [38] and digital image correlation[41] methods that have been 

previously employed to determine cartilage strain.  Translations of cell nuclei, acting 

as fiducial markers, were tracked automatically through the dynamic image sequence 
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by maximizing the normalized cross-correlation; positions of nuclei were used to 

update positions of mesh-points, where displacement gradients and strains were 

determined by finite difference approximations (as described above).   Following 

analysis of deformation in each side, displacements of mesh-points lying on the two 

surfaces were used to calculate sliding using the approach described earlier. 

Image sequences were imported into Matlab for analysis.  First, cell nuclei in 

the initial, unloaded image were identified by intensity normalizing and segmenting 

the images using methods similar to those described previously [24]; since 

segmentation was performed to identify potential markers, and not for quantification 

of cellularity, it was not vital to identify every nucleus.  A region of interest (ROI), 

where deformations would be calculated, was manually selected in the initial image. 

Centroids of all segmented nuclei were determined, and an approximately uniformly-

spaced (~50 μm) subset of these cell nuclei was created by defining a uniform grid in 

the region of interest and selecting the nearest nucleus to each of these points; the 

points in this subset were used as the fiducial markers to track deformation through 

subsequent images.   

For each frame, base points were tracked using an iterative correlation process 

(Figure 3.4).  First, the coordinates of the points in the previous frame were used as an 

approximation of their positions in the current frame.  Then, point positions were 

updated by four successive correlation steps (using modified versions of the Matlab 

function cpcorr) maximizing normalized cross-correlation of equally-sized regions 

(centered on the marker) between image frames.  1) Positions of the points were 

coarsely adjusted by selecting a 20 x 20 pixel region around each point and 
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maximizing the normalized cross-correlation to an equally-sized region surrounding 

the point in the previous frame; the use of a relatively large correlation window 

allowed displacements of up to 20 pixels in each of the two orthogonal directions to be 

captured.  2) Positions were refined by repeating this correlation process using a 5 x 5 

pixel region; positioning of these smaller regions were affected less by sample 

deformation.  3) The positions of points were further refined by correlation of 10 x 10 

pixel regions to regions around the base points in the initial, undeformed image to 

eliminate accumulation of error through successive frames.  4) Using the newly 

determined coordinates, the displacements of each point from their initial positions (in 

the first frame) were calculated.  The displacements of the tracked markers were then 

used to compute theoretically-deformed images. Since different tissue regions 

deformed in grossly different manners, no single, and still relatively simple, image 

transform could adequately re-create the deformed state. For this reason, the ROI was 

divided into 6 equally sized areas (3 lateral × 2 depth) and the displacements of the 

points in those regions were used to calculate a bi-quadratic equation describing 

deformation of the region. The transformation was then applied to the initial image 

and marker positions, generating a theoretically-deformed image/marker set for that 

sub-region. The positions of points were adjusted a final time by correlation of 5 x 5 

pixel regions to regions around the base points in the theoretically deformed image.  

As in step 3, this final step attempts to prevent error accumulation by linking the 

points back to their initial positions, but is meant to handle cases with large 

deformations that may correlate poorly with the undeformed image.  Poorly correlated 
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points (every correlation step falling below 0.40) were excluded from further 

calculations. 

Automated Surface Tracking 

An independent definition of the surface provided a boundary for calculations 

that was necessary in cases where correlation of the surface-most points was 

inadequate. Tracking of points directly adjacent to contacting surfaces was often 

problematic because of the high deformations in the surface regions. However, the 

larger-scale intensity profile in the axial direction was preserved.  The surface was 

tracked by minimizing the error between these intensity profiles.   

In the initial frame, each of the contacting surface contours were defined a by 

smoothing spline fit to ~10 points, manually selected at positions evenly spaced across 

the sample widths. In each subsequent frame, points (spaced at 25 pixels, ~90 μm, in 

the lateral direction) defined by this spline were automatically repositioned to 

determine the updated surface contour. This was accomplished by defining 100 pixel 

wide (in the lateral, x-direction) × length of the image (in the axial, z-direction) 

rectangular regions, centered in the lateral direction at the surface point that is being 

updated. A width-averaged intensity is then calculated at each axial (z-) position for 

the length of the rectangle.  This intensity profile was then compared to the profile at 

the same lateral (x-) position in the subsequent frame and the axial position of the new 

profile was adjusted to minimize the squared error terms between the intensity profiles 

and their intensity gradient profiles.  This process was repeated for each surface point 

at each subsequent time-step.   
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 Figure 3.4: Flowchart of image processing routine.  A region of interest and 
bounding surface are manually selected in the initial frame image (A.i).  At each 
subsequent frame (A.ii), fiducial markers (B), and the surface (C) are automatically 
tracked and areas of low correlation are excluded from further analysis (D).   
Movement and deformation of the tissue is calculated from the tracked points. 
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Calculations of Tissue Movement and Deformation 

Uniform sets of mesh-points were defined with 27 pixel (100 μm) spacing, in 

the chosen ROI. The axial (z-) positions of the mesh points lying closest to the surface 

were calculated from the lateral column positions and the surface spline. The 

remaining rows of points were defined at 100 μm spacing from the inner-most (into 

the tissue) surface point.  

The deformed position/displacement of each mesh-point not located along the 

contacting surface was determined from a local affine mapping of the surrounding 

tracked nuclei (~16 nuclei; 200 x 200 μm region), an arrangement that helped limit the 

affect of small errors in individual point tracking on subsequent strain calculations and 

allowed poorly correlated points to be excluded from further calculations. For points 

on the articular surface, the lateral position was calculated using the same affine 

mapping procedure, and used to calculate the deformed axial position from the 

updated surface spline. In regions without at least four well-correlated points, 

positions were updated using the positions of the neighboring mesh-points that had 

been successfully positioned. Mesh-point displacements were used for all calculations 

of tissue deformation and sliding using the equations introduced above. To reduce 

accumulation of noise, displacement data of surface points were smoothed in time and 

x-position using a moving average filter.  

Validation of Point Tracking and Strain Determination  

The ability of the image analysis program to accurately track nuclei 

displacements and calculate intra-tissue strains was assessed by analyzing image 

sequences generated by applying uniform deformation gradients to a sample image.  
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Five image sequences were generated to assess the program’s ability to handle 

different types of deformation: 1) rigid body translation  at > 10 pixels/frame,  2) rigid 

body rotation to 20º at 1º /frame, 3) 40% uniaxial extension (du/dx = 0.4) at 2%/frame, 

4) 40% uniaxial compression (du/dx = -0.4) at 2%/frame, 5) 20% simple shear (dv/dx 

= 0.2) at 1%/frame. Each deformation sequence was then analyzed as described 

above; a ROI (50 x 50 pixels) was chosen in the initial frame and point displacements 

were used for displacement gradient and strain calculations. Calculated strains (Exx, 

Ezz, and Exz) were checked for consistency with the applied deformations.  Errors were 

calculated as the absolute values of the differences between the calculated strains and 

the applied strains and are presented as the mean ± std of errors calculated at each 

mesh-point within the selected ROI (5 x 5 = 25 mesh-points).   

Data Analysis and Statistics 

A total of n=3 matched and n=3 mismatched samples were tested. With x=0 

defined as the center of the block (5 mm from each edge) in the lateral direction, 

average sliding was assessed over three surface regions along mismatched samples 

(center: x = -250 to 250 μm; left: x = -3.75 to -3.25 mm; right: x = 3.25 to 3.75 mm). 

Sliding was quantified at the center region (x = -250 to 250 μm) of the matched 

samples, as a control. For mismatched pairs, average axial and lateral strains were 

quantified for the superficial 500 μm of each surface in the center regions.  The effect 

of sample type on sliding was determined using a t-test comparing the central region 

of matched and mismatched pairs. The effect of surface location on sliding between 

mismatched pairs was determined using a one-way ANOVA with a Tukey post-hoc 
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test. Differences in axial and lateral strain at the surfaces of UTP and PFG blocks in 

mismatched samples were determined by t-tests. Data are presented as mean ± SEM.   

3.4 Results 

Validation of Deformation and Sliding Calculations 

 Calculations of relative surface velocity and sliding contact in the theoretical 

dataset corresponded well to the prescribed velocities. Errors were defined as the 

difference between the prescribed values and the calculated value, normalized to the 

prescribed value. Best performance was obtained for cases with only an applied axial 

velocity and surfaces that maintained contact (errors < 0.00001%).  In this situation, 

the orientations of the surface normals do not change over time and the estimate of 

velocity (displacement/Δt) is exactly equal to the applied condition.   

When a radial component of velocity is added, these estimates may become a 

significant source of error.  At a given radius, error increased with increasing radial 

velocity; more generally, error was related to the applied angular velocity (θ&  = radial 

velocity / radius of curvature), representing the change in orientation being 

approximated by the average velocity vector.  As angular velocity increases, the linear 

displacement of the point no longer closely approximates the arc traveled by the point 

during the single time-step. For cases with a radial velocity applied alone (by various 

combinations of cylinder rotation and band stretching), errors < 1% for θ&  = 0.2 rad/s, 

< 5% for θ&  = 0.5 rad/s, and approached 20% for θ&  = 1 rad/s.  Using this relationship, 

it is possible to determine the maximum acceptable time-step length for surfaces with 

a given curvature and expected relative velocities.   
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In general, choice of reference side had little effect on the accuracy of the 

calculations, except in relation to defining contact. In the cases examined with gap 

velocity equal to zero, band points remained in contact, but points on the cylinder 

entered and left contact.  Errors for points on the cylinder remaining in contact were 

equivalent to those for points on the band. Differences between calculated and 

expected values of sliding for points entering or leaving contact were relatively 

consistent at 10-20% of the mesh-point spacing, resulting in lower errors for higher 

prescribed velocities.  Similar behavior was seen with contact transitions caused by a 

finite gap velocity (cylinder expansion), and were independent of the gap velocity. 

Accordingly, % errors were higher for lower gap velocities. Depending on surface 

curvature and point spacing, choice of reference side may also be important in 

defining the onset of contact, due to a slight underestimate of gap distance in concave 

master surfaces (and overestimate of convex master surfaces).  While this could result 

in large differences in sliding distance calculations in certain circumstances, this 

difference may not be physically significant because sliding that is erroneously 

discounted would take place at low contact stresses. 

Validation of Point Tracking and Strain Determination  

Validation experiments showed acceptably low error values for all tested 

forms of image deformation.  In most cases, the errors did not exceed 0.005 ± 0.005.   

The highest error was seen for Exx in the 40% compression case (0.012 ± 0.007).  For 

non-rigid body transformations, lower deformations generally resulted in lower errors.  

For all transformations, increasing spacing between grid-points resulted in lower 

magnitudes of error, but reduced the spatial resolution of strain measurements.   
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Experimental Compression of Opposing Osteochondral Blocks 

Qualitatively, sliding occurred between the surfaces of both matched and 

mismatched samples during compression, but in distinctive manners.  In matched 

samples, the direction of sliding tended to be the same across the entire surface and 

appeared to be related to the surface curvatures of the particular blocks. For 

mismatched samples, the softer UTP surface experienced grossly greater lateral 

expansion, concomitant with sliding toward the block edges with respect to the PFG 

surface, especially in regions away from the center axis of contact.  

The differences in contact mechanics for matched and mismatched samples 

were apparent in quantitative deformation and sliding measures. For the matched 

samples, lateral strains (Figure 5A.i) in matched samples were similar for both 

surfaces and varied relatively little throughout the tissue depth analyzed; the axial 

strains (Figure 5B.i) near the surface were similar between the two contacting surfaces 

and decreased markedly with tissue depth. In contrast, for the mismatched samples, 

the UTP surface experienced greater lateral expansion than the PFG surface (p<0.05, 

Figure 5A.ii) and also higher peak axial strains (p<0.05; Figure 5B.ii). Sliding 

between the surfaces was consistent with the extent of differences in the lateral strain 

of the surfaces. In the center regions of mismatched samples, surfaces averaged ~110 

μm of sliding, more than double that experienced along the same region of matched 

samples (p<0.05). Sliding magnitudes varied significantly with lateral position along 

the surfaces of mismatched samples (p<0.05).  Sliding was increased in left and right 

regions (-3.5mm and +3.5 mm from the center) when compared to the center region 

(p<0.05), with magnitudes exceeding 200 μm.  
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 Figure 3.5: Deformation and sliding between cartilage surfaces with matched (PFG-
PFG) or mismatched (PFG-UTP) mechanical properties. Composite contour maps 
show average lateral (A) and axial (B) strains in 400 × 900 μm2 (lateral distance × 
tissue depth; box =100 μm) tissue regions at the lateral center of matched samples 
(A.i, B.i) and at the center and near the edges of mismatched (A.ii, B.ii) samples. Total 
sliding distances between the surfaces at those same locations along matched and 
mismatched samples are also shown (C). n=3. (#p<0.05 compared to center match; 
†p<0.05 compared to center mismatch. 
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3.5 Discussion 

This paper has described a mathematical formulation to be used with 

experimental measurements to characterize the deformation and surface interactions 

between two deformable bodies.  The developed approach has the ability to handle 

dynamic interactions of complex geometries, moving in 2 or 3 dimensions.  The 

formulation was first validated using a series of theoretically-generated datasets.  It 

was then used to analyze an experimental dataset of 2-D cartilage contact.  The 

approach is compatible with a variety of experimental techniques, with calculations 

based on the tracked movement of tissue. The reduction of experimental 

measurements using the methods described could be applicable broadly to surfaces 

and contribute to an improved understanding of contacting tissue surfaces.  

The accuracy of the contact description will depend on the specific 

experimental setup and choices of parameters in both data collection and analysis.  

The spatial and temporal sampling of any imaging technique must be fine enough so 

that assumptions of the calculations hold true, including that 1) linear displacements of 

points over a single time-step are a good estimate of their actual path and 2) variations 

in strain between mesh-points are ~linear.  Choices of mesh spacing and sampling rate 

should be determined by weighing the resolution necessary to sufficiently describe the 

material behavior against the computational cost, and may also be limited by the 

choice of experimental methods.  Ideally, experimental parameters would be adjusted 

to avoid scenarios with high expected errors; for instance, if contact is expected to 

occur along a path with high curvature, it may be necessary to increase the temporal 
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sampling rate.  Choices in data analysis could also be used to maximize the accuracy 

of the results.  Since one of the larger sources of error comes from slave points that 

enter or leave contact with the master surface, the slave surface should be chosen that 

minimizes that occurrence (the band in the current 3-D example), unless there is a 

specific experimental interest in the other surface (e.g. a certain side exhibits greater 

wear or physiological response not seen by the opposing side).   

Under an arbitrary load, macroscopic sliding or a mixture of sliding and rolling 

may occur between contacting surfaces.  However, even in the absence of 

macroscopic displacements between the opposing sides, local sliding may be induced 

near the contact point by differences in material properties or surface geometries.  

This second, more subtle, type of sliding depends on both the geometry and material 

properties of the bodies and the frictional characteristics of the surfaces and may be 

difficult to accurately predict using theoretical models. The complexity of such 

interactions highlights the need for experimental determination. Measuring the 

displacement between the initial and final frames only, would result in an 

underestimate of the sliding length.   

Detailed descriptions of sliding may provide information on the frictional 

properties of the surfaces and have implications to tissue wear.  The ability to 

simultaneously quantify the strains in tissues during sliding may also be important, by 

giving some indication of the applied normal force.  The ability for tissue deformation 

and interactions to be experimentally quantified during physiological loading may be 

of use in determining normal or pathological biomechanical processes. 



86 

 

3.6 List of Variables 

variable units  description     
 
a  μm  initial marker coordinates 
 
d12  μm  relative position of xM2 to xM1 (equal to xM2 - xM1)  
 
d13  μm  relative position of xM3 to xM1 (equal to xM3 - xM1)  
 
Dcontact  μm  gap distance threshold 
 
Eij   –   Lagrangian strain 
 
gM1  μm  relative position of xS to xM1 (equal to xS - xM1)  
 
gM2  μm  relative position of xS to xM2 (equal to xS - xM2)  
 
gM4  μm  relative position of xS to xM4 (equal to xS - xM4)  
 
gn  μm  gap distance between the slave point and master surface 
 
Δgn  μm  gap displacement  
 

ng&   μm·s-1  gap velocity 
 
h  μm  initial spacing between mesh points 
 
i   –  coordinate directions: 1,2,3 
 
n  μm  unit normal to the master surface 
 
navg  μm  average unit normal to the master surface over Δt 
 
ΔS  μm  sliding displacement 
 
S&   μm·s-1  sliding velocity 
 
signn   –   
 
t  s  time 
 
Δt  s  duration of a single time-step  
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Δu  μm  disp. of a point over Δt 
 
ΔU  μm  relative disp. of the contacting master surface over Δt 
 
u  μm  displacement of points 
 
V  μm·s-1  relative velocity of master surface to the slave point 
 
x  μm  current marker coordinates evaluated at time t 
 
xM1  μm  closest mesh point to xP on the master surface 
 
xM2  μm  second closest mesh point to xP on the master surface 
 
xM3  μm  third closest mesh point to xP on the master surface 
 
xM4  μm  fourth closest mesh point to xP on the master surface 
 
xS  μm  coordinates of the slave point 
 
xP  μm  coordinates of the projection xS onto the master surface 
 
δ1  μm  coordinates of xP within the sub-region in d12 direction 
 
δ2  μm  coordinates of xP within the sub-region in d13 direction 
 
ξ1  μm  unit vector in direction of d12 
 
ξ2  μm  unit vector in direction of d13 
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CHAPTER 4 

THE EFFECTS OF FOCAL ARTICULAR DEFECTS      

ON CARTILAGE CONTACT MECHANICS 

 

4.1 Abstract 

Focal damage to articular cartilage is found commonly in arthroscopy patients 

and the alteration of the mechanical environment of the chondrocytes may contribute 

to progressive degeneration of the cartilage. Chapter 2 established that local strain 

elevations occur in the cartilage adjacent to and opposing a focal defect directly after 

application of a load, but the effects of a defect on the time-course of strain 

development and redistribution and the dynamic contact of opposing surfaces are 

unclear. The objective of this study was to quantify changes in intra-tissue strain 

occurring in cartilage near and opposing a focal defect during dynamic loading and 

stress relaxation. Pairs of intact osteochondral blocks from the femoral condyles of 

mature bovine knees were compressed uniaxially by 20% of the total cartilage 

thicknesses, and allowed to stress relax for 1 hr in the compressed state. Tissue 

deformation during compression and at several time-points during relaxation was 

recorded by video microscopy. Following testing, a single, full-thickness chondral 

defect was created in one block from each pair with one of two edge orientations: 
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“open” defects (sloping down into the defect from the rim) or “closed” defects (tissue 

at the rim overhanging into the defect). The blocks were allowed to re-swell for >1 hr 

and then tested a second time using the same protocol. The edges of the defect were 

then re-cut to have the opposite edge orientation, allowed to re-swell for >1 hr, and 

tested for a third and final time. Stained nuclei, acting as fiducial markers, were 

tracked by digital image correlation and used to calculate cartilage intra-tissue strains 

and relative surface sliding. Intact blocks displayed axial strains that increased with 

depth and relatively little sliding. In tests of samples with a defect, strain magnitudes 

were elevated in cartilage adjacent to, and opposing, the defect. Increased sliding was 

seen between cartilage surfaces adjacent to “closed” defects (p<0.05); there was no 

effect on sliding of “open” defects. Localized alterations in strain and strain rate may 

contribute to altered chondrocyte metabolism, chondrocyte death, matrix damage, or 

accelerated wear in vivo.  
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4.2 Introduction 

Focal defects in articular cartilage are commonly found in symptomatic knees 

[11, 18], and may be implicated in the progressive degeneration of cartilage [9, 19, 24, 

39, 43]. Although the exact mechanism by which defects result in cartilage damage 

have not been elucidated, prior studies have suggested a mechanical role in this 

process.    

A variety of excessive mechanical loading protocols  have been shown to 

result in both matrix damage [20, 32, 33, 37, 42] and cell death [10, 12, 13, 20, 23, 26, 

30, 32, 37]. However, the exact conditions that result in this damage have not been 

established. The magnitudes of applied or local strains [4] may be correlated to some 

of this damage. Additionally, the strain rate of the tissue has been identified as a 

determinant of the extent of tissue damage, with higher strain rates proving more 

destructive [32].  Over time, even moderate increases in load may be expected to 

accelerate the rates of both mechanical fatigue [5, 40, 41] and wear [1, 25]. 

Additionally, changes in the magnitudes or dynamics of cartilage loading may affect 

the cellular response of the tissue[34], and in the long-term, mechanical stimuli may 

regulate the processes of tissue growth and remodeling [17]. Changes to the dynamic 

tissue response to loading that may occur with a defect could significantly contribute 

to tissue damage or changes in cellular activity.    

Changes in mechanical environments of focal defects have been predicted and 

experimentally measured in in vitro systems. Peak and average contact stresses and 

contact stress gradients are increased along surfaces adjacent to the rim of a focal 
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defect [8, 16]. Similar results are observed for analogous surface incongruities (i.e. 

intra-articular step-offs [7, 27, 28] or misaligned grafts [22]). However, the loss of 

contact area at a defect site is offset by the radial recruitment of new contact area, 

helping to limit increases in contact stresses [8]. Increased deformation of tissue 

surrounding a defect must be present to allow the redistribution of load onto the 

surrounding surfaces. These large macroscopic deformations in the surfaces 

surrounding and opposing focal defects [6] have been observed in histological sections 

of loaded joints.  Additionally, theoretical models of cartilage contact have predicted 

that lower congruity between contacting surfaces will result in a decrease in fluid 

support and thus greater loading on the solid matrix [2]. And finite element models of 

joints with focal defects, which predict changes in contact stresses that are in close 

agreement with ex vivo experimental measurements, predict increased strains in the 

tissue adjacent to a defect [31]. 

 Several past studies have measured intra-tissue cartilage strains under a variety 

of loading conditions by optically tracking cell nuclei [3, 21, 35, 36, 38]. Chapter 2 of 

this dissertation extended these methods to investigate the contact of two independent 

cartilage surfaces, quantifying 2-D cartilage deformation directly following the 

application of a uniaxial compressive load in both intact and defect-containing 

surfaces. In chapter 3, methods of mechanical testing and image analysis were 

developed to allow the dynamic deformation of contacting cartilage surfaces to be 

automatically tracked, and a detailed mathematical framework to describe the contact 

between the two surfaces was presented. These methods allow more in depth studies 

of cartilage contact mechanics to be performed.   
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Chapter 2 of this thesis demonstrated that the presence of a cartilage defect 

increases local strain magnitudes in the adjacent and opposing cartilage surfaces and 

tends to increase the amount of relative lateral displacement between the two surfaces. 

The hypothesis of the current study is that, in addition to affecting intra-tissue strain 

distributions directly following loading, the presence of a defect also alters the time-

course of strain development and surface sliding during loading and the redistribution 

of strain during relaxation. Thus, the objectives were to 1) quantify the distribution of 

intra-tissue strains during uniaxial compression and stress relaxation of opposing 

intact, and defect-containing, cartilage samples and 2) determine the effect of defect 

presence and edge orientation on the sliding between contacting surfaces. Knowledge 

of changes in the mechanical environment arising near a focal defect could help to 

identify tissue regions most susceptible to damage and provide data to verify and 

improve theoretical models of cartilage contact. 
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4.3 Materials and Methods 

Study Design 

Mechanical testing was first performed on 4 pairs of intact osteochondral 

blocks, as a normal control. Following testing, a single, 4 mm wide, full-thickness 

defect was created in the center of one block from each sample pair. The defect edge 

was created at either a slightly “open” (~100°) or slightly “closed” (~80°) orientation, 

with respect to the defect base (Figure 4.1A). Samples were allowed to re-equilibrate 

for at least 1 hr in SF+PIs, and then retested using the same mechanical testing 

protocol. The defect edge was then re-cut, to have the opposite orientation (closed 

edges were made open and vice versa); samples were again allowed to re-equilibrate 

for at least 1 hr in SF+PIs and retested a final time using the same mechanical testing 

protocol.  The initial orientation of the defect edge was randomly chosen for each 

sample.   

Sample Preparation  

Macroscopically normal osteochondral blocks (10 × 10 × 2.5 mm3; L × W × 

H) with smooth, intact surfaces were harvested from the femoral condyles of mature 

bovine knees (Figure 4.1A). Blocks were soaked in phosphate buffered saline (PBS) 

with the addition of protease inhibitors (PIs) [15] and stored at -70 ºC until testing. 

Blocks were thawed by immersion in PBS+PIs, stained (cell nuclei) for at least 4 hr at 

4 ºC with 20 μg/ml propidium iodide in PBS+PIs, and then equilibrated for 12 hr at 4 

ºC in bovine synovial fluid (SF)+PIs, to ensure normal surface lubrication. Prior to 

testing, cartilage thickness was optically measured at 5 places spanning the sample 
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width; sample cartilage thickness was recorded as the average of these 5 

measurements. Blocks obtained from the same knee were tested against each other to 

match the mechanical properties of the opposing sides.   

Defects were created by making 3 vertical incisions (center of the sample 

width, and 2 mm to each side of center) ~perpendicular to the articular surface and 

extending through the calcified cartilage layer.  The cartilage was then undercut along 

the bone starting at the center cut and cutting towards each edge until the cartilage 

released. 

Micro-scale Mechanical Testing  

Mechanical testing was performed in a microscope-mounted test chamber, as 

described in Chapters 2 and 3 (Figure 4.1B) [3, 21, 35, 36]. Briefly, pairs of blocks 

were positioned with their articular surfaces opposing and aligned perpendicular to the 

direction of loading (z-axis). Tissue deformation was imaged through the glass 

chamber bottom (x-z plane) using a Nikon Diaphot 300 epi-fluorescence microscope 

fitted with a G-2A filter cube (Nikon, Melville, NY). Samples were imaged at 4x 

magnification (~1.8x2.8 cm2 field of view) and digital images (512x768 pixel 

resolution) were recorded with a charge-coupled device camera (Model 4913-5000, 

Cohu, Inc., San Diego, CA). Samples were loaded under uniaxial unconfined 

compression to a total bone-to-bone strain of 20% (defined as the applied 

displacement/sum of the cartilage thicknesses), at a strain rate of 1%·s-1 using a 

displacement controlled actuator (Model MFN25PP, Newport Corporation, Irvine, 

CA).  
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Image Acquisition  

Digital images of the contacting surfaces (centered at the defect rim where 

applicable) were acquired directly prior to loading, during loading at a rate of 4 

frames/s (~ 8 μm applied displacement/frame), directly following loading, and during 

stress relaxation (30 s intervals between 1 and 6 min after loading, and then at 10, 15, 

30, and 60 min). Additional, static digital images of chosen regions were acquired 

directly prior to loading and in the stress relaxed state for regions near the bone, the 

contacting surfaces far removed from the defect (x = 1:3 mm), and the opposing 

surface region over the center of the defect (x = -1:-3 mm).   

Endpoint measures 

Indices of the biomechanics of cartilage contact were quantified from the 

acquired images as outlined in this section and as described in detail below. 

Macroscopic changes in deformation of the opposing tissue surfaces and sliding 

behavior were observed qualitatively. Intra-tissue strains were calculated at 100 μm 

spacing, in full-thickness regions of both cartilage layers at each time-point during 

loading and stress relaxation using the acquired images.  
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Figure 4.1: Sample preparation (A) and micro-mechanical testing (B) of opposing 
osteochondral blocks. 
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Strain values at select sub-regions (Figure 4.2) were then averaged between 

samples and analyzed statistically to determine the effects of defect presence on the 

magnitudes and distribution of strain components within the tissue at two time-points: 

1) directly following loading and 2) after 60 min stress relaxation. Statistical analyses 

were performed on the same set of sub-region locations introduced in Chapter 2.  In 

the intact case, strains were averaged in rectangular, 100 μm tall (in the z-direction) × 

500 μm wide (in the x-direction) strips at superficial, S (z = surface to 100 μm), 

middle, M (bovine: z = 300 to 400 μm), and deep, D (z =900 to 1000 μm) depths. In 

defect samples, strains were analyzed in 100 x 100 μm sub-regions at S, M, and D 

depths and at different lateral positions along the two cartilage layers: A1 (x = 500 to 

600 μm), A2 (x = 200 to 300 μm), and A3 (x = 0 to 100 μm), in the adjacent cartilage, 

and O1 (x = 500 to 600 μm), O2 (x = 200 to 300 μm), O3 (x = 50 to -50 μm), O4 (x = 

-200 to -300 μm), O5 (x = -500 to -600 μm) in the opposing cartilage. 

Sliding between surfaces was calculated from surface displacements during the 

dynamic loading phase using the methods described in detail in Chapter 3. In intact 

control samples, the average sliding distance over the 500 μm analysis region was 

calculated. For defect samples, sliding was calculated at several points along the 

adjacent cartilage surface (x = 0, 100, 200, 300, 400, 500 μm).  Additionally, sliding 

distances for each sample were averaged over the 500 μm long analyzed regions and 

divided by the applied axial displacement at four time-points (corresponding to 

applied compressive strains of -0.05, -0.10, -0.15, and -0.20), with the average of these 

four time-points providing a normalized sliding distance for the sample. 
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 Figure 4.2: Locations of sub-regions used for statistical analysis of strain 
distributions in (A) intact control and (B) defect-containing samples.  Measurements 
were made at three tissue depths: S {z =0:100 μm}; M {z =300:400 μm}, D {z = 
900:1000 μm}. For intact control samples, a 500 μm width region was averaged to 
calculate a control strain value at each depth.  For defect samples, 100 x 100 μm sub-
regions were analyzed for S, M, and D depths at select lateral locations on the adjacent 
(A1 {x = 500:600 μm}; A2 {x = 200:300 μm}; A3 {x = 0:100 μm}) and opposing (O1 
{x = 500:600 μm}; O2 {x = 200:300 μm}; O3 {x =-50:50 μm}; O4 {x = -200:-300 
μm}; O5 {x = -500:-600 μm}) cartilage surfaces.  
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Image Analysis  

A subset of fluorescently stained cell nuclei, spaced at ~15 pixels (~ 55 μm), 

served as fiducial markers of material points in digital images of the tissue during 

loading and stress relaxation. Cell tracking was performed and deformation was 

calculated using a custom program written in MATLAB 6.5 using functions from the 

Image Processing Toolbox (Mathworks, Inc., Natick, Massachusetts). The methods for 

the automated tracking of the fiducial markers and contacting sample surfaces, and the 

subsequent calculations of intra-tissue strains and surface sliding from those data, are 

described in detail in Chapter 3.   

Surface tracking was performed as described in Chapter 3, and the accuracy of 

surface tracking was manually verified. In certain instances, large changes in the axial 

intensity profile of the image resulted in loss of surface tracking.  Loss of surface 

tracking was generally related to one of two phenomena: 1) surfaces starting with a 

noticeable gap between them and coming into contact, or 2) the consolidation of the 

tissue between the image directly following loading and the first image in the 

relaxation sequence (1 min after loading).  In these cases, points were manually 

repositioned in the following frame and tracking was restarted from that point.  Since 

the opposing surfaces remained in contact, surface points were selected once and used 

to define both surfaces.   

Mesh-points where displacements would be quantified and used to calculate 

displacement gradients, Lagrangian strains, and surface sliding were defined in the 

manually-selected region of interest (ROI) at 100 μm spacing.  Initial positions of the 

mesh-points were determined using the boundary of the ROI, the axial position of the 
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surface, and the lateral location of the defect edge (where applicable), as is described 

in detail in chapter 2.    

In-plane area changes in the contacting cartilage surfaces were calculated from 

the displacement gradients at each point. Since large deformations were present in 

many tissue regions, the change in area at each point was calculated as: 
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Estimates of local volumetric changes were also calculated within the tissue. Since 

only 2-D measurements were recorded in the current experimental setup, out-of-plane 

displacement gradients were approximated from values of in-plane displacement 

gradients measured in intact control samples. Volume changes could then be estimated 

using equation (1) with components in 3 dimensions.  

The cartilage surfaces were assumed to be a transversely isotropic material, 

with properties being equal in the plane parallel to the articular surface (x and y). In 

the current setup, this allows the out-of-plane strains in the intact control samples to 

be approximated as equal to the strains in the lateral direction. Using this assumption, 

it is possible to define: 

x
u

y
v

∂
∂

=
∂
∂   (2) 

z
u

z
v

∂
∂

=
∂
∂   (3) 

x
w

y
w

∂
∂

=
∂
∂   (4) 



105 

 

Next, the shear gradients in the x-y plane were assumed to be negligible, so: 
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For the defect case, high values of shear and tension develop in the lateral in-

plane direction in both the adjacent and opposing surfaces because of the surface 

incongruity at the defect edge. However, the out-of-plane direction (parallel to the 

defect edge) does not see the same incongruity and would likely experience strains 

similar to those measured in the intact case. Therefore, out-of-plane displacement 

gradients in the defect samples were approximated as: 
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Using those assumptions, volume changes could be calculated as:  
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Sliding calculations were performed as described in chapter 3.  Since the 

contacting surfaces were visually confirmed to remain in contact and were defined 

identically for the two cartilage layers, the gap distance at all time-points was ~0. In 

the analyses, contact was defined numerically as a gap distance of < 1 pixel (~ 4 μm) 

to account for slight numerical errors introduced by the approximation of the curved 

surfaces as linear segments.   

Since non-negligible magnitudes of sliding were observed between intact 

control surfaces, the sliding measured near defects was considered as the sum of two 

separate components: 1) the intrinsic sliding between a particular pair of cartilage 

blocks and 2) the sliding due to the defect. During loading of intact blocks, the 

direction of sliding varied depending on the characteristics of the individual blocks. 

On the other hand, sliding near a defect always took place in the same direction, with 

the adjacent cartilage moving towards the defect with respect to the opposing surface. 

Thus, in cases where significant sliding occurs between the intact surfaces, sliding at a 

defect may be exaggerated when the two contributions are in the same direction, and 

reduced when the two contributions are in opposite directions. To better discern the 

effects of a defect, sliding distances at each analyzed time-point were first adjusted by 

subtracting the relative lateral displacement (RLD) measured between intact blocks at 

the same level of applied compression. Since the majority of sliding in the current 
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experimental setup occurs in the lateral direction (especially in the intact case), the 

RLD provided a good estimate of the tendency of the surfaces to slide preferentially in 

a given direction. For each surface, lateral (x- direction) displacement was fit to a 

linear function of x- position (Figure B.1). The average RLD for each intact surface 

was then determined as the difference between the lateral displacements calculated 

from the two equations at x=0 (the center of the block width). The average RLD for 

each pair of intact blocks was then subtracted from the total sliding distances 

calculated for points along surfaces of that same pair of blocks in each of the 3 sample 

configurations (intact, “open” defect and “closed” defect). All sliding data is reported 

as the differential values.   

Statistics 

Data are presented as mean ± SEM, unless otherwise noted. N=4 pairs of 

blocks were tested; each pair of blocks was first tested in the intact state and then the 

same pair was re-tested twice: once with each of the two defect edge orientations. For 

tests of opposing intact surfaces, strain data from the two opposing surfaces were 

pooled to provide one set of strain measurements (at S, M, and D depths) per control 

sample pair. For defect-containing blocks, several lateral locations along the adjacent 

and opposing cartilage surfaces (as described earlier) were analyzed. All data was log 

transformed before analysis to adjust for the uneven sample variances. Statistical 

analyses (α=0.05) were performed using Systat 10.2.05 (Systat Software, Richmond, 

CA) and Microsoft Office Excel 2003 (Microsoft Corporation, Redmond, WA).  

Strain and area change data were analyzed over two separate time periods: 

during loading and during relaxation. First, effects of “open” vs. “closed” defects were 
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compared (data not shown) in a four-way ANOVA with defect type, tissue depth (S, 

M, D), surface location (8 groups: A1-A3 and O1-O5) as factors, and time 

(representing either applied compression or relaxation time) as a repeated factor. 

Analyses showed no effect of defect type on any strain component during loading 

(|Exz|, p=0.18; Exx, p=0.23; Ezz, p=0.38) or relaxation (|Exz|, p=0.47; Exx, p=0.28; Ezz, 

p=0.76). Subsequent analyses pooled the strain data from “open” and “closed” 

orientations, to provide a single strain distribution per sample pair. 

The overall effects of tissue depth (S, M, D), surface location (9 groups: 

control, C; 3 locations on the adjacent surface, A1-A3; and 5 locations on the 

opposing surface, O1-O5), and time (representing either the applied compression or 

the relaxation time for loading and relaxation periods, respectively) were analyzed by 

three-way ANOVA, with tissue depth and time as repeated factors. Additionally, the 

regional variations in strain were analyzed in detail at two specific time-points: post-

loading and post-relaxation. Planned comparison (a priori) t-tests (for uneven 

variances) were used to compare the values of strain at each position (S, M, and D 

depths at locations A1-A3 and O1-O5) along the adjacent and opposing surfaces to the 

control value (C) at the same depth.  

The power of the planned comparisons to detect differences from control 

values was assessed.  Using typical values of variance (0.025) for our samples, we 

could expect to detect differences in strain magnitudes of 0.10 (~33% change from 

control) with a Power = 0.66. Higher sample numbers would be necessary if smaller 

changes in strain magnitudes were of interest (Power = 0.22 for difference of 0.05), 

but changes in strain magnitudes below a certain threshold may not have significant 
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physiological effects. In deeper regions, where strain magnitudes were significantly 

lower, variances were also smaller (~0.009), allowing differences in strains of 0.05 to 

be detected with a Power = 0.50.   

 The total sliding distances over points along the intact surfaces and 

surface adjacent to defects were analyzed at 4 time-points during loading 

(corresponding to applied compressions of approximately -0.05, -0.10, -0.15 and -

0.20). At each time-point, planned comparisons were used to compare sliding at points 

near each of the defect configurations to the average sliding between control samples.  

For each sample, the average sliding distance over the analyzed 500 μm surface region 

(adjacent to the defect or in the center of intact samples) was also calculated at each of 

the 4 time-points.  The overall effects and interactions of defect presence and level of 

applied compression (time-point) were analyzed by two-way ANOVA with applied 

compression as a repeated factor. Average sliding distances at each time-point were 

then normalized to the ~applied axial displacement at that time, and the average value 

over those 4 times was calculated, representing the normalized sliding distance of the 

sample.  The average normalized sliding distance for the n=4 sample pairs was 

calculated in the intact, open defect, and closed defect configurations.  The values 

were then analyzed by ANOVA with a Tukey post-hoc test.   

Power of sliding comparisons was also calculated. At the fully-compressed 

time-point, differences of 30 μm in sliding could be detected with power=0.50, while 

40 μm differences (~equal to the sliding experienced by intact controls) could be 

detected with power=0.80 (assuming typical values of σ=15 μm for intact controls and 

σ=20 μm for defect samples). Generally, the standard deviations of sliding distances 
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were proportional to the magnitudes of sliding, and power remained high for 

differences ~equal to control magnitudes. 

 

4.4 Results 

 Overall, there were significant effects (p<0.001) of tissue depth, surface 

location, and applied compression (loading time), on both axial and shear strain 

magnitudes during the loading period (data not shown for intermediate time-points). 

All first-order (p<0.001) and second-order (p<0.05) interactions between these factors 

were also significant, indicating that the effects of defects are not experienced equally 

at all tissue depths and that the time-course of strain development during loading 

depends on both tissue depth and the lateral location with respect to a defect. Lateral 

strains were also significantly affected by applied compression, surface location, and 

their interaction (p<0.001), but was not affected by tissue depth (p=0.12).  

In intact samples (Figure 4.3), strains first accumulated in the superficial 

region, reaching local compressive magnitudes of approximately -0.10 before 

noticeable deformation occurred in the middle or deep regions. As loading was 

continued, strains in the superficial region continued to rise, but middle and deep 

regions also began to accumulate measurable levels of strain. Directly following 

loading, there was a depth dependent distribution of axial compressive strain (Figure 

4.4), with high strains -0.31 ± 0.02 in S, roughly half that amount of strain, -0.18 ± 

0.04, in M, and low levels of strain, -0.03 ± 0.01, in D. Magnitudes of lateral and shear 
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strains rose slightly during loading but remained low, generally staying below 0.05 at 

all depths and time-points.   

Cartilage adjacent to a defect (Figure 4.5 and 4.6) experienced increased axial 

compression, lateral tension, and shear. Strain was again initially carried in the 

superficial region, but in addition to the axial compression, there was an early onset of 

lateral tensile strains in the superficial region and increased shear magnitudes as the 

adjacent cartilage began to bow into the defect region and was resisted by the tractions 

exerted by the opposing cartilage layer. As loading proceeded, strain rose more 

quickly in the S and M regions, than in the intact control samples. As the peak 

displacement was reached, axial strain and shear strain at the defect rim (A3-S) were 

significantly elevated compared to controls (Figure 4.4; p<0.05).  

During stress relaxation, axial strains were significantly affected (p<0.001) by 

surface location, tissue depth, and relaxation time with significant interactions 

between the relaxation time and both surface location and depth.  Both lateral and 

shear strains were also significantly affected by surface location (p<0.001), tissue 

depth (p<0.05), and their interaction (p<0.05), but showed no effect of stress 

relaxation time (p>0.30) or its interactions (p>0.08).    

As intact samples were held in the loaded position, the cartilage quickly began 

to redistribute strain into the superficial and middle layers. In this relaxed stated, axial 

strain decreased significantly with depth.  Axial compression of the S region averaged 

-0.36 ± 0.01, and the M region, -0.27 ± 0.03. Lateral and shear strains remained low at 

all tissue depths, not exceeding 0.05.   
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 Figure 4.3: Representative images depicting the time-course of axial strain 
development in intact samples. 



113 

 

  

During stress relaxation, the strains in the tissue adjacent to a defect reached 

equilibrium quickly (within 6 minutes post-loading), similar to the behavior of control 

samples. In the relaxed state, axial strains in S, M, and D regions were no longer 

significantly different than control values. However, significantly elevated shear strain 

was still present at the defect rim (p<0.05). Interestingly, there was a strong trend 

(p=0.057 and p=0.053 after loading and relaxation, respectively) towards increased 

lateral tensile strains in the deep regions of the adjacent cartilage (A1-D) throughout 

loading and relaxation, seemingly resisting the bending of the adjacent cartilage into 

the defect area.  

Cartilage opposing the defect rim also experienced significantly elevated strain 

magnitudes, and displayed a similar time-course of strain development to intact 

samples. The cartilage remaining in contact with the adjacent surface (O1-O3) 

patterns of axial strain were similar to intact controls. Increased shear (p<0.05) was 

experienced in the S and D regions of tissue directly opposing the defect rim(O3), and 

in the D regions of neighboring regions (O2,O4); shear strains in the D region 

remained elevated even following stress relaxation. The regions over the empty defect 

area had significantly lower axial strains (p<0.05) and were slightly compressed in the 

lateral direction (p<0.05) at both time-points. 
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 Figure 4.4: Strain measurements at selected sub-regions at time-points directly 
following loading (A.i-A.vi) and after stress relaxation for 1 hr. (B.i-B.vi). Strains 
were calculated in 100 x 100 μm sub-regions at S (■), M (■), and D (□) depths for 
several lateral positions along the cartilage surfaces adjacent (A1-A3) and opposing 
(O1-O5) a focal defect. Strain in each sub-region was compared to the value from 
intact control samples (C) at the corresponding depth (*p<0.05; #p<0.01; †p<0.001). 
Data are expressed as mean ± SEM. n=4. 
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 Figure 4.5: Representative images depicting the time-course of axial strain 
development in defect-containing samples. 
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 Figure 4.6: Composite strain maps in bovine samples (A) directly following loading 
or (B) after stress relaxation, for regions ±600 μm laterally from the defect and 1 mm 
depth. Boxes = 100 x 100 μm2. 



117 

 

The time-courses and distributions of area and volume loss (Figure 4.7) closely 

resembled that of axial strain, with substantial compaction (>25% volume loss) of 

tissue near the articular surface directly after loading. Area and volume loss were 

significantly affected by surface location, tissue depth, time, and their first-order 

interactions during both loading and relaxation periods (p<0.01). The magnitudes of 

area and volume loss decreased with tissue depth and were negligible in the deep 

regions. During relaxation, the magnitudes of area and volume loss increased ~2-fold 

in the S and M regions of intact control surfaces, while the D region tissue remained 

approximately uncompressed. In defect samples, significantly greater area, -0.64 ± 

0.04, and volume, -0.63 ± 0.05, loss were measured at the defect rim, than in the 

superficial regions in intact controls (-0.37 ± 0.05 and -0.34 ± 0.05, respectively) 

directly following loading (p<0.05). Unlike intact samples, the area and volume of the 

tissue at the defect rim remained ~constant during stress relaxation, but was still 

significantly higher than controls in the stress relaxed state (p<0.05).   
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 Figure 4.7: Area and volume changes at selected sub-regions in bovine samples 
directly following loading (A.i-A.iv) or after stress relaxation (B.i-B.iv). Strains were 
calculated in 100 x 100 μm sub-regions at S (■), M (■), and D (□) depths for several 
lateral positions along the cartilage surfaces adjacent (A1-A3) and opposing (O1-O5) 
a focal defect. Strain in each sub-region was compared to the value from intact control 
samples (C) at the corresponding depth (*p<0.05; #p<0.01; †p<0.001).  Data are 
expressed as mean ± SEM. n=4 
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 Average sliding distances increased with greater applied compression 

(p<0.001) and differed significantly between sample types (p<0.05), with a significant 

interaction between those two factors. Sliding distance appeared to be affected by the 

presence and edge orientation (closed: 79.5° ± 3.5°; open: 98.8° ± 3.0°) of a defect 

(Figure 4.8). Increased magnitudes of sliding were measured at all surface points 

within 500 μm of “closed” defects, at all analyzed time-points (p<0.05). “Open” 

defect orientations resulted in a trend towards increased sliding, but no statistically 

significant increases compared to controls. Similar results (Figure 4.9) were seen for 

average normalized sliding distances (sliding normalized to applied displacement and 

then averaged across the surface and time). Normalized sliding distances over regions 

adjacent to “closed” defects, 0.31± 0.06, were significantly greater (p<0.05) than 

controls, 0.05 ±0.03, while normalized sliding near “open” defects, 0.16 ±0.06, 

showed no significant increase over controls (p=0.37).    
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 Figure 4.8: Sliding distance profiles over surfaces of open defect (gray line) and 
closed defect (black line) samples compared to the average sliding over intact 
surfaces (mean: dotted line ; SEM: shaded region) at several levels of applied 
compression (-0.05, -0.10,     -0.15, and -0.20). (*p<0.05; #p<0.01 compared to 
control at same time-point) n=4.  
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 Figure 4.9: Average normalized sliding distance over intact, closed defect, and open 
defect samples. Sliding distances were averaged over 500 μm surface regions at 
applied axial compressions of -0.05, -0.10, -0.15, and -0.20, normalized to the applied 
axial displacement, and averaged for each sample type. (bar: p< 0.05) Data are 
expressed as mean ± SEM. n=4.  
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4.5 Discussion 

This study quantified the changes in dynamic cartilage deformation and sliding 

in regions near a focal chondral defect (Figure 4.10). The results confirm that defect 

presence has dramatic effects on dynamic cartilage deformation and suggests that the 

presence and edge characteristics of defects are likely to influence the sliding between 

surfaces. During contact between intact surfaces, the superficial region compresses 

first, with axial strains spreading into deeper tissue regions at higher levels of 

compression. As a peak displacement is reached and the tissue is allowed to stress 

relax, magnitudes of strain the deep regions of the tissue are reduced and redistributed 

to the middle and superficial tissue regions. Tissue adjacent to a defect experiences 

increased magnitudes of compressive axial strain, as well as increased lateral and 

shear strains. During stress relaxation, axial strain distributions return to normal 

(similar to intact), but elevated shear and lateral tensile strains are maintained. Slightly 

elevated shear strains and regions of lateral compression are observed in the tissue 

opposing the defect rim, while strains dissipate in tissue regions over the empty defect 

area. Increased sliding was seen between surfaces near defects with “closed” 

orientations, but there was no effect on sliding of defects with “open” orientations. 

The observed increases in local strain magnitudes and sliding may be relevant to 

mechanical wear and fatigue processes.   
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 Figure 4.10: Summary of the effects of defects on cartilage mechanics. 
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The current study optically tracked 2-D intra-tissue strains along the cross-

section of opposing surfaces, using methods similar to those employed previously to 

measure intra-tissue cartilage strains in a variety of loading configurations [3, 21, 35, 

36, 38]. It is possible that this 2-D configuration could affect some of the measured 

strain values. The dissection of cartilage blocks may eliminate some of the residual 

tangential stresses that could help distribute loads. Furthermore, the geometry of 

defects in this model does not allow the development of a circumferential hoop stress 

at the defect rim that might have helped resist deformation.  

Samples were loaded in an unconfined geometry, with cartilage 

depressurization possible through the top and edges of the blocks. This choice is likely 

to have significant effects on the time-courses of strain development and relaxation 

measured in both intact and defect-containing samples. While, the in vivo boundary 

conditions are complex, being neither fully confined nor unconfined, the use of an 

unconfined geometry may be a good approximation of defects where depressurization 

is allowed because 1) defect size or surface incongruities prevent the opposing surface 

from sealing along the defect rim, or 2) the subchondral bone is compromised.  

The choice of loading protocol may also influence the observed results. In the 

current study, loading consisted of uniaxial compression, applied in displacement 

control at a constant strain rate, and with intact and defect-containing samples 

compressed to the same total bone-to-bone strain. This loading is simplified compared 

to the in vivo environment, which would include both lateral and axial components 

and where strain and strain rates would depend upon the joint loading during 

articulation. Samples were experimentally compressed to a common total tissue strain, 



125 

 

to provide a conservative estimate of the effects of defect presence on strain 

distributions. In vivo, significant increases in both total strain and strain rate are also 

likely. Given this, it is then notable that significant local strain elevations and areas of 

increased sliding still occurred. The applied strain rate (1%·s-1) was chosen to fall 

below the threshold known to induce tissue damage, but still provide measurements 

that are representative of an instantaneous loading response [14, 29]. Since relaxation 

of the tissue took place quickly, with the majority of changes in strain distributions 

occurring within the first 6 minutes post-loading, significantly slower strain rates may 

obscure the dynamic tissue response. It is possible that increased strain rates may 

accentuate differences between defect and intact cases.   

The accuracy of image analysis techniques used here was comparable (in 

performance on theoretically generated image sets) to that reported previously.  Image 

analysis was performed using a hybrid approach of previous direct point tracking [35, 

36] and digital image correlation [3, 38] techniques, developed and implemented in 

earlier chapters of this dissertation. Here, translations of a subset of cell nuclei, acting 

as fiducial markers, were tracked by maximizing normalized cross-correlation. Unlike 

digital image correlation approaches, where correlation is maximized for both 

translation and deformation of a region and gradient calculations are computed from 

those deformations, the current approach maximizes only for point displacement and 

calculates gradients from the relative movement of markers. This allows the results of 

the correlation steps to be easily verified by manual inspection, but avoids the labor 

intensive process of directly matching each point.  
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Depth-dependent distributions of axial compressive strains in intact control 

samples were similar to previous reports [3, 35, 36, 38], showing significant decreases 

in strain with increasing tissue depth. The time-course of strain distributions also 

confirmed differences between the observations reported in Chapter 2 and previous 

studies: that stress relaxation results in increased strains in the superficial regions and 

decreased strains in the deep regions. As was the case in Chapter 2, differences in test 

parameters (e.g. presence or absence of underlying bone, unconfined vs. confined 

compression, relaxation time, and tissue source) prohibit direct comparison with 

previous studies. Strain data are reported in the axial and lateral directions, aligned 

with the physiological orientation of the tissue. At lateral positions away from the 

defect edge, principal axes were ~aligned with these axes. 

The behavior of defect samples in this study was also in general agreement 

with previous observations. Macroscopic tissue deformation near defects was similar 

to that described by Braman et al [6], while the slightly lower compression in the 

tissue opposing the defect rim is consistent with contact stress measurements that peak 

near, but not at, the defect rim [8]. Intra-tissue strain distributions found here at the 

post-loading time-point are similar to those observed in Chapter 2.  

Increased sliding was experienced at the defect rim of defects with “closed” 

orientations at all analyzed time-points. Large variability in sliding measurements 

between individual samples suggest that other factors, such as the surface curvatures 

may also interact with the defect geometry to control this behavior. Defects with 

“open” orientations result in little or no increased sliding, but in those configurations 

the radial edge of the defect may be subject to some amount of sliding; that region of 
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tissue does not normally experience contact and may be less resistant to wear than 

tissue along the articular surface. It remains unclear if either of the geometries is 

physiologically preferable. It is also worth noting, that since sliding distance was 

related to the applied axial strains, increases in total strain that may be present in vivo 

would also produce increased sliding. 

The high level of strain and volume loss present at the defect rim may play a 

crucial role in the continued progression of a defect. Even under a conservative (equal 

applied displacement and strain rate) loading protocol, the time-courses of strain 

development in different regions were affected and local strains exceeded magnitudes 

previously shown to cause cartilage damage [13, 23, 26, 30, 32 , 37]. It is also possible 

that persistent mechanical overload could contribute to accelerated rates of wear and 

fatigue over long-term loading [1], even without eliciting acute tissue damage. 

Investigation of the changes to defect mechanics under more physiological loading 

protocols and the physiological changes related to the measured mechanical 

differences could provide insights into disease progression and identify targets for 

clinical interventions. 
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CHAPTER 5 

BIOMECHANICAL ASSESSMENT 

OF RETRIEVED TISSUE AFTER  

IN VIVO CARTILAGE DEFECT REPAIR: 

TENSILE MODULUS OF REPAIR TISSUE AND 

INTEGRATION WITH HOST CARTILAGE 

 

5.1 Abstract 

Failure to restore the mechanical properties of tissue at the repair site and its 

interface with host cartilage is a common problem in tissue engineering procedures to 

repair cartilage defects. Quantitative in vitro studies have helped elucidate 

mechanisms underlying processes leading to functional biomechanical changes. 

However, biomechanical assessment of tissue retrieved from in vivo studies of 

cartilage defect repair has been limited to compressive tests. Analysis of integration 

following in vivo repair has relied on qualitative histological methods. The objectives 

of this study were to develop a quantitative biomechanical method to assess 1) the 

tensile modulus of repair tissue and 2) its integration in vivo, as well as determine 

whether supplementation of transplanted chondrocytes with IGF-I affected these 
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mechanical properties. Osteochondral blocks were obtained from a previous 8 month 

study on the effects of IGF-I on chondrocyte transplantation in the equine model. 

Tapered test specimens were prepared from osteochondral blocks containing the 

repair/native tissue interface and adjacently-located blocks of intact native tissue. 

Specimens were then tested in uniaxial tension. The tensile modulus of repair tissue 

averaged 0.65 MPa, compared to the average of 5.2 MPa measured in intact control 

samples. Integration strength averaged 1.2 MPa, nearly half the failure strength of 

intact cartilage samples, 2.7 MPa. IGF-I treatment had no detectable effects on these 

mechanical properties. This represents the first quantitative biomechanical 

investigation of the tensile properties of repair tissue and its integration strength in an 

in vivo joint defect environment.  
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5.2 Introduction 

Cartilage normally functions as a low-friction, load-bearing material at the 

ends of long-bones. When damaged, articular cartilage shows a loss of function and a 

low intrinsic capability for repair [38]. This problem has motivated a great deal of 

research into methods of enhancing the repair response [52]. In general, repair of a 

cartilage defect includes two main processes: 1) filling of the defect with a functional 

repair tissue and 2) integration of this repair tissue with the surrounding host cartilage 

and bone.  

In vivo studies have assessed the quality of repair tissue resulting from many of 

the current strategies for cartilage defect repair, including microfracture [9, 58], use of 

allogenic and autogenic grafts [10, 39, 69], implantation of tissue-engineered 

constructs [13, 63], and transplantation of cells [11]. Such studies routinely evaluate 

the quality of repair tissue with quantitative assays of biochemical composition in 

conjunction with qualitative or semi-quantitative assays of tissue structure (gross 

observations, histology, and immunohistochemistry). The biomechanical properties of 

repair tissue can also be characterized, and such properties are dependent on both the 

composition and structure of the tissue. Compressive properties of in vivo repair tissue 

have been determined through indentation testing [42] or confined compression of 

retrieved tissue [13]. Although tensile properties of cartilage are more sensitive to 

growth [65, 66] and aging [2-4, 29] than are compressive properties, no previous 

studies have characterized the tensile properties of repair tissue retrieved from an in 
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vivo model of defect repair. Determination of these properties in repair tissue may be a 

sensitive indicator of the efficacy of cartilage defect repair.  

The integrative repair between an implant and host cartilage is problematic in a 

range of orthopaedic treatments. Experimentally created lacerations in the articular 

surfaces of mature cartilage do not exhibit integrative repair [38], and integration, 

manifest as collagen fibers crossing the interface, is also absent between surfaces of 

repair tissue and native cartilage following intrinsic repair of full-thickness defects, 

even when these surfaces appear well apposed [56]. This lack of integrative repair 

may eventually lead to degeneration [23, 56]. Most commonly, in vivo studies have 

rated integration using histological scoring systems based on maintained cellularity 

and continuity of tissue at the interface [20, 44, 55, 62]. Alternatively, in vitro studies 

have been developed to allow quantitative measurement of the integration strength 

arising at an interface [43, 46, 48]. These tests provide a controlled environment in 

which to investigate the effects of individual factors on integration, but do not fully 

simulate the defect environment. To date, no quantitative biomechanical analysis of 

integrative repair has been performed on tissue retrieved from an in vivo model of 

defect repair.  

The continued evaluation and validation of treatment alternatives will rely 

heavily on analyses of their performance in vivo. Repair methods involving 

chondrocyte transplantation have shown promise and are being adopted for the 

treatment of full-thickness cartilage defects [11]. This repair strategy may be enhanced 

through the use of one or more growth factors [14]. Fortier et al. (2002) recently 

described the effects of insulin-like growth factor-I (IGF-I) on chondrocyte 
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transplantation in the equine model. Supplementation of transplanted chondrocytes 

with IGF-I, which is known to stimulate production of proteoglycans and type II 

collagen in vitro [19], was shown to significantly improve the repair response. IGF-I 

treated defects showed improved filling and chondrogenesis, with more hyaline-like 

repair tissue and increased levels of type II collagen. The presence of IGF-I also 

resulted in improved histological scores of integration with host cartilage.    

 The objectives of the current study were to further analyze the tissue retrieved 

from this equine study, focusing on biomechanical properties. The specific aims were 

to develop a quantitative biomechanical method to assess 1) the tensile modulus of the 

repair tissue and 2) its integration in vivo with native host tissue, and also to determine 

whether supplementation of transplanted chondrocytes with IGF-I affected these 

mechanical properties.  
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5.3 Materials and Methods 

Cartilage Defect Repair 

Test samples were obtained from a previous study investigating the effects of 

IGF-I on the in vivo repair of cartilage defects. A complete description of this study is 

in [20]. Briefly, the study was conducted on 8 young adult (3-5 yr old) horses using 

procedures approved by the IACUC (Cornell and UCSD). Each horse underwent 

bilateral arthroscopic procedures to repair single 15 mm diameter, cylindrical defects, 

created on the lateral trochlear ridge of each patellofemoral joint. The defects were 

full thickness and included removal of most, but not all, of the calcified cartilage 

layer. One joint in each animal, serving as a control, was repaired by transplantation of 

20 million allogenic chondrocytes, cryopreserved from 3-9 month foals and suspended 

in 1 ml of equine fibrinogen solution (200 mg/ml). The contralateral joint was repaired 

similarly, but with the addition of 25 µg rhIGF-I to the fibrinogen solution. Animals 

were sacrificed at 8 months. Two osteochondral blocks (~15 mm long x 3 mm wide) 

were harvested from each knee, wrapped in plastic wrap, immersed in phosphate 

buffered saline (PBS), and stored at –80˚C until testing. One was an “integration” 

block, containing the repair/native tissue interface. The other was an adjacently-

located block of native tissue.  
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Figure 5.1: Diagram of harvest locations and specimen geometry. (A) Defects were 
located on the lateral trochlear ridge of each patellofemoral joint. Two osteochondral 
blocks were harvested from each joint: a block containing the repair/native tissue 
interface and an adjacent block of native cartilage. Blocks were prepared to create 
“integration” samples (B), with regions of  repair (R1) and native (N2) tissue, and 
“intact control” (N1 -N2) samples (C), each with a tapered gage region.  
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Biomechanical Testing 

Sample preparation 

One tensile sample was prepared from each osteochondral block immediately 

before testing (Figure 5.1). For integration (R1-N2) samples, the interface marked the 

border between regions 1 (repair tissue, R1) and 2 (native cartilage, N2). For intact 

controls (N1-N2), regions 1 (N1) and 2 (N2) were randomly assigned to the two halves 

of the block, each consisting of native cartilage.  Blocks were thawed by immersion in 

PBS + proteinase inhibitors (PI; 1 mM phenylmethanesulfonyl fluoride, 2 mM 

disodium ethylenediamine tetraacetate, 5 mM benzamidine–HCl, and 10 mMN-

ethylmaleimide) [22]. The interface region (center) of each integration (intact control) 

sample was grossly visualized, and a tapered tensile specimen with a 1.8 mm wide, 4 

mm long gage region, manually centered at this point, was punched into the cartilage 

[31]. The N2 and gage regions were undercut in the cartilage and/or repair tissue just 

above the bone, using a scalpel. The bone lying beneath these regions was removed 

and discarded. The region 1 tissue lying outside of the gage region remained attached 

to a layer of bone, which was trimmed to a thickness of 0.5-1.0 mm. Parallel bands 

were marked at ~1 mm intervals on the articular surface of the gage region [31, 50]  

using Trypan Blue. The stain was applied using a custom stamp, consisting of 5 

parallel threads (0.1 mm diameter) held at 1 mm intervals. A total of 13 integration 

samples and 12 intact control samples were prepared and tested.  
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 Figure 5.2: Sequential images of representative intact control (N1-N2) and integration 
(R1-N2)  samples during tensile testing. Each sample is shown (A,E) at tare load, (B,F) 
after relaxation at 20% elongation, (C,G) during constant-rate extension, and (D,H) 
after failure. Regions of the articular surface were stained with Trypan Blue and used 
to track sample deformation. Vertical positions of stained bands in analyzed images 
(A,B,E,F) are identified on both sides by arrows. The interface of R1-N2, visualized 
grossly, was located within the center band; during constant rate extension the 
interface began to pull apart, resulting in the splitting of this band (G). Strains were 
computed for regions above and below the interface (or the center of intact controls), 
but away from the grips. Bar = 1 mm.  
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Tensile Testing 

Following preparation, each specimen was tested in tension. The thickness of 

the gage region was measured on each side of the center/interface using a contact 

sensing micrometer; individual thickness measurements on a sample varied < 10%, 

and an average value was used for all subsequent calculations. The sample was then 

clamped into a computer-controlled, uniaxial test instrument with an initial clamp-to-

clamp distance of 5 mm. Spacers measuring ~50% of the sample thickness were 

placed into each clamp to limit tissue compression. The sample was run through a 

standard test cycle, and load and displacement were recorded. Sample hydration was 

maintained during testing by continuous circulation of PBS + PI. The sample was 

extended at 0.5 mm/min until reaching a tare load (0.08 N for R1-N2, 0.20 N for N1-

N2), extended at a strain rate of 0.25%/s to first 10% and then 20% elongation (~ 0.5 

mm and 1 mm respectively) and allowed, at each position, to stress relax to 

equilibrium (900 s), and finally, pulled to failure at a constant rate of 5 mm/min [31, 

65]. Failure was defined as the point of maximum load and generally corresponded to 

the initiation of a visible tear in the cartilage. Digital images of the sample were taken 

prior to testing, at tare, following the stress relaxations at 10% and 20% elongation, 

and at several points during the pull to failure (Figure 5.2). 

Image Analysis 

Sequential images were analyzed to determine strain development in different 

regions of the sample (Figure 5.3). Image pairs (at tare load and following relaxation 

at 20% elongation) were analyzed with a custom program using the image processing 

toolbox in Matlab Release 13 (The Mathworks, Inc., Natick, MA). Unique regions of 
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interest (ROI’s), comprised of the stained bands on the articular surface, were chosen 

manually in the reference image and matched with corresponding regions in the 

deformed image. A series of 2-D correlations between each ROI and equally-sized 

regions in the deformed image was performed. The coordinates of the region that 

resulted in the highest correlation were determined. The coordinate change from the 

reference image represented the translation of the ROI. Next, each ROI was subjected 

to incremental, known deformations and correlated to the deformed image at the 

previously determined coordinates. The deformations resulting in the highest 

correlation were determined. This process of translation and deformation was repeated 

until maximum correlation was achieved. Correlation coefficients for ROI’s of well-

focused image pairs were typically ~0.9 (on a scale of 0-1). In certain cases, problems 

with image acquisition (described below) resulted in much lower correlation 

coefficients (< 0.5), and these cases were excluded from the analysis (discussed 

below). The results of each analysis were viewed manually and checked for errors. 

The distances between centerlines of adjacent ROI’s were calculated in the reference 

and deformed images, and strains were calculated as change in length over initial 

length. Strains were determined for portions of regions 1 (ε1) and 2 (ε2) not directly 

adjacent (~0.5 mm away from the clamps at tare) to the clamps, where strains within a 

given tissue region (i.e. native or repair) were relatively uniform (standard deviation 

of strain between regions being < 3% for intact controls, data not shown).  
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 Figure 5.3: Correlation analysis of digital strain images. Regions of interest (ROI) 
were selected from the reference image (A). 2-D correlation of each ROI with the 
deformed image was performed and the coordinates of highest correlation recorded 
(B). Each ROI was then deformed incrementally and correlated with the deformed 
image at the determined coordinates (C). Translation and deformation were repeated 
until maximum correlation was achieved.  Strains were computed for regions 1 and 2 
of the sample, using relative translations of stained regions (D). Bar = 1 mm. 
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Data Analysis 

Load and displacement data were used to calculate tensile properties. Stress 

was calculated as the load over the initial cross-sectional area in the center of the gage 

region. Sample elongation (for description of the point of failure) was calculated as 

displacement over the between-clamp distance at tare load (since images were taken at 

selected time points and did not include the point of failure). The strength and 

elongation at failure were taken at the point of maximum load. The stress following 

the relaxation phase at 20% elongation was computed as an index of the overall tensile 

modulus of the sample. Equilibrium tensile modulus was calculated in different 

regions by dividing the stress at 20% elongation by the strains determined from image 

analysis. While the width of the sample changes slightly along its length, the average 

stress in areas where strain was calculated was within 5-10% of the stress in the gage 

center.  

Statistics 

Data are presented as mean ± SEM. The mean, SEM, and statistical analysis of 

strain ratios were calculated using log-transformed data (to improve normality). For 

display purposes, the geometric mean (inverse of the mean of log-transformed values) 

and the equivalent SEM are reported (Figure 5.5A). Results were analyzed by one-

way or two-way ANOVA (α=0.05), using Systat 10.2 (Systat Software, Inc., 

Richmond, CA). 
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5.4 Results 

The repair tissue in all samples appeared to have fully filled the defect. The 

interface between native and repair tissues was visible from both the top and sides of 

the osteochondral block; however, the tissue thickness was relatively uniform 

throughout the gage region. These qualitative observations were confirmed by 

thickness measurements taken in the gage regions of test samples, which showed no 

significant differences between sample groups (Figure 5.4A).  

Differences between groups were present in indices of tensile modulus. 

Grossly, the repair tissue appeared “softer” and was more easily deformed than the 

native cartilage, in agreement with tensile measurements. Tensile stress at 20% 

elongation, an indicator of total sample modulus, was significantly lower in 

integration samples than in intact controls (Figure 5.4B, p<0.005). The average value 

of stress in integration samples at 20% elongation was 0.11±0.02 MPa, approximately 

half that of intact controls, which averaged 0.23±0.03 MPa. There was not, however, a 

discernable difference in modulus between samples retrieved from joints with or 

without IGF-I supplementation (p=0.28), nor was there an interaction effect between 

sample type and IGF-I treatment (p=0.52).  
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 Figure 5.4: Properties of intact control (Native-Native, N1-N2) and integration 
(Repair-Native, R1-N2) samples in joints repaired with allogenic chondrocytes alone 
(AC) or supplemented with IGF-I (AC + IGF-I). Mean ± SEM, n=5-7. 
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 Figure 5.5: Analysis of strain distribution (A) and tensile moduli (B) for intact 
control (Native-Native, N1-N2) and integration (Repair-Native, R1-N2) samples. For 
(B), bars represent moduli of individual, repair (R1) or native tissue (N1, N2), regions 
of samples. Mean ± SEM, n=5-6. 
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The difference in moduli between integration and native samples was further 

described by analysis of strains in individual regions of tensile specimens. Because of 

faint staining and/or out-of-focus photos, images were not well-correlated for some 

samples, and strains could only be calculated for approximately half of the tested 

samples (6/13 integration samples and 5/12 intact controls). This affected only image 

analysis, and all other analyses (Figure 5.4) include data from every integration and 

control sample. The results of strain image analysis were separated based on sample 

type only and included defects treated with or without IGF-I. Strain analysis showed 

that regions of repair tissue experienced approximately three times the strain of the 

adjoining native cartilage in integration samples. At 20% total sample elongation, the 

average strain in repair regions of integration samples was 19±3%, compared to 8±3% 

in the adjoining native cartilage and 6±1% and 9±2% for native cartilage in regions 1 

and 2 of intact control samples, respectively. The ratio of strain between the repair 

(R1) and native (N2) regions of integration samples, 3.1±1.6, was significantly greater 

than that of equivalent regions (N1, N2) of intact controls, 0.6±1.3 (Figure 5.5A, 

p<0.05). This difference between repair and native tissues was even greater when 

comparing the tensile moduli of the regions (Figure 5.5B). Analysis showed 

significantly lower moduli in R1-N2 samples (p<0.05) and a significant interaction 

between region and sample type (p<0.05), but no effect of IGF-I treatment (p=0.32). 

The tensile modulus of repair tissue, 0.64±0.14 MPa, was ~30% that of the adjoining 

native cartilage in integration samples, 2.2±0.7 MPa, and less than 20% that of intact 

control cartilage, 5.2±1.6 MPa.  
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The differences between integration and intact control samples were also 

evident in the failure properties. The interface strengths of integration samples, 

1.2±0.2 MPa, were significantly lower (by ~60%) than the tensile strengths of intact 

controls, 2.6±0.3 MPa (Figure 5.4C, p<0.001). The sample strengths, however, were 

not affected by the presence of IGF-I (p=0.14), and there was no significant 

interaction between sample type and IGF-I treatment (p=0.37). The value of 

elongation at failure, 66±5%, was not significantly affected by any factor or 

interaction of factors (Figure 5.4D, p>0.32). All integration samples failed at the 

repair/native tissue interface and most (10/12) intact control samples failed in the gage 

region. Failure of intact control samples typically started in the superficial zone and 

extended to the deeper cartilage.  

 

5.5 Discussion 

A quantitative biomechanical test capable of measuring the tensile modulus 

and integration strength of repair tissue generated in vivo was developed. This 

represents the first investigation of these properties in tissue retrieved from an in vivo 

joint defect model. The equilibrium tensile modulus (Figure 5.5B) of repair tissue 

averaged 0.64 MPa, compared to 5.2 MPa for intact controls.  The values of 

integration strength (Figure 5.4C) averaged 1.2 MPa, or roughly half the tensile 

strength of intact cartilage samples. IGF-I supplementation had no detectable effect on 

the tensile properties of the repair tissue or on its integration with the native cartilage 

at the 8 month post-operative time point.  
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Mechanical testing was performed using a sample geometry (Figure 5.1) based 

on that used traditionally in tensile tests of cartilage [31]. While this orientation may 

not represent physiological loading conditions, several studies have demonstrated the 

importance of tensile properties in the function of cartilage. Mathematical models 

have illustrated the significance of the “trampoline effect” of tensile stresses in the 

superficial zone in resistance of compressive loads [16].  Following compressive 

fatigue loading, a weakening of cartilage tensile properties precedes visible surface 

damage [40], and it has been suggested that failure of cartilage under high indentation 

loads is due to the induced tensile strains (and tensile tissue properties) near the 

surface, rather than the induced compressive strains  (and compressive tissue 

properties) [18]. The tensile geometry also uses just a portion of the interface, 

preserving a large amount of tissue for other analyses. However, as in histological 

analyses, attention must be paid in selection of a sample that is representative of the 

overall integration along the defect perimeter.  

Unlike traditional tensile tests of articular cartilage [31], the samples in this 

study were full-thickness, having a combination of superficial-deep zones. The use of 

full-thickness samples was necessary because the samples tested were not flat enough 

to allow sequential sections to be easily taken. This “thick” sample provided a larger 

interfacial area than traditional tensile test samples and presumably gave a more 

representative value of overall integration strength. The use of such a thick, short 

specimen is not ideal from a mechanical testing standpoint and increases the 

likelihood that stress concentrations from the clamps will extend into parts of the gage 

region. However, limitations in joint and defect size make the creation of longer 
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samples impractical. The use of full-thickness samples probably also accounts for the 

failure behavior of the intact control samples, which initiated in the superficial region. 

This finding is consistent with the superficial cartilage typically having a lower strain 

to failure than cartilage from deeper zones  [31]. The inclusion of bone beneath the 

repair tissue, to facilitate sample gripping, may also serve to limit disturbance of the 

interface during sample preparation.  

Strain was tracked in digital images of samples to improve the accuracy of 

tensile modulus calculations and allow for strain and modulus to be determined for 

individual regions of a sample. The values of total sample elongation calculated using 

the change in clamp-to-clamp distance were typically higher than the strains in the 

center of the sample calculated by image analysis. A “straightening” of slightly curved 

samples or slipping at the clamps during the initial loading period likely contributed to 

this difference.  This presumably resulted in lower values of stress at 20% elongation 

(Figure 5.4B) than would be recorded for samples experiencing 20% strain in center 

of the gage region. Although a direct comparison of the two methods for strain 

determination could not be made at failure, the reported values of elongation at failure 

may also overestimate the strains present in the gage region at failure.  

The results of the digital image analysis are presented with pooled data from 

groups with and without IGF-I supplementation. Several practical issues, concerning 

both staining procedure and image acquisition, resulted in fewer samples being used 

for strain analysis. Precise staining of the sample proved difficult. Trypan Blue was 

selected for its permanence, but the uneven surface of the repair tissue and interface, 

coupled with the fluid’s low viscosity, often led to “running” of the stain. In these 
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cases, the surface lacked the discrete marks needed for tracking. In other cases, the 

staining, while grossly visible, was too faint to accurately track in images. 

Complications also arose during image acquisition. Inexact auto-focusing of the 

camera, leading to slightly out-of-focus images, and surface glare (from the lighting) 

disrupted correlation of some images. Sample exclusion appeared to be due to 

practical issues of sample staining and image acquisition and was independent of the 

relative strength/weakness of the sample (p=0.858). Despite these difficulties, 

acceptable image pairs were obtained for 6/13 integration samples and 5/12 intact 

controls. Pooling of data from groups with/without IGF-I was performed because there 

were no differences observed between the load-displacement relationships of these 

groups (Figure 5.4). This arrangement allowed for a large enough sample size to 

perform meaningful statistical analysis.  

The tensile properties measured in intact control samples compare well with 

those obtained from traditional tensile tests of thin (300 μm) slices of normal equine 

cartilage (including the intact articular surface) and helped validate the experimental 

setup. The values of equilibrium tensile modulus and ultimate tensile strength 

measured here (5.2 MPa and 2.7 MPa, respectively) were lower than those of 

superficial samples (7.7 MPa and 10.7 MPa, respectively) [37], but on the same order 

of magnitude. These lower values appear largely attributable to the difference in 

sample thicknesses, because the superficial region is known to have higher strength 

and stiffness than deeper zones of cartilage in skeletally mature animals [31, 50]. 

These deeper zones make up 80-90% of the full thickness samples used in this study. 

Since elongation at failure is typically lowest in the superficial region of mature 
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cartilage [31, 50], where stress develops more quickly due to the higher stiffness, no 

difference is apparent between values of elongation at failure recorded in the current, 

0.70, and previous, 0.71 [21], studies. Animal age, exercise regimen, split-line 

orientation, and harvest site differences may have also contributed to the variation. 

Both of these studies were performed on cartilage samples following frozen storage. 

Freezing has been suggested to have negligible effects on the mechanical properties of 

both human and bovine articular cartilage [8, 32, 33, 60].    

The presence of IGF-I during repair appears to have had no effect on the 

development of integration strength or tensile modulus, despite its ability to generate 

repair tissue closer in composition to native cartilage and improve histological scores 

of integration [20]. While the composition of repair tissue is an important contributor 

to its mechanical properties, structural properties, such as surface continuity and 

collagen orientation, also influence certain mechanical properties, including tensile 

strength (described here) and indentation stiffness near an interface [6]. Histological 

examinations are useful in the analysis of integration, as surfaces that are separate 

cannot be bound together, but the results of the present study suggest that the 

appearance of the interface alone may not be sufficient to predict integration strength. 

It is possible that histological methods are more sensitive to levels of repair tissue 

formation and defect filling, rather than the mechanical integration between apposing 

surfaces.  

This is the first biomechanical investigation of the tensile modulus of repair 

tissue and its integration strength with host cartilage in vivo. Determination of these 

mechanical properties is important because inadequate strength at the defect site or its 
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interface is likely to contribute to the degeneration seen at later time points of 

repair[33]. The values of integration strength seen here were still less than half the 

tensile strength of normal articular cartilage but were significantly higher than those 

measured in shorter-term in vitro studies [43, 46, 48]. The methods introduced here 

can be used to assess and compare alternative treatments for cartilage repair.  
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CHAPTER 6 

CONCLUSIONS 

 

6.1 Summary and Significance of Findings 

The work in this dissertation contributed to the understanding of normal 

cartilage contact and its changes near areas of focal damage.  During uniaxial 

compression of opposing, intact cartilage slabs, strain builds up first in the superficial 

most layers of cartilage.  As compression is continued, axial compressive strains 

extend into the middle and deep zones of cartilage while strain magnitudes continue to 

increase in the superficial region. When loading is stopped and held in the compressed 

position, magnitudes of strain in the deeper regions decrease as more strain is 

distributed to the superficial and middle regions.  For relatively flat surfaces, little 

sliding occurs during loading, with the majority of sliding that does take place 

occurring during the initial phase of loading as the surfaces are coming into contact.   

Cartilage surfaces adjacent to and opposing a focal defect experience higher 

magnitudes of strain than intact surfaces under the same applied displacements. 

Cartilage in the superficial and middle regions of the adjacent surface experienced 

increases in local compressive axial strain magnitudes of more than 0.10 and 

magnitudes of lateral tensile strains and shear at > 2-fold those of intact controls. The 
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opposing, intact cartilage surface experienced sharp increases in shear strain (~6-fold 

over intact controls) in the region directly opposing the defect rim and alternating 

regions of tension and compression in the lateral (parallel to the articular surface) 

direction. Axial strain distributions were approximately normal in regions contacting 

the cartilage adjacent to the defect, but eventually dissipated in areas over the empty 

defect. 

Similar strain distributions were measured in both human and bovine tissue 

samples.  Most changes occurred in the superficial or upper-middle zones of the 

tissue, with changes near the bone uncommon. It is noteworthy that significant 

increases in local strain magnitudes were measured even with the use of a 

conservative loading protocol, where total applied displacement was equal in intact 

and defect-containing groups. Application of more physiological loading protocols 

(i.e. including a component of motion in the lateral direction) may produce more 

widespread effects of defect presence. 

Sliding between the opposing surfaces was also increased in the presence of a 

focal defect.  In all cases, the adjacent cartilage surface moved toward the defect with 

respect to the opposing surface during loading, as the tissue expanded laterally into the 

empty defect region. Following loading, there was a slight reversal of sliding as the 

adjacent cartilage recovered slightly, drawing back from the defect.  The total sliding 

distance was a least partially mediated by the angle of the defect edge, with open 

angles tending to inhibit sliding and closed angles encouraging sliding.   

Although the sliding distance induced by compressive loading of a defect is 

significantly shorter than the total contact length during a cycle of joint articulation, it 
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may still be a significant portion of the sliding path length experienced at any single 

point.  Normal joint articulation exposes the articular surfaces to a mixture of sliding 

and rolling, with the contact point traveling along both articulating surfaces; this 

means that the magnitude of sliding experienced at a given point on the surface could 

be considerably less than the total path length.  Here, lateral sliding of ~100 μm (in 

human samples) was induced by a conservative loading protocol.  The point of 

maximum contact translates along the surface of the condyle during articulation, while 

the contact point moves significantly less on the tibial plateau.  Thus, typical points on 

tibial plateau might experience sliding equal to nearly the entire sliding path length, 

which could be estimated at ~5 cm.  A typical point in a weight-bearing region of the 

condyle would be expected to experience, at most, a sliding length approximately 

equal to the diameter of the contact area, or ~1 cm.  This indicates that defect presence 

might conservatively be expected to increase sliding distances for contacting points by 

1-10%, depending on the region, perhaps contributing to accelerated tissue wear.   

The work included in this dissertation also provides information on the extent 

to which biomechanical properties are restored following in vivo repair using current 

cell-based therapies. Testing of the retrieved in vivo samples (Chapter 5) revealed that 

cell-based therapies can result in substantial integration strengths in vivo, significantly 

greater than those observed in in vitro systems [44, 47, 50], but still lower than 50% of 

native tissue strengths.  The bulk mechanical properties of repair tissue at that time-

point were still significantly inferior to those of native cartilage; it’s currently unclear 

what level of mechanical properties are necessary for a graft to survive and prevent 

further damage to the native tissue. In this study, growth factor treatments appeared to 
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enhance the quality of repair tissue but did not significantly improve its integration 

with the surrounding host tissue.   

Several experimental and analytical methods were developed in order to carry 

out the experiments described above. An experimental model system was developed to 

study the behavior of contacting osteochondral surfaces loaded in uniaxial 

compression. Using this test setup, it was possible to investigate both normal and 

defect conditions under static and dynamic loading. Test methods were also developed 

for the characterization of adhesive strength and tensile properties of tissue retrieved 

following in vivo repair. This included preparation of tensile samples containing both 

repair and native tissue regions, application of surface staining to allow deformation to 

be optically tracked, and mechanical testing and image acquisition protocols.  

Image analysis methods were developed to quantify sample displacements and 

deformations using the movement of tracked tissue markers in sequential digital 

images. Surface markers were tracked using image correlation techniques, and their 

relative displacements were used to describe tissue deformations. Analogous 

techniques were used to measure both macroscopic (Chapter 5: 1-D strain 

measurements in adjoining tissues) and microscopic deformations (Chapter 2-4: 2-D 

strain fields in opposing cartilage surfaces), using either static image pairs or dynamic 

image sequences. In addition to the current studies, these image analysis methods have 

also been adapted for studies of dynamic cartilage strain between opposing cartilage 

surfaces with applied lateral loading [58] and cartilage samples subject to mechanical 

bending [56].   
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A mathematical framework was developed to describe the dynamic contact 

between surfaces undergoing large deformations and slips using discretely-sampled 

experimental data. These methods were implemented to describe the dynamic contact 

between experimentally-tracked cartilage surfaces (Chapter 3 and 4). The developed 

approach was used for the analysis of 2-D data in the current studies, but it is also 

compatible with 3-D datasets.  

 

6.2 Discussion and Future Directions 

Physiological Implications of Mechanical Changes at a Defect 

The results of the current studies demonstrate that the presence of a focal 

defect leads to increased axial compression, tissue volume loss, and shear at the defect 

rim and that these deformations develop more rapidly than in intact surfaces, 

suggesting less fluid support in this region.  On the opposing, intact cartilage surface, 

shear strains in the regions directly opposite the defect rim are increased throughout 

the tissue depth.  These changes may bring about significant physiological responses. 

It has been shown that excessive mechanical loading can result in macroscopic [32, 

48] and microscopic [49, 52, 57]  matrix damage and cell death [14, 16, 17, 32, 35, 39, 

45, 48, 52], with increases in both magnitudes and rates of strain being implicated 

with greater damage.  Although the exact relationship between intra-tissue strains and 

tissue damage has not been elucidated, it does not appear to be solely a function of the 

maximum compressive strain [12].  
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Changes in the mechanical environment could also significantly affect the 

cellular response of the tissue. Not only may a reduction in the cell population, due to 

mechanical damage, compromise the overall biosynthetic response of the tissue [31], 

but  the remaining viable cells may have reduced metabolic function [35, 48]. 

Furthermore, changes in the static and dynamic strain state of the tissue may regulate 

the processes of tissue repair and remodeling [25, 27].  

In addition to changes in the internal strain states of the cartilage surfaces, 

increased sliding over the surfaces adjacent to some defects was observed. Increased 

sliding could contribute to tissue wear over long-term loading. While the magnitudes 

of sliding distances measured here are an order of magnitude lower than the total 

sliding path during articulation, the contribution of this sliding could be significant. 

Much of this sliding is taking place at regions of high compression where normal 

forces, and hence friction, are at their highest. As discussed previously in this thesis, 

these effects may be even more pronounced in vivo, where the loss of contact area at a 

defect will result in higher contact stresses and total cartilage strains (which were 

shown here to be proportional to sliding distances). It is also possible that the presence 

of a defect accelerates the loss of fluid support, also adding to the friction between the 

contacting surfaces.  Over time, even moderate increases in the contact stresses and 

sliding distances may be expected to accelerate tissue wear [6, 38]. 
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Theoretical Models of Cartilage Contact 

Numerous studies have attempted to mathematically model the mechanics of 

contacting cartilage surfaces.  However, these approaches face several challenges due 

to the complex material properties of articular cartilage, a biphasic, anisotropic, 

inhomogeneous tissue that exhibits tension-compression nonlinearity, strain dependent 

changes in permeability, and multiple modes of surface lubrication [42]. To further 

complicate matters, cartilage surfaces undergo large deformations and sliding 

distances during joint articulation. Theoretical models of cartilage contact incorporate 

assumptions about the material properties, surface geometries, and boundary 

conditions to allow solutions to be calculated, but the validity and limitations of these 

assumptions are not always known.  

Many early studies modeled cartilage as an elastic solid. This assumption may 

provide a reasonable estimate of the immediate response (loading rate >> gel diffusion 

rate [4]) by assuming the material is incompressible [2-4, 9], or the equilibrium 

response, assuming that it is compressible [3]. However, these models cannot capture 

the dynamic tissue response to loading, which displays a time-dependent viscoelastic 

response related to fluid exudation from the tissue.  

Other studies have incorporated the biphasic model [43] into solutions of 

cartilage contact.  Hou et al developed boundary conditions relevant for the interface 

of a viscous fluid and a biphasic medium [29] and implemented them [30] in a 

numerical solution of dynamic contact between a rigid indenter and a cartilage surface 

separated by a thin fluid film. Those boundary conditions have been adapted to 

determine an asymptotic solution of the frictionless contact between two linearly 
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elastic, biphasic cartilage layers [7], and have been widely implemented in finite 

element models of contacting biphasic cartilage surfaces.  

Finite element formulations have been developed that not only model the 

biphasic properties of cartilage, but also capture several of the other complexities of 

cartilage material properties. Solutions have been developed that incorporate tissue 

inhomogeneity [20, 55], anisotropy (modeled as transverse isotropy [18, 20]), tension-

compression nonlinearities [4], or nonlinearities due to large deformations [13, 21, 53, 

54] and sliding distances [13].  However, no one model has yet incorporated all of 

these properties and implemented them in a model of contact; each approach includes 

assumptions and simplifications that limit their applicability to certain conditions.   

While, the general increase in model sophistication has contributed to greater 

confidence in tissue stress and strain predictions under simplified loading conditions, 

the treatment of sliding between surfaces has not received as much attention. 

Currently, no study has reported the local sliding between cartilage surfaces during 

loading, and the formulations of many of the models prohibit these calculations from 

being performed. Models assuming contact between symmetric surfaces will result in 

zero sliding due to equal expansion of the contacting sides [5, 7], while models based 

on penetration analysis ignore lateral deformation of the surfaces entirely [19, 53, 54]. 

Other modeling approaches may be capable of calculating sliding distances, but 

include assumptions (i.e. small sliding distances [21]) that may limit their 

applicability.  Also, contact between cartilage surfaces is commonly assumed to be 

frictionless, which may lead to over-estimation of sliding distances.  The assumption 

of frictionless contact may be especially problematic in situations where surface 
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lubrication may be compromised.  Cartilage lubrication is likely to result from 

multiple modes of lubrication, with the dominant mode changing depending on the 

situation.  Near sites of cartilage damage, compromised surface integrity or 

accelerated fluid depressurization may alter the form of lubrication and, in turn, the 

contributions of friction.  Without experimental verification, it would be difficult to 

model these surface conditions accurately.  

Many of the models also employ assumptions that are incompatible with 

evaluation of surface incongruities that would be present at sites of damage, such as 

focal defects or intra-articular step-offs. Solutions that require symmetry between the 

contacting surfaces, symmetry about the axis of loading, or have restrictions on the 

relative curvatures of the contacting surfaces, would not be appropriate for these 

situations [5, 7, 28, 30].  

To date, little experimental validation of theoretical contact solutions has been 

performed, although indirect evidence of model reliability is available. Theoretical 

predictions of high shear stress in the deep regions of cartilage under impact loading 

[3, 5], correspond well to experimental observations of damage near the cartilage-bone 

interface following impact. Also, predictions of contact stresses in joint-scale models, 

and the changes in these stresses occurring near a focal defect, have shown good 

agreement with ex vivo contact pressure measurements [46]. These results are 

encouraging, but direct verification of intra-tissue stress and strain predictions are still 

desirable. Current theoretical models have provided insights into biomechanics of 

cartilage contact, but still contain simplifications to sample geometries, material 

properties, and boundary conditions, which may affect their accuracy under certain 
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circumstances. Experimental quantification of cartilage contact parameters could help 

to validate and refine the assumptions used in current theoretical models.    

Choices of Experimental Parameters  

The experimental model of cartilage contact was designed to isolate the effects 

of a defect under controlled conditions.  To accomplish this, several simplifications 

were made compared to the in vivo environment. Here, contacting surfaces were 

loaded in uniaxial compression.  In vivo, cartilage is subject to dynamic loading that is 

a mixture of compression and a complex rolling and sliding motion.  Sliding between 

intact surfaces results in depth-varying shear strains in both surfaces [58].  In the 

defect case, the macroscopic protrusion of the intact surface into the empty area is 

likely to provide considerable resistance to any lateral motion.  The effects of a defect 

in this case will likely be even more pronounced than in our model of compression 

alone.  As the protruding surface pushes against the defect edge and slides over the 

rim, a moment will be applied at the defect base and may produce markedly elevated 

shear strains where the tissue is anchored to the subchondral bone.  Furthermore, 

sliding will occur between the surface and the radial defect edge, a region of tissue 

that doesn’t normally experience sliding and may be less resistant to wear than the 

articular surface.   

A conservative loading protocol was chosen to establish a baseline of the 

effects that would be expected to result due to defect creation. Samples were tested in 

displacement control, with the same total strain applied to both intact and defect-

containing samples. Under these conditions, strain distributions are likely to 

underestimate the effects of a defect. Alternative loading protocols could also be used, 
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but none are clearly closer to physiological conditions. Samples could be loaded to the 

same total stress, but since significant increases in contact stress have been shown in 

the regions surrounding a defect [11, 26], application of a constant stress would also 

tend to underestimate the effects of a defect.  Conversely, equal loads could be applied 

to both intact and defect groups; however this choice is likely to overestimate the 

effects of defects because the flat, finite-sized samples used in the model are incapable 

of distributing load to the surrounding tissue, in the manner that occurs in vivo.  Other 

loading protocols, of intermediate levels of conservativeness, could be arrived at by 

adjusting the applied displacement or load based on contact stress measurements or 

from finite element predictions.  

In the future, studies should investigate the effects and interactions of joint, 

tissue, and defect parameters to determine their significance in focal defect contact.  

These include more physiological loading protocols, the curvatures of the contacting 

surfaces, thicknesses and material properties of the cartilage layers, and the size and 

edge characteristics of the defect.  Some of these studies could be accomplished using 

the current experimental setup, by varying the locations from which samples are 

harvested to isolate samples with the desired characteristics.  However, it would also 

be possible to study these factors using larger samples including a significant portion 

of the joint curvature and loading them against their physiologically mating surfaces.  

In this case, samples could be loaded to a common force and allowed to distribute the 

load as would occur in vivo.  This system might provide information into 

physiological function, as well as higher order interactions of the various parameters.  
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Further, this setup may simplify investigation of effects that are not readily studied in 

the current configuration, such as the effects of defect size.   

Mechanical Thresholds of Defect Size 

One topic that is of considerable interest is the investigation of defect size 

thresholds that may impact clinical outcomes. Studies of cartilage defect repair often 

make reference to a “critical size” for defects, where those below the threshold exhibit 

good repair and those above it continue to progress in size and severity.  Clinical 

algorithms use size thresholds, along with the containment and shouldering state of the 

defect, to determine appropriate treatments [40]. However, an objective and 

quantitative definition of the critical defect size and the underlying mechanisms which 

lead to divergent clinical outcomes have not been elucidated.  

Although a single critical size for defects is typically referred to, it is more 

likely that several distinct threshold sizes exist, where significant changes in the defect 

environment occur. Large defects may be troublesome for various reasons, not the 

least of which is a greater volume that needs to be filled with repair tissue.  

Physiologically relevant critical sizes may exist that determine when 1) Continued 

Degeneration is expected at an untreated defect or 2) Spontaneous Repair will be 

successful and are likely to be functions of geometry, loading, and material properties.  

Careful design of in vivo studies may eventually help to elucidate these relationships.  

On the other hand, thresholds of mechanical behaviors may be more readily defined 

from geometric and experimental data and may relate to physiological outcomes. 

The region of the opposing cartilage surface near the defect rim transitions 

from axial compression similar to that experienced by intact surfaces, to an 
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uncompressed state over the empty defect. The distance from the defect rim to the 

uncompressed region can be measured and used to define the defect size allowing a 3) 

Complete Transition. The critical defect radius where this occurs, Rtrans, was 

experimentally estimated to be Rtrans=2hεc, using data from Chapter 2 (Figure 6.1A), 

where h is cartilage thickness (same on both sides), and εc is the total (bone-to-bone) 

compressive strain. This results in Rtrans=0.8 mm for physiologic values of thickness 

and compression (h=2 mm, and εc=20% compression) in human femoral condyle, a 

very small defect size when compared to defects typically found in symptomatic 

patients or those normally considered physiologically critical. 

The point at which the opposing surface may begin to contact the exposed 

bone at the defect base may be particularly important to physiological results. This is 

already considered in clinical algorithms in its relation to “shouldering” of the defect. 

More generally, 4) Bone Contact can be predicted from the size and relative 

curvatures of the two contacting surfaces. This has implications for friction and wear 

of the opposing cartilage surface contacting the rough bony base, and also for an 

implant that will be forced to support excessive loads. For surfaces where both 

principal radii of curvature are equal, the radius at which this will occur, Rbone, can be 

estimated from the joint geometry and predicted tissue deformation using (Figure 

6.1C): 
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where ρ1 and ρ2 are the curvatures of the two opposing surfaces, ρeff is the effective 

curvature [6] (Figure 6.1B), and heff is the effective thickness after compression of the 

contacting sides.  

With typical values for the human knee (h = 2 mm, ρeff = 20 mm [6], and εc = 

20% compression) the critical radius is estimated to be 7.8 mm (area of 1.9 cm2), 

which is close to the 2 cm2 threshold used in many clinical algorithms [40]. In cases 

where the principal radii of curvature differ significantly, one can estimate the 2 

critical defect radii: the lower value determines the point at which the shouldering is 

lost in that direction, the higher radius predicts the onset of bone contact.  Since loss 

of support in one direction would increase the burden on the edges remaining in 

contact, it is probable that compression on these surfaces would be significantly 

increased, meaning heff should be lowered accordingly; calibration of this parameter 

could be gathered from experimental data.   It is possible that other significant 

mechanical criteria also exist, such as the percent loss of original contact area; 

however, their significance would have to be determined experimentally.   
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Figure 6.1: Potential size thresholds of defect mechanical behavior. A) Diameter 
required for full protrusion of the opposing surface into the defect C) Diameter at 
which the opposing surface will be able to contact the boney defect base, based on B) 
an estimate of effective radius of two contacting curved surfaces.  
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Identification of Mechanisms of Integrative Cartilage Repair  

As discussed in Chapter 5, treatments for focal cartilage defects result in 

interfaces with the native articular cartilage that exhibit poor integration. The inability 

to restore sufficient strength at an interface may prevent restoration of normal tissue 

mechanical function and possibly lead to graft failure and continued degeneration of 

the surrounding tissue.  

Currently, the molecular mechanisms responsible for normal integrative repair, 

and the changes resulting from treatments that enhance repair, remain unclear. 

Previous experiments have identified factors that influence the development of 

adhesive strength at an interface [1, 10, 15, 50], but do not provide the details of how 

that strength develops. The mechanisms of action for treatments that enhance adhesive 

strength development are also unknown. 

Part of the uncertainty surrounding the process by which integration occurs, 

comes from a fundamental lack of knowledge of the behavior of collagen type II, the 

state of the collagen network in mature cartilage, and the ability for existing fibrils to 

interact with each other or with newly synthesized collagen. It is also unclear whether 

the collagen network at a defect edge comprises interior cross-sections of broken or 

lacerated fibrils, or intact fibril ends that have been pulled-out of the opposing side 

[37, 51].  Understanding the ways in which collagen normally acts at an interface may 

provide insights into how the process may be improved.   

There are three potential mechanisms by which the collagen network may act 

to repair itself during integration: 1) fusion of existing fibrils, 2) extension of existing 

fibrils by deposition of new collagen, and 3) formation of new fibrils. Exposed fibril 
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ends could fuse with neighboring fibril ends on the opposite side of the interface.  If 

widespread (and of sufficient strength) this process could quickly result in a structure 

approaching that of uninjured cartilage.  Since the process involves interactions 

between existing fibrils, many of the characteristics of normal cartilage would already 

be present.  The fibril diameters, spacing, orientation, density, and interfibrillar 

interactions would be preserved.  Fusion of type II collagen fibrils has not been 

demonstrated directly, but it is likely to occur, given the paucity of fibril tips in mature 

articular cartilage. Studies on collagen I fibril fusion have suggested that fusion will 

occur only at the tapered fibril tips [24], with fusion along remainder of the fibril 

inhibited by the presence of small proteoglycans, such as decorin, at the fibril surface 

[8, 24]; this potentially suggests that any broken fibrils at an edge may be incapable of 

fusing.  It is also possible that the fusion process requires a specific fibril terminal (in 

collagen I, the C- terminal) [24], further reducing potential fusion sites and 

representing a possible fusion limit that may be reached during maturation [24].  

Given these restrictions, it seems unlikely that the few sites capable of fusion would 

be positioned in close enough proximity to contribute significantly to integration.  The 

extent to which these observations can be translated to predict the behavior of type II 

collagen fibrils is unclear.  The collagen I and II molecules are highly homologous but 

differ in several respects, including their in vitro and in vivo [22, 23] self-assembly 

processes. It is also unclear how the strength of sites of fusion compares to the normal 

fibril tensile strength.  

2) Fibril Extension:  Potentially, newly synthesized collagen could be 

deposited on, and crosslinked to, the existing collagen network.  In this case, existing 
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fibrils might be lengthened by the addition of collagen to the exposed end.  These 

lengthening fibrils would be anchored to the existing collagen network on one side, 

but would need to extend significantly into the opposing surface in order to restore 

normal collagen organization.  It is unclear whether this can occur in normal mature 

articular cartilage.  It is known that collagen fibrils grow in both diameter and length 

during growth and maturation and that these changes occur by a combination of 

collagen deposition and fusion of existing fibrils.  There is evidence that small 

proteoglycans or minor collagens located on the surface of fibrils may limit fibril 

diameter; these same molecules may inhibit interactions between the collagen fibrils 

and newly synthesized collagen. As is the case with fusion behaviors, it is possible 

that the fibril polarity or the state of the fibril end could affect this process.  

3) Fibril Formation:  Newly synthesized collagen can diffuse to the interface 

and self-assemble into new collagen fibrils. Among the mechanisms discussed here, 

this would probably result in the slowest restoration of normal network structure and 

lowest levels of strength.  New fibrils tend to be thinner and shorter than those of the 

existing network; development of the fibrils into a mature state (with normal diameter 

and length) would require time.  Also, direction of the growth in the preferred 

orientation, penetration of the fibrils into the existing matrix on both sides of the 

interface, and formation of typical interactions with other fibrils would be necessary.    

 Integrative repair may result from some combination of these mechanisms 

working interactively or in parallel. Previous results suggest that the primary 

mechanism of integration may be the formation of new fibrils at the interface [41], 

while the interactions of newly synthesized collagen with the pre-existing network are 
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still unclear.  The relatively poor intrinsic repair at an interface may result from the 

inability to better utilize the existing collagen fibrils.  The ability of enzymatic 

treatments to improve adhesive strength development at an interface may be explained 

by more than one of the proposed mechanisms.  Treatments could function by 

removing molecules blocking access to the surface of collagen fibrils (i.e. decorin), 

thereby allowing interactions with newly synthesized collagen [24].  On the other 

hand, enzymatic treatments could affect integration by just creating space for 

increased transport of collagen [36] and assembly of new fibrils [33, 34].  Elucidating 

the mechanisms by which integration normally occurs and the effects on these 

mechanisms of treatments shown to increase adhesive strength may provide insight 

into methods of enhancing integrative repair.  

 Link between Mechanics and Physiological Response and Assessment of Repair  

The current studies provided evidence for a possible mechanical contribution 

to progressive cartilage degeneration (Figure 6.2). Strain elevations have been shown 

previously to cause cell death [17, 35, 39, 45, 48 ] and solid matrix damage [48, 52] 

under certain conditions. Cartilage, like traditional materials, can reasonably be 

expected to show accelerated fatigue and wear when subjected to greater amounts of 

loading and contact [6]. It remains to be seen whether the effects of defects are 

physiologically significant. In vitro investigation of viable cartilage blocks under 

physiological loading may be able to determine whether the presence of a defect will 

induce acute or chronic tissue damage.  

Similar methods could also be used to assess the efficacy of repair strategies. 

The effects of graft properties or integration at the interface may be studied and used 
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to gauge the effectiveness of treatments. Using experimental protocols analogous to 

those used in this dissertation, it would be possible to measure the changes in defect 

mechanics due to different grafts. Then, as has been suggested for the empty defect 

studies, the ability for different graft types to prevent adverse physiological 

consequences under physiological loading could also be assessed. Establishment of 

this link may make it possible to identify methods of repair that, at the very least, are 

capable of arresting the degenerative process at the defect site.   



180 

 

 

 Figure 6.2: Hypothesized mechanisms of defect progression. 
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APPENDIX A 

SUPPLEMENTAL MATERIAL FOR CHAPTER 2 

 

 

 

 

 

 

 

 

 

 

 

A.1 Introduction 

Chapter 2 presents and discusses the major findings of this study. In certain 

cases, choices made in the data analysis may affect the interpretation of the data. This 

appendix provides greater detail on the reasons the choices were made and also 

presents results from alternative methods. Supplemental data not included in the 

chapter is also presented.  
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A.2 Materials and Methods 

Bovine Data 

 In addition to the data presented in chapter 2, parallel tests were performed 

using osteochondral blocks from the femoral condyles of mature bovine knees. 

Sample preparation and test methods were the same, except samples were compressed 

to 15% (rather than 20%). Analyses were also carried out similarly, with the one 

difference being the depths defining the middle (M) and deep (D) zones. Since bovine 

cartilage is ~1/2 the thickness of human, depths were reduced to correspond to a 

similar percentage of the total cartilage thickness: M (z = 300:400 μm) and D (z 

=900:1000 μm). 

Adjustment of Relative Lateral Displacement Data with Intact Control Values 

High inter-sample variability was observed in sliding calculations made on raw 

data. It was noted that the defect orientation may have been having a significant effect, 

so that factor would later be studied explicitly in chapter 4.  However, it is possible 

that properties of individual cartilage surfaces may be contributing to the observed 

variability.   

Non-negligible amounts of sliding were observed between opposing intact 

surfaces, a behavior that appeared to be mediated by differences in the properties 

individual blocks, including the relative surface curvatures. Sliding distances 

measured near defects can then be considered as a combination of two separate 

components of sliding: 1) the inherent sliding between a particular pair of cartilage 

blocks and 2) the sliding caused by a defect.   
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In intact cases, the direction of sliding varied depending on the characteristics 

of the two blocks. On the other hand, the contribution of a defect was always directed 

in the same direction, with the adjacent cartilage moving towards the defect with 

respect to the opposing surface. Thus, in cases where significant sliding occurs 

between the intact surfaces, sliding at a defect will be exaggerated when the two 

contributions are in the same direction, and sliding magnitudes will be reduced if the 

two contributions are in opposite directions. In order to better discern the effects of a 

focal defect, the average relative lateral displacement (RLD) between the surfaces in 

the intact configuration was subtracted from RLD measurements for the analyzed 

surfaces in intact and defect samples.   

The RLD’s over tracked portions of opposing intact surfaces were calculated 

from the displacements of points on each of the surfaces (described in detail in 

Chapter 2).  For each surface, lateral (x- direction) displacement was fit to a linear 

function of x- position (Figure A.1). The average RLD for the intact surfaces was then 

determined as the difference between the lateral displacements calculated from the 

two equations at x=0 (the center of the block width). The average RLD for the intact 

blocks was then subtracted from the calculated RLD’s in regions of interest in both the 

intact and defect samples. Details on the surface regions that were analyzed in each 

sample type are included in Chapter 2.  
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Data Analysis and Statistics 

A full description of the statistics employed in this study is given in Chapter 2. 

Here, a brief explanation of key issues is presented.  

Large differences between variances of samples were observed in both strain 

and RLD data. Generally, variances were proportional to the magnitudes of sample 

means. All statistics were performed on log-transformed data to minimize differences 

in variances. For planned comparisons, any remaining differences were accounted for 

by using t-tests for unequal variances.  

For strain and area/volume change data, values from the both sides of each 

intact control were pooled to provide a single set of control values per sample pair 

(n=4 total control values). Initially, each control side had been treated as an 

independent sample, resulting n = 8 (4 pairs × 2 blocks/pair) control measurements. 

However, contacting samples were found to not be independent, using a test of 

correlation between the two sides [1].   
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A.3 Results 

A summary and discussion of the major results of this study are given in 

chapter 2. Here a summary of the results from bovine samples is included. A brief 

summary of how adjustment of the sliding data affected the results is given below. 

Additional strain and deformation data are also provided here in the form of figures.   

Bovine Strain and Sliding Results 

 Deformation of bovine samples was qualitatively similar to that of human 

samples. Intact samples showed typical, depth-varying magnitudes of axial strain. 

Defect samples had increased axial, and shear strains in the adjacent surface and 

increased shear in the region opposing the defect rim. The main difference was a 

tendency for increases in axial strain to take place in the M region, rather than the S, 

as was seen in human samples.   

 Sliding behavior was also similar, however variability was even higher than in 

human samples and no statistically significant increases were measured. Greater detail 

on these outcomes is provided below, in the discussion of the sliding analyses.    

 For easier comparison, all graphs of bovine data in this appendix also repeat 

the corresponding results from human samples that were included in chapter 2.  
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Adjustment of Relative Lateral Displacement Data with Intact Control Values 

The measured relative lateral displacements for both bovine and human 

samples in chapter 2 were adjusted using the methods described above and re-

analyzed. There was little effect on the resulting trends or inter-sample variability in 

either bovine or human samples (Figures A.2 and A.3).  As would be expected, 

adjustment of the intact RLD’s by the average sample RLD resulted in a mean very 

close to zero and relatively low variances.   

For human samples, the average profile of lateral displacement near a defect 

was similar to that of the raw data, and the magnitudes of these displacements were 

slightly reduced compared to the raw data at all surface points (Figure 2).  The 

variances of displacement measures were relatively unchanged by adjustment.  No 

surface points near defects were seen to have significantly greater sliding than the 

control samples with or without the adjustment of the data.  However, adjustment of 

the sliding data did result in reduced p values at every point, with several points 

approaching significance. The normalized RLD (the calculation of which is described 

in Chapter 2) of defect samples, 0.08 ± 0.03, was significantly higher than that of 

intact controls, 0.02 ± 0.01, when calculated using adjusted data, differing from the 

results using the raw data (Figure A.3; raw data: p=0.13; adjusted data p<0.05). 

Adjustment of sliding data from bovine samples had similar effects to those 

seen on bovine samples (Figures A.4 and A.5).  Mean sliding distances were relatively 

unchanged, while sample variances actually increased slightly.  No measures of 

sliding were significant using either the raw or adjusted data.  
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It is likely that significant variations in sliding result from differences in 

sample or defect properties that were not controlled for in the current study.  

Specifically, the curvatures of the two opposing surfaces and the orientation of the 

defect edge may both help determine the sliding behavior. In the later chapters, the 

effects of edge orientation are looked at in more detail. Also, the current chapter used 

samples taken from the femoral condyle which, while macroscopically flat, did have 

some amount of surface curvature. Samples in chapter 4 were taken from the 

patellofemoral groove in an attempt to minimize the effects of curvature.     
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 Figure A.1: Strain measurements at selected sub-regions in bovine (A.i-A.vi) and 
human samples (B.i-B.vi).  Strains were calculated in 100 x 100 μm sub-regions at S 
(■), M (■), and D (□) depths for several lateral positions along the cartilage surfaces 
adjacent (A1-A3) and opposing (O1-O5) a focal defect.  Strain in each sub-region was 
compared to the value from intact control samples (C) at the corresponding depth 
(*p<0.05; #p<0.01; †p<0.001).  Data are expressed as mean ± SEM.  n=4. 
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 Figure A.2: Composite strain maps of (A) bovine and (B) human defect samples, for 
regions ±600 μm laterally from the defect and 1 mm (bovine) or 2 mm (human) tissue 
depth. 
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 Figure A.3: Principal strain measurements at selected sub-regions in bovine (A.i-
A.vi) and human samples (B.i-B.vi).  Strains were calculated in 100 x 100 μm sub-
regions at S (■), M (■), and D (□) depths for several lateral positions along the 
cartilage surfaces adjacent (A1-A3) and opposing (O1-O5) a focal defect.  Strain in 
each sub-region was compared to the value from intact control samples (C) at the 
corresponding depth (*p<0.05; #p<0.01; †p<0.001). Data are expressed as mean ± 
SEM. n=4. 
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 Figure A.4: Composite principal strain maps of (A) bovine and (B) human defect 
samples, for regions ±600 μm laterally from the defect and 1 mm (bovine) or 2 mm 
(human) tissue depth. 
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 Figure A.5: Area and volume changes at selected sub-regions in bovine (A.i-A.iv) 
and human samples (B.i-B.iv).  Strains were calculated in 100 x 100 μm sub-regions 
at S (■), M (■), and D (□) depths for several lateral positions along the cartilage 
surfaces adjacent (A1-A3) and opposing (O1-O5) a focal defect.  Strain in each sub-
region was compared to the value from intact control samples (C) at the corresponding 
depth (*p<0.05; #p<0.01; †p<0.001).  Data are expressed as mean ± SEM. n=4 
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 Figure A.6: Composite maps of area and volume changes in (A) bovine and (B) 
human defect samples, for regions ±600 μm laterally from the defect and 1 mm 
(bovine) or 2 mm (human) tissue depth. 
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Figure A.7: Schematic of the sliding calculations. A) Since the majority of sliding in 
the experimental configuration takes place in the lateral (x-) direction, sliding may be 
estimated as the relative lateral displacement (RLD) of neighboring points on the 
opposing surfaces.  B) Contributions of defects to sliding may be isolated by 
subtracting the average RLD between the intact surfaces in control samples.   



200 

 

 

 Figure A.8: Relative lateral displacement (RLD) between contacting human cartilage 
surfaces. Comparison of two methods to determine relative lateral displacements of 
surfaces adjacent (0-500 μm away) to defects (solid line) compared to the sliding 
between intact controls (dotted line with gray shading).  Results are plotted using raw 
data (A) or data adjusted by accounting for the average RLD between intact controls 
(B). Mean ± SEM. n=4. 
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 Figure A.9: Normalized Relative Lateral Displacements (RLD) between contacting 
human intact cartilage surfaces (white), or cartilage surfaces adjacent to focal defects 
(black). Results are plotted using raw data (A) or data adjusted by subtracting the 
average RLD between intact controls   (B). Mean±SEM. n=4. Bar = p < 0.05.  
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 Figure A.10: Relative lateral displacement (RLD) between contacting bovine 
cartilage surfaces. Comparison of two methods to determine relative lateral 
displacements of surfaces adjacent (0-500 μm away) to defects (solid line) compared 
to the sliding between intact controls (dotted line with gray shading).  Results are 
plotted using raw data (A) or data adjusted by accounting for the average RLD 
between intact controls (B). Mean ± SEM. n=4. 
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 Figure A.11: Normalized Relative Lateral Displacements (RLD) between contacting 
bovine intact cartilage surfaces (white), or cartilage surfaces adjacent to focal defects 
(black). Results are plotted using raw data (A) or data adjusted by subtracting the 
average RLD between intact controls   (B). Mean±SEM. n=4. 
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APPENDIX B 

SUPPLEMENTAL MATERIAL FOR CHAPTER 4 

 

 

 

 

B.1 Introduction 

Chapter 4 presents and discusses the major findings of this study. In certain 

cases, choices made in the data analysis may affect the interpretation of the data. This 

appendix provides greater detail on the reasons the choices were made and also 

presents results from alternative methods. Supplemental data not included in the 

chapter is also presented.  
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B.2 Materials and Methods 

Adjustment of Relative Lateral Displacement Data with Intact Control Values 

High inter-sample variability was observed in sliding calculations made on raw 

data.  In chapter 2, it was noted that the defect orientation may have been having a 

significant effect, so that factor was studied explicitly in chapter 4.  While attention to 

that property of defects resulted in more clear and consistent trends in sliding 

distances, substantial variability was still observed in the magnitudes of sliding. It is 

possible that properties of individual cartilage surfaces may be contributing to these 

differences.   

Since non-negligible amounts of sliding were observed between opposing 

intact surfaces, sliding distances measured near defects may be considered as a 

combination of two separate components: 1) the intrinsic sliding between a particular 

pair of cartilage blocks and 2) the sliding due to the defect.   

In intact cases, the direction of sliding varied depending on the characteristics 

of the two blocks. On the other hand, the contribution of a defect was always directed 

in the same direction, with the adjacent cartilage moving towards the defect with 

respect to the opposing surface. Thus, in cases where significant sliding occurs 

between two intact surfaces, sliding at a defect may be exaggerated when the two 

contributions are in the same direction, and reduced if the two contributions are in 

opposite directions. Two different methods were examined in order to better discern 

the effects of a focal defect (Figure B.1):  1) subtraction of the relative lateral 
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displacement (RLD) between the two surfaces in the intact configuration and 2) 

subtraction of RLD for a remote region away from the defect edge. 

 

Method 1: Adjustment by Sliding between Intact Controls 

Sliding distances at each analyzed time-point were first adjusted by subtracting 

the RLD measured between intact blocks at the same level of applied compression 

(equivalent to the approach described in Appendix A). Since the majority of sliding 

took place in the lateral direction (especially in the intact case), the RLD provided a 

good estimate of the tendency of the surfaces to slide preferentially in a given 

direction. Briefly, the RLD’s over tracked portions of opposing intact surfaces were 

calculated from the displacements of points on each of the surfaces (as is described in 

detail in Chapter 2).  For each surface, lateral (x- direction) displacement was fit to a 

linear function of x- position (Figure B.1). The average RLD for the intact surfaces 

was then determined as the difference between the lateral displacements calculated 

from the two equations at x=0 (the center of the block width). The average RLD for 

the intact blocks was then subtracted from the total sliding distances calculated for 

points along surfaces for both intact and defect samples. Details on the surface regions 

that were analyzed in each sample type and the calculation of 2-D sliding distances are 

included in Chapters 3 and 4.  
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Method 2: Adjustment by Sliding at a Remote Surface 

Alternatively, sliding data was adjusted by subtracting the RLD of points along 

remote surfaces (1-2 mm away from the defect); the RLD in these regions were 

calculated in the fully-compressed state from images taken before loading and after 

stress relaxation. Briefly, lateral (x- direction) displacement of each surface was fit to 

a linear function of x- position (Figure B.1). The average RLD for the remote surfaces 

was then determined as the difference between the lateral displacements calculated 

from the two equations at x=1.5 mm away from the defect edge. This distance is 

greater than the thicknesses of the cartilage surfaces and but still stays away (~2 mm) 

from the outside edge of the sample.  The remote RLD was then subtracted from the 

total sliding distances calculated for points along the surfaces adjacent to defects.  

For intact samples, where no “remote” region exists, sliding distances were 

adjusted as described in method 1. The value of RLD at x=0 in the center of this 

region was calculated and subtracted from the measured total sliding distance. 

Details on the surface regions that were analyzed in each sample type and the 

calculation of 2-D sliding distances are included in Chapters 3 and 4. 
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Data Analysis and Statistics 

A full description of the statistics employed in this study is given in Chapter 4. 

Here, a brief explanation of key issues is presented.  

Large differences between variances of samples were observed in both strain 

and RLD data. Generally, variances were proportional to the magnitudes of sample 

means. All statistics were performed on log-transformed data to minimize differences 

in variances. For planned comparisons, any remaining differences were accounted for 

by using t-tests for unequal variances.  

For strain and area/volume change data, values from the both sides of each 

intact control were pooled to provide a single set of control values per sample pair 

(n=4 total control values). Initially, each control side had been treated as an 

independent sample, resulting n = 8 (4 pairs × 2 blocks/pair) control measurements. 

However, contacting samples were found to not be independent, using a test of 

correlation between the two sides [1].   
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B.3 Results 

A summary and discussion of the major results of this study are given in 

Chapter 4. A brief summary of how adjustment of the sliding data affected the results 

is given below. Additional strain and deformation data are also provided here in the 

form of figures.   

 

Adjustment of Relative Lateral Displacement Data with Intact Control Values 

 

Method 1: Adjustment by Sliding between Intact Controls 

Sliding results were significantly altered when sliding distances were adjusted 

by subtracting average RLD of their corresponding controls at the same time-point 

(Figure B.3E-H, B.4C). As would be expected, the sliding distances over control 

surfaces were substantially reduced and the variability remained ~constant. Sliding 

over surfaces near defects with an open orientation remained relatively unchanged in 

both mean and variance. For surfaces adjacent to closed defects, there was relatively 

little change in the mean sliding distances, but substantially reduced variances, 

especially at higher levels of compression. Adjusted sliding distances at all times and 

surface points were significantly greater than controls.  Normalized sliding distance 

(Figure B.3) was significantly affected by the sample type (p < 0.05) and the 

normalized sliding distance of closed defects was significantly higher than that of 

intact controls (p< 0.02).  
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Method 2: Adjustment by Sliding at a Remote Surface 

Overall, the adjustment of sliding distances using the displacement values at 

the far-removed surfaces (method 2) tended to increase the variability between 

samples in all groups (Figure B.3-I, B.4-B).  Values of relative displacement over the 

remote surfaces of “open” defects were ~equal to the values of relative displacements 

calculated for the corresponding control blocks.  However, adjustment of the sliding 

distances for those samples did not markedly change either the average or standard 

deviations of those values.  For “closed” defects, the values of relative displacement in 

the far-removed regions were still higher than those of the corresponding intact 

controls.  When sliding displacements measured near “closed” defects were adjusted 

by the remote values of relative displacement, the variability was ~unchanged and the 

sliding distances were markedly reduced.  Statistical analyses of the sliding distances 

adjusted using method 2 showed no significant differences between points adjacent to 

either defect type and controls (p > 0.15).    
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Figure B.1: Schematic of the sliding calculations. Since the majority of sliding in the 
experimental configuration takes place in the lateral (x-) direction, sliding may be 
roughly estimated as the relative lateral displacement (RLD) of neighboring points on 
the opposing surfaces. Contributions of defects to sliding may be isolated by 
subtracting the intrinsic sliding behavior of a particular pair of blocks from the total 
measured sliding distance. Two methods were examined: 1) subtracting the RLD 
measured at a region remote from the defect or 2) subtracting the RLD between the 
same pair of blocks in the intact configuration. 
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 Figure B.2: Figure 3. Sliding distances of surfaces adjacent to defects with open 
(solid gray line) or closed (solid black line) orientations compared to the sliding 
between intact controls (dotted line with gray shading). Results are plotted using raw 
data (A-D) or data adjusted by method 1 (I) or 2 (E-H). (*p<0.05; #p<0.01). Data are 
expressed as mean ± SEM. n=4. 
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 Figure B.3: Normalized sliding distance between contacting intact cartilage surfaces 
(white), or cartilage surfaces adjacent to focal defects with “closed” (black) or “open” 
(gray) edge orientations. Results are plotted using raw data (A) or data adjusted by (B) 
subtracting the relative lateral displacement (RLD) measured at a region away from 
the defect edge, or (C) subtracting the RLD measured between the same pair of blocks 
in the intact configuration. (Bar = p < 0.05) Data are expressed as mean ± SEM. n=4.  
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 Figure B.6: Principal strain measurements at selected sub-regions in bovine (A.i-
A.vi) and human samples (B.i-B.vi).  Strains were calculated in 100 x 100 μm sub-
regions at S (■), M (■), and D (□) depths for several lateral positions along the 
cartilage surfaces adjacent (A1-A3) and opposing (O1-O5) a focal defect.  Strain in 
each sub-region was compared to the value from intact control samples (C) at the 
corresponding depth (*p<0.05; #p<0.01; †p<0.001). Data are expressed as mean ± 
SEM. n=4. 
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 Figure B.7: Composite strain maps in bovine samples (A) directly following loading 
or (B) after stress relaxation, for regions ±600 μm laterally from the defect and 1 mm 
depth. Boxes = 100 x 100 μm2. 
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 Figure B.8: Composite maps of area and volume changes in bovine samples (A) 
directly following loading or (B) after stress relaxation, for regions ±600 μm laterally 
from the defect and 1 mm depth.  Boxes = 100 x 100 μm2. 
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