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ABSTRACT OF THE DISSERTATION 

 

Optical Tweezers Assessment of Cell-Matrix Interactions  

by 

Alicja Jagiełło 

Doctor of Philosophy in Biomedical Engineering 

University of California, Irvine, 2022 

Professor Elliot Botvinick, Chair 

 

Understanding complex interactions between a cell and its extracellular matrix 

(ECM) lies at the core of mechanobiology. For instance, stiffness of the ECM was previously 

shown to be highly heterogenous and deregulated in wound healing or during cancer 

progression. However, tools available for measuring and dynamically altering peri-cellular 

stiffness have been lacking and bulk measurements do not probe stiffness sensed by the cells. 

Thus, we have developed an optical tweezers active microrheology (AMR) system capable of 

multi-axes stiffness measurements in the peri-cellular region.  

In this thesis, multi-axes AMR system was used to investigate highly heterogenous 

and anisotropic stiffness landscapes established by dermal fibroblasts, human breast cancer 

and fibrosarcoma cells. Peri-cellular stiffness and anisotropy are shown to vary between the 

tested cell lines and with different treatments modifying cell behavior. Further, stiffness 

landscape and cell response to ECM vary with hydrogel source, concentration and fiber 

architecture of the local ECM. These studies underscore the need for peri-cellular and not 

bulk stiffness measurements in studies on cellular mechanotransduction. 
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Additionally, the method of patterned crosslinking is used to alter ECM topography 

by inducing fiber alignment and peri-cellular stiffness landscape. Following localized 

crosslinking, human breast cancer cells undergo contact guidance and durotaxis, as indicated 

by cell migration in a direction of fiber alignment and along an off-axis stiffness gradient, 

respectively. While these phenomena are widely known and studied on 2D substrates or in 

3D synthetic hydrogels, patterned crosslinking allows for better understanding of processes 

governing directed migration of individual cells embedded inside naturally-derived fibrous 

hydrogels. 

Collectively, this thesis work investigates how cells respond to and regulate their local 

ECM stiffness based on a variety of different factors. Local ECM stiffness landscape 

established by the cells and probed using multi-axes AMR differs with the addition of 

different treatments regulating cell behavior and it is also strongly dependent on 

biochemical, mechanical and topographical properties of the ECM. 
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Chapter 1: Introduction and Background 

1.  1. 

1.1. Extracellular matrix 

Extracellular matrix (ECM) is an assembly of cell-secreted proteins which provides 

physical and biochemical support to the cells and controls homeostasis, function and 

development of majority of eukaryotic cells in the human body 1–5. Changes in biochemical, 

structural or mechanical properties of the ECM can alter cell development and behavior. In 

a reciprocal way, composition, structure and function of the ECM are also constantly 

modified by cells 1–5. Nonetheless, more comprehensive understanding of bi-directional 

relationship between cell and surrounding ECM in healthy and diseased tissues is still 

required. Our interpretation of dynamic cell-ECM interactions is constantly evolving and 

remains at the core of the field of mechanobiology. 

1.1.1. Cell-ECM interactions 

Mechanobiology is commonly defined as a study of the role of physical properties of 

the ECM on cellular behavior and function 6. While most cells are mechanosensitive and 

possess the ability to respond to and remodel their surrounding ECM 6, fibroblasts are 

predominantly associated with regulating and maintaining the properties of the ECM in 

connective tissue 1. Fibroblasts can synthesize new ECM by secreting many of the ECM 

components, including collagen and glycoproteins 1,4. At the same time, cells can degrade 

their local matrix by the deposition of different matrix metalloproteinases (MMPs) 1,4. In 

healthy tissues, ECM synthesis and degradation are constantly carried out by cells to support 

cellular and functions and maintain tissue homeostasis, while in diseased tissues, cell-ECM 

dynamics are disrupted and protease activity is often deregulated 1,5. The extent of cell-
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mediated ECM remodeling is dependent on mechanosensing mechanisms controlled in part 

by integrins binding the ECM to proteins, Rho-associated protein kinase (ROCK) activity 

driving acto-myosin contractility and integrin-rich focal adhesions providing physical 

linkage between the cells and the ECM 6–8.  

 
Figure 1.1. Mechanotransduction describes cell response to external mechanical stimuli 7. 

Cellular behaviors are also regulated by the ECM properties. In a process known as 

mechanotransduction, cells respond to their local environment by converting mechanical 

stimuli into chemical response resulting in change in gene expression and cellular behavior 

and function (Figure 1.1.) 6,7 . For instance, stiffness of the ECM was found to play a crucial 

role in regulating cell morphology, rate of migration, cell cycle progression and apoptosis 1,5. 

Increase in bulk ECM stiffness has also been correlated with cancer invasiveness and ECM 

stiffness was shown to direct lineage adopted by the stem cells 9. Nonetheless, the effect of 

bulk ECM stiffness on cells was reported to vary between different cell lines 1. Important to 

my thesis, our group has previously shown that bulk measurements of ECM stiffness do not 

accurately represent stiffnesses that cells are actually sensing 10. As shown in Figure 1.2, 

stiffness around individual cells can not only span a few orders of magnitude, but also exceed 

the range of bulk stiffness of hydrogels reported in literature. 
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Figure 1.2. Comparison of stiffness values measured in hydrogels with cells using bulk rheology and 
AMR around single dermal fibroblasts (courtesy of Dr. Mark Keating). 

1.1.2. ECM composition 

Composition of the ECM was also previously shown to regulate cell properties. The 

composition of the ECM is highly specialized for individual tissues in the human body, but it 

is primarily composed of water, structural fibrous proteins (including collagens, laminin, 

elastin and fibronectins), proteoglycans as well as growth factors and glycoproteins 2–4,11. 

Composition of the ECM undergoes dynamic remodeling in response to a variety of stimuli 

including aging, wound healing processes or cancerous changes, as indicated in Figure 1.3 

4. Collagen is typical to many of these tissues and is under investigation in my thesis work. 
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Figure 1.3. Changes in structure and composition of the ECM in response to aging, injury or cancer 
(adapted from 4). 

1.1.3. Collagen 

Collagen is the most dominant component of the natural ECM and it provides most of 

the structural support for cells in connective tissues 4. There are at least 28 different types 

of collagen in the human body, but type 1 collagen (T1C) is the most abundant component of 

the natural ECM 1. T1C regulates many cellular processes and behaviours including tissue 

development, cell migration and chemotaxis 2,4,5. On a structural level, T1C exhibits 

organization similar to other fibrillar collagens and T1C is formed by a self-assembly of 3 α 

chains into right-hand triple helix with repeating motifs of amino acids, as shown in Figure 

1.4A 3,12. Collagen molecules form cross-striated microfibrils which then form individual 
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collagen fibrils and then fibers with a diameter of 0.5-20 μm 1,13,14. In the cell-free T1C 

hydrogels, collagen fibers form complex networks with random distributions of fiber 

alignments. Consequently, isotropy in stiffness of T1C hydrogels is commonly associated 

with heterogenous alignment of nonlinearly elastic ECM fibers 12,15–17. Nonetheless, cells can 

promote more anisotropic fiber distribution 18,19. Cells can significantly alter fiber 

architecture and align the ECM fibers in the direction of cell migration 18 or in order to 

enhance long range stress signaling between neighboring cells 20. 

 
Figure 1.4. (A) Structure of T1C 3. (B) Psuedocolored SEM image of HT-1080 cell in T1C network 21. 

Due to abundance of T1C in natural ECM, T1C provides a more physiologically 

relevant environment than synthetic ECM 22,23. Moreover, culturing cells in 3D collagen 

hydrogels as opposed to on 2D substrates preserves cell polarity and cell anchorage as well 

as maintains the activity of intracellular signalling pathways 2,12,24–26. 3D culture also 

promotes higher rate of cell renewal and growth in stem cell research and was also reported 
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to improve clinical outcomes of the MSCs due to mimicking their natural in vivo interactions 

with ECM 12,27,28. 

Properties of collagen hydrogels, including their bulk stiffness, are affected by T1C 

concentration, stock, temperature of polymerization, pH, as well as by the source of collagen 

and method of extraction 29,30. Extraction method alters molecular structure of collagen and 

pepsin digested collagen has much lower density of crosslinks and slower rate of 

polymerization than acid extracted collagens. In my thesis work, I used T1C collagen 

extracted using acid solubilization, obtained either from rat tail or bovine skin. Even though 

structure of bovine skin T1C differs from rat tail T1C and in vivo collagen, bovine skin T1C is 

more commonly used in therapeutic applications, due to its minimal antigenicity 29,31–33.  

1.1.4. Fibrin 

In my work, cells will also be embedded inside fibrin hydrogels. Fibrin is often used 

as a substitute of natural ECM in the in vitro studies and it can be remodeled and degraded 

by the cells. Nonetheless, properties of fibrin differ significantly from T1C. Fibrin is formed 

during thrombin-catalyzed extraction of fibrinopeptides from fibrinogen and mechanical 

properties of fibrin are suited for its role in blood clot formation 13. Consequently, fibrin does 

not have the durability of the natural ECM or collagen hydrogels 4. Elastic (G’) and viscous 

(G’’) modulus were previously shown to be significantly higher in fibrin hydrogels than in 

collagen hydrogels, but collagen fibers exhibit more bundling than single fibrin fibers 13,34,35. 

Nonetheless, properties of fibrin and collagen have not been compared at matched bulk 

stiffness levels.  
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1.2. Matrix stiffness and cell behavior 

1.2.1. ECM stiffness during wound healing 

ECM fiber network is significantly altered due to injury and changes in mechanical 

and chemical properties of the ECM initiate wound healing processes 36. In skin wound 

healing, rebuilding of the damaged epidermal barrier starts with hemostasis that results in 

the formation of the stiff fibrin clot that prevents bleeding from the wound. Subsequent 

release of cytokines and growth factors promotes recruitment of neutrophils and 

macrophages during the inflammatory phase. Afterwards, fibroblasts are recruited by 

inflammatory cells to the site of the injury. Fibroblasts produce high levels of MMPs and 

deposit collagen and ECM components, forming granulation tissue that replaces the fibrin 

scab 36–39. Dermal fibroblasts are also proliferating very fast during wound healing, which 

additionally elevates mechanical stresses and local ECM stiffness 4,36. Furthermore, 

fibroblasts in the presence of TGF-β differentiate into highly contractile myofibroblasts 

which promote ECM crosslinking and tissue remodeling. Myofibroblasts possess even more 

prominent capability to secrete ECM components than fibroblasts 4,39. Due to action of 

fibroblasts and myofibroblasts, tension of the tissue is much higher than in the intact tissue. 

Higher tension promotes elevated expression and translocation of Yes-associated protein 

(YAP) and transcriptional coactivator with PDZ-binding motif (TAZ) to the nucleus of 

keratinocytes, which drives their proliferation, prevents apoptosis and stimulates wound 

closure and rebuild of the epidermal layer of skin 36–39. During the wound healing process, 

multiple chemical signaling pathways coordinate individual wound healing stages and 

control behaviors of distinct cell types 38. Furthermore, elevated levels of fibroblast, 
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keratinocytes and epidermal growth factors bound to ECM promote chemotaxis of cells 

towards the wound bed and hence ensure fast wound closure and tissue re-growth 37,40.  

Following the reepithelialization of the skin layer, removal of the fibrin clot and 

completion of the wound healing process, healthy tissue initiates resolution of fibrosis and 

reinstatement of tissue homeostasis. These processes promote reduction in tissue stiffness 

4. Nonetheless, deeper wounds will result in scar formation. Scar tissue not only lacks hair 

follicles and sweat glands, but it can also be characterized by longitudinal alignment of 

thinner and stiffer ECM fibers which results in anisotropic mechanical properties of the 

tissue 37,38. Due to functional and esthetic ramifications of scar formation and ineffectiveness 

of current therapies, mechanomodulatory therapies have been recently suggested as 

potential alternative 36,40–42. Alteration of mechanical signaling including hindering of the 

Rho-Rock pathway and reduction of ECM stiffness at later stages of wound healing process 

is suggested to potentially reduce the extent of scar formation and improve mechanical 

properties of the tissue 36,40.  

Wound healing is a complex and multi-step process during which local stiffness is 

significantly altered. Nonetheless, in my thesis, I predominantly focus on how the initial bulk 

ECM stiffness as well as cell remodeling abilities regulate peri-cellular stiffness. Given that 

dermal fibroblasts are one of the most important players in wound healing and largely 

control ECM stiffness, Chapter 2 and Chapter 3 seek to better understand interactions of 

dermal fibroblasts with ECM to elucidate how peri-cellular stiffness is affected by changes in 

mechanical and biochemical properties of the cell environment.  
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1.2.2. ECM stiffness in cancer 

In a healthy tissue, relaxed networks of fibers surround cells and ensure that tissue 

can withstand a range of tensile and compressive stresses 4. On the other hand, aged tissues 

are mechanically weaker, yet are characterized by higher rigidity and stiffness due to non-

enzymatic crosslinking 4. These changes affect organization of the ECM fibers and promote 

cancer and age-related diseases. Cancer cells were reported to possess higher contractile 

properties than healthy cells 43, and consequently exhibit elevated cell traction forces and 

promote stiffening of the local ECM 44. Cell response to physical cues from the local ECM 

results in higher YAP translocation into the nucleus and alters cancer cell morphology. 

Furthermore, ECM remodeling enzymes, including MMPs, exhibit higher expression levels 

than in healthy tissue and upregulated oncogenic signaling pathways including Akt, Wnt, 

p53, TGF-β and Notch pathways further facilitate cancer progression 5,43,45,46.  

Furthermore, cancerous tissues exhibit aberrant organization of the ECM, abnormal 

cell behaviors and chronic inflammation, which result in fibroblasts activation. Cancer-

associated fibroblasts promote ECM deposition resulting in even higher stiffness of tumors 

than in surrounding healthy tissue and myofibroblasts further crosslink ECM and deposit 

MMPs 5,44,45. Consequently, many types of tumors, including breast cancer, are characterized 

and diagnosed by elevated tissue density and upregulated levels of collagen and 

proteoglycans 5,43–45. In the human body, ECM also affects other cells near the cancerous 

tissues and regulates the activity of immune and endothelial cells, resulting in higher rates 

of angiogenesis, hypoxia and chronic inflammation, processes which further drive cancer 

progression and promote metastasis 5,44.  
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Metastasis reduces the effectiveness of the available clinical treatments and 

approximately 90% of cancer related deaths result from the metastatic changes 47,48. The 

first step in the metastasis process is TGF-β-induced epithelial-mesenchymal transition 

(EMT) which can be observed by higher expression of mesenchymal markers and loss of 

epithelial markers 43,46. EMT occurs due to changes in gene expression, cell adhesion and 

cytoskeletal organization and promotes ECM stiffening by fibroblast-controlled collagen 

deposition. EMT further stimulates more invasive phenotype of cancer cells and spreading 

to distant sides 46,49. 

Interestingly, while the cancer cell environment undergoes significant stiffening, 

plasticity of cancer cells was shown to increase with cancer invasiveness 48,50–52. Increased 

plasticity of cancer cells also enables higher rates of cell migration and invasion during 

metastasis as cells can move through stiff ECM and small capillaries 51,53,54. Cancer cells 

migrate along the collagen fibers with increased rates of cell migration corresponding to 

elevated ECM stiffness levels, yet adopt multiple modes of migration during cancer 

metastasis 55–57.  

Tumor formation and cancer progression are regulated by co-operation of a variety 

of biochemical and mechanical factors altering cancer cell properties and disrupting cell-

ECM dynamics. In my thesis, I focus only on the local stiffness around single breast cancer 

(Chapter 2) and fibrosarcoma (Chapter 3) cells and establish how peri-cellular stiffness 

landscapes are affected by changes in mechanical properties of ECM or by altering 

biochemical properties of cells and promoting more or less invasive cancer cell phenotypes. 
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1.2.3. Durotaxis and contact guidance 

Numerous mechanical and biochemical properties of the environment sensed by the 

cells were previously shown to regulate the direction of cell migration. Directed cell 

migration can be divided based on the stimuli sensed by the cells. For instance, cells were 

previously described to move along chemical gradients (chemotaxis) 58 or along the oxygen 

gradient (aerotaxis) 59. Specific to my thesis work, cells can also migrate along the stiffness 

gradient in a phenomena known as durotaxis 60–62, or exhibit contact guidance and align 

themselves and migrate along the topographical features of the local environment 63,64.  

Durotaxis is exhibited by numerous cell lines including fibroblasts 58, mesenchymal 

stem cells 65, smooth muscle cells 66 and many cancer cells lines 61,67. In most cases, cells are 

shown to migrate towards regions of the higher stiffness, but negative durotaxis towards 

softer regions has also been reported 68. Past research on collective and single-cell durotaxis 

found that durotactic migration can alter cell phenotype, shape and promote tissue fibrosis 

69,70. Deep understanding of processes governing durotaxis is still lacking, but migration 

towards stiffer ECM is suggested to be regulated by focal adhesion mechanosensing and 

signaling 61,62,71,72. Stiffer substates promote faster development of cell protrusions and 

maturation of focal adhesions than softer materials, facilitating migration towards stiffer 

regions 62,70,73. Nonetheless, durotaxis was also shown to depend on the composition of the 

ECM, range of ECM stiffness or strength of the stiffness gradient 65–67. 

Durotaxis has been predominantly studied on 2D substrates with distinct stiffness 

gradients controlled by varying concentration of the crosslinker, duration of crosslinking or 

thickness of the substrate 71. Methods developed for 3D cultures include the use of synthetic 

hydrogels or colloidal crystals with tunable stiffnesses 67,71,72,74. Creation of 3D hydrogels 
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with reproducible stiffness gradients remains a challenge in naturally-derived fibrous 

hydrogels. Nonetheless, stiffness gradients in fibrous hydrogels can be created by casting 

hydrogels on wedged molds 75 or by inducing strain gradients, as previously described by 

our group 76.  

Contact guidance of cells has also been shown to regulate numerous physiological 

processes, including morphogenesis, wound healing and cancer metastasis 77–80. Past 

research indicated that cells display contact guidance by sensing local topography via focal 

adhesions and filopodia 78. While ROCK-mediated acto-myosin contractility was described 

to play a crucial role in contact guidance 78,81, the phenomenon was also shown to persist 

following inhibition of myosin II, which is responsible for regulating cell polarity 82. Recent 

studies by our group have also found that cells exhibit contact guidance by sensing and 

responding to anisotropies in mechanical properties of aligned fibrous hydrogels 83.  

Contact guidance is commonly studied by culturing cells on 2D substrates 

micropatterned with distinct topographical features (grooves, ridges, pillars) 78 or 

fibronectin lines 80. Studies on 3D hydrogels are most frequently conducted by aligning 

hydrogel fibers by magnetic alignment of fibers 81,83 or mechanical hydrogel stretching 77,84 

or cellular compaction 85. The spatial organization of cells on micropatterned substrates or 

in aligned hydrogels can be modified by altering geometry of topographical features 78,80. 

While most studies on durotaxis and contact guidance have been conducted either on 

2D substrates or by altering properties of whole 3D hydrogels, method of patterned 

crosslinking described in Chapter 4 aims to alter only local ECM properties of naturally-

derived fibrous hydrogels and potentially facilitate future studies on processes governing 

directed cell migration on a single cell level. 
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1.3. Active microrheology 

In my thesis work, I measure stiffness around individual cells using multi-axes optical 

tweezers active microrheology system. Contrary to bulk rheology, microrheology allows 

accurate spatial and temporal measurements of material properties on a much smaller scale 

and hence can detect local heterogeneities obscured by measurements with parallel plate 

rheometer 86. Using microrheology techniques, mechanical properties of complex fluids, 

including local stiffness levels can be obtained by quantifying the displacement of beads 

embedded in hydrogels 86,87. While passive microrheology determines the bead 

displacement due to thermal fluctuations, in active microrheology bead displacement is 

imposed by external optical, magnetic or micromechanical forces 86,88,89. In our laboratory, 

we use AMR incorporating optical tweezers. During AMR measurements, optically trapped 

bead embedded in 3D hydrogels is oscillated by the sinusoidal displacement of the trapping 

laser beam. Change in bead position is then detected using laser detection system.  

1.3.1. Optical tweezers system 

The AMR system used for my experiments is presented in Figure 1.5. It incorporates 

a continuous-wave fiber laser with an emission at 1064 nm (IPG Photonics), that produces 

the trapping beam with the power of approximately 240 mW. The trapping beam is oscillated 

by the movement of a pair of galvanometer mirrors (ThorLabs), that are placed conjugate to 

the back focal plane of the microscope objective lens. The trapping beam is then split by the 

beam splitter (ThorLabs), which allows beam position to be recorded by a quadrant photo 

diode (trapQPD, Newport). Detection beam is generated by a single mode fiber-pigtailed 

laser (ThorLabs) with emission at 785 nm and power of 22 mW. Both beams are coaligned 

and enter into the white light path of an IX81 inverted microscope (Olympus). As described 
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in 10, microscope in our laboratory is equipped with the Zero Drift Compensation package 

(Olympus) with a filter cube below the microscope objective lens and external laser/detector 

unit replaced by the stock dichroic beam splitting mirror with a short pass dichroic beam 

splitting mirror (Chroma Technologies). While it passes visible light for confocal and 

brightfield microscopy, it allows focusing of the light from both beams into the sample by a 

high numerical aperture microscope objective lens (60x-oil PlanApo TIRFM 1.45 NA, 

Olympus). Focus height for both beams was adjusted to be approximately the same. Light 

from the sample is then back reflected and goes through 1064 nm pass dichroic beam 

splitting mirror (Chroma Technologies) that reflects the light towards the detection beam 

quadrant photo diode (detQPD, Newport). During the sinusoidal oscillations of the trapping 

beam, position of the bead is recorded by the detQPD, as the analog signal proportional to 

the position of the bead.  

 
Figure 1.5. Schematics of the AMR system; Optical components: λ/2 – half-wave plate (WPH10M-
1064, ThorLabs), ND – neutral density filter (NENIR20A-C, ThorLabs), D1 – polarizing beamsplitter 
with beam dump (CM1-PBS253, ThorLabs), D2 – dichroic beamsplitter with beam dump (FF875-
Di01, Semrock), D3 – pellicle beamsplitter with beam dump (CM1-BP145B2, ThorLabs), D4 - short 
pass dichroic beam splitting mirror (ET750SP-2P8, Chroma Technologies), L1-L5 – lenses, S1-S2 – 
shutters (SHB05T, ThorLabs). 



 

15 
 

AMR system incorporates a robotic system controlled by custom software developed 

in our laboratory and described in 10. It allows for stage movement between beads and 

accurate positioning of the optical trap in the center of each bead. Following the bead 

centering, optical trap is oscillated sinusoidally at a given frequency and amplitude for 5 s 

along each specified axis. Using signals recorded by detQPD and trapQPD during bead and 

trap oscillations, peri-cellular stiffness κ (nN/μm) is calculated as described in 76,88,90 and 

summarized in Figure 1.6. κ corresponds to a real component of 𝜅∗, calculated using 

Equation (1): 

 
𝜅∗(𝜔) =

1 − 𝑘𝑡𝐴∗(𝜔)

𝐴∗(𝜔)
 

(1) 

where 𝐴∗(𝜔) is a frequency-dependent complex response function and 𝑘𝑡 is a sum of 

trapping beam and detection beam stiffnesses calculated during calibration in water.  

 
Figure 1.6. Calculations of κ (courtesy of Dr. Mark Keating). 
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1.3.2. System alignment and calibration  

Prior to measurements of stiffness in hydrogels, AMR system is calibrated in a water 

sample with diluted number of 2 μm microbeads. A single bead is trapped by both lasers and 

brought to a chosen height from the glass. Lasers beams are then co-aligned and centered on 

the bead and on detQPD and trapQPD. Afterwards, three calibration factors are calculated 

for each desired angle of bead oscillation. Trap stiffness 𝑘𝑡 is obtained using the power 

spectrum method 88,91,92. Briefly, power spectrum of the Brownian motion of the bead 

collected for 30 s is fit with a Lorenzian equation. Corner frequency (fc) in the Lorenzian 

equation is proportional to the trap stiffness and obtained with Equation (2): 

 𝑘𝑡 = 2𝜋𝑓𝑐𝛾 (2) 

 where 𝛾 is a viscous drag coefficient, calculated based on the value of water viscosity 

η and bead radius r 91,93 using Equation (3): 

 𝛾 = 6𝜋𝜂𝑟 (3) 

Position sweep of the bead is implemented to obtain the voltage-to-bead 

displacement factors 𝛽 for detQPD and trapQPD. Trapping beam centered on the bead is 

subjected to a triangular wave displacement with a frequency of 0.1 Hz and an amplitude of 

0.4 μm. 𝛽 values are calculated based on the signals recorded by detQPD and trapQPD during 

the bead displacement .  

Calibration factors are found for at least 3 beads and average 𝑘𝑡 and 𝛽 values specific 

for each axis of oscillation are used for AMR measurements. Prior to experiments in 

hydrogels, system calibration is validated by comparing viscosity calculated during AMR 

measurements in water with theoretical water viscosity.  
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2.1. Abstract 

The bulk measurement of extracellular matrix (ECM) stiffness is commonly used in 

mechanobiology. However, past studies by our group show that peri-cellular stiffness is 

quite heterogeneous and divergent from the bulk. We use optical tweezers active 

microrheology (AMR) to quantify how two phenotypically distinct migratory cell lines 

establish dissimilar patterns of peri-cellular stiffness. Dermal fibroblasts (DFs) and triple-

negative human breast cancer cells MDA-MB-231 (MDAs) were embedded within type 1 

collagen (T1C) hydrogels polymerized at two concentrations: 1.0 mg/ml and 1.5 mg/ml. We 

found DFs increase the local stiffness of 1.0 mg/ml T1C hydrogels but, surprisingly, do not 

alter the stiffness of 1.5 mg/ml T1C hydrogels. In contrast, MDAs predominantly do not 

stiffen T1C hydrogels as compared to cell-free controls. The results suggest that MDAs adapt 

to the bulk ECM stiffness, while DFs regulate local stiffness to levels they intrinsically prefer. 

In other experiments, cells were treated with transforming growth factor-b1 (TGF-b1), 

glucose, or ROCK inhibitor Y27632, which have known effects on DFs and MDAs related to 

migration, proliferation, and contractility. The results show that TGF-b1 alters stiffness 

anisotropy, while glucose increases stiffness magnitude around DFs but not MDAs and 

Y27632 treatment inhibits cell-mediated stiffening. Both cell lines exhibit an elongated 

morphology and local stiffness anisotropy, where the stiffer axis depends on the cell line, 

T1C concentration, and treatment. In summary, our findings demonstrate that AMR reveals 

otherwise masked mechanical properties such as spatial gradients and anisotropy, which are 

known to affect cell behavior at the macro-scale. The same properties manifest with similar 

magnitude around single cells. 
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2.2. Introduction 

Bulk stiffness of the extracellular matrix (ECM) has been previously shown to regulate 

cellular processes and correspond with invasiveness of cancer cells 1–3. ECM stiffness is a 

measure of ECM resistance to deformation and is primarily regulated by ECM remodeling, 

strain stiffening, degradation and deposition carried out by cells in response to a variety of 

biochemical cues 1. Factors including aging, genetic mutations, diabetes and other medical 

conditions have also been shown to modify mechanical properties of the ECM 4. The majority 

of research related to mechanical aspects of cell-ECM interactions relies on measuring the 

bulk ECM stiffness as a single parameter 5–7, or otherwise equating stiffness with the density 

or concentration of hydrogels or substrates to which cells are exposed 8,9. These approaches 

do not directly measure the stiffness of the peri-cellular region within naturally derived 

fibrous three-dimensional ECMs, such as those comprising type 1 collagen (T1C) or fibrin. 

Our laboratory uses optical tweezers active microrheology (AMR) that provides access to the 

peri-cellular region. In fact, past research in our laboratory has shown that the peri-cellular 

stiffness on a single cell level can span orders of magnitude 10. These findings prompted us 

to investigate how cells remodel their local stiffness in correlation to bulk (e.g., cell-free) 

ECM stiffness and other mechanical and biochemical cues. 

In this study, we use AMR to measure stiffness around two migratory cell types - 

highly invasive, triple-negative breast cancer cells MDA-MB-231 (MDAs), and normal human 

dermal fibroblasts (DFs). While highly migratory and dynamic DFs are key regulators of ECM 

stiffness and composition 11,12, MDAs are thought to be regulated by tissue stiffness, which 

relates to early screening for breast cancer by detecting elevated breast density and stiffness 

13. Consequently, measuring stiffness around both cell lines is of scientific interest to the field 
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of mechanobiology. DFs and MDAs were cultured within T1C hydrogels, chosen because T1C 

is the most abundant component of these cells’ ECM 12 and is known to regulate cell 

processes and behaviors 14,15. Also, collagens are known to be remodeled and crosslinked 

during cancer progression 13–15. 

In this study, we assess changes in peri-cellular stiffness of MDAs and DFs in response 

to (1) human transforming growth factor-β1 (TGF-β1), (2) glucose and (3) Y27632. These 

factors were shown to alter cell migration, proliferation and cell contractility of MDAs and 

DFs 16–20. In cancer cells, TGF-β1 was shown to promote immunosuppression, angiogenesis 

and epithelial‑mesenchymal transition (EMT), which are primary mechanisms leading to 

breast cancer metastasis 13. Moreover, TGF-β1 was reported to strengthen focal adhesions 

and result in increased migration of different cancer cell lines, including MDAs 2,18. Its effect 

on cell migration was further correlated with cell invasiveness and metastatic potential 17,21. 

Addition of TGF-β1 also promotes collagen synthesis in DFs and might even result in 

differentiation of DFs into myofibroblasts under high tensile stresses 12. The addition of TGF-

β1 to media was therefore expected to increase stiffness around both DFs and MDAs.  

Elevated concentrations of glucose were reported to promote cancer cell 

proliferation, a phenomenon attributed to the Warburg effect which favors aerobic glycolysis 

over oxidative phosphorylation in cancer cells 22. Hyperglycemia additionally lowers 

survival rates in malignant breast cancer patients and mitigates the efficacy of cancer 

treatments by promoting chemoresistance and aggressiveness of cancer cells including 

MDAs 4,23, as indicated by their increased proliferation and reduced apoptosis 24. We 

therefore assumed that glucose addition to the media would also result in larger peri-cellular 

stiffness levels. In contrast, the addition of glucose to fibroblasts was previously described 
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to promote collagen deposition, but reduce both the proliferation and migration rate of 

fibroblasts, as commonly observed in delayed wound healing responses in diabetic patients 

25–28. Nonetheless, despite reduced migratory capabilities of DFs, contractile properties were 

shown to be increased in fibroblasts cultured in high glucose media as opposed to low 

glucose media 28. Thus, we expected that increased cell contractility should result in elevated 

peri-cellular stiffness levels as compared to control cells cultured in low glucose media.  

Next, we targeted Rho-associated protein kinase (ROCK) that is overexpressed in 

tumorigenic and metastatic breast cancer cell lines, including MDAs 19,29. ROCK is primarily 

responsible for organizing the cell cytoskeleton and stimulating cancer cell metastasis by 

increasing focal adhesions and disrupting cell-cell junctions. Consequently, ROCK enhances 

cell contractility, migration and proliferation, all of which promote cancer invasiveness 30. 

Inhibition of the ROCK signaling pathway is hence expected to prevent strain stiffening of 

peri-cellular collagen fibers and consequently reduce peri-cellular stiffness around MDAs. In 

our experiments, we use the ROCK inhibitor Y27632, which has widely documented anti-

invasive, anti-migratory 29,31 and anti-proliferative 9 properties in breast cancer studies. 

Previous studies in our laboratory indicate that Y27632 prevents cell contractility and ECM 

stiffening by DFs 10 and Y27632 was also expected to yield a similar effect on MDAs.  

The AMR results described below demonstrate that both MDAs and DFs can adapt to 

their environment and modify it in response to a variety of mechanical or biochemical factors 

which were previously shown to either promote or reduce cancer cell invasiveness and 

fibroblast contractility. Unlike bulk stiffness measurements, experiments at the single cell 

level allow us also to better explain how cell-ECM interactions are spatially dependent on 

these different treatments and collagen concentrations.  
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2.3. Methods 

Ethics approval is not required for the methods of this study. 

2.3.1. Cell culture 

Normal human dermal fibroblasts (DFs) cells were cultured in Dulbecco’s Modified 

Eagle’s Medium (DMEM) with low glucose, L-glutamate, and sodium pyruvate 

(ThermoFisher) with 10% Fetal Bovine Serum (FBS) (Gibco) and 1% penicillin streptomycin 

(Gibco). All cells were used prior to passage 8.  

Human breast cancer cells MDA-MB-231 (MDAs) were cultured in DMEM with high 

glucose, L-glutamate, and sodium pyruvate (ThermoFisher) with 10% FBS (Gibco) and 1% 

penicillin streptomycin (Gibco). 

2.3.2. Collagen hydrogel preparation 

Cells were embedded in type I collagen due to its abundance in the natural ECM of 

MDAs and DFs. Hydrogels at 1.0 and 1.5 mg/ml concentrations were prepared using type I 

rat tail telocollagen (Advanced Biomatrix), 10X Phosphate-Buffered Saline (PBS) with added 

calcium and magnesium (ThermoFisher), 10X DMEM (Sigma), 10X reconstitution buffer 

prepared as described by Doyle 32, 1 N NaOH (ThermoFisher), 2 μm carboxylated silica 

microbeads (0.8 mg/ml, Bangs Laboratories), and cells (50 k/ml) in 35 mm glass bottom 

dishes (MatTek). Each hydrogel was allowed to polymerize for 30 min in a standard tissue 

culture incubator at 37 °C and 5% CO2 prior to adding 2 ml of media. Media was 

supplemented with 25 mM HEPES (ThermoFisher) and different treatments: 10 ng/ml TGF-

β1 (PeproTech), 25 mM glucose (Sigma) or 20 μM Y27632 (PeproTech). Gels were incubated 

for 24 h prior to AMR measurements.  
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2.3.3. Active microrheology (AMR) 

The AMR system used in our laboratory is described in Chapter 1.3.1 and presented 

in Figure 1.5. During the sinusoidal oscillations of the trapping beam (𝑥𝑇), position of the 

bead (𝑥𝐵) in the direction of bead oscillation is recorded by the detQPD, which provides 

analog signals proportional to the displacement of the bead. Ignoring any small off axis 

movements of the bead, we can treat the experiment as a one-dimensional problem. The 

applied optical force acting in the direction of bead oscillation (either X’ or Y’ direction ) is 

expressed by: 

 𝑓(𝑡)  =  𝑘𝑇 (𝑥𝑇(𝑡) − 𝑥𝐵(𝑡)), (1) 

where 𝑘𝑇 corresponds to the trap stiffness that is calculated during calibration.  

Local complex material response is described in the Fourier space as 

 𝛼∗(𝜔) = 𝑋𝐵(𝜔)  ⁄  (𝐹(𝜔)  −  𝑘𝑇𝑋𝐵(𝜔)), (2) 

where 𝑋𝐵 and 𝐹 are the Fourier transforms of 𝑥𝐵 and 𝑓. Stiffness κ is then defined as the real 

component of 1/𝛼∗(𝜔). Under the assumption of a continuum, the complex shear modulus 

𝐺∗(𝜔) can be defined as  

 𝐺∗(𝜔) = 1 ⁄  6𝜋𝑟𝛼∗(𝜔), (3) 

where r corresponds to the radius of the bead (1 μm). G’ and G’’ for DFs and MDAs are 

included in Suppl. Figures 3 and 4, respectively, and the data shows the hydrogels are 

viscoelastic having storage modulus greater in magnitude than loss modulus, at the probed 

frequency.  
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Our AMR system is controlled by custom software developed in our laboratory and 

described in 10. It allows for precise stage positioning to center a microbead in the optical 

trap. Each bead was probed by the optical trap oscillating at frequencies of 20 (Suppl. Figure 

1), 50 and 100 Hz (Suppl. Figure 2) in both horizontal (X’) and vertical (Y’) axis. 50 Hz 

measurements were repeated twice. Each bead was probed for 5 s at each frequency for a 

total of 40 s measurement time. In all hydrogels, probed beads were only treated as outliers 

and discarded if, during the AMR measurements, bead centering was observed to be 

inaccurate or stiffness values were either negative or exceeded 60 nN/μm.  

For stiffness measurements, collagen gels were incubated on the microscope stage 

using a Culture Dish Incubator (Warner Instruments) and an Objective Warmer (Warner 

Instruments) and allowed 20 min to equilibrate to 37 °C prior to AMR. At least 30 beads in 

close proximity to each cell were analyzed. The AMR system and stage incubator were turned 

on at least 1.5 h prior to system calibration and measurements on collagen gels to alleviate 

effects of alignment drift as the system comes to temperature. 

κ was measured around 10 cells per condition in both 1.0 and 1.5 mg/ml T1C 

hydrogels. Cells included in the study had to meet the following criteria: a) cells had to be 

predominantly in focus in the XY plane; b) cells had to be isolated from other cells by few 

camera fields-of-views and c) cells had to exhibit elongated morphology, characteristic of 

both cell lines. Up to two cells were studied per hydrogel, with probing at least 30 beads 

located within an in-focus image area bounded by 100 μm from the cell surface (in plane) 

and +/- 6 µm in depth. For each bead, κ was measured along both the X’ and Y’ axes with 

respect to the image field-of-view. κ measurements were then projected onto a new set of 
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axes (X and Y) by rotating the κ values by the cell orientation angle, as described in Chapter 

2.3.5.  

2.3.4. System validation and calibration 

The AMR system was calibrated in water prior to each experiment. A frequency 

sweep was conducted for at least 3 beads oscillated first in X’ (horizontal) and then in Y’ 

(vertical) direction, as previously described in 10. Briefly, a bead is trapped by both lasers 

and brought to a height of 35 μm above the glass. With great care, both lasers are co-aligned 

in X’,Y’, and Z’, and individually centered on the bead. Next, the detQPD and trapQPD are 

positioned by a 2-axis mount until mean voltages have a value of zero. Brownian motion of 

each bead is recorded for 30 s and analyzed using the power spectrum method, as described 

in Chapter 1.3.2. Trap stiffness 𝑘𝑡 was found separately in the X’ and Y’ direction. 

Afterwards, a position sweep of the bead was used to obtain the detQPD voltage-to-bead 

displacement factor 𝛽 for each axis. Average 𝑘𝑡  and 𝛽 values specific for each axis of 

oscillation were then used for AMR measurements in water (for calibration validation) as 

well as T1C hydrogels. 

The viscosity 𝜂 of water is known to be equal to 0.69 mPa·s at 37 °C 33. AMR 

measurements at 𝑓 = [10 20 50 75 100] Hz were conducted in water samples maintained at 

37 °C. Experimentally determined viscosity values were calculated as 𝜂 = 𝐺"/2𝜋𝑓 and 

compared to the theoretical value (0.69 mPa·s). Based on 8 separate calibrations at 50 Hz, 

each with at least 3 different beads, 𝜂 values differed from the theoretical value, on average, 

by 3.95% in the X’ and 5.64% in the Y’ direction. 
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Errors due to automated motorized-stage and objective lens positioning were 

characterized. Beads were suspended in 1.0 mg/ml T1C hydrogels maintained at 37°C. In a 

first experiment, we selected 29 beads across several fields of view and the automated 

system centered each bead to conduct AMR measurements. The purpose of this experiment 

was to determine errors in κ due to stage/objective positioning. In a second experiment the 

system positioned each of 32 beads and made 5 repeated measurements without moving the 

stage. The purpose of this experiment was to determine errors due to the system exclusive 

of bead positioning. For the first experiment, measurement error in κ, defined as standard 

deviation/mean · 100%, was equal to 7.52% and 6.56% along the X’ and Y’ direction, 

respectively. For the second experiment, error was a 4.03% and 4.56% in the X’ and Y’ 

direction respectively. 

Frequency AMR sweeps at 10, 20, 50, 75 and 100 Hz indicated an increase in stiffness 

with frequency of bead oscillations both in X’ (30 beads, p << 0.01) and Y’ direction (29 beads, 

p << 0.01), based on the Friedman test for repeated measures. These findings are in 

agreement with widely reported frequency effect on stiffness levels in microrheological 

studies 34–36. 

2.3.5. Cell orientation assessment 

AMR measurements around each cell were divided into several fields-of-view. 

Brightfield images of the cells were taken before AMR measurements on each field-of-view 

using an EO-4010 Monochrome USB 3.0 Camera (Edmund Optics) incorporated in our AMR 

system. Brightfield images were then processed in MATLAB (The MathWorks Inc.) using the 

image processing toolbox. Cell morphology was quantified by manual tracing, and MATLAB 

functions computed angle of cell orientation, position of the cell centroid and long and short 
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axes of the cell, per field-of-view. Further, spatial location of each bead with respect to the 

position and orientation of each cell was calculated in MATLAB. The shortest distance 

between the bead and cell profile was found by comparing pixel coordinates of each bead 

probed in a given field-of-view with the pixel coordinates of the manually traced cell shape. 

Distance in pixels was converted into micrometers. Angular position θ from -180 to 180° 

relative to the X axis was found by calculating the angle between the pixel position of the 

bead and centroid of the cell and subtracting the angle of cell orientation. The coordinate 

system was then folded upon itself along the X axis, under the assumption of symmetry, thus 

θ ranged from 0 to 180°. 

After AMR measurements, brightfield and reflection confocal images of the cells were 

acquired every 30 s for an additional 10 min. Confocal images were acquired using the 488 

nm laser of the Fluoview 1200 laser scanning confocal microscope (Olympus) integrated into 

the AMR system. Analysis of the image series identifies direction of cell migration and 

consequently, the leading and trailing edge of the cells. If the direction of cell migration was 

not obvious during these 10 min, then brightfield images were compared with brightfield 

images taken at the start of the AMR measurements, which typically occurred 30-40 min 

earlier. Beads distal to the cell served as fiducial markers for cell migration.  

2.3.6. Statistical analyses 

Data was not normally distributed (p << 0.01, Kolmogorov-Smirnov test) 

necessitating non-parametric statistical analyses. The Wilcoxon test was used for the 

comparison of correlated measurements in X and Y directions (Figure 2.1D) and the 

Kruskal-Wallis test for the comparison of multiple groups, with the post-hoc Tukey-Kramer 
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test to compare specific groups (Suppl. Tables 2, 4-6). Statistical testing was conducted at 

a significance level of 0.05. p values smaller than 0.01 were reported as p << 0.01 and p values 

larger than 0.99 were reported as p > 0.99. 

2.4. Results 

ECM mechanical stiffness (κ) was measured using optical tweezers AMR (Figure 

2.1A) 10. κ was measured around each cell along both horizontal (X’) and vertical (Y’) axes of 

the image field-of-view. Cells rarely align with the X’ and Y’ axes, so stiffness was projected 

onto two new axes aligning with the long (X) and short (Y) axis of each cell, with the origin 

at the cell centroid (Figure 2.1B-C). Stiffnesses in this new coordinate system are denoted 

as κX and κY. 

2.4.1. Effects of ECM concentration and treatments on T1C hydrogel stiffness  

Stiffness distributions are plotted in Figure 2.1E-G. These plots aggregate κX and κY 

for each probed bead. The aggregate stiffnesses are referred to as κ. Cell-free T1C hydrogels 

having an initial concentration of 1.0 mg/ml (1.0T1C) or 1.5 mg/ml (1.5T1C) were probed 

(Figure 2.1E, Suppl. Table 2.1). Stiffnesses of the gels were investigated 24 h after sample 

preparation and addition of treatment media. Treatment media included Dulbecco’s 

Modified Eagle’s Medium (DMEM) supplemented with either 25 mM glucose, 10 ng/ml TGF-

β1 or 20 μM Y27632. κ of cell-free hydrogels in control (untreated) conditions increased with 

concentration (p << 0.01; nbeads = 136 for 1.0T1C, nbeads = 127 for 1.5T1C). Treatment 

conditions did not significantly affect κ within 1.0T1C (p = 0.79) or 1.5T1C (p = 0.32) 

hydrogels.  
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Figure 2.1. Aggregated stiffness values assessed by optical tweezers active microrheology. (A) 
Diagram of optical tweezers active microrheology. The optical tweezers beam (red) is oscillated 
sinusoidally in the horizontal (X’) or vertical (Y’) direction with respect to the field-of-view. The 
optical trap exerts oscillatory forces on a probed microbead (gray), while ECM (green) resists the 
bead displacement. The bead displacement is probed by a stationary detection beam (blue). (B) 
Brightfield and (C) reflection confocal microscopy images of a DF embedded in a 1.0T1C hydrogel. 
Stiffness measured along the X’ and Y’ axes is projected onto axes corresponding to the long (X) and 
short (Y) axes of the cell with origin at the cell centroid. (D) Graphical representation of stiffness 
anisotropy. Thicker arrows indicate the stiffer axis. (E-G) Box plots comparing aggregated κ

X
 and κ

Y
 

values between treatments and T1C concentrations in (E) cell-free hydrogels and around (F) DFs and 
(G) MDAs. *** p << 0.01 and ** p < 0.05 for (E-G). 
 

Next, ECM stiffness around DFs and MDAs was measured at the two T1C 

concentrations and three treatment conditions. Statistical testing results are found in Suppl. 

Table 2.2. p values smaller than 0.01 were reported as p << 0.01 and p values larger than 

0.99 were reported as p > 0.99. Figure 2.1F summarizes results for DFs. For 1.0T1C 
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hydrogels, κ was greater in control and treated DF cultures as compared to cell-free 

hydrogels, with the exception of Y27632 treatment, which did not differ from the cell-free 

condition (p > 0.99). As compared to DF control conditions, treatment with Y27632, glucose 

or TGF-β1 decreased (p << 0.01), increased (p << 0.01) or did not significantly change (p = 

0.65) stiffness, respectively. For DFs in 1.5T1C hydrogels, significant differences in stiffness 

were not detected between all treatment and cell-free conditions (Suppl. Table 2.2). 

Differences in κ were not detected between paired treatment groups at the two T1C 

concentrations (except for Y27632), which was surprising given that 𝜅 in cell-free hydrogels 

increased with T1C concentration.  

For MDA cultures, κ in control and treatment groups at either T1C concentration was 

not significantly different from respective cell-free conditions, with the exception of Y27632 

treatment in 1.5T1C hydrogels, for which κ decreased (p << 0.01, Suppl. Table 2.2, Figure 

2.1G). For all treatments κ increased with T1C concentration (p << 0.01). 
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Figure 2.2. Brightfield and reflection confocal microscopy images of DFs embedded in T1C 
hydrogels with 2 μm diameter silica microbeads. 
 

Figures 2.2 and 2.3 show that the two cell types take on different morphologies in 

T1C concentration and treatment conditions. These morphologies can be described as 

elongated, and MDAs appear less contractile as compared to DFs. We investigated 

differences in stiffness anisotropy around these cells (Figure 2.1D, Suppl. Table 2.3). In 

Figure 2.1D, the axis of greater stiffness is indicated by the thicker arrow. Differences 

between κX and κY were tested by the Wilcoxon signed rank test. Anisotropy was not detected 
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in cell-free conditions. For both control DFs and MDAs, the stiffer axis transitioned from X to 

Y with increasing T1C concentration. Treatment conditions promoted distinct cell-line and 

T1C concentration dependent trends in stiffness anisotropy.  

 

Figure 2.3. Brightfield and reflection confocal microscopy images of MDAs embedded in T1C 
hydrogels with 2 μm diameter silica microbeads. 
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2.4.2. Peri-cellular stiffness distributions and anisotropy  

κX and κY values in Figure 2.1 are aggregated for all beads independent of location 

relative to their respective cell. We next examined the spatial distribution of κX and κY relative 

to DFs and MDAs. Stiffness values were not normally distributed (p << 0.01 by Kolmogorov–

Smirnov testing) and compared using the Kruskal-Wallis test with Tukey-Kramer post-hoc 

testing at a significance level of 0.05. Results of the Tukey-Kramer tests are included in 

Suppl. Tables 2.4-6. Our method for graphing κ stiffness distribution is illustrated in Figure 

2.4A. Each probed bead is assigned two coordinates. The first coordinate is the shortest 

distance between the bead and cell profile. The second coordinate is the angular position θ 

relative to the X axis in the counterclockwise direction (with origin at the cell centroid). 

These two coordinates place each bead within one of the eighteen annular bins. The 

coordinate system was folded upon itself along the X axis, under the assumption of 

symmetry. By definition, beads having θ: 0-30° are located in the region of the cell leading 

edge (front), while beads having θ: 150-180° are located in the region of the trailing edge 

(back). The inner annulus from 0 to 20 µm is considered the peri-cellular region, previously 

shown to stiffen around DFs cultured in T1C hydrogels 10. Figure 2.4B-C summarizes the 

spatial distribution of κ surrounding DFs and MDAs at both T1C concentrations and all 

treatment groups. Each bin in Figure 2.4B-C is shaded according to the median value of κ in 

that bin. Each point is a single probed bead and color-coded for κ. 
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Figure 2.4. Hydrogel stiffness distributions for cell type, T1C concentration, and treatment 
groups. (A) Graphical representation of coordinate system to discretize ECM region around a cell. 
This coordinate system has the origin at the cell centroid with 0° pointing towards the leading edge 
of the cell. The coordinate system was folded upon itself along the X axis under the assumption of 
symmetry. Distribution of κX and κY around (B) DFs and (C) MDAs in 1.0T1C and 1.5T1C. Bin 
background color is shaded according to the median value of κ in each bin (background color bar). 
Each data point is a single probed bead, color-coded for κ (beads color bar). 
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2.4.3. DFs increase local ECM stiffness of 1.0T1C but not 1.5T1C hydrogels 

We first considered κX under control conditions, where κX is stiffness in the direction 

parallel to cell elongation. Peri-cellular (inner annulus) κX values were comparable between 

T1C concentrations (p = 0.85, Suppl. Table 2.5). This observation holds for the distal (outer 

annulus) region (p > 0.99, Suppl. Table 2.6). These results are surprising considering that 

stiffnesses of cell-free hydrogels increased with T1C concentration (Figure 2.1E). For 

1.0T1C hydrogels, κX in the peri-cellular region was greater than that of cell free hydrogels 

(p << 0.01), a finding that did not hold for the distal region (p = 0.29) and is suggestive of 

cell-mediated peri-cellular stiffening. For 1.5T1C hydrogels, κX was not significantly different 

from κX of cell free hydrogels in either peri-cellular (p > 0.99) or distal region (p > 0.99). 

κY, which is defined as stiffness in the direction perpendicular to cell elongation, 

showed T1C concentration dependency in the distal (p << 0.01), but not the peri-cellular 

region (p > 0.99). Our results suggest that DFs in 1.0T1C, but not in 1.5T1C hydrogels, 

preferentially stiffen ECM in the direction of cell migration.  

2.4.4. MDAs do not increase local stiffness of T1C hydrogels 

Control MDAs produced a relatively mild effect on their ECM (Figure 2.4C). Both κX 

and κY increased with T1C concentration (p << 0.01, Suppl. Table 2.4). However, κX was not 

different from cell-free conditions at either T1C concentration in both peri-cellular (Suppl. 

Table 2.5) and distal (Suppl. Table 2.6) regions. Similarly, κY around MDAs did not differ 

from κY of cell-free hydrogels, with the exception of κY in the distal region in 1.0T1C, which 

was significantly reduced (p = 0.04), but only by 0.41 nN/µm when comparing medians. 

Overall, MDAs did not alter their local stiffness to the extent observed for DFs. 
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Comparison between cell lines showed that DFs established higher ECM stiffness 

values than MDAs when cultured in 1.0T1C hydrogels (p << 0.01). A difference in ECM 

stiffness was not detected between cell types cultured in 1.5T1C hydrogels, nor were these 

stiffness values different from that of cell-free 1.5T1C hydrogels (Suppl. Table 2.2). The 

degree of stiffness anisotropy was similar for both cell lines and dependent on T1C 

concentration. Both cell lines established an ECM that is stiffer in X than Y in 1.0T1C 

hydrogels (p << 0.01), but stiffer in Y than X in 1.5T1C hydrogels (p << 0.01, Figure 2.1D).  

2.4.5. TGF-β1-treated cells establish different stiffness anisotropy than control cells 

Treatment of DFs and MDAs with TGF-β1 was expected to promote peri-cellular 

stiffening based on the role of TGF-β1 in DF-stimulated collagen synthesis and EMT initiation 

in MDAs. For DFs in 1.0T1C hydrogels, the peri-cellular region stiffened along the X and Y 

directions when compared to cell-free conditions, but κX and κY did not differ from control 

DF hydrogels (Suppl. Table 2.5). In the distal region, κY but not κX was higher than respective 

stiffnesses of both cell-free and control DF hydrogels (Suppl. Table 2.6). For DFs in 1.5T1C 

hydrogels, treatment with TGF-β1 did not result in significant changes in κX or κY when 

compared to either cell-free hydrogels or control DF hydrogels in either region or direction 

(Suppl. Table 2.5-6). 

For MDAs, a treatment effect was observed only in the distal region along the Y 

direction in 1.5T1C hydrogels. There, κY around cells was significantly lower than around 

control cells (p << 0.01), but not different from cell-free hydrogels (p = 0.77, Suppl. Table 

2.6). 
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Stiffness values around cells treated with TGF-β1 exhibited a reversed-directional 

bias in stiffness anisotropy. As shown above, both control DFs and control MDAs cultured in 

1.0T1C hydrogels established an ECM stiffer in the X than Y direction (κX > κY). The opposite 

was true in 1.5T1C hydrogels (κX < κY). However, TGF-β1-treated DFs showed the reverse 

dependency on T1C concentration such that κX < κY in 1.0T1C hydrogels and κX > κY in 1.5T1C 

hydrogels (p << 0.01, Figure 2.1D). TGF-β1-treated MDAs established an ECM that is stiffer 

in the X direction at both T1C concentrations (p << 0.01). These findings indicate that TGF-

β1 promotes diverse and anisotropic patterns of κ around both cell lines, with stiffness 

anisotropy affected more than overall stiffness magnitude. 

2.4.6. Glucose-treated DFs, but not MDAs establish stiffer and isotropic ECM 

The addition of glucose was expected to increase κ around both cell lines, because 

glucose was previously reported to promote collagen synthesis by fibroblasts and 

invasiveness of MDAs 4,24,28,37. When looking at the overall κ (analyzing all beads probed up 

to 100 μm from the cell) around DFs in 1.0T1C hydrogels, glucose treatment increased both 

κX and κY as compared to control and cell-free hydrogels (Suppl. Table 2.4). Stiffness around 

glucose-treated DFs in 1.5T1C hydrogels did not differ from that of cell-free hydrogels 

(Suppl. Table 2.4). The overall stiffness around glucose-treated DFs was not significantly 

different between the two tested T1C concentrations (p > 0.99, Suppl. Table 2.4). Stiffness 

anisotropy was not detected at either T1C concentration (Figure 2.1D).  

MDAs treated with glucose established an isotropic κ distribution within 1.0T1C 

hydrogels (p = 0.29, Figure 2.1D) resulting from a stiffening in the Y direction as compared 

to control cells (p << 0.01, Suppl. Table 2.4). Stiffness around glucose-treated MDAs in 

1.5T1C hydrogels was higher in the X direction (p << 0.01), resulting from an increase in κX 



 

43 
 

(p = 0.04) and a decrease in κY (p << 0.01) as compared to stiffness around control MDAs 

(Suppl. Table 2.4). Interestingly, while κ around glucose-treated MDAs increased with T1C 

concentration (p << 0.01 in X, p = 0.03 in Y), κ did not differ significantly from the stiffness of 

corresponding cell-free hydrogels (Suppl. Table 2.4). Consequently, glucose might have a 

less potent, but more complex effect on MDAs than on DFs. 

2.4.7. Y27632-treated cells establish an ECM similar in stiffness to cell-free conditions 

Y27632 treatment was selected to inhibit cell contractility and thus strain stiffening. 

Y27632 was previously shown by our group to reduce stiffness in the peri-cellular region of 

DFs to levels comparable to cell-free regions 10. In our current study, we first compared DFs 

peri-cellular κ to the cell-free conditions. We found that peri-cellular κ at either T1C 

concentration did not differ from κ of cell-free hydrogels following Y27632 treatment 

(Suppl. Table 2.5). A similar result was found for distal regions, with the exception of κY 

around DFs within 1.5T1C hydrogels, which was lower than stiffness of cell-free hydrogels 

(p = 0.02, Suppl. Table 2.6). We next compared κ around control and Y27632-treated DFs. 

When considering all beads in all regions, Y27632 treatment resulted in an overall decrease 

in ECM stiffness around DFs cultured in 1.0T1C hydrogels when compared to control cells 

(Suppl. Table 2.4). For DFs in 1.5T1C hydrogels, stiffness increased in the X direction (p = 

0.01), but decreased in the Y direction (p = 0.01) as compared to control cells. However, when 

considering only the peri-cellular space around DFs treated with Y27632, only κX in 1.0T1C 

hydrogels was different (reduced) from stiffness around control cells (Suppl. Table 2.5). 

For MDAs treated with Y27632, stiffness did not differ significantly from cell-free 

conditions with the exception of κX in 1.5T1C hydrogels, which was lower than stiffness of 

cell-free hydrogels (p = 0.01, Suppl. Table 2.4). We did not observe a difference in κX or κY 
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between control and Y27632-treated cells in either peri-cellular or distal regions (Suppl. 

Table 2.5-2.6), which was not surprising given the insignificant strain stiffening by control 

cells (stiffness around control MDAs was not significantly different from cell-free conditions, 

Suppl. Table 2.4).  

2.5. Discussion 

Cell contractile forces were previously shown by our group to establish highly 

heterogeneous 𝜅 distributions around individual DFs with significant ECM stiffening in the 

peri-cellular region as compared to cell-free hydrogels 10. Here, we investigated 𝜅 

distributions around DFs and invasive triple-negative breast cancer MDAs embedded at two 

different T1C concentrations. Both cell lines were previously reported to be highly 

migratory, yet phenotypically and morphologically different 38,39. Thus, we investigated if 

and how patterns of 𝜅 distribution differ between these two cell lines. In a first set of 

experiments, we simply cultured these cells in fibrous T1C hydrogels polymerized at 1.0 

mg/ml and 1.5 mg/ml. While the concentration of T1C does increase by 50%, the absolute 

concentration difference is modest as compared to previously published experimental 

systems that used T1C hydrogels in the range of 0.5-4.0 mg/ml 9,40–43. DFs were found to be 

considerably more responsive to the change in concentration than the MDAs – and in some 

surprising ways. For example, stiffness in cell-free hydrogels increases with T1C 

concentration (by 84%; comparing median values) as expected and verified by both AMR 

(Figure 2.1E) and macrorheology 9,44,45. As replicated in previous work 10, we found DFs 

increase their local stiffness in 1.0T1C hydrogels as compared to cell-free conditions. 

Surprisingly, when cultured in 1.5T1C hydrogels, these cells “chose” not to stiffen their local 

ECM values. In fact, when considering all probed regions and both probed axes, there are no 
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significant differences in stiffness between the groups of control DFs in 1.5T1C hydrogels, 

control DFs in 1.0T1C hydrogels, and cell-free 1.5T1C hydrogels (Figure 2.1F). 

Closer examination of the peri-cellular region of DFs shows differential stiffness with 

T1C concentration, if considering local anisotropies. In cell-populated T1C hydrogels, 

anisotropy of collagen fiber alignment is attributed to cell-induced alignment of the matrix 

fibers during migration, contraction, or enhanced long range stress signaling between 

neighboring cells 46–48. While stiffness along the axis perpendicular to cell elongation is 

equivalent between T1C concentrations (p > 0.99), stiffness parallel to migration is larger in 

1.0T1C hydrogels than in 1.5T1C hydrogels (p << 0.01). Overall, our findings show that DFs 

in 1.0T1C hydrogels respond to and considerably increase local ECM stiffness as compared 

to values in the cell-free condition. ECM stiffening is also much more prominent in the peri-

cellular region than in the distal region (p << 0.01 in X direction and p = 0.02 in Y direction). 

This finding is in agreement with the previous studies showing that ECM accumulation 

decreases as a function of distance to the cell 49. By contrast, the DF cells do little to change 

their local stiffness landscape in 1.5T1C hydrogels, in which ECM stiffness is comparable 

between peri-cellular and distal regions (p = 0.74 in X direction and p = 0.14 in Y direction). 

This differential behavior indicates DFs might intrinsically prefer certain stiffness levels or 

have a setpoint. While such effect of T1C concentration on peri-cellular stiffness has not been 

reported previously, it has been shown that contractility of human fetal lung fibroblasts, 

human aortic adventitial fibroblasts, bone marrow stromal cells and DFs decreases with T1C 

concentration 43,50–53.  

MDAs, the other migratory cell line under investigation, do not behave similarly to 

DFs. MDAs do not appear to significantly alter local stiffness values when comparing 
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treatment and cell-free conditions, but stiffness did increase with T1C concentration. As 

compared to DFs, MDAs exhibit a smaller extent of ECM stiffening with less matrix 

reorganization (Figure 2.3), which is in agreement with past studies 54. Studies also indicate 

that MDAs can employ different strategies and modes of migration to adapt to ECMs of 

varying stiffness, which promotes invasion mechanisms and cancer metastasis 55. 

Consequently, unlike DFs which utilize pseudopodia-based migration, MDAs might favor 

protrusion-based amoeboidal migration in our experimental conditions. Such migration is 

usually observed in migratory cells exhibiting a lesser degree of cell contractility and 

adhesion 38,54,56. Amoeboidal migration should thus result in a lesser degree of strain 

stiffening, as our results show. Further, we expected that TGF-β1 and glucose, known to 

increase MDA invasiveness, would invoke an increase in MDA-mediated matrix stiffness. 

Such stiffening was not observed, but changes in anisotropy were observed (Figure 2.4C). 

This finding is corroborated by previous work showing the invasive potential of breast 

cancer cells was more correlated with the directionality of the cell contractility than 

magnitude of cell traction forces 57. Of note, a finite element analysis of principal matrix 

stiffness around MDAs in 1.2T1C hydrogels predicts a decrease in 𝜅 close to cells 44, as we 

observed. However, another study used AMR with larger microbeads (4.5 μm) and found 

MDAs establish long range stiffening in 1.5T1C hydrogels 58, which is in disagreement with 

both the FEM model and our own results, yet might be observed in mesenchymal (as opposed 

to amoeboidal) MDAs 54. In support of our findings, confocal reflection images of MDAs 

(Figure 2.3) demonstrate that MDAs do not significantly contract their local ECM and, as a 

result, the values of 𝜅 are lower than around DFs, which visibly stiffen and contract their 

surrounding ECM (Figure 2.2). 
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Here, we also test three different treatments which were expected to alter 𝜅 levels. 

TGF-β1 and glucose were expected to stiffen the local ECM of both DFs and MDAs because of 

their effect on increasing contractility of DFs 12,28,43 and invasiveness of MDAs 13,21. As 

anticipated, when analyzing all probed beads, treatment with glucose does lead to an overall 

stiffer ECM near DFs. Interestingly, glucose treatment also promotes isotropic stiffening at 

both concentrations, with no preference to the axis of migration. In contrast, treatment with 

TGF-β1 did not result in prominent stiffening, which is in agreement with past studies that 

found limited effect of TGF-β1 on contractility of fibroblasts 24 h after treatment 59 or when 

cells were seeded at low density 43. However, TGF-β1 did alter the extent of stiffness 

anisotropy around DFs (Figure 2.4B). In 1.0T1C hydrogels, control DFs establish local 

anisotropy and larger stiffness in the direction of migration, but this trend reverses with 

TGF-β1 treatment. The opposite relationship is observed for 1.5T1C hydrogels. Our results 

may be explained in part by findings that TGF-β1 promotes actin reorganization and stress 

fiber formation 60, which might manifest as a change in stiffness anisotropy due to strain 

stiffening. Furthermore, our finding that overall stiffness was not increased with TGF-β1 

treatment may not hold over longer culture times as supported by studies showing that 

effects of TGF-β1 on contractility continue to increase beyond our 24 h time point 43,59. 

Surprisingly, unlike DFs, the addition of either glucose or TGF-β1 to MDAs does not 

affect overall stiffness values, but does alter anisotropy (Figure 2.1G). For control cells, ECM 

stiffness is higher along the axis of migration in 1.0T1C hydrogels but in 1.5T1C hydrogels, 

anisotropy patterns are switched so that ECM is up to 2.2 times stiffer orthogonal to cell 

migration. By contrast, TGF-β1 treatment results in higher stiffness along the axis of 

migration at both T1C concentrations. This effect of TGF-β1 on stiffness anisotropy can be 
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corroborated by past studies which attributed higher motility, deformability and a more 

amoeboidal phenotype of MDAs to TGF-β1 treatment 38,61. In the case of glucose treatment, 

this anisotropy favoring the direction of cell migration became more pronounced with T1C 

concentration even though overall stiffness did not significantly change as compared to cell-

free conditions. This lack of overall stiffening is consistent with studies showing that the 

degree of glycolysis within MDAs did not change significantly as glucose in the media 

increased from 25 to 50 mM glucose 62, or when T1C concentration increased from 1.2 to 3.0 

mg/ml 9. Our culture conditions overlap those of these studies, and collectively our findings 

suggest that to better elucidate the effect of glucose on peri-cellular stiffness, a wider range 

of glucose and T1C concentrations altering cell metabolic activity should be investigated. 

Nonetheless, while neither treatment significantly alters overall stiffness (Figure 2.1G), 

accounting for spatial information of probed beads and axis of measurements elucidates 

more complex treatment effects (Figure 2.4C). 

Lastly, the addition of Y27632 was expected to lower 𝜅 levels, as previously reported 

by our group 10. Y27632-induced reduction in cell contractility was previously described for 

both DFs and MDAs 29,63. Here, we find that Y27632 treatment significantly lowers overall κ 

around DFs as compared to control cells at both tested T1C concentrations. However, ECM 

stiffening as compared to cell-free conditions can still be observed in the peri-cellular region, 

which is in agreement with past studies 10,49 and may be indicative of ECM remodeling. 

Previous studies have shown that Y27632 does not fully prevent local strain stiffening 

around highly contractile DFs, which can still deposit T1C and crosslink existing ECM to an 

extent comparable with control cells in the peri-cellular region 49. Studies on rat embryo 

fibroblasts in T1C hydrogels have also shown only 52% reduction in cell contractility 27 h 
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after adding Y27632 (10 μM) 64. While treatment of MDAs with Y27632 was shown to reduce 

ROCK activity by ~ 50% 29, in our study, treatment effects on MDAs were mild with respect 

to stiffness. Stiffness was comparable to, or even lower than, that of cell-free conditions, 

suggesting that MDAs are still capable of proteolysis induced by matrix metalloproteinases 

activity 10. The relative insensitivity of MDAs to Y27632 can be explained in part by the 

observation that these cells did not stiffen their ECM as compared to cell-free conditions. In 

other words, there may not be very much strain stiffening to alleviate.  

In summary, AMR measurements reveal highly heterogeneous patterns of ECM 

stiffness around individual cells. Heterogeneities in local ECM properties have been widely 

reported and are also observed in cell-free hydrogels. Heterogeneities in stiffness to some 

extent can be indicative of differences in local fiber mesh architecture as well as properties 

of the collagen fibers. However, given that all cells were cultured in similar T1C hydrogels 

polymerized at either 1.0 or 1.5 mg/ml, we can assume that differences in local stiffness and 

isotropy are primarily attributed to cell-induced changes. Cells were previously shown to 

dynamically alter local ECM density by incessant interplay of ECM compaction and crosslink 

unbinding 65. While we are unable to identify whether probed beads are attached to fibers 

undergoing compaction or crosslink unbinding, optical tweezers AMR is sensitive to changes 

in stiffness of the local mesh ensemble of these fibers. Compared to other techniques for 

quantifying cell-induced changes in ECM properties, AMR is not as invasive as atomic force 

microscopy or as destructive as laser ablation 66. One limitation to our microrheology 

method is the technical inability to align the axes of bead oscillation with the cell, and reliance 

on projecting the X and Y axes. Future experiments will aim to align these axes and eliminate 

the potential errors associated with such projection. Nonetheless, we found 𝜅 levels around 
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both cell lines to be dependent on tested treatment and axis of measurement, yet to different 

extents, with MDAs establishing overall lower 𝜅 than DFs. Our results not only illustrate how 

cells can both adapt and modify their local ECM in response to different factors, but also 

highlight shortcomings of bulk stiffness measurements. Bulk rheology obscures microscopic 

understanding of treatment effects, which show notable heterogeneity by microrheology. 

Notably, despite an increase in bulk (cell-free) stiffness with increase in T1C concentration, 

the peri-cellular stiffness around DFs was actually found to be comparable between T1C 

concentrations, and in some instances, stiffness decreased with T1C concentration. 

Additional studies are required to further investigate this relationship between initial and 

final ECM stiffness and to investigate if particular cell types remodel their ECM to achieve a 

stiffness setpoint.  
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2.7. Supplementary material 

 

Suppl. Figure 2.1. Stiffness measurements around DFs (A) and MDAs (B) at 20 Hz. 
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Suppl. Figure 2.2. Stiffness measurements around DFs (A) and MDAs (B) at 100 Hz. 
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Suppl. Figure 2.3. G’ (A) and G” (B) measurements around DFs. 
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Suppl. Figure 2.4. G’ (A) and G” (B) measurements around MDAs. 
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Suppl. Table 2.1. Supplementary table to Figure 2.1E-2.1G. 

 

 

 

Suppl. Table 2.2. Supplementary table to Figure 2.1E-2.1G; p-statistics using Tukey-Kramer test. 
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Suppl. Table 2.3. Supplementary table to Figure 2.1D. 
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Suppl. Table 2.4. Supplementary table to Figure 2.4; p-statistics using Tukey-Kramer test. 
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Suppl. Table 2.5. Supplementary table to Figure 2.4; p-statistics using Tukey-Kramer test on 
stiffness measurements collected in the peri-cellular region. 
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Suppl. Table 2.6. Supplementary table to Figure 2.4; p-statistics using Tukey-Kramer test on 
stiffness measurements collected in the distal region. 
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3.1. Abstract 

Cells are known to continuously remodel their local extracellular matrix (ECM) and in a 

reciprocal way, they can also respond to mechanical and biochemical properties of their 

fibrous environment. In this study, we measured how stiffness around dermal fibroblasts 

(DFs) and human fibrosarcoma HT1080 cells differs with concentration of rat tail type 1 

collagen (T1C) and type of ECM. Peri-cellular stiffness was probed in four directions using 

multi-axes optical tweezers active microrheology (AMR). First, we found that neither cell 

type significantly altered local stiffness landscape at different concentrations of T1C. Next, 

rat tail T1C, bovine skin T1C and fibrin cell-free hydrogels were polymerized at 

concentrations formulated to match median stiffness value. Each of these hydrogels 

exhibited distinct fiber architecture. Stiffness landscape and fibronectin secretion, but not 

nuclear-cytoplasmic YAP ratio differed with ECM type. Further, cell response to Y27632 or 

BB94 treatments, inhibiting cell contractility and activity of matrix metalloproteinases, 

respectively, was also dependent on ECM type. Given differential effect of tested ECMs on 

peri-cellular stiffness landscape, treatment effect and cell properties, this study underscores 

the need for peri-cellular and not bulk stiffness measurements in studies on cellular 

mechanotransduction. 
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3.2. Introduction 

Extracellular matrix (ECM) provides physical and biochemical support and controls 

homeostasis, function and development of majority of eukaryotic cells in the human body 1–

4. While natural ECM is mostly comprised of type I collagen (T1C), even small changes in 

composition or biochemical and mechanical properties of the ECM can alter cell 

development and behavior 2–5. For instance, bulk stiffness of the ECM was found to regulate 

cell morphology, rate of migration, stem cell differentiation and cancer cell invasiveness 6–9. 

In a reciprocal way, ECM is also constantly remodeled by the cells 3–5. Past research by our 

group has shown that 24 hours after hydrogel polymerization, cells alter local and peri-

cellular stiffness by a few orders of magnitude, even on a single cell level 10. Further, cells can 

promote distinct stiffness anisotropies which vary with cell line, T1C concentration and 

biochemical treatments 11. Nonetheless, more comprehensive understanding of bi-

directional relationship between cell behavior and ECM stiffness is still lacking.  

In this study, we assessed the effect of hydrogel concentration and ECM type on 

stiffness around two distinct types of cells – normal human dermal fibroblasts (DFs) and 

human fibrosarcoma HT1080 cells. Our laboratory uses multi-axes optical tweezers active 

microrheology (AMR) to measure stiffness around cells along four distinct axes. In the first 

set of experiments, cells were cultured inside rat tail T1C hydrogels prepared at 4 different 

concentrations (1.0, 1.5, 2.0 and 3.0 mg/ml). AMR measurements were conducted 48 hours 

after sample preparation to investigate if local stiffness levels established by the cells are 

influenced by the initial concentration of hydrogels or whether cells have a stiffness setpoint 

and remodel their local environment to promote stiffness levels they intrinsically prefer, as 

previously suggested by our group 11.  
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In the second set of experiments, cells were subjected to three different types of ECM 

– rat tail T1C, bovine skin T1C and fibrin. While rat tail T1C is most frequently used in in vitro 

research 12,13, bovine skin T1C is more commonly utilized in therapeutic applications, due to 

its minimal antigenicity 13,14. Conversely, less durable fibrin forms temporary and 

provisional matrix during wound healing processes 15,16. At much higher concentration, 

fibrin sealant is used as a tissue adhesive approved for laboratory and clinical use 17–19. 

Hydrogel mechanics, fiber architecture and porosity are known to vary between different 

ECMs 12,13,16,20,21, yet studies comparing properties of hydrogels prepared at similar 

concentrations often fail to account for difference in stiffness sensed by the cells. 

Consequently, in this study, concentrations of rat tail T1C, bovine skin T1C and fibrin were 

chosen to ensure similar initial stiffness of hydrogels. The effect of ECM on cell behavior was 

further investigated by analyzing the impact of two treatments on peri-cellular stiffness and 

cell morphology. Rho-kinase inhibitor Y27632 is known to alter cell morphology and reduce 

contractility and migration of fibroblasts 22–24 and HT1080s 25–28. Broad-spectrum zinc 

metalloproteinase (MMP) inhibitor batimastat (also known as BB94) was previously shown 

to prevent MMP secretion 29–31 and collagenolytic activity of DFs and HT1080s 31. Past 

studies by our group 10 found that both Y27632 and BB94 promote decrease in stiffness 

around the DFs, but the effect of type of ECM on cell response to treatments has not been 

previously investigated. 

Results reported in this study demonstrate that peri-cellular stiffness of DFs and 

HT1080s varies depending on type of ECM, hydrogel concentration and tested treatment. 

Interestingly, cell properties including nuclear/cytoplasmic YAP ratio and proportion of 

secreted fibronectin do not correlate with peri-cellular stiffness levels in our experiments. 
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Cell environment is shown to affect cellular response to treatments, underscoring the need 

for peri-cellular and not bulk stiffness measurements in studies on cellular 

mechanotransduction. 

3.3. Methods 

3.3.1. Cell culture 

Normal human dermal fibroblasts (DFs, Lonza) were cultured in Dulbecco's Modified 

Eagle's Medium (DMEM) with low glucose, L-glutamate, and sodium pyruvate 

(ThermoFisher) and supplemented with 10% Fetal Bovine Serum (FBS, Gibco) and 1% 

penicillin streptomycin (Gibco). Human fibrosarcoma HT1080 cells (ATCC) were cultured in 

Eagle's Minimum Essential Medium (EMEM, ATCC) supplemented with 10% FBS and 1% 

penicillin streptomycin.  

3.3.2. Collagen hydrogel preparation 

Rat tail collagen hydrogels were prepared at 1.0, 1.5, 2.0 and 3.0 mg/ml 

concentrations using type I rat tail telocollagen (Advanced Biomatrix, #7858). Bovine skin 

collagen hydrogels were prepared at 1.75 mg/ml concentration using type I bovine skin 

telocollagen (Advanced Biomatrix, #7811). As described in Chapter 2.3, collagen was 

supplemented with 10X Phosphate-Buffered Saline (PBS, ThermoFisher), 10X DMEM 

(Sigma), 10X reconstitution buffer32, 1 N NaOH (ThermoFisher), 2 μm carboxylated silica 

microbeads (0.8 mg/ml, Bangs Laboratories), and cells (50 k/ml). Hydrogels were 

polymerized inside 35 mm glass bottom dishes (MatTek) in a standard tissue culture 

incubator at 37 °C and 5% CO2. After 30 min, hydrogels were hydrated with 2 ml of culture 

media supplemented with 25 mM HEPES (Gibco). Treatment of 20 μM Y27632 (Sigma, 
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#0000097404) or 10 μM BB94 (Sigma, #3560212) was added to media 1 hour or 48 hours 

before AMR measurements, respectively.  

3.3.3. Fibrin hydrogel preparation 

Fibrin hydrogels were prepared at 2.7 mg/ml concentration as previously described 

33,34. Bovine stock fibrinogen (Sigma, SLCG6303) was dissolved in PBS, filtered and 

supplemented with 2 μm carboxylated silica microbeads and 50 k/ml of cells. 1 ml hydrogel 

was polymerized inside of a 35 mm glass bottom dish (MatTek), following the addition of 

bovine thrombin (4 U/ml, Sigma, SLBW2056). Hydrogels were incubated in a standard tissue 

culture incubator at 37 °C and 5% CO2 for 30 min and then hydrated with 2 ml of culture 

media supplemented with 25 mM HEPES (Gibco). Treatment of 20 μM Y27632 or 10 μM 

BB94 was added to media 1 hour or 48 hours before AMR measurements, respectively.  

3.3.4. Microstructural assessment of hydrogels 

Cell-free hydrogels were prepared 48 hours before imaging and stained with Atto 488 

NHS ester dye (Sigma). Fluorescent images were obtained with the 488 nm laser line using 

Fluoview3000 laser scanning microscope equipped with a UPlanSApo 40x/1.25 NA silicone 

immersion objective lens (Olympus). Z-stacks of images were collected between 30 and 50 

µm from the glass height using a step size of 0.25 µm, a scanning speed of 2 µs/pixel and a 

total scan resolution of 1024 pixels x 1024 pixels across a 96.72 µm x 96.72 µm field-of-view 

(FOV).  

Porosity of cell-free hydrogels was assessed by Ulysses Castillo using deconvoluted 

and binarized images from 6 FOVs per hydrogel obtained from 3 distinct hydrogels per 

condition. Pore size in cell-free hydrogels was calculated as the maximum diameter of a 
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sphere inscribed inside each pore. Individual pores were identified using Distance Transport 

Watershed 3D algorithm and quantified using Analyze Regions 3D algorithm, both of which 

are incorporated into MorphoLibJ plug-in 35 for Fiji software 36.  

3.3.5. Active and passive microrheology 

Stiffness was measured using multi-axes optical tweezers active microrheology 

system previously described in Chapter 1.3.1 and in Chapter 2.3, but optimized to allow 

measurements in arbitrary number of directions. Briefly, each hydrogel sample was 

mounted in a dish holder placed inside the stage-top nanopositioning piezoelectric stage (P-

545.xR8S PInano® XYPiezoSystem,PI). Individual microbeads were oscillated by applying 

optical forces applied with a continuous-wave fiber laser with an emission at 1064 nm (YLR-

5–1064-LP, IPG Photonics). Trapping beam oscillations with an amplitude of 60 nm and 

frequency of 50 Hz, unless specified otherwise, were produced by the movement of a pair of 

galvanometer mirrors (GVS012, ThorLabs), located conjugate to the back focal plane of the 

microscope objective lens (60x-oil PlanApo TIRFM 1.45NA, Olympus). A detection laser 

beam of wavelength 785 nm generated by a single mode fiber-pigtailed laser diode (LP785-

SF100, ThorLabs) was co-aligned with the trapping beam at the center of the bead. Change 

in bead position and trapping beam position were recorded by two quadrant photodiodes 

(detQPD and trapQPD, 2901 and 2903, respectively, Newport) and used to calculate a 

complex material response (𝛼∗(ꞷ)) by the relationship X= 𝛼∗(ꞷ)F, where X and F are the 

Fourier components of bead displacement and optical force, respectively. 𝛼∗(ꞷ) is computed 

once for each oscillation direction under the assumption that α*(ꞷ) oscillates purely along 

that axis. Reported stiffness κ*(ꞷ) represents the real component of inverse α*. Using 

generalized Stokes relation, κ*(ꞷ) can be used to calculate complex shear response 𝐺∗(ꞷ), 
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which is represented as 𝐺∗(ꞷ) = 𝐺’(ꞷ) + 𝐺” (ꞷ) =  (ꞷ)/6𝜋𝑟, where r is the radius of the 

bead (1 µm) 37,38. The proportionality parameter relating detQPD signals to bead 

displacements was measured in situ per bead and per angle of oscillation. After centering the 

stage on each bead, the stage was moved 200 nm across the bead with a constant velocity of 

100 nm/s. Recorded detQPD voltages were used to quantify the voltage-to-μm conversion 

factor 39–41, which was later used to calculate bead displacement during AMR measurements. 

Prior to AMR measurements in hydrogels, the AMR system was calibrated in water, as 

previously described 10,11,37. 10 cells across 5 samples were analyzed per condition. At least 

40 beads were probed around each cell and each probed bead was located approximately 35 

µm from the cover glass and oscillated along 4 different directions. In cell-free hydrogels and 

around HT1080s, beads were oscillated at 0°, 45°, 90° and 135° with respect to the horizontal 

axis of the camera image FOV. Around DFs, beads were oscillated at 0°, 45°, 90° and 135° 

with respect to the long axis of the cell. All reported AMR measurements were found to be 

above our limit of detection 42. In addition to AMR measurements, passive microrheology 

(PMR) data was collected by recording detQPD signals for 30 s with only detection laser 

beam positioned at the center of the bead. G’ and G” values were calculated from PMR data 

using the code developed by the Kilfoil lab at University of Massachusetts at Amherst 43. 

3.3.6. Immunostaining 

HT1080 and DF cells were cultured for 48 hours inside collagen hydrogels prepared 

in 12 well glass bottom plates (Cellvis) or inside fibrin hydrogels prepared in 35 mm glass 

bottom dishes (MatTek). Cells were then fixed in 4% paraformaldehyde (PFA, VWR) for 10 

min at room temperature (RT), washed three times with PBS and permeabilized using 0.3% 

Triton X-100 (Sigma) diluted in PBS. Afterwards, cells were incubated in anti-YAP1 (G6) 
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antibody (sc-376830, Santa Cruz Biotechnologies) for 1 hour at RT, washed with 2% bovine 

serum albumin (BSA, VWR) diluted in PBS and incubated with secondary Alexa Fluor 594 

Goat anti-Mouse IgG (BioLegend) antibody for another hour at RT. Subsequently, cells were 

washed with BSA, incubated with anti-fibronectin antibody (F3648, Sigma) for 1 hour at RT, 

washed again with 2% BSA and incubated with secondary Cyanine5 Goat anti-Rabbit IgG 

(Invitrogen) antibody for 1 hr at RT. Nuclei and F-actin were stained using NucBlue™ Live 

ReadyProbes™ Reagent (Hoechst 33342, Invitrogen) and Alexa Fluor 488 Phalloidin 

(Invitrogen) diluted in 2% BSA in PBS for 30 min at RT, respectively. Lastly, hydrogels were 

washed with PBS and covered with Fluoromount-G (Invitrogen). 

3.3.7. Confocal microscopy and image analysis 

Prior to AMR measurements, brightfield image of each cell was acquired using an EO-

4010 Monochrome USB 3.0 Camera (Edmund Optics) incorporated in our AMR system and 

analyzed as described previously in Chapter 2.3. Briefly, images were processed in MATLAB 

(The MathWorks Inc.) using the image processing toolbox. The cell orientation was 

quantified by manually tracing the outline of the cell and using the regionprops function in 

MATLAB. After AMR measurements, the shortest distance between the pixel location of each 

probed bead and the manually traced cell shape cell was calculated in MATLAB and 

converted into micrometers. Angular position 𝜃 from 0° (cell front) to 180° (cell rear) 

relative to the long axis of the cell was found by calculating the angle between the pixel 

position of the bead and centroid of the cell. 

Following AMR measurements, brightfield and reflection confocal microscopy (RCM) 

images of the probed FOV were collected using the 488 nm laser of the Fluoview 1200 laser 

scanning confocal microscope (Olympus) with the microscope objective lens used for AMR. 
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For DFs, brightfield images collected after AMR measurements were compared with 

brightfield images collected after AMR to identify the direction of cell migration and, 

consequently, cell front and cell rear. Beads distal to the cell served as fiducial markers for 

cell migration. In contrast, HT1080s did not migrate visibly during data acquisition and had 

more circular morphology, with no clear leading and trailing edge. Thus, cells were assumed 

to migrate towards the right direction with the exception of HT1080s cultured in fibrin that 

were assumed to migrate away from the ECM region broke down by fibrinolytic processes.  

Immunostained cells were imaged one at a time using Fluoview3000 laser scanning 

microscope equipped with a UPlanXApo 10X/0.40 NA objective lens (Olympus). Z-stacks of 

images were collected with a step size of 1-2 µm, a scanning speed of 2 µs/pixel and a total 

scan resolution of 3.22 pixels per micron across area occupied by the cell. For each condition, 

50 cells across 3 samples were imaged. Z-stacks of images were first analyzed in Fiji software 

36 to find maximum intensity projection (MIP) across all image planes. MIP images were then 

processed using custom code written in MATLAB that masked the nuclei, F-actin and 

fibronectin regions. Nuclear/cytoplasmic ratio of YAP was calculated by dividing mean 

intensity of YAP inside the nuclei by mean intensity of YAP inside the cytoplasm colocalized 

with F-actin mask. Proportion of fibronectin found inside the cell was found by calculating 

the percentage of colocalization of fibronectin mask within F-actin mask. Cell morphological 

features including cell circularity calculated as (4 ∙Area ∙ π(/ (Perimeter)² and solidity 

computed as Area/ Convex Area 44 were analyzed using F-actin mask and regionprops 

function in MATLAB. 
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3.3.8.  Statistical analysis 

The effect and predictive power of various parameters on stiffness distribution 

around the cells was assessed using multivariate exponential regression (MER) conducted 

in R software 45,46. All other statistical tests were performed in MATLAB. Comparison of non-

normally distributed (p < 0.01, Kolmogorov-Smirnov test) stiffness values and parameters 

obtained from image analysis was conducted using non-parametric statistical analyses at a 

significance level of 0.05. The Friedman test was used to compare stiffness measurements 

between each oscillation axes. The Kruskal–Wallis test was performed for comparison of 

multiple groups. The post-hoc Tukey–Kramer test was used to compare specific groups. The 

Pearson correlation coefficient was used to quantify the correlation between stiffness and 

frequency of bead oscillation. The Ansari-Bradley test was used to compare differences in 

spread of data across tested types of ECM.  

3.4. Results 

3.4.1. Fibroblast response to type 1 collagen ECM of increasing concentration 

Past studies by our group observed comparable stiffness levels around DFs cultured 

for 24 hours in rat tail T1C prepared at 1.0 mg/ml and 1.5 mg/ml 11. In order to more 

thoroughly explore the effect of initial collagen concentration on peri-cellular stiffness, DFs 

were cultured for 48 hours inside rat tail T1C hydrogels polymerized at 4 different 

concentrations – 1.0 mg/ml (1.0T1C), 1.5 mg/ml (1.5T1C), 2.0 mg/ml (2.0T1C) and 3.0 

mg/ml (3.0T1C). Prior to cell experiments, properties of cell-free hydrogels were assessed 

(Figure 3.1A). Median pore size decreased with concentration from 2.52 μm in 1.0T1C 

hydrogels to 1.39 μm in 3.0T1C hydrogels (Figure 3.1B). Stiffness (𝜅) of hydrogels was 

probed by oscillating at least 40 microbeads per hydrogel at 50 Hz along 4 different axes - at 
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0°, 45°, 90°, 135° with respect to the horizontal axis of the image (nsample = 3). Just prior to 

each ECM measurement, AMR was first conducted in water to validate no bias towards any 

of the probed axes. As expected, 𝜅 of cell-free hydrogels increased with concentration 

(Figure 3.1C) and 𝜅 was found to be isotropic at each concentration (Suppl. Figure 3.1). 

Next, 𝜅 was measured around DFs, which were found to have similar elongated 

morphology when cultured at all tested concentrations of rat tail T1C (Figure 3.1E). Stiffness 

was probed at 0°, 45°, 90°, 135° with respect to the long axis of the cell and graphed as 

illustrated in Figure 3.1D. For each probed bead, two coordinates were determined – a) the 

shortest distance between the bead and cell profile and b) angular position 𝜃 relative to the 

long axis of the cell in the counterclockwise direction, with origin at the cell centroid. Thus, 

each bead was placed within one of the twenty annular bins. Each bin is shaded according to 

the median 𝜅 value based on all beads analyzed in a particular bin. Each point corresponds 

to a probed bead and is color-codded for 𝜅. Under the assumption of symmetry, the 

coordinate system was folded upon itself along the long axis of the cell. Spatial distribution 

of 𝜅 probed along the long axis of DFs is shown in Figure 3.1F, while 𝜅 probed in other 

directions is illustrated in Suppl. Figure 3.2A-C. 

When analyzing all beads probed around DFs along all 4 axes (Suppl. Figure 3.2D), 

𝜅 around cells was found to be higher than cell-free stiffness in 1.0T1C hydrogels (p < 0.01), 

but not different from cell-free stiffness in 1.5T1C (p = 0.96) and 2.0T1C (p = 0.63) hydrogels. 

For 3.0T1C hydrogels, stiffness around DFs was actually lower than cell-free stiffness (p < 

0.01) at that concentration and comparable with 𝜅 around DFs embedded inside 2.0T1C 

hydrogels (p = 0.88).  
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Figure 3.1. The effect of rat tail T1C concentration on stiffness distribution around DF and 
HT1080 cells. (A) Reflection confocal microscopy (RCM) images of cell-free hydrogels prepared at 4 
concentrations (1.0, 1.5, 2.0, 3.0 mg/ml). (B) Pore size and (C) stiffness (κ) distribution of cell-free 
hydrogels. Median values are denoted by white markers. (D) Graphical representation of the 
coordinate system used to discretize the ECM region around a cell. (E) RCM images of DFs. (F) 
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Distribution of stiffness around DFs probed along the long axis of the cell. (G) RCM images of 
HT1080s. (H) Distribution of stiffness around HT1080s probed along the horizontal direction of the 
image. Background color is shaded according to the median κ value in each bin (background color 
bar). Each data point is a single probed bead, color-coded for κ (beads color bar). * p < 0.05 

Multivariate exponential regression (MER) was used to determine significant 

predictors of 𝜅 from multiple independent parameters (Suppl. Figure 3.2E). Analyzed 

parameters included the continuous variables of shortest distance between the bead and cell 

profile and angular position 𝜃, as well as the discrete variables of T1C concentration and axis 

of bead oscillation. Discrete variables were simply encoded with the reference to 1.0T1C 

concentration and oscillation along the long axis of the cell 45. MER indicated that T1C 

concentration was a dominant predictor. 𝜅 increased with T1C concentration, but decreased 

with 𝜃 position. Surprisingly, distance away from the cell (up to 150 μm) and axes of bead 

oscillation were not found to be significant predictors of 𝜅 probed 48 hours after sample 

preparation. This finding is in contrast to our previously published data collected 24 hours 

after sample preparation 11. Analysis of the peri-cellular region (< 25 μm, inner annulus) 

similarly found that 𝜅 was isotropic in 1.0T1C (p = 0.93), 1.5T1C (p = 0.58), 2.0T1C (p = 0.75) 

and 3.0T1C (p = 0.72) hydrogels. The parameters analyzed here were only able to explain 

31.5% of the variance in 𝜅, indicating that factors outside our consideration play an 

important role in predicting local ECM stiffness.  

3.4.2. HT1080 response to type 1 collagen ECM of increasing concentration 

In addition to analyzing stiffness around DFs, 𝜅 was also probed around highly 

invasive human fibrosarcoma HT1080 cells. Like DFs, HT1080s were cultured in rat tail T1C 

hydrogels for 48 hours prior to AMR measurements. In agreement with past studies 26,47, 

isolated HT1080 cells cultured in 3D rat tail T1C hydrogels exhibit rounded morphology 

(Figure 3.1G), preventing identification of a cell front. Thus, 𝜅 results are represented in a 
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similar way as for DFs, with the exception that stiffness was probed at 0°, 45°, 90°, 135° with 

respect to the horizontal axis of the image. For purposes of analysis and data presentation, a 

cell front was arbitrarily assigned as the right side of the cell with respect to the image.  

When analyzing all beads in all directions of bead oscillation (Suppl. Figure 3.3D), 𝜅 

around HT1080s was found to be comparable to cell-free stiffness for cells embedded in 

1.0T1C (p = 0.98), 1.5T1C (p > 0.99) and 2.0T1C (p = 0.15) hydrogels. Stiffness around 

HT1080s in 3.0T1C hydrogels was lower than in cell-free 3.0T1C hydrogels (p < 0.01), but 

did not differ from 𝜅 around cells measured in 2.0T1C hydrogels (p = 0.38). 

Spatial distribution of 𝜅 probed at 0° is visualized in Figure 3.1H. 𝜅 probed at other 

directions is included in Suppl. Figure 3.3A-C. MER of stiffness was conducted as for DF cells 

and analyzed parameters predicted 42.8% of variance in data (Suppl. Figure 3.3E). T1C 

concentration was found to be a dominant predictor of stiffness. Distance away from the cell, 

direction of bead oscillation and angular position 𝜃 were not significant predictors of 

stiffness. Analysis of the peri-cellular region indicated that stiffness was isotropic in 1.0T1C 

(p = 0.58), 1.5T1C (p = 0.94), 2.0T1C (p = 0.99) and 3.0T1C (p = 0.99) hydrogels. 

In order to assess frequency effect on 𝜅, AMR was conducted in the peri-cellular 

region of DFs and HT1080s (< 25 μm, nbeads ≥ 10 per cell) using wider range of frequencies. 

AMR data was collected at 20, 50 and 200 Hz at 0° and 90° with respect to long axis of the 

DFs or with respect to the horizontal axis of the image for HT1080s and cell-free 

measurements. As observed previously by us 11 and widely reported by other groups 37,48,49, 

𝜅 increased with frequency of bead oscillation, but with the tenfold increase in frequency, 𝜅 

changed on average only by 24% (Suppl. Figure 3.4).  
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10 beads closest to each cell were also used as probes for passive microrheology 

(PMR), during which the trapping beam, but not the detection beam, was blocked by a 

mechanical shutter. Data was recorded for 30 s, with a sampling frequency of 10,000 Hz. 

Viscoelasticity of hydrogels, reported as the complex valued shear modulus G* = G’ + iG” (Pa), 

was calculated from the mean-square displacement spectrum of each bead for PMR data 43,50. 

For AMR data, G* was calculated from 𝜅* using the generalized Stokes relation 37,38. G’ values 

from PMR were higher than G” from PMR (Suppl. Figure 3.5), but significantly lower than 

G’ measured by AMR (Suppl. Figure 3.6). In contrast, G” values were larger when measured 

by PMR than by AMR (p < 0.01).  

3.4.3. Fibroblast response to stiffness-matched type 1 collagens and fibrin ECMs  

In the next set of experiments, we assessed the effect of ECM type on peri-cellular 

stiffness. Instead of matching matrix concentrations, concentrations of fibrin and bovine skin 

T1C hydrogels were selected to result in median stiffness levels matching the cell-free 

stiffness of rat tail T1C polymerized at 1.5 mg/ml. Thus, bovine skin T1C hydrogels were 

prepared at 1.75 mg/ml and fibrin hydrogels were polymerized at 2.7 mg/ml (Figure 3.2A). 

Despite having similar median stiffness values (p = 0.94), the dispersion of stiffness values 

was much greater for bovine skin T1C (p < 0.01) and much smaller for fibrin (p < 0.01) than 

for rat tail T1C (Figure 3.2B, Suppl. Figure 3.1C). Different types of ECM also resulted in 

distinct fiber architectures. As compared to rat tail T1C hydrogels, median pore size and 

dispersion of pore size values was greater for bovine skin T1C hydrogels (p < 0.01) and lesser 

for fibrin hydrogels (p < 0.01, Figure 3.2C). 
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Figure 3.2. The effect of ECM type and treatment on stiffness distribution around DFs. (A) RCM 
images of cell-free hydrogels (rat tail T1C, bovine skin T1C, fibrin) and hydrogels containing DFs 
either untreated or treated with Y27632 and BB94. (B) Stiffness κ and (C) pore size distribution of 
cell-free hydrogels. Median values are denoted by white markers. (D) κ distribution around DFs, 
probed along long axis of the cell. Background color is shaded according to the median κ value in each 
bin (background color bar). Each data point is a single probed bead, color-coded for κ (beads color 
bar). * p < 0.05  
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DFs were shown to regulate their local ECM stiffness differently based on type of 

hydrogel in which they were cultured in for 48 hours. Spatial stiffness distribution probed 

along the long axis of the cell is shown in Figure 3.2D. Results showing 𝜅 distribution along 

other directions are included in Suppl. Figure 3.7A-C. MER was used to assess whether type 

of ECM as well as axis of bead oscillation, the shortest distance between the probed bead and 

a cell and angular position 𝜃 are significant predictors of 𝜅 (Suppl. Figure 3.7D). Discrete 

variables of oscillation axis and ECM type were simply encoded with the reference to cell 

orientation angle and rat tail T1C, respectively. While analyzed parameters explained only 

5% of data variance, 𝜅 was found to strongly depend on type of ECM. Cells in bovine skin T1C 

established lower 𝜅 (p < 0.01), and cells in fibrin hydrogels promoted higher 𝜅 (p < 0.01) as 

compared to 𝜅 around cells in rat tail T1C or 𝜅 of cell free hydrogels. In contrast, 𝜅 around 

cells cultured in rat tail T1C did not differ from the cell-free stiffness (p = 0.96). Distance from 

the cell profile was also found to be a significant predictor of 𝜅. Distance-dependance on 𝜅 is 

especially evident when stiffness was probed around DFs cultured in fibrin hydrogels. Peri-

cellular stiffening was observed in fibrin and while stiffness decreased with distance away 

from the cell (p < 0.01), stiffening in regions towards cell front and cell back was evident up 

to 100 μm away from the cell, when beads are oscillated along the long axis of the cell (Figure 

3.2D, p < 0.01). 

Next, the effect of two treatments (Y27632 and BB94) on stiffness landscape around 

DFs was assessed. MER indicated that cell response to treatments varied depending on ECM 

type (Suppl. Figure 3.7E). As compared to control conditions (no treatment), addition of 

Y27632 or BB94 resulted in lower 𝜅 values in rat tail T1C and fibrin hydrogels, but treatment 

effect was not observed in bovine skin T1C. In rat tail T1C hydrogels, Y27632 or BB94 
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lowered stiffness to levels below cell-free 𝜅 (p < 0.01), but in fibrin hydrogels BB94 was more 

effective than Y27632 in reducing peri-cellular stiffening. However, following treatment with 

either Y27632 or BB94, 𝜅 in fibrin hydrogels remained higher in the peri-cellular region (< 

25 μm, inner annulus) than in the distal region (>25 μm, p < 0.01). Further, only in fibrin 

hydrogels, 𝜅 around DFs varied based on axis of bead oscillation (Suppl. Figure 3.7).  

 
Figure 3.3. The effect of ECM type and treatment on nuclear/cytoplasmic YAP ratio, 
fibronectin secretion and solidity of DFs. (A) Immunofluorescent confocal images of DFs. Scale bar 
= 50 μm. Quantification of (B) nuclear/cytoplasmic YAP ratio, (C) fibronectin secretion, described as 
% of fibronectin signal found outside of the cell and (D) cell solidity. Statistical comparison between 
the groups for (B-D) is shown in Suppl. Table 3.1. 
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In addition to probing local stiffness, confocal microscopy was conducted to image 

relative expressions and/or locations of F-actin, YAP, fibronectin, and the cell nucleus 

(Figure 3.3A). Despite considerably different 𝜅 landscapes around DFs cultured in different 

types of ECM, nuclear/cytoplasmic YAP ratio was found to be comparable for control cells 

cultured in different types of hydrogels (p = 0.77, Figure 3.3B, Suppl. Table 3.1A). Similarly, 

addition of either Y27632 or BB94 did not alter nuclear/cytoplasmic YAP ratio as compared 

to control cells in any type of ECM. Fibronectin secretion, reported as % of total detected 

fibronectin found outside of the cell, was shown to differ more prominently between the ECM 

types, but treatment effect was not widely observed (Figure 3.3C, Suppl. Table 3.1B). In 

contrast, solidity of DFs did not differ across the tested types of ECM, but addition of either 

BB94 or Y27632 altered solidity of cells in collagen hydrogels (Figure 3.3D, Suppl. Table 

3.1C). Nonetheless, fibroblasts exhibited mostly elongated cell morphology, which did not 

differ greatly between tested conditions. 

3.4.4. HT1080 response to stiffness-matched type 1 collagens and fibrin ECMs  

Next, fibrosarcoma HT1080 cells were subjected to different types of ECM (Figure 

3.4A). Of note, significant fibrinolysis was observed when cells were cultured in fibrin 

hydrogels. Consequently, while stiffness 𝜅 was still probed at 0°, 45°, 90°, 135° with respect 

to the image, for cells embedded in fibrin, cell front was assigned away from the region of 

enzymatic breakdown of fibrin (indicated by arrows in Figure 3.4A), instead of arbitrary 

assigning cell front to the right side of the cell. Spatial distribution of 𝜅 along the 0° direction 

(for collagen hydrogels) or along the direction closest to the orientation of the enzymatic 

breakdown (for fibrin hydrogels) is shown in Figure 3.4B. 𝜅 measurements along other axes 

are illustrated in Suppl. Figure 3.8A-C.  
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Figure 3.4. The effect of ECM type and treatment on stiffness distribution around HT1080s. (A) 
RCM images of HT1080 cells cultured in 3 different types of hydrogels (rat tail T1C, bovine skin T1C, 
fibrin), untreated or treated with Y27632 and BB94. (B) κ distribution around HT1080s, probed 
along horizontal axis of the image for cells cultured in rat tail or bovine skin T1C. For cells cultured 
in fibrin hydrogels, κ was probed along the direction closest to the orientation of the enzymatic 
breakdown, as indicated by the white arrows seen in (A). Background color is shaded according to 
the median κ value in each bin (background color bar). Each data point is a single probed bead, color-
coded for κ (beads color bar). * p < 0.05 
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MER of local ECM stiffness indicated that culturing HT1080s in bovine skin T1C or in 

fibrin hydrogels resulted in lower 𝜅 values as compared to stiffness measured in rat tail T1C 

hydrogels (Suppl. Figure 3.8D). However, 𝜅 measured in bovine skin T1C did not differ 

significantly from 𝜅 of cell-free hydrogels (p = 0.71). Decrease in stiffness was more 

pronounced in fibrin hydrogels and local 𝜅 values were shown to be lower towards ECM 

regions broken down by the cells (towards cell rear).  

Treatment effect was observed in all tested types of ECM. Addition of Y27632 or BB94 

led to reduction in local 𝜅 around HT1080s cultured in rat tail T1C and bovine T1C, yet this 

effect was more evident in bovine T1C hydrogels (Suppl. Figure 3.8E). While Y27632 and 

BB94 promoted similar stiffness values in rat tail T1C (p = 0.17), BB94 reduced 𝜅 more 

efficiently than Y27632 in bovine skin T1C hydrogels (p < 0.01). In fibrin hydrogels, addition 

of Y27632 led to significant decrease in 𝜅 around HT1080s. In contrast, addition of BB94 

resulted in increase in local 𝜅, yet local stiffness was still below the 𝜅 of cell-free hydrogels 

(p < 0.01) and fibrinolysis was still exhibited by the cells. Only in fibrin hydrogels, distance 

between the probed bead and cell and angular position 𝜃 (arbitrary for HT1080s in collagen 

hydrogels) were found to be significant predictors of 𝜅. 𝜅 was found to increase further away 

from the cell and away from the region broken down by fibrinolysis.  
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Figure 3.5. The effect of ECM type and treatment on nuclear/cytoplasmic YAP ratio, 
fibronectin secretion and circularity of HT1080s. (A) Immunofluorescent confocal images of 
HT1080s. Scale bar = 10 μm. Quantification of (B) nuclear/cytoplasmic YAP ratio, (C) fibronectin 
secretion, described as % of fibronectin signal found outside of the cell and (D) cell circularity. 
Statistical comparison between the groups for (B-D) is shown in Suppl. Table 3.2. 

ECM type and tested treatments altered not only local 𝜅 landscapes, but also affected 

various cell properties (Figure 3.5A, Suppl. Table 3.2). Nuclear/cytoplasmic YAP ratio did 

not differ for control cells cultured in different types of hydrogels, but differed following 

treatments for cells in rat tail T1C or in fibrin (Figure 3.5B). While the extent of fibronectin 

secretion (Figure 3.5C) and cell circularity (Figure 3.5D) was comparable for cells cultured 



 

87 
 

in different types of collagen, fibronectin secretion decreased and circularity increased when 

cells were cultured inside fibrin hydrogels. Addition of either Y27632 or BB94 promoted 

more dendritic morphology of HT1080s, but treatment effect on other nuclear/cytoplasmic 

YAP ratio and fibronectin secretion varied with type of ECM (Suppl. Table 3.2).  

3.5. Discussion 

Stiffness around cells was previously shown by our group to depend on T1C 

concentration 11 and vary with different treatments and between tested cell lines 11,34. Here, 

we add new information about stiffness and its anisotropy around two cell lines cultured in 

distinct ECMs, varying in source, porosity and concentration. For all conditions, G’ values 

were significantly lower when calculated from PMR data than when estimated from AMR 

data (Suppl. Figure 3.6). These results are in agreement with previously reported data that 

found passive microrheology to underestimate G’ due to lower signal-to-noise ratio and the 

assumption of thermal equilibrium that does not account for the influence of the optical trap 

and external forces from the cells in calculations of the G* modulus 37,38. Further, the 

calculation of G* assumes the material is in a local continuum, and that pore size is 

considerably smaller than the probe bead 37,38, which is not the case for rat tail 1.0T1C, 

1.5T1C and 2.0T1C hydrogels. However, in cell-free 3.0T1C hydrogels (Figure 3.1B), the 

pore size distribution shows that most pores are smaller than the bead diameter (2 μm). This 

crossing of spatial scale may influence the interpretation of AMR data, and may explain in 

part the similarity in stiffness distribution between 2.0T1C and 3.0T1C hydrogels. 

Stiffness around DFs and HT1080s was probed in 4 distinct directions elucidating 

local anisotropies. Stiffness and cell properties, including expressed nuclear/cytoplasmic 

YAP ratio, cell solidity or circularity and percentage of secreted fibronectin were shown to 
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vary across the tested ECM types and treatments, indicating a complex cell-ECM relationship 

based on a variety of factors and characteristics of both cells and the ECM. ECM concentration 

was found to be a dominant predictor of local stiffness for DFs and HT1080s cultured at 

different concentrations of rat tail T1C (Figure 3.1, Suppl. Figure 3.2, Suppl. Figure 3.3). 

These findings are seemingly in opposition to our past studies that found peri-cellular 

stiffness to be comparable around DFs cultured for 24 hours in rat tail 1.0T1C or 1.5T1C 

hydrogels 11. Peri-cellular stiffening observed 24 hours after hydrogel preparation was not 

observed in the current study at the 48 hour time point. Further, in contrast to our previous 

studies 11, stiffness was largely unaffected by distance from the cell, angular position θ, and 

axes of bead oscillation. Discrepancy in results could potentially stem from the difference in 

duration of cell culture, as supported by past research that found hydrogel stiffness to vary 

with cell incubation time 51,52. Reported results are most likely also affected by additional 

factors outside the scope of this project, including cell seeding density 52, discrepancies in 

collagen lots 53 and cell area 54–56.  

Both DFs and HT1080s were also shown to respond differently when cultured in 

three distinct types of hydrogels, formulated to have comparable cell-free median stiffness 

(Figure 3.2B). Our results indicate that cell response to an ECM might not be governed by 

median stiffness levels alone. Past studies found that cells sense local stiffness anisotropies 

in 3D hydrogels 42 and thus, cells might also be sensitive to the magnitude of local variances 

in stiffness within the hydrogels (Figure 3.2B). Further, all three types of hydrogels 

exhibited distinct porosities and microarchitectures – factors, which are known to 

significantly affect cell survival, proliferation, and migration 57–59. In addition to detecting 

differences in mechanical properties of hydrogels, cell behavior is known to vary with 
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biochemical properties of the ECM 2,60–62, which is also corroborated by our study. The 

impact of ECM type on cell properties and local stiffness levels was most pronounced when 

comparing data collected in collagen hydrogels and fibrin hydrogels. For example, while DFs 

promoted peri-cellular stiffening in fibrin as compared to either rat tail or bovine skin T1C 

(Figure 3.2D), HT1080s prominently degraded local fibrin, but not collagen matrix (Figure 

3.4A) 63–65. Even though stiffness levels increased following BB94 treatment of HT1080s in 

fibrin, fibrinolysis was still observed (Figure 3.4). This observation could be consistent with 

the molecular action of BB94, which is a broad spectrum inhibitor of zinc MMPs, whereas the 

enzymatic breakdown of fibrin by HT1080s is associated with expression of serine proteases 

and not directly with MMP activity 66,67.  

Rat tail T1C and bovine skin T1C were prepared using the same protocol and differed 

only with the tissue source of telocollagen. Based on results of SPS-Page tests available from 

the manufacturer, both types of collagen exhibited similar purity with over 85% of T1C 

contained within contained within α, β and γ bands. Nonetheless, discrepancy in fiber 

architectures between the two sources of collagen (Figure 3.2A-B) could potentially stem 

from small differences in amino acid compositions, presence of distinct collagen subtypes 

other than type 1 or different fibrillogenesis dynamics, which were all previously shown to 

differ with collagen source, including tissue type and species 68–70. In our study, cells 

embedded in bovine skin T1C hydrogels with larger pore sizes established lower stiffness 

values than cells cultured inside rat tail T1C hydrogels with smaller pores (Figure 3.2B). 

These findings indicate that local ECM stiffness established by the cells decreases with the 

pore size. However, the relationship may not be causal because the cells can also respond to 

biochemical differences between the collagen types 47. While cells were shown to 
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differentially respond to different types of ECM, the small predictive power of MER suggests 

that a more comprehensive analysis of factors governing peri-cellular stiffness is still 

required. 

Despite observed effect of ECM type and treatment on stiffness around cells, change 

in nuclear/cytoplasmic YAP was only detected for Y27632 treatment of HT1080 cells 

(Figure 3.4B, Suppl. Table 4.2). While YAP expression was shown to be more prominent 

inside the nuclei than inside cell cytoplasm for all tested conditions, YAP signal was still 

widely distributed throughout each cell. Translocation of YAP to the nucleus has been widely 

reported for cells cultured on 2D substrates with increasing stiffness 71–73, yet translocation 

was shown to occur at different stiffness values based on cell or substrate type or tested 

treatment 74–77. For 3D cultures, YAP translocation into the nucleus also varied with cell and 

ECM type 72,78,79. For example, past studies on fibroblasts embedded inside synthetic fibrous 

hydrogels reported increase in nuclear/cytoplasmic YAP ratio with fiber density 78, 

indicating a role in mechanotransduction, but mechanotransduction of human breast cancer 

cells in 3D cultures was found to be independent of YAP 79. We assert that, to further 

understanding of the role of YAP in mechanosensing requires measurements of local peri-

cellular and not bulk stiffness of the ECM. Such studies may clarify the signal-to-stiffness 

relationship. Our findings presented here do measure the stiffness sensed by the cells and 

provide new, but far from comprehensive, understanding regarding roles of ECM types and 

tested treatments on YAP ratio. Despite no prominent difference in nuclear/cytoplasmic YAP 

between analyzed conditions, lack of change in YAP ratio could also be attributed to a narrow 

range of tested stiffnesses in our study (G’ = 0.1-1000 Pa), preventing more prominent YAP 

translocation to nuclei in stiffer hydrogels or to cytoplasm in softer hydrogels.  
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Comparatively, fibronectin secretion was shown to be more correlated with local 

stiffness (Figure 3.3C, Figure 3.5C). For instance, DFs exhibited highest peri-cellular 

stiffness and fibronectin secretion inside fibrin hydrogels as compared to collagen hydrogels. 

In contrast, HT1080s promoted much lower stiffness levels and fibronectin secretion inside 

fibrin hydrogels than inside collagen hydrogels. Nonetheless, after 48 hours of cell culture, 

fibronectin expression, considered to be colocalized with newly secreted collagen 80–82, was 

not prominent in the extracellular space. Most of the fibronectin signal was detected inside 

the cells (Figure 3.3A), which is in agreement with past studies on fibroblasts in fibrin 

hydrogels after 48 hours of culture 83,84. Similarly, collagen secreted by fibroblasts cultured 

in collagen hydrogels was previously found to be limited to the cell perimeter after 48 hours 

of culture and was present throughout the whole hydrogel only after 12 days of culture 85. 

While DFs promote formation of fibronectin fibrils 83,84, HT1080s possess limited ability to 

assemble fibronectin fibrils without dexamethasone stimulation 86,87. In agreement with past 

research, our study shows that fibronectin secretion by HT1080s was largely non-fibrillar 

and lesser in extent than observed for DFs (Figure 3.5A). Extent of fibronectin expression 

indicates that ECM probed by AMR was composed of mostly original, not cell-secreted, ECM. 

Nonetheless, trends in stiffness across tested ECMs were shown to follow trends in 

fibronectin expression, and further studies are required to explicate the relationship 

between peri-cellular stiffness and ECM secretion by cells.  

Differential effect of ECM type on how cells remodel the matrix is further evidenced 

by the addition of Y27632 or BB94 treatments. Stiffening of local matrix by the tested cell 

types is known to be mediated by contractile forces, which can be inhibited by Y27632 10,11,88 

and local matrix degradation by MMP secretion, which is inhibited by BB94 29–31. 
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Interestingly, past studies by our group have showed that MMP secretion can also contribute 

to stiffening of the ECM, most likely by allowing cell elongation within a dense ECM 10. In fact, 

MMP activity and cell contractility were essential to ECM stiffening for the case of dermal 

fibroblasts and aortic smooth muscle cells in type 1 collagen 10. Results from our current 

study support this finding across multiple ECM types (Figure 3.2D, Figure 3.4B, Suppl. 

Figure 3.7, Suppl. Figure 3.8), and further show that Y27632 and BB94 treatments also 

alter morphology of both cell types, yet the effect of Y27632 and BB94 on YAP and 

fibronectin expression varied with the type of ECM (Figure 3.3, Figure 3.5).  

In conclusion, we investigated complex relationship between stiffness established by 

dermal fibroblasts or HT1080 fibrosarcoma cells and ECM properties, such as hydrogel 

concentration, type, fiber architecture and pore size. While tested cell lines created highly 

heterogeneous stiffness landscapes, cell response did not vary with the initial concentration 

of rat tail T1C hydrogel. In contrast, cells responded differentially when embedded inside 

different types of ECMs with matched initial stiffness. Given that rat tail T1C, bovine skin T1C 

and fibrin hydrogels were polymerized at concentrations promoting similar stiffness values 

in cell-free hydrogels, this work provides further evidence of the importance of measuring 

peri-cellular and not bulk properties of the ECM. As bulk stiffness might not reflect stiffness 

sensed by the cells, peri-cellular measurements should be included in comprehensive studies 

on cellular mechanotransduction.  
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3.7. Supplementary materials 

 

Suppl. Figure 3.1. Stiffness κ probed inside cell-free T1C hydrogels. Median ± IQR κ values (A) and κ 
distributions (B) for cell-free hydrogels polymerized at 4 different concentrations and probed along 
4 distinct axes. (C) Median κ values for 3 different types of hydrogels (rat tail T1C, bovine skin T1C, 
fibrin) polymerized at concentrations resulting in similar stiffness values. Isotropy of cell-free 
hydrogels is assessed using the Kruskal-Wallis test (A,C). 
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Suppl. Figure 3.2. Supplementary material to Figure 3.1F. Stiffness κ distribution around DFs probed 
at (A) +45°, (B) +90° and (C) +135° with respect to the long axis of the cell. (D) κ distributions around 
DFs cultured in rat tail T1C polymerized at 4 different concentrations. Plots aggregate κ probed in all 
4 directions. (E) MER summary table. Discrete variables of oscillation axis and concentration were 
simply encoded with the reference to cell orientation angle and 1.0T1C concentration. 
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Suppl. Figure 3.3. Supplementary material to Figure 3.1H. Stiffness κ distribution around HT1080s 
probed at (A) 45°, (B) 90° and (C) 135° with respect to the horizontal axis of the image. (D) κ 
distributions around HT1080s cultured in rat tail T1C polymerized at 4 different concentrations. 
Plots aggregate κ probed in all 4 directions. (E) MER summary table. Discrete variables of oscillation 
axis and concentration were simply encoded with the reference to horizontal axis of the image and 
1.0T1C concentration. 
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Suppl. Figure 3.4. Stiffness κ measured at different frequencies of bead oscillation (median ± IQR). 
κ was probed along and across the long axis of the cell (for DF cells) or along horizontal and vertical 
axis of the image (for HT1080s and cell-free hydrogels). Median κ values for (A) rat tail T1C hydrogels 
polymerized at different concentrations and probed around (B) DFs and (C) HT1080s cultured in 3 
different types of hydrogels (rat tail T1C, bovine skin T1C, fibrin), untreated or treated with Y27632 
or BB94. 
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Suppl. Figure 3.5. G’ and G” values calculated from passive microrheology data (detection beam 
only). Change in G’ and G” with frequency inside (A) rat tail T1C hydrogels polymerized at different 
concentrations and probed around (B) DFs and (C) HT1080s cultured in 3 different types of 
hydrogels (rat tail T1C, bovine skin T1C, fibrin), untreated or treated with Y27632 or BB94. 
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Suppl. Figure 3.6. Comparison of G’ and G” values measured using active (dark grey) and passive 
(light grey) microrheology. (A) G’ and (B) G” distributions for rat tail T1C hydrogels polymerized at 
different concentrations. (C) G’ and (D) G” distributions for 3 different types of hydrogels (rat tail 
T1C, bovine skin T1C, fibrin). 
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Suppl. Figure 3.7. Supplementary material to Figure 3.2D. Stiffness κ distribution around DFs 
probed at +45°, +90° and +135° with respect to the long axis of the cell. Data shown for DFs cultured 
in (A) rat tail T1C, (B) bovine skin T1C, and (C) fibrin. MER summary table describing significant 
predictors of stiffness probed around DFs cultured in the 3 different types of hydrogels (D) and 
treated with Y27632 or BB94 (E). Discrete variables of oscillation axis, ECM and treatment were 
simply encoded with the reference to cell orientation angle, rat tail T1C and control condition, 
respectively. 
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Suppl. Table 3.1. Supplementary table to (A) Figure 3.3B, (B) Figure 3.3C and (C) Figure 3.3D. Shown 
are the p-statistics using the Tukey-Kramer test. 
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Suppl. Figure 3.8. Supplementary material to Figure 3.4B. Stiffness κ distribution around HT1080s 
probed at 45°, 90° and 135° with respect to the horizontal axis of the image. Data shown for HT1080s 
cultured in (A) rat tail T1C, (B) bovine skin T1C, and (C) fibrin. MER summary table describing 
significant predictors of stiffness probed around HT1080s cultured in the 3 different types of 
hydrogels (D) and treated with Y27632 or BB94 (E). Discrete variables of oscillation axis, ECM and 
treatment were simply encoded with the reference to horizontal axis of the image, rat tail T1C and 
control condition, respectively. 
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Suppl. Table 3.2. Supplementary table to (A) Figure 3.5B, (B) Figure 3.5C and (C) Figure 3.5D. Shown 
are the p-statistics using the Tukey-Kramer test. 
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4.1. Abstract 

Cells are known to constantly interact with their local extracellular matrix (ECM) and 

respond to a variety of biochemical and mechanical cues received from the ECM. 

Nonetheless, comprehensive understanding of cell-ECM interactions has been elusive. Many 

studies rely on analysis of cell behavior on 2D substrates, which do not reflect a natural cell 

environment. Further, lack of dynamic control over local stiffness anisotropies and fiber 

alignment hinders progress in studies in naturally derived fibrous 3D cultures. Here, we 

present a cell-safe method of patterned photocrosslinking, which can aid in studying 

biological hypotheses related to mechanotransduction in 3D hydrogels. As previously 

described by our group, ruthenium-catalyzed photocrosslinking (RCP) of selected ECM 

regions promotes localized increase in stiffness mediated by focused blue laser light in a 

confocal microscope. In this study, we further demonstrate that RCP can induce localized 

strain stiffening and fiber alignment outside of the selected crosslinked region and induce 

stiffness anisotropy biased towards the direction of fiber alignment. MDA-MB-231 cells are 

shown to respond to RCP-induced changes in local ECM architecture and display directional 

bias towards the direction of fiber alignment, as compared to control cells. Further, the effect 

of patterned crosslinking on a stiffness landscape is measured using multi-axes optical 

tweezers active microrheology (AMR) with backscattered laser beam illumination. AMR 

validates RCP as a suitable tool for creating distinct stiffness anisotropies which promote 

directed migration of cells, further underscoring the usefulness of RCP in cell-ECM studies. 
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4.2. Introduction 

Cells in the human body reciprocally interact with their local extracellular matrix 

(ECM). Cells constantly remodel their ECM through synthesis, breakdown, organization, and 

crosslinking of ECM proteins and dynamic changes in tension of local ECM fibers 1–3. 

Reciprocally, cells also respond to a variety of biochemical and mechanical cues from their 

ECM. For instance, cells can exhibit contact guidance and migrate along the direction of 

topographical features on 2D substrates or along the fiber orientation in 3D cultures 4–6. 

Contact guidance has been reported to play an important role in numerous physiological 

processes, including morphogenesis, wound healing and cancer metastasis 5,7–9. Past 

research indicates that cells display contact guidance by sensing anisotropy in the 

organization of local ECM fibers 10. However, cells also respond to stiffness gradients of their 

local ECM and migrate towards regions of higher stiffness in a phenomenon known as 

durotaxis. Durotaxis was shown to be exhibited by different cancer cell lines 11 and it has 

been previously described to affect cell phenotype and promote fibrosis 12,13. 

Despite the importance of cell contact guidance and durotaxis in natural cell behavior, 

a comprehensive understanding of mechanotransduction and cell-ECM interactions during 

these biological processes has been elusive. Many studies rely on analysis of cell behavior on 

2D substrates 8, which do not reflect a natural cell environment and may provide misleading 

results as compared those observed in 3D with respect to cell-ECM interactions 2,14. While 

micropatterning strategies readily used to generate stiffness gradients in 2D systems have 

been adapted for synthetic hydrogels 15, they are still emerging for naturally-derived fibrous 

3D systems 16. Approaches developed for 3D cultures include cell-induced hydrogel 

contraction and fiber alignment 17,18, use of polymers with temperature controlled 
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mechanical properties 19, magnetic alignment of fibrin and collagen fibers 9,10,20,21 or 

mechanical stretching of hydrogels 22. All these methods alter fiber alignment and stiffness 

inside the whole hydrogel, and don’t allow the study of individual cell responses to complex 

changes to their stiffness landscape. 

Here, we evaluate a method of patterned photocrosslinking to alter stiffness and fiber 

alignment and induce directed cell migration at a single cell level. As previously described 

by our group and others 23–25, the addition of a solution of a ruthenium compound and 

sodium persulfate promotes fibrin crosslinking in the presence of focused blue laser light in 

a confocal microscope. Crosslinking of peri-cellular fibrin via ruthenium-catalyzed 

photocrosslinking (RCP) does not affect cell viability and can precisely be applied to a 

specified ECM region around an individual cell 23. Multi-axes optical tweezers active 

microrheology (AMR) verifies the RCP-induced change in local fiber network stiffness 

anisotropy. AMR is a non-invasive method of assessing local mechanical properties of a 

hydrogel. AMR operates by applying optical forces to individual embedded microbeads, and 

then extracting mechanical properties of the surrounding ECM from the resulting microbead 

displacements 26. Past research by our group has shown AMR can be used to measure 

temporal and spatial changes in ECM-stiffness landscapes around individual cells 27,28 and 

cell colonies 29. The optical tweezers are programmed to serially oscillate along six distinct 

axes passing through the microbead centroid. Bead position is monitored by a detection 

beam and quadrant photodiode as previously described, and stiffness along each axis is 

computed from bead displacement and optical force waveforms 27. Accurate measurements 

of local stiffness anisotropy with multi-axes AMR aid in describing properties of ECM 

networks, which were previously shown to be obscured by bulk measurements 27,30. 
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Past findings reported by our group showed that RCP can promote up to a 25-fold 

increase in localized ECM stiffness of the crosslinked region as compared to control, with a 

range of stiffness values corresponding to those naturally established by the cells 23. 

Patterned crosslinking was also shown to induce stiffening outside of the crosslinked region, 

potentially due to strain hardening of the fibers. We postulated that the increase in stiffness 

outside of the crosslinked region was highly directional and anisotropic. Here, we verify that 

hypothesis and demonstrate that RCP can be used to create distinct stiffness anisotropies 

and fiber alignments both inside and outside of the crosslinked region. Furthermore, RCP 

can induce change in the direction of migration of cells exhibiting contact guidance and 

durotaxis. Exclusive of the microrheology application presented, this method can be 

implemented by any investigator with access to a laser scanning confocal microscope.  

4.3. Methods 

4.3.1. Cell culture 

Highly invasive and triple-negative human breast cancer cells, MDA-MB-231 (ATCC), 

were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM) with low glucose, L-

glutamate, and sodium pyruvate (Gibco) supplemented with 10% Fetal Bovine Serum (FBS, 

Gibco) and 1% penicillin streptomycin (Gibco). 

4.3.2. Hydrogel preparation 

Fibrin hydrogels were prepared at 2.3 mg/ml concentration and incubated at 37 °C 

and 5% CO2 for 24 h prior to stiffness measurements and imaging. Bovine stock fibrinogen 

(Sigma, SLBZ1967) was dissolved in phosphate buffered saline (PBS, Gibco), filtered and 

mixed with 2 μm carboxylated silica microbeads (0.8 mg/ml, Bangs Laboratories). For 

hydrogels with cells, 15 k/ml of MDA-MB-231 cells was also added to the solution. Following 
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the addition of bovine thrombin (4 U/ml, Sigma), each solution was polymerized into a 1 ml 

hydrogel inside of a 35 mm glass bottom dish (MatTek). Hydrogels were incubated for 30 

min, and then supplemented with 2 ml of either PBS (cell-free hydrogels) or culture media 

(hydrogels with cells). On the day of experiments, PBS or culture media was replaced by 2 

ml of DMEM with 25 mM HEPES (Gibco), 10% of FBS and 1% penicillin streptomycin. 

4.3.3. Selective photocrosslinking 

Selective photocrosslinking was conducted as previously described 23. Briefly, 200 μl 

of culture media with HEPES was substituted with 200 μl of crosslinker solution prepared 

by mixing 1.5 mg/mL tris(2,20-bipyridyl) dichlororuthenium (II) hexahydrate (Sigma) and 

2.4 mg/mL sodium persulfate (Sigma). Photocrosslinking was conducted at least 30 min 

after the addition of the crosslinker solution, but no later than 6 h. The region of interest 

(ROI) chosen for crosslinking was selected using built-in functionality of our Fluoview1200 

inverted laser scanning confocal microscope (Olympus) into which the optical tweezers 

active microrheology optics are integrated. The photocrosslinking was induced by 

illumination of the selected ROI with the 488 nm laser line (0.1 mW) focused by a high 

numerical aperture microscope objective lens (60x-oil PlanApo TIRFM 1.45NA, Olympus). A 

selected ROI was crosslinked at a height of 35 μm from the cover glass at a scanning speed 

of 2 μs/pixel and a total scan resolution of 1600 pixels x1600 pixels across the 211.2 μm by 

211.2 μm field-of-view (FOV). Circular and rectangular ROIs were crosslinked for 2000 and 

500 scans, respectively. 

4.3.4. Microstructural assessment of fibrin hydrogels 

Reflection confocal images obtained with the 559 nm laser line were used to quantify 

the effect of selective photocrosslinking on fiber alignment and pixel brightness. Image 
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contrast was normalized before fiber alignment was measured by Ulysses Castillo using the 

GTFiber software 31. Pixel brightness of fibers identified by GTFiber software was extracted 

in MATLAB (The MathWorks Inc.) using custom code. Change in fiber pixel brightness and 

fiber alignment were calculated in MATLAB by comparing results from images of the same 

field of view before and after crosslinking.  

4.3.5. Active microrheology 

Stiffness was measured using our optical tweezers active microrheology system 

previously described in Chapter 1.3.1 and in Chapter 2.3, but optimized to measure 

material properties in an arbitrary number of directions. Briefly, stiffness of the ECM is 

probed by oscillating individual microbeads using optical forces applied by a continuous-

wave fiber laser with an emission at 1064 nm (YLR-5–1064-LP, IPG Photonics). Trapping 

beam oscillations are caused by the movement of a pair of galvanometer mirrors (GVS012, 

ThorLabs), located conjugate to the back focal plane of the microscope objective lens (60x-

oil PlanApo TIRFM 1.45NA, Olympus). A detection laser beam of wavelength 785 nm is 

generated by a single mode fiber-pigtailed laser diode (LP785-SF100, ThorLabs) and co-

aligned with the trapping beam at the center of the bead. Change in bead position and 

trapping beam position are recorded by two quadrant photodiodes (detQPD and trapQPD, 

2901 and 2903, respectively, Newport) and used to calculate a complex material response 

(α*) by the relationship X= α*F, where X and F are the Fourier components of bead 

displacement and optical force, respectively. α* is computed once for each oscillation 

direction under the assumption that α* oscillates purely along that axis. Reported stiffness κ 

represents the real component of inverse α*. Each probed bead was located approximately 

35 µm from the cover glass and oscillated along 6 different directions (0, 30, 60, 90, 120 and 
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150° with respect to the horizontal axis of the camera image FOV). The trapping beam was 

oscillated with an amplitude of 60 nm and frequency of 50 Hz, unless specified otherwise. 

The proportionality parameter relating detQPD signals to bead displacements was measured 

in situ per bead and per angle of oscillation. Specifically, the sample is mounted in a stage-

top nanopositioning piezoelectric stage (P-545.xR8S PInano® XYPiezoSystem,PI). After 

centering the stage on each bead, the stage is moved 200 nm across the bead with a constant 

velocity of 100 nm/s. Recorded detQPD voltages are used to quantify the voltage-to-μm 

conversion factor 32–34, which is later used to calculate bead displacement during AMR 

measurements. Prior to AMR measurements in fibrin hydrogels, the AMR system is 

calibrated in water, as previously described 27,28.  

4.3.6. Cell tracking experiment 

The effect of micropatterned photocrosslinking on migration and orientation of MDA-

MB-231 cells was assessed using a Fluoview3000 laser scanning microscope equipped with 

a 10x-air 0.3 NA microscope objective lens (Olympus). This part of the project was carried 

out by Qingda Hu. Hydrogels were incubated in a ThermoBox environmental chamber (Tokai 

Hit) and a stage top incubator (Tokai Hit) with 15% oxygen and 5% CO2. Photocrosslinking 

was initiated at least 30 min after the addition of the crosslinking solution to allow for 

diffusion of the crosslinker solution evenly throughout the hydrogel. Two 1000 μm by 50 μm 

rectangles separated by 100 μm were selected using built-in functionality of the 

Fluoview3000 system and crosslinked for 2000 scans using the 488 nm laser line (0.1mW). 

A selected ROI was crosslinked 100 μm from the cover glass at a scanning speed of 2 μs/pixel 

and a total scan resolution of 4096 pixels x 4096 pixels across a 1088 μm x 1088 μm FOV. 
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Crosslinking settings were chosen to match the total light energy used in cell-free studies 

and the Fluoview1200 microscope.  

Afterwards, the crosslinking solution was washed out three times with fresh media. 

The fibrin hydrogels were incubated at 37 °C and 5% CO2 for at least 15 min between the 

washes to allow for crosslinker diffusion. Next, hydrogels were hydrated with fresh media 

and returned to the stage top incubator for imaging. Cells between the crosslinked 

rectangles, and control cells at least 2 mm away from any crosslinked region were then 

imaged every hour for up to 100 h using the Fluoview3000 with a 4x-air 0.16NA objective 

lens (Olympus). Cell viability after crosslinking a single 1000 μm by 50 μm rectangle was 

confirmed with live-dead staining, as described previously 23. Briefly, 2µM calcein AM 

(Invitrogen) excited with the 488 nm laser line was used to identify live cells and 4 µM 

ethidium homodimer (Invitrogen) excited with the 561 nm laser line was used to identify 

dead cells.  

Analysis of cell migration was conducted by first hand-tracing cells in each FOV using 

Fiji 35. Afterwards, cell directional bias, cell speed, orientation and direction of cell migration 

were quantified using a custom MATLAB script. Forward migration index (FMI) was 

calculated in MATLAB as the average of the ratio of cell displacement in either horizontal 

(FMIX) or vertical (FMIY) direction to total distance traveled by each cell 11.  

4.3.7. Statistical analysis 

Non-parametric statistical analyses at a significance level of 0.05 were conducted to 

compare non-normally distributed stiffness values (p < 0.01, Kolmogorov-Smirnov test). The 

Friedman test was used to compare stiffness measurements between each oscillation axes. 

The Kruskal–Wallis test was performed for comparison of multiple groups. The post-hoc 
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Tukey–Kramer test was used to compare specific groups. Distance-dependance of stiffness 

was described using Spearman's rank correlation coefficient, while change in fiber alignment 

with distance was compared using ANOVA. The Pearson correlation coefficient was used to 

quantify the correlation between stiffness and frequency or amplitude of bead oscillation 

and to assess the time-dependency of cell migration speed. FMI values were compared using 

Student’s t test. All statistical tests were performed in MATLAB.  

4.4. Results 

4.4.1. Circular RCP causes radial stiffening 

The effect of RCP on stiffening local fibrin networks has been previously described by 

our group and it was proposed that RCP promotes radial stiffening outside of the crosslinked 

region 23. Following enhanced capabilities of our AMR system, we can now test this 

hypothesis and measure stiffness in an arbitrary number of directions. Here, stiffness (𝜅) of 

the fibrin network was measured 24 h after sample preparation by oscillating embedded 

microbeads at 0°, 30°, 60°, 90°, 120° and 150° with respect to the horizontal axis of the 

camera (FOV).  

In the first set of experiments, a crosslinking solution of ruthenium compound and 

sodium persulfate was added to 2.3 mg/ml fibrin hydrogels (Figure 4.1A) and allowed to 

diffuse for 30 min. 𝜅 within a single FOV was measured along each oscillation axes. These 

measurements verified that 𝜅 of the local fibrin network was isotropic (Friedman test, p = 

0.22, Figure 4.1B-C). Afterwards, a crosslinking reaction was initiated by exposing a 50 µm 

diameter circular region to the 488 nm laser light for the duration of 500 scans (Figure 

4.1D). As described previously 23–25, 488 nm light is absorbed by the ruthenium compound 

and initiates the crosslinking reaction by oxidizing tyrosine residues to form a dityrosine 
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crosslink in the presence of sodium persulfate. The effect of crosslinking on stiffness 

gradients is represented by Figures 4.1E-F (nbeads = 163, nsample = 4). In Figure 4.1E, 𝜅 at each 

bead is measured in all 6 directions and represented by a segmented circle with segments 

that align with the axes of oscillation, and are color-coded for stiffness. For each bead, the 

axis of largest stiffness is plotted in Figure 4.1F. Results indicate that after crosslinking, 𝜅 

within the circular region increased by a factor of 2.11, when comparing median values 

across all 6 directions. Stiffness within the circular crosslinked region was also found to be 

isotropic, based on probing 15 beads (p = 0.15). Outside of the crosslinked region, 𝜅 also 

increased, although predominantly in the radial direction. Figures 4.1G-H represent 

measured 𝜅 as a function of distance away from the center of the crosslinked region and the 

angle by which the axis of AMR oscillation deviates from the radial direction. Stiffness 

measured along the radial direction is plotted at 0°, while stiffness measured along the 

tangential direction is plotted at 90°. Before crosslinking, 𝜅 was found to be independent of 

distance from the circle center or deviation angle (p = 0.52, Figure 4.1G, Suppl. Table 4.1). 

After crosslinking, stiffness probed up to 30° from the radial direction and as far as 75 µm 

from the crosslinked region was found to be significantly higher than control stiffness 

(Figure 4.1H). In fact, within this ±30° bin, stiffness of the crosslinked region did not differ 

significantly from that of regions located up to 25 μm (p = 0.55), 25-50 μm (p = 0.33) or even 

50-75 μm (p = 0.22) away from the crosslinked region. In contrast, stiffness probed 60-90° 

away from the radial direction did not differ from control stiffness (Suppl. Table 4.1), 

regardless of distance away from the crosslinked region center. While radial stiffening did 

depend to some extent on the duration of crosslinking, a maximum radial stiffening effect 

was observed with 500 scans, and even after 2000 scans stiffness probed 60-90° away from 
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the radial direction did not differ from the control stiffness (Suppl. Figure 4.1B-C). During 

crosslinking, pixel brightness increased for up to 2000 scans (Suppl. Figure 4.1D), 

predominantly inside the crosslinked region (Figure 4.1I).  

 

Figure 4.1. The effect of crosslinking a circular region. (A, D) Reflection confocal images before 
(A) and after (D) crosslinking a circular region marked by the yellow dashed line. Stiffness was 
probed in 6 directions using multi-axes AMR before (B) and after (E) crosslinking. Stiffness is color-
coded separately for each direction of bead oscillation. Crosslinked region is marked by a dark gray 
background. (C, F) Direction of the highest stiffness is represented by arrows before (C) and after (F) 
crosslinking. (G, H) Change in stiffness with the distance away from the crosslinked circle center 
(yellow background) and angle of deviation of probed bead position from the radial direction before 
(G) and after (H) crosslinking. (I) Change in pixel brightness with distance from the crosslinked circle 
center. Crosslinked region is denoted by dashed rectangle. Median ± IQR.  

4.4.2. Rectangular RCP creates distinct stiffness anisotropies inside and outside of the 

crosslinked region 

Thin rectangular crosslinked regions were also studied due to their intuitive one-

dimensional Cartesian symmetry, which was particularly useful when examining the volume 
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between two neighboring crosslinked regions. At first, a single 50 μm by 200 μm rectangular 

region was crosslinked using the same scanning duration and laser power settings as used 

for circular regions (Figure 4.2A). After crosslinking, 𝜅 was probed inside and outside of the 

crosslinked region (Figure 4.2B, nbeads = 165, nsample= 4). Control stiffness measurements 

were conducted before crosslinking, but not necessarily in the same FOV. Figure 4.1A is 

representative of all control conditions before crosslinking. Inside the crosslinked region, 𝜅 

was found to be higher than control stiffness in all directions, except along the short axis of 

the rectangle (0°, p = 0.71). Stiffness anisotropy in the crosslinked region was observed and 

𝜅 probed along the long axis of the rectangle (90°) was significantly higher than 𝜅 probed 

along 0° (p < 0.01, nbeads = 52, Suppl. Table 4.2). Outside of the crosslinked region, 𝜅 

measured at 0° was significantly higher than both control stiffness (p = 0.02) and stiffness 

probed at 90° (p < 0.01), but not different from 𝜅 probed at 0° inside the crosslinked region 

(p >> 0.99). Direction of the highest stiffness is visualized by arrows in Figure 4.2C, 

indicating diverse anisotropies both inside and outside of the crosslinked region. While 

stiffness probed at 0° did not show distance-dependency, stiffness probed at 90° decreased 

with the distance away from the crosslinked region (Suppl. Figure 4.2A; p < 0.05).  
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Figure 4.2. The effect of crosslinking a rectangular region. (A) Reflection confocal image after 
crosslinking a region marked by the yellow dashed line. (B) Stiffness was probed in 6 directions using 
multi-axes AMR Stiffness is color-coded separately for each direction of bead oscillation. Crosslinked 
region is marked by a dark gray background. (C) Direction of the highest stiffness is represented by 
arrows. (D) Fiber alignment within (red) and beyond (black) the crosslinked region. (E) Change in 
pixel brightness with distance from the crosslinked region (denoted by dashed rectangle). Median ± 
IQR.  

These findings are corroborated by image analysis of fiber architecture before and 

after crosslinking. Orientation distribution of fibers was measured by processing reflection 

confocal images in GTFiber software for automated analysis of fibrillar morphologies 31. 

After crosslinking, the crosslinked region showed a bias towards 90° fiber orientation 

(Figure 4.2D). Change in fiber alignment was not detected outside of the crosslinked region 

when considering that region as a whole, or binning it into regions located 0-50, 50-100, and 

100-150 μm away from the crosslinked region (repeated measures ANOVA; p = 0.70, Suppl. 
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Figure 4.2B). Pixel brightness increased notably inside the crosslinked region, a finding 

consistent with our previous work 23 (Figure 4.2E). An increase in pixel brightness was also 

observed outside of the crosslinked region, although to a lesser extent. Pixel brightness 

decreased significantly with distance away from the crosslinked region (Spearman's rank 

correlation coefficient, rs = -0.62, p <0.01).  

4.4.3. Pairs of rectangular crosslinked regions establish more pronounced stiffness 

anisotropies 

In order to establish more pronounced stiffness anisotropies, two 50 μm by 200 μm 

rectangles were crosslinked parallel to one another (Figure 4.3A). Rectangles were 

separated by either 50 μm (defined as R50) or 100 μm (defined as R100). After each 

treatment, 𝜅 was significantly higher than control stiffness in all directions, both inside and 

outside of the crosslinked regions (p < 0.01, Suppl. Table 4.2). Stiffness in crosslinked 

regions was comparable between R50 and R100 treatments (Figure 4.3B-C), as is also true 

for the non-crosslinked regions. For both R50 and R100, stiffness anisotropy was biased 

towards 90° inside the crosslinked regions, but towards 0° between the crosslinked regions. 

Interestingly, stiffness measured along the 0° direction did not change with the horizontal 

coordinate of probed beads. This holds true within and between the crosslinked regions. This 

result is in agreement with that observed up to 110 μm away from a single crosslinked 

rectangle (Figure 4.2B). However, 𝜅 within each crosslinked region was higher in the case 

of two crosslinked rectangles as compared to a single rectangle (with the exception of 𝜅 

probed at 90°; Suppl. Table 4.2). Similarly, when comparing regions equidistant from a 

crosslinked rectangle and probed at 0°, R50 and R100 treatments resulted in higher stiffness 
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between the crosslinked rectangles than stiffness measured in regions adjacent to a single 

crosslinked rectangle (Suppl. Table 4.3).  

 

Figure 4.3. The effect of crosslinking two rectangular regions. (A) Reflection confocal images 
after crosslinking rectangles separated by 50 µm (R50) or 100 µm (R100) - marked by the yellow 
dashed lines. (B) Stiffness was probed in 6 directions using multi-axes AMR. Stiffness is color-coded 
separately for each direction of bead oscillation. Crosslinked region is marked by a dark gray 
background. (C) Direction of the highest stiffness is represented by arrows. (D) Fiber alignment 
within (red) and beyond (black) the crosslinked region. (E) Change in pixel brightness with distance 
from the crosslinked region (denoted by dashed rectangle). Median ± IQR.  
 

An additional experiment was conducted to assess the extent by which AMR 

measurements of 𝜅 were frequency or bead-displacement amplitude dependent. AMR was 

conducted at different frequencies and amplitudes of bead oscillations following single 

rectangle, R50, or R100 crosslinking treatment. Stiffness was not significantly correlated 

with oscillation amplitudes ranging between 40 and 80 nm (Suppl. Figure 4.3), and was 
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mostly independent of oscillation frequencies between 20 and 200 Hz (Suppl. Figure 4.4). 

The Pearson correlation coefficient r did not exceed r = -0.19 and r = 0.15 for amplitude and 

frequency testing, respectively. 

Fiber alignment after crosslinking either one or two rectangles was subtle and not 

evident without computational image analysis. Analysis in GTFiber software indicated that 

crosslinking two rectangles instead of one resulted in similar alignment inside the 

crosslinked region, but more prominent horizontal alignment outside of crosslinked regions 

(Figure 4.3D). In all cases fiber alignment was biased towards the 90° orientation inside the 

crosslinked region and towards the 0° orientation outside of the crosslinked region. After 

both R50 and R100 treatments, pixel brightness was higher inside the crosslinked regions, 

than between them (Figure 4.3E).  

4.4.4. RCP induces changes in cell migration 

Next, the effect of patterned photocrosslinking on direction of cell migration was 

evaluated in fibrin hydrogels containing MDA-MB-231 cells. MDA-MB-231 human breast 

cancer cells are known to respond to stiffness gradients in 2D and 3D cultures and were 

previously shown to display positive durotaxis 11,36,37. Here, two 1000 μm x 50 μm rectangles 

spaced by 100µm were crosslinked for 2000 scans using the 488 nm laser line of a 

Fluoview3000 microscope. Rectangles were oriented vertically with respect to the field of 

view (Figure 4.4A). Unlike the Fluoview1200 system used for AMR measurements, the 

Fluoview3000 is equipped with a stage top incubator for multi-day studies. Cells were 

observed every hour for up to 100 h following crosslinking (ncells = 15, Figure 4.4A). Control 

cells were imaged similarly (ncells = 25, Figure 4.4A). 
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Figure 4.4. RCP induces changes in migratory behavior of MDA-MB-231 cells. (A) Trajectories 
of control cells (left) and cells between (right) the crosslinked rectangular regions (dark gray). (B) 
Change in average cell speed with time after crosslinking, calculated between every 1 h for control 
cells (left) and cells between the crosslinked regions (right). (C) Directional bias defined as a 
difference in absolute displacement in the vertical and horizontal direction for control cells (blue 
line) and cells between the crosslinked regions (white line). (D) Dominant cell orientation and (E) 
dominant direction of cell migration, represented with respect to the distance away from the 
crosslinked region and binned for every 10 μm (F) FMI index values for each cell in the direction 
perpendicular (light grey background) and parallel (dark grey background) to the crosslinked region. 
Mean FMI values are denoted by red markers; * denotes statistical significance. 
 

Cells between the crosslinked regions were found to migrate at lower speeds than 

control cells (p < 0.01, Figure 4.4B). Cells located centrally between the crosslinked regions 

were more likely to move in the horizontal direction (directional bias < 0, Figure 4.4C) than 

in the vertical direction. However, as cells moved closer to the crosslinked region, they 

exhibited a vertical directional bias (directional bias > 0). Similarly, cells located in the 

central region exhibit horizontal-dominant direction of cell orientation (Figure 4D) and cell 

migration (Figure 4.4E). These trends transition to vertical near to the crosslinked 
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rectangles. Forward migration indices (FMI) did not differ from 0 for control cells in either 

horizontal (FMIX; p = 0.72, Figure 4.4G) or vertical (FMIY; p = 0.26) direction. In contrast, 

cells between the crosslinked regions had higher FMIX than control cells (FMIX = 0.23, p < 

0.01), while FMIY in the vertical direction (FMIY = 0.12) did not differ from control FMIY (p = 

0.29). 

4.5. Discussion 

In this study we verified ruthenium-catalyzed photocrosslinking (RCP) as a suitable 

tool for creating distinct stiffness landscapes and anisotropies, both inside and outside of 

crosslinked regions. The use of multi-axes AMR allowed us to assess relationships between 

fiber alignment and stiffness anisotropy, where such properties are not accessible using 

surface probe technologies, single axis AMR, or bulk measurements. Crosslinking a circular 

region resulted in radial stiffening towards the center of the crosslinked region. Stiffness 

inside the crosslinked region was found to be isotropic and 2.1-fold higher than before 

crosslinking. Fold-increase in stiffness after RCP was comparable with the effect of magnetic 

alignment of fibers 10 and with other methods of creating stiffness gradients in natural 

hydrogels 38.  

In order to further investigate RCP effect on local ECM changes, different crosslinked 

geometries were explored. Rectangular crosslinking promoted stiffening and fiber alignment 

inside the crosslinked region biased along the long axis of the rectangle. Outside of the 

crosslinked region, the reverse bias was observed up to 110 μm away from the crosslinked 

rectangle, suggesting that the region is under tension and RCP may induce strain hardening. 

Interestingly, stiffness measured in the horizontal direction (0°) did not change with probed 

bead location indicating lack of measurable spatial gradients (Suppl. Figure 4.2A, Suppl. 
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Figure 4.5). The lack of distance-dependent stiffness gradients probed at 0° is consistent 

with strain hardening. In contrast, stiffness gradients with respect to the horizontal axis of 

the image were detected when stiffness was measured along 60°, 90° and 120° direction 

(Suppl. Figure 4.2A, Suppl. Figure 4.5).  

Crosslinking two rectangles instead of one resulted in higher stiffness and a greater 

change in fiber alignment. Surprisingly, we found pixels in between the crosslinked regions 

to be brighter for R50 as compared to R100. Such differences in pixel brightness could be 

indicative of diffusion of the crosslinking radicals from the laser-scanned region. However, 

crosslinking results in a detectable autofluorescence (Ex: 561 nm, Em: 570-670 nm) and only 

fibers in the selected laser-scanned region had detectable signal, suggesting that chemical 

alterations were highly localized (Suppl. Figure 4.6). 

MDA-MB-231 cells exhibited behavior consistent with contact guidance along a 

network of fibers aligned by micropatterned RCP. The cells favored horizontal migration 

between the crosslinked rectangles where fibers were biased towards the horizontal 

direction (Figure 4.4C). As cells approached the crosslinked regions with fibers exhibiting 

more vertical orientation, they orientated themselves accordingly. Similarly, cell orientation 

was shown to correspond with the axis of the highest stiffness. Our experiments show that 

not only were fibers aligned, but stiffness was anisotropic, and these ‘off-axis’ stiffness values 

did exhibit gradients in the horizontal direction (Suppl. Figure 4.5). In consideration of 

biophysical cues, it is possible that effects of contact guidance were supplemented by these 

gradients, a phenomena currently being investigated by our group. 

Changes in fiber alignments introduced by RCP are quite subtle, and significantly less 

prominent than changes caused by magnetic alignment of fibers 9,20,21 or mechanical 
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stretching of hydrogels 22. Nonetheless, observed changes in migratory behaviour and 

alignment of MDA-MB-231 cells indicate that the effect of RCP on fiber alignment and 

stiffness landscape is strong enough to promote directed cell migration. Moreover, unlike 

other existing methods, RCP can alter stiffness landscape and anisotropy around individual 

cells embedded inside 3D fibrous hydrogels and allows for observation of a single cell’s 

response to changes in local ECM physical properties. Relevant to such studies, the extent of 

stiffness anisotropy and fiber alignment can be readily controlled by crosslinking duration, 

delivered light dose, photoinitiator concentration or by modifying the geometry of the 

crosslinked region. Further, compared to commonly used crosslinking techniques developed 

for synthetic hydrogels 39,40 or riboflavin-based crosslinking of naturally-derived fibrous 

hydrogels 41, RCP does not require the use of ultraviolet (UV) light. RCP can be induced using 

a 488 nm laser line, which is safer for cells and readily available in most confocal laser 

scanning microscopes. 

4.6. Conclusion 

In this study, multi-axes AMR and analysis of reflection confocal microscopy images 

were used to assess the effect of micropatterned ruthenium-catalyzed photocrosslinking on 

local ECM stiffness anisotropy and fiber alignment. We verified that RCP can be applied to 

establish distinct local stiffness anisotropies in adjacent regions. Cells were shown to 

respond to RCP-mediated changes and exhibited directed cell migration congruent with fiber 

alignment direction, axis of greatest stiffness, and in a direction for which off-axis stiffness 

values do exhibit spatial gradients. The usefulness of RCP in cell-ECM studies is further 

underscored by its wide availability to most investigators and applicability to fibrous 3D 

hydrogels and other strain-hardening materials. 
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4.8. Supplementary materials 

 

Suppl. Figure 4.1. Supplementary data to Figure 4.1. (A) Reflection confocal images of the same FOV 
before and after 250, 500, 1000 and 2000 crosslinking scans. Crosslinked region is marked by yellow 
dashed line (B) Stiffness measurements inside (dark gray background) and outside (light gray 
background) of the crosslinked region. Segmented circles represent a single probed bead where 
segment orientation corresponds to axis of bead oscillation. Each segment is color-coded for stiffness. 
(C) Direction of the highest stiffness for each segmented circle in (B) is indicated by the direction of 
the arrow. (D) Change in pixel brightness with distance from the center of the crosslinked circle. 
Change is relative to pixel brightness before crosslinking. 
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Suppl. Figure 4.2. Supplementary data to Figure 4.2. (A) Change in stiffness with distance from the 
left edge of the crosslinked region (dashed line). Median ± IQR. Spearman's rank correlation 
coefficient rs calculated outside of the crosslinked region and corresponding p values are listed for 
each direction of bead oscillation (0°, 30°, 60°, 90°, 120°, 150°). (B) Change in fiber alignment with 
normal distance from the crosslinked region (single rectangular crosslinked region). Mean ± std. 



 

132 
 

 
Suppl. Figure 4.3. Supplementary data to Figures 4.2 and 4.3. Distribution of stiffness measured at 
different amplitudes of bead oscillation inside (light gray) and outside (dark gray) of the single 
rectangle (A, D), R50 (B, E) or R100 (C, F) treatment. Beads were oscillated at either 0° (A-C) or 90° 
(D-F). Median stiffness is represented by black lines. Pearson correlation coefficient r and 
corresponding p-statistics are listed for each condition. Median control stiffness is represented by 
red dashed line. 

 
Suppl. Figure 4.4. Supplementary data to Figures 4.2 and 4.3. Distribution of stiffness measured at 
different frequencies of bead oscillation inside (light gray) and outside (dark gray) of the single 
rectangle (A, D), R50 (B, E) or R100 (C, F) treatment. Beads were oscillated at either 0° (A-C) or 90° 
(D-F). Median stiffness is represented by black lines. Pearson correlation coefficient r and 
corresponding p-statistics are listed for each condition. Median control stiffness is represented by 
red dashed line. 
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Suppl. Figure 4.5. Supplementary data to Figure 3. Change in stiffness with probed bead location 
after R50 (A) and R100 (B) treatment in cell-free hydrogels. Median ± IQR. Median stiffness of 
hydrogels before crosslinking is denoted by the red line. 

 
Suppl. Figure 4.6. Autofluorescence of the crosslinked region imaged by the FV3000 confocal 
microscope using microscope setting for the ethidium homodimer but increasing pixel brightness. 
Scale bar = 200 μm.  
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Suppl. Table 4.1. Supplementary table to Figure 4.1G-H: p-statistics using Tukey-Kramer test after 
Kruskal-Wallis test. 
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Suppl. Table 4.2. Supplementary table to Figure 4.2B and 4.3B: p-statistics using Tukey-Kramer test 
after Kruskal-Wallis (white background) or Friedman (green background) test. 
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Suppl. Table 4.3. Supplementary table to Figure 4.2B and 4.3B comparing stiffness probed up to 25 
μm (A) or 50 μm (B) from the crosslinked region: p-statistics using Tukey-Kramer test after Kruskal-
Wallis test. 
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Chapter 5: Conclusions 

Cell-ECM interactions are highly complex, dynamic and not yet fully understood. In 

context of my work, stiffness of local ECM was previously described to regulate numerous 

cellular behaviors, alter wound healing processes and cancer progression. Cells in the human 

body sense local stiffness and can also exhibit contact guidance and durotaxis, migrating 

along the direction of fiber alignment or along the stiffness gradients, respectively. 

Nonetheless, studies on cell-ECM interactions in 3D cultures have often been hindered by the 

lack of available tools to measure and dynamically alter peri-cellular ECM stiffness. 

My thesis is a continuation of our laboratory’s research on probing peri-cellular 

stiffness using optical tweezers active microrheology. With my work, I introduced multi-axes 

stiffness measurements and quantified not only stiffness magnitudes around the cells but 

also described the extent of stiffness anisotropy established by the cells or induced with 

patterned photocrosslinking method. In Chapter 2, I demonstrated the effect of different 

treatments on local stiffness magnitudes and anisotropy around dermal fibroblasts and 

human breast cancer cells. Stiffness anisotropy patterns were shown to vary strongly with 

concentration of collagen hydrogels, cell type and tested treatment. In Chapter 3, I described 

cell type specific response to a wider range of collagen concentrations. Unlike in Chapter 2, 

and irrespective of the collagen concentration, cells did not strongly alter stiffness of local 

ECM, suggesting that cell remodeling of ECM stiffness varies with the duration of cell culture. 

Further, the role of ECM type was also assessed in Chapter 3, elucidating distinct cell 

behaviors and peri-cellular stiffness landscapes varying with ECM type and treatment. Taken 

together, findings described in Chapter 2 and Chapter 3 underscore the need for peri-cellular 

and not bulk stiffness measurements in studies on cellular mechanotransduction. 
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In Chapter 4, I validated the method of ruthenium-catalyzed patterned crosslinking 

as a useful tool in studying directed cell migration. Patterned crosslinking introduced 

distinct stiffness anisotropies and fiber alignment patterns in regions close to the cells. In 

response to changes in fiber architecture and stiffness landscape, human breast cancer cells 

exhibited contact guidance and durotaxis. These two widely known phenomena have not 

been extensively studied on a single cell level inside naturally-derived fibrous hydrogels. I 

am hopeful that this method can be applied by other researchers to further our knowledge 

of processes governing directed cell migration and improve our understanding of cell-ECM 

interactions. 

 
 
 
 
 




