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Abstract 

Making it clear: evolution, development and genetic basis of wing transparency in 
Lepidoptera  

by 
      

Aaron Ford Pomerantz 

Doctor of Philosophy in Integrative Biology  

University of California, Berkeley  

Professors Nipam H. Patel & Peter Sudmant, Co-Chairs 

 
Pause for a moment, close your eyes, and picture a few of the most beautiful living 
organisms that come to your mind... What did you see? Perhaps the creatures were 
bright and shiny. Perhaps they were colorful and charismatic. Perhaps one of the 
beautiful creatures you pictured was a butterfly. Indeed, the diversity of colorful patterns 
in butterflies have captivated humans for centuries. Moreover, their wings have 
influenced studies in a variety of scientific fields, including evolutionary biology, ecology, 
and biophysics. 

Lepidopteran wings are covered with thousands of flat overlapping scales, each 
one of which derives from a single cell. The scales on an adult are cuticular projections 
that serve as the unit of color for the wing. Each scale can generate color through 
pigmentation, which results from molecules that selectively absorb certain wavelengths, 
or due to light interacting with physical nanoarchitecture on the scales, known as 
structural color. Thus far, researchers have made progress in understanding genetic 
pathways responsible for pigment production and the early transcription factors and 
signaling molecules that demarcate wing pattern positions. It remains less clear, 
however, what precise genes and pathways give rise to an individual wing scale cell, 
how such a novel cell type evolved, or what factors modulate cuticular micro- and 
nanostructures that generate specific optical properties. 

To better understand processes underlying scale and nanostructure development 
in Lepidoptera, my dissertation focuses on a unique optical strategy: wing transparency. 
The wings of butterflies and moths are typically covered with thousands of flat, 
overlapping scales that endow the wings with colorful patterns. Yet, numerous species 
of Lepidoptera have evolved highly transparent wings, which often possess scales of 
altered morphology and reduced size, and the presence of membrane surface 
nanostructures that dramatically reduce reflection. This trait has been interpreted as an 
adaptation in the context of camouflage, in which numerous lineages independently 
evolved transparent wings as a form of crypsis to reduce predation. 
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In order to unravel the biological processes of wing transparency, I engaged in 
an interdisciplinary collaboration (including the labs of Nipam Patel, Marianne Elias, 
Doris Gomez and Serge Berthier) at the interface of physics, developmental biology and 
evolutionary ecology. Working in parallel with our collaborators, we aimed to investigate 
the structure, development and evolution of wing transparency in butterflies and moths 
by implementing experimental and phylogenetic comparative methods. We revealed a 
diversity of structural features that underlie transparent wings, notably modifications of 
scale morphology, size, and density, and the presence of finely-tuned nanostructures on 
the surface of the wing membrane that generate anti-reflective properties. We were able 
to characterize developmental processes of wing micro- and nanostructure formation of 
glasswing butterflies that were raised in the field and in the lab, and additionally utilized 
museum specimens and data to identify correlations between light transmission (a 
quantitative measure of transparency) and structural features. Together, our results 
provide insight into the development, ecology and evolutionary history of terrestrial 
transparency within Lepidoptera, highlighting multiple lineages that have independently 
evolved clearwing phenotypes, as well as potential trade-offs related to 
thermoregulation, water repellency and predation pressure. 

One of my main experimental systems became the so-called ‘glasswing butterfly’ 
Greta oto, which has thin, vertically oriented scales and nanopillars coating the wing 
membrane that enable omnidirectional anti-reflective properties. My collaborators and I 
employed a multitude of techniques, including confocal and electron microscopy, GC-
MS, optical spectroscopy and analytical simulations to characterize wing development, 
comparing transparent and non-transparent wing regions. We found that during early 
wing development, scale precursor cell density was reduced in transparent regions, and 
cytoskeletal organization during scale growth differed between thin, bristle-like scale 
morphologies within transparent regions and flat, round scale morphologies within 
opaque regions. We also show that nanostructures on the wing membrane surface are 
composed of two layers: a lower layer of regularly arranged nipple-like nanostructures, 
and an upper layer of irregularly arranged wax-based nanopillars composed 
predominantly of long-chain n-alkanes. By chemically removing wax-based nanopillars, 
along with optical spectroscopy and analytical simulations, we demonstrate their role in 
generating anti-reflective properties. These findings provide insight into morphogenesis 
and composition of naturally organized microstructures and nanostructures, and may 
provide bioinspiration for new anti-reflective materials.  

Additionally, I undertook a comparative transcriptomic analysis to identify 
molecular pathways involved in scale cell development in the buckeye butterfly Junonia 
coenia and the giant silkmoth Antheraea polyphemus. I also investigated differential 
expression between two regions within the wing of A. polyphemus: a region we refer to 
as a transparent ‘window’ in which scale cells do not develop, and an adjacent region 
that undergoes canonical scale development. I then applied fluorescent in situ 
hybridization and CRISPR/Cas9 induced knockouts to characterize the spatiotemporal 
expression and function of genes involved in scale cell development. Comparative 
RNA-seq between J. coenia and A. polyphemus uncovered genes with similar 
expression levels during early pupal wing development and scale precursor 
differentiation, including proneural, cell cycle, and Notch signaling factors. At later pupal 
stages, when scale cell projections are forming and maturing, I identified genes with 
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similar expression levels related to cytoskeletal organization, melanization, cuticle 
formation, and chitin-synthesis. Using stage-specific transcriptomic analysis followed by 
in situ hybridization, I uncover a suite of genes that likely play conserved roles in scale 
cell patterning and morphogenesis in butterflies and moths. I identified two achaete 
scute homologs (ASH1, ASH2) expressed at the scale cell precursor stage and loss of 
function of ASH2 resulted in the loss of scale cells. In contrast, loss of function of the 
Notch receptor led to overproduction and dense clusters of scale cells, likely due to 
improper lateral inhibition during scale precursor cell differentiation. I also identified that 
the ‘window’ scaleless region in A. polyphemus is associated with high expression 
levels of Wnt ligands, including wingless, and the bHLH transcription factor hairy, a 
negative regulator of sensory bristles, revealing how putative co-option of neurogenesis 
regulatory factors could contribute to scale cell patterning in Lepidoptera. 

Finally, I lay out a new and easy-to-follow protocol for portable, rapid, field-
deployable amplicon sequencing through the use of new miniaturized lab equipment, 
which can be beneficial for biodiversity exploration and educational programs. Human-
mediated environmental change is depleting biodiversity faster than it can be 
characterized, while invasive species cause agricultural damage, threaten human 
health, and disrupt native habitats. Consequently, the application of effective 
approaches for rapid surveillance and identification of biological samples is increasingly 
important to inform conservation efforts. Taxonomic assignments have been greatly 
advanced using sequence-based applications, such as DNA barcoding, a diagnostic 
technique that utilizes polymerase chain reaction (PCR) and DNA sequence analysis of 
standardized genetic regions. However, in many biodiversity hotspots, endeavors are 
often hindered by a lack of genomic infrastructure and funding for biodiversity research 
and restrictions on the transport of biological samples. A promising development is the 
advent of low-cost, miniaturized scientific equipment. Such tools can be assembled into 
functional laboratories to carry out genetic analyses in situ, at local institutions, field 
stations, or classrooms. 
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Introduction to the work 
In this dissertation I will present the findings of my doctoral research on the evolution, 
development, and genetic basis of wing transparency in butterflies and moths. 
Additionally, I provide a new protocol for long-range DNA amplicon sequencing using 
miniaturized laboratory equipment. What follows are four main chapters, beginning with 
an introduction summarizing the current state of the field and ending with a look forward 
to the future. Below is a brief summary of each chapter: 
 
Chapter 1: I present the reader with a summary of why transparency is a fascinating, 
yet poorly studied, optical property in living organisms and how we have taken an 
interdisciplinary approach to address scientific questions using Lepidoptera as our study 
system. We show that within Lepidoptera, transparency has evolved multiple times 
independently and with these multiple gains comes a large diversity of morphological 
innovation. 
 
Chapter 2: In the second chapter, I elucidate aspects of the developmental, cellular and 
biochemical basis of transparency. Recent studies have explored aspects of structural 
diversity, optical properties and phylogenetic distribution of transparency within 
butterflies and moths, which often possess scales of altered morphology and reduced 
size, and the presence of membrane surface nanostructures that dramatically reduce 
reflection. However, the developmental processes underlying transparency are currently 
unknown, let alone the dynamic formation of butterfly nanostructures in general. This 
presents a gap in our understanding of how wing scale microstructure morphologies 
and membrane surface nanostructures are generated within a living system. I therefore 
set out to explore the development of wing transparency in the so-called ‘glasswing 
butterfly’ Greta oto, which has thin, vertically oriented scales and irregularly arranged 
nanopillars on the wing membrane that enable omnidirectional anti-reflective properties. 
I demonstrated that this species could be easily reared in the lab, which allowed us to 
employ a multitude of techniques, including confocal and electron microscopy, GC-MS, 
optical spectroscopy and analytical simulations. I was then able to create a series of 
wing development stages for the first time, comparing transparent and non-transparent 
wing regions. 
 
Chapter 3: In the third chapter, I explore the genetic basis of scale development and a 
form of wing transparency that occurs via suppression of scale development. I carried 
out stage-specific RNA sequencing of micro-dissected wing tissue in the buckeye 
butterfly Junonia coenia and the giant silkmoth Antheraea polyphemus to identify 
conserved differentially expressed genes. Additionally, I investigated differential 
expression between two regions within the wing of A. polyphemus: a region we refer to 
as a ‘window’ in which scale cells do not develop, and an adjacent region that 
undergoes canonical scale development. I then applied fluorescent in situ hybridization 
and CRISPR/Cas9 induced mutagenesis to characterize the spatiotemporal expression 
and function of several genes involved in wing scale development. I also identified that 
the ‘window’ scaleless region in A. polyphemus is associated with high expression 
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levels of Wnt ligands, including wingless, and the bHLH transcription factor hairy, a 
negative regulator of sensory bristles, revealing how co-option of neurogenesis 
regulatory factors could contribute to scale cell patterning in lepidoptera. 
 
Chapter 4: Finally, in chapter four I lay out a protocol for DNA amplicon sequencing 
using miniaturized laboratory equipment for genetic biomonitoring and biodiversity 
exploration. I believe that recent advancements in miniaturized scientific tools (such as 
handheld thermocyclers and DNA sequencers) enable promising opportunities to “bring 
the lab into the field” and offer increased accessibility to equipment, which can promote 
local capacity building. Such advancements offer new and exciting opportunities to 
investigate and understand living organisms in the context of their natural environment. 
This is especially important today, as human-mediated environmental change is 
depleting biodiversity faster than it can be characterized, while invasive species cause 
agricultural damage, threaten human health, and disrupt native habitats. Consequently, 
the application of effective approaches for rapid surveillance and identification of 
biological samples is increasingly important to inform conservation efforts. Taxonomic 
assignments have been greatly advanced using sequence-based applications, such as 
DNA barcoding, a diagnostic technique that utilizes polymerase chain reaction (PCR) 
and DNA sequence analysis of standardized genetic regions. However, in many 
biodiversity hotspots, endeavors are often hindered by a lack of genomic infrastructure 
and funding for biodiversity research and restrictions on the transport of biological 
samples. A promising development is the advent of low-cost, miniaturized scientific 
equipment. Such tools can be assembled into functional laboratories to carry out 
genetic analyses in situ, at local institutions, field stations, or classrooms. Here, I outline 
all the steps required to perform amplicon sequencing applications outside of a 
conventional laboratory environment using miniaturized scientific equipment. 
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Chapter 1: Introduction and background 

Why study wing transparency in Lepidoptera? 
Lepidoptera (butterflies and moths) are a widespread and diverse order of insects, with 
over 180,000 described species. As the name of the order suggests, members of this 
group are characterized in part by wings that are covered with scales, after the ancient 
greek lepís = scale and pterón = wing. Adult scales are cuticular projections that derive 
from single cells during pupal development and serve as the unit of color for the wing. 
Each scale can generate color through pigmentation, which results from molecules that 
selectively absorb certain wavelengths of light, structural coloration, which results from 
light interacting with the physical nano-architecture of the scale, or a combination of 
both (Wasik et al., 2014; Zhang et al., 2017; Thayer et al., 2020). During pupal wing 
development, scale cell extensions grow rapidly, creating finely-tuned structures ~200 
μm long and ~60 μm wide. Chitin synthesis and cytoskeletal dynamics, including highly 
organized F-actin filaments, during scale cell development, play essential roles in wing 
scale elongation and aspects of scale ultrastructure (Dinwiddie et al., 2014; Day et al., 
2019; Liu et al., 2021). Once fully developed and matured, scales and most of the adult 
wing itself remain non-living tissues. The colorful patterns produced by wing scales can 
serve numerous functions, including antipredator strategies (e.g. camouflage, 
deflection, aposematism, mimicry), attracting mates, thermoregulation, and water 
repellency (Nijhout, 2001; Perez Goodwyn et al., 2009; Mazo-Vargas et al., 2017; 
Deshmukh et al., 2018; Tsai et al., 2020). 

Yet, numerous species of butterflies and moths possess transparent wings that 
allow light to pass through, so that objects behind them can be distinctly seen (Fig 1.1, 
Yoshida et al., 1997; Siddique et al., 2015). This has typically been interpreted as an 
adaptation in the context of camouflage, in which some lineages evolved transparent 
wings as a form of crypsis to reduce predation (Arias et al., 2019; McClure et al., 2019). 
Indeed, one can easily imagine how an ‘invisibility cloak’ would serve as an effective 
camouflage strategy for an organism to blend in with any background and remain 
‘hidden in plain sight’ (Cuthill, 2019). Controlled field studies using butterflies with 
varying degrees of wing transparency and wild birds have additionally supported the 
hypothesis that transparency is involved in camouflage and decreases detectability by 
predators (Arias et al., 2019, 2020). Perhaps counter-intuitively, wing transparency is 
widespread among many groups of aposematic Lepidoptera, whereby chemically-
defended species display conspicuous wing patterns that advertise unpalatability to 
predators. This phenomenon did not go unnoticed by Henry Walter Bates over 150 
years ago, who observed the striking similarities between distantly related clearwing 
butterflies and moths collected in nearby regions of the Brazilian Amazon, contributing 
to his theory of mimicry (Fig 1.2, Bates, 1862). Many different chemically-defended 
clearwing species locally converge on similar wing patterns and form mimicry ‘rings’, 
thus begging the question: why adapt to be both transparent and aposematic? 

Despite the natural history and physical properties described in a handful of 
transparent species, the evolutionary history and potential mechanisms underlying 
transparency in terrestrial organisms has been lacking. In order to achieve efficient 
transparency, the wing scales must be modified in such a way that they are no longer 
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covering the wing membrane, and some species additionally form nanostructures on 
their wings that generate anti-glare properties. As such, clearwing Lepidoptera make up 
an excellent model group for studying terrestrial transparency, as it raises puzzling 
physical, physiological, developmental and evolutionary questions. For instance we can 
ask, what are the structural solutions for being transparent? Are there trade-offs 
between transparency and other important functions that are normally fulfilled by scales, 
such as hydrophobicity? What are the developmental and genetic pathways underlying 
wing transparency? How has transparency evolved in Lepidoptera? Understanding such 
questions around transparency requires working at the interface between physics, 
evolutionary biology and developmental biology. Thus, my lab (Patel) formed an 
intercontinental collaborative effort (with labs including Elias, Gomez and Berthier) that 
aimed to elucidate the adaptive functions of transparency in clearwing Lepidoptera and 
the generative processes leading to modified scales and nanostructures in transparent 
wings, bridging the gap between ontogeny, function and evolution. 

Prevalence of transparent organisms in aquatic and terrestrial environments 
When light interacts with the surface of an organism, different levels of reflected light will 
be produced at the interface between the air and the substrate of the organism 
depending on the refractive index, a dimensionless number that describes how fast light 
travels through the material (Johnsen and Widder, 1999). When light moves between 
materials with different refractive indices, such as a mix of cellular proteins or lipids in a 
living organism, the light scatters rather than passing through unaffected (Benedek, 
1971; Chapman, 1976). Transparency is the transmission of light across the visible 
spectrum without significant absorption or scattering so that the material appears 
completely see-through, and a number of conditions must be fulfilled if incident light is to 
be transmitted freely through a living organism. 

Until recently, research had primarily been devoted to the occurrence of 
transparency in water, which is much more frequent than on land. Transparency in 
water can serve as protection against visually hunting predators through concealment, 
in particular in open ocean habitats where there may be nowhere to hide or blend in 
against the surrounding environment (Chapman, 1976; Johnsen, 2001; Tuthill and 
Johnsen, 2006). A survey by Johnsen (2001) revealed a broad phylogenetic distribution 
of transparent organisms, including members belonging to Arthropoda, Mollusca, 
Annelida, Cnidaria, and Chordata. For instance many fish (e.g. the ghost catfish 
Kryptopterus vitreolus), crustaceans (e.g. hyperiid amphipods Phronima sp, anemone 
shrimp Periclimenes yucatanicus), and cephalopods (e.g. the glass octopus 
Vitreledonella sp.) have highly transparent bodies. 

By contrast, transparent organisms are nearly absent on land. This disparity is 
likely explained by physical and biological factors. The ability to achieve efficient 
transparency requires low absorption and reflection, as well as low scattering of light, 
and these constraints are often difficult to fulfill for organisms in terrestrial environments. 
The contrast between refractive indices is ultimately dictated by the material’s 
composition (e.g. the exoskeleton of arthropods composed of chitin) and that of the 
medium surrounding the material, such as air for butterflies, and water for aquatic 
species. For instance, let us consider the refractive indices of air ( n ~ 1.0), water (n ~ 
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1.33) and biological tissue (n ~1.56 for insect chitin). In this case, we can see there is a 
larger difference between refractive indices of air and the biological tissue (1.0 versus 
1.56), relative to water and the tissue (1.33 versus 1.56), resulting in higher reflection of 
the incident light in the terrestrial environment, which compromises camouflage by 
transparency (Meyer, 1979; Johnsen, 2001). Challenges faced by organisms are also 
different in air than water, such as the need for self-supporting anatomical structures 
(e.g. bones and protective epidermis typically composed of opaque biological materials) 
and for protection against higher levels of ultraviolet (UV) radiation (e.g. light-absorbing 
pigments such as melanin) (Chapman, 1976). 

While the majority of studies on transparent organisms to date have focused on 
marine organisms, a handful of transparency-inducing properties have been 
investigated in terrestrial arthropods. For instance, early studies using electron 
microscopy identified that the outer surface of many insect compound eyes were 
covered in three dimensional cone-shaped protuberances that were in the range of ~50-
200 nanometers in height and ~200 nm distance between nanostructures (Bernhard 
and Miller, 1962; Bernhard et al., 1970). The first type of nanostructures observed were 
termed ‘corneal nipples’, which were found to be arranged in a more or less perfect 
hexagonal array and were shown to create an interface with a gradient refractive index 
between air and the corneal lens material, thereby significantly reducing the amount of 
light reflection (Bernhard and Miller, 1962; Miller, 1979; Stavenga et al., 2006). Corneal 
nipple nanostructures are presumed to function in reducing eye glare of the insect, so 
that they are less visible to predators, or could additionally function to increase the 
amount of light that reaches the photoreceptive region of the eye in nocturnal insects to 
improve vision (Miller, 1979). The latter function highlights a potential use for 
technology, as synthetic insect-inspired anti-reflective nanostructure coatings are being 
investigated for applications to improve solar cells by reducing reflection and improving 
the absorption of light within, which could boost optoelectronic conversion efficiency 
(Cai and Qi, 2015). A more recent comparative study applied atomic force microscopy, 
providing nanometer and subnanometer resolution, for a survey of 23 insect orders and 
several non-insect arthropods (Blagodatski et al., 2015). This study identified a high 
diversity of nanostructure morphologies and patterns, including nipple-like structures, 
maze-like nanocoatings, parallel strands/ridges formed by fusion of nipple-type 
protrusions, dimple-type nanocoating and various transitions between these major 
forms, such as nipples-to-maze transition, maze-to-strands transition, nipples-to-strands 
transition and dimples-to-maze transition. 

In addition to insect cornea, nanostructures have also been characterized on the 
wing membrane of several insect species. For example, the transparent-winged 
hawkmoth Cephonodes hylas was found to contain nanostructures coating the wing 
membrane that morphologically resembled the aforementioned ‘corneal nipple arrays’, 
and were shown to reduce surface reflection on the wings (Yoshida et al., 1997). 
Perhaps the most notable example of a transparent butterfly is Greta oto, commonly 
known as the ‘glasswing’ butterfly (Nymphalidae: Ithomiinae). The thin bristle-like and 
forked scales in the transparent regions of the wing expose nanoprotuberances on the 
surface of the membrane (Binetti et al., 2009). The structures were charactered as 
randomly sized ‘nanopillars’ and were found to enable broadband and omnidirectional 
anti-reflection properties (Fig 1.3, Siddique et al., 2015). This is in contrast to the typical 
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wing surface of butterflies and moths, which contain densely packed, colorful scale 
outgrowths and smooth chitinous wing membrane that results in high surface reflection. 
More recently, another transparent-winged butterfly in the genus Chorinea (Riodinidae: 
Riodininae) was found to contain small, widely spaced scales and dome-shaped chitin 
nanostructures on the membrane that result in anti-reflective and angle-independent 
transmission (Narasimhan et al., 2018). Such anti-reflective nanostructures found in 
nature are proving to be quite rewarding for applications in biomimetics and 
biophotonics, such as solar cells, anti-glare glasses and optical implant devices 
(Narasimhan et al., 2018; Han et al., 2019). However, despite efforts to produce small-
scale artificial nanofabrications, the developmental and genetic mechanisms involved in 
the formation of anti-reflective nanostructures in a living system are virtually unknown. 

Taken together, we can see how transparency can be a powerful evolutionary 
innovation, but it is likely uncommon due to physical and biological constraints. As a 
result, transparency is rare for terrestrial organisms due to challenging optical 
requirements, but it is frequently found in aquatic life, in which organisms are better able 
to match the refractive index of their surrounding environment. Perhaps unsurprisingly 
however, life finds a way. Many organisms have evolved morphological innovations that 
overcome the challenges of terrestrial transparency, notably in the form of anti-reflective 
nanostructures, such as those located on the corneal surface of insect eyes and wings. 

Phylogenetic distribution of transparency in Lepidoptera 
Over the past several years, members of the Patel Lab have conducted preliminary 
analyses of clearwing Lepidoptera by investigating specimens within private and public 
collections, which revealed numerous strategies to achieve clearwing phenotypes. For 
example, the giant glasswing butterfly Methona confusa (Nymphalidae: Ithomiini) was 
observed to contain modified scales that resembled thin bristle-like morphologies and a 
smooth wing membrane surface that lacked nanostructures (Fig 1.2, Fig 1.3). As a 
result, the wing is somewhat transparent, but retains a high degree of reflectivity. 
Interestingly, numerous distantly related species of butterflies and moths closely 
resemble the wing patterns of Methona, implying convergent evolution, but upon closer 
inspections we noticed that the scale morphologies were dissimilar between each 
species (Fig 1.2). This small sample of mimics highlights that there is more than one 
way to make a wing clear, as scale morphologies can be modified in independent ways 
to generate a clearwing phenotype. 

Searching the literature also revealed a handful of studies on transparent 
lepidopteran species. For instance, the longtail glasswing, Chorinea faunus 
(Riodinidae), was found to contain small, widely spaced scales and dome-shaped chitin 
nanoprotuberances on the membrane that generate anti-reflective properties 
(Narasimhan et al., 2018). As previously mentioned, the hawkmoth, Cephonodes hylas 
(Sphingidae) has nude wings due to its scales falling out upon eclosion, and was found 
to possess anti-reflective nanostructures on its wing surface that morphologically 
resemble insect corneal nipple arrays (Yoshida et al., 1997). Nipple array 
nanostructures have also been characterized in transparent wing regions of the tiger 
moth Cacostatia ossa (Erebidae) (Deparis et al., 2014). Finally, the glasswing butterfly 
Greta oto (Nymphalidae: Ithomiini) was found to contain thin, vertically oriented scales, 
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allowing the wing surface to be exposed, along with nanopillars that coat the surface. In 
contrast to the previously described nipple arrays, the structures in G. oto were 
characterized as irregularly arranged ‘nanopillars’ that featured a random height and 
width distribution, and were found to enable omnidirectional anti-reflection properties 
(Fig 1.3, Binetti et al., 2009; Siddique et al., 2015). 

While this sporadic sampling of clearwing butterflies and moths implied 
independent evolutionary events, open questions remained with regard to the 
phylogenetic extent of transparency, the diversity and evolution of underlying structures, 
the existence, if any, of structural constraints on transparency, and the ecological 
relevance of transparency on land. As such, our lab and collaborators (Patel, Elias, 
Berthier, and Gomez) surveyed the Order Lepidoptera for the presence of clearwing 
species on the basis of: our own experience, on previous published literature, on 
knowledge of museum curators and researchers, on species names, and Lepidoptera 
collections in various natural history museums (including the Essig Museum of 
Entomology, French Museum of Natural History, McGuire Center for Lepidoptera & 
Biodiversity). In total, we identified species with at least partially transparent wings in 31 
out of the 124 existing Lepidoptera families and gathered a total of 123 species (Gomez 
et al., 2021). This distribution of clearwing species represents approximately one 
quarter of the extant butterfly families, the remainder of which are primarily composed of 
opaque species. Therefore, we can infer that transparency has evolved multiple times 
independently and may present evolutionary benefits (McClure et al., 2019; Gomez et 
al., 2020; Pinna et al., 2020). With these multiple evolutionary gains comes a wide 
diversity of structural strategies, including highly modified scale morphologies and 
intricate membrane-surface nanostructures. 

Diversity of scale morphologies in clearwing Lepidoptera 
Utilizing our diverse dataset of transparent lepidopteran species, we explored aspects of 
wing scale microstructure diversity (for instance the wing scale type, dimensions, and 
density) by taking images of disarticulated wings using high magnification digital and 
scanning electron microscopy. We found that there are a variety of ways to achieve 
transparency through modifications of scale cell organization and morphology. For 
example, species exhibiting transparent wings may contain a low density of scales (i.e. 
the number of scale cells are reduced and spaced farther apart relative to scale cells in 
an opaque butterfly wing), have a reduction in the overall size of the scales (i.e. scales 
are modified to be shorter, forked or bristle-like, thereby exposing the wing membrane), 
the scales themselves can transparent, the scales can be vertically-oriented, or a 
combination of the above (Fig 1.4). 

A common structural strategy involves flat scales with either decreased scale cell 
densities relative to opaque wing regions, or the flat scales are transparent and packed 
in high density, together representing 49 species from 22 families (Gomez et al., 2021). 
Examples of flat, low density scales include species such as the danaid Parantica sita 
and the papilionid Parnassius glacialis (Fig 1.4) (Perez Goodwyn et al., 2009). Gomez 
et al. (2021) also documented species that contained transparent scales including the 
hesperid Oxynetra semihyalina and the crambid Diaphania unionalis. Such ‘glass 
scales’ have been previously recorded on the dorsal wing surface of a colorful species, 
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the papilionid Graphium sarpedon, which were reported to act as thin films and also 
function as polarizing reflectors (Stavenga et al., 2012). Scales can also be erected 
such that they are protruding from the wing at a non-flat angle, with examples including 
the riodinid Chorinea faunus, the papilionid Lamproptera meges, the nymphalids 
Parantica sita and Methona confusa and the pierid Patia orise. (Fig 1.4). 

Another structural strategy involves thin bristle-like, or ‘piliform’ scales, which can 
refer to a scale that morphologically resembles the macrocheate bristle on the notum of 
Drosophila melanogaster. Examples include the forked and bristle-like scales present in 
numerous ‘glasswing’ butterflies belonging to the Ithomiini tribe (Fig 1.4 Binetti et al., 
2009; Siddique et al., 2015). Forked scales can also be found in members belonging to 
the genus Acraea (Fig 1.4). Species with only bristle-like scales in their transparent wing 
regions have appeared multiple times and are phylogenetically widespread, including 
members belonging to the Haeterini such as Cithaerias sp., saturniids such as 
Rothschildia lebeau, or clearwing moths belonging to the Arctiidae (Fig 1.4, Hernández-
Chavarría et al., 2004; Berthier, 2007; Pomerantz et al., 2021). Such repeated cases of 
bristle-like scales in Lepidoptera are potentially interesting, as scales are homologous to 
insect sensory bristles (Galant et al., 1998). As such, bristles may represent the 
ancestral state of a scale, and these clearwing butterflies may have reverted wing 
scales back to their ancestral morphology.  

Nude wing membrane was another structural strategy that was identified in 
clearwings, such as the erebid moth Senecauxia coraliae and the psychiid Chalioides 
ferevitrea (Gomez et al., 2021). Nude wing membrane was previously recorded in the 
sphingid Cephonodes hylas which contains spread out sockets, which are the remnants 
of fully developed scales that fall out shortly after eclosion (Fig 1.4) (Yoshida et al., 
1997). We observed small regions of nude wing membrane in members belonging to 
the saturniidae, such as the giant silkmoth Antheraea polyphemus, in which neither 
sockets nor scale cells form around the crossvein (Fig 1.4). It remains unclear what 
potential benefits exist for a large moth to contain small transparent wing spots but 
previous hypotheses have been put forward, such as serving as ‘false holes’ so 
predators visually mistake the moth as a rotten leaf (discussed in Hernández-Chavarría 
et al., 2004). 

This wide variation and broad dispersion among transparent-winged phenotypes 
indicates that the different scale projection types arose as result of independent 
evolution. Until recently, comparative studies of clearwing Lepidoptera were lacking, but 
our surveys highlight a myriad of morphological innovations and combinations of scale 
modifications (such as scale type, insertion, and density) that now expand the range of 
strategies reported in the literature (Gomez et al., 2021). We find additional support for 
the independent evolution of scale projection types from investigating a group of 
Methona (Ithomiini) mimics. Adult ithomiids sequester toxic compounds such as 
pyrrolizidine alkaloids (PA’s) which makes them distasteful to predators such as spiders 
and birds (Brown, 1984). Bates (1862) suggested that palatable species evolved to 
resemble unpalatable ithomiids, in order to share in their survival advantage. While the 
Methona butterflies and distantly related mimics we investigated were remarkably 
similar in their macro wing pattern (with characteristic black stripes and clear wing 
regions), the scale morphologies themselves were quite different, ranging from thin 
bristle-like erected scales to flat translucent scales, suggesting that the scale 
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morphologies evolved in an independent manner and subsequently converged similarity 
in wing pattern phenotype (Fig 1.2). 

Taken together, these results suggest that there is not one common pathway to 
make a wing transparent. However, it does seem that there are three main strategies 
and/or combinations that contribute to making a wing clear from a presumably opaque 
ancestral state. As a first step, a lepidopteran can begin to achieve wing transparency 
through a reduction in the density of wing scales, and in some cases leave only the 
socket cell behind or abolish scale precursor cell development altogether. The scale 
dimensions can also be made as narrow as possible and erected vertically, enabling 
more light to reach and pass through the wing membrane, while potentially still retaining 
other benefits of the scale, such as water repellency. Finally, the scale projections 
themselves can be made translucent and lack pigmentation. While these strategies are 
necessary to get the wing scales ‘out of the way’ so to speak, the chitinous material of 
the wing membrane itself remains highly reflective. As such, numerous species of 
clearwings have evolved wing surface nanostructures, which generate considerable 
anti-reflective optical properties. 

Diversity of wing surface nanostructures in clearwing Lepidoptera 
In addition to scale modifications, the presence of nanoprotuberances on the surface of 
the wing membrane can enhance transparency through the reduction of light reflection, 
by generating a gradient of refractive index between the chitin-made membrane and the 
air (Yoshida et al., 1997; Binetti et al., 2009; Siddique et al., 2015; Pomerantz et al., 
2021). Using scanning electron microscopy at high levels of magnification, we 
investigated the wing membrane surface of our clearwing specimens in order to 
determine if they harbored surface nanostructures (Fig. 1.5, 1.6, 1.7).  

We identified wing surface nanostructures that were previously documented, 
such as nipple arrays in the hawkmoth Hemaris thysbe, as well as numerous previously 
undescribed nanostructures in a wide diversity of butterflies and moths (Fig 1.5). For 
instance, we identified irregularly arranged nanopillar-like structures within members of 
the Haeterini, including Cithaerias merolina, Dulcedo polita and Haetera pierra. These 
structures appear to morphologically resemble the anti-reflective wax-based nanopillars 
previously characterized in ithomiines, such as Greta oto and Godyris duilia, suggesting 
that this class of nanostructure has arisen at least twice independently in nymphalid 
butterflies (Fig 1.5, Fig 1.6) (Pomerantz et al., 2021). The two-dimensional fast Fourier 
transformation (FFT) based on SEM images of the nanostructures also reveals a ring-
shaped distribution of the squared Fourier components, a characteristic from the 
irregular arrangement of nanopillars (Fig 1.6, as reported in Siddique et al., 2015). 
Within nymphalids, we also observed irregular maze-like nanostructures in species such 
as Parantica sita, and similar maze-like nanocoatings have previously been 
documented covering the corneae insect eyes, such as Gyrinidae beetles (Fig 1.5, 1.6) 
(Blagodatski et al., 2015). In addition to ordered nipple arrays that have been previously 
characterized in the sphingid Hemaris and the riodinid Chorinae, we identified similar 
highly ordered to quasi-ordered dome-shaped nanostructures in the sessid moth 
Synanthedon kathyae, the arctiid wasp mimic Cosmosoma myroadora, the erebid 
Cocytia durvillii and the papilionid butterfly Lamproptera meges (Fig 1.5, 1.6, 1.7). The 
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Fourier power distribution based on SEM of the nipple-like nanostructures shows that 
the arrays are highly organized at intermediate spatial frequencies and equivalently 
periodic in all directions (Fig 1.6, 1.7). Such ordered nipple-like nanostructures appear 
to be chitin-based and have evolved numerous times in phylogenetically distant 
butterflies and moths, suggesting that this class of nanostructure is a common route to 
achieve transparency (Pomerantz et al., 2021). We also observed dome-shaped 
nanostructures that were spaced-out relative to the highly ordered nipple array class of 
structures. These spaced-out domes were present in species that mimic ithomiine 
butterflies, such as the pierid Dismorphia fortunata and the notodontid Dioptis sp. (Fig 
1.5, 1.6, 1.7). Finally, we observed several cases where a clearwing species had 
modified scales that exposed the wing membrane, but did not harbor any type of 
surface nanostructure and consequently had glossier, more reflective wings. Clearwing 
species that lacked wing surface nanostructures included members of the Acraea, 
Parnassius, Antheraea, as well as Methona and species that mimic Methona, including 
members belonging to Lycorea, Parides, and Notophyson (Fig 1.6, 1.7). 

In a recent study, (Pinna et al., 2020) conducted a comparative study of optics 
and structures in transparent wings of neotropical mimetic clearwing Lepidoptera. They 
identified an unexpected diversity of nanostructures that cover the wing membrane and 
report five types of nanostructures: absent, maze, nipple arrays, pillars, and sponge-
like. They reveal that nanostructure density largely influences light transmission and 
while transparency was largely influenced by modification of scale microstructure 
features, nanostructures provide a means to additionally fine-tune the degree of 
transparency. 

Taken together, we report a wide variety of wing surface nanostructures in 
clearwing butterflies and moths, just as there are a wide variety of corneal surface 
nanostructures previously documented on the surface of arthropod cornea (Blagodatski 
et al., 2015). Turing reaction–diffusion mechanisms have been proposed as a model for 
the formation of different corneal nanostructure morphologies (such as spacing, height, 
and spatial organization) during insect eye development (Blagodatski et al., 2015; 
Kryuchkov et al., 2017). While the formation of such biological structures have been 
mathematically modelled, the developmental processes underlying transparency were 
virtually unknown, let alone the dynamic formation of butterfly epithelial nanostructures 
in general (see Chapter 2). 

Ecological relevance of transparency: vision, thermoregulation and 
hydrophobicity 
Intuitively, one might perceive transparency in Lepidoptera as a means of ‘being 
invisible’ to go undetected by visually hunting predators and the trait therefore provides 
a selective advantage. However, wing scales represent a multifunctional evolutionary 
innovation that can function in camouflage, mimicry, attracting mates, thermoregulation, 
and water repellency (Nijhout, 2001; Perez Goodwyn et al., 2009; Mazo-Vargas et al., 
2017; Deshmukh et al., 2018; Tsai et al., 2020). Because clearwings harbor modified 
and/or reduced wing scales, there is an open question as to whether there are trade-
offs or constraints to evolving wing transparency. 
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Scales in Lepidoptera are known to play a role in hydrophobicity based on wing 
scale morphology, arrangement, and insertion angle. One study investigated whether or 
not hydrophobicity was affected based on scale morphology for two butterfly species 
with clear wings, Parantica sita (Nymphalidae: Danaeinae) and Parnassius glacialis 
(Papilionidae: Parnassiinae). Parantica sita has thin ovoid, erected scales and was 
found to have super-hydrophobic wing surfaces, whereas Parnassius glacialis has 
bristle and spade-like scales and was found to have wings that were less hydrophobic 
than most opaque Lepidoptera. (Perez Goodwyn et al., 2009). Another study reported 
low hydrophobicity values in the clearwing species Greta oto, which has a high 
proportion of transparent wing area (Wanasekara and Chalivendra, 2011). 
Transparency may therefore come at a cost, especially for Lepidoptera endemic to 
tropical environments that receive a high amount of rainfall. Perhaps this is why we find 
relatively few cases in which clearwings have abolished scale cell development 
altogether, but instead retain modified scales that coat the wing in order to retain water-
proofing properties. The structural determinants of hydrophobic properties in clearwing 
Lepidoptera, such as surface nanostructure and roughness, remains unknown and 
potential trade-offs between optics and hydrophobicity are yet to be determined. 

Species from colder environments, such as higher latitudes or altitudes, can gain 
thermal benefits from being more strongly pigmented, as radiation absorption aids in 
heating up (Bogert, 1949). Pigmented wing scales in Lepidoptera can help to fulfill 
thermoregulatory functions in opaque species and can play a thermostatic role by 
emitting or absorbing infrared radiations relative to temperature. For example, a large-
scale comparative analysis in opaque butterflies showed that body and proximal wing 
coloration correlates to climate in the near-infrared (700-1100 nm) range but not below 
700 nm, where both thermoregulation and vision spectrums coincide (Munro et al., 
2019). As such, we could expect wavelength absorption to be higher at high latitudes 
compared to low latitudes, in particular in the infrared range, and that transparency 
could entail thermal costs. In a recent study, Gomez et al. (2021) tested the ecological 
relevance of transparency for thermoregulation and found that mean transmittance in 
lepidopteran wings in the near infrared range and in the human-visible range decreased 
with increasing latitude. On the other hand, mean transmittance in the ultraviolet (UV) 
range did not strongly vary with latitude (Gomez et al., 2021). Overall, results with 
transparency in Lepidoptera and their links with ecology (e.g. latitude, activity rhythm) 
are in line with trends identified in opaque Lepidoptera and suggest that transparency 
may be more complex than just enhancing concealment, as it is likely a multifunctional 
compromise (Gomez et al., 2021). 

Wing pattern development in glasswing butterflies 
Recent studies have explored aspects of structural diversity, optical properties and 
phylogenetic distribution of transparency within Lepidoptera. However, such studies 
involved the use of dead adult specimens deposited in museums, which represents the 
'finished' form the wing and associated structures, whereas the developmental 
processes underlying transparency remained unknown. 

From 2016-2017, we undertook expeditions to Tarapoto, Peru, where our 
collaborators were rearing clearwing butterflies at a local field site. During these trips, 



12 
 

we performed pupal wing dissections of several species belonging to the Ithomiini, 
including Methona, Ithomia and Oleria. The aim of these experiments was to gather 
preliminary data and characterize scale development, which involved wing tissue 
fixation and staining with compounds to mark cellular components such as actin, cell 
membrane and nuclei (see Chapter 2). Near the end of the trip, I performed 
pharmacological treatments on a subset of Oleria onega, which involved injecting doses 
of heparin directly into pupae. Heparin is a highly sulfated form of heparan sulfate 
glycosaminoglycan, which is known to modulate wing patterns in Lepidoptera. Heparin 
is thought to bind to Wnt ligands (among other signaling molecules) and facilitate their 
transport, inducing what appears to be Wnt gain-of-function effects in butterfly wing 
patterns, in particular with extension of basal, discal, and external wing symmetry 
systems (Serfas and Carroll, 2005). 

In wild-type individuals, the dorsal surface of O. onega forewings have clear 
regions and two black striped patterns that appear to be associated with the Nymphalid 
central symmetry system, as well as black scales around the wing margin (Fig 1.8). The 
central region of the hindwing is primarily clear, while the margin contains black scales. 
The ventral wing surface mirrors the same pattern as the dorsal surface, with the 
addition of a stripe of orange scales and white spots near the distal margin. In heparin 
treated individuals, it was apparent that wing patterns had been highly modified (Fig 
1.8). One individual contained mostly black wings with severely reduced transparent 
zones. The shift in patterns corresponded with a shift in scale morphology, resulting in 
fewer bristle-like and forked scales that are normally present in the clear wing regions. 
On the ventral side of the wing, the orange marginal band had decreased in size and 
several white spot patterns had merged. Another heparin-treated individual could hardly 
be called a glasswing butterfly anymore, as both the forewing and hindwing appeared 
completely black and covered in opaque scales (Fig 1.8). These results are in line with 
previous studies that treated opaque butterfly species with heparin, noting that such 
pharmacological treatments potentially affected Wnt signaling ligands and shifted wing 
pattern boundaries. As such, we can hypothesize that Wnts, such as WntA are possible 
candidate wing patterning factors in glasswing butterflies (Nymphalidae: Ithomiini) that 
demarcate the boundaries between opaque and transparent zones. It would be 
interesting for future studies to investigate these signaling ligands in wing discs and 
probe how the regulation of wing patterning factors may have been modified to enable 
wing transparency in different lineages of Lepidoptera. 

Conclusion and future directions for transparent Lepidoptera 
Transparency is a fascinating, yet poorly studied, optical property in living organisms. 
We have shown that among the Lepidoptera, transparency has evolved multiple times 
independently in an insect order characterized by wing opacity, and with these multiple 
gains comes a large diversity of morphological innovation (Pinna et al., 2020; Gomez et 
al., 2021; Pomerantz et al., 2021). Optical transparency is determined by 
macrostructure (such as the proportion of clearwing area), scale microstructure (such as 
scale morphology and density) as well as wing surface nanostructures (such as nipple 
arrays and nanopillars). Microstructural traits are tightly linked in their evolution, perhaps 
resulting in differential investment of chitin and pigment synthesis based on the 
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structural strategy. The links between transparency and latitude are also consistent with 
thermal benefits, and less with UV protection (Gomez et al., 2021). Comparative 
analyses in clearwing Lepidoptera also mirror findings from opaque Lepidoptera, 
demonstrating that transparency is more complex than just enhancing concealment and 
is likely a multifunctional compromise. 

Research on transparent aquatic organisms has left many questions unanswered 
with regard to the structural basis of transparency, its genetic and developmental 
pathways, its functional roles and potential trade-offs with optics, and the selective 
pressures driving its evolution and form (Johnsen, 2014; Bagge, 2019). The same can 
be said about studies of transparent species on land, which have historically consisted 
of physicists applying imaging and modeling approaches on museum specimens with a 
bioinspiration goal of replicating anti-reflective, hydrophobic or anti-fouling properties 
(e.g. Narasimhan et al., 2018; Han et al., 2019). Future studies should utilize an 
evolutionary framework and comparative approaches with transparent organisms to 
expand optical measurements (taking into consideration both micro- and nano- 
structures within each individual), explore developmental and molecular pathways, and 
experimentally test adaptive functions and potential trade-offs with other vital functions 
such as water repellency. 

The fact that many transparent Lepidoptera are chemically protected and display 
warning patterns in their wings (aposematism) and form sympatric mimicry complexes is 
also a remaining puzzle. Many adult ithomiine butterflies chemically protect themselves 
from predators by sequestering pyrrolizidine alkaloids, and are involved in mimicry 
rings, in which co-occurring species converge in conspicuous wing patterns that 
advertise toxicity to would-be predators. Based on their local abundance, ithomiine 
species are considered to act as mimetic models for many other distantly related 
species of Lepidoptera. Transparency as a means of concealment in this group is 
therefore puzzling, as conspicuous wing patterns are expected to be selected for 
maximal detection by predators. Nevertheless, recent studies suggest that transparent 
patches might also participate in the aposematic signal and that selection acts on the 
transmission properties of these patches, such as the degree of transparency (Pinna et 
al., 2020). Therefore, transparent aposematic Lepidoptera may benefit from a double 
protection via a ‘dual signal’ from predation. For instance, a transparent species may be 
less detectable than an opaque species, but if detected by a predator may be 
recognized as unpalatable due to the aposematic wing pattern (Tullberg et al., 2005; 
Willmott et al., 2017; Cuthill, 2019). As such, Pinna et al. (2020) call for a change of 
paradigm in transparent mimetic lepidoptera: transparency not only enables camouflage 
but can also be part of aposematic signals. While there is clearly a high amount of 
structural diversity, future studies should also thoroughly quantify the relative 
contributions of micro- and nanostructures on associated optical effects, and how such 
structures develop and evolve, which may contribute to our ability to truly harness the 
power of transparency in nature and generate bio-inspired applications for anti-reflective 
materials.  
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Figure 1.1. Examples of clearwing butterfly and moth species in situ.  
A) The ‘Amber phantom’ Haetera piera (Nymphalidae: Haeterini) held up against my 
eye to illustrate its remarkably transparent wings (Image credit: Aaron Pomerantz, 
location: Yasuni, Ecuador). B) The ‘glasswing butterfly’ Greta oto (Nymphalidae: 
Ithomiini) freshly eclosed and perched on my hand (Image credit: Aaron Pomerantz, 
location: Gamboa, Panama). C) The ‘longtail glasswing’ Lamproptera meges 
(Papilionidae: Leptocircini) (Image credit: Yi-Kai Tea, shared with permission, location: 
northern Thailand). D) The ‘Angel’ Chorinea sylphina (Riodinidae: Riodinini) (Image 
credit: Adrian Hoskins, shared with permission, location: Machu Picchu, Peru). E) The 
‘giant glasswing’ Methona confusa (Nymphalidae: Ithomiini) (Image credit: Aaron 
Pomerantz, location: Mindo, Ecuador). F) The ‘giant silkmoth’ Antheraea polyphemus 
(Saturniidae: Saturniini) (Image credit: Aaron Pomerantz, location: Berkeley, California, 
USA). 
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Figure 1.2. The Methona mimicry complex and associated scale morphologies. 
The Methona mimicry complex is composed of distantly related butterfly and moth 
species whose wing patterns morphologically resemble the giant glasswing butterfly in 
the genus Methona (Nymphalidae: Ithomiinae). Scanning electron microscopy (SEM) 
reveals that the scale morphologies amongst co-mimics differ dramatically, yet the 
overall wing patterns bear striking similarity. Scale bars = 100 μm. 
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Figure 1.3 Comparison of wing surface ultrastructure and mechanism of 
transparency via anti-reflective nanostructures.  
A) The giant glasswing Methona confusa has reflective wings. B) Scanning electron 
microscopy of the wing surface reveals that it is smooth and devoid of nanostructures. 
C) Schematic of wing surface reflection. Light travels through air and interacts with the 
high refractive index chitin, producing surface reflection. D) The glasswing butterfly 
Greta oto has highly transparent wings. E) Scanning electron microscopy of the wing 
surface reveals that it is coated with nanopillars. F) Schematic of wing surface reflection 
when nanostructures are present on the wing surface, which function to create a 
refractive index gradient to reduce surface reflection.  
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Figure 1.4. Compilation of scanning electron microscopy showcasing the 
diversity of scale morphologies in clearwing Lepidoptera.  
Clearwing butterflies and moths produce a wide range of strategies to modify wing scale 
morphology. Scales can be modified so that they have thin, bristle-like or forked 
morphologies, for example in (A) Olyras insignis (Nymphalidae: Ithomiini), (B) 
Cosmosoma myrodora (Erebidae: Arctiinae), (C) Dulcedo polita (Nymphalidae: 
Haeterini), (D) Acraea andromacha (Nymphalidae: Acraeini), (E) Godyris duilia 
(Nymphalidae: Ithomiini), and (F) Thyridia psidii (Nymphalidae: Ithomiini). Scales can 
also be modified such that they are reduced in size and vertically oriented, for instance 
in species such as (G) Chorinaea faunus (Rionidae: Riodinini), (H) Patia orise (Pieridae: 
Dismorphiinae), (I) Lamproptera meges (Papilionidae: Leptocircini), (J) Parantica sita 
(Nymphalidae: Danaina), (K) Eurytides aguari (Papilionidae: Leptocircini). (L) 
Parnassius glacialis (Papilionidae: Parnassiini). The scales themselves can be 
translucent, for example in (M) Ideopsis vitraea (Nymphalidae: Danaina), scales can be 
deciduous and fall out upon eclosion, leaving only the socket cell, for example in (N) 
Hemaris thysbe (Sphingidae: Hemaris) and scale may lack entirely because they do not 
form in parts of the wing during pupal development, as in (O) Antheraea polyphemus 
(Saturniidae: Saturniini).  
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Figure 1.5. Scanning electron microscopy reveals several distinct classes of wing 
surface nanostructures in transparent butterflies and moths.  
Clearwing butterflies and moths have evolved a variety of nanostructures on the surface 
of the wing membrane, many of which have been shown to generate anti-reflective 
properties. For instance, irregularly arranged nanopillars can be found in (A) Greta oto 
(Nymphalidae: Ithomiini), (B) Cithaerias merolina (Nymphalidae: Haeterini), and maze-
like nanostructures can be found in (C) Parantica sita (Nymphalidae: Danaina). Ordered 
nipple arrays can be found in species such as (D) Hemaris thysbe (Sphingidae: 
Hemaris), (E) Synanthedon kathyae (Sesiidae: Sesiinae), (F) Chorinaea faunus 
(Rionidae: Riodinini), and quasi-ordered dome structures can be found in species such 
as (G) Cosmosoma myrodora (Erebidae: Arctiinae), (H) Cocytia durvillii (Erebidae), and 
(I) Lamproptera meges (Papilionidae: Leptocircini). Spaced-out dome nanostructures 
can be found in (J) Patia orise (Pieridae: Dismorphiinae), and (K) Dioptis sp. 
(Notodontidae: Dioptini) or the wing membrane can be smooth and absent of any 
nanostructure, such as (L) the scaleless window region of Antheraea polyphemus. 
Scale bars = 20 μm.  
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Figure 1.6. Compilation of clearwing butterfly species and their associated scale 
and wing surface features.  
Representative images of clearwing species showcasing the whole forewing, a 
representative scale from a clear wing region and an opaque wing region, scanning 
electron micrograph (SEM) of the wing surface ultrastructure (red outline indicating 
nanostructures are present) and a two-dimensional fast Fourier transformation (FFT) 
obtained from the SEM.  
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Figure 1.7. Compilation of clearwing moth species and their associated scale and 
wing surface features.  
Representative images of clearwing species showcasing the whole forewing, a 
representative scale from a clear wing region and an opaque wing region, scanning 
electron micrograph (SEM) of the wing surface ultrastructure (red outline indicating 
nanostructures are present) and a two-dimensional fast Fourier transformation (FFT) 
obtained from the SEM.  
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Figure 1.8. Effects of heparin treatments on the wing pattern of Oleria onega 
(Nymphalidae: Ithomiini).  
Heparin treatments modify the boundaries of transparent and opaque regions of the 
wing, such as an expansion of melanic central symmetry system patterns, suggesting a 
role of Wnt signaling ligands in demarcating wing patterns in glasswing butterflies.  
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Preface to Chapter 2 
Until recently, research attention has been primarily devoted to transparent organisms 
in aquatic environments, which are much more frequent compared to cases of 
transparency on land. Recent studies have explored aspects of structural diversity, 
optical properties and phylogenetic distribution of transparency within butterflies and 
moths, which often possess scales of altered morphology and reduced size, and the 
presence of membrane surface nanostructures that dramatically reduce reflection. 
However, the developmental processes underlying transparency are currently unknown, 
let alone the dynamic formation of butterfly nanostructures in general. This presents a 
gap in our understanding of how wing scale microstructure morphologies and 
membrane surface nanostructures are generated within a living system. We therefore 
set out to explore the development of wing transparency in Greta oto, which has thin, 
vertically oriented scales and irregularly arranged nanopillars on the wing membrane 
that enable omnidirectional anti-reflective properties. We showed that this species could 
be easily reared in the lab, which allowed us to employ a multitude of techniques, 
including confocal and electron microscopy, GC-MS, optical spectroscopy and analytical 
simulations. We were then able to create a time-series of wing development for the first 
time, comparing transparent and non-transparent wing regions. In this study, we 
highlight several novel features related to the development of wing transparency. (1) We 
found that early into wing development, scale precursor cell density is reduced in 
transparent regions, and cytoskeletal organization (such as actin bundle and 
microtubule distribution) during scale growth differs between thin, bristle-like scale 
morphologies within transparent regions and flat, round scale morphologies within 
opaque regions. These features of modified scale development aid in exposing the wing 
surface in transparent regions, which contains anti-reflective nanopillars. (2) We showed 
that these sub-wavelength nanopillars on the wing membrane are an epicuticular wax-
based layer, which derives from wing epithelial cells and their associated microvillar 
projections, and nanopillars are composed predominantly of long-chain n-alkanes. (3) 
By chemically and physically removing wax-based nanopillars, along with analytical 
simulations, we further demonstrated their role in generating anti-reflective properties. 
To the best of our knowledge, the biochemical composition and ontogeny of wax-based 
anti-reflective nanostructures in Lepidoptera wings have not been characterized until 
now. (4) Finally, we tested the solubility of wing surface nanostructures in several 
additional species of clearwing Lepidoptera. We found that the wings of ‘glasswing’ 
butterflies (Nymphalidae: Ithomiini) and ‘phantom’ butterflies (Nymphalidae: Satyrinae) 
harbor wax-based nanopillars, suggesting that this class of anti-reflective nanostructure 
evolved multiple times independently. 

This chapter has been published in the Journal of Experimental Biology, 
https://doi.org/10.1242/jeb.237917  
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Abstract 
The wings of butterflies and moths (Lepidoptera) are typically covered with thousands of 
flat, overlapping scales that endow the wings with colorful patterns. Yet, numerous 
species of Lepidoptera have evolved highly transparent wings, which often possess 
scales of altered morphology and reduced size, and the presence of membrane surface 
nanostructures that dramatically reduce reflection. Optical properties and anti-reflective 
nanostructures have been characterized for several ‘clearwing’ Lepidoptera, but the 
developmental processes underlying wing transparency are unknown. Here, we applied 
confocal and electron microscopy to create a developmental time series in the 
glasswing butterfly, Greta oto, comparing transparent and non-transparent wing regions. 
We found that during early wing development, scale precursor cell density was reduced 
in transparent regions, and cytoskeletal organization during scale growth differed 
between thin, bristle-like scale morphologies within transparent regions and flat, round 
scale morphologies within opaque regions. We also show that nanostructures on the 
wing membrane surface are composed of two layers: a lower layer of regularly arranged 
nipple-like nanostructures, and an upper layer of irregularly arranged wax-based 
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nanopillars composed predominantly of long-chain n-alkanes. By chemically removing 
wax-based nanopillars, along with optical spectroscopy and analytical simulations, we 
demonstrate their role in generating anti-reflective properties. These findings provide 
insight into morphogenesis and composition of naturally organized microstructures and 
nanostructures, and may provide bioinspiration for new anti-reflective materials. 

  
Key Words: Anti-reflection, nanostructures, glasswing, Lepidoptera, cytoskeleton, 
morphogenesis 

Introduction 
The wings of butterflies and moths (Lepidoptera) have inspired studies across a variety 
of scientific fields, including evolutionary biology, ecology and biophysics (Beldade and 
Brakefield, 2002; Prum et al., 2006; Gilbert and Singer, 1975). Lepidopteran wings are 
generally covered with rows of flat, partially overlapping scales that endow the wings 
with colorful patterns. Adult scales are chitin-covered projections that serve as the unit 
of color for the wing. Each scale can generate color through pigmentation via molecules 
that selectively absorb certain wavelengths of light, structural coloration, which results 
from light interacting with the physical nanoarchitecture of the scale; or a combination of 
both pigmentary and structural coloration (Stavenga et al., 2014; Thayer et al., 2020). 
Cytoskeletal dynamics, including highly organized F-actin filaments during scale cell 
development, play essential roles in wing scale elongation and prefigure aspects of 
scale ultrastructure (Dinwiddie et al., 2014; Day et al., 2019). 

In contrast to typical colorful wings, numerous species of butterflies and moths 
possess transparent wings that allow light to pass through, so that objects behind them 
can be distinctly seen (Fig. 1A–H) (Goodwyn et al., 2009; Yoshida et al., 1997; Siddique 
et al., 2015). This trait has been interpreted as an adaptation in the context of 
camouflage, in which some lineages evolved transparent wings as crypsis to reduce 
predation (Arias et al., 2019; 2020; Mcclure et al., 2019). Transparency results from the 
transmission of light across the visible spectrum through a material, in this case the 
chitin membrane, without significant absorption or reflection. Levels of reflection are 
largely determined by the differences in refractive indices between biological tissues 
and the medium, and a larger difference results in higher surface reflection. Previous 
studies on transparency in nature have primarily focused on aquatic organisms, which 
are frequently transparent, aided by the close match between the refractive indices of 
their aqueous tissue and the surrounding medium – water (e.g. Johnsen, 2001). By 
contrast, transparency is rare and more challenging to achieve on land, primarily owing 
to the large difference between the refractive indices of terrestrial organism’s tissue 
(n=∼1.3–1.5) and air (n=1), which results in significant surface reflection (Yoshida et al., 
1997; Johnsen, 2014; Bagge, 2019). 

Nevertheless, some organisms have evolved morphological innovations that 
overcome the challenges of terrestrial transparency, notably in the form of anti-reflective 
nanostructures. Early experiments elucidated highly ordered sub-wavelength 
nanostructures (termed ‘nipple arrays’) on the corneal surface of insect eyes (Bernhard, 
1962). These structures were found to generally be ∼150–250 nm in height and spaced 
∼200 nm apart, which reduces reflection across a broad range of wavelengths by 
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creating a smoother gradient of refractive indices between air and chitin (Stavenga et 
al., 2006). Nanostructure arrays have also been identified on the wings of cicadas, 
which help to reduce surface reflection over the visible spectrum (Huang et al., 2015). 

Some lepidopterans possess ‘clear wings’ in which scales have undergone 
modifications that enable light to reach the wing membrane surface. The wing itself is 
composed of chitin and has some inherent transparency, but owing to the high 
refractive index of chitin, n=1.56, the wing surface reflects light (Vukusic et al., 1999). 
For example, the butterfly Methona confusa (Nymphalidae: Ithomiini) has an exposed 
wing membrane that lacks nanostructures on the surface, and as a result, the wing is 
somewhat transparent, but retains a high degree of reflectivity (Fig. 1A–E). Conversely, 
the longtail glasswing, Chorinea faunus (Riodinidae), contains small, widely spaced 
scales and dome-shaped chitin nanoprotuberances on the membrane that generate 
anti-reflective properties (Narasimhan et al., 2018). The hawkmoth, Cephonodes hylas 
(Sphingidae), has nude wings owing to deciduous scales that fall out upon eclosion, and 
possesses anti-reflective nanostructures on its wing surface that morphologically 
resemble insect corneal nipple arrays (Yoshida et al., 1997). Nipple array 
nanostructures have also been characterized in transparent wing regions of the tiger 
moth Cacostatia ossa (Erebidae) (Deparis et al., 2014). Finally, the glasswing butterfly, 
Greta oto (Nymphalidae: Ithomiini), contains thin, vertically oriented scales, allowing the 
wing surface to be exposed, along with nanopillars that coat the surface (Fig. 1F–J). 
These irregularly arranged nanopillars feature a random height distribution and enable 
omnidirectional anti-reflective properties (Fig. 1I,J) (Siddique et al., 2015; Binetti et al., 
2009). More recent studies have explored aspects of structural diversity, optical 
properties, phylogenetic distribution and ecological relevance of transparency within a 
wide range of butterflies and moths, highlighting that transparency has evolved multiple 
times independently and may present evolutionary benefits (Mcclure et al., 2019; 
Gomez et al., 2020 preprint; Pinna et al., 2020 preprint). 

Lepidoptera are proving to be an excellent group to investigate transparency on 
land, but the developmental processes underlying wing transparency are currently 
unknown. This presents a gap in our understanding of lepidopteran wing evolution and 
diversification, as transparent butterflies and moths contain multitudes of intriguing scale 
modifications and sub-wavelength cuticular nanostructures (Gomez et al., 2020 preprint; 
Pinna et al., 2020 preprint). Therefore, we set out to explore the development of wing 
transparency in the glasswing butterfly, G. oto, which belongs to a diverse tribe (∼393 
species) of predominantly transparent neotropical butterflies (Elias et al., 2008). We 
applied confocal and transmission electron microscopy (TEM) to compare wing 
development, scale cytoskeletal organization and membrane surface nanostructures 
between clear and opaque wing regions. Using chemical treatments, scanning electron 
microscopy and gas chromatography–mass spectrometry, we found that nanostructures 
on the wing membrane surface are composed of two layers: a lower layer of chitin-
based nipple-like nanostructures, and an upper layer of wax-based nanopillars 
composed predominantly of long-chain n- alkanes. Finally, by removing wax-based 
nanopillars, we demonstrate their role in dramatically reducing reflection on the wing 
surface via optical spectroscopy and analytical simulations. 
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Materials and Methods 
Samples 
Glasswing butterfly [Greta oto (Hewitson 1854)] pre-pupae were purchased from Magic 
Wings Butterfly House (Deerfield, MA, USA) and reared on Cestrum nocturnum 
(Solanaceae) leaves at 27°C and 60% humidity on a 16 h:8 h light:dark cycle at the 
Marine Biological Laboratory (Woods Hole, MA, USA) under United States Department 
of Agriculture permit number P526P-19-02269. At the appropriate time of development, 
pupal wings were dissected and age was recorded as hours after pupal case formation 
(h APF) Dinwiddie et al. (2014). The average timeline from pupation to eclosion (adult 
emergence) for G. oto at 27°C is approximately 7 days, and we report our time series 
here which covers early aspects of wing scale development. 

  
Optical imaging and scale measurements 
Images of whole-mounted specimens were taken with a Canon EOS 70D digital camera 
with an EF 100 mm f/2.8 L macro lens. High- magnification images of disarticulated 
wings were taken with a Keyence VHX-5000 digital microscope. Scale density was 
determined by counting the numbers of scales in a 1 mm2 area. Scales were also 
removed from the wings and laid flat onto a slide, and Keyence software was used to 
measure the surface area of individual scales. Images of clear and opaque regions 
were processed with Keyence software to measure the percentage of area covered by 
scales. We took measurements from three individual males and three individual females 
that were reared in the same cohort. All measurements were taken on the dorsal 
surface of the forewing (indicated by the red box in Fig. 1F) and each measurement was 
replicated three times per individual. For statistics, we used N=3, where measurements 
for each individual were averaged and the difference between each wing measurement 
group (scale density in clear versus opaque regions and percent wing membrane 
exposed in clear versus opaque regions) was analyzed using t-tests for two 
independent samples with unequal variance estimates. An ANOVA test was used to 
analyze scale area measurements between different scale morphologies (bristle, forked 
and opaque). 

  
Confocal microscopy 
For confocal microscopy of fixed tissue, pupal wings were dissected and fixed in PEM 
buffer (0.1 mol l−1 PIPES, 2 mmol l−1 EGTA, 1 mmol l−1 MgSO4, pH 6.95) with 3.7% 
paraformaldehyde for 20– 30 min at room temperature, as described previously 
(Dinwiddie et al., 2014). Fixed wings were incubated in 1X PBS+0.1% Triton- X 100 
(PT) with 1:200 dilution of phalloidin, Alexa 555 conjugated (Invitrogen A34055), and 
wheat germ agglutinin, Alexa 647 conjugated (Invitrogen W32466) at a dilution of 1:200 
overnight at 4°C. Wings were washed in PT and then placed in 50% glycerol: PBS with 
1 μg ml−1 DAPI overnight at 4°C. Wing samples were placed on microscope slides and 
mounted in 70% glycerol:PBS. A coverslip (#1.5 thickness) was applied, and each 
preparation was sealed around the edges with nail polish. Slides of fixed tissue were 
examined with an LSM 880 confocal microscope (Carl Zeiss, Germany) with 40× and 
63× objectives. Confocal images and movies were generated using Imaris Image 
Analysis Software (Bitplane, Oxford Instruments, UK).  
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Scanning electron microscopy 
We cut 2 mm square pieces from dry wings, coated them with a 10 nm layer of gold 
using the Bio-Rad E5400 Sputter Coater, and imaged with a Hitachi TM-1000 SEM at 5 
kV. Top-view and cross- section SEM images were analysed with ImageJ 1.52 to 
measure membrane thickness and nanostructure dimensions (n=6 individuals). 

  
Transmission electron microscopy 
For TEM, wings of G. oto pupae were dissected and fixed in 2% glutaraldehyde, 2% 
paraformaldehyde in 0.1 mol l−1 sodium cacodylate buffer overnight at 4°C (pH 7.4). 
Samples were then rinsed in 0.1 mol l−1 cacodylate buffer (pH 7.4) and post-fixed in 1% 
aqueous osmium tetroxide in 0.1 mol l−1 cacodylic buffer overnight at 4°C, then rinsed in 
water. Samples were en bloc stained with 1% uranyl acetate in water and then rinsed in 
water. Samples were dehydrated through a graded ethanol series (50–100% in 10% 
steps), rinsed in propylene oxide, and then infiltrated in 50% resin and propylene oxide 
overnight. Samples were infiltrated with Epon/ Alardite embedding medium (70%, 80%, 
95% to 100% steps) and polymerized at 60°C for 2 days. Thin sections (∼70 nm) were 
cut on an Ultramicrotome RMC PowerTome XL using a Diatome diamond knife. Digital 
images were taken using a JEOL 200 transmission electron microscope (JEOL, USA). 

  
Wing surface wax extraction and analysis 
To identify the molecular composition of the transparent wing surface, we pooled 
forewing dissections from three individual adults and performed two replicates for 
chloroform-based extractions and two replicates for hexane-based extractions (after 
Futahashi et al., 2019). First, the samples were soaked with 100 μl of either hexane or 
chloroform and gently mixed for 15 min on a Thermolyne RotoMix 51300. The liquid 
solutions containing dissolved wing surface compounds were then transferred to glass 
vials with fixed microvolume inserts, and the solvent was evaporated under a stream of 
high-purity nitrogen gas (99.99%). Dried extracts were re- dissolved in fixed volumes of 
hexane (10 μl), and half of the extract (5μl) was injected by automatic liquid sampler into 
a gas chromatograph coupled with a mass selective detector (GC: 7890A; MS: 5975C; 
Agilent Technologies, USA) operating in electron impact mode. The injection was 
performed in a split/ splitless injector in the splitless mode. Separation of compounds 
was performed on a fused silica capillary column (DB-5MS, 30 m×0.32 mm×0.25 μm, 
Agilent J&W GC columns, USA) with a temperature program starting from 80°C for 5 
min and increasing by 80°C min−1 to 200°C, followed by an increase of 5°C min−1 to 
325°C, which was held for 3 min, with helium used as the carrier gas, positive electron 
ionization (70 eV), analog to digital (A/D) sampling rate was set at 4, and the scan range 
was m/z 40.0 to 650.0. Chemical data processing was carried out using the software 
Enhanced Chemstation (Agilent Technologies). We retained peaks with abundances 
greater than 0.25% of the total and compounds were identified according to their 
retention indices, diagnostic ions and mass spectra, which are provided in Table S1. For 
some peaks, it was not possible to narrow the identity to a single specific compound 
because (1) some low abundance substances produced poor quality mass spectra, (2) 
multiple compounds could have produced the observed fragmentation patterns and/or 
(3) multiple compounds may have co-eluted at the same retention time. 
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Optical measurements 
The wing reflection measurements were performed on a Cary 5000 UV-Vis-NIR 
spectrophotometer, equipped with a light source of tungsten halogen and an integrating 
sphere diffuse reflectance accessory (Internal DRA 1800). Wing measurements from 
the dorsal wing surface were recorded using three different individuals for control 
treatments (untreated) and three different individuals for hexane treatments with 
unpolarized light with a spot size of 100 μm for an incident angle of 8 deg to avoid the 
loss of direct specular reflectance component through the aperture. All measurements 
were taken in the dark to avoid possible stray illumination from the surrounding 
environment and we performed two technical replicates for each individual wing. A 
reference measurement was done with a calibrated commercial white spectralon 
standard to calculate the relative diffuse reflectance. The reflectance measurements 
and mean data are available from Dryad (https:// doi.org/10.6078/D1TD7H). 

  
Optical simulations 
The total volume fraction of the untreated wing along the height h can be given by: 

 
The average distance between two nanostructures is represented as d, conical shaped 
cuticular nipple nanostructure height as hp, wax-based irregular nanopillar radius as rnp, 
mean height of the irregular nanopillar distribution as hnp and their corresponding 
variance as σnp. The volume fraction of the treated wing without the irregular nanopillars 
will be: 
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After determining the volume fraction, the corresponding refractive index changes along 
the wing at any height h were calculated using the effective medium theory (EMT) with 
the Maxwell–Garnett approximation as shown in Fig. 6E (see Fig. S2). EMT pertains to 
analytical or theoretical modeling that describes the macroscopic properties of 
subwavelength nanostructured materials, when the nanostructures collectively affect the 
optical properties. EMT is developed from averaging the multiple values of the 
constituents that directly make up the nanostructured material including the surrounding 
media, in this case, chitin, wax and air. The refractive indices of the different materials 
were considered as nair=1, nchitin=1.56+i0.008 (Vukusic et al., 1999; Narasimhan et al., 
2018), and we considered nwax=1.39 (based on Hooper et al., 2006). Therefore, the 
effective refractive index neff can be calculated for any h using the equations below with 
the calculated volume fractions, where air volume fraction can be calculated by 
corresponding fair=1−fwax/chitin: 

 

 
 
Afterwards, the transfer matrix method (TMM) computed the reflectance from the 
stratified medium with calculated refractive index profiles as shown in Fig. 6E for the 
unpolarized condition (taking the average of both s- and p-polarization) at an incident 
angle of 8 deg (to replicate the experimental condition). The basic formalism of TMM 
relies on the calculation of thin film reflection and transmission from Maxwell’s 
electromagnetic equations using the boundary conditions. Because of the stack of thin 
films, the reflectance and transmittance is calculated with a transfer matrix formalism 
describing the propagation of light from layer to layer. The membrane-only reflection at 
normal incident light can be directly calculated from Siddique et al. (2016): 
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where membrane thickness is hm and modulation is σm, δ=(2πnchitinh)/λ is the phase 
delay introduced by the membrane thickness of h, and r is the reflection coefficient at 
the air–chitin boundary governed by Fresnel’s equation for a normal incident light, i.e. 
r=(1−nchitin)/(1+nchitin). 

Results 

Scale measurements in clear and opaque wing regions of adult Greta oto 
We investigated features of scale density, scale morphology and the amount of wing 
surface exposed in adult G. oto. We focused on two adjacent regions on the dorsal 
surface of the forewing for consistency: a clear region within the discal cell and an 
opaque region that consists mainly of black scales near the cross-vein (indicated by the 
red box in Fig. 1F). The clear wing region contained two types of alternating scale 
morphologies – bristle-like scales and narrow, forked scales – while within the opaque 
wing region, scale morphologies resembled ‘typical’ butterfly pigmented scales – flat 
and ovoid with serrations at the tips (Fig. 1K,L). The mean (±s.d.) density of scales in 
the adult wing were significantly lower within the clear region, with 98.2±18.1 scales per 
mm2 in males and 102.3±17.2 in females, compared with the opaque region with 
374.3±22.2 scales per mm2 in males and 358.1+19.6 in females (t=−30.9, d.f.=4, 
P<0.0001 for male sample comparison, t=−21.9, d.f.=4, P<0.0001 for female sample 
comparison; Fig. 1N). In the clear region, forked scales were significantly smaller in size 
(498±39 μm2) compared with the bristle-like scales (831±183 μm2), while in the opaque 
region, scales were the largest (3467±382 μm2) (Fig. 1O). Finally, the amount of 
exposed wing membrane was significantly different between wing regions, with an 
average of 81.6±2.7 and 82.2±4.3% of exposed membrane in the clear wing regions of 
males and females, respectively, compared with 2.6±1.1 and 1.4±0.7% membrane 
exposed in opaque regions of males and females, respectively (t=78.9423, d.f.=4, 
P<0.0001 for male sample comparison, t=48.3854, d.f.=4, P<0.0001 for female sample 
comparison, Fig. 1P). 

Morphogenesis and cytoskeletal organization of developing scale cells 
To investigate developmental processes of wing and scale development, we performed 
dissections of G. oto pupae at different time points (Fig. 2). As in other species of 
Lepidoptera, the early pupal wing consisted of a thin bilayer of uniform epithelial tissue 
and by 16 h APF, numerous epidermal cells had differentiated to produce parallel rows 
of sensory organ precursor (SOP) cells (the precursors to the scale and socket cells) 
(Fig. 2B,C). At this early stage of wing development, we observed that the clear wing 
region harbored a lower density of SOP cells relative to the opaque wing region (Fig. 
2B,C). In a 400 μm2 area, the density of SOP cells in the clear region was 65.2±7.0, 
compared with the density of SOP cells in the opaque region of 169.2±15.7 (t=−10.4629 
d.f.=4, P=0.0003, N=3 pupae). We can therefore infer that early into wing development, 
SOP cell patterning is differentially regulated between clear and opaque regions, which 
impacts the adult wing scale density and the amount of wing membrane surface 
exposed in different parts of the wing. 
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 Next, we investigated cellular and cytoskeletal organization during scale growth 
in clear and opaque wing regions (Fig. 2D–I). We found that general aspects of scale 
development in G. oto follow those previously reported in several butterfly and moth 
species by Dinwiddie et al. (2014), with some notable distinctions for modified scale 
growth in the clear wing regions of G. oto. By 30 h APF, the SOP cells have divided to 
produce the scale and socket cells (Fig. 2D,E). The scale cell body lies internally within 
the wing, while the socket cell associated with each scale cell lies in a more superficial 
position. Phalloidin staining showed the appearance of small cylindrical scale 
outgrowths containing F-actin filaments, and WGA staining showed outlines of the 
membrane as the scale outgrowths begin to project and elongate beyond the wing 
surface. At this stage, budding scales in the clear wing region appeared morphologically 
similar to the unspecialized opaque scales: roughly elongated balloon-shaped with 
numerous small actin rods fanning out from the pedicel to the apical tip of the scale (Fig. 
2D,E). By 48 h APF, scale cell extensions have grown and elongated (Fig. 2F,G). The 
actin filaments have reorganized into smaller numbers of thick, regularly spaced 
bundles along the proximal– distal axis of the scale just under the surface of the cell 
membrane. Fluorescent staining revealed larger bundles of F-actin in the adwing ( 
facing the wing membrane) side of the scales relative to the abwing side (Movie 1). At 
this stage, scales in different regions of the wing had taken on dramatically different 
morphologies. Scales in the clear region had elongated in a vertical orientation and 
obtained two types of alternating morphologies: short and triangular, or long and bristle-
like outgrowths (Fig. 2F). In the opaque region, scales had taken on a round and 
flattened morphology, with ground scales shorter than the cover scales (Fig. 2G). By 60 
h APF, scale projections were even more elongated (Fig. 2H,I). The triangular scales in 
the clear wing region had proceeded to generate two new branches, which forked and 
elongated at the tips bidirectionally, while bristle-like scales had elongated and curved 
(Fig. 2H). In the opaque region, scales were longer, wider and flatter, and had 
developed serrations at the tips (Fig. 2I). 

Ultrastructure analysis of developing bristle, forked and opaque scales 
To reveal ultrastructural detail of developing wing scale morphology, we performed TEM 
on pupal wing tissue of G. oto at 48 h APF (Fig. 3). In transverse sections, we could 
resolve distinct scale morphologies (bristle, forked and opaque) and their associated 
cytoskeletal elements.  

Bristle-like scales in the clear wing regions were circular in cross- sections (Fig. 
3A–C). We could also distinguish between distal and basal regions of bristle-like scales, 
the latter of which had the presence of a surrounding socket cell in the cross-section 
(Fig. 3B, C). TEM revealed that these bristle-like scales were ringed by peripheral 
bundles of actin filaments, which lay spaced just under the cell membrane (Fig. 3B,C′). 
In distal regions of the bristle-like scale, actin bundles were larger on the adwing side 
relative to the abwing (Fig. 3B), while near the base of the bristle-like scale (indicated by 
the presence of a surrounding socket cell), actin bundles were more evenly distributed 
around the periphery (Fig. 3C). 

We also observed large populations of microtubules distributed throughout 
developing scales, which were internal relative to the actin bundles. Interestingly, we 
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observed distinct patterns of microtubule distribution within different developing scale 
morphologies. The cross-section of bristle-like scales revealed large populations of 
internal microtubules, which we identified owing to their characteristic ring shape and 
diameter of ∼25 nm (Fig. 3B′,C′). The circular ring shape of microtubules in cross-
sections of both the basal and distal parts of the bristle-like scale suggested that 
microtubules are all longitudinally oriented, running in the same direction as the actin 
filaments, parallel to growth. We also observed that populations of microtubules were 
localized primarily away from the surface of the scale in its interior, and microtubules 
were fewer distally than basally (Fig. 3B′,C′). 

In our TEM cross-sections, we also observed scale types that appeared more 
triangular in shape, suggesting that they correspond to developing forked scales within 
the clear wing region (Fig. 3D,E). These scales were ringed by peripheral bundles of 
actin filaments, with larger actin bundles on the adwing side of the scale. Interestingly, 
we observed two internal bundles of actin filaments that were not observed in bristle-like 
scale morphologies, although we note that these could also be internal actin bundles 
previously referred in other butterfly species as ‘rods’, which only extend approximately 
two-thirds of the way along the proximal–distal axis and are only on the lower surface of 
the scale (Fig. 3E′) (Dinwiddie et al., 2014). We also note that there was variability in 
microtubule orientation, rather than the ubiquitous longitudinal orientations observed in 
bristle-like scales. 

Finally, developing opaque scales were easily identified in cross-sections owing 
to their large size and flattened morphology (Fig. 3F,G). We observed peripheral 
bundles of actin filaments that were widely spaced and smaller in size in distal parts of 
the scale (Fig. 3G,G′). We observed a clear asymmetry in actin bundle size, which were 
larger on the adwing side of the scale relative to the abwing surface. In opaque wing 
regions, TEM micrographs revealed what appeared to be concentrated parallel-running 
populations of microtubules near the narrow base of the scales, and then a more mesh-
like network of microtubules in more distal flattened regions, indicating that microtubules 
have varying orientations within different regions of the scale (Fig. 3G,G′, Fig. S1). In 
contrast to the bristle-like scales, large, flattened opaque scales appeared to contain 
populations of microtubules that were more widely distributed and less dense. In all 
scale types, we observed the presence of hexagonally packed F-actin filaments and 
numerous internal organelles and vesicles, including mitochondria, electron-dense 
vesicles and free ribosomes (Fig. 3, Fig. S1). 

Ontogeny of wing membrane nanostructures 
The clear wing regions of G. oto contain nanopillars that cover the surface of the 
membrane (Fig. 1I). These nanopillars were previously characterized based on SEM in 
adult wings, which feature an irregular height distribution and help to generate 
omnidirectional anti-reflective properties (Siddique et al., 2015). To gain insight into the 
development of these nanostructures, we examined the surface of the wing membrane 
epithelial cells with TEM (Fig. 4B–F). At 60 h APF, a perpendicular section through the 
wing epithelia showed a continuous epithelial lamina (Fig. 4B,C). We observed that the 
epithelial cells contained microvilli, which appeared as slender linear extensions from 
the inner margins of the developing cells that insert into electron-dense material (Fig. 
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4B,C). The surface layer of the epithelia appeared as an extracellular lamellar system, 
and lamina evaginations appeared in the section as domes distal to the microvillar 
extensions (Fig. 4C). By 72 h APF, we observed a thin outer layer of the epicuticle that 
rose above the epidermal cells, and by 120 h APF, we found that this layer above the 
microvilli contained what appear to be dome-shaped protrusions and thickened cuticle, 
possibly secreted from regularly spaced microvilli (Fig. 4D,E). Finally, in our TEM cross-
section of a fully developed adult wing of G. oto, we observed that the membrane 
surface harbors dome-shaped nanoprotrusions with morphologies similar to those of 
insect corneal surface nipple arrays (Yoshida et al., 1997; Bernhard, 1962), which we 
refer to throughout the text now as ‘nipple nanostructures’, and an upper layer 
containing pillar-like protrusions, which we refer to as ‘nanopillars’, that featured a more 
irregular height distribution (Fig. 4F). These results show early subcellular processes of 
developing nanopillars within the clear wing region, which arise distal to microvillar 
extension in epithelial cells. 

Topographical organization and biochemical composition of wing surface 
nanostructures 
Based on our electron microscopy results of membrane nanostructures, we investigated 
the topographical organization and biochemical composition of the adult wing surface. 
To do so, we treated individual, disarticulated adult G. oto wings in two ways: (1) by 
physically removing wing surface nanostructures by gently pressing and rubbing a wing 
in between paper and Styrofoam (Yoshida et al., 1997) and (2) by testing the wing 
surface structures for solubility in organic solvents, including hexane and chloroform to 
extract lipids (Futahashi et al., 2019). We then performed SEM to compare wing surface 
topography of untreated and treated wing samples (Fig. 5A–C′). SEM confirmed that the 
first treatment partially or completely removed nanostructures across the wing 
membrane surface (Fig. 5B). In a region of partial removal, we could identify smaller, 
dome-shaped nipple nanostructures underneath the top layer of nanopillars (Fig. 5B′). 
SEM of the chemically treated wing surface revealed that the upper layer of irregularly 
sized nanopillars was completely removed, revealing a layer of regularly arranged 
dome-shaped nipple nanostructures that did not dissolve through chloroform or hexane 
exposure (Fig. 5C,C′). Therefore, we hypothesized that the upper layer of irregularly 
sized nanopillars consisted of a secreted wax-based material, which sits above smaller 
chitin-based nipple nanostructures. 
 To test this hypothesis, we extracted the surface layer of G. oto clear wing 
regions with either hexane or chloroform and analyzed the chemical composition by gas 
chromatography–mass spectrometry (GC-MS). We found that the chemical profile 
generated by both hexane and chloroform extracts yielded similar results (Fig. 5D). In 
all extracts, we identified two straight-chain alkanes that made up approximately two-
thirds of the compounds detected: 41.64±5.75% pentacosane (C25H52) and 
23.32±5.35% heptacosane (C27H56) (Table S1). The remaining compounds were 
primarily composed of slightly larger methyl-branched alkanes (monomethyl and 
dimethyl C27, C29 and C31) and esters. Therefore, our results suggest that in G. oto, 
there are two components to wing surface ultrastructure: procuticle-based nipple 
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nanostructures, and an upper epicuticular layer of irregularly sized nanopillars, 
composed mainly of straight- chain alkanes (Fig. 5D,E). 

Anti-reflective properties of wax-based nanopillars 
To address whether the wax-based nanopillars play a role in wing reflection, we 
measured the reflectance spectra of untreated and hexane-treated wings (Fig. 6). 
Additionally, we measured nanostructure geometries and membrane thickness from 
wing SEM cross-sections and determined the average distance between two 
nanostructures as d=174 nm, conical-shaped cuticular nipple nanostructure height as 
hp=77 nm, wax-based irregular nanopillar radius as rnp=53 nm, mean height as 
hnp=224 nm and variance as σnp=49.3 nm, and membrane thickness as hm=746 nm 
and variance as σm=43nm (Fig. 6B,D, Fig. S2). On the basis of SEM micrographs for 
treated and untreated samples, we modeled three wing architectures, consisting of: (1) 
nanopillars with variable height together with cuticle-based nipple nanostructures on the 
wing membrane, (2) cuticle-based nipple nanostructures on the wing membrane and (3) 
the wing membrane without any nanostructures, to simulate the optical properties for 
different conditions (Fig. 6E). The simulated reflectance data of the untreated and 
treated conditions in Fig. 6F closely resembled the experimental ones. In untreated 
wings of G. oto, we found that transparent regions have a low total diffuse reflection of 
approximately 2%, which is in line with previous reflectance measurements of this 
species (Siddique et al., 2015) (Fig. 6F). By contrast, the hexane-treated wings without 
the upper layer of wax nanopillars had approximately 2.5 times greater reflectance 
relative to the untreated wings, and generated an iridescent thin film spectra, even 
though they harbored dome-shaped nipple nanostructures (Fig. 6D,F). 
 For simulated data, the overall reflectance ratio of the hexane- treated wing to 
the untreated wing was approximately three, similar to experimental reflectance data 
(Fig. 6F; see dataset available from Dryad at https://doi.org/10.6078/D1TD7H). 
Importantly, the simulated results for the untreated wing with wax-based irregular 
nanopillars make reflectance more uniform across wavelengths, which reduces the 
iridescent effect of the wing membrane. Finally, we simulated a thin film membrane 
without any nanostructures, which showed reflectance (averaged from all wavelengths) 
of the membrane itself to be 8.81±3.46%, whereas the treated and untreated wing 
reflections were 5.78±2.82% and 1.93±0.77%, respectively (Fig. 6F). While treated 
wings harboring dome-shaped nipple nanostructures reduced the overall reflectance 
relative to the membrane only, their effect was not strong enough to reduce reflectance 
spectra oscillation. The wax-based irregular nanopillars on top introduced a more 
gradual transition between refractive indices to lessen the oscillation by approximately 
five-fold, in addition to reducing overall reflection (Fig. 6F). Additionally, we simulated 
the three wing architecture models considering different mean membrane thicknesses 
and variance in membrane thickness (Fig. S3). We found that variance in wing 
membrane thickness reduced reflectance spectra oscillations, rather than mean 
membrane thickness alone, and more peaks appear in the visible spectrum with 
increasing thickness of the membrane. (Fig. S3; Dryad dataset 
https://doi.org/10.6078/D1TD7H). Overall, these results demonstrate that the non-
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constant architecture of the wing membrane and wax-based irregular nanopillars on the 
wing surface of G. oto function to dramatically enhance anti-reflective properties. 

Solubility of wing surface nanostructures in clearwing Lepidoptera 
We investigated additional species of clearwing Lepidoptera by assessing the solubility 
of wing surface nanostructures with hexane treatments, including (A) an additional 
glasswing butterfly, Godyris duilia (Nymphalidae: Ithomiini), (B) the amber phantom 
butterfly, Haetera piera (Nymphalidae: Haeterini), (C) the longtail glasswing, Chorinea 
faunus (Riodinidae: Riodinini), and (D) the clearwing hawkmoth, Hemaris thysbe 
(Sphingidae: Dilophonotini) (Fig. 7). For both G. duilia and H. piera, we found that the 
clear wing membrane surface is covered in irregularly arranged nanopillar structures 
(Fig. 7A,B). After hexane treatments, the wings became more reflective, the upper layer 
of irregularly arranged nanopillars was removed, while nipple-like structures remained, 
supporting that nanopillars are likely wax-based, similar to G. oto. Conversely, for both 
C. faunus and H. thysbe, the reflectivity of the wings and the regularly arranged nipple 
array-like nanostructures on the membrane surface appeared unaffected after hexane 
treatment, suggesting that the structures are chitin-based (Fig. 7C,D). These results 
indicate that wing surface nanostructures can be either chitin-based, which 
morphologically resemble the nipple array type of nanostructure, or wax-based, which 
morphologically resemble irregularly arranged nanopillars, and both types appear to 
have arisen in phylogenetically distant lineages of Lepidoptera. 

Discussion 
Butterflies and moths have evolved sub-wavelength anti-reflective structural innovations 
on their wings that enable them to be transparent. Here, we report the details of pupal 
wing development and scale cytoskeletal organization in the glasswing butterfly, G. oto, 
as well as insights into the ontogeny and biochemical basis of wing surface 
nanostructures that reduce reflection in clearwing Lepidoptera. 
 The arrangement of unicellular projections in insect integument, such as bristles 
and scales, has been a model for research on cellular pattern formation (Ghiradella and 
Butler, 2009). Shortly after pupation, SOP cells develop from a monolayer of epithelial 
cells into orderly arrangements, then differentiate into scale and socket cells. In the 
present study, we found that early SOP cell patterning affects the final adult scale 
density in G. oto, and this feature of spacing scale cells farther apart, and therefore 
reducing the overall density of scales, is an initial step to generate clear wings. During 
early pupal development, the receptor molecule Notch is expressed in a grid-like pattern 
in the wing epithelium (Reed, 2004). This may contribute to the parallel rows of 
uniformly spaced SOP cells, which express a homolog of the achaete-scute proneural 
transcription factors that likely function in scale precursor cell differentiation (Galant et 
al., 1998). Notch-mediated lateral inhibition could establish a dense population of 
ordered SOP cells in the developing wing, resulting in a characteristic ratio of scale-
building and epithelial cells (Escudero et al., 2003; Couturier et al., 2019). Future 
studies should investigate whether modifications in Notch signaling play a role in scale 
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cell patterning in clearwing butterflies and moths, many of which contain reduced 
densities of scale cells (Gomez et al., 2020 preprint; Pinna et al., 2020 preprint). 
 The range of morphological diversity among scales and bristles within 
Lepidoptera likely results developmentally from components or modifiers of the 
cytoskeletal structures and cell membrane. One study surveyed a wide range of 
developing butterfly and moth scales and identified that F-actin is required for several 
aspects of scale development, including scale cell elongation and proper orientation 
(Dinwiddie et al., 2014). In the developing bristle-like scales in G. oto, we find relatively 
symmetrical actin bundles distributed throughout the periphery and a large population of 
longitudinally running interior microtubules. This is similar to what has been described 
for developing bristles in Drosophila melanogaster pupae, which contain peripheral 
bundles of cross-linked actin filaments and a large population of microtubules that run 
longitudinally along the bristle (Tilney et al., 2000). It was recently shown that actin 
bundles play different roles in shaping scales and bristles in the mosquito Aedes 
aegypti, in which developing bristles contained symmetrically organized actin bundles, 
while actin bundle distribution in scales became more asymmetrically organized (Djokic 
et al., 2020). Given that actin dynamics play a variety of roles in regulating the 
development of bristles and scales (Dinwiddie et al., 2014; Day et al., 2019; Tilney et 
al., 2000; Djokic et al., 2020), we hypothesize that modifications in F-actin organization 
of scales in the transparent wing of G. oto are responsible in part for their narrow bristle-
like and forked morphologies. 
 In an analysis of moth scale development, major shape changes were found to 
be correlated with changes to the orientation of the cytoplasmic microtubules (Overton, 
1966). In the present study, we identified large populations of microtubules organized 
throughout developing scales and found that microtubules exhibit different distributions 
and orientations relative to distinct scale morphologies, namely between bristle, forked 
and flat, round scales. In D. melanogaster, microtubules may play a role in bristle 
development by adding bulk to the bristle cytoplasm, contributing to proper axial growth, 
and aiding organelle and protein distribution (Bitan et al., 2010, 2012). It would be 
interesting for future studies to functionally characterize the role microtubules play in the 
development of lepidopteran scales. Our findings lend further support to the 
observations that general patterns of scale development, including patterns of F-actin 
localization and microtubule distribution, seem to be well conserved in Lepidoptera, and 
that modifications of scale morphology to achieve clearwing phenotypes, such as 
narrow bristle-like and forked scales, likely involve alteration of cytoskeletal organization 
during scale growth. 
 Chitinous wing membrane has a higher refractive index than air, which generates 
glare under natural light conditions. Some clearwing species have evolved sub-
wavelength anti-reflective nanostructures, which reduces glare and likely aids in crypsis 
(Yoshida et al., 1997; Siddique et al., 2015). In this study, we identified the early 
developmental processes of nanostructures that arise in the wing epithelium. We also 
note interesting parallels of our observations to previous descriptions of developing 
nanostructures on the surface of insect cornea. Early data on pupal development of 
corneal nanostructures were produced by detailed electron microscopy studies, 
showing that corneal nipples emerge during lens formation (Gemne, 1971; Fröhlich, 
2001). In these observations, development of initial laminar patches formed on top of 
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underlying microvilli. Subsequently, nanostructures (termed nipple structure array) 
formed on the surface, with the tips of microvilli still attached to the inner surface. 
Gemne (1971) proposed that the corneal nanostructures originate from secretion by the 
regularly spaced microvilli of the cone lens cells, although there is still debate about the 
exact nature of how microvilli pre-pattern nanostructure arrays (Kryuchkov et al., 2017). 
Our TEM results provide insight into the early developmental processes of anti- 
reflective nanostructure formation in the wings of G. oto, highlighting certain similarities 
to nipple array development in insect cornea. It would be interesting for future work to 
explore whether features of nanostructure formation arose independently in insect 
cuticle as a mechanism to reduce surface reflection. 
 In contrast to previously described highly ordered nipple arrays found on insect 
eyes and some clearwing lepidopteran wings (Stavenga et al., 2006; Kryuchkov et al., 
2017), the irregularly sized anti-reflective nanopillars in the clear regions of G. oto wings 
appear to consist of an upper layer of wax-based epicuticle sitting above procuticle-
based nipple nanostructures. Insect cuticle is an extracellular matrix formed by the 
epidermis and is composed of three layers: the outermost envelope, the middle 
epicuticle and the inner procuticle (Moussian, 2010). The envelope and the epicuticle 
are composed mainly of lipids and proteins, while the procuticle contains the 
polysaccharide chitin. Many terrestrial arthropods deposit a layer of wax lipids on the 
surface of their cuticle, which reduces evaporative water loss (Gibbs, 1998). In some 
species of dragonfly, epicuticular wax-based nanostructures have also been 
demonstrated to play a role in generating optical properties, such as an ultraviolet 
reflection (Futahashi et al., 2019). In mature males of these dragonflies, a dense wax 
secretion composed of long-chain methyl ketones, in particular 2-pentacosanone, was 
found to contribute to the UV reflection properties (Futahashi et al., 2019). The chemical 
composition of nanopillars on the wing surface of cicadas, which contribute to 
hydrophobicity and antimicrobial properties, was found to consist of epicuticular 
components such as fatty acids and hydrocarbons ranging from C17 to C44(Romań- 
Kustas et al., 2020). Another study exploring the molecular organization of dragonfly 
wing epicuticle found that the major components identified were fatty acids and n-
alkanes with even- numbered carbon chains ranging from C14 to C30 (Ivanova et al., 
2013). Here, we identified that the epicuticular layer of irregularly sized anti-reflective 
nanopillars in G. oto appears to be composed mainly of n-alkanes, including 
pentacosane (C25) and heptacosane (C27) and showed the importance of these 
structures in attaining better transparency. Interestingly, we found that butterflies 
belonging to the tribe Haeterini also contain irregularly arranged hexane-soluble 
nanopillars on the wing membrane surface, suggesting that wax-based anti-reflective 
structures have arisen multiple times independently. 
 Turing reaction–diffusion mechanisms have been proposed as a model for the 
formation of various corneal nanostructure morphologies (such as spacing, height, and 
spatial organization) during insect eye development (reviewed in Kryuchkov et al., 
2017). Although the degree of height irregularity of nanopillars is important for achieving 
omnidirectional anti-reflection in G. oto, we do not yet understand how such variability in 
height is generated. Perhaps the pressure of the wax secretion varies across the area 
of microvillar extensions, similar to how nozzle area plays a role in the propulsion force, 
and tunes the height of the nanopillars in the process. In such a scenario, the degree of 
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the height variation could be synthetically engineered depending on the two-
dimensional nanopatterned mask design in the biomimetic processes, such as molding 
or imprinting techniques. Additionally, others have generated three-dimensional wax 
structures using n-alkanes, noting that wax-based crystals can generate different 
shapes, sizes and densities depending on the chain length (Gorb et al., 2014). Future 
work should investigate the possible role of alkanes, and the two-dimensional surface 
growth geometry, in generating three- dimensional anti-reflective nanostructures and 
potential applications for biomimetics. 
 Taken together, these results enable us to form a hypothesis that the origin of 
anti-reflective nanopillars may have involved a two-step evolutionary process. First, 
regions of wing membrane may have become increasingly exposed through a reversion 
of dense, flat, wing scales to fewer, narrow more bristle-like scales. Next, membrane 
surface nanostructures may have arisen and reduced surface reflection, which became 
an advantageous phenotype owing to enhanced crypsis and reduced predation. 
Interestingly, some basal ithomiines contain nanostructures on the membrane surface, 
despite having opaque wings (C.P., unpublished observations). Wing surface 
nanostructures are also known to provide antibacterial and hydrophobicity properties in 
insects, which may explain why they are present in some opaque species. This 
presents an interesting question of whether wing surface nanostructures in clearwings 
were already present in an opaque ancestor and were selected for anti-reflective 
properties, or whether they arose de novo. In either scenario, this potential two-step 
evolutionary process may have required different sets of developmental programs or 
gene networks that co-occurred to generate wing transparency. Future studies of scale 
and nanostructure development and evolutionary histories of transparent species and 
their opaque ancestors will help to elucidate how transparency repeatedly arose in 
Lepidoptera. Our exploration of G. oto wing development can serve as a model for 
understanding how transparent phenotypes evolved within Ithomiini, a diverse tribe of 
neotropical butterflies that act as mimicry models for numerous species of Lepidoptera 
Elias et al. (2008), as well as more distantly related butterfly and moth species. 
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Figure 2.1. Examples of clearwing butterflies and wing scale features in Greta oto. 
(A) Giant glasswing Methona confusa (Nymphalidae: Ithomiini). Scale bar, 1 cm. Wings 
under (B) reflected and (B′) transmitted light, illustrating general transparency, but 
strong light reflectance off the wing surface. (C) High magnification of the clear wing 
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region, showing reflection off the membrane surface. Scale bar, 100 μm. (D) Scanning 
electron microscopy (SEM) of the wing membrane demonstrates that the surface is 
smooth and devoid of nanostructures. Scale bar, 1 μm. (E) Simplified diagram of 
reflection and transmission on the smooth wing membrane of M. confusa. Owing to the 
higher refractive index of the wing membrane, light is reflected at the surface. (F) 
Glasswing (Nymphalidae: Ithomiini). The red box indicates the representative clear and 
opaque dorsal forewing regions investigated in this study. Scale bar, 1 cm. Wings under 
(G) reflected and (G′) transmitted light and (H) high magnification of the clear wing 
region, illustrating minimal reflectance. Scale bar, 100 μm. (I) SEM of the wing 
membrane surface reveals irregularly sized nanopillars that enable omnidirectional anti-
reflective properties (Siddique et al., 2015). Scale bar, 200 nm. (J) Simplified diagram of 
reflection and transmission on the wing of G. oto containing wing surface 
nanostructures, which reduce reflection by creating a smoother gradient of refractive 
indices between air and chitin. (K) High magnification of a transition boundary between 
a clear and opaque wing region. Scale bar, 100 μm. (L) SEM of adult scales in a clear 
wing region of G. oto, revealing alternating forked (green false coloring) and bristle-like 
(red false coloring) scale morphologies (socket false colored in blue). Scale bar, 20 μm. 
(M) SEM of scales in an opaque wing region, highlighting typical large, flat scale 
morphologies. Scale bar, 20 μm. (N) Measurements of scale density in clear and 
opaque wing regions, (O) scale surface area for forked, bristle-like, and opaque scale 
morphologies, and (P) percent of wing membrane exposed in G. oto clear and opaque 
regions. Error bars indicate means+s.d. of three measurements taken from wings in 
three different individuals (P-values based on t-tests for N and O, and ANOVA for P; 
***P<0.001; **P<0.01). 
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Figure 2.2. Pupal wing development and cytoskeletal organization of scales in 
clear and opaque regions. 
(A) Representative image of a G. oto pupa ∼5 days after pupal formation (APF), (A′,A′′) 
developing up to the melanic stage ∼7 days APF, just prior to eclosion. (B,C) Early wing 
development 16 h APF stained with DAPI (nuclei) in (B) a clear wing region and (C) an 
opaque wing region. The clear region contains a reduced number of sensory organ 
precursor (SOP) cells (the precursor cells to the scale and socket cells) relative to the 
opaque region. Scale bars, 20 μm. SOP cells are false-colored magenta for better 
viewing. (D–I) Fluorescently labeled scale cell membrane (wheat germ agglutinin; WGA, 
magenta) and F-actin (phalloidin, green), comparing clear wing regions (D,F,H) to 
opaque wing regions (E,G,I). (D,E) At 30 h AFP, WGA and phalloidin staining reveal 
early scale buds extending from the wing epithelium and loosely organized parallel actin 
filaments. (F,G) At 48 h APF, scales have grown and changed in morphology. Short 
actin filaments have reorganized and formed smaller numbers of thick, regularly spaced 
parallel bundles under the cell membrane surface. (F) In the clear wing region, scale 
cells alternate between triangular shapes and bristles. (H,I) At 60 h APF, developing 
scales have become more elongated. (H) The triangular-shaped scales in the clear wing 
region have proceeded to generate two new branches, which fork and elongate 
bidirectionally. (I) In the opaque region, scales are longer and have developed 
serrations at the tips. Scale bars, (D–I) 10 μm. 
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Figure 2.3. Confocal and transmission electron microscopy (TEM) transverse 
sections of developing bristle (top), forked (middle) and flat (bottom) scales 48 h 
APF in G. oto. 
(A) Confocal projection of a bristle-like scale morphology (phalloidin) in a clear wing 
region. White arrowheads show representative regions of transverse TEM sections, one 
near a distal region of the bristle-like scale, and one near the base of the bristle-like 
scale, which correspond to B and C, respectively. Scale bar, 5 μm. (B,C) TEM of a 
bristle-like scale in a distal region (B,B′) and a basal region near the socket cell (C,C′). 
Note the peripheral actin bundles (false-colored green) and internal microtubule rings 
(false-colored magenta). Scale bars, (B,C) 500 nm, (B′,C′) 100 nm. (D) Confocal 
projection of a developing forked scale ( phalloidin) in a clear wing region. White 
arrowhead shows a representative region of transverse TEM sections. Scale bar, 5 μm. 
(E,E′) TEM of a forked scale reveals peripheral bundles of actin (false-colored green), 
with thicker actin bundles on the ventral side of the scale and internal microtubules 
(false-colored magenta). Two internal bundles of actin filaments can be observed in the 
cytoplasm (E′). Scale bars, 500 nm. (F) Confocal projections of developing flat, round 
scale (phalloidin) in an opaque wing region. White arrowhead shows a representative 
region of transverse TEM sections. Scale bar, 5 μm. (G,G′) TEM reveals asymmetry in 
the actin bundles (false-colored green), which are larger on the bottom side of the scale 
relative to the upper surface. Microtubules (false-colored magenta) are found in various 
orientations. Scale bars, 500 nm. The insets in A, D and F indicate confocal projections 
of the scales stained with phalloidin rotated horizontally. 
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Figure 2.4. Ontogeny of wing membrane surface nanostructures. 
(A) SEM cross-section (side view) of an adult G. oto clear wing region. Scale bar, 10 
μm. Bristle-like scale false colored in red, forked scale false colored in green, sockets 
false colored in blue. (B) TEM transverse section of epithelial tissue 60 h APF, showing 
lateral scale growth and wing membrane cells. Scale bar, 2 μm. (C) Higher 
magnification of developing wing epithelial cells at 60 h APF show microvilli (MV) 
projections, which appear as slender linear extensions from the inner margins of the 
developing cells that insert into a thin layer of electron-dense material. Lamina 
evaginations appear in the section as domes. (D,E) TEM of epithelial tissue (D) 72 h 
APF and (E) 120 h APF shows wing surface nanostructures protruding from the surface, 
with tips of microvilli still attached to the inner surface of the wing membrane. (F) TEM 
of the adult wing membrane. The surface contains dome-shaped nipple nanostructures 
and an upper layer of nanopillars. Scale bars, (C–E) 500 nm. 
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Figure 2.5. Topographical organization and biochemical composition of wing 
surface nanostructures. 
SEM of the transparent wing membrane surface of G. oto under (A,A′) the untreated 
condition, highlighting the presence of irregularly arranged nanopillar structures 
covering the surface, (B,B′) the physical treated condition, revealing partial removal of 
surface nanopillars, and a lower layer of more regularly arranged nipple-like 
nanostructures and (C) the chloroform-treated condition, revealing complete removal of 
the upper layer of nanopillars, and remaining lower layer of nipple-like nanostructures. 
Scale bars, (A–C) 2 μm, (A′–C′) 1 μm. (D) Chromatogram of hexane-treated (top; red 
line) and chloroform-treated (bottom; black line) clearwing extracts. x-axis shows the 
retention time in minutes and y-axis shows the abundance of total ion current. (E) 
Schematic of proposed wing surface membrane nanostructures in G. oto, composed of 
chitin-based procuticle and wax-based epicuticle. 
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Figure 2.6. Structural elements, reflectance spectra and optical modeling of anti-
reflective nanostructures. 
Optical images and cross-section SEM of G. oto (A,B) untreated wings, illustrating low 
reflectance and the presence of nanopillars on the wing membrane surface, and (C,D) 
hexane-treated wings, illustrating increased reflectance and the loss of nanopillars on 
the wing membrane, but presence of nipple-like nanostructures on the surface. The 
dashed squares in A and C indicate approximate regions of the wing used for SEM and 
spectral reflectance measurements. Scale bars, (B,D) 200 nm. (E) Optical modeling of 
effective refractive index conditions for (top) untreated wings, with nanopillars of 
variable height together with cuticle-based nipple nanostructures on the wing 
membrane, (middle) treated wings, with cuticle-based nipple nanostructures on wing 
membrane, and (bottom) wing membrane without any nanostructure. y-axis represents 
height h and x-axis represents effective refractive index condition of air (nair), chitin 
(nchitin) and wax (nwax). (F) Representative reflectance spectra of experimental (red) and 
simulation data (black) for untreated wings with nanopillars on the membrane surface 
(solid line), hexane-treated wings with the wax-based layer of nanopillars removed 
(dashed line) and membrane only (dotted line). 
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Figure 2.7. Solubility of wing surface nanostructures in additional species of 
clearwing Lepidoptera. 
Untreated wings, hexane-treated wings, SEM of untreated membrane and SEM of 
hexane-treated membrane for (A) Godyris duilia (Nymphalidae: Ithomiini), (B) Haetera 
piera (Nymphalidae: Haeterini), (C) Chorinea faunus (Riodinidae: Riodinini) and (D) 
Hemaris thysbe (Sphingidae: Dilophonotini). For both (A) G. duilia and (B) H. piera, the 
membrane surface contains irregularly arranged nanopillar structures. After hexane 
treatments, the wings become more reflective and the upper layer of irregularly 
arranged nanopillars is removed, while nipple-like structures remain (indicated by red 
asterisks). For both (C) C. faunus and (D) H. thysbe, the reflectivity of the wings and the 
regularly arranged nipple array-like nanostructures on the membrane surface appear 
unaffected after hexane treatment. Scale bars, 1 μm. 
Supplementary Information 
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Fig. S2.1 Movie. 3D projection of developing scales in a clear wing region 48 
hours after pupal formation.  

3D projection and rotation of the same scales shown in Fig. 2F, 48 hours APF in a clear 
wing region. WGA (magenta) stains cell membranes and phalloidin (green) stains F-
actin and DAPI (blue) stains nuclei. Short actin filaments have reorganized and formed 
smaller numbers of thick, regularly spaced parallel bundles just under the surface of the 
cell membrane. Scales alternate with future forked scales appearing as triangular 
shapes and longer future bristle-like shapes. 
https://movie.biologists.com/video/10.1242/jeb.237917/video-1  
 

 

Fig. S2.1 Fig. TEM micrographs of scales 72 hours (top) and 120 hours (bottom) 
after pupal formation 
(A) TEM micrograph of a developing opaque scale 72 h APF, highlighting microtubule 
arrangement (MT). (B) Thick actin bundles contain dense, hexagonally packed F-actin 
filaments. (C) Basal region of a developing scale outgrowth and socket cell. Developing 
scales 72 h APF contain dense populations of microtubules (MT) and numerous internal 
organelles, including mitochondria (M), electron dense vesicles and free single 
ribosomes. (D) Transverse section of developing scales around 120 h APF, highlighting 
both flat and thin, bristle-like scale morphologies. Cross section near the (E) base and 
(F) distal region of scales 120 h APF, showing thickened cuticle and ridge 
morphologies.  
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S2 Fig. Optical modeling parameters and effective refractive index condition for 
untreated transparent wing of Greta oto 
Schematic representation for the optical modeling parameters of wing membrane and 
surface nanostructures. Average distance between two nanostructures represented as 
d, conical shaped cuticular nipple nanostructures height as hp, wax-based irregular 
nanopillars radius as rnp, mean height as hnp and variance σnp, and membrane thickness 
as hm and variance σm. Y-axis represents height h and X-axis represents effective 
refractive index condition of air (nair), chitin (nchitin), and wax (nwax). 
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Fig. S2.3 Fig. Optical simulations for mean membrane thickness and modulation 
of thickness under different wing architecture models 
Simulation reflectance spectra of (A) Membrane only (lacking surface nanostructures) 
with varying mean membrane thickness. (B) Treated wings (containing cuticle-based 
nipple nanostructures but lacking wax-based irregular nanopillars) with varying mean 
membrane thickness. (C) Untreated wings (containing wax-based irregular nanopillars 
and nipple nanostructures) with varying mean membrane thickness and no modulation 
in thickness. (D) Untreated wings with variable mean membrane thickness and 
modulation of 43 nm variance in thickness. 
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Preface to Chapter 3 
In our efforts to understand the genetic basis of wing transparency, we asked ourselves: 
what pathways regulate the development of a scale cell, and what are the factors 
involved in a species that contains transparent ‘windows’ in which scales do not 
develop? Lepidoptera wing scales and Drosophila melanogaster bristles are considered 
homologous structures based on similarities in their cell lineages and developmental 
programs. However, the molecular mechanisms underlying scale development in 
Lepidoptera are less well characterized. To better understand gene expression 
associated with wing scale formation, we characterized the transcriptomic landscape in 
pupal wing tissue during timepoints when scale precursor cells differentiate from 
epithelial tissue and when early scale morphogenesis occurs. We carried out stage-
specific RNA sequencing of micro-dissected wing tissue in the buckeye butterfly 
Junonia coenia and the giant silkmoth Antheraea polyphemus to identify conserved 
differentially expressed genes. Additionally, we investigated differential expression 
between two regions within the wing of A. polyphemus: a transparent region we refer to 
as a ‘window’ in which scale cells do not develop, and an adjacent region that 
undergoes canonical scale development. We chose Antheraea polyphemus as a 
candidate species to probe wing scale development because numerous species 
belonging to the giant silkmoth family Saturniidae contain transparent eyespots in their 
wings located along the crossvein. Initial investigation of this phenotype by members of 
our lab (led by Yuriko Kishi) through pupal wing dissections and fluorescent staining 
revealed that this wing region is transparent in some saturniids due to a lack of scale 
precursor cell formation during development (resulting in the absence of scales). The 
molecular mechanism responsible for this apparent suppression of scale precursor cell 
development was unknown. 

Analyzing lepidopteran wing transcriptomes to search for genes that are 
differentially expressed between tissue types has been previously applied to understand 
the molecular differences in pigmentation patterns in butterflies. Utilizing a similar 
approach, we set out to characterize the gene regulatory landscape associated with 
scale development in Junonia coenia and wing transparency in the giant silkmoth 
Antheraea polyphemus. We then applied fluorescent in situ hybridization and 
CRISPR/Cas9 induced knockouts to characterize the spatiotemporal expression and 
function of genes involved in scale cell development. 
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Abstract 

Background 
The wings of butterflies and moths (Lepidoptera) are densely covered by scales; flat 
cuticular projections that derive from epidermal cells and arise during the early stages of 
pupal development. Wing scales are homologous to insect sensory bristles and are a 
specialized type of non-innervated macrochaete that serve as the basis of color 
production in Lepidoptera. To better understand gene expression associated with wing 
scale formation, we characterized the transcriptomic landscape in pupal wing tissue 
during timepoints when scale precursor cells differentiate from epithelial tissue and 
when early scale morphogenesis occurs. We carried out stage-specific RNA 
sequencing of micro-dissected wing tissue in the buckeye butterfly Junonia coenia and 
the giant silkmoth Antheraea polyphemus to identify conserved gene expression. 
Additionally, we investigated differential expression between two regions within the wing 
of A. polyphemus: a region we refer to as a ‘window’ in which scale cells do not 
develop, and an adjacent region that undergoes canonical scale development. We then 
applied fluorescent in situ hybridization and CRISPR/Cas9 induced knockouts to 
characterize the spatiotemporal expression and function of genes involved in scale cell 
development. 

Results 
RNA-seq comparisons between J. coenia and A. polyphemus uncovered genes with 
equivalent expression patterns during early pupal wing development and scale 
precursor differentiation, including proneural, cell cycle, and Notch signaling factors. At 
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later pupal stages, when scale cell projections are forming and maturing, we identified 
genes with equivalent expression patterns related to cytoskeletal organization, 
melanization, cuticle formation, and chitin-synthesis. Using stage-specific transcriptomic 
analysis followed by HCR in situ hybridization, we uncover a suite of genes that likely 
play conserved roles in scale cell patterning and morphogenesis in butterflies and 
moths. We identified two achaete scute homologs (ASH1, ASH2) expressed at the 
scale cell precursor stage and loss of function of ASH2 resulted in the loss of scale 
cells. In contrast, loss of function of the Notch receptor led to overproduction and dense 
clusters of scale cells, likely due to improper lateral inhibition during scale precursor cell 
differentiation. In wing discs, we observed butterfly proneural and Notch signaling genes 
share similar expression patterns to orthologs in Drosophila melanogaster, but in 
contrast, the spatial regulation shifts and expands to intervein regions shortly after 
pupation in butterflies, resulting in organized rows of scale precursor cells covering the 
wing. We also identified that the ‘window’ scaleless region in A. polyphemus is 
associated with high expression levels of Wnt ligands, including wingless, and the bHLH 
transcription factor hairy, a negative regulator of sensory bristles, suggesting how 
putative co-option of neurogenesis regulatory factors contribute to scale cell patterning 
in lepidoptera. 

Conclusion 
The scales that adorn the wings of butterflies and moths are a morphological innovation. 
Here, we present a comparative transcriptomic analysis of pupal wing tissue between 
two lepidopterans, toward the identification of biological processes and functional gene 
activities involved in scale cell formation. Our results confirm previously implicated 
pathways required for insect macrochaete development, such as Notch signaling which 
plays a key role in patterning scale precursor, and also identify potentially novel genes 
conserved in butterfly and moth wing scale development. Our dataset suggests various 
potential mechanisms that drive scale cell development, which will help facilitate the 
characterization of scale cell evolution and provide insight into how changes in gene 
expression during wing development play a role in cellular morphological diversity. 
Spatial regulation of neurogenesis factors during Lepidopteran evolution likely promoted 
scale cell formation across the wings. 

Introduction 
The diversity of colorful wing patterns in butterflies and moths (Lepidoptera) have 
captivated humans for centuries. Butterfly and moth wings are covered with thousands 
of flat overlapping scales, each one of which derives from a single cell during pupal 
development. Wing scales represent a multifunctional evolutionary innovation that can 
function in color production, antipredator strategies (e.g. camouflage, deflection, 
aposematism, mimicry), attracting mates, thermoregulation, and water repellency 
(Nijhout, 2001; Perez Goodwyn et al., 2009; Mazo-Vargas et al., 2017; Deshmukh et al., 
2018; Tsai et al., 2020). Although Lepidopteran wing scales are non-innervated cellular 
structures, they are considered homologous to insect sensory organs, which can give 
rise to a multitude of different cell types such as neurons, glia, sheath cells, and cells 
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generating external cuticular projections, including sockets and bristles or scales 
(Overton, 1966; Galant et al., 1998; Lai and Orgogozo, 2004; Klann et al., 2021). For 
instance, mechanosensitive bristles (microchaetes and macrochaetes) are distributed in 
regularly spaced rows on the dorsal thorax of Drosophila melanogaster and derive from 
the sensory organ precursor (SOP) cell lineage (Calleja et al., 2002; Furman and 
Bukharina, 2008; García-Bellido and de Celis, 2009). 

The first step of SOP differentiation involves relatively large clusters of 
contiguous ectodermal cells, called proneural clusters, becoming competent to develop 
as sensory organ precursors (Cubas et al., 1991). Proneural genes are essential for the 
development of SOPs; in the absence of these genes, SOPs will not form. In D. 
melanogaster, several different proneural genes have been identified which belong to a 
class of basic helix-loop-helix (bHLH) transcriptional regulators, in particular the 
achaete-scute complex (AS-C). The As-c locus contains four genes, achaete (ac), scute 
(sc), lethal of scute (l'sc), asense (ase), but only ac and sc are required for cells to adopt 
the neural fate and form bristles (Cubas et al., 1991; Hinz et al., 1994; García-Bellido 
and de Celis, 2009). Both ac and sc genes are co-expressed, share cis-regulatory 
elements and act redundantly to specify bristles (Gomez-Skarmeta et al., 1995). 
Proneural bHLH factors are initially expressed in ectodermal cells, giving the cells 
competence to undergo neural commitment, and are then upregulated upon neural 
commitment. In mutants with strongly reduced or missing proneural clusters of ac/sc 
expression, the corresponding sensory organ precursors (SOPs) to bristles do not form, 
whereas in other mutants with enlarged domains of ac/sc expression extra SOPs and 
corresponding bristles emerge in ectopic positions (Cubas et al., 1991; Skeath and 
Carroll, 1991; Cubas and Modolell, 1992). 

During the subsequent neurogenic stage of bristle formation, the Notch pathway 
is critical for the progression of SOP cell development. Proneural gene expression 
activates the Notch/Delta pathway, which limits neural fate adoption to a single cell 
surrounded by neighboring epidermal cells, through a process called lateral inhibition 
(Simpson, 1990; Campos-Ortega, 1995; Parks et al., 1997). Genes encoding elements 
of the lateral inhibition pathway include the gene Notch that encodes the receptor, Delta 
that encodes the Notch ligand, and the Enhancer of split complex (E(spl)) that belong to 
the group of Hairy-related proteins, a distinct subfamily of bHLH proteins that generally 
operate as DNA-binding transcriptional repressors. Upon ligand (e.g. Delta) binding to a 
Notch, the cytoplasmic domain of the Notch receptor is cleaved and translocates to the 
nucleus where it activates target genes such as the Enhancer of split complex, which 
promotes the development of epidermal cells, as opposed to SOPs, by inhibiting the 
transcriptional activator proneural genes (Couturier et al., 2019). Together, the activator 
and repressor genes that encode these proteins have co-evolved as a regulatory gene 
‘‘cassette’’ involved in many cell fate decisions, including the formation of sensory 
organs. In normal development, cells which turn down proneural genes due to 
Notch/Delta signaling will join the cells outside the proneural clusters and develop as 
epidermal cells. If the neurogenic signaling pathway is absent or deficient, all cells of the 
proneural cluster become SOPs, resulting in supernumerary SOPs and holes in the 
epidermis (Hartenstein and Posakony, 1990; Parks et al., 1997). In SOPs that give rise 
to external or internal mechanosensory organs, the SOP cell divides to produce two 
daughter cells, which then undergo another round of asymmetric division to ultimately 
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yield the sensory neuron, glial, sheath, socket, and macrochaete cells. The binary 
decisions between these asymmetric divisions and cell fates are regulated by Notch and 
Numb (Schweisguth, 2015). 

Distinct combinations of transcription factors can generate a variety of sensory 
organ cell types from the SOP lineage, such as the choice between external and 
internal sensory organ identities. In D. melanogaster, several transcription factors are 
switched on following SOP differentiation, and changes in cell subtype identity occur if 
particular genes are mutated. For example, cut, which encodes homeobox domain 
transcription factor, is expressed in SOP cells that give rise to external sensory organs. 
Loss of function in cut results in transformation of external sensory organs into a 
different cell type that gives rise to internal stretch receptors called chordotonal organs, 
whereas ectopic cut expression results in the reciprocal transformation (Bodmer, 1987; 
Blochlinger et al., 1990, 1991). 

Research on insect macrochaete development has yielded insight into genetic 
changes associated with cellular morphological diversity. Interestingly, recent work has 
shown that a single nucleotide substitution in an enhancer of the scute gene contributes 
to both the gain of bristles on the legs and loss of bristles on the genitalia in Drosophila 
santomea, demonstrating how an evolved mutation via a pleiotropic enhancer can 
impact the development of bristles on multiple appendages at once (Nagy et al., 2018). 
Different types and subtypes of sense organs exist on arthropod bodies, which raises 
the question of how this variety of cells emerged and what molecular mechanisms 
facilitated their evolution. Work remains to elucidate the factors involved in SOP identity 
beyond D. melanogaster and if the same pathways and processes are deployed in other 
insect species such as butterflies and moths. 

The wings of butterflies and moths are established during the embryonic stage, 
forming within the body of the caterpillar as sac-like epithelial structures known as 
imaginal discs. During larval development, wing imaginal discs enlarge, veins form, and 
pre-patterns (such as eyespots and color boundaries) are established through the 
expression of transcription factors and signaling molecules (Macdonald et al., 2010; 
Martin and Reed, 2014; Monteiro, 2015; Mazo-Vargas et al., 2017). Upon pupation, the 
imaginal discs become everted to the external surface of the larva where proliferation, 
patterning, and differentiation of scale precursor cells occur within the first few hours of 
pupal development. During this process, select epidermal cells differentiate to become 
scale precursor cells, which undergo subsequent differential divisions that yield a highly 
polyploid scale and a socket cell. Following specification of the scale and socket, the 
scale projection begins as a small cytoplasm-filled extension, surrounded by an active 
cell membrane that extends out of the wing epithelium. The extensions begin as 
cylinders that become flattened during growth. The scale cell extension rapidly grows 
during development and components of the cytoskeleton and cell membrane form the 
overall shape and architecture, ultimately producing the surface extension that we 
recognize as an adult wing scale (Dinwiddie et al., 2014; Day et al., 2019). In the late 
stages of pupation the scale cell dies, leaving a non-living skeleton of chitin filled with air 
and pigment. 

In order to determine if the developmental pathways leading to D. melanogaster 
sensory bristle and butterfly scale formation use similar genetic circuitry, a homolog of 
the Drosophila achaete-scute (AS-C) genes, which encode transcription factors that 
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promote neural precursor formation, was cloned from the butterfly Junonia coenia and 
its expression pattern was examined during development (Galant et al., 1998). During 
embryonic and larval development, the expression pattern of this AS-C homolog (ASH) 
was detected in clusters of cells corresponding to the central and peripheral nervous 
system. The ASH is also expressed in larval wing discs along the future wing veins and 
margin, corresponding to sensory scale precursor cells. ASH is later expressed in pupal 
wings in evenly spaced rows of enlarged cells that segregate from the underlying 
epidermis, but, rather than giving rise to neural structures, each cell contributes to an 
individual scale. If scales and bristles are in fact homologous structures, then the non-
innervation of scales is consistent with the proposed programmed cell death of the 
basal daughter cell of the putative scale precursor, the cell which in D. melanogaster is 
fated to produce the neuron and glia. These observed expression patterns support the 
notion that ASH may perform multiple functions throughout butterfly development, such 
as promoting the initial events of selection and formation of both neural and scale 
precursor cells. 

Similarities in the cellular and molecular processes of scale and neural precursor 
formation suggests that the spatial regulation of achaete-scute homologs have been 
modified during Lepidopteran evolution to promote scale cell formation. Additionally, 
observation of Notch expression in Heliconius butterflies suggests that scale precursors 
differentiate from their surrounding epithelia in evenly-spaced rows via lateral inhibition 
and asymmetric cell division for scale and socket cell fate (Reed, 2004). A series of 
studies have investigated a scaleless mutant of Bombyx mori, which displays a severe 
reduction in wing scales (Zhou et al., 2004, 2006, 2009). This recessive mutantation 
was reported to result in severely reduced expression of an achaete-scute homolog 
(Bm-ASH2) was severely reduced in the scaleless mutant pupal wings. The authors 
provided evidence that a 26 bp deletion within a putative promoter of Bm-ASH2 is 
closely linked to the scaleless locus, and potentially caused the reduction of Bm-ASH2 
expression and the scaleless wing phenotype. Thus, an achaete-scute homolog 
appears to play a critical role in scale formation in Bombyx mori, supporting the 
proposed homology of lepidopteran scales and dipteran bristles. Since these 
experiments on a scaleless mutant and expression pattern of a single ASH gene, little 
work has gone into assessing proneural and neurogenic pathways further, and their 
functional roles in Lepidoptera wing development have not been directly assessed. 

While researchers have made progress in understanding genetic pathways 
responsible for pigment production and genetic factors that demarcate wing pattern 
positions during imaginal disc development, less is known about the genetic 
underpinnings of scale cells, which serve as the basis of color production in Lepidoptera 
wings. This study therefore aimed to (1) characterize genes implicated in scale cell 
precursor differentiation and scale morphogenesis using comparative transcriptomics, 
(2) test if arthropod bristle development genes also play similar roles in lepidopteran 
wing scale formation, and (3) characterize genes potentially involved in repression of 
scale development in the ‘window’ region of the giant silkmoth. To achieve these goals, 
we employed RNA sequencing (RNA-seq) in the buckeye butterfly Junonia coenia and 
the giant silkmoth Antheraea polyphemus, and were able to identify candidate scale 
formation genes expressed during wing development. We then employed HCR in situ 
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hybridization and CRISPR/Cas9 genome editing to assess the spatiotemporal 
expression and function of several putative scale development genes. 

Results 

Stage specific morphogenesis of wing scale development 
Lepidopteran wing tissue undergoes a series of morphological transitions during early 
pupal development. We therefore carried out stage-specific RNA sequencing of micro-
dissected wing tissue in the buckeye butterfly Junonia coenia and the giant silkmoth 
Antheraea polyphemus at four stages of wing development, which we term 1) epithelial, 
2) scale precursor, 3) scale early, and 4) scale late (Fig 1). Our morphological 
observations of pupal wing tissue at stages dissected for RNA-seq mirror previous 
descriptions (Dinwiddie et al., 2014). At the ‘epithelial stage’ (approximately 8-12 h after 
pupa formation (APF) in J. coenia), we observed that the wing is composed of a bilayer 
of undifferentiated epithelial (EP) cells (Fig 1B). At the ‘scale precursor’ stage 
(approximately 24 hours after pupal formation in J. coenia), we see that certain cells 
have segregated and differentiated into scale precursors (SP) cells (outlined in white for 
better visibility) surrounded by neighboring undifferentiated epithelial cells (Fig 1C). At 
the ‘scale early’ stage (approximately 72 hours APF in J. coenia), we observed round 
scale cell projections labelled with phalloidin (green) that mark large bundles of actin 
filaments and the outer cell membrane that extends out of the wing epithelium marked 
with wheat germ agglutinin (magenta) (Fig 1D). Finally, at the ‘scale late’ stage 
(approximately 120 hours APF in J. coenia), we observed maturing scale projections, 
with actin bundles extending to the finger-like tips at the end of the scale and more 
prominent ridges that have formed in between the existing actin bundles (Fig 1E). 
Additionally, we investigated a region we refer to as a ‘window’ in the wings of the giant 
silkmoth A. polyphemus, in which scale cells do not develop. At all stages of the 
‘window’ region (bottom panel) in A. polyphemus we find that scale precursor cells do 
not appear to initiate, resulting in scale-less membrane surrounding the crossvein 
region of the wing in the adult moth (Fig 1 M-Q). 

Transcriptome analysis of wing scale development in butterflies and moths. 
To identify candidate genes associated with scale development in J. coenia and A. 
polyphemus, we quantified gene expression across the four distinct stages of pupal 
wing development (epithelial, scale precursor, scale early, and scale late) in both 
species using RNA-sequencing (Fig 1). In total, we sequenced twelve wing tissue 
samples from J. coenia and eight wing tissue samples from A. polyphemus. After initial 
filtering, we performed de novo assemblies based on a total of 362 million paired-end 
reads for J. coenia and 233 million paired-end reads for A. polyphemus. The overall 
alignment rate ranged from 81.9% to 86.8% for J. coenia and 78.9% to 90.8% for A. 
polyphemus. We then performed transcript quantification and differential gene 
expression (DGE) analyses for the two species separately. For each species, we 
performed PCA which showed clustering of samples by stage (Fig 2 A,B). Clustering of 
the gene expression data based with hierarchical dendrograms of differential gene 
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expression further indicated that samples clustered by their appropriate developmental 
stage (Fig 2 C,D). A total of 2188 transcripts were identified by DESeq2 as differentially 
expressed in J. coenia (Fig 2C) and 1319 in A. polyphemus (Fig 2D). Sets of genes 
showed clear stage-specific expression patterns that displayed similar expression 
profiles between both species. 

Shared DEGs and GO enrichment highlight conserved scale development 
pathways in butterflies and moths 
To gain insights into transcriptome dynamics during pupal wing development, pairwise 
differential expression analyses between stages (epithelial vs SOP, SOP vs scale early, 
scale early vs scale late) were conducted using DESeq2. We next performed Gene 
Ontology enrichment analysis based on DEGs that displayed similar expression 
patterns in both J. coenia and A. polyphemus. We identified a total of 406 differentially 
expressed genes that displayed similar expression levels in both species, highlighting 
pathways that are likely conserved in early wing development across Lepidoptera. 

For ‘epithelial’ versus ‘SP’ differential expression comparisons, we identified 
1646 transcripts in J. coenia and 1042 transcripts in A. polyphemus. Of these DEGs, 
290 transcripts shared equivalent expression patterns between both species. Gene 
Ontology (GO) enrichment analysis produced 26 biological processes (BP) enriched at 
the epithelial stage, including terms such as ‘cell-matrix adhesion’ (GO:0007160), ‘chitin 
catabolic process’ (GO:0006032) and ‘integrin-mediated signaling pathway’ 
(GO:0007229) (Fig 2E). For the scale precursor stage, GO enrichment analysis 
produced 59 biological processes including ‘peripheral nervous system development’ 
(GO:0007422), ‘sensory organ development’ (GO:0007423), and ‘mitotic cell cycle’ 
(GO:0000278) (Fig 2F). For ‘scale early versus scale late’ differential expression 
comparisons, we identified 2332 transcripts in J. coenia and 882 transcripts in A. 
polyphemus. Of these DEGs, 193 transcripts had similar expression levels between 
both species. For the scale early stage, GO enrichment analysis produced 11 biological 
processes including ‘apical constriction’ (GO:0003383), ‘cuticle pattern formation’ 
(GO:0035017) and ‘actin filament organization’ (GO:0007015) (Fig 2G). Finally, for the 
scale late stage, GO enrichment analysis produced 18 biological processes including 
‘chitin metabolic process’ (GO:0006030), ‘chitin-based cuticle development’ 
(GO:0040003) and ‘cuticle pigmentation’ (GO:0048067). (Fig 2H). Overall, we find 
shared sets of genes in butterflies and moths at particular stages of wing development, 
which include biological processes related to actin organization, cell adhesion, cell 
cycle, proneural, Notch signaling, chitin binding, cuticular protein and pigmentation. 

Differential gene expression associated with epithelial and scale precursor stages 
The Notch signaling pathway is well characterized based on macrochaete development 
in D. melanogaster, which is required for lateral inhibition and proper sensory organ 
precursor formation (Fig 3A). From our differential expression results in J. coenia and A. 
polyphemus, we identified a list of differentially expressed transcripts that included 
notable genes such as Integrin, U-shaped and prospero that displayed highest 
expression levels at the epithelial stage of pupal wing development. Genes including 
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members of the achaete scute complex (two achaete scute homologs, asense) 
senseless, several cyclins, neuralized, and enhancer of split genes displayed highest 
expression levels at the SOP stage (Fig 3B). Delta, Notch and numb displayed more 
dynamic expression across developmental stages (Fig 3B). 

Differential gene expression associated with scale early and scale late stages 
Cytoskeletal dynamics and chitin synthesis play essential roles in wing scale 
morphogenesis and aspects of scale ultrastructure during pupal development (Fig 3C). 
From our differential expression results in J. coenia and A. polyphemus at later stages 
of wing development, we identified cytoskeletal-related genes such as forked, singed 
(aka fascin) and microtubule associated protein Jupiter, as well as ZP domain protein 
coding genes, which play roles in cuticle formation, such as dusky-like, miniature and 
trynity with highest expression levels at the scale early stage. Finally, we observed 
genes including Chitin synthase-kkv and several cuticular proteins with highest 
expression levels at the scale late stage (Fig 3D). For instance, we identified Cuticular 
proteins such as CPLCP12, CP92F, and CP62Bc differentially expressed in the scale 
late stage of both J. coenia and A. polyphemus. These expression results support the 
importance of cytoskeletal and chitin regulators that likely play roles in shaping the 
complex morphologies of these cuticular projections. 

Spatiotemporal expression and functional assessment of proneural factors 
Members of the achaete-scute complex (AS-C) are proneural genes that play essential 
roles in neurogenesis and are required for the formation of all external sensory organs. 
From our RNA-seq data, we identified two achaete-scute homologs ASH1 and ASH2 
that were highly expressed at the scale precursor stage. Using HCR in situ 
hybridization, we assessed the spatiotemporal expression of these two achaete scute 
homologs. In the larval wing disc, we observed ASH1 mRNA expressed primarily along 
the wing margin (Fig 4A). In pupal wing tissue at the scale precursor stage (24 hrs 
APF), ASH1 expression had shifted into organized rows with highest expression in 
scale precursor cells and absent in the undifferentiated epithelial cells (Fig 4B). In the 
wing disc, we observed ASH2 mRNA expression in a small number of cells along the 
wing margin and future wing veins, marking future sensory bristles, which is in line with 
previous observations (Fig 4C, Galant et al. 1998). Similar to ASH1, in pupal wing tissue 
at the scale precursor stage, the expression of ASH2 had shifted into organized 
regularly spaced rows across the wing, with high expression corresponding to scale 
precursor cells and absence of expression in epithelial cells (Fig 4D). We did not detect 
expression of the third lepidopteran achaete scute homolog (ASH3) in the wing disc or 
pupal wings via RNA-seq or HCR in situ hybridization (Fig S1). 

In D. melanogaster, cut expression is observed in the sensilla of the wing margin, 
the third longitudinal vein, and the anterior cross vein of pupal wings. In J. coenia, we 
observed strong cut mRNA expression in the peripheral tissue along the margin of wing 
discs (Fig 4E, in line with previous antibody stainings by Macdonald et al., 2010). In 
pupal wing tissue at the scale precursor stage, cut was still expressed at high levels in 
peripheral tissue. Interestingly, in pupal wing tissue we also observed cut expression in 
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a small subset of scale precursor cells (Fig 4F). Based on the position of these cells, 
these appear to be precursors to large hair-like scales present on the hindwings. If so, 
this expression could be the first observation of cut expression corresponding to 
putative subtype specification of hair-like scales in butterflies. 

Expression patterns have been observed for some butterfly achaete-scute 
homologs, but functional testing of these genes was lacking. To assay the function of 
these genes during wing development, we designed CRISPR guides against ASH2 and 
generated G0 somatic mosaic mutants. In resulting adults, we observed three 
individuals that had mosaic patterns of missing scales on their wings. Higher 
magnification of the wings revealed that the region missing scales was also devoid of 
sockets, suggesting that SOP cells did not form and as a result no socket or scale cells 
formed in these mutant regions during pupal wing development (Fig 4G-H). These 
results using CRISPR/Cas9 knockouts provide evidence for the functional role of ASH2 
in scale cell precursor formation. 

Spatiotemporal expression and functional assessment of neurogenic factors 
In the imaginal disc, the expression of the Notch-ligand, Delta, appeared restricted to 
the future vein territories, similar to expression in D. melanogaster wing discs (Fig 5A). 
In pupal wing tissue at the scale precursor stage, Delta had shifted expression into 
organized rows with high expression levels in scale precursor cells, while expression 
was not detected in epithelial cells (Fig 5B). In contrast, we observed Notch expression 
at high levels within intervein midline territories and lower levels within future vein 
territories in the imaginal disc (Fig 5C). In pupal wing tissue at the scale precursor 
stage, Notch expression had shifted and appeared in a grid-like pattern, occurring at the 
highest levels in epithelial cells and lower levels within scale precursor cells (Fig 5D). 
This expression pattern differs from expression in D. melanogaster pupal wings, in 
which Notch expression becomes restricted to stripes localized at the vein-intervein 
boundaries. Finally, we investigated expression of a homolog of Enhancer of split, which 
is known to be involved in Notch signaling. We observed high levels of Enh(spl) flanking 
both sides of the developing wing veins in the imaginal disc, similar to expression 
patterns found in D. melanogaster wing discs (Fig 5E). In pupal wing tissue at the scale 
precursor stage, Enh(spl) appeared to be expressed at higher levels in epidermal cells 
surrounding scale precursor cells (Fig 5F). 

Expression patterns have been documented for the receptor molecule Notch in 
butterflies, but functional validation of this gene was lacking. To assay the function of 
Notch in wing development, we targeted multiple exons and generated G0 somatic 
mosaic mutants using CRISPR/Cas9 knockouts and observed two adult individuals that 
contained mosaic wing defects. Upon closer inspection, we observed regions of the 
wing that lacked scales, as well as regions where multiple wing scales were densely 
clustered together, likely due to improper lateral inhibition during scale precursor cell 
differentiation, as well as thickened wing veins (Fig 5G-H, Fig S2). Taken together, 
these results provide direct evidence for the functional role of Notch-mediated lateral 
inhibition in spatial regulation of scale precursor cells. 
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Differential expression between the “window” and “non-window” regions of A. 
polyphemus wings 
In Antheraea polyphemus, the ‘window’ region straddles the crossvein and tissue in this 
region fails to initiate scale development, whereas adjacent non-window regions 
develop scales normally (Fig 1). We extended our transcriptomic analysis to the 
‘window’ versus ‘non-window’ and identified 31 differentially expressed genes between 
the two tissue types (Fig 6A). These DEGs were primarily expressed at high levels in 
the window region, including members of the Wnt signaling pathway, such as wingless, 
Wnt6, Wnt10, frizzled, arrow, odd paired and divisions abnormally delayed, as well as 
the bHLH transcription repressor hairy (Fig 6A,B). GO enrichment analysis of these 
DEGs generated biological processes such as ‘Wnt signaling pathway’, ‘neuron 
differentiation’, and ‘cell fate commitment’. 

Based on our RNA-seq results implicating several Wnt molecules expressed in 
the window region, we injected A. polyphemus pupae with high concentrations of 
heparin, a highly sulfated form of heparan sulfate glycosaminoglycans which is thought 
to interact with Wnt signaling (among other molecular pathways) in Lepidoptera. In line 
with findings from Sourakov & Shirai (2020), we observed what appear to be strong 
effects of heparin, in which certain wing pattern elements of the treated individuals had 
dramatically shifted (Fig 6C). For instance, silvery scales that are normally circling the 
window region had expanded to encompass the entire discal cell and a pattern normally 
present as a small stripe of red scales had expanded all the way to the distal margin of 
the wing, and melanic patches had expanded, especially in the hindwing (Fig 6). We did 
not observe a noticeable change in the size of the window wing pattern in heparin 
treated adults relative to control adults. 

Based on RNA-seq results and the fact that wingless is known to be expressed 
along the crossvein in insect wings, we designed HCR probes for A. polyphemus 
wingless to determine expression in pupal wings. We observed a strong expression 
pattern of wingless at the crossvein which coincided with the window wing pattern (Fig 
6D,E). Finally, our RNA-seq results pointed to a promising candidate gene known as 
hairy, which was highly expressed in the window region (Fig 6A,B). Previous studies 
have implicated hairy as a direct transcriptional repressor of achaete scute in D. 
melanogaster, which made it a gene of interest as a possible repressor of scales in the 
window region of A. polyphemus. We therefore designed HCR probes and detected 
higher expression of hairy largely overlapping with wingless expression in the ‘window’ 
region surrounding the discal crossvein (Fig 6F,G). Notably, hairy expression was 
strongly correlated with the absence of scale precursor cell formation and expression 
was lower in adjacent ‘non-window’ regions in which scale precursor cells form (Fig 6 
G,H). While functional analysis of hairy has yet to be performed in A. polyphemus, our 
results identify a correlation between high hairy expression and absence of scale 
precursor cell formation in the ‘window’ region during pupal wing development, which 
would be in line with its known role as a repressor of SOP formation in D. melanogaster. 

Discussion 
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This study utilized a developmental transcriptomics approach to elucidate components 
of the gene networks deployed during scale cell development in Lepidoptera. Several 
lines of evidence suggest a cellular homology between sensory bristles and the scales 
of butterflies. From a morphological perspective, both bristles and scales are large, 
unicellular structures associated with a basal socket cell, and there are similarities in the 
cell lineage and ontology of asymmetric divisions leading to scales and sensory bristles. 
Expression of proneural and neurogenic orthologs in developing scales and bristles, 
such as Achaete/Scute and Notch/Delta, as well as a cytoskeletal factors such as F-
Actin cables leading to surface ridging are also conserved between D. melanogaster 
and butterflies. Finally, there is evolutionary evidence from the sister lineage to 
Lepidoptera, the Trichoptera, in which several lineages appear to have independently 
gained bristles and scale-like structures covering the wings (Overton, 1966; Galant et 
al., 1998). 

Proneural factors during pupal wing development in Lepidoptera 
The achaete-scute homolog (ASH) genes are present in all metazoans and are involved 
in neural development and the specification of sensory organs, making them a model 
for the study of development and pattern formation (Negre and Simpson, 2009). The 
ancestral AS-C in insects was composed of two genes: an achaete-scute homolog gene 
and an ase gene. ASH genes have subsequently undergone independent duplications 
in different lineages (Negre and Simpson, 2009; Ayyar et al., 2010). This complex is 
typically clustered and surrounded by CytP450 and yellow genes in insect genomes. 
Coleoptera and Hymenoptera show the ancestral configuration with one ASH and one 
ase gene. In the beetle Tribolium castaneum, Tc-Ash and Tc-ase are expressed in all 
neural precursors and play roles in neural precursor formation and regulating nervous 
system development, respectively, with recent functional evidence from RNAi indicating 
that Tc-Ash is required for the formation of all morphological and functional classes of 
external sensory organs (Wheeler et al., 2003; Klann et al., 2021). In semi-aquatic bugs 
(Heteroptera, Gerromorpha) the achaete-scute complex contains only a single gene that 
controls bristle development (Finet et al., 2018). In the Diptera, the number of achaete-
scute genes vary as a result of independent duplication events, which appear to 
correlate with the emergence and stereotyped patterning of macrochaetes. For 
instance, basal dipterans such as those in the Nematocera (which includes mosquitoes) 
contain only two genes in the AS-C and species in this group display a random 
distribution of bristles on the notum. On the other hand, two tandem duplications in the 
lineage leading to the Schizophora (which includes species such as Drosophila 
melanogaster) have led to a total of four genes in the AS-C and species in this group 
display more spatially organized patterns of machochaetes on the notum (Calleja et al., 
2002; Skaer et al., 2002). In Lepidoptera, Bombyx mori has been shown to contain one 
ase and three ASH genes, which represent independent duplications from those of 
Diptera (Negre and Simpson, 2009; Zhou et al., 2009). These data raised a question of 
whether ASH duplications or differential gene regulation could be related to the origin of 
wing scales. In B. mori, ASH1 and ASH2 were found to be expressed in all organs 
derived from the mesoderm, ectoderm and endoderm, while ASH3 and ase were 
expressed only in organs derived from mesoderm and ectoderm and the ASH genes 
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were suggested to play important roles in regulating neurogenesis of embryo and 
formation of pupal wing (Zhou et al., 2008).  

Our data provides additional support for the role of the achaete scute homologs 
in Lepidopteran wing scale development and provides a direct functional role of ASH2 in 
scale cell precursor formation, as mutations in this gene result in the complete loss of 
scale and socket cells in the wing. While ASH1 and ASH2 appear to have different 
expression patterns within the larval wing disc, the two homologs appeared to be mostly 
co-expressed in the pupal wing scale precursor cells, suggesting a potential redundancy 
in expression and function for scale cell patterning. We additionally attempted to 
knockout ASH1 via CRISPR/Cas9 but did not generate any clear mosaic mutant adults, 
which could point to functional redundancy of the two homologs, which would echo 
similarities with achaete and scute being functionally redundant for bristle formation in 
D. melanogaster. Interestingly, we were unable to identify expression of the ASH3 gene 
via RNA-seq in either A. polyphemus or J. coenia, and despite designing probes for 
HCR in situ hybridization, were unable to observe apparent expression within the wing 
disc or pupal wings. Future work should determine if ASH3 is expressed in different 
developmental contexts, such as embryonic CNS or PNS development.  

In the last common ancestor of arthropods, a single achaete scute homolog was 
likely the predominant proneural gene for sense organ development and that ASH likely 
endowed epidermal cells with the potential to develop into external sense organs 
without simultaneously specifying subtype identity. Other genes may have been 
subsequently recruited to regulate early processes of cell specification, such as 
decisions to form accessory (e.g. socket, shaft, sheath cells) or neuronal (e.g. neurons, 
glia) types. Future work utilizing lineage tracing via live-imaging and functional 
assessment of additional neurogenic regulators in Lepidoptera should help to reveal the 
series of cell divisions and molecular toolkit involved in scale cell development that 
results in a scale cell and socket cell, and why neuronal cell types do not form in this 
type of SOP lineage. 

Cell cycle progression and differentiation must be highly coordinated for proper 
development, which relies primarily on the activity of cyclin-dependant kinases (Cdk) 
that are regulated by their association with factors such as cyclins or cyclin kinase 
inhibitors. Cyclins are the best-known positive regulators of cell proliferation, and their 
molecular mechanisms in the cell-cycle transition are conserved in eukaryotes. Similar 
to the Drosophila bristle lineage, scale cell development in Lepidoptera is likely closely 
related to the cell cycle progression. Our RNA-seq data suggests that several 
G2/mitotic-specific cyclins and Cyclin-dependent kinases, including cyclin-A, cyclin-B, 
cyclin-E and Cyclin-dependent kinase 4 are highly expressed at the scale precursor 
stage in butterflies and moths, implying their conserved role in coordinating cell cycle 
progression that lead to highly polyploid differentiated scale and socket cells in the 
wings. Previous work on Lepidoptera scale cells have suggested that ploidy levels 
correlate with scale size and pigmentation state, in which higher ploidy results in larger, 
darker scales (Cho and Nijhout, 2013; Iwata and Otaki, 2016). Recent evidence 
suggests that cortex, a gene with homology to a family of cell cycle regulators, is a key 
scale cell specification gene, but it remains unclear how it could act to modulate ploidy 
levels or scale identity (Livraghi et al., 2021). The cortex gene could potentially function 
to modulate ploidy levels by inducing endoreplication cycles in developing scale cells, 
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but further investigations are required to clarify if there is a direct a causal relationship 
between ploidy state and scale size/type. 

The Cut protein is localized in the nuclei of all four types of cells composing 
campaniform sensilla during the developmental stages and has an instructive role in 
execution of an external-type peripheral sense organ program in D. melanogaster 
(Blochlinger et al., 1990, 1991). Several additional genes including cut, futsch, 
embryonic lethal abnormal vision (elav), and Suppressor of Hairless (Su(H)) are 
expressed in the campaniform sensilla on pupal wings in D. melanogaster (Koseki et al., 
2021). We observed cut expression in pupal wings that appeared to correlate with 
subsets of scale precursor cells that become sensory hairs on the hindwing, suggesting 
that cut has maintained an ancestral role in SOP subtype specification but plays a novel 
role in a modified scale cell type in Lepidoptera wings. 

Neurogenic factors and the role of Notch during pupal wing development in 
Lepidoptera 
The Notch gene encodes a transmembrane protein that functions as a receptor of 
intercellular signals controlling cell fate choices in numerous developmental processes. 
The stereotyped arrangement of sensory bristles on the thorax of Drosophila arises 
from a self-organized process in which inhibitory Notch signaling both delimits proneural 
stripes and singles out sensory organ precursor cells (SOPs). In proneural clusters, the 
Delta-Notch signaling pathway prohibits adoption of the neural fate by repressing 
expression of the proneural genes in cells not adopting the neural fate. Additionally, 
loss-of-function alleles of Notch result in thickened wing veins, whereas Notch gain-of 
function alleles cause thinner and incomplete veins in Drosophila and in other species 
(de Celis and García-Bellido, 1994). Our observations of Notch CRISPR mosaic 
knockouts in butterflies are in line with the functional role of this gene in lateral inhibition 
to establish and limit fates for vein cells and scale cells within the developing wing. 
Once proneural clusters or stripes have formed, inhibitory cell–cell interactions 
mediated by Notch restrict the potential to become an SOP to one or a few cells per 
cluster (or stripe) (Simpson, 1990). Notch inhibits the competence to become neural via 
the E(spl)-HLH family of transcriptional repressors which act redundantly to antagonize 
the activity and expression of Ac and Sc (Delidakis and Artavanis-Tsakonas, 1992; 
Jennings et al., 1994; Couturier et al., 2019). Therefore, adoption of the SOP fate 
depends on a balance between the activity of Ac and Sc, acting synergistically with 
Senseless, and the anti-proneural activity of the E(spl)-HLH proteins. One of the major 
genetic orchestrators of peripheral nervous system development is Senseless, which is 
both necessary and sufficient for SOP differentiation. In our RNA-seq data, we observed 
high expression levels of Senseless at the scale precursor stage, indicating a conserved 
role in lepidopteran scale cell formation. 

Delta (Dl) is expressed in microchaeta proneural cells in Drosophila, is detected 
prior to the onset of achaete expression and arises normally even in the absence of 
achaete/scute function, indicating that initial Delta expression in the notum is not 
dependent on proneural gene function (Parks et al., 1997). Within microchaeta 
proneural stripes, Delta-Notch signaling prohibits adoption of the SOP fate by 
repressing the expression of proneural genes. Dl expression is detected at high levels 
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within proneural stripes and at low levels within interstripes. Conversely, Notch 
expression is higher in interstripes than in stripes. These asymmetries suggest that 
stripe cells (expressing high levels of Delta) may interact with adjacent interstripe cells 
(expressing high levels of Notch), resulting in higher levels of Delta-Notch signaling 
activity in interstripe cells than in stripe cells. This asymmetric expression may be 
essential for normal repression of achaete expression in interstripe but not stripe cells. 
Recent work has demonstrated that prior to the onset of proneural gene expression, a 
bimodal gradient of Delta expression drove Notch activity; as a result of cis-inhibition, 
Notch was activated only in regions of intermediate Delta levels. This defined an 
inhibitory template for a first series of three proneural stripes. The spatial pattern of 
Notch activity dynamically changed as these first proneural stripes emerged, forming a 
negative template for a second group of intercalating stripes. Eventually, each stripe 
resolved into a row of isolated SOPs through Notch signaling. Thus, Notch mediated 
both proneural stripe patterning and SOP selection via a self-organized process 
(Corson et al., 2017). A dynamic balance between proneural factors and Enhancer of 
split-HLH (E(spl)-HLH) Notch targets underlies patterning. Recent work has identified 
two classes of partially redundant E(spl)-HLH factors, whose expression both precedes 
and delimits proneural activity, and is dependent on proneural activity and required for 
proper SOP spacing within the stripes, respectively (Couturier et al., 2019). 
The gene u-shaped (ush) encodes a novel zinc finger that acts as a transregulator of 
achaete and scute in D. melanogaster, which is required to pattern the bristles on the 
dorsal notum. Mutants for u-shaped display additional dorsocentral and scutellar bristles 
that result from overexpression of achaete and scute. In contrast, overexpression of u-
shaped causes a loss of achaete–scute expression and consequently a loss of dorsal 
bristles (Cubadda et al., 1997). Based on our RNA-seq data, we observe high levels of 
ush expression in the epithelial stage of wing development, which then appears to drop 
off by the scale precursor stage in both J. coenia and A. polyphemus. Based on its role 
in regulating the position of proneural ac/sc genes in D. melanogaster, ush would be an 
interesting candidate to assess functionally in Lepidoptera. 

The transcription factor prospero plays a fundamental role in establishing binary 
SOP sibling cell fates without being asymmetrically localized during SOP division. In the 
wild-type SOP lineage, the SOP produces the IIa and IIb precursors; IIb divides first to 
generate a neuron and a sheath cell; IIa divides soon after to generate a hair cell and 
socket cell. Prospero (P) is first detected at low levels in the IIb cell just prior to its 
division and it is inherited by both neuron and sheath cell; the sheath cell maintains a 
high level of Prospero, while the neuron has transient Prospero. In the prospero mutant 
SOP lineage there is a IIb-to-IIa cell fate transformation, resulting in duplicate external 
cell types (hair/socket) and loss of internal cell types (neuron/sheath cell) (Manning and 
Doe, 1999). Based on our RNA-seq data, we observe high levels of prospero 
expression in the epithelial stage of wing development, which then appears to drop off 
at the scale precursor stage in both J. coenia and A. polyphemus. Based on its role in 
determining cell fate in the external sense organ lineage in D. melanogaster, prospero 
would be an interesting candidate to assess functionally in Lepidoptera to determine if it 
plays a role in determining scale cell identity in the wings. 

In butterflies during early pupal development, the receptor molecule Notch is 
expressed in a grid-like pattern in the wing epithelium (Fig 5, Reed, 2004). This may 



75 
 

contribute to the parallel rows of uniformly spaced scale precursor cells, which express 
a homolog of the achaete-scute proneural transcription factors that likely function in 
scale precursor cell differentiation. There is a regulatory loop between Notch and Delta 
that is under the transcriptional control of the E(spl)-C and AS-C genes in D. 
melanogaster, and based on our expression and functional data, these factors appear 
to be conserved in Lepidoptera wing scale patterning. What has diverged between 
these insect lineages appears to be the spatial regulation of these molecular pathways 
in Lepidoptera to produce scale precursor cells across the entire wing. 

Cytoskeletal and cuticular factors during scale cell morphogenesis 
The morphogenesis of sensory bristles in D. melanogaster relies on the function of actin 
and microtubule cytoskeleton during pupal development. For instance, actin bundles 
outlining the cell periphery are essential for bristle for elongation and curvature (Tilney 
et al., 2000a). Actin cross linking proteins, such as forked and singed, are required to 
bundle the actin filaments that support elongating bristle cells. The forked protein 
initiates the process by assembling actin bundles into a loose array which are 
secondarily assembled by cross-linking into a highly periodic crystalline array by Fascin 
(encoded by singed). Mutants of singed and forked lead to morphological defects in the 
adult bristle including reduction in length and improper shape (Tilney et al., 1995, 
2000b, 2000a). The protein Javelin may also play a role in bundle maintenance or 
assembly. Bundles without Javelin splinter and become fragmented, resulting in poorly 
curved bristles with an inflated, spear-like tip (Shapira et al., 2011). Stubble-stubbloid is 
required for hormone-dependent epithelial morphogenesis of imaginal discs of 
Drosophila, including the formation of bristles, legs, and wings. For instance, mutations 
affect the organization of microfilament bundles during bristle morphogenesis and it has 
been characterized as a transmembrane serine protease with potential influence of 
normal actin organization and cleavage of the extracellular membrane (Appel et al., 
1993). The morphological differences between scales and bristles likely result from 
components or modifiers of the cytoskeleton and cell membrane. Butterfly and moth 
wing scales are the remains of secreted chitin laid down by retracting trichogen cells 
during pupal wing development. Scales can reliably produce intricate structures down to 
the nanometer level across their surfaces thousands of times over in each wing. How a 
cell is able to produce such a complex shape is largely unknown, but recent studies 
point to the importance of accumulations of actin filaments, termed ‘rods’, that prefigure 
ridges along the abwing surface. In butterflies, F-actin bundles are degraded once the 
ridges have grown at approximately 60% of pupal development (Dinwiddie et al., 2014). 
How these rods are assembled from individual filaments and the relative contribution of 
other cytoskeletal components, such as microtubules, is still unclear, but our results 
suggest that cytoskeletal organizers such as forked, fascin, javelin and stubble are 
highly expressed during early wing scale development, suggesting they play roles in 
scale morphogenesis, as they do in insect bristle development. 

Microtubules (MTs) are dynamic polymers with critical roles in many biological 
processes such as cell division, organelle trafficking, cell polarity and morphogenesis. 
The dynamic organization and stability of microtubules is thought to be regulated 
primarily by microtubule-associated proteins (MAPs), attached either along the 
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microtubule wall or at microtubule ends (Bitan et al., 2010). We identified the expression 
of several microtubule associated proteins with dynamic expression during pupal wing 
development. This includes Jupiter, futsch, Mink, Fascetto and Spindly that displayed 
higher levels of expression at ‘scale early’ timepoints, suggesting that these may play a 
role in scale morphogenesis. Previous studies have identified correlations between 
microtubule distribution and scale shape. For instance, during wing development, 
bristle-like scale morphologies predominantly contain vertically-oriented microtubules 
that run parallel to actin filaments and the direction of growth (Tilney et al., 2000a; 
Pomerantz et al., 2021). On the other hand, flat scale morphologies contain 
microtubules that ‘fan out’ in various orientations. Our study points to promising 
microtubule associated candidate genes that require functional studies to assess their 
potential contribution to scale morphogenesis. 

The evidence present in the Drosophila literature suggests that ZPs act to 
connect the chitinous ECM to the plasma membrane. Several ZP domain proteins are 
important for cuticle formation during insect development, including dusky-like, dusky, 
miniature, trynity, and morpheyus. For instance, mutant embryos for ZP genes dusky 
have tracheal development defects, which are similar to mutants affecting chitin 
secretion like kkv, a chitin synthase (Jaźwińska et al., 2003). These genes were found 
to be expressed at high levels during wing development in D. melanogaster (Sobala and 
Adler, 2016). Likewise, we identified many of these genes expressed at their highest 
levels at the early wing scale stage in both J. coenia and A. polyphemus, suggesting 
that ZP domain genes play evolutionarily conserved roles in cuticle formation during 
lepidopteran development as well. 

Cuticular proteins (CPs) and chitin are produced by scale cells during 
development and form the overall architecture of what remains as the hard, external 
adult wing scale. Recent work by (Liu et al., 2021) has contributed to our understanding 
of cuticular protein (CP) composition and function in lepidopteran scales, including a 
distinctive class of histidine rich (His-rich) CPs. We identified several of these CPs in 
our RNAseq dataset, further highlighting the conserved role of cuticular proteins in 
lepidoptera wing formation. Functional studies using RNAi revealed CPs with different 
histidine content played distinct roles in constructing the microstructure of the scale 
surface. Knockdown experiments of His-rich CPs and BmlacA2 resulted in damaged 
compound eyes and mandibular bristles, as well as scale abnormalities, with notable 
effects on the ridges and microribs, highlighting that CPs identified in wing scales also 
play important roles in the formation of cuticle structures in other organs (Liu et al., 
2021). In addition to cuticle protein genes, a number of other genes expressed at 
relatively high and varying levels in pupal wings are known to be important for normal 
cuticle deposition, such as actin proteins and chitinases. We also identified expression 
of cuticle and chitin-synthesis related genes that showed conserved expression profiles 
in the butterfly and moth. These genes were primarily upregulated at the ‘scale late’ 
developmental stage, suggesting that they play a role in scale morphogenesis through 
chitin processing. This includes genes such as chitin deacetylase, chitinase and chitin 
synthase (encoded by the gene krotzkopf verkehrt (kkv)), which protects chitin from 
degradation. Similar to previous RNAseq results from insect pupal wing tissue, we also 
identified the expression several genes involved in pigmentation and sclerotization, 
including pale, ebony, Dopa decarboxylase, and yellow (Sobala and Adler, 2016; Zhang 
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et al., 2017). In addition to pigmentation processes that generate color, these genes are 
also important for the synthesis of normal cuticle and in some cases forming specific 
wing scale morphologies (Zhang et al., 2017; Matsuoka and Monteiro, 2018). Still, much 
remains to be tested with regard to direct interactions of cytoskeletal factors, CPs and 
chitin and their contributions to scale morphology. 

Signaling molecules, neural regulators and the scaleless wing pattern in the giant 
silkmoth 
Fruit fly species have served as models to understand the regulatory evolution of wing 
patterns. For instance, the polka-dotted fruit fly Drosophila guttifera contains wing 
patterns in which dark melanic spots form at specific positions, such as around 
mechanosensory organs (campaniform sensilla) and around crossveins. This wing color 
pattern has been shown to be induced by the expression of the Wnt signaling gene 
wingless, which then positively regulates pigmentation genes such as yellow through 
the evolutionary gain of novel enhancer activities (Werner et al., 2010; Koshikawa et al., 
2015). However Drosophila melanogaster also expresses wingless around the 
crossvein and yet there are no wing pigmentation patterns, and it has also been shown 
that expression of the melanin synthesis gene yellow is not sufficient to induce 
pigmentation in the D. melanogaster wing (Gompel et al., 2005; Fukutomi et al., 2021). 
It has therefore been proposed that the novel pigmentation pattern of D. guttifera 
emerged through multistep co-options of multiple gene regulatory networks, signaling 
pathways, and effector genes, potentially including Notch signaling genes, melanin 
synthesis genes and Wnt signaling genes (Fukutomi et al., 2021). 

In our study, it is interesting to find some of the same signaling pathways 
expressed in the wing patterns of the giant silkmoth Antheraea polyphemus. The Wnt 
signaling gene wingless was indeed expected, as it is known to be expressed by cells at 
the discal crossvein in other insects and act as a morphogen, in which diffusible 
intercellular signal transduction molecules are secreted to the surrounding epidermal 
cells and induce expression of genes in the recipient cells (Martin and Reed, 2014). 
Wingless has previously been shown to play a role in wing patterning in butterflies and 
also shown to be involved in synapse development (Macdonald et al., 2010; Martin and 
Reed, 2010; Özsu et al., 2017; Koseki et al., 2021). wingless has also been shown to be 
associated with eyespot formation during pupal wing development Bicyclus anynana 
butterflies, as well as pigmentation patterns in the silkworm, Bombyx mori (Yamaguchi 
et al., 2013; Özsu et al., 2017). Our results confirm that wingless is expressed at high 
levels surrounding the crossvein in A. polyphemus pupa wings, diffusing outward 
reminiscent of a classical morphogen, and is associated with the window scaleless 
pattern found in many saturniids. The question becomes, how did this novel scaleless 
wing pattern evolve, and did co-option events occur in a parallel fashion to what has 
been identified in the polka-dotted fruit fly? 

One such gene in our window vs non-window comparisons caught our attention, 
the bHLH transcriptional repressor gene, hairy. In D. melanogaster, hairy has been 
shown to act as an antagonizing factors that regulates the transcription of achaete and 
scute by binding to their upstream regulatory sequences and repress their 
transcriptional activity (Skeath and Carroll, 1991; Ohsako et al., 1994; Van Doren et al., 
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1994). In hairy mutants, ectopic sensory bristles are produced in D. melanogaster, 
indicating that hairy represses sensory organ formation by directly repressing 
transcription of proneural genes (Ohsako et al., 1994). From what we have gathered in 
the literature, hairy is not known to be expressed at high levels surrounding the 
crossvein in other insect species (Fukutomi et al., 2021). Therefore, our findings of the 
development and transcriptional activities in the ‘window’ and ‘non-window’ regions of 
the wing in A. polyphemus point to a unique process of scale cell pattern formation in 
which a proneural repressor gene was putatively co-opted, resulting in suppression of 
scale cells in the ‘window’ region of some saturniid moths. Future work could shed 
additional light on this novel patterning process by functionally characterizing hairy in a 
lepidopteran system and investigating the evolution of crossvein-associated pattern 
formation in a more comparative context using multiple species. 

Did shifting spatial expression patterns of conserved proneural and neurogenic 
pathways lead to the evolution of wing scales in Lepidoptera? 
A long-standing problem in evolutionary biology is how genetic variation arises within 
populations and evolves to make species anatomically different. Many of the 
morphological differences in body plans between animal groups are thought to result 
from changes in gene expression during development. For instance, the genes scute, 
pannier, u-shaped, hairy and extramacrochaetae are functionally conserved in 
regulating the development of macrocheates in two distantly related species of fly, 
Drosophila melanogaster and Musca domestica. However, the mRNA spatial 
expression patterns of these genes differ during the larval development stage between 
the two species, leading to species-specificity in how the machochaete bristles are 
patterned (Liang et al., 2018). Our findings of dynamic expression patterns associated 
with lepidopteran wing scale cell development contributes to the growing set of 
observations suggesting that shifting temporal dynamics of conserved genes represents 
a mechanism through which different morphologies can be achieved (e.g. Sakamoto et 
al., 2009; Lemmon et al., 2016). 

Conclusion 
This work presents a comparative transcriptome analysis between two lepidopterans, 
toward the identification of biological processes and functional gene activities on scale 
cell formation that occur during the early stages of pupal development. Moreover, it 
provides information on the molecular processes contributing to the diversification of cell 
specification and patterning, a central topic of evolutionary research. Our dataset 
suggests potential mechanisms that drive scale cell development, such as shifting 
temporal dynamics of conserved neurogenesis pathways, which can help facilitate the 
characterization of scale cell evolution and provide insight into how changes in gene 
expression during wing development play a role in cellular morphological diversity. 

Materials and methods 
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Insect husbandry 
Junonia coenia butterflies were derived from a laboratory colony maintained at Duke 
University (gift of Laura Grunert and Fred Nijhout), maintained in a 16:8 hr light/dark 
cycle at 26°C, 60% relative humidity, were fed on a multi-species artificial diet 
(Southland) supplemented with dried leaves of the host plant Plantago lanceolata, and 
were induced to oviposit on fresh leaves of P. lanceolata. Pupae of Antheraea 
polyphemus were obtained from breeders (Bill Oehlke and suppliers) and temporarily 
stored at 4°C to break diapause. 

RNA isolation and sequencing 
For RNA isolations, we performed micro-dissections of pupal forewing tissue immersed 
in ice-cold PBS (taking care to isolate tissue of interest and avoid cuticle or wing veins) 
and stored tissue in Trizol reagent (Invitrogen) at −80°C until downstream extraction 
steps. For Junonia coenia, we performed three biological replicates for each 
developmental stage, which consisted of: ~8-12 hours after pupal development (APF) 
when wing tissue is composed of undifferentiated epithelial cells, ~24 h APF when scale 
precursor cells have differentiated, ~72 h APF when early scale projections have 
elongated, and ~120 h APF when late scale projections are maturing. For A. 
polyphemus, pupal development proceeded at more viable rates, so we performed wing 
tissue dissections for RNA isolation on half of the dissected wings and, for the other half 
of the wings, fixed and stained the tissue with DAPI and phalloidin (as in Dinwiddie et al. 
2014) to confirm approximately equivalent developmental stages via fluorescence 
microscopy, selecting two replicates each for epithelial, scale early, and scale late 
stages. Total RNA was isolated using the Direct-zol RNA miniprep kit (Zymo Research), 
dissolved in nuclease-free water and RNA quantity and integrity was evaluated using an 
Agilent 2100 Bioanalyzer (Agilent Technologies, Santa Clara, CA, USA). The cDNA 
library was then prepared using the SMART-Seq v4 Ultra Low Input RNA Kit 
(Clonetech) at QB3 Genomics (Berkeley, CA). Sequences for A. polyphemus were 
generated using a HiSeq4000 at 100 base paired-end reads and sequences for J. 
coenia were generated using a NovaSeq at 150 base paired-end reads (Illumina Inc.). 
We additionally sequenced the same full-length cDNA that was generated for the 
Illumina short read RNA-seq using the Oxford Nanopore MinION R9.4 flow, Native 
Barcoding Kit, LSK109 library preparation kit according to manufacturer's protocols 
(Oxford Nanopore Technologies Inc.). 

Assembly and analysis of reference transcriptomes 
Quality assessment of raw paired-end reads were conducted using FastQC and quality 
trimming and adaptor removal on raw reads were performed with Trimmomatic (Bolger 
et al., 2014). The paired-end reads were merged, in silico normalized and de novo 
assembled using Trinity v.2.5.1 using the software’s default parameters (Grabherr et al., 
2011; Haas et al., 2013). The assembled sequences identified by Trinity were filtered 
and the longest transcript was retained. Cluster database at high identity with tolerance 
(CD-HIT) was used for further clustering and redundancy removal with minimum 
similarity cut-off of 95% (Li and Godzik, 2006). For J. coenia, we used the CDS v1.0 
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dataset obtained from LepBase, which contains 19,237 transcripts (www.lepbase.org). 
One sample from J. coenia at the ‘epithelial’ stage was omitted, as it was an outlier 
between the remaining ‘epithelial’ and ‘scale precursor’ samples, perhaps due to the 
fact that it was an intermediate development stage. For A. polyphemus, the Trinity 
assembler generated 144,206 transcripts and CD-HIT reduced this further to 119,685 
transcripts used for downstream read mapping. Reads for each library were aligned and 
transcript abundances estimated using the RSEM pipeline script included with Trinity, 
which converts the total number of aligned reads to an estimated number of transcripts 
in the library while accounting for transcript length and total number of reads in the 
library (Li and Dewey, 2011; Haas et al., 2013). Sample information and alignment 
statistics are reported in Supplementary Table 1. Expression count data were analyzed 
for differential expression with DESeq2 using the Wald test for significant log(fold 
change) in expression between conditions (here, developmental stages) using 
DEBrowser v1.16.3 (Love et al., 2014; Kucukural et al., 2019). Differential expression 
was determined with an FDR-adjusted P-values cut-off <0.05 and |log2FoldChange| ≥ 
1. Hierarchical clustered heatmaps and principal component analysis (PCA) was used 
to assess normalized transcriptomic read profiles of each sample. 

Gene annotations and gene ontology enrichment 
Genomes and annotations for J. coenia are publicly available at www. Lepbase.org (van 
der Burg et al., 2019). TransDecoder, a package included in the Trinity software, was 
used for the prediction of coding regions in A. polyphemus (Haas et al., 2013). 
Orthology to Drosophila melanogaster genes were established first by reciprocal best 
hits using BLASTX and BLASTP (cutoff E value of 1e-5) (Camacho et al., 2009). Where 
reciprocal BLAST was not determinative, OrthoFinder was used, with the input being 
the Drosophila reference proteome from UniProt (downloaded January, 2020) and the 
annotated proteins of J. coenia and A. polyphemus (Emms and Kelly, 2019). In some 
cases where similar copies of a gene are present, for example the Achaete-scute 
homologs, genes were manually curated to ensure their correct homology. See 
Supplementary Table 1 for the list of gene names and transcript IDs for each species. 
Gene ontology (GO) enrichment analysis (Huang et al., 2009) was performed using the 
Database for Annotation, Visualization and Integrated Discovery (DAVID) (Dennis et al., 
2003). Unique D. melanogaster orthologs of identified differentially expressed genes 
served as the query gene list and D. melanogaster orthologs to Lepidoptera were used 
as the universal background list. 

Wing fixation, Hybridization Chain Reaction (HCR) in situ hybridization (ISH) and 
immunohistochemistry 
Wing discs and pupal wings were dissected and fixed with 3.2% paraformaldehyde in 
PEM buffer for 30 min at room temperature, as described previously (Dinwiddie et al., 
2014). Fixed wings were incubated in 1X PBS+0.1% Triton-X 100 (PT) with 1:200 
dilution of phalloidin, Alexa 555 conjugated (Invitrogen A34055), and wheat germ 
agglutinin, Alexa 647 conjugated (Invitrogen W32466) at a dilution of 1:200 overnight at 
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4°C. Wings were washed in PT and then placed in 50% glycerol:PBS with DAPI 
overnight at 4°C. 

For Hybridization Chain Reaction (HCR) in situ hybridization, version 3.0 HCR 
probes (20 pairs per gene) and fluorescently-labelled hairpins were produced by 
Molecular Instruments, Inc. for ASH1, ASH2, cut and Notch in J. coenia and for 
wingless and hairy in A. polyphemus. Additional probes were designed using the 
insitu_probe_generator software (https://github.com/rwnull/insitu_probe_generator) for 
Delta and enhancer of split in J. coenia. All required buffers were made according to the 
instructions provided by Molecular Instruments and HCR ISH was then carried out as 
per the Molecular Instruments HCR v3.0 protocol for whole-mount fruit fly embryos with 
some modifications (Choi et al., 2018; Bruce et al., 2021). For immunohistochemistry, 
subsequent to fixation, washes were carried out in wash buffer (0.1% Triton-X 100 in 
PBS) before blocking the wings at 4˚C in block buffer (0.05 g bovine serum albumin, 10 
ml PBS 0.1% Triton-X 100). Wings were then incubated in primary antibodies against 
C17.9C6 Notch antibody (1:30) at 4˚C overnight, washed, and added in secondary 
antibody (1:500, goat anti-mouse lgG, AlexaFlour 555, ThermoFisher Scientific). Before 
mounting, wings were incubated in 50% glycerol and 1.0µg/mL DAPI solution, then 
tissue was transferred into 70% glycerol. Slides of fixed tissue were examined with an 
LSM 880 confocal microscope (Carl Zeiss, Germany). 

Cas9-mediated genome editing / Design of sgRNA targets 
Target sequences of J. coenia were obtained from LepBase (van der Burg et al., 2019). 
sgRNAs were designed against 5’ ends of genes in order to produce a frameshift 
mutation due to imperfect non-homologous end joining repair. Target guide RNAs were 
generated using ChopChop software (https://chopchop.cbu.uib.no/) and were identified 
by searching for N20NGG patterns targeting the first exon (or generally near the 5’ end 
of the coding sequence), then tested for uniqueness by BLAST against the genome or 
transcriptome reference. sgRNAs were ordered from Synthego and mixed with Cas9 
prior to injection. Injection mixes had a final concentration of 333ng/uL Cas9 protein, 
150ng/uL sgRNA. Butterfly eggs laid on host plant leaves were collected after 1–4 hours 
(following procedures described in Zhang et al., 2017). Eggs were then glued to a glass 
slide and mounted with the micropyle facing up. CRISPR mixtures containing 
preassembled sgRNAs and recombinant Cas9 protein were injected using pulled glass 
needles. Post injection, butterfly eggs were rested in a humidity chamber until hatching 
and addition of artificial diet. For genotyping, DNA was extracted from mutant leg tissue 
and amplified using oligonucleotides flanking the sgRNAs target region. PCR amplicons 
were column purified and run on a Fragment Analyzer (Agilent). 

Imaging 
Wings were imaged with the Keyence VHX-5000 digital microscope at 50X-500x on a 
VH-Z00T lens. 

Data availability 
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The datasets generated and analyzed in the current study will be available in the NCBI 
SRA repository upon publication. 
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Figures 

 

Figure 3.1. Pupal wing developmental stages used for comparative transcriptomic 
analyses 
RNA-seq analysis was performed on the buckeye butterfly Junonia coenia and the giant 
silkmoth Antheraea polyphemus at four stages of pupal wing development: epithelial, 
scale precursor, scale early and scale late. (B) At the ‘epithelial stage’ the wing is 
composed of a bilayer of undifferentiated epithelial cells (nuclei of cells marked with 
DAPI). (C) At the ‘scale precursor’ stage, certain cells have differentiated into scale 
precursors (SP cells) outlined in white for better visibility, surrounded by neighboring 
undifferentiated epithelial cells. (D) At the ‘scale early’ stage, scale cell projections 
display large bundles of actin filaments (marked with phalloidin, green) and a round 
outer membrane (marked with wheat germ agglutinin, magenta). (E) At the ‘scale late’ 
stage maturing scale projections contain actin bundles extending to the finger-like tips at 
the end of the scale and more prominent surface ridges. (M-Q) In the ‘window’ region 
(bottom panel) in A. polyphemus the scale precursor cells appear to not not initiate, 
resulting in scale-less membrane surrounding the crossvein region of the wing in the 
adult moth. 
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Figure 3.2. Developmental transcriptomic analysis of pupal wing tissue in J. 
coenia and A. polyphemus 
Principal component analysis (PCA) of RNA-seq samples for Junonia coenia (A) and 
Antheraea polyphemus (B) clustered by developmental stage. (C) Hierarchical 
clustering of samples and expression heatmap of differentially expressed genes. (D-E) 
hierarchical clustering of samples and expression heatmap of differentially expressed 
genes. Shared Gene ontology (GO) enrichment of top biological processes between J. 
coenia and A. polyphemus from pairwise differential expression analyses corresponding 
to (E) epithelial (F) scale precursor (G) scale early and (H) scale late stages. The -
log10(P-value) bar plots of GO enrichment terms are colored by their corresponding 
developmental stage, solid bars represent FDR < 0.05 and translucent bars represent 
FDR > 0.05. 
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Figure 3.3. Scale development pathways and select differentially expressed genes 
with equivalent expression patterns between Junonia coenia and Antheraea 
polyphemus. 
(A) Schematic of the Notch signaling pathway, which is required for lateral inhibition and 
sensory organ precursor patterning. Cells with high proneural activity (yellow; 
Achaete/scute synergize with Senseless) inhibit proneural activity in their neighbors 
(blue) via Delta-Notch signaling and its downstream target, the E(spl) repressor. (B) 
Heatmap displaying profiles of DEGs with equivalent expression patterns at early scale 
cell developmental timepoints, including proneural, cell cycle and Notch signaling 
factors. (C) Cartoon of a typical scale cell and socket cell during pupal development; 
nuclei colored blue, and internal actin bundles colored green. (D) Heatmap displaying 
profiles of DEGs with equivalent expression patterns at late scale cell developmental 
timepoints, including cytoskeletal organization factors, chitin synthesis and cuticle 
proteins. 
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Figure 3.4. Expression and function of proneural genes in developing wings of 
Junonia coenia 
Hybridization Chain Reaction (HCR) in situ hybridization for achaete scute homolog 1 
(ASH1) in the wing disc (A-A’) and pupal wing (B-B’). Expression of achaete scute 
homolog 2 (ASH2) in the wing disc (C-C’) and pupal wing (D-D’). Position-specific 
expression of ASH2 in the wing disc determines where sensory bristles develop. ASH1 
and AHS2 mRNA show high expression in scale precursor cells. Expression of cut in 
the wing disc (E-E’) and pupal wing (F-F’). Cut expression in 24 h pupal wings appears 
to correlate with subsets of scale precursor cells that become long sensory hairs on the 
hindwing. Scale bars = 100 μm. CRISPR/Cas9 induced mosaic knockout of ASH2 in an 
adult individual results in absence of both scales and sockets (G-H’’’). 
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Figure 3.5. Expression and function of neurogenic factors in developing wings of 
Junonia coenia 
  
Hybridization Chain Reaction (HCR) in situ hybridization for Delta in the wing disc (A-A’) 
and pupal wing (B-B’). In the imaginal disc, Delta is expressed in the future veins, 
similar to expression in D. melanogaster wing discs. 24 hr APF, Delta is expressed in 
rows of scale precursor cells and absent in epithelial cells. Expression of Notch in the 
wing disc (C-C’) and pupal wing (D-D’). Notch expression occurs at high levels in 
intervein regions in the imaginal disc and in pupal wings, Notch expression appears in a 
grid-like pattern and occurs at highest levels in the epithelial cells, in line with its role as 
a proneural repressor. Expression of Enhancer of split in the wing disc (E-E’) and pupal 
wing (F-F’). Enh(spl) is found in flanking the veins in the imaginal disc and in pupal 
wings, Enh(spl) appears to be expressed at higher levels surrounding scale precursor 
cells. Scale bars = 100 μm. CRISPR/Cas9 induced mosaic knockout of Notch in an 
adult individual results in dense clusters of scales due to loss of lateral inhibition (G-
H’’’). 
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Figure 3.6. Comparative RNA-seq and expression between the ‘window’ and ‘non-
window’ region in Antheraea polyphemus wings 
Pairwise differential expression of window versus non-window regions revealed 
upregulation of genes in the Wnt signaling pathway, such as wingless, Wnt6, Wnt10, 
frizzled, arrow, odd paired and divisions abnormally delayed, as well as the bHLH 
transcription repressor hairy (A-B). Heparin treatments reveal shifts in wing pattern 
elements, likely due to altered Wnt expression profiles (C). In A. polyphemus wg is 
highly expressed in the ‘window’ region surrounding the discal crossvein (D-E). Higher 
hairy expression can be observed largely overlapping with wingless in the ‘window’ 
region surrounding the discal crossvein (F). Higher magnification showing the boundary 
where hairy expression drops and scaleprecursor cells form (G-G’’). Notably, hairy 
expression is strongly correlated with the absence of scale precursor cell formation and 
anti-correlated with scale precursor formation adjacent to the ‘window’ region, where 
scales develop normally (G-H). 
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Supplementary Figures 

 

Fig S3.1. Achaete scute homolog gene tree and expression patterns across 
developmental stages. 
(A) Simplified achaete scute homolog (ASH) gene tree for species within Lepidoptera 
and Trichotera, highlighting three distinct ASH genes and one ase gene in Lepidoptera. 
(B-D) Normalized expression counts from RNA-seq and adjacent ATAC-seq plots for 
ASH1, ASH2, and ASH3. Note the lack of RNA expression and clear ATAC-seq peaks 
for ASH3 in pupal wing tissue. ATACseq data was downloaded from van der Burg et al., 
2019 and visualized in Integrative Genomics Viewer (IGV_2.8.9). (E-G) HCR in situ 
hybridization in the wing disc (ASH1 in cyan, ASH2 in yellow, Notch in magenta), pre-
pupa, 12 h, 24 h, 48 h, and 72 h APF, highlighting dynamic expression patterns over 
time. ASH1, ASH2 expression corresponds to mechanosensory bristles on the wing 
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margin in the wing disc, then appears stochastically expressed at 12 h, become 
organized and expressed in scale precursor cells from 24-48 hrs, and expression drops 
off by 72 hrs. 

  

 

Fig. S3.2. CRISPR-Cas9 mutagenesis for ASH2 and Notch 
(A-B) Target sites of CRISPR-Cas9 mutagenesis for ASH2 and Notch. (C) Additional 
phenotypes observed in Notch-injected individuals, including a larva which appears to 
have ectopic setae and effects on adult abdomen and wings. (D) Genomic PCR 
products visualized on a fragment analyzer, indicating smaller fragments from gene 
deletions in sgRNA-injected individuals for ASH2 and Notch. 
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Fig S3.3. Additional phenotypes for control and heparin treatments in Antheraea 
polyphemus.  
Control treatments using water produce wild-type wing patterns, whereas heparin 
treatments produce a range of mild to strong shifts in color patterns, likely due to 
misexpression of wnt signaling ligands during pupal wing development. What appear to 
be ‘mild’ effects of heparin treatment echo results from Sourakov & Shirai (2020); the 
grey and red zone of scale surrounding the window region expands and melanic scales 
expand on the hindwing. 
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Preface to Chapter 4 
Back in 2014, I found myself in a unique position of working as a field biologist and 
marketing strategist at an ecotourism company in the heart of the Amazon rainforest. In 
addition to conducting biodiversity research, I worked closely with the marketing director 
of the company to generate global publicity of our work and conservation efforts through 
crafting viral social media content, coordinating expeditions with journalists, and hosting 
television productions. 

During this time, I became intrigued by novel, portable scientific devices that 
provided new opportunities to ‘take the lab into the field’, such as origami-based paper 
microscopes (Foldscope Instruments, Inc) and miniaturized DNA sequencing platforms 
(the MinION, Oxford Nanopore Technologies, Inc). The prospect of decoding the DNA 
of unknown species in the middle of a rainforest – something that seemed limited to 
science fiction – inspired me to apply for funding from the National Geographic Society 
and apply for the MinION early access program. 

Upon receiving funding and access to the early MinION, I was determined to 
expand my scientific background and skill sets further. I applied to graduate programs 
and was accepted to the University of California Berkeley in 2016. Subsequently, my 
collaborators and I put the MinION to the test under remote tropical field conditions, and 
successfully carried out molecular analyses of endemic fauna in one of the world's most 
imperiled biodiversity hotspots, the Ecuadorian Chocó (Pomerantz et al. 2018). 
Since then, I have worked with numerous labs to assist them with nanopore sequencing 
experiments, ranging from highly multiplexed long-range amplicons, to whole genome 
sequencing, to full-length cDNA transcriptomics. Moreover, I am proud to have 
developed, raised seed funding for, and launched a new educational program for 
undergraduate students at UC Berkeley called ‘Field Genomics’, in which we teach 
students to how to conduct fieldwork and apply nanopore sequencing to address their 
scientific questions, including 16S metabarcoding and mitochondrial genome 
sequencing. 

From what I have outlined, I hope you too will see how these experiences 
utilizing portable scientific equipment have been transformative for my development as 
a scientist and educator. While some studies to date have made use of nanopore-based 
amplicon sequencing, there are various options for portable genomics equipment, as 
well as DNA isolation, amplification, and bioinformatics strategies spread amongst the 
literature. As such, myself and collaborators have attempted to synthesize the current 
literature and report leading practices in the following protocol so that anyone, anywhere 
can carry out their own DNA amplicon sequencing projects using miniaturized 
laboratory equipment. 
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Chapter 4. A step-by-step protocol for DNA amplicon sequencing using 
miniaturized laboratory equipment for genetic biomonitoring and biodiversity 
exploration 
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Abstract 

Human-mediated environmental change is depleting biodiversity faster than it can be 
characterized, while invasive species cause agricultural damage, threaten human 
health, and disrupt native habitats. Consequently, the application of effective 
approaches for rapid surveillance and identification of biological samples is increasingly 
important to inform conservation efforts. Taxonomic assignments have been greatly 
advanced using sequence-based applications, such as DNA barcoding, a diagnostic 
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technique that utilizes polymerase chain reaction (PCR) and DNA sequence analysis of 
standardized genetic regions. However, in many biodiversity hotspots, endeavors are 
often hindered by a lack of genomic infrastructure and funding for biodiversity research 
and restrictions on the transport of biological samples. A promising development is the 
advent of low-cost, miniaturized scientific equipment. Such tools can be assembled into 
functional laboratories to carry out genetic analyses in situ, at local institutions, field 
stations, or classrooms. Here, we outline all the steps required to perform amplicon 
sequencing applications outside of a conventional laboratory environment using 
miniaturized scientific equipment. 

Introduction 
Biodiversity loss has increased rapidly during the past decades. Natural habitats are 
diminishing at an unprecedented rate and extinctions are predicted for many taxa 
across the tree of life1,2. Furthermore, the spread of invasive alien species into new 
environments can cause agricultural damage, jeopardize human health, and negatively 
impact native biodiversity3,4. Conservation and inspection-focused researchers and 
agencies are faced with the immense task of characterizing baseline biodiversity data, 
documenting how communities change, and detecting harmful invasive pests and 
pathogens. To do so, it is imperative that the tools and protocols are standardized and 
are time- and cost-efficient. 

The advent of high-throughput sequencing (HTS) technologies, coupled with the 
development of standardized DNA marker systems, known as DNA barcodes5, have 
greatly facilitated large-scale monitoring and community-level assessment of species 
diversity. Ever-growing reference databases (such as the Barcode of Life Data System 
(BOLD)6 and the NCBI GenBank database7) and the ability to simultaneously analyze 
high numbers of samples8 have further increased the utility of DNA sequencing as a 
valuable tool for biodiversity and biomonitoring exploration. 

However, many biodiversity hotspots and inspection sites are located in regions 
that lack readily available access to genomic resources, such as HTS platforms. A 
traditional alternative, to transport samples abroad for analysis, has become 
increasingly restricted due to international conventions such as CITES (Convention on 
International Trade in Endangered Species of Wild Fauna and Flora) or the Convention 
on Biological Diversity’s Nagoya Protocol on Access and Benefit Sharing. While these 
are important measures to control the shipment of natural and potentially protected 
wildlife, they can increase the time it takes to generate, analyze, and report on the 
biological information.  The ability to sequence biological samples within the country of 
origin with portable, inexpensive laboratory equipment can bring significant benefits for 
biodiversity monitoring and explorations, while simultaneously creating opportunities for 
developing local scientific capacity (a key aspect of the Nagoya Protocol). Additionally, 
rapid characterization of invasive pests and pathogens at or near the site of detection 
via molecular analyses can be a useful means of mitigating their negative impacts on 
health, ecosystems, and economies9. Thus, these technologies offer a chance to 
empower local scientists and conservation agencies that currently rely on international 
research facilities. Miniaturized equipment, such as portable thermocyclers (miniPCR 
bio, MiniOne Systems) and nanopore-based nucleic acid sequencing devices (Oxford 
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Nanopore Technologies), have gained in popularity, as they are relatively inexpensive 
compared to traditional, bulky molecular laboratory equipment and allow for in situ 
processing of genetic material10. Portable genomics laboratories have been deployed 
around the world in a diverse set of ecosystems and settings, including the rainforests 
of Tanzania11, Ecuador12 and Madagascar13, out at sea14  and the Antarctic15; as well as 
being used to monitor disease outbreaks such as Ebola in West Africa16 or Zika in 
Brazil17, and for educational programs18,19.  

While several studies have utilized nanopore-based amplicon sequencing, there 
are various options for portable genomics equipment, as well as DNA isolation, 
amplification, and bioinformatics strategies spread amongst the literature. As such, we 
have attempted to synthesize the current literature and report leading practices in this 
protocol so that anyone, anywhere can carry out their own DNA amplicon sequencing 
projects using miniaturized laboratory equipment. 

Development of the protocol  
Central to advancements in miniaturized genomics equipment is the small MinION 
sequencing device (Oxford Nanopore Technologies (ONT)), which uses ‘nanopore 
sequencing’, a process by which changes in the ionic current measured when a single-
stranded DNA fragment is funneled through a biological pore in the device’s membrane, 
can be converted into a nucleotide sequence20. ONT's MinION is a USB-powered, 
portable sequencing platform that was launched in 2014. Since that time, there have 
been substantial improvements made in sequencing yield and quality20,21. ONT also 
launched an in-expensive low throughput flow cell called ‘Flongle’, which can further 
reduce fixed costs of DNA barcoding projects on the MinION platform. Although raw 
sequence accuracy remains relatively low for the MinION compared to other HTS 
technologies21,22, highly accurate consensus sequences can be generated for DNA 
amplicons12,23,24.  Furthermore, the development of a new pore with two reader-heads 
(10.x) has drastically decreased the error rate and increased the consensus barcode 
accuracy14. Following several years of extensive experimentation and refinement of 
MinION methods by the scientific community, combined with the optimization of other 
commercially available field-deployable lab equipment, there is now an opportunity to 
consolidate a step-by-step protocol for DNA amplicon sequencing using miniaturized 
laboratory equipment. We assemble currently available best practices for performing 
amplicon sequencing experiments outside of conventional laboratory environments 
based on research groups who have processed samples and applied portable genomics 
tools under field conditions. Additionally, we provide cost-effective strategies for 
multiplexing high numbers of samples for each sequencing run through user-
customized indexing of amplicons, and provide instructions for the loading of both the 
standard flow cell and the in-expensive lower throughput Flongle flow cell. Finally, as 
long-read platforms such as ONT result in higher raw-read error relative to other 
sequencing platforms and require various processing steps, we present a simplified 
downstream bioinformatics workflow for the demultiplexing, polishing and de novo 
assembly of raw data into accurate consensus amplicon sequences. 

Advantages and limitations 
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We anticipate that this approach can be adapted for various projects that aim to perform 
real-time DNA amplicon sequencing, such as within-country biodiversity assessment 
efforts, on-site invasive species detection, and educational genomics programs, as 
users can tailor the protocol to assess any taxa of interest in a relatively time- and cost-
efficient manner. As for limitations to this protocol, we note that advancements to 
nanopore technology, chemistry, and software are ever-changing and improving at a 
rapid pace, and as such, a user interested in these methods should also consult the 
most up-to-date literature and manufacturer protocols. We also note that with regard to 
miniaturized field-deployed tools, there can be a trade-off between quickly 
characterizing a small to medium number of biological samples and conducting more 
thorough biodiversity assessments that may involve several hundreds or thousands of 
samples, which could impact productivity and operation costs. As such, the user should 
take into account the goal of their project, the number of samples to be processed (e.g. 
processing capacity using miniaturized 16-32 well PCR machines compared to full-sized 
benchtop 96 well PCR machines), and the available storage options for samples and 
reagents required to carry out DNA amplicon sequencing experiments outside of a 
conventional laboratory environment. 

Description of the methods 
Here we present a protocol for designing and executing rapid, multiplexed amplicon 
sequencing using miniaturized laboratory equipment, including ONT’s MinION 
sequencing platform (Figure 1). The approach can be used in typical molecular 
laboratories or non-conventional laboratory spaces, such as remote field stations, or 
classroom settings. We mark the use of relatively inexpensive mobile equipment and 
steps that reduce complexity using the FIELD flag throughout the protocol to enable 
users to carry out the molecular and bioinformatic processing in areas with limited 
infrastructure. Schematics of the laboratory processing and the bioinformatic analyses 
can be found in Figure 2 and Figure 3, respectively. 

Transportation to the Field 
Users should consider trade-offs between the time it may take to carry out experiments 
under field conditions versus carrying out experiments at nearby facilities that may have 
access to more stable storage and freezer options12,15. If equipment needs to be 
transported into the field, either to conduct on-site analyses or to perform analyses in a 
field-station with limited infrastructure, portable equipment can be transported in 
luggage to the site of interest, and for additional safeguarding, can be loaded into 
protective cases, such as a Pelican case (Pelican, Torrance, USA)12,16. Cold chain 
reagents and flow cells can be packed into polystyrene boxes with ice or cool packs and 
sealed for transportation12,16. Users can consider additional options for maintaining 
reagents at 2°C-8°C for several days with portable refrigeration systems (e.g. the Crēdo 
Cube (Pelican BioThermal)). Under cold environmental conditions, such as the 
Antarctic, the temperature of the MinION and other electronic equipment can be 
regulated using hand warmers and insulating materials15. Long-term storage of 
molecular biology reagents that require stable cold temperatures can still present 
challenges for nanopore sequencing projects under non-ideal environmental conditions. 
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Several field-friendly lyophilized reagents stable for long-term storage at ambient 
temperature have been reported, including lyophilized PCR reagents11. ONT offers a 
field sequencing kit (SQK-LRK001) for cold-chain free library preparation, but this option 
is not recommended for the presented DNA barcoding protocol, as the kit relies on 
transposase activity which cleaves template molecules. 
 
Sample Collection 
Sample collection permits should be authorized by the appropriate agencies and 
samples should be treated ethically in accordance with community guidelines. 
Whenever possible, samples that are collected and preserved should be properly 
vouchered, so that they can serve as verifiable and permanent records. 
 

DNA extraction 
The first step of the experiment requires the extraction of DNA from the samples of 
interest. There are numerous methods and commercial options to carry out DNA 
extraction, several of which have been applied under field conditions, such as 
QuickExtract™ (Lucigen)14,24, spin column-based nucleotide isolation kits12,13,15,23 and 
the HotShot extraction25. We encourage the user to seek out an extraction protocol that 
is most suitable for their sample type and price range. We have tested a variety of 
commercially available extraction kits or custom solutions and found them suitable for 
extraction of DNA from various sample types (such as tissue, fecal and soil samples) 
under field conditions, which produced sufficient yields and qualities for subsequent 
amplification of target regions (see reagents list and references12,23,26). These include 
standard kits such as the Qiagen QIAmp DNeasy Blood & Tissue kit and the Bio-Rad 
Chelex 100 resin extraction. The latter is more cost-efficient (approximately $0.17 USD 
per sample26) and can be carried out using only a portable thermocycler. Alternatively, 
to preserve intact specimens for morphological examination, QuickExtract™ (Lucigen) 
can be used for DNA extractions, which does not require centrifugation10,19. Buffer-
based extraction methods such as the HotSHOT protocol27 are also fast and easy to 
carry out using a thermocycler. Many of the aforementioned extraction kits and methods 
have been shown to work with non-invasively sampled DNA sources (e.g from scat, 
hair, feathers), which may contain PCR inhibitors or be degraded from environmental 
exposure26.  

Amplification, indexing and pooling 
After isolating DNA from the samples, genetic regions of interest (DNA barcodes) are 
amplified via polymerase chain reaction (PCR), which can be efficiently performed using 
inexpensive mobile thermocyclers. For instance, researchers have reported success 
using the miniPCR (https://www.minipcr.com), MiniOne (https://theminione.com) and 
BentoLab (https://www.bento.bio) for thermocycling steps under field conditions (see 
e.g. 12,14,28,29). These devices can also serve as miniature heating blocks, be 
programmed with a mobile phone or laptop, and run off external battery power in remote 
environments (see Figure 1). While standard amplicons for DNA barcoding are 
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generally ~300-900 bp in length, sequencing on the MinION also allows the user to 
generate long-range amplicons (thousands of bases long), which can increase 
phylogenetic resolution compared with shorter standard barcode sequences (see e.g. 
23,30). In order to pool amplicons from numerous samples on a single sequencing flow 
cell, indexes can be added to the amplicons. This can either be performed using a 1-
Step or 2-Step PCR protocol (Figure 2). The 1-Step protocol may be preferable if a 
single primer set is used for the study, as it is faster than the 2-Step PCR protocol, 
requires fewer reagents, and reduces the chance of chimeric-amplicon formation (see 
e.g. 23,24). In this case, unique indexes are added to the primer sequence directly. 
Alternatively, for studies that aim to use multiple primer sets (e.g. for multi-locus PCR 
amplification or the application of primer cocktails, which is common for universal COI 
amplification31) the 2-Step PCR protocol may be the preferred option. In the 2-Step PCR 
approach, universal tail sequences are added to the amplification primers. These 
universal tails then allow for the addition of index sequences to the ends of the DNA 
fragment in a second PCR amplification step. While the 2-Step PCR protocol increases 
the chance of chimeric-amplicon formation, these are only found in low abundance and 
do not present any issues for DNA barcoding experiments (on the contrary to 
metabarcoding applications32). Furthermore, they can be filtered out during the 
bioinformatic processing (see below). The 2-Step PCR protocol allows the user to share 
indexes between projects and research groups, thereby further reducing the cost of 
barcoding. Using different indexes on either end of the amplicon enables cost-effective 
sequencing for large-scale sampling in both indexing setups (the 1-Step and the 2-Step 
protocol)24. In the presented protocol we provide the option to incorporate ONT’s 
standard universal tails in the primer sequences, which makes the primers compatible 
with inexpensive custom indexes and/or ONT’s DNA barcoding kit (see reagents list). In 
case researchers plan to also sequence the amplicons on an Illumina HTS platform, 
Illumina’s universal tails  (see 33) can be used for both Illumina and ONT sequencing. 

Our group, along with other field-focused researchers, have transported a variety 
of polymerases into the field for DNA barcoding, and here we report the use of either 
DreamTaq™ Hot Start DNA Polymerase Master Mix (Thermo Fisher Scientific, 
Waltham, MA, USA) or Q5 Hot Start High-Fidelity 2X Master Mix (NEB, Ipswich, MA, 
USA) for carrying out PCR amplifications. We note that these polymerases are rather 
expensive and that a variety of commercial polymerases and PCR master mixes are 
available, and recommend the user should seek out the one most appropriate for their 
experiment and price range. Another interesting development that requires further 
testing is the use of lyophilized polymerases, which would reduce cold chain 
requirements. Assessment of DNA, either after amplification or during the sequencing 
library preparation, can be carried out using miniaturized gel-electrophoresis systems, 
such as the blueGel (miniPCR), MiniOne system (MinOne), or BentoLab (Bento 
Bioworks Ltd., London, United Kingdom), or quantification instruments such as the 
Qubit (Thermo Fisher Scientific) or the TapeStation (Agilent) in case these are 
available. To reduce time and resources running gels, users can check just a small 
subset of reactions on the gel electrophoresis to ensure that there is no widespread 
amplification failure or presence of amplicons in negative controls. 
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Sequencing library preparation 
The presented sequencing library preparation protocol is based on ONT’s library 
preparation manual for the Ligation Sequencing Kit (SQK-LSK109), experiences gained 
from working in the field (see 11,12,18,23,29) and MinION-based DNA barcoding in the 
laboratory26. The library preparation can be carried out in approximately two hours in 
remote conditions, and requires pipettes, a small centrifuge, a miniature thermocycler 
and a small magnetic rack for bead clean-ups (Figure 1). We have included optional 
steps that require additional equipment in case the protocol is performed in a fully 
equipped laboratory. 

Sequencing 
Running the MinION Mk1B sequencer can be performed using external battery power 
on either a laptop (with sufficient space and speed; see 
https://nanoporetech.com/community/lab-it-requirements) or on standalone devices 
such as ONT’s Mk1C. Alternatively, DIY setups using mini-servers such as the Nvidia 
Jetson can be used as an inexpensive means to running the MinION and the 
basecalling (see e.g. https://github.com/sirselim/jetson_nanopore_sequencing). 
Sequencing using the Mk1B sequencer requires the use of the MinKNOW software, 
which does not require internet access if the proper offline version is installed. The 
MinION sequencing run generates data in real-time and depending on the number of 
samples and read output required, can be run for a few hours (for smaller runs) or in 
case of high-throughput multiplexing (e.g. hundreds to thousands of samples), the 
sequencer can be run for up to 72h. Additionally, nuclease-based washes can be 
applied to used flow cells for their re-use (Flow Cell Wash Kit: EXP-WSH004). In our 
experience with current versions, the MinION produces about 10,000 sequenced reads 
per minute for ~500bp long DNA barcodes. We recommend aiming for ~1,000x 
coverage per individual amplicon to obtain around 300-500x coverage after filtering, as 
recommended in 10,34. This should provide the user with a good representation for each 
DNA barcode even in the presence of slightly uneven pooling of the different amplicons. 

Bioinformatics 
Recent developments in ONT’s basecalling algorithms (the conversion of the MinION’s 
ionic current profiles to fastq sequences) allow for live basecalling during sequencing 
using MinKNOW. We recommend using live basecalling for smaller scale sequencing 
runs of 1-3h. However, basecalling can also be performed at a later stage on a laptop or 
server if needed, especially for long sequencing runs producing several gigabases of 
data, or on the sequencing device directly when using ONT’s Mk1C device. ONT offers 
several options for basecalling. In general, High-Accuracy models produce highly 
accurate basecalls at the expense of speed, while Fast models produce basecalls with 
lower accuracy, but are significantly faster than High-Accuracy models. The Guppy 
basecaller further offers the option to use graphics card chips (GPUs) instead of CPUs 
for basecalling, which increases the basecalling speed even further. Today, (small) 
computers with many GPUs can be purchased for relatively low prices. In the second 
step we show the use of two different demultiplexing tools, which work for ONT and 
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custom indexing (software tool: minibar23; https://github.com/calacademy-
research/minibar), or in the case of Guppy (Oxford Nanopore Technologies, UK) only 
for ONT indexing kits (e.g. the PCR Barcoding Expansion 1-96 kit) and custom single 
indexing. These tools were specifically developed for error-prone nanopore sequencing 
data. In addition to demultiplexing of dual or single index libraries, minibar also offers 
the option to demultiplex samples based on primer sequences, in case different DNA 
barcodes were amplified in single reactions (multiplex PCR).  There are other options 
available see e.g. 35. We recommend demultiplexing the read data before quality 
assessment and filtering. This allows the user to pool barcodes of varying sizes in the 
same multiplex PCR amplification, and carry out filtering for each amplicon separately 
afterwards. NanoPlot (https://github.com/wdecoster/NanoPlot) outputs summary 
statistics and plots showing the quality of the sequenced reads. For downstream 
processing of raw reads, we use NGSpeciesID, a tool developed for the generation of 
highly accurate consensus sequences from third-generation long-read sequencing 
technologies36. We note that there are a variety of bioinformatic workflows that have 
been reported for generating accurate consensus amplicon sequences using the 
MinION12,24,26,29,30,35. Pipelines such as ONTrack29 or Consension30 have been shown to 
work more reliably than software used in the early stages of MinION-based DNA 
barcoding (such the workflow presented in 12). NGSpeciesID has been benchmarked 
against current pipelines, and all have been found to be comparable for generating 
highly accurate consensus sequences. NGSpeciesID offers many options (including 
read filtering, subsampling, primer site removal) and is easy to run, install and scale up. 
Furthermore, it has recently been validated for its use in non-human forensic 
applications via thorough validation34. We thus decided to use it in this protocol. It first 
removes low quality reads and PCR chimeras from the data and subsequently, 
automatically carries out read clustering, consensus calling, polishing and optional 
primer removal (see description below). The final polished consensus sequences can 
subsequently be compared against different databases, such as the Barcode of Life 
Data System (BOLD)6, the rRNA database project SILVA37, or the National Center for 
Biotechnology Information (NCBI) GenBank nucleotide database7. BOLD offers a large 
compilation of Cytochrome c oxidase subunit 1 (COI) from many taxa, while GenBank 
includes a variety of different marker systems. We also outline different statistics used 
to interpret database hits with BLAST7 and provide recommendations and guidelines on 
how to interpret the results. 

NGSpeciesID 
To simplify the bioinformatic processing, we provide commands for NGSpeciesID, a tool 
designed to generate highly reliable consensus sequences for amplicon sequencing 
reads (such as DNA barcodes) generated using long-read technologies36. This tool has 
been benchmarked against other published pipelines, such as ones that rely on multiple 
sequence alignment or operational taxonomic unit (OTU) clustering, and all have been 
shown to generate high accuracy consensus sequences36. NGSpeciesID allows the 
user to first filter the raw demultiplexed read data for (a) read quality using Phred 
scores, (b) amplicon lengths to filter out chimeras, and (c) carries out subsampling to 
obtain the preferred number of reads after the filtering. It then clusters the reads based 
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on expected sequence similarity using read-specific error rates with the isONclust 
algorithm38. A draft consensus is formed using spoa39 for each cluster containing more 
reads than a user-defined abundance threshold (default: 10% of total sample read 
depth). Due to consensus calling based on multiple reads, the consensus sequences 
formed by spoa typically have significantly lower error rates than the individual reads. 
NGSpeciesID then detects and merges any consensus sequences classified as reverse 
complements to each other using pairwise alignment with parasail40. Two consensus 
sequences are merged if they have a sequence identity above a user-defined 
parameter given to NGSpeciesID (default 10%). Sequence identity is calculated as 1 - 
mismatches/alignment-length, where mismatches can be either indels or substitutions. If 
one or more of the consensus sequences are classified as reverse complements to 
each other, then the reads from all these clusters are merged into a single file. Finally, 
all draft consensus sequences passing this step are polished using the original reads 
and medaka (https://github.com/nanoporetech/medaka) or Racon39. These polished 
sequences are the final output of NGSpeciesID. Optionally, users can specify to 
automatically trim priming sequences from the consensus, in which case NGSpeciesID 
will also carry out an additional round of reverse complement detection and polishing. 
 

Materials 
REAGENTS 
DNA extraction 
•   QIAmp DNeasy Blood and Tissue kit (Qiagen,  cat. no. 69504) 

or: 
•   HotSHOT method (after 27) 

•   Chelex® 100 Resin (Bio-Rad,  cat. no. 142-1253) 
•   QuickExtract™ (Lucigen, cat. no. QE09050)  
•   Quick-DNA Plant/Seed Miniprep Kit (Zymo Research, cat. no. D6020) 
  

FIELD  Qiagen’s QIAmp DNeasy Blood and Tissue kit is a standard extraction kit, which 
works well for most tissue types. However, it is not the cheapest option. Inexpensive kits 
such as the Chelex® 100 Resin have been shown to work well for many tissue types26. 
Alternatively, buffer-based extractions, such as the HotSHOT method27, are easy and 
quick to carry out and represent very cheap alternatives (see 25). The user should take 
their sample type into consideration (e.g. plant, insect, scat, feather) to select the most 
appropriate DNA isolation method. 

  
Amplicon generation 
•   DreamTaq™ Hot Start DNA Polymerase Master Mix (Thermo Fisher Scientific, cat. 
No K9011)  

or: 

•   Q5 Hot Start High-Fidelity 2X Master Mix (NEB,  cat. no. M0494S) 
•   Assemble your own PCR mix (e.g. Taq DNA polymerase, buffer, dNTPs) 
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CRITICAL The primer annealing temperatures in our protocol are optimized for the 
two polymerase mixes listed above. While others may work, thermocycling conditions 
may need to be optimized. 
 
FIELD Here, we present different options for hot start high-fidelity polymerases but 
note that the user should decide on the polymerase that is most cost-effective and 
appropriate for their experiment. Although hot-start master mixes tend to be more 
expensive than other commercial polymerases,  we recommend these options here 
because (1) they are pre-mixed formulations, allowing PCR to be quickly carried out 
after the addition of DNA and primers, (2) they can be used to generate either short 
or long-range amplicons, and (3) amplification only starts after a short heating phase, 
which can increase shelf life as the enzymes will not be inadvertently activated in 
cases of unreliable freezing conditions. We recommend testing other polymerases 
before applying them in the field. 

•   PCR primers (that include ONT’s universal tail sequences) 
•   Custom made indexing oligos 

or: 
•   Optional: PCR Barcoding Expansion 1-96 (Oxford Nanopore Technologies, 
cat. No. EXP-PBC096). To avoid confusion with DNA barcoding, this kit will be 
referred to as the ONT indexing kit from here on. 

FIELD: Custom barcoding using PCR primers that include ONT’s universal tail 
sequences coupled with custom made oligos is a cost-effective alternative to 
purchasing ONT’s PCR Barcoding Expansion kits. 

•   Agencourt AMPure XP (e.g. Beckman Coulter, cat. no. A63881) 
or: 
•   Alternatively, home-made magnetic beads can be used to reduce costs 
(https://s3-us-west-2.amazonaws.com/oww-files-
public/f/f8/SPRI_buffers_v2_2.pdf) 

•  Molecular Biology Grade Nuclease-free Water 
•   Ethanol, absolute (e.g Thermo Fisher Scientific, cat. no. BP28184 
•   Optional: Qubit dsDNA BR Assay Kit (Thermo Scientific, cat. no. Q32850)) 

  
Gel electrophoresis 
•   Gel Loading Dye, Purple (6×) (NEB, cat. no. B7024) 
•   1 kb Plus DNA Ladder (NEB, cat. no. N3200S) 
•   Agarose or FIELD GelGreen® Agarose Tabs™ (MiniPCR™, cat no. RG-1500-10) 
•   10× TBE Buffer 
•   SYBR Safe DNA Gel Stain (Thermo Fisher Scientific, cat. no. S33102) 
ONT library preparation 
•   ONT Sequencing Kit (Oxford Nanopore Technologies, cat. no. SQK-LSK109 or SQK-
LSK110) 

•  NEBNext® Companion Module for Oxford Nanopore Technologies® Ligation 
Sequencing (cat. no. E7180S), which contains all NEB reagents needed for use 
with the Ligation Sequencing Kit 

         •   Optional: Alternatively, users can purchase individual NEBNext® products: 
         •   NEB Next Ultra II End-repair/dA-tailing Module (NEB, cat. no. E7546) 



112 
 

         •   NEBNext Quick Ligation Module (NEB, cat. no. E6056) 
•   Freshly prepared 70% ethanol in nuclease-free water 
•   Nuclease-free water (e.g. ThermoFisher, cat # AM9937) 
•   Optional: D1000 ScreenTape and Reagents (Agilent, cat. no. 5067-5582, 
5067-5583) 

•   Optional: Flow Cell Wash Kit (Oxford Nanopore Technologies, cat. no. EXP-
WSH004) 

Equipment 
Standard equipment and consumables 

  
•   P1000, P200, P10 pipette and filtered pipette tips 
•   1.5 ml Eppendorf DNA LoBind tubes (e.g. Eppendorf, cat. no. 022431021) 
•   0.2 ml strip thin-walled PCR tubes (e.g. Thermo Fisher Scientific, cat. no. AB0451) 

•  Standard thermocycler 
or: 

•   FIELD 16 or 32-well mobile thermocycler (e.g. miniPCR™ Thermal Cyclers, 
cat. no. QP-1016-01; or MiniOne PCR System, cat. no. M4000, or BentoLab) 

•  Benchtop microcentrifuge (e.g. Thermo Fisher Scientific mySPIN 6, cat. no. 
75004061). 

FIELD We have used microcentrifuge devices for this protocol which spin at 6,000 
RPM, which we have found to be sufficient for spin column-based DNA isolation 
methods. 
•  Optional: 3D-print a hand-powered centrifuge device which can be used for spin 

column-based DNA isolations41. 

•  FIELD external battery packs to run miniature PCR machines and microcentrifuge. 
We have used the RAVPower (model: RP-PB055) or Poweradd (model: Pilot Pro). 

•   Magnetic rack (e.g. Thermo Fisher Scientific DynaMag-2, cat. no. 12321D) 
•   Cell phone with camera 
•   Ice or frozen cool packs 
•   Optional: Qubit™ 4 Fluorometer (Thermo Fisher Scientific, Waltham, MA, USA) 

CRITICAL The protocol can be run without measuring exact DNA concentrations, but 
pooling amplicons in equimolar ratios will help to generate even sequencing coverage 
and recovery rate for highly multiplexed libraries. 

•   Optional: TapeStation 2200 (Agilent) 
•  Optional: Hula mixer (gentle rotator mixer); FIELD alternatively the mixing can be 

performed by hand 
·   Optional: Scale. Not needed when agarose tabs are used or if agarose is 

individually packed in the correct quantities beforehand. 
·   Optional: Portable vortex shaker (see e.g. https://gistgear.com/industrial/lab-

equipment/lab-vortex-shakers) 
Gel electrophoresis 
•   Electrophoresis chamber such as blueGel™ electrophoresis (MiniPCR™, cat no. RG-
1500-01) 

or: 
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•   MiniOne System (MiniOne®, cat. no. M1000) 
•   BentoLab (Bento Bioworks Ltd., London, United Kingdom) 

MinION sequencing 
•   MinION (Oxford Nanopore Technologies, cat. no. MinION Mk1B) 
•   Laptop that meets ONT host computer specifications (including solid-state disk drive 
and sufficient memory and storage) for running MinION sequencing 
(https://nanoporetech.com/community/lab-it-requirements). 
or: 
•   MinION Mk1C is a standalone device for running MinION sequencing. 

·   Custom built mini-server (such as the Nvidia Jetson 
(https://developer.nvidia.com/buy-jetson?product=all&location=US)) 

•   MinION Flow Cell Options: 
         •   Standard MinION flow cell R9.4 (Oxford Nanopore Technologies, cat. no. 
FLO-MIN106D) 

                 or: 
                     •   R10.x (Oxford Nanopore Technologies, cat. no. FLO-MIN111) 
         or: 

•   Flongle Adapter plus flow cells (Oxford Nanopore Technologies, cat. no. 
FLGIntSP) 
FIELD We recommend the use of the Flongle for smaller scale DNA barcoding 
projects, as it is a more cost-effective (but lower throughput) flow cell compared 
to the classic MinION flow cell. 

Software 
Users going into remote field conditions should consider downloading relevant software 
and reference databases ahead of time. 

  
Index design 
•   Barcode_Generator (https://github.com/lcomai/barcode_generator) 
  
MinION sequencing 
•   MinKNOW (Oxford Nanopore Technologies, UK) 
FIELD CRITICAL Make sure you acquire the offline version of MinKNOW for 
sequencing in remote areas with limited to no internet access from ONT. Ensure 
obtaining the country permits from ONT for use of the MinION in the respective country. 

  
Basecalling 

•   Optional: Guppy (Oxford Nanopore Technologies, UK); can be used instead of live 
basecalling with MinKNOW. 
  

Quality Control 
•    NanoPlot (https://github.com/wdecoster/NanoPlot) 

  
Read De-multiplexing 
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·   Guppy (Oxford Nanopore Technologies, UK) 
CRITICAL  Guppy only works for demultiplexing of ONT’s indexing kits or custom 
single indexing. 
or: 

·  minibar (https://github.com/calacademy-research/minibar)  
DNA barcode read filtering and consensus generation 

•     NGSpeciesID (https://github.com/ksahlin/NGSpeciesID) 
  

Comparison of the sequences against a database 
•   BLAST (ftp://ftp.ncbi.nlm.nih.gov/blast/executables/blast+/LATEST/) 
  
DNA barcode databases 
•   BOLD (www.boldsystems.org) 

•   NCBI nucleotide (https://www.ncbi.nlm.nih.gov/nuccore) or NCBI via BLAST 
(https://blast.ncbi.nlm.nih.gov/Blast.cgi) 

Reagent Setup  
Home-made Size-selection Beads 
In order to prepare inexpensive home-made size selection beads, follow the protocol at: 
https://s3-us-west-2.amazonaws.com/oww-files-public/f/f8/SPRI_buffers_v2_2.pdf 
  

70% Ethanol 
In order to prepare 70% Ethanol, mix 70 ml of absolute Ethanol with 30 ml of nuclease-
free water. CRITICAL Make fresh before use. 
  
Primer and index dilutions and aliquots 
To make 1:10 dilution of primer stocks (100 µM), mix 1 µl of primer stock solution with 9 
µl of nuclease-free water to obtain a final concentration of 10 µM. CRITICAL We 
strongly recommend to aliquoting primer and index dilutions to avoid contaminating the 
stock solutions. 

Procedure 
Primer and index design 
Adapting amplification primers (2-Step PCR protocol) ● TIMING 5min 
In order to carry out multiplexing of a high number of amplicons on a single flow cell 
sequencing run, indexes need to be added to the amplicon in one of two ways: 1) using 
custom indexes designed by the user or 2) using ONT’s PCR Barcoding Expansion kits 
(1-12, cat. no. EXPPBC001 or 1-96, cat. no. EXP-PBC096). First add ONT’s universal 
tail sequences to your primer sequences. We recommend a custom indexing approach, 
as it is cost-effective and double index combinations allow the user to pool more than 96 
samples on a single flow cell. 
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P1|    Add ONT’s universal tail (capitalized nucleotides) to your primer 
sequences before ordering the oligos: 

  
5’ TTTCTGTTGGTGCTGATATTGC-[project-specific forward primer sequence] 3’ 
5’ ACTTGCCTGTCGCTCTATCTTC-[project-specific reverse primer sequence] 3’ 

  
CRITICAL For the 1-Step PCR protocol replace ONT’s universal tail sequence 
here with the index sequences generated in P2| (e.g. 5’-
ctgtagacaaatcaaggcctccag-[project-specific forward primer sequence]-3’). 

  

Designing custom indexes for multiplexing ● TIMING 5min 
We recommend barcode_generator (https://github.com/lcomai/barcode_generator) to 
generate the custom index design. In order to maximize the number of indexes while 
minimizing costs, we recommend dual indexing (different indexes on the 5’ and the 3’ 
end of the DNA fragment). We describe how to generate custom indexes in P2| below. 
CRITICAL Be sure to take into account 5’ - 3’ strand orientation when appending 
custom indexes on forward and reverse primer sequences. 

  
P2|    Generate custom indexes using barcode_generator: 

  
python3 barcode_generator_3.4.py none 24 20 20 40 50 

  

This tool allows the user to specify a range of settings for the generation of indexes 
(also referred to as sequencing barcodes). For MinION-based sequencing, we 
recommend designing indexes with a length of 24bp to account for sequencing error 
rate. Due to improving error rates, e.g. with the new R10.3 pore, users can also test 
shorter indexes if desired (see 24). Furthermore, we recommend specifying a hamming 
distance of at least one third to half the index length, e.g. 8, to avoid cross-
contamination due to inaccurate demultiplexing of reads with high errors in the index 
sequences. The tool also allows the user to set a range of GC content for the indexes. 
We recommend generating indexes that have a similar GC content and annealing 
temperature to the universal tails used for efficient amplification (in the example we 
used a GC content range from 40 to 50, similar to ONT’s indexes). The tool 
automatically removes indexes that show homopolymers >4bp, which could otherwise 
cause issues due to the MinION’s error profile. This number can be in- or decreased as 
needed. Barcode generator will automatically attach ONT’s universal tails to the indexes 
(forward: TTTCTGTTGGTGCTGATATTGC and reverse: 
ACTTGCCTGTCGCTCTATCTTC), which enables the addition of index sequences to 
DNA barcode amplicons using a second PCR amplification. Each forward and reverse 
index can be used in different combinations to increase the amount of experimental 
multiplexing. For example, 20 unique forward indexes and 20 unique reverse indexes 
can yield 400 sample combinations. 
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Example forward index (lower case) appended to ONT forward universal tail 
(upper case): 

 
5’-ctgtagacaaatcaaggcctccagTTTCTGTTGGTGCTGATATTGC-3’ 

  
Example reverse index (lower case) appended to ONT reverse universal tail 
(upper case): 

 
5’-tgtcgttagtagctcgttctacctACTTGCCTGTCGCTCTATCTTC-3’ 

 
DNA extraction and purification from collected sample TIMING 30min-2h 
For the first step, collect and cut tissue into small pieces to ensure rapid lysis and high 
yields. CRITICAL Sterilize tools for manipulating and lysing tissues with a flame or 
bleach in between processing samples. Residual ethanol can affect downstream 
applications, so ensure the tools are dry. 

Protocol for DNeasy Blood & Tissue Kit (Procedure for Tissue Sample) 
E1|    Add 180 µl Buffer ATL and 20 µl of proteinase K (25 mg/mL) to 
each sample. Incubate at 55°C for 1 hr. 
E2|    Mix well for 15 s. Add 200 µl Buffer AL to the sample, and mix 
thoroughly. Then add 200 µl ethanol (96–100%), and mix again 
thoroughly. 
E3|    Pipette the mixture into a DNeasy Mini spin column placed in a 2 ml 
collection tube and centrifuge for 1 min. Discard flow-through and 
collection tube. FIELD we have used microcentrifuges for this protocol that 
spin at 6,000 RPM, which we have found to be sufficient for spin-column-
based DNA isolation. 
E4|    Place the DNeasy Mini spin column in a new 2 ml collection tube, 
add 500 µl Buffer AW1, and centrifuge for 1 min. Discard flow-through and 
collection tube. 
E5|    Place the DNeasy Mini spin column in a new 2 ml collection tube, 
add 500 µl Buffer AW2, and centrifuge for 3 min to dry the DNeasy 
membrane. Discard flow-through and collection tube. 
E6|    Place the DNeasy Mini spin column in a clean 1.5 ml or 2 ml 
microcentrifuge tube, and pipet 50-100 µl Buffer AE directly onto the 
DNeasy membrane. Incubate at room temperature for 1 min, and then 
centrifuge for 1 min to elute. 
  

FIELD Protocol for alkaline lysis buffer-based HotSHOT DNA extraction method: 
E1|    Submerge small amount of tissue or small specimen in 50 μl of the 
alkaline lysis HotSHOT solution (25 mM NaOH, 0.2 mM disodium EDTA, 
pH of 12, see 27). 

E2|    Incubate at 95°C for 20 minutes (some tissue types may require 
longer incubation) and then cool to 4°C 
E3|    Add an equal volume of neutralization reagent (40 mM Tris-HCl); 
mix well. 
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FIELD Protocol for the Chelex 100 Resin: 
E1|    Add 190 µl of 5% Chelex reagent (dissolved in DNAse-free distilled 
water) and 10 µl of proteinase K (25 mg/mL) to each sample. Up to 20% 
Chelex can be used depending on sample. 

E2|    Incubate at 55°C for 1 hr. 
E3|    Incubate at 100°C for 20 minutes. 
  
PAUSE POINT Genomic DNA can be stored at 4° or -20°C until amplification and 
library preparation. 

  

PCR amplification and indexing 
PCR Amplification of the target region (same for the 1-Step and 2-Step PCR setups) 
TIMING 2.5 – 4h 

1| In a 0.2 ml tube, set up a barcoding PCR reaction as follows: 
  

Reagent Volume (µl) per sample 

DreamTaq Hot Start master 
mix 

6.25 

Forward primer (10µM) 2 

Reverse primer (10µM) 2 

Template DNA 1.25 (or up to 1 µg) 

Water, nuclease-free up to 12.5 

Total 12.5 

  
Place in thermocycler and run the following program: 

  
PCR Program Temperature (°C) Duration No. of cycles 

Step 1 (Initial 
denaturation) 

95 3 min 1 

Step 2 (Denaturation) 95 30 sec 34 
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Step 3 (Annealing) Variable, based on 
annealing 
temperature of the 
primer 

30 sec 34 

Step 4 (optional) 72 ramp 34 

Step 5 (Extension) 72 30 sec 34 

Step 6 (Final extension) 72 5 min 1 

Step 7 (Hold) 4 ∞   

 
CRITICAL When closing the lid (either strip or single cap) on the PCR tube, be 
careful not to touch the inside of the lid while handling. 
FIELD CRITICAL The PCR settings may need to be adjusted depending on your 
amplicon length and choice of polymerase. For amplification with the 
DreamTaq™ Hot Start DNA Polymerase, elongation for 30 sec is sufficient for 
amplicons up to 1 kb. For longer amplicons, increase the elongation time by 
1min/1kb. We recommend the use of the NEB Tm Calculator 
(https://tmcalculator.neb.com/) for calculating the annealing temperature of 
primers. 
CRITICAL In the optional step 4 of the PCR program, the temperature is ramped 
from the primer annealing temperature to 72°C. This step was shown to improve 
the PCR yield. However, many field-friendly PCR machines do not have this 
option, in which case just continue straight from Step 3| to 5| in the PCR 
program. 

  
2|      Determine the concentration of the amplified barcodes either using the 
Agilent Bioanalyser, the TapeStation or the Qubit with the broad-range assay per 
the manufacturer’s instructions. FIELD Alternatively, DNA concentrations can be 
roughly estimated based on intensity of gel electrophoresis bands in comparison 
to a DNA ladder. 
  
PAUSE POINT Cleaned-up PCR products can be stored at 4°C until library 
preparation or up to a year at -20°C. 

3|       For the 2-step PCR protocol, CRITICAL The final concentration of 
amplified barcodes (from Step 2|) per 50 µl indexing reaction should be ~0.5 
ng/µl (e.g., add 1 µl of a barcode solution with 25 ng/µl). Fill in the right amount in 
the table below (x). For barcodes >2,000 bp, the concentration and number of 
PCR cycles might need to be increased. 
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Reagent Volume (µl) per sample 

PCR Index forward (10µM) 1 

PCR Index reverse (10µM) 1 

Amplified barcode x 

DreamTaq Hot Start master mix 25 

Nuclease-free water fill up to 50 

Total 50 

  

Place in thermocycler and run the following program: 
  

PCR Program Temperature (°C) Duration No. of 
cycles 

Step 1 (Initial denaturation) 95 3 min 1 

Step 2 (Denaturation) 95 15 sec 12-15 

Step 3 (Annealing) 55 15 sec 12-15 

Step 4 (Extension) 72 15 sec 12-15 

Step 5 (Final extension) 72 1 min 1 

Step 6 (Hold) 4 ∞   

  
CRITICAL Temperatures here were determined for the DreamTaq Hot Start master 
mix. Adjust accordingly for different lengths of amplicons and the type of polymerase 
being used. 

4|      Determine the concentration of the amplified barcodes either using the Agilent 
Bioanalyser, the TapeStation or the Qubit with the broad-range assay per the 
manufacturer’s instructions. FIELD Alternatively, DNA concentrations can be roughly 
estimated based on intensity of gel electrophoresis bands in comparison to a DNA 
ladder. 
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CRITICAL Make sure that the addition of the indexes was successful by checking the 
amplicon size on the gel. You might see two bands if the index addition was not very 
efficient. 

TROUBLESHOOTING 
PAUSE POINT PCR products can be stored at 4°C or -20°C until library 
preparation. 

Normalization and pooling of indexed barcode amplicons  

The library preparation is the same for the standard MinION and the Flongle flow cell 
apart from the amount of starting DNA (see 5|) and the elution volume (13l|). 

5|      Pool all barcoded amplicons in the desired ratios to prepare 1 µg of pooled 
barcoded amplicons. Fill up with nuclease-free water to obtain a total of 53.5 µl if 
needed. If the volume of your pool exceeds 53.5 µl proceed directly to step 6|. 

SUGGESTION Start the protocol for MinION flow cells with ~ 1 μg of DNA or <100-200 
fmol. Be careful to properly pool amplicons in equimolar ratios for best downstream 
sequencing results. For use with the Flongle flow cell, ~500 ng is sufficient. 

Cleanup and quantification of amplicons 
  

6|       Purify the amplified barcode regions using AMPure XP or homemade size-
selection beads. SUGGESTION For amplicons below 1,000 bp, we recommend using a 
ratio of 0.6-1.0x of bead volume to PCR product volume. For amplicons >1,000 bp, use 
a ratio of 0.6x-0.8x. Take the beads out of the fridge and use them at room temperature. 
(i)       Mix the beads well so the liquid appears homogeneous and consistent in 

colour. 
(ii)      Take a new 1.5 ml tube, add the PCR product first, then the beads, and mix 

well by pipetting up and down (at least 10 times). 
(iii)     Incubate for 5 min at room temperature on a rotator mixer. FIELD Alternatively, 

carefully mix by inverting the tube by hand a couple of times. 
(iv)     Put the tubes in a magnetic rack and wait for solution to clear (3-5 min). 
(v)      Keeping the tubes in the magnetic rack, discard the cleared solution 

(supernatant) from the tubes without touching the beads. 
(vi)     Wash Step 1: keep the tubes in the magnetic rack and add 200µl 70% ethanol. 
(vii)    Let the tubes sit for 1 min to allow beads to settle; then remove the ethanol. 
(viii)   Wash Step 2: keep the tubes in the magnetic rack and add 200µl 70% ethanol. 
(ix)     Let the tubes sit for 1 min to allow beads to settle; then remove the ethanol. 
(x)      Seal the tubes and spin down briefly. 
(xi)     Return to the magnetic rack and wait for 1 min. 
(xii)    Remove any remaining ethanol, being careful not to touch the bead pellet. 
(xiii)   Leave the tubes open until the beads are dry (usually 30 sec to 2 min). Do not 

over-dry, as this might decrease the yield. 
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(xiv)   Add 53.5 µl nuclease-free water directly to the bead pellet. Mix well by pipetting 
up and down at least 10 times. 

(xv)    Incubate for 3 min at room temperature. 
(xvi)   Centrifuge briefly, then put back in the magnetic rack for 2-3 min or until the 

solution is clear. 
(xvii)  Remove 53.5 µl of the supernatant and transfer to a clean 0.2 ml PCR tube. 

Library preparation and sequencing 
Library Preparation (using the SQK–LSK109 sequencing kit) TIMING ~2,5-3h 
7|      End-prep in a 0.2 ml PCR tube: 

  
Reagent Volume (µl) per sample 

Ultra II End Prep Reaction Buffer 3.5 

Ultra II End Prep Enzyme Mix 3 

Pooled Barcoded Amplicons (from 
Step 6|) 

53.5 

Total 60 

 
8|      Incubate at room temperature (20°C) for 10 min. 

SUGGESTION During this step, take out the AMX and BLUNT/TA ligase 
master mix and place on ice. 

9|      Incubate at 65°C for 10 min in the Thermocycler. 
10|     Place on ice to cool down for 30 sec. 

  
FIELD  CRITICAL ONT recommends that the end-prepped DNA sample be subjected to 
a bead clean-up (see step 6|). This clean-up can be omitted for simplicity and to reduce 
library preparation time. However, it has been observed that omission of this clean-up 
can reduce subsequent adapter ligation efficiency, increase the prevalence of chimeric 
reads, and lead to an increase in pores being unavailable for sequencing. If omitting the 
clean-up step, proceed directly to step 11|. 

Adapter ligation and clean-up 
11|     In a 1.5 ml Eppendorf DNA LoBind tube, mix in the following order: 
  
         CRITICAL Perform this step on ice or ice packs. 

  
Reagent Volume (µl) per sample 
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DNA sample from step 10| 60 

NEBNext Quick T4 DNA Ligase 10 

Ligation Buffer (LNB) 25 

Adapter Mix (AMX) 5 

Total 100 

 
12|     Mix gently, incubate at room temperature for 10-20 minutes 
13|     Purify the library with a bead cleanup: 

(i)      Add 40 µl of resuspended beads and mix by flicking tube. 
(ii)     Incubate at room temperature for 10 min. 
(iii)    Spin briefly and place in the magnetic rack until solutions clears (2-3 min). 
(iv)    Remove the supernatant, avoiding the pellet. 

(v)     Wash Step 1: add 250 µl Short Fragment Buffer (SFB) at room 
temperature and resuspend by gently flicking. 

(vi)    Spin briefly and place in the magnetic rack until solution clears. 
(vii)   Remove the supernatant, avoiding the pellet. 
(viii)  Wash Step 2: add 250 µl SFB at room temperature and resuspend by 
flicking. 
(ix)    Spin briefly and place in the magnetic rack until solution clears. 
(x)     Remove the supernatant, avoiding the pellet. 
(xi)    Spin down and remove all residual supernatant, allow to dry for ~30 
seconds. 

(xii)   Remove tube from magnetic rack and add 15 µl (standard MinION 
flow cell) or 7 µl (Flongle flow cell) of Elution Buffer (EB) and resuspend 
beads by flicking. 

(xiii)  Incubate at room temperature for 10 min. 
(xiv)  Spin down briefly and pellet the beads on a magnet until the eluate is clear 
and colorless. 

(xv)   Transfer 15 µl (standard MinION flow cell) or 7 µl (Flongle flow cell) 
of eluate into a clean 1.5 ml Eppendorf DNA LoBind tube. The prepared 
library is used for loading into the flow cell. 

(xvi)  Optional: Quantify 1μl of eluted sample using a Qubit fluorometer 
PAUSE POINT Store the library on ice until ready to load. 

  
CRITICAL ONT recommends loading 5–50 fmol of this final prepared library onto R9.4.1 
flow cells. For R10.3 flow cells, ONT recommends loading 25-75 fmol. Loading more 
than 50 fmol of DNA can have a detrimental effect on throughput. Dilute the library in 
Elution Buffer if required. If you are using the Flongle for sample prep development, 
ONT recommends loading 3-20 fmol instead. To calculate the right fmol we recommend 
to use the Promega online tool: at https://promega.com/resources/tools/biomath. 
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14|     Preparing flow cell for sequencing 

(i)      Thaw the Sequencing Buffer (SQB), Loading Beads (LB), Flush 
Tether (FLT) and one tube of Flush Buffer (FLB) at room temperature 
before placing the tubes on ice as soon as thawing is complete. 
(ii)     Mix the Sequencing Buffer (SQB) and Flush Buffer (FLB) tubes by 
mixing, spin down and return to ice. 
(iii)    Spin down the Flush Tether (FLT) tube, mix by pipetting, and return 
to ice. 

  

CRITICAL Follow the specific steps for each flow cell type below. We also 
recommend to check ONT’s current protocol for updates and changes 
(https://community.nanoporetech.com/protocols). 

  

Standard MinION flow cell (Step 14| (iv) to 19|) 
  

(iv)    Open the lid of the nanopore sequencing device and slide the flow cell's 
priming port cover clockwise so that the priming port is visible. 

  
Priming and loading (standard MinION flow cell):(v)   Set a P1000 pipette to 200 µl. 

(vi)    Insert the tip into the priming port. 

CRITICAL Care must be taken when drawing back buffer from the flow cell. The array of 
pores must be covered by buffer at all times. Removing more than 20-30 µl risks 
damaging the pores in the array. 

CRITICAL After opening the priming port, check for a small bubble under the cover. 
Draw back a small volume to remove any bubble (20-30 µl). 

(vii)   Turn the wheel until the dial shows 220-230 µl, or until you can see a small 
volume of buffer entering the pipette tip. 

CRITICAL Visually check that there is continuous buffer from the priming port across 
the sensor array. 

TROUBLESHOOTING 
(viii)  Prepare the flow cell priming mix: add 30 µl of thawed and mixed Flush Tether 
(FLT) directly to the tube of thawed and mixed Flush Buffer (FLB), and mix by pipetting 
up and down. 
(ix)    Load 800 µl of the priming mix into the flow cell via the priming port, avoiding the 
introduction of air bubbles. Wait for 5 minutes. 
  

15|     Library dilution for sequencing (standard MinION flow cell) 
(i)      Thoroughly mix the contents of the Loading Beads (LB) tube by pipetting. 
CRITICAL The Loading Beads (LB) tube contains a suspension of beads. These beads 
settle very quickly. It is vital that they are mixed immediately before use. 
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(ii)     Thoroughly mix the contents of SQB (ONT Ligation Kit) and LB (ONT library 
loading bead kit) tubes by pipetting. 
  
Reagent Volume (µl) per sample 

Sequencing Buffer SQB 37.5 

Loading Beads II (LBII), 
mixed immediately 
before 

25.5 

Library 12 

Total 75 

  
16|     Complete the flow cell priming: 
(i)      Gently lift the SpotON sample port cover to make the SpotON sample port 
accessible. 
(ii)     Load 200 µl of the priming mix into the flow cell via the priming port (not the 
SpotON sample port), avoiding the introduction of air bubbles again by reverse 
pipetting. 
17|     Mix the prepared library gently by pipetting up and down just prior to loading. 
18|     Add 75 μl of sample to the flow cell via the SpotON sample port in a dropwise 
fashion. Ensure each drop flows into the port before adding the next. 
CRITICAL The library is loaded dropwise without putting the pipette tip firmly into the 
port. Take care to avoid introducing any air during pipetting. 
19|     Gently replace the SpotON sample port cover, making sure the bung enters the 
SpotON port, then close the priming port and the MinION lid. 
TROUBLESHOOTING 
PAUSE POINT  

               
Flongle flow cell (Step 14| (iv) to 20|) 

 

(iv) Peel back the seal tab until the sample port is exposed. 
  
Priming and loading (Flongle flow cell): 

  
CRITICAL The library is loaded by putting the pipette tip into the port. Take care to 
avoid introducing any air during pipetting. 

(v)     Prepare the flow cell priming mix in a new tube: add 117 µl of mixed Flush Buffer 
(FLB) and 3 µl of mixed Flush Tether (FLT), and mix by pipetting up and down. 
(vi)    Load 120 µl of the priming mix into the sample port, avoiding the introduction of 
air bubbles by reverse pipetting. Wait for 5 minutes. 
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TROUBLESHOOTING 
 

15|     Library dilution for sequencing (Flongle flow cell) 
(i)      Thoroughly mix the contents of the LB tube by pipetting. 
CRITICAL The Loading Beads (LB) tube contains a suspension of beads. These beads 
settle very quickly. It is vital that they are mixed immediately before use. 
(ii)     Thoroughly mix the contents of SQB (ONT Ligation Kit box) and LB (ONT library 
loading bead kit box) tubes by pipetting 

 
Reagent Volume (µl) per sample 

SQB 15 

LB 10 

Library 5 

Total 30 

 
16|     Mix the prepared library gently by pipetting up and down just prior to loading. 
17|     Add 30 μl of sample to the flow cell via the sample port by by dialing down the 
pipetting volume. 
18|     Gently reseal the sample port with the seal tab, making sure the sample port is 
sealed properly. 
19|     Bring the top (wheel icon section) to its original position and close the MinION lid. 

TROUBLESHOOTING 
  

From here on, the steps are the same for the standard MinION Mk1B flow cells and the 
Flongle flow cell using MinKNOW on a computer. 

  
Getting ready for Sequencing TIMING 0.5-1h 

20|     Set up the MinKNOW software: 
(i)      Plug in your MinION device. 
(ii)     Open MinKNOW on the computer. 
(iii)    Select the sequencing device connected to the computer, then select the ‘Start 
Sequencing’ option on the Start homepage. 
(iv)    Enter information such as experiment name, sample ID and flow cell type, and 
select kit type. 
(v)     Optional: Turn basecalling OFF if you want to basecall the data later on your 
laptop or a server, or if you plan to sequence for longer than a day. 
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(vi)    Run options: 24h or 72h depending on the maximum run time required, output 
file fasta5, and save to the local drive. 
  
Sequencing TIMING 1-3h (up to 3d depending on the required amount of data) 
21|     Start sequencing by pressing the START button. 
The run time depends on the amount of coverage desired per individual DNA barcode 
(amplicon). As a rule of thumb, use a rate of 10,000 sequenced reads per minute for the 
total run time calculations. CRITICAL We recommend aiming for >1,000x coverage per 
individual amplicon. This should give you a good representation for each DNA barcode 
even in the presence of slightly uneven pooling of the different amplicons. 
TROUBLESHOOTING 

22| Optional: To recover flow cell pores and re-use the flow cell after a run, a 
nuclease-flush protocol can be performed (see ONT flow cell wash kit). 

DNA sequence processing workflow  
 (up to 1d for large amounts of data if the basecalling still needs to be performed, 
depending on the server/computer capacity) 
Here, we outline a bioinformatics protocol, which can be scaled up to analyze a 
large number of pooled amplicon samples. The bioinformatic processing can be 
carried out on UNIX platforms, on Windows with an Ubuntu terminal or on Mac 
platforms using the terminal (command line). In the example steps, we provide 
names for the files and file directories for clarity; however, these should be 
modified to match your file system when running. We also provide example 
parameters, which should be adapted to fit the individual DNA barcode 
preferences. The example commands and related data can be found 
https://github.com/ksahlin/NGSpeciesID (see EXAMPLE WORKFLOW section of 
the readme documentation). 

B1|    Basecalling and quality check 

In this step the raw current profiles are converted into fastq formatted sequences. We 
recommend using the live basecalling included in MinKNOW for shorter sequencing 
runs (1-3 hours). Alternatively, for longer runs or if the data are being re-basecalled, use 
the following command: 

  
guppy_basecaller --input_path minKNOW_input/ --save_path 
basecalled_fastqs/ -c dna_r9.4.1_450bps_fast.cfg --recursive --
disable_pings 
  

This will carry out basecalling using Guppy for data sequenced on flow cells using the 
R9.4 pore (standard MinION flow cell or Flongle). For the R10.3 based standard MinION 
flow cell, use -c dna_r10.3_450bps_fast.cfg. Furthermore, in addition to Fast models, 
Guppy also offers High-accuracy models, which have a much longer runtime, but 
produce more accurate basecalls. Information on these models and the current model 
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names can be found in the Guppy documentation. All the fastq files will be stored in the 
folder: basecalled_fastqs. We usually filter the reads after the basecalling, but if you 
want to filter at this point, use: --min_qscore 7, which roughly corresponds to a basecall 
accuracy of 85%. The tool can be parallelized using the command --num_callers. The 
option --disable_pings disables both the transmission of telemetry pings and automatic 
upload of crash reports, which require internet connection. 

CRITICAL ONT uses different basecalling model names in different Medaka versions. 
Check the Medaka manual for the model name that corresponds to your version of 
Medaka. 

B2|    Go to the folder with the fastq files generated by Guppy. 
B3|    Concatenate all the read files into one large file: 
  

cat *.fastq > sequencing_reads.fastq 
  

B4|    Check raw read quality/stats with NanoPlot: 
  

NanoPlot --fastq_rich sequencing_reads.fastq -o sequencing_run -p 
sequencing_run 

  
This will create a html based report in the folder sequencing_run (option -
o). The prefix of the output files can be specified using the option -p. 

 

B5|    Demultiplexing of the sequencing data 

Here we provide commands for demultiplexing using Guppy (B5a|) or minibar (B5b|). 
Minibar allows for demultiplexing of custom indexed libraries, but requires more 
preparation as it will need a list of all the index and primer combinations. Guppy is easy 
to run, but only works for ONT indexing kits. Example files can be found in: 
Supplementary Data 2 (a file containing 3,000 reads in fastq format) and Supplementary 
Data 3 (the index file used for demultiplexing with minibar), and on 
https://github.com/ksahlin/NGSpeciesID. 

  
B5a|  Demultiplexing using Guppy 

  
guppy_barcoder -i sequencing_reads.fastq -s demultiplex_folder --
trim_barcodes --disable_pings 

The demultiplexing stringency can be adjusted with the --min_score flag. The default is 
60. Increasing this threshold results in fewer demultiplexed reads, but more accurate 
read assignment. The option -s sets the output directory for the demultiplexed read files. 
The indexes will be automatically trimmed with the flag --trim_barcodes. The 
demultiplexing can be parallelized using --worker_threads. See 
https://community.nanoporetech.com/protocols/Guppy-
protocol/v/gpb_2003_v1_revv_14dec2018/barcoding-demultiplexing for information on 
how to demultiplex custom indexes using Guppy. 
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or: 
 

B5b|  Demultiplexing using minibar 
  

python minibar.py indexes.txt sequencing_reads.fastq -T -F -e 3 -E 11 

This will carry out demultiplexing of sequencing reads (sequencing_reads.fastq: 
Supplementary Data 1) using a set of pre-specified index and primer combinations 
(indexes.txtSupplementary Data 2). When using the option -T, minibar will trim the index 
and primer sequences on both ends. The option -F will tell minibar to output an 
individual fastq sequencing file for each index and primer combination. The stringency 
can be adjusted using the options -e and -E, which specify the edit distance allowed 
between indexes (-e) and primers (-E). Note that the edit distance is higher for primer 
regions, which is due to possible ambiguities in primer sequences. Lower edit distances 
will result in fewer reads, but more accurate read assignment. An example index file for 
minibar can be found in Supplementary Data 2. 
B6|    Read filtering, clustering, consensus generation and polishing 

  
NGSpeciesID --ont --consensus --sample_size 500 --m 800 --s 100 --medaka --
primer_file primers.txt --fastq barcode0.fastq --outfolder barcode0_consensus 

  
NGSpeciesID uses fastq or fasta files as read input. The output folder can be specified 
using --outfolder. We suggest filtering the sequencing reads for Phred quality score and 
length. This allows the user to remove reads with lower qualities, as well as many 
chimeric reads that result from polymerase jumping during the amplification or non-
target reads. We recommend filtering for Phred score higher than 10. This can be 
lowered if needed (e.g. to increase the number of available reads) or increased if the 
data shows a high average quality (>13). To avoid chimeric and non-target reads, adjust 
the intended target length (--m) and maximum deviation from target length (--s) values 
for each amplicon. For example, if the target amplicon has a length of 800bp, we 
recommend removing reads < 600 bp and > 1,000 bp. As too many reads can add 
noise to the clustering and polishing, we recommend subsampling the read data to 300 
to 1,000 reads per sample using the option: --sample_size (see 23,34). Use the --ont flag 
for MinION read data. The tool automatically generates consensus sequences for all 
read clusters that include more than 10% of all the reads. This value can be changed if 
the output is expected to include several consensus sequences (e.g. for species pools). 
This technically allows for the creation of individual consensus sequences for mixed 
samples. However, we have to caution that this might not work for distinguishing closely 
related species (i.e., within the same genera) due to the MinION’s high error rate of raw 
sequence reads. The tool automatically carries out consensus sequence polishing using 
all the reads that make up the cluster from which the individual consensus sequence 
was created when the flags --medaka or --racon are used. The --primer_file flag defines 
the fasta file including the primer sequences to be removed from the consensus 
sequence (optional step). A primer example fasta file can be found in Supplementary 
Data 3 and on https://github.com/ksahlin/NGSpeciesID. 
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SUGGESTION We suggest using a bash script for rapid processing of multiple files. For 
example, create a text file called consensus.sh. In this file, save: 

  
for file in *.fastq; do 

                                 bn=`basename $file .fastq` 
        NGSpeciesID --ont --consensus --sample_size 500 --m 800 --

s 100 --medaka --primer_file Supplementary_File4_primer.txt 
--fastq $file --outfolder ${bn} 

done 
  
An example file can be found on https://github.com/ksahlin/NGSpeciesID. 
Then execute the file in your UNIX or Mac terminal using the command: 

bash consensus.sh 

B7|    In the last step, the sequences are compared against a database (e.g. NCBI 
nucleotide or BOLD for Eukaryotes) using BLAST. This can be carried out online, or 
locally on a laptop using command line BLAST. If conducting BLAST offline, remember 
to download or curate a reference database locally on a laptop in fasta format. 

  
(i)      First the database.fasta file has to be converted into a 
BLAST readable format. CRITICAL This only needs to be done for 
each database file once. 

  
makeblastdb -in database.fasta -dbtype nucl -out database 

  

This will create a nucleotide database of the fasta file with the name 
database. You can create targeted databases or download the 
respective taxon groups from NCBI nucleotide or BOLD. 

  

(ii)     BLAST the consensus sequences against the database. 
  
blastn -db database -query barcode0_consensus.fasta -
outfmt 6 
-out barcode0_consensus_blast.out 

  
In this example, we compare the consensus sequence of barcodes against the 
respective database. BLASTn can also be parallelized to save time when more than 
one thread is available (option -num_threads). Furthermore, it provides different output 
formats, which can be specified with -outfmt (6 is commonly used). 

  
BLAST provides several output statistics characterizing the quality of a match: 
 
Bit score: A measure of the quality of the alignment between the reference and query. 
Generally, the higher the bit score, the better the quality of the hit. 
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Query Coverage: A measure for how much of the query (here our barcode consensus 
sequence) matches the reference. Coverage should be close to 100% for DNA 
barcodes. 
 
E-value: A measure for the likelihood that a given sequence match is purely by chance 
(depends on the database size). The smaller the E-value, the better the match. 
 
Percent Identity: A measure for sequence similarity between the query and the 
reference database match. The percent identity for species assignment can differ 
between taxa. 
 
CRITICAL Even though the percent identity is the most intuitive measure of quality of a 
database match, we recommend not relying on it as the sole measure for taxonomic 
assignment. Furthermore, note that depending on the taxon studied, the available 
sequence database can be very poorly covered and thus the best BLAST hit in the 
database used might not be the actual species or closest relative. In addition, some 
DNA barcodes are more suited than others for species delineation for certain taxa, and 
so even a 100% match might not be a reliable species assignment (particularly in very 
conserved markers). We recommend looking at several BLAST hits to check whether 
other species match with equally good or poor quality and incorporating phylogenetic 
analyses, before deciding on a final taxonomic assignment. 
 

Troubleshooting 
 
Troubleshooting guidance can be found in Table 1. 
  
Table 1| Troubleshooting table 

Step Problem Possible reason Solution 
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2- 4 Low or no PCR 
product yield 

Not enough template 
  

  

  

  

  

Template is degraded 

  
  
Reaction mix 
components are 
compromised 

  
  
  
  
Reaction is missing 
polymerase or other 
reaction component 
  
Over dried beads 
  
  
There is residual 
ethanol and DNA 
does not elute well 
  
  
Low amplification 
efficiency 

Assess quantity of initial 
DNA extraction. Increase 
concentration of DNA 
template or perform DNA 
extraction of sample 
again 
  
Use electrophoresis to 
check DNA quality 
  
Check expiration date of 
components 
  
Aliquot biological 
components of reaction 
mixture and avoid 
multiple freeze-thaw 
cycles 
  
  
Make sure each 
component was added to 
PCR reaction 
  
  
Do not dry for more than 
1 min 
  
Make sure to remove any 
remaining ethanol using 
pipette P20 
  
Try increasing the 
amount of primers used 
or a more efficient 
polymerase such as the 
KAPA HiFi HotStart 
ReadyMix 
  
Consider performing an 
additional bead clean-up 
step, as described in 6|. 
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15 A small bubble may 
remain even after 
you have removed 
more than 20-30µl 

  Very slowly add the flow 
cell priming mix and 
monitor the bubble. If it 
becomes dislodged, 
immediately stop and try 
drawing back enough 
volume to remove the 
bubble 

18 The library is not 
flowing into the 
SpotON port after 
each drop 

The SpotON port is 
blocked with the 
beads 

Carefully draw back the 
library and try again. 
More priming buffer may 
have to be added 

21 MinKNOW fails to 
start script 

Problem with 
MinKNOW installation 

Reinstall MinKNOW from 
scratch and restart the 
script 

 

Anticipated Results 
The described protocol can be carried out under a variety of settings, including in the 
field, in standard laboratories, or in classroom environments. It was developed to 
require minimal equipment and funding to process samples on-site, which makes the 
protocol particularly useful for hands-on genomics teaching programs or for conducting 
genetic assessments of biological samples in areas with limited research funding or 
infrastructure. All the steps can be performed on battery power, which enables the user 
to run experiments even if constant electricity is lacking. The bioinformatic processing 
can be carried out on a laptop with minimal computational experience. The outlined 
pipeline generates polished consensus sequences for each DNA barcode amplified. It 
will output individual consensus files (in fasta format), which can be used for 
downstream analyses such as taxonomic assignments or phylogenetic analyses. 
Furthermore, this nanopore-based protocol is highly customizable for multiplexing any 
type of amplicon that the user is interested in, including long-range amplicons, or 
amplicon mixes generated using multiplex PCR. 
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Figure 4.1: Examples of equipment used to carry out field-deployed DNA 
amplicon sequencing.  
(A) Benchtop centrifuge connected to (B) external power source (RAVPower) to carry 
out DNA extraction steps. (C) Small thermocycler (miniPCR) to carry out polymerase 
chain reaction (PCR) amplification or heat block steps. (D) Miniaturized gel 
electrophoresis system (MiniOne) and mobile phone to visualize PCR amplification 
products. (E) Small magnetic rack to perform bead cleanups of PCR product and during 
ONT library preparation steps. (F) The portable MinION sequencer (Oxford Nanopore 
Technologies). (G) Example setup of portable genomics tools sequencing DNA 
amplicons in the Amazon rainforest.  
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Figure 4.2: Illustration of the steps involved in the laboratory part of the protocol. 
After isolating DNA from the samples, genetic regions of interest are amplified via 
polymerase chain reaction (PCR). Indexes can be added to the amplicons using a 1-
Step or 2-Step PCR protocol in order to pool and sequencing high numbers of 
amplicons from numerous samples. After pooling, library preparation is carried out and 
can be sequenced using the portable MinION Mk1B (connected to a laptop or mini-
server) or Mk1C (standalone) platforms. 
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Figure 4.3: Illustration of the steps involved in the bioinformatic part of the 
protocol.  
After the sequencing data have been generated, DNA amplicons are basecalled, quality 
checked, and demultiplexed. The pro-gram NGSpeciesID can then be used to perform 
downstream processing in one step, including quality and size filtering, subsampling, 
read clustering, and final consensus generation for each of the DNA amplicons. The 
final polished consensus sequences can subsequently be compared against reference 
databases, such as the NCBI or BOLD. 


