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Abstract 

Host-microbe interactions underlie the development and fitness of many macroorganisms; microbial 

symbionts can facilitate digestion, mitigate pathogens, and even produce essential developmental cues. My 

dissertation focuses on the impacts of microbes within the plant-pollinator system, investigating the crucial and 

complex interactions between bees, plants, and microbes- with a focus on how microbes use specialized tools 

to influence pollen processes, bee development, and the wider microbial community. Through use of classical 

natural history observations combined with entirely novel experimental and sampling approaches, I have been 

able to discover unique phenomena in microbial ecology that not only have important implications for 

pollinator systems but have changed broader perception and understanding of ecology and evolution. Chapter 1 

explores the role of nectar-associated bacteria, particularly Acinetobacter pollinis, in facilitating pollen 

digestion. By inducing pollen germination and bursting, these bacteria access critical nutrients, with 

implications for pollinator nutrition and the role of flower associated microbes in pollinator systems. Chapter 2 

examines the developmental microbiome of a solitary bee, revealing that immature stages of Anthophora 

bomboides standfordiana host a distinct core microbiome dominated by Actinobacteria and a yeast-like 

fungus, Moniliella spathulata. Data from microbial community profiling, qPCR, and functional experiments 

support the hypothesis that the bee’s microbial community may provide critical fitness advantages, such as 

pathogen protection (Streptomyces) and enhanced cold tolerance (M. spathulata) during the bees’ diapausing 

larval stage- suggesting that microbes play a vital role in the bees’ overwintering success and long-term 

survival. Chapter 3 builds on these findings by describing two novel species, Streptomyces solapis sp. nov. and 

Streptomyces nidicoloris sp. nov., isolated from the brood of A. bomboides. These new bee- associated species 

display unique biosynthetic gene clusters that correlate with antifungal activity, underscoring the potential of 

leveraging the diversity of microbial symbionts to support discovery of new bioactive compounds. 

Collectively, this dissertation highlights the profound influence of microbes on macroorganisms, offering 

broader insights into the dynamics of pollination ecology, host-microbe symbioses, and the unique 

evolutionary strategies of microbes in these environments.  
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Main Introduction 

Microorganisms are among the most diverse and ubiquitous forms of life on Earth, playing 

pivotal roles in the functioning of the global ecosystem1. From nutrient conversion to disease resistance, 

these microscopic entities can interact with macroorganisms in complex ways, many of which are only 

recently starting to be recognized2–4. Among these, symbiotic host-microbe interactions have received 

much attention, and can be essential for the health and survival of many organisms5–8. In particular, the 

interactions between microbes, plants, and pollinators form a critical nexus in the maintenance of global 

biodiversity and ecosystem stability9–13. Despite their importance, many of the mechanisms by which 

symbiotic microbes influence these interactions remain poorly understood.  

Bees are essential for the reproduction of a vast number of flowering plants, contributing to the 

production of fruits and seeds that are fundamental to both human agriculture and natural ecosystems14,15. 

However, the global decline in bee populations has led to rising concerns and prompted the expansion of 

pollination biology as a field, to learn how to best protect and conserve bees and other pollinators12. The 

central divergence of bees from within the wasp lineage was a dietary shift; bees began eating pollen 

instead of preying on other insects or arachnids16. Pollen provides bees with all their protein, lipids, and 

trace nutrients, but as pollen is the male reproductive gamete of plants, it is well defended and difficult to 

digest17. The mechanisms by which pollen consumers access these nutrients has been uncertain, but as 

microbes are known to exploit and break down recalcitrant materials, it follows that they may play a role 

in this central enigma of bee biology3,17–21.  

Previous work has shown that microbial partners can play critical roles in bee health, some of 

which are known (complex sugar breakdown, competitive exclusion of pathogens), but many are not21–23. 

While much attention has been given to social bees, like honeybees, solitary bees represent the vast 

majority of bee species and play critical roles in pollination24. Unlike social bees, solitary bees do not 

have a communal hive structure and instead, each female constructs and provisions her own nest24. These 

solitary lifestyles, coupled with unique life cycles that include extended periods of dormancy (diapause), 
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and the isolation of the bee and its food from the outer environment for most of the year, make solitary 

bees particularly interesting subjects for studying host-microbe interactions25–27. Understanding the 

microbiomes of solitary bees is essential, not only for conserving these important pollinators but also for 

uncovering broader ecological principles that govern host-microbe symbioses.  

This dissertation aims to unravel some of the mysteries surrounding the microbial influences on 

pollen and solitary bee development. By exploring the diverse and dynamic relationships between 

microbes, plants, and bees, this research seeks to provide a deeper understanding of how these 

interactions affect not only the health and survival of pollinators but also the broader ecological and 

evolutionary dynamics within this system. Through a combination of natural history observations, 

experimental approaches, and novel sampling techniques, this work uncovers unique phenomena in 

microbial ecology with significant implications for pollinator systems and beyond. Natural history 

observations have guided hypothesis generation, sampling design, and interpretation of molecular data, 

leading to discoveries that might have otherwise been overlooked. 

The research presented here is divided into three main chapters, each addressing different aspects 

of microbe-pollinator interactions. The first chapter investigates how nectar-associated bacteria stimulate 

pollen germination and bursting, enhancing microbial fitness in ways that challenge our understanding of 

pollen development and pollinator nutrition. The second chapter shifts focus to the developmental 

microbiome of a solitary bee species, revealing how specific bacteria and fungi contribute to the 

overwintering survival and overall fitness of these pollinators. The third chapter more deeply explores the 

microbial isolates found in chapter two by characterizing the genomes of six Streptomyces strains 

associated with the developing brood. By integrating microbial ecology with entomology, pollination 

biology, and natural history, this dissertation not only contributes to the growing body of knowledge on 

pollination ecology but also offers broader insights into the dynamics of host-microbe symbioses and the 

unique evolutionary strategies of microbes.  
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Chapter I: 

Nectar bacteria stimulate pollen germination and bursting to enhance microbial fitness1 

  

 

1 Chapter I was published in Current Biology in 2021: 31(19), 4373-4380.e6. 
https://doi.org/10.1016/j.cub.2021.07.016.  
Authors: Shawn M. Christensen 1, Ivan Munkres 1, Rachel L. Vannette 1 
Affiliations: 1. Department of Entomology and Nematology, University of California Davis, Davis, CA, USA. 
 
Contributions: S.M.C. and R.L.V. conceived of the study. S.M.C. performed investigation, formal analysis, and 
visualization, and wrote the original manuscript. I.M. performed PGA assays and contributed to review and editing. 
R.L.V. contributed to review and editing, supervision, and final approval for publication. 
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Abstract 

Many organisms consume pollen, yet mechanisms of its digestion remain a fundamental enigma 

in pollination biology1–3, as pollen is protected by a recalcitrant outer shell4–8. Pollen is commonly found 

in floral nectar9,10, as are nectar microbes, which are nearly ubiquitous among flowers11–13. Nectar 

specialist bacteria, like Acinetobacter, can reach high densities (up to 109 cells/mL), despite the fact that 

floral nectar is nitrogen poor14–17. Here, we show evidence that the genus Acinetobacter, prevalent nectar- 

and bee-associated bacteria12,18–20, can induce pollen germination and bursting, gain access to protoplasm 

nutrients, and thereby grow to higher densities. Although induced germination had been suggested as a 

potential method in macroscopic pollen consumers2,21–23, and fungal inhibition of pollen germination has 

been shown24–27, direct biological induction of germination has not been empirically documented outside 

of plants28–32. Acinetobacter pollinis SCC47719 induced over 5x greater pollen germination and 20x 

greater pollen bursting than that of uninoculated pollen by 45 minutes. When provided with germinable 

pollen, A. pollinis stimulates protein release and grows to nearly twice the density compared to growth 

with ungerminable pollen, indicating that stimulation of germination benefits bacterial fitness. In contrast, 

a common nectar-inhabiting yeast (Metschnikowia)33 neither induced nor benefited from pollen 

germination. We conclude that Acinetobacter both specifically causes and benefits from inducing pollen 

germination and bursting. Further study of microbe-pollen interactions may inform many aspects of 

pollination ecology, including floral microbial ecology34,35, pollinator nutrient acquisition from 

pollen2,3,21,36, and cues of pollen germination for plant reproduction37–39. 
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Introduction 

Pollen is a nutrient dense food source, but the nutrients are difficult to access, as they are 

surrounded by a protective outer shell which preserves the male gametophyte during transport to the 

female pistil (angiosperms)1-4. Once on the pistil, pollen germinates, carrying the sperm cells via the 

pollen tube to fertilize the ovule5. The protective shell is known as the exine, which is made of 

sporopollenin, a highly crosslinked polymer and one of the most highly resistant and enzymatically inert 

polymers found in nature3-7. Directly beneath the exine shell is the intine layer, comprised of mostly 

pectins and cellulose in a multilayered structure; this layer swells and emerges through the exine during 

germination to form the pollen tube5.  Most of the pollen nutrition is in the cytoplasm, contained within 

the exine and intine, although the lipid-rich pollenkitt, a waxy layer covering the exine of some pollens, 

may also contain nutrients3,8. 

Pollen is an essential food source for many insects, birds, mammals and microbes3. Pollen’s 

chemical and physical characteristics render it highly resistant to degradation and can make it difficult for 

consumers of pollen to access the nutrients inside3-4. As a result, specialized adaptations are required to 

access nutrients within pollen. Five general mechanisms have been suggested: mechanical disruption, 

piercing, enzymatically or chemically penetrating, osmotically shocking, and inducing germination3. 

However, mechanisms of pollen nutrient acquisition have received little empirical attention and remain a 

fundamental enigma in pollination biology3,5.   

In flowers, bacteria and fungi are thought to be nutrient-limited, having access to high carbon but 

low nitrogen, and pollen has been shown to increase microbial growth9-10. Yeasts have also been observed 

aggregating on compromised pollen grains in nectar, suggesting that nectar inhabiting microbes may 

utilize pollen as a nutrient source, but mechanisms of nutrient acquisition remain unknown9-10.  Nectar-

inhabiting Acinetobacter spp are ubiquitous nectar-specialists and are known to reach very high (up to 109 

cells/ml) densities in nectar despite the nectar’s nutrient imbalance11-14. Initial observations that 

Acinetobacter grow poorly in traditional media and exhibit specific interactions with pollen grains led us 

to the current investigation.  
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Overall, there is weak consensus on general methods of pollen digestion by either macro- or 

microscopic consumers. Here, we suggest that the nectar specialist bacteria Acinetobacter uses induced 

germination, a previously proposed mechanism, to access pollen nutrients. To examine if this effect is 

common among within the nectar inhabiting members of this genus, we examined the interactions 

between multiple species of the floral-associated Acinetobacter and pollen. We also included a nectar-

inhabiting yeast and a pectinase producing bacterium as it has been hypothesized that pectinases are 

involved in pollen degradation45. We also hypothesized that Acinetobacter growth would benefit from 

pollen addition, and specifically from germination of the added pollen.  Finally, we used enzyme assays 

to assess if pectinase activity was associated with microbial effects on pollen. Our experiments 

demonstrate that microbial species and strains differ in their effects on pollen and that the Acinetobacter 

strain that most strongly induces germination also benefits from this phenotype.  

 

Methods 

Strains used 

We chose to examine the nectar Acinetobacter clade and their impact on pollen after initial 

observations of Acinetobacter induced pollen germination. We chose 3 nectar-specialist Acinetobacter 

species representing the species most commonly isolated from nectar (A. boissieri and A. nectaris18), and 

an additional species in the clade that was isolated from the honeybee gut (A. apis20). We recently isolated 

and described A. pollinis19, of which we used two strains. Acinetobacter pollinis SCC477 is available 

through American Type Culture Collection (ATCC), type strain deposit number TSD-214. Metschnikowia 

reukaufii is a commonly isolated nectar-dwelling yeast and is a member of an assemblage of nectar 

microbes in Asclepias that has been observed to negatively impact germination of Asclepias pollinia and 

has also been observed to aggregate around the pollen of Helleborus foetidus9,33,42. We included the pectin 

degrader and plant pathogen Pectobacterium carotovorum as a control for Microbial Associated 
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Molecular Patterns (MAMPs: which can trigger plant immune system); it also has high pectinase activity 

and is a plant associated bacteria that is not associated with nectar or pollen43.   

Plants 

We used pollen from the California native poppy Eschscholzia californica (Papaveraceae). 

Flowers were obtained from the native plant prairie at the University of California Davis Arboretum, 

where they receive occasional watering. Flowers were collected in the morning, before 10:00AM, 2-3 

days prior to use in assays, which occurred from 2019 to 2021. E. californica produces a large amount of 

pollen, is easily obtainable near our laboratory to allow for minimal effects of storage, and flowers are 

covered by a cap that is pushed off just before its first opening with the sun; this allowed us to collect 

flowers before insect or wind activity introduces contaminating microbes (Appendix I, Figure S4). E. 

californica does not have nectar, reducing the likelihood of contaminating nectar microbes. Pollen of 

Papaveraceae has ectoapertures78,79 meaning that the outermost layer of the exine shell is missing from the 

aperture region but there are still other sporopollenin layers surrounding the intine80. 

Microbial impact on pollen  

To test whether microbial inoculation impacts pollen germination and bursting, we collected 

newly opened Eschscholzia californica flowers the morning of the assay to minimize the chances that 

flowers had been visited by insects or otherwise “contaminated” with microorganisms or other pollen 

grains. Many attempts were made to sterilize the pollen prior to the assays (low heat sterilization, 

autoclaving, chlorine gas fumigation, 50%-70% (v/v) ethanol submersion, 1%-10% (v/v) bleach 

submersion), but all rendered the pollen unable to form visible pollen tubes at all or were ineffective at 

sterilizing pollen, so newly collected pollen from pre-collected flowers was used. Newly collected pollen 

had low levels of microbial growth (Figure 1.4). 

For all microbial growth assays, bacterial strains were plated from freezer stocks onto Tryptic 

Soy Agar (TSA; 1.5% tryptone, 0.5% soytone, 0.5% NaCl, 5% fructose, 1.5% agar – all (w/v), + 

cycloheximide) and yeast (Metschikowia reukaufii) onto Yeast extract Media (YM; + chloramphenicol), 
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then colonies were inoculated into Tryptic Soy Broth (same as TSA but -cycloheximide, - agar) and 

incubated at 25 °C for 1-3 days. Suspensions were normalized to an OD600 nm =0.1 or 0.05 (depending on 

the microbe with the lowest OD, and consistent within each assay). Suspensions were centrifuged for 5 

minutes at 12,000 rpm to pellet the cells, and supernatant was poured off to remove the growth media 

along with any released metabolites and proteins, then cells resuspended in phosphate buffered saline 

(PBS). After resuspension by repeated pipetting, the suspension was vortexed for 30 seconds and then 

sonicated for 3 minutes. To ensure no carryover of metabolites from microbial growth media, these 

washing steps (from centrifugation through sonication) were performed twice for the first five assays, and 

three times for the last four assays. The final resuspension was in Brewbaker and Kwack (BK) pollen 

germination media49 (10% w/v sucrose, 100 mg/L boric acid, 300 mg/L calcium nitrate, 200 mg/L 

magnesium sulfate, 100 mg/L potassium nitrate) instead of PBS. 50 μl of each washed microbial BK 

suspension (or the control sterile BK) was added to respective wells (3-5 replicate wells per microbe per 

assay) in a sterile, flat bottom, clear 96 well plate. 

Immediately before beginning each assay, the pollen solution was prepared. Briefly, pollen from 

1-3 flowers was vacuumed or shaken directly from anthers into a sterile 5 mL Eppendorf tube and 2 mL 

of BK solution was added.  Immediately after pollen grains were in solution, 50 μl of the pollen solution 

was added to each well of the sterile 96-well plate, mixing pollen stock solution every 5-7 wells to ensure 

even pollen deposition in each well. Control (uninoculated) wells also received 50 μl of pollen, but 

instead of 50 μl of microbe solution, they received 50 μl of sterile BK. The plate was covered with a lid 

and wrapped in a layer of aluminum foil to limit evaporation, contamination, and light exposure. Each 

treatment was replicated in at least three wells per assay. Each well of the plate was then imaged on an 

EVOS M5000 imaging system at 15, 45, and 90 minutes after mixing. Final pollen concentrations were 

on average 20 grains/μl in each well, SD= 11 (based on pollen grains/image and extrapolating to volume 

of well), well within normal range of pollen in nectar9. 



9 
 

Image analysis 

Images were analyzed in FIJI2 (v2.0.0)81, using a custom Macro script (below) to count total 

pollen grains in each image. The numbers of germinated, burst, and tip burst grains were then counted by 

hand in FIJI2 using CellCounter82. This was used to count pollen grains within each of three 

classifications (Figure 1.1). Any pollen grain touching the edge of the image was excluded in both the 

total and subset counts. A grain was counted as “germinated” if the pollen intine was clearly emerging 

from the exine (Figure 1.1C), as “burst” if the pollen grain was surrounded in loose cytoplasm, but 

without any visible protrusions (Figure 1.1B), and as “tip burst” if the pollen grain had germinated, and 

then the pollen tube had burst and released cytoplasm (Figure 1.1D). For all assays, pollen grains were 

classified twice; once just after assay completion, and all assays were recounted by the same observer 

within a week prior to combined final analysis to ensure consistency of each category between assays. 

These final counts were used for analysis. Eleven total assays were done, and two were eliminated from 

further analysis.  One assay was eliminated due to data loss of images-making recount and validation of 

pollen ratios impossible, and the other was eliminated due to contamination of the initial growth media. 

An average of 4,564 (+/- 1501.6) pollen grains were counted per assay, with a total of 41,079 pollen 

grains overall (for microbial comparison assays).  

We validated this macro script to be accurate with a paired t-test comparing macro script counts 

with hand counts of the same images (90 minute timepoint from three assays). The macro counts and 

hand counts were not significantly different (N=53, p= 0.3353). The 90 minute timepoint was selected 

because the pollen tubes and burst grains present at 90 minutes (in some images) were initially an 

obstacle for accurate macro counting. This script was used for Figure 1.2 and Appendix I- Figure S1 to 

count total pollen grains. All images for each timepoint were analyzed in a batch using “Process”-> 

“Batch”-> “Macro” with the following script:  

run("8-bit"); 
setAutoThreshold("Default dark no-reset"); 
//run("Threshold..."); 
//setThreshold(176, 255); 
run("Make Binary", "thresholded remaining black"); 
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run("Convert to Mask"); 
run("Fill Holes"); 
run("Watershed"); 
run("Analyze Particles...", "size=900-3500 circularity=0.30-1.00 show=Overlay display exclude 
summarize"); 
 
Note: The size and circularity ranges can be changed for use with different pollen sizes and 

shapes. This is especially important in the later time points (with germination) as the circularity measure 

can be altered by protruding pollen tubes, or even bulging pollen tube tips.  

Germination data processing  

For analysis, the pollen grain counts in each category (described above in main assay description) 

were converted into percentages of the total number of pollen grains in each image. “Germinated” and 

“tip burst” were combined in the category of “all germination”, because the “tip burst” pollen had also 

germinated. Likewise, “burst” and “tip burst” were combined to form the category “all burst” because the 

pollen grains in both initial categories expelled their protoplasm into the solution. Dataset and code are 

available in Appendix I- Table S2. 

Density-dependence 

To test whether pollen responds differently to differing amounts of Acinetobacter, we repeated 

the above methods, but inoculated pollen with dilution series of A. pollinis SCC477 suspensions (1, 1:2, 

1:3, 1:5, 1:20, 1:100) as well as sterile BK (no microbes). We started with a solution at an OD600 nm=0.1 

(107 cells/ml) and diluted to the above ratios, with the first being “full concentration” and the last 

consisting of only sterile BK. We then imaged the wells at 15, 45, 90 minutes, and 3, 4, 6, 12, and 24 

hours. The images were analyzed, and pollen grains counted and categorized as described for the previous 

assay. In addition, we measured and recorded the lengths of each pollen tube in all of the images using 

FIJI2. We measured the tubes using the basic FIJI tool, used the image scale bar to set the scale, then used 

ROI manager (“Analyze”->“Tools”->”ROI Manager”) with Freehand drawing tool to trace and keep 

track of pollen tubes (check “Show all”) “add [t]” each line to the manager, then highlight all and 

“Measure”. Dataset and code are available in Appendix I- Table S2. 
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Microbial growth benefit 

To test whether Acinetobacter benefits from pollen addition and specifically from pollen 

germination, we monitored growth responses of A. pollinis SCC477 in the presence of live pollen, pollen 

rendered unable to germinate, and without pollen. We created washed suspensions of OD600 nm= 0.1 A. 

pollinis SCC477 as above (pellet cells, remove media, replace with BK, vortex, sonicate- repeated 3x). A. 

pollinis SCC477 was selected because its addition resulted in the greatest induction of germination and 

bursting of the species and strains that we tested. The initial cell number of A. pollinis SCC477 cell 

suspension was immediately counted on a hemocytometer and adjusted to 5x107 cells/mL.  

Pollen was collected as above and was weighed out into each of two 5mL tubes. The first was 

microwaved for 3 minutes to prevent germination by submerging the pollen in BK media, opening the lid 

and placing in a glass beaker to hold tube upright, then immediately microwaving on high for 3 minutes. 

The second tube remained untreated. Just before combining at time 0, BK media was added to the fresh, 

germinable tube of pollen. Assays had consistent concentrations of pollen solution (4.2 mg/mL, ~40 

grains/μl) which was made by weighing out pollen to nearest hundred-thousandth of a gram and adding 

enough media to adjust concentration to exactly 4.2 mg/mL. 

In 1.7 mL Eppendorf tubes, 50 μl of A. pollinis SCC477 solution was mixed with 50 μl of the 

microwaved pollen solution, the live (untreated) pollen, or the no-pollen (BK) control, and 400 μl of 

sterile BK (N=3 for each pollen type, final pollen concentration ~4 grains/μl). We added the same amount 

(50 μl) sterile BK instead of A. pollinis SCC477 to 3 tubes each of both untreated and ungerminable 

(microwaved) pollen as a control for the microbes already present on the pollen.  The initial concentration 

of microbes in each tube was determined by hemocytometer cell count. The tubes were sealed with 

headspace and left at room temperature for 24 hours. At 24 hours each tube was sonicated to separate 

cells for visual enumeration, as nectar-dwelling Acinetobacter can form dense biofilms, then vortexed, 

diluted 1:10 in PBS, and counted on the hemocytometer. The pollen grains in the tubes that pollen was 

added to were checked to ensure that the microwaved pollen did not germinate, and that the fresh pollen 

could. 100 μl of each tube was also plated on TSA at 24 hours to verify that bacterial colony morphology 



12 
 

and characteristics matched the inoculum. Individual colonies from these plates were correctly identified 

by MALDI-TOF and Compass Explorer as described below. To assess if pollen germinability affects the 

growth of microbes that do not induce germination, we repeated this assay with M. reukaufii, a common 

nectar yeast. Instead of beginning with 5x107 cells/mL, we began with 5x106 cells/mL, to control for 

microbial biomass. Dataset and code are available in Appendix I- Table S2. 

Confirmation of phenotype in alternate media 

To confirm that the phenotype of SCC477 induced germination and bursting can occur in 

ecologically relevant conditions, we used essentially the same setup format as the germination assay 

(Figure 1.2), but in artificial nectar media (30% sucrose, 0.125% tryptone, 0.025% soytone- all w/v). This 

media was selected because it is more ecologically relevant (no boron or calcium, higher sugar content) 

and allows Acinetobacter to grow without the presence of pollen so that we could include controls for just 

Acinetobacter growth and potential resulting protein release.  SCC477 was grown for 24 hours in artificial 

nectar then OD600 nm was measured (OD600 nm = 0.1 to 0.2). The microbes were washed in PBS once 

(centrifuged at 14,000 rpm for 5 minutes, decanted supernatant, resuspended in PBS, repeated once with 

final resuspension in sterile artificial nectar). Pollen solutions for germinable and ungerminable pollen 

treatments were created as described for growth assays (above) but in artificial nectar instead of BK 

media (4.2 mg/mL). 50 μl of microbe solution and 50 μl of pollen solution were added to each well of a 

96 well plate with treatments of germinable pollen, ungerminable pollen or no pollen (sterile artificial 

nectar; final pollen concentration ~20 grains/μl) with SCC477 or without microbial inoculation (sterile 

artificial nectar).  

Pollen germination and bursting were quantified at 15 minutes, 12 hours, and 24 hours using the 

same criteria as germination assay above (germination: visibly protruding intine, busting: visible release 

of protoplasm) but on a different microscope due to unavailability of the EVOS M5000 (ECLIPSE Ts2 

with Levenhuk M300 Base series microscope camera and Levenhuk Lite software for macOS v 1.016). 

The resulting images were not compatible for counting with the FIJI Macro script (Supplementary 

methods 1), therefore we used an iOS app “CountThings”83 (Template ID: 386 v. 004) to count total 
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pollen in each image, and validated that the counts were not significantly different from hand counting. 

Dataset and code are available in Appendix I- Table S2. 

We validated this method to be accurate with a paired t-test comparing automated CountThings 

app counts with hand counts of the same images (24 hour timepoint from one assay). The macro counts 

and hand counts were not significantly different (N=20, p= 0.86). The 24 hour timepoint was selected 

because the pollen tubes and burst grains present at 24 hour (in some images) were can pose an obstacle 

for accurate automated counting. This script was used for Appendix I, Figure S3 to count total pollen 

grains. Germinated and burst grains were counted by hand in FIJI as described above. 

Protein release and validation in ecologically relevant media 

To test whether pollen releases protein into solution when exposed to SCC477, we used a Pierce 

Modified Lowry Assay Kit (ThermoFisher) to quantify protein release into solution from the assay 

described above in Confirmation of phenotype in alternate media. Immediately after mixing of pollen and 

microbe treatments and at 24 hours, 15 μl was removed with a multichannel pipette and combined with 45 

μl sterile water (for a 1:4 dilution). This was then filtered through a 96 well filter plate (0.2 micron, spun 

at 1,400 rpm for 4 minutes) to remove both microbes and pollen. 40 μl of this solution was then used to 

quantify protein concentration as per kit instructions; we included a dilution series of known 

concentration albumin standards in each plate. After reading the plate at 750 nm on a plate reader, the 

blank (water) value was subtracted from all other values. The albumin dilution series was used to create a 

standard curve for each plate, which was used to translate 750 nm reading to protein concentration 

(μg/mL). Dataset and code are available in Appendix I- Table S2. 

Microbial identification via MALDI-TOF 

Because effective sterilization of the pollen could not be done without compromising 

germinability, we wanted to confirm that added microbes remained as the primary species/strain in their 

wells, and to identify pollen-borne microbes in the control wells. We therefore validated microbial 

identity with MALDI-TOF for some of the assays84. Within 1 day after select assays (2x microbial impact 
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on pollen assays, 1x dose dependence assay), used wells (50 μl) were plated onto separate plates of TSA 

and allowed to grow for 48-72 hours. For each morphotype present, (if more than one) material from one 

or two representative colonies was selected and spotted in duplicate onto an MTP 384 Ground Steel 

Target Plate (Bruker Daltonics), overlaid with 1 μl 70% (v/v) formic acid, and allowed to air dry. 1 μl of 

alpha-cyano-4-hydroxycinnamic acid (HCCA) matrix dissolved in a 50:45:5 (v/v) solution of acetonitrile, 

water, and trifluoroacetic acid was added and allowed to dry [same prep as in 85]. Spectra were obtained 

twice per spot, in succession, using an ultrafleXtreme MALDI-TOF instrument (Bruker Daltonics, 

Billerica, MA, United States). Spectra for each isolate were then compared with a custom in-house library 

of main spectral profiles (MSPs) and the Bruker libraries (Bacteria, Eukaryotes) using MBT Compass 

Explorer software (Bruker Daltonics, Billerica, MA, United States). Log scores between 1 and 3 were 

generated for each isolate’s top 10 best matches. Scores ≥2.0 are considered close matches; lower scores 

indicate that the exact species may not have been present or matched closely enough to the library spectra. 

Genus-level identification was used for those with scores above 1.6. Sometimes, there is no spectra 

generated from a spot (eg. HCCA crystals do not form correctly, the spotting is too thick, the laser strikes 

areas where either of these causes lack of ionization). Spots/wells that failed to generate spectra were 

removed from the compiled ‘MALDI_identifications.csv’. 

Pectinase assay 

Microbial strains described above were grown on either Reasoner’s 2 Agar (R2A) or YM plates. 

For pectin degradation experiments, microbial strains were spotted onto polygalacturonic acid (PGA) 

plates containing 0.5% PGA in 0.1 M Tris-HCl pH 8.6, with 1.5% agar and 0.5% yeast extract- all (w/v). 

Plates were incubated for 48-72 hours at 25 ºC and stained with 1% (w/v) cetyltrimethylammonium 

bromide (CTAB) for 20 minutes to visualize clearance zones. Each microbe spot was replicated 9 times 

(Appendix I, Table S1).  

To determine whether exposure to pollen would increase or trigger polygalacturonase activity, we 

grew A. pollinis SCC477, Pectobacterium carotovorum (positive control) and Metchnikowia reukaufii 

(negative control) on PGA plates. We then mixed one colony of each with prepared fresh E. californica 
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pollen in BK germination media, in PCR tubes, to provide initial exposure. As a control for 

polygalacturonase activity from pollen germination itself, we included another tube into which we added 

a crushed stigma of E. californica, as well as a tube with only pollen in BK media. After one hour of co-

incubation at room temperature, we checked each treatment for germination and spotted each of these 

treatments onto fresh PGA plates in triplicate. We also spotted, in triplicate, the microbes themselves 

directly from the PGA plates that they had been grown on. After incubation for 72 hours at 25 °C, CTAB 

solution (1% w/v) was added for 20m to visualize clearance zones (Appendix I, Figure S2, Table S1). 

Examination of flower sterility and identification of common contaminants 

We verified that flowers collected prior to opening that opened naturally in lab were relatively 

free of contaminants. We plated the anthers by removing them with sterilized tweezers, rubbing across 

surface of plate to spread microbes and pollen, and leaving them on the plate. We did this for both lab-

opened and outside-opened flowers onto multiple media types (3 types: R2A, TSA, and YM. We then 

picked and identified morphotypes as described above (Appendix I, Figure S4). 

Quantification and statistical analysis 

All statistical analyses were done in RStudio 1.2.1335 86 using R 3.6.2 87. Details for each test can 

be found in figure legends, including the statistical tests used, exact value and definition of n, definitions 

of boxplot parameters (eg. median, IQR). Significance markings (stars) are defined in Figure 1.2, 

significance lettering defined and used in Figures 3 and 4, with baseline threshold for significance p<0.05. 

Further information can be obtained by running the code for each figure.  

To compare if pollen germination and bursting differed among microbes, Kruskal-Wallis tests 

were run (base R) with microbe treatment as predictor of pollen germination or bursting, respectively. 

Separate tests were performed for each timepoint. To test for differences in pollen germination (and 

separately, pollen bursting) between microbes, pairwise comparisons between microbes were calculated 

using the “FSA” package88 to run a Dunn test with Benjamin-Hochberg p-value adjustment (28 tests). 

Eleven total assays were done, and two were eliminated from further analysis.  One assay was eliminated 
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due to data loss of images-making recount and validation of pollen ratios impossible, and the other was 

eliminated due to contamination of the initial growth media. For germination and bursting comparison 

across dilutions of A. pollinis SCC477 (density-dependence), one-way ANOVA was calculated at each 

timepoint and the “emmeans” package89 was used for pairwise comparisons and calculation of p-values, 

with Tukey adjustment (21 tests). For comparison of 24 hour cell counts of both A. pollinis and M. 

reukaufii (separately) with different pollen treatments, one-way ANOVA was calculated, then the 

“emmeans” package89 was used for pairwise comparisons and calculation of p-values, with Tukey 

adjustment (10 tests). To compare protein release over pollen and microbe treatments, a Kruskal-Wallis 

test was run (base R), with treatment (combined pollen treatment and microbe treatment) as predictor of 

protein in solution. Pairwise comparisons were calculated using the “FSA” package88- using a Dunn test 

with Benjamin-Hochberg p-value adjustment (15 tests). To compare germination and (separately) 

bursting of pollen in artificial nectar, a Kruskal-Wallis test was run (base R), with treatment (combined 

pollen treatment and microbe treatment) as predictor of germination or bursting. Pairwise comparisons 

were calculated using the “FSA” package88- using a Dunn test with Benjamin-Hochberg p-value 

adjustment (6 tests). 

Results 

Microbial species and strains differ in effects on E. californica pollen germination and bursting 

Nectar microbes may gain access to pollen nutrients by causing them to prematurely 

germinate40,41.  To assess microbial effects on Eschscholzia californica pollen germination, we inoculated 

pollen solutions with seven microbial species (detailed in Methods) and imaged them at 15, 45, and 90 

minutes (N=27-36 per species). Nectar- and bee-associated Acinetobacter species and strains were 

selected following initial observations with pollen and because they are both common in nectar 9–12,18–20. 

Metschnikowia reukaufii, a common nectar yeast, frequently co-occurs with9,10 and benefits from pollen35, 

but is associated with inhibitory effects on pollinia germination42. Pectobacterium carotovorum was 

included to control for bacterial presence (Microbial Associated Molecular Patterns may trigger plant 
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immune response) and to test the potential mechanism of pectinase activity43, which can stimulate pollen 

germination and bursting44, and is associated with pollen degradation45–47. In the assays, a pollen grain 

was classified as germinated if intine was visibly bulging out of the exine, regardless of whether the 

pollen tube had also burst (Figure 1.1C,D). The germination percentage for each replicate was calculated 

by dividing grains which had germinated by total grains and multiplying by 100.  

By 15 minutes, pollen in wells inoculated with Acinetobacter pollinis SCC477 or A. boissieri had 

on average at least 3x higher germination than the control uninoculated pollen (6.4%, 8% and <2%, 

respectively) and germination was significantly higher than pollen inoculated with P. carotovorum (<1%) 

or M. reukaufii (<1%) (Kruskal-Wallis χ2 = 46.366, df = 7, p<0.0001; pairwise comparisons p<0.001; 

Figure 1.2A,C,D). Across all microbial treatments, pollen germination increased over time, but wells 

treated with A. pollinis SCC477 and A. boissieri had, respectively, 4.4x and 3.7x higher average pollen 

germination than the uninoculated pollen at 90 minutes (36.9%, 31.3%, and 8.4%, respectively; Kruskal-

Wallis χ2 = 53.702, df = 7, p<0.0001; pairwise comparisons p<0.001; Figure 1.2A,C,D). In contrast, 

neither the yeast M. reukaufii nor pectinase producer P. carotovorum affected pollen germination 

differently from the uninoculated control at any timepoint (p>0.05). All Acinetobacter strains induced 

significantly higher germination compared to the control by 90 minutes except for A. nectaris, which had 

variable effects on pollen germination (Figure 1.2A).  

To assess microbial induction of pollen bursting, which releases nutrient-dense protoplasm3, we 

also monitored pollen tube and whole pollen bursting visually in the same assays referenced above for 

pollen germination. A pollen grain was classified as burst if it released protoplasm either from the pollen 

tube (tip bursting) or directly from the pollen grain (Figure 1.1B, D). Both A. pollinis SCC477 and A. 

boissieri-inoculated pollen showed significantly higher pollen bursting than the no microbe control, M. 

reukaufii (p<0.001), or P. carotovorum (p<0.05) by 45 minutes (Kruskal-Wallis χ2 = 47.557, df = 7, p 

<0.0001; Figure 1.2B). The average percentages of burst pollen grains for A. pollinis SCC477 and A. 

boissieri were 75x and 45x higher than the no-microbe control at 45 minutes, respectively. At 90 minutes, 

pollen inoculated with A. boissieri, A. apis, A. pollinis SCC477, and A. pollinis SCC474 were burst to a 
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greater extent than in the no microbe control (Kruskal-Wallis χ2 = 74.454, df = 7, p <0.0001; pairwise 

comparisons p<0.001; Figure 1.2B), but A. nectaris, M. reukaufii, and P. carotovorum did not differ 

significantly from the no microbe control at any timepoint (Figure 1.2B). 

In a separate assay, we used a dilution series of SCC477 to determine if concentration of SCC477 

had an effect of pollen germination and bursting over 24 hours. We found that bacterial effects on 

germination, bursting, and pollen tube length vary with bacterial titer. Pollen inoculated with the highest 

densities of SCC477 germinated and burst more quickly than those with lower bacterial densities 

(Appendix I, Figure S1 A-C). Pollen tubes also grew to shorter lengths when inoculated with higher 

concentrations of SCC477 (Appendix I, Figure S1 D). 

Acinetobacter pollinis SCC477, but not M. reukaufii, gains additional benefit from germinability of 

pollen 

To assess the effects of pollen presence and germination on microbial growth, we assessed the 

growth of two species that differed in their ability to germinate pollen- A. pollinis SCC477, which readily 

germinates and bursts pollen, and the yeast M. reukaufii which did not germinate or burst pollen in our 

assays (Figure 1.2). We made microbial suspensions that were within the normal range of microbial 

densities in nectar12,14 then added: no pollen, germinable pollen (GP) or pollen rendered unable to 

germinate (UP, confirmed visually at 24 hours). Compared to microbial growth with no pollen, A. pollinis 

SCC477 and M. reukaufii displayed significantly higher cell density after 24 hours with either pollen 

(ANOVA A. pollinis, F4,40= 56.17, p= <0.0001; ANOVA M. reukaufii, F4,40 = 21.15, p <0.0001; pairwise 

comparisons p<0.0001; Figure 1.3). However, only A. pollinis SCC477 growth differed with pollen 

germinability: its cell density after 24 hours was almost twice as high with germinable pollen (1.9x higher 

than UP, 7.4x higher than no pollen control) than it was with ungerminable pollen (3.8x higher than no 

pollen control) (ANOVA F4,40 = 56.17, df = 4, p = <0.0001; pairwise comparisons p<0.0001; Figure 

1.3A). In the absence of pollen, both microbes barely grew from the starting concentration during the 24 

hour window (Figure 1.3), indicating significant reliance on pollen-derived nutrients. M. reukaufii grew 

equally well with both pollen treatments, indicating comparable nutrient content for GP and UP (Figure 
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1.3B).  Uninoculated pollen had low levels of contamination, likely from the pollen itself (Appendix I, 

Figure S4). 

Acinetobacter pollinis SCC477 effects on pollen are robust in alternative media 

To validate that Acinetobacter pollinis SCC477 effects on pollen are not dependent on specific 

components of BK media used in assays above, and to examine potential mechanisms of microbial 

growth germination, we performed additional assays in a second media type. We used 30% sucrose media 

more closely mimicking nectar composition, as BK germination medium is lower in sucrose and contains 

calcium (Ca) and boron (B), typically not found in nectar48,49. To validate microbial effects on pollen, we 

imaged and quantified pollen germination and bursting at time 0, 12 hours and 24 hours. In media lacking 

Ca and B, SCC477 induced initial stages of pollen germination and pollen bursting by 12 hours 

(Appendix I, Figure S3). Germination was over 10x higher with SCC477 inoculated than in the control 

(35.6% and 3.4% respectively, Figure 1.4A) and bursting with SCC477 inoculation was nearly 3x higher 

than the control (1.7% and 0.6% respectively, Figure 1.4B). 

Acinetobacter pollinis SCC477 stimulates protein release from germinable pollen  

In the same assays as described above, we examined the potential cause of the observed growth 

benefit from germinable pollen by quantifying protein levels in solution after exposure of germinable and 

ungerminable pollen to SCC477. Using Modified Lowry Protein Assays, we found that germinable pollen 

exposed to SCC477 released over twice as much protein into solution than uninoculated germinable 

pollen over 24 hours, while the addition of SCC477 only marginally increased protein release for 

ungerminable pollen (Kruskal-Wallis χ2 =40.768, df = 5, p <0.0001; Figure 1.4C). Further, germinable 

and ungerminable pollen released near-equivalent amounts of protein when not exposed to SCC477. 

Discussion 

For many flower-associated organisms, pollen is the primary source of protein and trace 

nutrients3 but mechanisms by which consumers breach pollen’s recalcitrant outer shell remain poorly 

documented. Here, we show that the nectar specialist bacteria Acinetobacter can induce pollen 



20 
 

germination, bursting and protein release into solution, resulting in higher microbial density when grown 

with germinable pollen. While pollen benefits the growth of most nectar microbes9,10, the results here 

demonstrate that microbial species differentially induce changes in pollen physiology that affects nutrient 

release and obtain differential growth benefit from pollen in a habitat that is often nutrient-limited15,17,50. 

Acinetobacter’s ability to access additional pollen nutrients likely contributes to its ecology. The 

nectar environment is a highly specialized niche, requiring microbial inhabitants to tolerate high 

osmolarity, plant secondary metabolites or toxins, reactive oxygen species (ROS), and low nutrient levels- 

all within an ephemeral habitat34,51,52. Here, rapid growth—fueled by pollen nutrients-- is likely to 

strongly affect microbial fitness and allow transfer to the next suitable habitat34,35,53,54. The ability to 

induce pollen germination and bursting could contribute to the prevalence and abundance of 

Acinetobacter species in floral nectars11,12,14 and other environments frequently containing pollen, such as 

bee pollen provisions and potentially stigmas55–58. The fact that ungerminable pollen still releases protein 

and benefits growth could be due to leaching of internal nutrients or from the pollenkitt on the pollen 

exterior. The difference between microbial species’ effects on pollen may allow for niche partitioning 

among nutrient sources. Indeed, the common nectar yeast M. reukaufii neither induced germination nor 

derived additional benefit from germination, suggesting that Acinetobacter may have a key fitness 

advantage in the floral landscape. Alternatively, bacterial effects may facilitate yeast growth50,59. Though 

we predict that the observed benefit from pollen is due to the observed increased availability of protein 

(Figure 1.4), pollen germination or bursting could also release other components including lipids, sterols, 

trace elements3 or growth hormones60,61. Additionally, the ungerminable pollen may have been altered in 

other ways that we were unable to characterize, which may also affect microbial growth. The mechanism 

by which pollen benefits nectar microbes merits further study. 

Although the mechanism behind the induced germination phenotype described here has yet to be 

determined, microbe-pollen interactions could prove a useful system in identifying chemical cues 

required for pollen germination. Pollen germination is tightly controlled, being influenced by hydration 

rate of the desiccated grain62, pectin modifications63, pistil-pollen crosstalk64, calcium49, and other 
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molecules65 as well as aperture number, exine thickness and nutrient composition39,66. Pollen tube growth 

requires continuous spatial and temporal adjustments to create and maintain polarity for directed growth; 

interference can result in tube defects such as branching and premature bursting67–70, similar to the 

phenotype observed here (Figure 1.1). It is worth noting that pollen tube tips have mechanisms for tip 

bursting to allow bursting sperm release when induced by the female gametophyte during regular 

fertilization71, but are also known to burst in vitro due to: osmotic changes, polysaccharides (modification, 

cycling), pH, ROS signaling, and pectinase activity72,73. While we did not identify the mechanism 

responsible for tube bursting documented here, the published genomes of nectar Acinetobacter contain 

multiple assigned pectinase genes (Appendix I, Table S1), which are known to impact germination and 

bursting73. Evidence presented here–including minimal effects of Pectobacterium, a known pectinase 

producer, and a lack of detected pectinase activity by Acinetobacter suggest that pectinases alone are not 

responsible for the germination or bursting phenotype (Appendix I, Figure S2, Table S1). It is generally 

observed that pollen germination in vitro takes longer than stigmatic germination, presumably due to 

missing factors or less-than-ideal conditions64. Acinetobacter effects may be a promising system to either 

identify species-specific cues if effects are restricted to E. californica pollen or universal cues of pollen 

germination if Acinetobacter can also affect pollen of other plant species. Moreover, the variability within 

and among strains of Acinetobacter (Figure 1.2) could reflect species specificity in interaction or reliance 

on pollen50, recent evolution of the phenotype, or variability in pollen state (e.g. desiccation, outdoor 

temperature, low abundance microbes, or endophytes that could affect pollen viability). We anticipate that 

further work on this system will shed light on the specificity and mechanisms involved in interactions 

between pollen and Acinetobacter, as well the potential for other flower-dwelling microbes to alter pollen 

physiology to access nutrients. 

There are ecological implications of microbial effects on pollen that remain to be explored. Since 

many pollen consumers also consume floral nectar, Acinetobacter-induced pollen germination and 

bursting could illuminate a previously undocumented mechanism for macroscopic species to access 

pollen nutrients via microbial partners. While pollen germination has been considered and studied as a 
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potential mechanism of digestion for macroscopic consumers2,22,23, microbial involvement in this 

mechanism has not been studied. Acinetobacter spp. are common in floral nectar, and are also found in 

the nectar and pollen provisions that bees provide their offspring57,58,74. Our study suggests that the role of 

floral microbes in pollen germination and bee nutrition warrants further study.    

Microbial stimulation of pollen germination may also affect plant fitness. Previous work has 

shown that nectar microbes can alter pollinator preference for flowers by altering nectar composition and 

volatiles10,75, directly impacting plant reproduction as these microbes grow to greater density by using 

pollen nutrients. Effects on pollen nutrient availability to pollinators could also potentially influence 

pollinator foraging and pollination. Direct effects of microbes on plant reproduction are also possible. 

Acinetobacter is common on many floral surfaces, including stigmas76 and its presence in nectar is 

correlated with presence in seed microbiomes55. Whether Acinetobacter growth on stigmas or seeds 

affects pollen or seed germination or success in the context of fertilization will also require further study.  

As we have demonstrated, floral microbes can significantly affect pollen physiology- this in turn 

may have important consequences for plants and pollinators10,34,75,77. Further investigation of microbe-

pollen interactions could shed light on the specific biochemical triggers of pollen germination and the 

ecological effects of microbe-pollen interactions on plants and pollinators.  
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Figures 

 

Figure 1.1- Observed states of Eschscholzia californica (California poppy) pollen grains. (A) Whole, 

ungerminated pollen grain. (B) Burst pollen grain releasing protoplasm without signs of pollen tube. (C) Germinated 

pollen grain. (D) Pollen grain which has germinated and subsequently the tip of the pollen tube burst, releasing 

protoplasm. 
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Figure 1.2- Nectar Acinetobacter increase pollen germination and bursting. A) Grains that germinated with each 

microbe treatment. B) Grains that burst with each microbe treatment. For A and B, significance from control used 

Kruskal Wallis test followed by Dunn’s multiple comparisons; ‘ns’ indicates no significant difference, N=27-36, and 

a total 41,079 pollen grains. Note difference in scale of y-axes. Center lines correspond to the median, boxes define 

interquartile range (IQR) and whiskers extend +1.5 IQR. Note difference in scale on y axes. C and D) Cropped 

images of pollen at 90-minute timepoint when inoculated with A. pollinis SCC477 (C), or control with no microbe 

inoculation (D). See also Appendix I, Figures S1, S2, and S4. 
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Figure 1.3- Acinetobacter growth is enhanced by germinable pollen addition. Standard error bars are shown, 

significance between treatments marked by lettering based on ANOVA followed by Tukey multiple comparisons. 

Note difference in scale of y-axes. Data point shape indicates assay replicate. Center lines correspond to the median, 

boxes define interquartile range (IQR) and whiskers extend +1.5 IQR. Uninoculated pollen had low levels of 

microbial growth. A) A. pollinis SCC477 data represents three assays, 3 biological replicates of each treatment per 

assay, N=9. B) M. reukaufii data represents three assays, 3 biological replicates of each treatment per assay, N=9. 

See also Appendix I, Figure S4. 
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Figure 1.4- Pollen germination and bursting due to A. pollinis SCC477 exposure results in increased release of 

protein from germinable pollen. Standard error bars are shown, significance between treatments based on Kruskal-

Wallis followed by Dunn’s multiple comparisons and marked by brackets; ‘ns’ indicates no significant difference 

(p=0.09). Center lines correspond to the median, boxes define interquartile range (IQR) and whiskers extend +1.5 

IQR. Data represents three assays, 3-8 biological replicates of each treatment per assay, N=9-15 and a total 14,544 

pollen grains. Assays done in artificial nectar with 30% (w/v) sucrose. Note difference in scale of y-axes. A) Pollen 

germination at 15 minutes and 24 hours in response to SCC477. B) Pollen bursting at 15 minutes and 24 hours C) 

Protein concentrations among pollen types with exposure to SCC477. See also Appendix I, Figures S3, S4. 
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Abstract 

Host-microbe interactions underlie the development and fitness of many macroorganisms, 

including bees. Whereas many social bees benefit from vertically transmitted gut bacteria, current data 

suggests that solitary bees, which comprise the vast majority of species diversity within bees, lack a 

highly specialized gut microbiome. Here we examine the composition and abundance of bacteria and 

fungi throughout the complete life cycle of the ground-nesting solitary bee Anthophora bomboides 

standfordiana. In contrast to expectations, immature bee stages maintain a distinct core microbiome 

consisting of Actinobacterial genera (Streptomyces, Nocardiodes) and the fungus Moniliella spathulata. 

Dormant (diapausing) larval bees hosted the most abundant and distinctive bacteria and fungi, attaining 

33 and 52 times their initial copy number, respectively. We tested two adaptive hypotheses regarding 

microbial functions for diapausing bees. First, using isolated bacteria and fungi, we found that 

Streptomyces from brood cells inhibited the growth of multiple pathogenic filamentous fungi, suggesting 

a role in pathogen protection during overwintering, when bees face high pathogen pressure. Second, sugar 

alcohol composition changed in tandem with major changes in fungal abundance, suggesting links with 

bee cold tolerance or overwintering biology. We find that Anthophora bomboides hosts a conserved core 

microbiome that may provide key fitness advantages through larval development and diapause, which 

raises the question of how this microbiome is maintained and faithfully transmitted between generations. 

Our results suggest that focus on microbiomes of mature or active insect developmental stages may 

overlook stage-specific symbionts and microbial fitness contributions during host dormancy. 

Introduction 

The ecological and evolutionary success of a wide range of insect species has hinged on 

partnerships with microbes 1,2. Bacterial and fungal metabolism can facilitate novel resource use for 

insect hosts use via synthesis of limiting nutrients 3, evasion or detoxification of diet defenses 4, digestion 

of recalcitrant substrates 5, or serve as food themselves 6. Bacteria and fungi may also provide insect hosts 
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defense from predation 7,8, pathogens 9,10, or food spoilage 11 yet the insect host breadth and life cycle 

dynamics of such interactions remain poorly understood. 

Most specialized bee-microbe interactions are described in adult corbiculate social bees 12–14. 

Their microbiomes function in digestion of pollen, regulation of immunity, and suppression of pathogen 

growth 15–17. The vast majority of bee species, however, are solitary; lacking cooperative brood care, 

foraging, and feeding 18. Unlike social bees, solitary bee species studied to date generally have less 

specific and less consistent microbiomes 19,20.  

A solitary bee spends up to 80% of its life developing inside a sealed brood cell 18; during this 

time, the developing bee undergoes significant changes in metabolism and morphology- most profoundly 

during diapause and metamorphosis, respectively 21–24. Brood cells are created and provisioned with 

pollen and nectar by the adult female: in some cases provisions can be dominated by lactobacilli, however 

these bacteria do not persist through development 25–27. Annual life cycles, solitary nesting, complete 

metamorphosis, and lack of direct brood care are hypothesized to impede the development of a 

specialized core microbiome in solitary bees 13,23- instead, they are thought to acquire and filter microbes 

from the environment anew each generation, excepting occasional endosymbiotic bacteria 28, resulting in 

variable microbial communities among individuals and populations.  

Here, we characterize the composition, abundance, and potential functions of the bacterial and 

fungal microbiome of the solitary bee Anthophora bomboides stanfordiana Kirby, 1837 (Hymenoptera: 

Apidae) over 8 developmental stages, from two geographic sites, over two years using amplicon 

sequencing, qPCR, microbial isolations, and in vitro trials and assays. We describe a uniquely consistent 

core microbiome throughout brood development of this solitary bee species and test adaptive hypotheses 

regarding microbial effects on bee ecology and metabolism.  

Study system 

Anthophora bomboides stanfordiana (from here: A. bomboides) is a gregariously nesting solitary 

bee, inhabiting bluffs along the western coast of North America. Anthophora bomboides is a generalist 
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forager (polylectic), but at our sites, prefers nectar from radish (Raphanus sativus) and pollen from lupine 

(Lupinus arboreus) (Figure 2.1, other forage noted in Supplemental Methods). Adult nest in densely 

populated sites (nests within centimeters, not connected) containing tens to over a hundred thousand bees 

29. Nests are dug using fresh water from a nearby seep or creek to soften the hard dirt (Figure 2.1A) 30. 

Once a brood cell is excavated, the inside is lined with a thick waxy secretion. This lining has a cheesy 

aroma and has been studied in closely related Anthophora abrupta; it is produced in the female’s 

hypertrophied Dufour’s gland and consists mostly of triglycerides which are converted to solid 

diglycerides during cell construction 31. The lining is eaten by the larva as food just after the pollen 

provision is consumed, just before diapause as a prepupa (Fig 1A) and is thought to be highly specialized 

for consumption 31,32.  

The brood provision is initially very liquid, containing ~630 µl of nectar (Figure 2.1) 30. After 

hatching from the egg, larvae (1st-2nd instars) consume the nectar, then pollen (3rd-4th instars), and 

finally the cell lining; the white larva becomes yellow prepupa, defecates, and diapauses from fall through 

early spring (Figure 2.1). In early spring the prepupae exit diapause and pupate; adults emerge in late 

spring (Figure 2.1) 30. Two nest sites on the California coast were sampled in this study: McClure’s Beach 

(Point Reyes National Seashore, Marin County, CA, USA) and Bodega Head (Bodega Bay Marine Lab, 

Sonoma County, CA, USA). The sites are 9.8 miles apart and separated by a 5 mile open stretch of ocean. 

Both nesting sites have been active for at least four decades 30. Because of the largely Mediterranean 

climate along the coast, the nesting period is warm and quite dry, but winters are wet and cool. 

Methods 

Sample collection and processing 

Sites: 

McClure’s Beach (Point Reyes National Seashore, CA, USA) is the larger nesting site, with 

roughly 2000-3000 nests estimated in early June of 2021 which would indicate around 1000-1500 or 

more active females given females are likely to have started a second nest by that time 30. It is located in a 
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WSW facing eroded bluff made of hard granitic sedimentary substrate (70% sand, 12.2% silt, 14.5% clay) 

and is ~150’ from the ocean. The Bodega Head nesting aggregation (Bodega Head Reserve, CA, USA) is 

smaller, estimated 250-500 nests; 100-250 active females (June 2021) and located on gently sloping sides 

and tops of eroded ditches. The substrate is finer and darker (76.5% sand, 9% silt, 14.1% clay). The site is 

also on the Pacific Ocean, though higher than McClure’s, ~50’ above sea level.  The two sites are 9.8 

miles apart, as the crow flies, separated by a 5-mile stretch of open water (Bodega Bay). Soil makeup 

determined by Cornell Soil Health Lab.  

Weather and Climate: 

Because of the largely Mediterranean climate, the nesting period is warm and quite dry (10.2/ 

22.2°C average low/high; ~1.5” rain total from May-Sept), but winter is wetter and cooler (5.0/15.7°C  

average low/high; ~18.7” rain total from Nov-Feb) and there are on average 7.3 days where it drops to or 

below freezing (Nov-Feb). Data from Bear Valley Visitor’s center on Point Reyes via PRISM, averages 

for 2006-2015. 

Collection: 

Samples were collected from 2021-2023 at Point Reyes National Seashore (permit #: PORE-

2020-SCI-0022) and Bodega Head (SCSP permit issued 2/24/2020). Adults were collected in June with a 

net while foraging or as they emerged from their nests in the early morning. To collect brood cell 

samples, small chunks of the cliff in the nesting area were separated using a soil knife and rock pick. 

These were then carefully dissected to separate brood cells, which are distinct and can be entirely 

removed from the surrounding soil matrix. Brood cells were then carefully opened from the top with 

sterilized tweezers or scoopulas (70% ethanol). Tweezers and/or scoopula were re-sterilized before being 

used to remove brood cell contents into sterile tubes and between brood cell samples. Egg-2nd instar stage 

brood cells have a high proportion of nectar in provisions; in some cases, a pipette was used to transfer 

these provisions. Upon collection, samples were rated for how ‘clean’ the extraction of provision was (eg. 

some had more dirt fall in, or a larva was punctured by the tweezers and soil then stuck to it, etc). The 

developmental stage, location, and date of collection were also recorded. Developmental stages are 
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described in Table 2.1. Tubes with collected samples were placed immediately into a cooler for transport 

back to the lab. Some were vortexed in a buffer (Phosphate Buffered Saline, PBS) and plated for bacterial 

and fungal isolation (Tryptic Soy Agar, TSA and Yeast Media, YM) or plated directly. The samples that 

were used for DNA extraction were moved directly from the cooler into a -80C freezer until sample 

processing. 

Table 2.1 

Stage Approximate 
Phenology 

Description, classification criteria Samples 
(collected, 

bacteria, fungi **) 

Image 

Egg-2nd 
instar 

Apr- Jul Provision consists of majority nectar and is 
therefore very liquid. Egg or very small larvae 
may or may not have been found in the 
provision, and was not specifically separated or 
included. Egg through 2nd instar larvae.  

N=13, 13, 8 

  

3rd-4th instar May- Jul Provision: nectar has been mostly consumed, 
leaving pollen of play-dough consistency. 

N=11, 11, 11 

 
Larvae: cream- colored and not yet full size, 
active and consuming provision. Larvae 
separated from provision for analysis. 3rd to 
4th instar larvae. 

N=10, 6, 7 

Summer 
Prepupae*  

Jun-Aug Prepupae: Have finished provision and 
consumed the cell lining. Color shifts to 
anywhere from pale yellow to bright orange at 
this stage. Defecation occurs, and prepupa 
enters diapause. 

N=11, 8, 11 

 

October 
prepupae 

Oct Prepupae: In diapause, less turgid than late 
summer but otherwise appearance unchanged. 

N=10, 6, 10 

 

December 
prepupae 

Dec Prepupae: In diapause, similar in size and 
appearance to prior two stages. 

N=12, 12, 12 

 

Pupa Mar- May After diapause is broken, pupation occurs. No 
cocoon is spun. Collected pupae ranged in 
melanization from entirely pale yellow to near 
entirely melanized, extent was noted.  

N=7, 6, 5 
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Unemerged 
adult 

Apr- May Adults collected as they chewed out of their 
brood cells, or became active upon breaking 
open of brood cell. Hairs present, wings fully 
formed.  

N=7, 7, 7 

 

Adult Apr- Jul Free-flying adult females collected while 
foraging or when leaving their nest after they 
were seen entering said nest. Adults were 
dissected, crops and guts were isolated for 
analysis 

Guts:  
N=10, 1, 9 
Crops:  
N=10, 1, 1 

 

* Bees remain prepupae from the time they consume the lining/defecate through diapause, thus the use of 
“Summer” to describe this initial prepupal stage. 
**First number corresponds to total samples collected and submitted for sequencing, second corresponds to 
number of samples which passed filtering after 16S rRNA gene sequence analysis (bacteria), and third 
corresponds to number of samples which passed filtering in ITS region sequence analysis (fungi). 

 

Flowers, water, and soil were also collected from each location to better understand the 

environmental microbes that the bees encounter (Table 2.2). Anthophora bomboides females use fresh 

water to soften the dirt that they nest in, and often do so in aggregate at a specific location on the spring’s 

edge. This water was collected into sterile collection tubes from each site at the section that was actively 

in use by the aggregation at the time of collection. Flowers of each species were collected in June, when 

adults are foraging, and bulked upon collection into sterile tubes. Nesting substrate, here called “soil”, 

was collected from within the aggregate nesting area at each site, from within 2” of the cliff surface, 

several inches from any nests, but within the nesting area. It was collected by chiseling away the exposed 

surface and then scraping underlying material into a collection tube with a sterile soil knife.  
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Table 2.2 

Type Species Description Samples  
(collected, bacteria, fungi **) 

Flowers Lupinus arboreus 
Sims 

Yellow bush lupine: preferred pollen 
source One from each site, each sample 
containing 5-7 bulked flowers 

N=2   N= 12, 11, 11 

Raphanus sativus L. 
 

Wild radish: preferred nectar source 
Two from McClure’s, one from Bodega 
site, each sample containing ~10-15 
flowers 

N=3  

Eschscholzia 
californica Cham. 

California poppy: pollen source  
McClure’s, 2 bulked flowers 

N=1  

Carpobrotus edulis 
L. 

Ice plant: nectar source  
Bodega, 1 flower 

N=1  

Cacklile maritima 
Scop. 

Sea rocket: nectar source  
McClure’s, 10 bulked flowers 

N=1  

Grindelia stricta DC. Gum plant: nectar and/or pollen source  
McClure’s, 3 bulked flowers 

N=2  

Erigeron glaucus 
Ker Gawl. 

Seaside daisy: nectar and/or pollen source  
McClure’s, 3 bulked flowers 

N=2  

Soil NA Nesting material from the surrounding 
nest site, but not touching any nest, ~2” 
into nesting surface. (one per site*) 

N=2, 0, 0  

Water NA Water from the site where adult females 
collect water for nest construction.  
Two from each site 

N=4, 4, 4  

Blanks NA No sample added, to ensure sterility of 
extraction kit. Blanks were spaced out 
across rounds of extractions and used in 
DECONTAM. 

N=4, 0, 0 

* Soil samples were collected from both sites, both failed to pass through the initial DADA2 pipeline due to very 
low reads, which was confirmed with qPCR (Figure 2.4), so a second, more relaxed DADA2 pipeline was run for 
the soil samples to determine general composition, see Figure S1. 
**First number corresponds to total samples collected and submitted for sequencing, second corresponds to number 
of samples which passed filtering after 16S rRNA gene sequence analysis (bacteria), and third corresponds to 
number of samples which passed filtering in ITS region sequence analysis (fungi). 
Sample pre-processing 

For collected brood cell samples that had a visible larva and remaining pollen provision (3rd-4th 

instar), the larvae were separated from the provision and proceeded as two separate samples. Larvae and 

prepupae were all rinsed gently by pipetting in and removing sterile PBS (2x) before DNA extraction to 
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remove dirt that was introduced in the opening of the brood cells or clinging provision material. For all 

bee samples, the cleanest samples of each stage, as rated upon collection, were used. Free-flying adult 

females were dissected, separating the crop and gut as two separate samples per bee. Water samples were 

centrifuged at 13k for 3 minutes to concentrate the sample for DNA extraction. Top water was removed, 

and the remaining 100ul was used to resuspend the pelleted solids for extraction. Flower samples were 

immersed in PBS and vortexed at max speed for 60 seconds to dislodge microbes into the PBS, then 

whole flower material was removed, and the tubes were centrifuged at 13k for 3 minutes. Top PBS was 

removed, and the remaining 100ul was used to resuspend the pelleted solids. 

Microbe isolation and identification 

Brood cells, flowers, and water samples that were not used for DNA extraction were plated to 

isolate bacteria and fungi. These were plated either directly or after suspension in PBS onto both TSA 

+cycloheximide and YM+ chloramphenicol plates. Once colonies grew (1-5 days), representative 

colonies (based on morphology) were picked onto separate isolation plates of the same type and allowed 

to grow. Strains were then named based on isolation site (BH= Bodega Head, PR = Point Reyes 

(McClures); and saved as glycerol stocks in the -80. A subset of these were then identified via colony 

PCR (27F/1492R for bacteria, ITS1F/2 or NLR1/4 for fungi) followed by Sanger sequencing at the UC 

Davis DNA sequencing core, and NCBI BLAST.  

DNA Extraction 

All samples were added whole to DNA extraction, following preprocessing. Extraction for all 

samples was done per manufacturer’s instructions with the DNeasy PowerSoil Pro kit. Four blanks were 

included in DNA extractions (Table 2.1). Extracted DNA was stored in the included extraction buffer at -

80oC for amplicon sequencing and qPCR.   

Amplicon sequencing 

Amplicon sequencing of extracted DNA was done to assess bacterial and fungal community 

composition using the 16S rRNA (V5/6) gene and ITS region at the Integrated Microbiome Resource 
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(IMR) at Dalhousie University in Halifax, Nova Scotia. Phusion Plus high-fidelity polymerase was used 

with fusion primers, which include the sequences below with Illumina adaptors + indices for 

multiplexing; sequencing was then performed on Illumina MiSeq 33,35. Samples were de-multiplexed at 

IMR. For bacteria, primers 799F/1115R amplifying V5/V6 region of the 16S gene were used to limit 

mitochondria and chloroplast amplification (799F= 5'-AACMGGATTAGATACCCKG-3'/ 1115R= 5'-

AGGGTTGCGCTCGTTG-3')37. These primers amplify a ~300bp length target sequence. For fungi, 

primers ITS1F/ITS2 were used (ITS1F= 5'-CTTGGTCATTTAGAGGAAGTAA-3'/ ITS2=5'-

GCTGCGTTCTTCATCGATGC-3'). These primers amplify the variable length ITS1/2 region.  

Sequences were analyzed in R (4.1.1)34 with primarily the DADA2 package (1.22.0) 36, phyloseq (1.38.0) 

38, vegan (2.6.4)39, microbiome (1.23.1)40 and ggplot2 (3.4.2)41. See code for further details. 

Bacteria: 

Reads were filtered and trimmed with the following parameters (others were default): maximum 

expected error was set to 2 for forward reads and 5 for reverse reads (to account for lower quality of 

reverse reads), reads were truncated at 280 and 220, respectively, to discard bases with quality scores 

<~30). Primers were removed by trimming the respective primer length. Error rates, dereplication, 

denoising, merging, and chimera removal were done with default parameters; see supplemental code 

(Bacteria, code1) and data (‘16S_track_reads’). ASVs were inferred via DADA2 (1.22.0) and then 

taxonomy was assigned using the Silva 138.1 N99 database for bacteria 42. Mitochondria and chloroplast 

assigned reads were removed. Decontam package (1.14.0)43 was used to identify and remove potential 

contaminants by comparing blanks to samples; 5 were found and removed at the threshold parameter of 

0.5. Samples with less than 300 reads were then removed from further analysis, leaving N=86 samples; 

see supplemental code (Bacteria, code2). Samples lost (37) were: 4/4 blanks, 9/10 adult crop, 9/10 adult 

gut, 2/2 dirt (analyzed independently), 1/1 ice plant flower, 4/10 3rd-4th instar larvae, 3/11 Summer 

prepupae, 4/10 Oct. prepupae, 1/7 pupae.  

Fungi: 



41 
 

Primers were removed using Cutadapt 47. Reads were filtered and trimmed using default 

parameters, aside from the length minimum, which was set to 70 to remove extremely short reads. Error 

rates, dereplication, denoising, merging, and chimera removal were done with default parameters; see 

supplemental code (Fungi, code1) and data (‘ITS_track_reads’). ASVs were inferred via DADA2 

(1.22.0). We assigned fungal reads with the UNITE 9.0 general release dynamic database (29.11.2022)49. 

Non-fungal assigned reads were then removed, and Decontam package (1.14.0)43 was used to remove 

potential contaminants by comparing blanks to samples; two were found and removed at threshold=0.5. 

Samples with fewer than 300 reads were then removed from further analysis, leaving N=93 samples. 

Samples lost (26) were: 4/4 blanks, 5/13 1st-2nd instar, 3/10 3rd-4th instar larvae, 1/1 dirt sample 

(analyzed independently, Figure S1), 9/10 adult crops, 1/10 adult guts, 1/1 gum flower, 2/7 pupae. 

Community differences: 

To evaluate the compositional differences in microbial communities based on occurrence inside 

or outside of the brood cell, as well as for stage specific community separation, amplicon sequence data 

was used to create separate Bray-Curtis (BC) dissimilarity matrices for both bacteria and fungi. These 

were ordinated with NMDS (Figure 2C,D). PERMANOVA was run based on BC distances to determine 

differences in community composition by sample type (in brood cell, out of brood cell, water, flowers) for 

both bacteria and fungi.  

Relative abundance of Actinobacteria and Moniliella inside vs outside of brood cell: 

Data was subset to ASVs assigned to the Actinobacterial class (or Moniliella spathulata species). 

Samples were grouped based on whether they occur inside or outside of the brood cell (egg through 

unemerged adult: in brood cell; adult, flower and water samples: outside of brood cell). The total relative 

abundance of Actinobacteria (or Moniliella spathulata) assigned ASVs were compared between the 

groups with the Base R ‘stats’ package (4.1.1) 34 ‘kruskal.test’ function. 

Defining the core microbiome: 
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Detection of a core microbiome occurs using prevalence and abundance (detection) thresholds, 

and these can vary widely by study system, environment, and goals of the analysis 51,53. Therefore, we 

used the ‘microbiome’ package “plot_core” function to visualize a wide range of prevalence (0 to 100%) 

and abundance (0.01% to 20%) thresholds for both bacteria and fungi in the style of a heatmap (Figure 

2.3) for clarity, and to allow for nuance in interpretation of what may be considered core taxa.   

Abundance of Streptomyces by stage: 

Data was subset to ASVs assigned to the genus Streptomyces, and samples were grouped based 

on season, with egg- summer prepupa as ‘summer’, October and December prepupa as ‘overwintering’, 

and pupa- unemerged adults as ‘spring’. Differences in relative abundance of Streptomyces of these 

groups was evaluated with the Base R ‘stats’ package (4.1.1) 34 ‘kruskal.test’ function followed by the 

‘FSA’ package (0.9.4)44 ‘dunnTest’ function with Bonferroni p-value correction 45. To determine ‘actual’ 

abundance, we combined the qPCR data with the amplicon data by multiplying the total bacterial copy 

number by the proportion assigned to Streptomyces in each sample.  

qPCR- Microbial copy number 

Bacteria: 

Bacterial copy number was quantified with standard DNA intercalating dye (SYBR) based qPCR. 

The same extracted samples that were sent for amplicon sequencing were run through this procedure. 

Identical primers (799F= 5'-AACMGGATTAGATACCCKG-3' /1115R= 5'-AGGGTTGCGCTCGTTG-

3') were used so that compositional and quantification could be directly compared and merged. A 1:10 

dilution of extracted DNA was determined after dilution testing was done with a representative subset of 

samples; 1:10 dilution gave in-range Cq values. Master mix, per reaction, was composed of 5ul SSO 

Advanced Universal SYBR Supermix (Catalog# 1725271), 0.3ul of each primer (10uM), 3.4ul Molecular 

grade water, and 1ul of extracted DNA (diluted 1:10 in Molecular grade water). Reactions were 

performed in triplicate for each sample, and arranged semi-randomly across plates to avoid possible 
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correlations of plate and developmental stage. Blanks and standards were included in each plate, and a Cq 

cutoff for blanks was established at 31.  

To translate Cq values to copy number, we purchased a plasmid containing the relevant sequence 

from Nocardiodes luteus (ASV_5) from Eurofins at a known concentration. This was diluted in 10-fold 

steps; the dilution steps of 1.17E+6 through 0.117 molecules/ul, plus a blank, were used to create a 

standard curve, which had an R2= 0.983. The equation of this line (see code) was used to convert Cq 

values to log (copy number) and edited to account for dilution. 

Using amplicon data, we also adjusted the final qPCR copy number to remove the proportion of 

reads in each sample that had been assigned to mitochondria (no chloroplast reads were assigned). Flower 

and water samples had to be concentrated to ensure sufficient DNA for sequencing during pre-processing 

and thus bacteria in these samples could not be reliably quantified with qPCR. 

Fungi: 

Fungal copy number was quantified with probe-based (Taq-Man®) qPCR using a previously 

established system, FungiQuant 46. Because the ITS region is highly variable in length, we did not use the 

same approach as above, as SYBR will intercalate throughout the length of an amplicon, potentially 

resulting in higher fluorescence readings for samples with a greater proportion of longer ITS amplicons. 

For these reasons, the fungal quantification was done with FungiQuant, using the 18S rRNA gene primers 

FungiQuant-F= 5′-GGRAAACTCACCAGGTCCAG-3′ and FungiQuant-R = 5′-

GSWCTATCCCCAKCACGA-3′, along with the fluorescent probe FungiQuant-Prb = (6FAM) 5′-

TGGTGCATGGCCGTT-3′ (MGBNFQ). As with bacteria, dilution testing of samples was done to bring 

Cq values into the optimal range, and a 1:20 dilution was picked. Master mix, per reaction, was composed 

of 5ul PCR Biosystems qPCRBIO Probe Mix (No-ROX) (Catalog# 17-512B), 0.3ul of each primer 

(10uM), 0.3ul fluorescent probe (10uM), 3.1ul molecular grade water, and 1ul of extracted DNA (diluted 

1:20 in molecular grade water). Reactions were performed in triplicate for each sample and arranged 
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semi-randomly across plates to avoid possible correlations of plate and developmental stage. Blanks and 

standards were included in each plate. 

To translate Cq values to copy number, we purchased a plasmid containing the relevant sequence 

from Moniliella oedocephalis on NCBI (#NG_062174) from Eurofins at a known concentration. This was 

diluted in 10-fold steps and the dilutions steps of 1.28E+6 through 0.128 molecules/ul, plus a blank, were 

used to create a standard curve, which had an R2= 0.983. The equation of this line (see code) was used to 

convert Cq values to log(copy number), and edited to account for dilution. To evaluate differences in 

copy number between stages for both bacteria and fungi, we used the Base R ‘stats’ package (4.1.1) 34 

‘kruskal.test’ function followed by the ‘FSA’ package (0.9.4)44 ‘dunnTest’ function with BH p-value 

correction 48.  

Inhibition 

Strains of Streptomyces were isolated by plating brood cell contents on Tryptic Soy Agar (TSA) 

with added cycloheximide. Colonies were picked by hand and replated on TSA until isolated, then 

glycerol stocks were created. Streptomyces isolates were identified to closest taxa based on Sanger 

sequencing of the 16S rRNA gene (primers 27F/1492R) using NCBI BLAST (Table 3) 50. To ensure that 

the isolates were representative of the diversity of Streptomyces in the brood cells (Figure S7A), we 

aligned the 16S rRNA gene sequences from the isolates with the 300bp amplified region from our 

community ASV sequencing data using MUSCLE and found that the isolates likely represent two of the 

three most abundant Streptomyces ASVs (Figure S7B, C) 60. Additionally, the 16S rRNA gene sequences 

were aligned with those of known Streptomyces from NCBI using MAFFT with default parameters 

(method= L-INS-i) and a phylogenetic tree was constructed using conserved sites (1386 sites, method= 

neighbor-joining, model= Jukes-Cantor, bootstrap resampling = 1000) (Figure S8) 62.  

Thelonectria was isolated in much the same way, but from an infected A. bomboides pupa that 

had developed external filamentous fungal growth. Moniliella spathulata was isolated from a 1st instar A. 

bomboides provision (though it also occurred in nearly every plated brood cell sample, and all identified 
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to same BLAST ID). Ascosphaera apis and Aspergillus flavus were isolated from infected Bombus 

impatiens larvae previously in the Vannette lab. All fungal isolation occurred with Yeast Media Agar with 

added chloramphenicol. Identification was based on Sanger sequencing of the ITS or 18S rRNA D1/D2 

region (primers ITS1F/ITS2 for Thelonectria; NL1/NL4 for Ascosphaera apis; ITS86F/ITS4 Aspergillus 

flavus, NL1/NL4 and ITS1/ITS4 for Moniliella spathulata) followed by NCBI BLAST 50 (Table 2.3). 

Table 2.3 

Strain BLAST ID Isolation source Accession numbers 

BH34 Streptomyces endophyticus strain 

YIM65594 

1st instar A. bomboides provision  27F/1492R (PP576370) 

BH55 Streptomyces endophyticus strain 

YIM65594 

Egg stage A. bomboides provision 27F/1492R (PP576373) 

BH97 Streptomyces endophyticus strain 

YIM65594 

October A. bomboides prepupa 27F/1492R (PP576371) 

BH104 Streptomyces endophyticus strain 

YIM65594 

October A. bomboides prepupa 27F/1492R (PP576372) 

FFP4 Thelonectria sp. strain OTU1563  A. bomboides pupa, infected ITS1F/ITS2 (PP554508) 

AA1 Ascosphaera apis  Bombus impatiens larva NL1/NL4 (PP564911) 

BAIF1 Aspergillus flavus Bombus impatiens larva ITS86F/ITS4 (PP554507) 

BH004 Moniliella spathulata 1st instar A. bomboides provision ITS1F/ITS2 (PP554509) 

NL1/NL4 (PP564910) 

 

 In order to ensure that both the bacteria and fungi could grow on the same media, for all 

inhibition trials we used TSA without any antimicrobials. For consistency, we used a template to mark the 

underside of all of the plates, it included in the very center a cross “+” then two parallel lines, 30mm long 

and each 20mm from the center point. These served as guides for inoculations. Streptomyces strains were 

inoculated with 1ul hoops from stock plates of the TSA without antifungals onto the 30mm parallel lines. 

Five replicate plates were made for each comparison (25 per trial, including 5 control plates). These were 

allowed to grow for 10 days, then, from stock plates of each fungus (also TSA, no antimicrobials), plugs 
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were inserted into the center “+” of each plate. Care was taken to ensure that plugs were all taken from 

just inside the leading edge of the fungal hyphae on the stock plates. These were allowed to grow for 

seven days. Measurements were taken on the backs of the plate and measured the distance from the 

leading edge of the growing fungi to the center “+”, directly perpendicular to the parallel lines, on both 

sides. A tabletop light pad was used for imaging to qualitatively assess the density of the fungal hyphae, 

ensuring even back-lighting for the plates. 

Radius measurements (two per plate, each side of the ‘+’) were averaged for each replicate plate. 

Kruskal-Wallis was run with the Base R ‘stats’ (4.1.1) package ‘kruskal.wallis’ function as radius by 

inhibition treatment. This was followed with multiple comparisons with the ‘FSA’ package (0.9.4)44 

‘dunnTest’ function, but as we were only interested in comparisons to the negative control, we then subset 

to those four comparisons. P value correction done with ‘stats’ package ‘p.adjust’ function using a 

Bonferroni correction 45. 

Sugar and Sugar Alcohols 

Samples of whole larvae, prepupae and pupae, as well as one pollen provision from a 4th instar 

larva were extracted for sugar and sugar alcohol analysis. Whole samples were placed in tubes with metal 

beads and 1mL of 100% ethanol and run on a bead beater for 8 minutes at full speed with 20s breaks 

every minute. These were then centrifuged for 30 seconds at 10k rcf. For each sample, the top 700ul of 

ethanol was moved to a new tube, 700ul 100% hexane was added, and then vortexed for 30 seconds. To 

this, 100ul MilliQ water was added, and vortexed for another 30 seconds. Once hexane had separated 

from the aqueous phase, it was removed (800ul). The remaining 1mL of aqueous phase was centrifuged 

for 2 minutes at 16k rcf, and the bottom 500ul was filtered through a 0.2 micron syringe filter and placed 

in a new tube in a lyophilizer for 6 hours, without heat. The dried samples were kept in a -20C freezer 

until analysis, at which time they were re-suspended in 300ul 1:1 water: acetonitrile. Standards of 

erythritol, sorbitol, fructose, glucose, sucrose, xylose and maltose were made at 0.5 mg/mL, standards of 

glycerol and trehalose were made at 5mg/mL and 1mg/mL respectively, all in 1:1 water: acetonitrile.  



47 
 

Separation of sugars was performed on Thermo UltiMate 3000 HPLC system according to the 

Waters Application Note: WA60110, except for the following: column was Phenomenex Luna Omega 

3um SUGAR (50x2.1mm, Part#: 00B-4775-AN), and flow rate was 0.2mL/min; detection was by CAD 

(Corona Veo; Dionex). Each sample was run twice, standards were run 2-5 times. Analysis of peaks was 

performed with Thermo Fisher Chromeleon software. Peak identities were assigned based on retention 

times of standards, and unassigned peaks were then named by their retention times. Peak area was 

calculated by the software and this data was exported for analysis.  

Analysis: 

To identify differences in sample groups based on SSA profiles we used Principal Components 

Analysis (PCA) ‘stats’ package, Base R 34. Data was first normalized by Hellinger transformation. The 

‘factoextra’ package was used to plot PCA and biplot of components. After calculation of Bray-Curtis 

distance matrix, PERMANOVA (‘vegan’ package; 39 and pairwise PERMANOVA (package 

‘RVAideMemoire’ 0.9.83) were used to determine differences in composition of SSA by sample group, 

p-value correction by FDR 48.   

Results 

Anthophora bomboides brood cell microbial communities are distinct from the environment and 

dominated by Actinobacteria and Moniliella spathulata yeast  

For both bacteria and fungi, brood cell microbial composition was distinct from environmental 

sources and from adult gut samples (Figure 2C,D; S2, SI Methods Table 1). Actinobacteria were 

predominant during all stages of brood cell development in significantly higher relative abundance 

compared to samples from outside of the brood cell (K-W χ² = 37.6, df = 1, P value = 8.7e-10; Figure 

2A). All sample groups contained Actinobacteria, but brood cell samples had 84.9% (n = 69, sd = 17.9) 

relative abundance, adult bee samples had 29.9% relative abundance (n = 2, sd = 12.7), and 

environmental samples had 18.8% relative abundance (n = 15, sd = 20.4).  
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To determine if Actinobacteria are specifically affiliated with A. bomboides we compared relative 

abundance of the Actinobacteria assigned ASVs (489 total) in brood cell and environmental samples 

(Figure S3). With a 0.1% detection threshold, 60% were found exclusively in the brood cell samples (294 

ASVs), 17% were found in both brood cell and environmental samples (64 ASVs), and 25% were only 

detected in environmental samples (123 ASVs). Of the 64 ASVs shared between brood and 

environmental samples, 54% were found in only one environmental sample, mostly flower samples likely 

visited by foraging A. bomboides (Raphanus sativus, Erigeron glaucus). These 64 shared ASVs make up 

on average 9% of the reads in environmental samples (sd = 13.56). Six Actinobacteria ASVs are shared 

between the adult bee gut samples and the brood cells, comprising an average of only 1.6% of the reads 

within the brood cell samples (sd = 1.85). 

Fungal communities within brood cells were dominated by Moniliella spathulata across all stages 

except the pupal stage (Figure 2B). Moniliella spathulata was detected in every brood cell where it 

comprised on average 72.3% of sequences (n = 71, sd = 29.6), significantly greater than in adult bees or 

environmental sources (Fig 2B, K-W χ² = 43.9, df = 1, P value = 3.3e-11). M. spathulata was detected in 

all but one adult GI tract sample, where its average relative abundance was only 10.9% (n = 10, sd = 

16.1). Three environmental samples (Raphanus sativus bulked 15flowers, Carpobrotus edulis flower, 

water sample) contained M. spathulata; the mean relative abundance in all environmental samples was 

0.7% (n = 12, sd = 1.57). 

Anthophora bomboides brood cells host a core microbiome composed of select Actinomycete genera and 

Moniliella spathulata yeast  

 We next evaluated the presence and composition of a core microbiome in A. bomboides brood 

cells. Bacterial core was defined at the genus level for samples inside the brood cell, because the genera 

seemed to remain quite consistent despite diversity at the ASV level. At a prevalence of 65% and 

detection threshold of 0.1%, six genera (Streptomyces, Arthrobacter, Nocardioides, Mycobacterium, 

Pseudarthrobacter, and Rhodococcus) comprise a bacterial core. At the stricter prevalence cutoff of 90%, 

Streptomyces and Nocardioides remain core genera (Figure 2.3A). Regardless of the specific numerical 
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cutoff, the top eight genera that could constitute the core are all Actinobacteria (marked with * on Figure 

2.3A). 

The fungal core microbiome was defined at the ASV level for samples inside the brood cell. Two 

ASVs in particular, ASV_1 and ASV_2, both assigned to Moniliella spathulata, are present in 97% of 

samples at a detection threshold of 0.5% and in 88% of samples at a detection threshold of 5% (Figure 

2.3B). ASV_6, also belonging to Moniliellaceae, could be considered core at lower thresholds, but no 

other ASVs approach inclusion in the fungal core within the brood cell (Figure 2.3B).  

Microbial abundance peaks in during bee diapause 

To quantify abundance of bacteria and fungi throughout the bee life cycle, we conducted qPCR 

using the same bee samples as above. Bacterial copy number increased through bee development (Figure 

4; K-W c2= 66.7, df = 10, P value = 1.9e-10). Specifically, bacterial copy number increases through 

larval development, peaking during December, mid-diapause, and decreasing after pupation; bacterial 

copy number in December prepupae is 33 times higher than in egg-2nd instar (1.3e6, 3.7e4). 

Fungal qPCR was conducted using FungiQuant 46. Fungal copy number also changed through 

development (Figure 4, K-W χ2 = 67.0, df = 10, P value = 1.6e-10) increasing by a factor of 52 between 

egg-2nd instar stage and summer prepupae (2.8e5, 1.5e7), coinciding with consumption of the brood cell 

lining and defecation. Fungal copy number remained high through December before dropping by a factor 

of 83 between December prepupal stage and pupal stage (4.3e6, 5.2e4). Soil samples from each site were 

included, both showed very low density of fungi and bacteria. 

Stages within the brood cell have shifting bacterial and fungal communities, Streptomyces dominates in 

overwintering stages 

We compared bacterial and fungal communities at different stages inside the brood cell to 

determine whether these communities shift at finer taxonomic scales and found that the community 

changed in consistent patterns through brood cell development (Figure 2.5, Appendix II- Figure S4). 

Microbial communities within the brood cell consistently contain a high proportion of Actinobacteria and 
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Moniliella spathulata, but the relative composition changed between stages after the summer prepupa 

stage (P value < 0.05, Figure 2.5A). Fungal community composition was overall consistent between 

stages, but was distinct in summer prepupae and pupae (Appendix II, Figure S5). 

We further examined how the relative abundances of the top six bacterial core genera change 

with developmental stage. The most abundant genus, Streptomyces, peaks in abundance in overwintering 

prepupae, with average relative abundance of 48.5% (sd = 35.2, during October and December). 

Streptomyces relative abundance in the overwintering stages is significantly greater than summer (egg 

through summer prepupae, avg. 13.7% sd = 13.8, P value = 6e-4) and spring (pupae and unemerged 

adults, avg. 13%, sd = 16.1, P value= 0.003) stages by Dunn’s test (Figure 2.5C). 

Streptomyces isolated from brood cells inhibits growth of filamentous fungi 

Fungal pathogens can thrive in the wet conditions of the overwintering period, which also 

coincided with peak abundance of Streptomyces. To test the hypothesis that brood-isolated Streptomyces 

inhibits growth of filamentous fungi, we used a plate-based co-inoculation assay. Representative 

Streptomyces isolates from A. bomboides brood cells (BH34, BH55, BH97, BH104; Figure S6, S7) were 

tested against Ascosphaera apis, a devastating pathogen of bee brood, as well as Thelonectria, which we 

isolated from an infected pupa of A. bomboides. Streptomyces isolates from the brood cells were able to 

inhibit both pathogens. Although Streptomyces strains varied in their fungal growth suppression, A. apis 

was significantly inhibited by both BH34 (P value < 0.05) and BH97 (P value < 0.05) and Thelonectria 

was significantly inhibited by BH34 (P value < 0.01) and BH55 (P value< 0.05) on day 7 of co-

inoculation (Figure 6 A,B,E). As BH34 was able to inhibit both pathogenic fungi, we then tested whether 

it would also inhibit Aspergillus flavus- another generalist bee pathogen, or Moniliella spathulata- the 

core fungal taxa, using the same methods. We found that BH34 was also able to significantly inhibit the 

growth of both Aspergillus flavus (P value < 0.01, day 4) and brood cell isolated Moniliella spathulata (P 

value < 0.01, day 7; Figure 6C, D).  
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Sugar alcohol profiles distinguish developmental stages and coincide with changes in fungal abundance 

The genus Moniliella is known for its industrial production of sugar alcohols and energy storing 

carbohydrates such as erythritol, glycerol, and trehalose 52,54. In insects, trehalose is protective against 

environmental stress, such as temperature extremes, dehydration, oxidation, and starvation 55,56. To 

determine if A. bomboides stages exhibit changes in sugar and sugar alcohol composition in development 

that may coincide with proliferation of fungi, of which the vast majority are Moniliella, we analyzed 4th 

instar larvae (before fungal proliferation), prepupae (highest fungal abundance), and pupae (when fungal 

abundance drops, and Moniliella is no longer dominant; see Figs. 2, 4) to determine their composition of 

sugar and sugar alcohols (SSA) via HPLC-CAD. We found that the stages with high fungal abundance 

(prepupal, diapausing stages) have distinct SSA composition as compared to 4th instar and pupal stages (P 

value < 0.01 by pairwise PERMANOVA;  P values FDR corrected, Figure 7A). Specifically, 

glucose/sorbitol and fructose decline in relative abundance as bees develop from late-stage larvae to 

prepupae, while the disaccharide trehalose increases to high relative abundance in summer prepupae, 

coinciding with peak fungal abundance (Moniliella, Figure 2.4). Trehalose remains the SSA with the 

highest relative abundance throughout diapause (Figure 7B).  

Discussion 

Our study provides a detailed characterization and demonstration of the potential for complex 

interplay of insect development with microbiome composition and abundance. In contrast to previously 

studied solitary bee species, we identified a complex core microbiome in the brood cells of the solitary 

bee Anthophora bomboides which increases in abundance during diapause and persists through 

development; these findings are unique in several ways.  

Stage specific vulnerabilities 

We find that A. bomboides hosts a distinct core microbiome of Actinobacteria and M. spathulata 

which increases in abundance and shifts in composition during diapause. Diapause is a programmed 

metabolic depression that allows an organism to wait out seasonal environmental conditions, it occurs in 
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many organisms and is often a required stage before maturation 22. Despite its importance for surviving 

these otherwise unsuitable conditions, insects are vulnerable to predation, freezing, drying out, and 

pathogen infection during diapause 7,57–59,61. Although the microbiome is known to mitigate 

environmental stressor impacts on hosts 7,14,63,64, the roles of microbial symbionts during diapause are 

poorly studied 65,66. Several studies show decreased microbial abundance and activity during diapause 

67,68, but other studies suggest its importance. In dormancy, the bacterial communities of animals change 

in composition and abundance 69–71, can impact host gene expression 72, lipid accumulation, and survival 

73, as well as provide pathogen suppression 9, and are hypothesized to contribute to nutrient recycling 

systems while host systems are suppressed 74,75.  

The most common cause of brood mortality in A. bomboides, and solitary bees in general, is 

fungal infection during overwintering 59,76. Though diapausing insects retain innate immunity 77, it may 

be reduced or altered during this time 78,79. We found that bacteria in general, and Streptomyces 

specifically, attain the highest abundances during the winter months of diapause, with Streptomyces 

absolute abundance increasing by 46-fold between early provisions and December prepupae. This, 

combined with the demonstrated ability of brood-isolated Streptomyces to inhibit fungal pathogens of 

bees, suggests a defensive mutualism. Streptomyces are commonly found in soil, and many species and 

strains can produce antibiotics or antifungals, however, recent work has shown that insect-associated 

Streptomyces are more likely to inhibit pathogens than those found in soil, implying symbiont selection 

80,81. This is also supported by the many examples of other insect-Streptomyces defensive mutualisms 82–

85. Alternatively, lowered bee immune defenses may allow Streptomyces to proliferate, or Streptomyces 

may be responding to season independently of the host, thus further experiments are required to 

demonstrate the hypothesized mutualism. However, other bee species tend to exhibit low or undetectable 

microbial populations following defecation and in diapause, suggesting distinct biology in A. bomboides 

that supports symbiont growth.  
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Overwintering can lead to more subtle effects on survival via indirect chill injuries, which lead to 

a gradual failure to maintain homeostasis 22 and increased oxidative stress 86. Many insects use antifreeze 

compounds, such as trehalose and glycerol, to reduce ice crystal formation and stabilize proteins 22. 

Moniliella, the ubiquitous yeast found with developing A. bomboides, are best known for their prolific 

production of sugar alcohols and trehalose 87. By comparing pre-, during, and post- diapausing stages, we 

found that shifts in sugar alcohol composition corresponded to shifts in fungal abundance, with high 

levels of trehalose co-occurring with peak fungal abundance during diapause. Although insects are also 

capable of producing sugar alcohols and trehalose 88, and xerophilic yeasts may produce sugar alcohols to 

enhance their own survival in habitats with low water activity 89, other insect studies have shown 

microbiome correlation with 63, and direct contribution to, cold tolerance 72. The temporal linkage of M. 

spathulata abundance and trehalose production suggests that symbionts could be involved in the 

production of compounds suporting host cold tolerance. As Moniliella spathulata is also known to be 

oleaginous and able to accumulate lipids up to > 60% of its dry weight, a role in lipid metabolism is also 

possible 90,91. Energy (lipid) storage for diapause can be reliant on microbial presence; recent work in 

mosquitos showed that depleting microbial communities in pre-diapausing females prevents lipid 

accumulation, which rapidly and significantly lowers survival during diapause 73. Broadly, it is possible 

that the developing bees are outsourcing some aspects of metabolism to their associated microbes while 

their own metabolism is suppressed during diapause 22. These, as well as additional adaptive and 

nonadaptive hypotheses will require further investigation. 

Transmission and acquisition 

Previous work on solitary bee microbiomes indicates that shared flowers are the major mode of 

microbiome acquisition, resulting in variable microbial communities within species and between 

individuals with some exceptions of extreme filtering of environmental microbes resulting in dominance 

of lactic acid bacteria 20,26,27,92–94. In A. bomboides, however, brood microbiomes are distinct from the 

environmental samples, and patterns resemble vertical transmission, but this is not confirmed. Minimal 
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bacterial ASV sharing between brood cells and flowers supports a distinct acquisition mode from that of 

other solitary bees (Figure S3). Vertical transmission is especially likely for the fungal symbiont, 

Moniliella spathulata, as nearly every brood cell from both sampled sites, even at the earliest stage 

(Figure 2.2) contained the same two ASVs, indicating tight and effective control of transmission. 

Though not generally found in flowers, Actinobacteria commonly inhabit soil environments. Our 

soil samples, however, were removed from the main sequencing dataset due to very low read count (but 

see Figure S1), which was confirmed with qPCR (Figure 2.4). We suspect that the low microbial densities 

may be due to high salt content (ocean spray) 95 and substrate composition, which is more akin to 

decomposing granite (~ 73% sand), without visible roots or other organic material (see Supplemental 

Methods for composition). It is possible that with more extensive substrate sampling a link between soil 

and brood cell compositions could be found.  

The core brood cell microbial composition was not consistent with adult GI tracts; ten guts and 

ten crops were sequenced- only one of each had enough bacterial reads to pass filtering, and low bacterial 

density was confirmed by qPCR (Figure 2.4). Fungal communities in the crop also had low density, 

whereas gut fungi were more abundant and more closely resembled environmental communities, not 

brood cells (Figure 2.2). This suggests a non-GI method of transmission; for example, in another solitary 

hymenopteran, the beewolf (Philanthus), transfers its core brood associate (Streptomyces) to newly 

provisioned cells using specialized glands in the antennae 9. Our results suggest a vertical mode of 

microbiome transmission in A. bomboides, but this hypothesis, along with the methods by which they 

maintain or select for this unique microbial composition, will require further study. 

Comparison to other insect microbiomes 

The bacterial taxa that associate with Anthophora bomboides have not been previously described 

as core associates of bees (Anthophila) (but see 96,97). The actinomycete genera Streptomyces and 

Nocardioides were present in over 90% of samples and Moniliella spathulata was found in nearly every 

cell as the dominant fungus. Other solitary species with specific bacterial associates commonly host 
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environmentally acquired lactobacilli, or other floral and environmental microbes 20,26,92–94, whereas the 

social bee gut microbiome consists of a distinct set of genera not overlapping with the A. bomboides core 

12,13,98. A different Moniliella species (M. megachilensis) and Streptomyces have been isolated from 

brood of solitary Megachile bees 96,99, which, like A. bomboides, are known to have hypertrophied 

triglyceride-producing Dufour’s glands 100,101. Though these taxa are rare in bees, they are in some ways 

comparable to the widely studied microbial associates of fungus farming ants. Ant workers host 

actinomycetes (Pseudonocardia, Streptomyces) to protect the monoculture of cultivated fungus 102–104. 

However, the data presented here show that although Streptomyces isolated from A. bomboides brood 

cells suppresses the growth of pathogenic fungi, they also suppress the growth of Moniliella spathulata, 

the core fungal taxa (Figure 6D). This observation suggests that microbial communities may exhibit 

temporal or small-scale physical niche partitioning between Streptomyces and M. spathulata that allows 

both to persist, or that conditions used in the plate assay result in different dynamics compared to the 

brood cell; this remains to be tested.  

Why Anthophora?  

To date, A. bomboides is the only solitary bee which is now documented to associate with a 

complex and consistent core microbiome in the brood cell. What traits may support this specialized 

association? We hypothesize that the brood cell lining from the hypertrophied adult Dufour’s gland may 

be involved in maintaining this association. Some species within the genus Anthophora are unique in that 

their Dufour’s gland secretion has evolved from a thin waterproof cell lining to a thick, energy dense food 

source for developing brood 32. This triglyceride rich lining has been noted as being highly specialized, 

similar to royal jelly in honey bees or milk in mammals 31. Adult females produce copious amounts of 

this secretion, using it to both line the cell and mix into the provision itself 31. M. spathulata is lipophilic 

and can degrade a wide range of over 150 hydrocarbons, perhaps the larvae’s consumption of the lipid 

lining just prior to diapause facilitates yeast proliferation in this stage 91. Some Dufour’s secretions also 
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have antibiotic properties, which, if present here, may also exhibit selective pressure in shaping the 

microbiome 105.  

Conclusions 

We provide direct evidence of a consistent and abundant microbial community in developing 

Anthophora bomboides solitary bees and antifungal activity of the abundant Streptomyces, which suggests 

a defensive symbiosis. Solitary bees are vulnerable to multiple sources of mortality during development, 

especially during overwintering. Increasing microbial titer during diapause, consistent composition across 

brood cells, and microbial phenotypes with clear links to bee life history suggest, but do not yet 

demonstrate, a mutualistic symbiosis. Specifically, two ASVs of the yeast Moniliella spathulata were 

consistently found at both sampled sites and all developmental stages, with dramatic changes in density 

corresponding to significant shifts in sugar alcohol composition during overwintering, pointing to a role 

in cold-tolerance. Streptomyces was found to be a potential defensive symbiont, inhibiting a variety of 

brood-pathogenic fungi, and dominating specifically the overwintering stages. These results highlight a 

few underappreciated aspects of insect-microbe symbiosis: 1) a complex and consistent microbiome can 

be maintained in the absence of sociality, 2) bacteria and fungi may affect bee biology during diapause, 

and 3) the mycobiome may be important and likely deserves additional study. Although much work 

remains to examine the ecology of this bee-microbiome symbiosis, our study reframes the conditions 

thought to maintain symbiosis and highlights novel research areas in exploring unique roles of the 

microbiome during host dormancy. 

Data Availability: 

All data and code is publicly available through Dryad Data repository at: 

[doi.org/10.5061/dryad.gtht76ht1].  Sanger sequences of isolates are available on GenBank, details in SI 

Methods Table 3, accession numbers (PP576370-PP576373; PP554507-PP554509; PP564910-

PP564911). 
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Figures 

 
Figure 2.1 - Life cycle of Anthophora bomboides indicating sampled stages. (A) Full circle represents one year, 

with labeled brood cells illustrating stages that were sampled. The egg-2nd instar stage includes pollen provisions 

that contained liquid nectar, only provision was sampled. The 3rd-4th instar stage contained pollen but no nectar and 

was separated into larva and provision samples, summer prepupae (collected pre-August) had recently eaten the cell 

lining, defecated, and turned yellow-orange. Overwintering prepupae collected in October and December are 

categorized as such. Pupal and unemerged adult stages were collected in spring; the latter were distinguished by 

complete development of hairs. Active foraging adults were collected and dissected for crop and gut samples. Stages 

are listed stepwise as they occur for one bee. Black text and lines indicate which parts of the stage were used for 

further analysis, excepting “lining” and “egg” which are labeled for illustrative purposes. Absence of lines indicate 

that the whole bee was used as the sample for that stage. (B) At the population level, some stages overlap in time. 

Highlighted sections indicate months when sampling occurred. Yellow indicated that sampled stages occur within 

the brood cell, red indicates that sampled stage occurs outside of the brood cell. Illustration by S. Christensen. 
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Figure 2.2 - Anthophora bomboides brood cell samples are dominated by Actinobacteria and Moniliella, 

differing significantly from adults and environment.  

(A-B) Stages arranged in order of development, followed by environmental samples (flowers and water). Dirt 

samples yielded no sequences after QC and filtering, see Figure S1. Yellow horizontal bar indicates stages/samples 

which occur within the brood cell, red indicates adults collected outside of the brood cell, green indicates flower 

samples, and blue indicates water samples where adult bees collect water for nest construction. Each vertical column 

represents one sample, fill corresponds to proportion of sample reads belonging to each taxa (colors in key). Black 

vertical line separates inside (left) versus outside (right) of the brood cell. The same samples were sequenced for 

both bacteria and fungi, but discrepancies occur when a sample was filtered out due to low read count in one 

sequencing run but not the other, such as the adult gut sequencing well for fungi and poorly for bacteria. (A) Top 
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500 bacterial ASVs, colored by class, via sequencing of V5/V6 region of 16S rRNA gene. Actinobacteria (orange) 

dominate within the brood cell. Kruskal-Wallis χ²= 37.6, df = 1, P value = 8.7e-10 comparing relative abundance of 

Actinobacteria from inside brood cell samples (mean 84.9%; yellow horizontal bar; left of vertical black line) to 

outside brood cell samples (mean 20.1%; red, green, blue bars; right of line). n = 86 samples. (B) Top 15 fungal 

ASVs, via sequenicing of ITS region, colored by genus. Moniliella (light blue) dominate within the brood cell. 

Kruskal-Wallis χ² = 43.9, df = 1, P value = 3.3e-11 comparing relative abundance of Moniliella spathulata from 

inside brood cell samples (mean 72.3%; yellow bar; left of line) to outside brood cell samples (mean 5.4%; red, 

green, blue bars; right of line). n = 93 samples. (C-D) For both plots, color indicates sample type, shape indicates 

sample site. Yellow corresponds to samples from inside the brood cell, green corresponds to flower samples, purple 

to adults that were free-flying outside of the brood cell, and blue to water samples. Circles were sampled from 

McClure’s Beach site, diamonds from Bodega Head site. (C) NMDS of weighted Bray-Curtis (BC) distance for 

bacterial communities (stress = 0.19). PERMANOVA with sample type as a predictor R2 = 0.07, F = 2.2, P value < 

0.001. (D) NMDS of weighted Bray-Curtis distance for fungal communities (stress = 0.1). PERMANOVA with 

sample type as a predictor R2 = 0.25, F = 10.12, P value < 0.001.  
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Figure 2.3 - Anthophora bomboides brood cells host a core microbiome composed of Actinomycetes and 

Moniliella. Core microbiome heat maps for bacterial genera (A) and fungal ASVs (B), indicating prevalence at 

increasing detection thresholds. Prevalence is the proportion of samples containing the indicated taxa, detection 

threshold is the minimum relative abundance that needs to be present in a sample for it to be counted. Together, 

these separate core taxa (high prevalence and abundance) from other taxa. Top taxa arranged in decreasing order 

down the y axis, prevalence for each taxa is indicated by color, with 1 (dark red) meaning that the taxa is present in 

all samples, and 0 (dark blue) indicating it is present in none of the samples at each detection threshold (x axis, % of 

reads). (A) All bacterial genera with an asterisk (*) belong to Actinobacterial class. (B) Fungal ASVs labeled at the 

most specific assigned taxonomic level, see Appendix II, Figure S5 for relative abundance of fungal ASVs 1&2. 
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Figure 2.4 - Anthophora bomboides microbial copy number is highest in diapausing prepupae. Filled points 

represent the mean of the log10(copy number) by developmental stage, error bars +/-1 SD log(copy number) of each 

developmental stage for both bacteria (orange squares) and fungi (teal triangles). Smaller open points represent 

individual samples. Bacterial copy number has been adjusted to remove non-bacterial reads, as determined by 

amplicon sequencing with identical primers. Kruskal-Wallis test indicates significant differences in bacterial and 

fungal copy number based on bee developmental stage, (Bacteria- K-W χ2= 66.7, df = 10, P value = 1.9e-10; Fungi- 

K-W χ2 = 67.0, df = 10,  P value = 1.6e-10). Lettering indicates differences via Dunn’s multiple comparisons; above 

for fungi and below for bacteria (P value < 0.01). 
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Figure 2.5 - Bacterial communities shift with bee development, with increased Streptomyces abundance in 

overwintering stages. (A) NMDS of bacterial community Bray-Curtis distance with color indicating stage of brood 

cell development. Larger semi-transparent dots indicate centroids, with lines from centroid to each point in the 

group. Triangular centroids indicate provision samples. Global PERMANOVA shows significant difference between 

stages (R2 = 0.25, F = 2.87, P value < 0.001). Pairwise PERMANOVA of stages (FDR < 0.05) indicated with 

lettering on left side of figure key. (B) Relative abundance (% of total) of top six bacterial genera across bee 

developmental stages. Larger open circles represent mean relative abundance of the genus at the indicated 

developmental stage and are connected by lines. Error bars are (+/- 1 SD). Each smaller shaded point represents the 

relative abundance of the corresponding genus in one sample. Streptomyces relative abundance varies through 

development (Kruskal-Wallis χ 2= 15.9, df = 2, P value = 0.0003) and is highest during overwintering (Oct.-Dec.) as 

compared to summer (egg-summer prepupa; Dunn’s test adj. P value < 0.001), or spring stages (pupa-unemerged 

adult; Dunn’s test adj. P value < 0.01). 
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Figure 2.6 - Streptomyces isolated from A. bomboides brood cells inhibit growth of filamentous fungi. 

Inhibition is shown by decrease in radius of fungi (mm, y axis) on plates when co-inoculated with isolates of 

Streptomyces (BH104, BH34, BH55, BH97) (x axis, colors) from brood cells as compared to negative control 

(black). Streptomyces isolates plated 10 days prior to inoculation with 6mm diameter fungal plug. Comparisons to 

control by Dunn test, P values adjusted with Bonferroni (P value < 0.05 = *, P value < 0.01= **). (A-D) Center 

lines correspond to the median, boxes define interquartile range (IQR), and whiskers extend + 1.5 IQR. Note 

difference in scale of y axes. (A) Inhibition of Ascosphaera apis, a common pathogen of bee brood, on day 7 of co-

inoculation. Data represents 16 plates. BH34 and BH97 significantly reduced the radius of A. apis. Note 40 mm 

radius was the edge of the plate. Kruskal-Wallis χ 2 = 12.3, df = 4, P value = 0.014. (B) Inhibition of Thelonectria, a 

potential pathogen isolated from an infected pupal cell, on day 7 of co-inoculation. Data represents 24 plates. BH34 

and BH55 significantly reduced the radius of Thelonectria. Kruskal-Wallis χ 2 = 14.5, df = 4, P value = 0.005. (C) 

Inhibition of Aspergillus flavus, generalist bee pathogen, by BH34 on day 4 of co-inoculation. Data represents 10 

plates. Kruskal-Wallis χ 2= 6.9, df = 1, P value = 0.009. (D) Inhibition of Moniliella spathulata, ubiquitous brood 

cell yeast, by BH34 on day 7 of co-inoculation. Data represents 10 plates. BH34 significantly reduced the radius of 

Moniliella spathulata. Kruskal-Wallis χ 2 = 7.3, df = 1, P value = 0.007. I Plate images of fungi on day 7 of growth, 

when grown alone and with Streptomyces isolate BH034 showing decreased radius and qualitatively reduced hyphal 

density. i) A. apis negative control, ii) A. apis with Streptomyces isolate BH034, iii) Thelonectria negative control, 

iv) Thelonectria with Streptomyces isolate BH034. Images were taken on backlit LED screen to ensure identical 

lighting.  
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Figure–2.7 - Sugar and sugar alcohol composition differentiates bee developmental stages. (A) Sugar and sugar 

alcohol (SSA) composition of late larvae through pupal stages mapped by PCA, colored by stage. Ellipses indicate 

95% confidence for sample groups. Axes labeled with % variance explained. Biplot of the 6 most influential SSA 

components; longer arrows indicate greater influence on sample separation, direction indicates the alignment with 

the mapped PCs. Glucose and sorbitol had overlapping and thus indistinguishable peaks. (B) Composition of 

individual SSAs (columns) of each sample (rows). Samples grouped and colored by stage in the first column. SSA 

data was Hellinger transformed and scaled to sample (relative abundances) with red indicating high relative 

abundance of that component (column) for that sample (row) and blue indicating low relative abundance within the 

sample. Black boxes indicate significant clustering of sample compositions (P value < 0.05) via hierarchical 

clustering (multiscale bootstrap resampling). 
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Abstract 

Streptomyces were previously thought to be mostly soil-associated bacteria, but recent work has 

shown that they are commonly defensive symbionts of macroscopic organisms due to their prolific and 

diverse secondary metabolite products. We describe Streptomyces solapis sp. nov. and Streptomyces 

nidicoloris sp. nov., novel Actinobacteria isolated from developing brood of solitary bee species 

Anthophora bomboides, and present the complete genome sequences of six strains of these new species in 

comparison to related Streptomyces; five strains belong to Streptomyces solapis sp. nov. and one strain 

represents Streptomyces nidicoloris sp. nov. These new species are distinguished from previously 

described species by unique genetic, morphological, and physiological characteristics. The five genomes 

representing S. solapis sp. nov. comprise 9.6 Mb and encode 8,640 predicted genes on average. The 

genome representing S. nidicoloris sp. nov. comprises 9.4 Mb and encodes 8,426 predicted genes. 

Phylogenetic analysis based on 5 gene multilocus sequence alignment and whole-genome data positions 

S. solapis sp. nov and S. nidicoloris sp. nov. within the genus Streptomyces with close relation to S. 

endophyticus and S. fractus, which were isolated from plant root and termite gut environments, 

respectively. We provide differential analysis of secondary metabolic potential of the new strains as 

compared to these related species. The genomic data and comparative analysis indicate that strains of S. 

solapis sp. nov. have novel biosynthetic gene clusters which are unique to the species, some of which 

differentiate two subclades within it. The difference in subclades corresponds to the differential antifungal 

activity of these strains observed in Ch. 2. This chapter provides support for the hypothesis that these bee-

associated Streptomyces have the potential to contribute to pathogen defense of the brood through 

production of antifungal compounds. Due to the diversity of these strains and average genome size, we 

hypothesize that these strains are not obligately associated with the host. Further experimental and 

chemical analyses are required to determine the in situ expression of these gene clusters and the resulting 

bee host survival benefit of maintaining these symbiotic strains.  
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Introduction 

The genus Streptomyces (Actinomycetota) encompasses a diverse, ecologically complex and 

economically important group of bacteria1–3. Streptomyces are most well known for their production of 

natural products, including compounds with antibiotic, antifungal, anticancer, antiparasitic, and 

immunosuppressive properties4. Streptomyces-derived antibiotics were among the first to be discovered 

(e.g. Streptomycin), and many are still widely used to treat variety of infections in people and to protect 

crops and domesticated animals3,5.  

This plethora of secondary metabolites is due to the genetic and ecological complexity and 

diversity within the genus Streptomyces. Members typically have large genomes, 6-12 Mb as compared to 

~5 Mb for the average bacteria1,6. These large genomes almost always include biosynthetic gene clusters 

(BGCs), which are sets of genes that make the enzymatic “machinery” to produce various secondary 

metabolites5. Unlike the primary metabolites, which an organism requires to function, grow, and 

reproduce, secondary metabolites perform other beneficial functions, such as eliminating competing 

microbes, scavenging iron, manipulating a host, attracting organisms for spore dispersal, or signaling to 

other members of the species7. The BGCs and the secondary metabolites they produce can vary 

considerably between species, and for many of these metabolites, roles are yet unknown1.  

Streptomyces typically grow as multicellular vegetative hyphae (filamentous) with highly 

coordinated metabolism, phenology, and responses to the environment. They are generally nonmotile and 

produce spores for dispersal to new habitats. While they are highly prevalent and abundant in soil, 

Streptomyces are also symbionts of multicellular eukaryotes, especially plants and invertebrates8–10. 

In Ch. 2, four Streptomyces strains were isolated from samples of the solitary bee Anthophora 

bomboides during development in the brood cell11. These strains were found to inhibit fungal growth to 

various degrees, and were abundant in bee brood cell habitats, prompting further investigation to 

characterize them and sequence their genomes. Two additional Streptomyces strains were isolated after 

the publication of the chapter. Ch. 2 described Streptomyces as a core taxa within the developing brood 

cell of Anthophora bomboides and determined that the Streptomyces abundance increased dramatically 
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during the overwintering period, when bee immunity is suppressed and fungal infection is most prevalent. 

Notably, the bees hosted a diversity of Streptomyces, not a single species or strain but rather over 100 

unique ASVs. We determined that the diversity of ASVs assigned to Actinobacteria (including 

Streptomyces) was not due to spillover from environmental sources (i.e. flowers, water), as the ASV 

overlap between brood cell and environmental samples was low; 316 ASVs of Actinobacteria were found 

in the brood cells, and less than 18% of these (64 ASVs) were also found in the environmental samples. 

The strains isolated and sequenced in this chapter match to two of the three most common Streptomyces 

ASVs that were found in the brood cell; these matching ASVs are found in 56% of brood cell samples 

(Ch. 2, Fig. S7). Additionally, the strains sequenced here were isolated from different brood cells, at 

different developmental stages and seasons, during three different years (Table 3.1), yet five of the six 

represent strains of the same species. Though it is possible that the bees are acquiring these ASVs from 

environmental sources that we did not sample, the combination of very consistent Streptomyces presence, 

low overlap of ASVs between brood cells and environment, high prevalence of ASVs matching the 

sequence of the isolates, and consistent re-isolation of S. solapis sp. nov. from the brood cells over time 

indicates some level of association or possibly specialization of these bacteria with the host (Ch. 2, Fig. 

S3). 

This chapter aims to describe two new species: Streptomyces solapis sp. nov. and Streptomyces 

nidicoloris sp. nov. and to provide genomic sequences and analysis that can contribute to our 

understanding of the genetic underpinnings of host-microbe symbiosis. 
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Materials and Methods 
Isolation and Cultivation 

Samples of solitary bee Anthophora bomboides were collected from Point Reyes National 

Seashore and Bodega Head Marine Reserve (permit #: PORE-2020-SCI-0022 and SCSP permit issued 

2/24/2020). Six isolates were obtained from various stages of the solitary bee Anthophora bomboides life 

cycle (Table 3.1). These brood cells were collected and then Streptomyces were isolated from samples via 

repeated streak plating on tryptic soy agar (TSA) and underwent preliminary identification via 16S Sanger 

sequencing as described in Ch. 2. Once single-colony isolates were obtained, these were cryopreserved as 

glycerol stocks at -70° C.  

Table 3.1 

Phenotypic Characterization 

Morphology 

To determine morphological characteristics, I plated each strain from freezer stock onto multiple 

media types (TSA, Maltose Yeast Media- MYM, Oatmeal Agar- OA, see Appendix III Table S3) and 

inoculated into liquid media (Supplemented Grace’s Media- SGM, Gibco) then observed every other day 

for 7 days, noting changes in media color (diffusible pigments), colony shape, color, and finish; these are 

standard characteristics for bacterial species description. I used a dissection microscope to examine 

whether the strain produced spores on each media, standard practice for Streptomyces. From liquid media, 

I spotted 10 μl onto a glass slide every other day for 7 days to look for morphological changes in growth, 

especially fragmentation of the filaments, as this trait was observed to differ between close relatives S. 

fractus and S. endophyticus12,13.  

Salt tolerance 
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Salt tolerance was also observed in related species S. fractus and was thus tested for all available 

strains12. To test salt tolerance, SGM was modified with various concentrations of salt (NaCl) at 0%, 

5%,10% w/v. Isolates were grown on plates and one colony (1ul loop) was added to 5ml of each media. 

Growth was determined after 5 days by increased optical density after resuspension via agitation, as 

compared to the control (media without inoculation).  

Temperature range 

To test heat resistance, I streaked from SGM cultures of each isolate onto TSA and grew them at 

25°C, 28°C, and 37°C for 5 days, checking for growth every other day. Determination of heat tolerance is 

standard for bacterial species description. 

Geosmin production 

Geosmin production is a common trait for Streptomyces species, and is what gives soil its 

“earthy” smell14. After initial observations that BH106 was less distinctly “earthy” smelling than the other 

new isolates, geosmin production for each was inferred. The isolates were plated on TSA and allowed to 

grow for 5 days wrapped in parafilm, then each plate was opened and smelled to infer geosmin 

production. This was repeated twice.  

 

Genomic Analysis 

DNA was extracted from isolated strains using the Qiagen PowerSoil Pro kit, DNA concentration 

was assessed via NanoDrop. Sanger sequencing of the 16S rRNA gene using universal bacterial primers 

(27F/1492R) traces confirmed that the strains belong to Streptomyces using NCBI BLAST (16S 

ribosomal RNA sequences database)15,16. The genomes were sequenced using Pacific Bioscience (PacBio) 

long read sequencing, and assembled with Flye (v 2.9.3), the quality and completeness were calculated 

with CheckM (v1.2.2), which determined completeness of >99% for 5 genomes, and over 98.5% for 1 

genome17,18. All bee isolate genomes had very low CheckM contamination, max 1.29%. Coverage ranged 

from 29x (BH97) to 419x (BH105) (mean= 223x, median= 205x). The genome sizes ranged from 8.75Mb 
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(BH104) to 9.67Mb (BH97), on average the bee isolated strains were 9.47Mb with 70.9% GC (range 

70.7-71.0%). For details see Table 3.1.  

Similarity to known strains was determined in several ways. The full 16S rRNA gene was 

extracted from the genomes (as annotated by Prokka) and NCBI BLAST was then used to determine 

closest potential relatives15,19. This determined that Streptomyces fractus isolated from the termite gut 

(Amitermes hastatus) was a close relative, but the species did not yet have a genome sequence12. We 

therefore ordered the strain and had it sequenced as well, but used NanoPore technology at the Max 

Planck Institute for Chemical Ecology provided by our collaborators.  The S. fractus genome was 99.89% 

complete, with 1.65% contamination.  

Digital DNA-DNA hybridization (dDDH) was used to estimate the genetic relatedness between 

bacterial genomes based on the digital analysis of genomic sequences. It serves as a digital approximation 

of the traditional DNA-DNA hybridization (DDH) method, which is used to determine genomic similarity 

and to classify bacterial species, with d0 < 70% indicating species separation20. The DSMZ type strain 

genome server was used for dDDH with their continuously updated library of known genomes to 

determine genome overlap/relatedness among the strains and other previously sequenced 

Streptomyces21,22. It uses dDDH to compare the genomes for relatedness and generated a whole genome 

phylogeny using D5 distance formula and “GreedyWithTrimming” distance algorithm, while the 16S 

phylogeny used the “CharacterCoverage” distance algorithm21. Determination of closest type strain 

genomes was done in two complementary ways. First, all uploaded genomes were compared against all 

type strain genomes available in the TYGS database via the MASH algorithm, a fast approximation of 

intergenomic relatedness, and the ten type strains with the smallest MASH distances chosen per user 

genome23. Second, an additional set of ten closely related type strains was determined via the 16S rDNA 

gene sequences. These were extracted from the user genomes using RNAmmer and each sequence was 

subsequently BLASTed against the 16S rDNA gene sequence of each of the 21,293 type strains available 

in the TYGS database on June 10, 2024 24. This was used as a proxy to find the best 50 matching type 

strains (according to the bit score) for each uploaded genome and to subsequently calculate precise 



79 
 

distances using the Genome BLAST Distance Phylogeny approach (GBDP) under the algorithm 

'coverage' and distance formula d5. These distances were finally used to determine the 10 closest type 

strain genomes for each of the uploaded genomes. 

Pairwise comparison of genome sequences 

For the phylogenomic inference, all pairwise comparisons among the set of genomes were 

conducted using Genome BLAST Distance Phylogeny (GBDP) and accurate intergenomic distances 

inferred under the algorithm 'trimming' and distance formula d5 25. 100 distance replicates were calculated 

each. Digital DDH values and confidence intervals were calculated using the recommended settings of the 

GGDC 4.0. 

Phylogenetic inference 

The resulting intergenomic distances were used to infer a balanced minimum evolution tree with 

branch support via FastME 2.1.6.1 including SPR postprocessing26. Branch support was inferred from 

100 pseudo- bootstrap replicates each. The trees were rooted at the midpoint and visualized with PhyD3 

(Figure 3.2)27. The type-based species clustering used a 70% dDDH radius around each of the 54 type 

strains21. The resulting groups are shown in Figure 3.2. Subspecies clustering was done using a 79% 

dDDH threshold. 

Average nucleotide identity 

Average Nucleotide Identity (ANI) is a widely used metric for estimating the genetic similarity 

between bacterial genomes. It provides a quantitative measure of the average nucleotide identity shared 

between the aligned regions of two genomic sequences and is commonly used in microbial taxonomy and 

genomics to distinguish species28. We utilized fastANI (v.1.34) to determine average nucleotide identity 

among the isolates and with other known genomes, using a cutoff of 95% to determine species level 

relatedness28.  

Annotation 

The genomes of the Streptomyces isolates were annotated with Prokka v1.14.619. Prokka was 

executed on the UC Davis FARM high-performance computing cluster, with default settings, the 
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kingdom argument was set to “Bacteria” and genus argument set to “Streptomyces”, to optimize 

processing time. Prokka employs Prodigal for predicting protein-coding sequences, RNAmmer and 

Aragorn for identifying rRNA and tRNA genes, and HMMER for small non-coding RNA detection24,29–31. 

Functional annotations are through homology searches against UniProt and RefSeq databases32–34. 

Additionally, functional domains are annotated by searching against the Pfam database using HMMER35. 

From Prokka output, Ghost Koala server was used to assign KO numbers to the amino acid sequences, 

and these were fed to KEGG Mapper to group genes to modules and pathways36,37. This annotation was 

also used for extracting multilocus sequence alignment gene sequences. 

The genomes were analyzed for biosynthetic gene clusters (BGCs) using antiSMASH web server 

(antibiotics & Secondary Metabolite Analysis SHell, v7.0), a specialized software tool designed for the 

identification and annotation of secondary metabolite biosynthetic gene clusters 38. The analysis was 

conducted using the default settings of antiSMASH, which was configured to include all cluster types. 

AntiSMASH employs a combination of rule-based heuristics and profile hidden Markov models to 

predict and annotate BGCs, as well as algorithms to identify putative novel gene clusters by comparing 

them with known clusters in the Minimum Information about a Biosynthetic Gene cluster (MIBiG) 

repository39. 

The output from antiSMASH included a comprehensive list of predicted BGCs with annotations, 

including cluster types, core biosynthetic genes, and additional tailoring and transport genes. The results 

were manually curated and visualized using the antiSMASH interactive HTML output, followed by 

export and integration with results from related genomes.  

Multilocus sequence alignment  

A five gene multilocus sequence alignment was performed using genes commonly used for 

phylogeny in existing Streptomyces literature (atpD, gyrB, recA, rpoB and trpB)40,41. The five genes were 

extracted from the Prokka annotation files of each isolate and reference genome and concatenated. 

Multiple sequence alignments were performed using MAFFT (Multiple Alignment using Fast Fourier 

Transform, v 7.0) online server to align the concatenated sequences42. The alignment parameters were 
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configured to include the default settings unless otherwise specified. The "Auto" strategy was initially 

used to allow MAFFT to select the appropriate algorithm based on sequence length and similarity and 

picked MAFFT-L-INS-i (most accurate). Following alignment, a phylogenetic tree was constructed using 

conserved sites (2,278) with the neighbor-joining (NJ) method within MAFFT. MAFFT computed the 

distance matrix using the Jukes-Cantor (JC69) model and resampling level of 1000 for bootstrap values. 
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Results 

Genome sequencing and analysis showed that the six new bee isolated strains represent two novel 

Streptomyces species. This is based on whole genome comparison methods (dDDH, ANI) as well as 

multilocus sequence alignment (MLSA) and subsequent phylogenetic analyses, combined with 

comparative morphology and physiology43. Each of these methods complement one another and support 

the delineation of these two new species. 

Genome comparisons 

Whole genome comparisons: 

Digital DNA-DNA hybridization (dDDH) was used to estimate the genetic relatedness between 

bacterial genomes, with d0 < 70% indicating species separation20. Average Nucleotide Identity (ANI) was 

also used to distinguish species, with a cutoff of 95% for species separation44. 

 Digital DNA-DNA Hybridization showed that the new strains have d0 <70% to any named 

species with a genome sequence available in the DSMZ database (Table S3, Appendix III)22. The closest 

dDDH matches were Streptomyces endophyticus YIM65594 which had a d0 of 67.7% with BH106, and 

Streptomyces fractus MV32 which had a d0 of 55.9% with BH034 (Appendix III, Table S3)12,13. 

Additionally, the average nucleotide identities between these strains and other named species were less 

than the accepted species boundary of 95% ANI, as the closest named species genome was S. 

endophyticus with an ANI of 93.4% with BH106; and S. fractus with an ANI of 92.8%, also with BH106, 

while all of the other new strains were below 93% ANI with any species with previously sequenced 

genomes. 

When comparing dDDH and ANI among the new strains, we find that two distinct species are 

present, with BH034, BH055, BH097, BH104 and BH105 clustering together in one clade, while BH106 

is a distinctly separate species. This is shown by within-clade ANI values of >96% when comparing the 

strains within the first clade, whereas BH106 has <93% ANI with all of the other five new strains. dDDH 

was also supportive of two species, as within- clade d0 >70% (aside from BH104 which had d0 of 69% 
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with BH034 and BH094), but comparing BH106 to the other new strains showed d0 between 60-66%, 

well below the species cutoff. At an even finer scale, the first species can be subdivided into two 

subspecies clades, with BH034 and BH097 being nearly identical (ANI 99.9%, d0 99.8), and BH055, 

BH104, and BH105 having over 99% ANI and d0 of 80-90.9 with one another.  

Phylogeny: 

The separation of the new bee isolates into two novel species is supported by the whole genome 

GBDP tree and the five gene multilocus sequence alignment neighbor joining tree (atpD, gyrB, recA, 

rpoB and trpB), which both separate BH34-BH105 into one clade, with BH106, S. fractus, and S. 

endophyticus as closest neighbors (Fig. 3.1A-B). The two trees are discordant in specific arrangement of 

BH106, S. fractus and S. endophyticus. The genome tree has them together in a clade sister to BH34-

BH105, with BH106 more closely related to S. endophyticus (Fig. 3.1A), whereas the MLSA separates 

them, with S. fractus being sister to BH34-BH104, S. endophyticus branching off before that, and BH106 

branching off before both of them (Fig. 3.1B). In both cases, however, the five isolates representing S. 

solapis sp. nov. (BH34-BH105) form a distinct clade, with two subclades (BH34/BH97, and 

BH55/BH104/BH105). 

Biosynthetic gene cluster comparisons: 

To detect and identify BGCs in the genomes of these new isolates in comparison to those of close 

relatives, I used antiSMASH, an online server and database with one of the largest compilations of BGC 

data38. Given an annotated genome (Prokka), antiSMASH searches and annotates BGCs based on known 

arrangements and gene associations, as well as certain domain traits and comparison to characterized 

BGCs. This allows for prediction of the type of metabolites the cluster may produce and provides a 

similarity score for predicted clusters to the closest known cluster. The related Streptomyces genomes 

which were used for reference and comparison were: S. fractus, S. endophyticus, S. kunmingensis, and 

one undescribed Streptomyces isolate from compost (NBC003), which was identified as potentially 

related via 16S SSU BLAST and confirmed via ANI. 
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Streptomyces solapis sp. nov. strains (BH34 T, BH55, BH97, BH104, BH105) had between 21 

and 24 BGCs in their genomes, while S. nidicoloris sp. nov. (BH106) had 16 BGCs. Streptomyces fractus 

also had 16 BGCs (15 of the 16 were the same as in BH106); S. endophyticus had 19 BGCs, the compost 

isolate (NBC003) had 22 BGCs, and S. kunmingensis had 40 BCGs (Fig. 3.3, Appendix III- Table S4 and 

Figure S1). I found that our newly isolated S. solapis strains contained 12 unique BGCs not found in their 

close relatives; no unique BGCs were found in the genome of S. nidicoloris sp. nov. (BH106) (Figure 

3.3). Of these 12 unique BGCs, 10 have less than 50% similarity to any known cluster, and 8 have less 

than 25% similarity with any known cluster (Table S4, Appendix III).  

The unique BGCs span BGC types: one butyrolactone, one lanthipeptide, three non-ribosomal 

peptide synthase (NRPS) or NRPS-like, one redox-cofactor, one regioselectivity recognizing element 

(RRE)-containing, two type 2 polyketide synthase (T2 PKS), one type 3 polyketide synthase (T3 PKS), 

one terpene, and one thioamitide class. Three of the 12 were found uniformly in all of the S. solapis sp. 

nov. strains, while the others, in most cases, belonged to one of the two subclades specifically. Seven 

BGCs were unique to clade 2 (BH55/BH104/BH105), but only three of these were found in all three of 

the strains; the others were uniquely present in only one or two of the three strains in the clade (Table S4, 

Appendix III).  

Two BGCs were unique to S. solapis clade 1 (BH34 T/BH97), which were identical in BGC 

composition. One of these was a Type II Polyketide Synthase (T2PKS) with low similarity score to 

known clusters (21%). The alignment of this gene cluster with the most similar known clusters (MIBiG 

3.1), as well as analysis of domain matches via HMMER indicates that the cluster contains the main 

biosynthetic genes for production of polyketides (Table 3.2), but it had low similarity to known T2PKS 

clusters overall (Figure 3.4). 
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Table 3.2 

Contig ID 
(BH034) Domain/protein  Abbreviation Score E-value 

ctg1_7263 Ketoreductase KR 175.5 3.70E-54 

ctg1_7279 Ketoreductase KR 150.4 1.70E-46 

ctg1_7280 Methyltransferase MET 27 5.40E-09 

ctg1_7284 Ketosynthase KS 760.5 9.40E-232 

ctg1_7285 Chain length factor 7 CLF -7 681.7 6.60E-208 

ctg1_7286 Acyl carrier protein ACP 99.2 2.40E-31 

ctg1_7287 Cyclase CYC 446.6 8.30E-137 

ctg1_7289 Ketoreductase KR 187.1 1.00E-57 

ctg1_7291 Cyclase CYC C7-C12 196.6 1.10E-60 

ctg1_7295 Ketoreductase KR C9 432.5 1.20E-132 

ctg1_7316 Ketoreductase KR 147 1.90E-45 
The core components of T2PKS: ACP, CLF, KS 
Optional/Tailoring Enzymes: CYC*, KR, GT, HAL, MET, OXY 45 
*sometimes considered core component 

 

Phenotypic differences 

Morphology: 

 Streptomyces solapis sp. nov. 

On Tryptic Soy Agar (TSA) solid media, colonies are irregular in shape and have lobate edges. 

The surface ranges between tightly wrinkled at the center and flat with some wrinkles at the edge. 

Colonies are opaque, and with matte surface and viscoelastic texture, which tends to form a glob when 

picking colonies. Colonies are light tan and secrete brown or tan diffusible pigments (Table 3.3). Odor is 

classic of geosmin production: earthy and intense. Sporulation was not observed on TSA when isolates 

were grown alone but was observed on Oatmeal Agar (OA) and Maltose Yeast Media (MYM). 

On MYM solid media, colonies are entire with slightly ciliate edges. Dense colonies grow 

together to form irregular edges that curl back up and over the colonies, away from the media. Surface is 

pale tan, somewhat matte, bumpy and complex with peeling back of edges. Within several days to a 
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week, the surface becomes a matte velvety white with sporulation. Colonies are firm and able to be 

scraped from the agar surface, with some breakage.  

In liquid Supplemented Grace’s Media (SGM) S. solapis initially grows in classical Streptomyces 

form, forming small fluffy spheres. However, after 2-3 days, the filaments fragment into smaller pieces 

and fall out of solution into a pellet. 

 Streptomyces nidicoloris sp. nov. 

On Tryptic Soy Agar (TSA) solid media, colonies are irregular in shape and have lobate edges 

that tend to be raised from the media surface on the edges, creating a ‘donut’-like appearance of early 

colonies, which then grow together. For older colonies or lawns, the surface ranges between tightly 

wrinkled (center) and flat with raised wrinkled edges. Colonies are opaque, cream to tan in color, and 

with matte surface and viscous to hard texture, they tend to break apart when picking them. Colonies are 

light tan and secrete pinkish tan diffusible pigments (Table 3.3). Odor is often absent, but occasionally 

weakly earthy, suggesting geosmin production.  

On MYM solid media, colonies are entire with slightly ciliate edges. Dense colonies grow 

together to form irregular edges which curl back up and over the colonies. Surface is pale tan, matte, 

bumpy and complex with peeling back of edges. Spore formation was not observed on any media tested. 

In liquid SGM S. nidicoloris sp. nov. initially grows in classical Streptomyces form, forming 

small fluffy spheres. However, after 2-3 days, the filaments fragment into smaller pieces and fall out of 

solution into a pellet. 

Physiology: 

Noticeable diffusible pigments were only produced by the new isolates, with S. solapis producing 

tan-brown pigmentation and S. nidicoloris sp. nov. producing a pinkish-tan pigment on TSA. The 

reference species did not produce noticeable diffusible pigmentation on TSA. Salt tolerance also 

differentiated the species, with all S. solapis strains being salt tolerant (10%) along with S. fractus, 

whereas S. endophyticus, S. kunmingensis and S. variegatus are not salt tolerant. A similar pattern was 

observed for fragmentation in liquid media and growth at 37°C, where all of the new isolates as well as S. 
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fractus fragmented after several days in liquid media and grew at 37°C, where the other species did not. 

Spore formation was observed for all S. solapis strains on OA, but was not observed for S. nidicoloris sp. 

nov. or for S. fractus on any tested media (Table 3.3). 

Table 3.3 

Strain or species Diffusible 
pigment 
(TSA) 

Growth at Growth with 
NaCl 

Spore formation  Frag. in 
liquid 

Geosmin 
production 
(TSA) 

25°C 37°C 5% 10% TSA OA MA 

BH034  
(S. solapis sp. nov) T 

w, tan-
brown * + + + + - + - + + 

BH055 
(S. solapis sp. nov) 

+, dark 
brown + + + + - + + + + 

BH097 
(S. solapis sp. nov) 

+, light 
brown + + + + - + - + + 

BH104 
(S. solapis sp. nov) 

+, light 
brown + + + + - + - + + 

BH105 
(S. solapis sp. nov) 

+, dark 
brown + + nd + - +/- nd + + 

BH106 
(S. nidicoloris sp. nov) T 

+, pinkish 
tan + + nd +/- - - - + +/- 

S. fractus MV32 T - + + +12 +12 - - - + + 

S. endophyticus 
YIM65594 T 

-13 +a -12 +12 +/- 12 nd nd nd -12 nd 

S. kunmingensis NBRC 
14463 T 

- + +/- +/- 12 +/- 12 - + + - + 

S. variegatus 
B-16380 

- ** + - nd - - + + - + 

+ positive; +/- weak; - not observed; nd no data 
* once made yellow exudate on colony surface in response to fungi 
**makes red and green pigments on OA media, but they do not diffuse into the surrounding agar 

Description of the New Species 

Streptomyces solapis sp. nov. [sohl-AY-pis, referring to the Latin ‘sola’ for solitary and ‘apis’ for 

bee, as the species was isolated from Anthophora bomboides, a solitary bee species]. The type strain is 

BH34 T and was isolated from a pollen provision in a brood cell of developing Anthophora bomboides. It 

is a gram-positive, filamentous bacterium. It exhibits fragmenting growth in liquid media and inhibits the 
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growth of several bee associated filamentous fungi (Fig. 2.6) 11. It grows optimally 25-37°C on Tryptic 

Soy Agar or in liquid Supplemented Grace’s Media. It produces tan-brown diffusible pigment on solid 

media, and is halotolerant to at least 10% NaCl. It consistently produces spores on Oatmeal Agar (OA). 

The genome of Streptomyces solapis sp. nov. type strain (BH34T) is 9.6 Mb with a GC content of 71.0%. 

The type strain genome contains 8,716 predicted genes, including 22 biosynthetic gene clusters (BGCs) 

identified by antiSMASH. Phylogenetic analysis of the whole genome places it within the genus 

Streptomyces, related to Streptomyces endophyticus and Streptomyces fractus.  

Streptomyces nidicoloris sp. nov. [nih-dee-koh-LOHR-iss, referring to the Latin “nidus” meaning 

nest, “colere” meaning “to dwell”, and together meaning “of the nest dweller”, as it was isolated from the 

nest of the ground nesting solitary bee Anthophora bomboides]. The type strain is BH106 and was 

isolated from an A. bomboides pupa with a brood cell. It is a gram-positive, filamentous bacterium. It 

exhibits fragmenting growth in liquid media. It grows optimally 25-37°C on Tryptic Soy Agar. It 

produces pink to tan diffusible pigment on solid TSA media and can weakly grow in 10% NaCl. It did not 

produce spores on any tested media type. The genome of the Streptomyces nidicoloris sp. nov. type strain 

(BH106) is 9.4 Mb with a GC content of 70.7%. It contains 8,426 predicted genes, including 16 BGCs as 

predicted by antiSMASH. Phylogenetic analysis places this species as sister to Streptomyces endophyticus 

and related to Streptomyces fractus. 

Discussion 
Streptomyces spp. were previously thought to be mostly free-living soil dwelling bacteria not 

commonly involved in direct symbiosis with hosts46. However, there are also many examples of 

symbiotic Streptomyces associated with plants and animals8–10,47. These relationships are often 

mutualisms, with the host providing a consistent growth environment and transmission of the bacteria 

between generations, and the Streptomyces providing protection from infection through production of 

secondary metabolites10,48,49. In Chapter 2, I found that Streptomyces is present throughout the 

development of the bee (Anthophora bomboides), but is especially abundant during overwintering, when 
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the bee faces heightened pathogen pressure. I isolated four of the six strains described here during my 

research for Ch. 2, and showed that these Streptomyces isolates could inhibit the growth of bee fungal 

pathogens, leading me to sequence the genomes and explore these strains further.  

Genomic analysis showed that the bee isolates described here separate into two species, one being 

a clade of five closely related isolates, here named Streptomyces solapis sp. nov., and the other consisting 

of one isolate, here named S. nidicoloris sp. nov. This finding was supported by whole genome 

comparison methods (ANI, dDDH), as well as MLSA and whole genome trees, which confirmed the 

strong support for separation of these isolates from known species and into these two new species. The 

two species most closely related to the new isolates are S. endophyticus and S. fractus (Fig. 3.1). Both are 

associated with a host, with S. endophyticus being associated with the roots of Artemisia annua and S. 

fractus being associated with the gut of the black mound termite (Amitermes hastatus)12,13. The genome of 

S. endophyticus YIM65594 had been previously sequenced and was available on NCBI, but it was not 

available in any free culture collections, thus I used only the genome and literature review for 

comparisons; the genome of S. fractus had not been sequenced, so I ordered the strain (MV32T) and had it 

sequenced, which allowed me to compare with the bee isolated strains, alongside physiological 

comparisons. Interestingly, the physiology of the bee isolated strains was most like that of S. fractus, 

which was also isolated from a soil-dwelling insect (black mound termite). The similarities included salt 

tolerance, fragmentation in liquid media, and growth at 37°C, which may be interesting to explore as 

potential adaptations to host association in further studies12.  

As Streptomyces are known for their production of secondary metabolites, I analyzed the 

composition of biosynthetic gene clusters in the isolate genomes as compared to the most closely related 

species and found that S. solapis sp. nov. strains have unique biosynthetic gene clusters as compared to 

close relatives. The BGCs are distinct among the two clades of S. solapis, with clade 2 

(BH55/BH104/BH105) having the highest number of unique BGCs, though they were not all consistently 

found in all three strains (Fig. 3.3). Clade 1 (BH34 T/ BH97) showed higher inhibition of Ascosphaera 

apis, a bee fungal pathogen, than clade 2 (Ch. 2, Fig. 3.3) which indicates that one (or both) biosynthetic 
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gene clusters that differentiate clade 1 from 2 may encode biosynthetic machinery for an antifungal. I 

explored one of these unique BGCs which had some similarity to a known Type II Polyketide Synthase 

(T2PKS) BGC. T2PKS produce aromatic polyketides, which commonly have biological activity and are 

used as antibacterial (erythromycin, tetracycline), anticancer (anthracycline, doxorubicin), antifungal 

(amphotericin, griseofulvin), and antiparasitic (avermectin) drugs45. This medically important metabolite 

class is most commonly produced by members of the Actinobacteria (like Streptomyces)45,50. The major 

steps in aromatic polyketide production are: 1) load acyl carrier protein (ACP), 2) iterative chain 

extension by ketosynthase (KS domain) and 3) cyclization and/or aromatization via thioesterase (TE 

domain). Using antiSMASH domain detection and alignment of the BGC with closest known clusters, I 

found that the T2PKS BGC of clade 1 (BH34T/BH97) do include the major biosynthetic components and 

essential domains of a T2PKS, but the putative modifier genes are different from those of known clusters, 

indicating that the product may be a novel aromatic polyketide50,51.  

 It is also interesting to note that these two clades were not separated into different bee 

developmental stages, but instead co-occurred in multiple developmental timepoints (early stages and 

overwintering stage) (Table 3.1). This, combined with the consistently observed high diversity of 

Streptomyces ASVs throughout bee development, and differences in antifungal activity of these isolates 

(Fig. 3.3BC, Ch. 2) suggests that the diversity of strains may be somehow beneficial. In many 

circumstances, tight host-microbe symbiotic relationships lead to genome erosion and tightening 

specificity between host and microbe as they co-evolve, with the host selecting for specific strain 

characteristics, products, or functions, and the microbial population becoming more homogeneous and 

dependent on the host, losing now-extraneous genes as it is vertically transmitted in a protected, 

consistent environment52–56. However, this is not always the case. Some well-established mutualisms 

involve mixed strains of the symbiotic bacteria57,58. In the Anthophora bomboides system, Streptomyces 

strain and thus BGC diversity could allow the bee and its microbial community to better cope with 

changing pathogen stressors, as different strains may be better suited for defense against different fungi, 

as would be seen in a “bet hedging” strategy59–61. Other scenarios are also possible: 1) the bee lacks tight 
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control of Streptomyces transmission, and instead recruits Streptomyces regularly from a yet unsampled 

area of the environment or 2) the symbiosis is in early stages, meaning the predicted genome erosion and 

reduction in strain diversity has yet to occur.  

The A. bomboides brood cell houses a complex microbiome. Besides the aforementioned 

Actinobacteria (Streptomyces and others), it also hosts a highly prevalent and abundant fungal associate, 

Moniliella spathulata. This association, as described in Ch. 2, shows a pattern more like traditional 

vertically transmitted symbionts, exhibiting low diversity of strains (likely only one) and near perfect 

transmission (found in all but one examined brood cells)62,63. Interestingly, the Streptomyces solapis 

BH34T isolated from the brood cell was shown to also inhibit this ubiquitous fungal brood associate, 

bringing up the question of how these microbes can reliably co-exist in the brood cell. It is possible that 

regulation of BGC expression is different within the brood cell, or that the two organisms are spatially 

separated to preclude interaction and inhibition by the Streptomyces. This interaction will require further 

research. 

Significance 

Pathogenic fungi continue to threaten human health, as well as the productivity of animals and 

plants cultivated for agriculture64. Infection and mortality from pathogenic fungi is an increasing threat 

due to emerging fungal species, increasing resistance to existing antifungal compounds, and limited 

antifungal modes of action available for therapeutic use65. Much effort has been dedicated to antifungal 

natural products discovery from soil-dwelling bacteria, marine organisms and other potential sources of 

novel chemistries8,66–68. However, isolation campaign success has been limited by context-specific 

metabolite production, compound rediscovery, and off-target toxicity for eukaryotic host animals69. To 

overcome these challenges, host-microbe symbiotic systems have been proposed as platforms for 

antifungal chemistry discovery, but few systems have been leveraged to date. Insect-microbe systems 

specifically have been shown to hold exceptional potential for novel, safe, and effective antifungal 

chemistry8,10,67. 
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The data presented here and in concert with Ch. 2 support the use of an ecological comparative 

approach in insect-microbe systems, as I show that host-isolated strains show specific patterns of 

antifungal activity that are reflected in variation in BGC content. Such variation can be harnessed to 

refine potential bioactive targets within complex chemical mixtures. For example, clade 1 had higher 

activity against Ascosphaera, and two novel BGCs not found in the other clade (a type 2 polyketide and a 

non-ribosomal peptide, Fig. 3.3B-C); these can now be specifically targeted in metabolomic screening 

and extractions to test for activity. These genomes and analysis will allow further exploration of 

previously undescribed metabolite diversity and may yield novel antifungal agents that could be 

leveraged for therapeutic use.  
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Figures 

 
 

Figure 3.1- A) Subset of genome tree created on DSMZ server, inferred with FastME 2.1.6.1 from GBDP distances 

calculated from genome sequences. The branch lengths are scaled in terms of GBDP distance formula d5. The 

numbers at nodes are GBDP pseudo-bootstrap support values > 60 % from 100 replications, with an average branch 

support of 87.5 %. Species cluster and subspecies cluster are represented by various color blocks and show 

distinction for the two new proposed species (in green- top, and red- just below), as well as the subspecies clustering 

within S. solapis sp. nov. 
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Figure 3.1- B) Five gene multilocus sequence alignment was performed using genes commonly used for phylogeny 

in existing Streptomyces literature (atpD, gyrB, recA, rpoB and trpB), alignment performed on MAFFT with 

MAFFT-L-INS-i. Conserved sites (2,278) were then used to construct a NJ tree using Jukes-Cantor model. The 

numbers at nodes indicate bootstrap support values >60 % from 1000 replications. Green rectangle (top) outlines the 

clade of five isolates representing S. solapis sp. nov. with the two clusters labeled as Clade 1 and Clade 2. The red 

rectangle (center) indicates the isolate representing S. nidicoloris sp. nov. Branch length indicates base changes per 

100 bases, scale bar in bottom left.  
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Figure 3.2- Whole genome Average Nucleotide Identity (ANI) comparisons between isolated strains and the two 

most closely related previously described species. ANI was calculated using fastANI (v.1.34). Numbers represent 

the ANI value of the genome in the row as compared to the column. The color of boxes with ANI values are on a 

gradient from yellow (lower) to dark green (higher) ANI. The cutoff for species level is 95% ANI.   
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Figure 3.3- A) PCA plot of biosynthetic gene cluster composition, showing distinction of BGC composition based 

both on species and on subclade. Analysis was limited to differentially present BGCs. Color represents actual or 

proposed species, labels indicate clade within S. solapis sp. nov. BH34T and BH97 are identical in BGC composition 

and thus the points are directly overlapping. PCA made with prcomp() in R “stats” package (scale= T).  
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Figure 3.3- B) Upset plot showing biosynthetic gene cluster overlap between bee isolates (S. solapis sp. nov., two 

clades, S. nidicoloris sp. nov., S. endophyticus, S. fractus, and S. kunmingensis). Total number of BGCs in each 

species or group indicated on far left as black horizontal bars. Filled in dots indicate individuals or groups, with the 

bar directly above the dots indicating the number of unique BGCs in that individual or group. Streptomyces solapis 

sp. nov. as a species has 12 BGCs not found in close relatives (numbers bolded in green), Clade 1 has two 

biosynthetic gene clusters not found in the other groups. There are no BGCs that specifically distinguish all bee 

isolates from the other closest species. Made with UpsetR package. Not all comparisons are shown, see Appendix III 

Figure S1 for all groupings. Inset boxplot: Recolored section of Figure 2.6 showing differential inhibition of fungus 

Ascosphaera apis by four isolates of S. solapis sp. nov. BH34T and BH97 are in Clade 1, with higher inhibition than 

BH55 and BH104, from Clade 2. Green lines connect the isolates belonging to Clade 1, and the bar indicating the 

two unique BGCs of that clade.  
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Figure 3.4- Novel Type II Polyketide Synthase (T2PKS) gene cluster in Clade 1 of S. solapis sp. nov. Clinker 

gene cluster alignment showing partial T2PKS BGC region in BH34T and BH97 as compared to most similar known 

gene clusters (determined in antiSMASH from MIBiG 3.1 known cluster database). Colored horizontal arrows 

indicate genes, with different colors representing gene type, as assigned by antiSMASH (green, transport-related; 

red- tailoring (additional biosynthesis) related; purple, Major biosynthetic genes/ domains for T2PKS; tan, resistance 

related; light blue, regulatory related; grey indicates unknown or “other” gene group). The alignment is based on 

sequence homology, and gene blocks with over 40% identity are connected vertically by grey bars, representing 

synteny between clusters. Highly conserved genes are shown with darker grey/black bars, while less conserved 

regions have lighter grey bars. The four homologous genes (indicated by yellow numbers 1-4 at top of figure) are 

homologous to the biosynthetic genes in the known related clusters, whose products constitute the main machinery 

for polyketide synthesis. The products of genes indicated by 1 and 2 perform the iterative condensation that creates 

the polyketide backbone. Domain match to T2PKS: 1- E-value: 5.1e-55, Score: 178.9; 2- E-value: 1.7e-25, Score: 

81.6. The third gene (indicated by 3 at top of figure) is homologous to the genes encoding an acyl carrier protein 

(ACP) for carrying intermediates: Domain match to ACP: E-value: 1.8e-15. Score: 48.9. Number 4 indicates the 

gene homologous to ketoreductase (PKS_KR), a tailoring enzyme, in the related BGCs, Domain match PKS_KR: E-

value: 2.9e-12. Score: 38.7. Scores and E-values determined by HMMER in antiSMASH, higher score represents 

better alignment between the provided sequence and expected sequence pattern for a specific domain, lower E-value 

indicates confidence that the match did not occur by chance. 
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Figure 3.5- Colony appearance of new Streptomyces strains. A) Streptomyces solapis sp. nov. BH105 and B) 

Streptomyces nidicoloris sp. nov. BH106 on TSA media after 4 days of growth at 28°C. Images taken on dissection 

microscope with a black background to enhance contrast, at 30x.  
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Discussion 

The work presented in this dissertation provides critical insights into the dynamic interactions 

between microbes, pollen, and bees. By exploring the influence of microbial partners on pollen digestion 

and microbial contributions to pollinator development and defense, this research advances our 

understanding of how microbes mediate key processes in pollination biology and pollinator fitness. Each 

chapter contributes a distinct perspective on these interactions, shedding light on previously understudied 

mechanisms that govern host-microbe symbioses in pollinators. 

 Chapter 1 demonstrated that nectar-associated bacteria, specifically Acinetobacter species, can 

induce pollen germination and bursting, allowing these microbes to access nutrient-rich pollen 

protoplasm28. This discovery provides a novel explanation for how some microbes can overcome pollen’s 

protective barriers, through a mechanism that exploits the pollen’s mechanism to degrade its own shell, 

even outside of the plant reproductive processes. The ability of Acinetobacter to enhance its fitness by 

inducing pollen germination reveals a new dimension to the role of microbes in pollination systems29–32. 

These bacteria may play an unrecognized role in facilitating nutrient access not only for themselves but 

also for the pollinators they interact with, influencing pollinator nutrition. The finding that Acinetobacter 

can specifically induce germination, while other nectar microbes such as Metschnikowia do not, suggests 

potential niche differentiation among floral microbes33,34. This phenomenon also raises broader ecological 

questions regarding potential cooperation of nectar microbes and pollen consumers, which were not 

addressed here35,36. Future research should investigate whether these interactions might influence 

pollinator health, and the degree to which nectar and bee associated microbes in general utilize this 

mechanism.  

The second chapter of this dissertation shifted focus to the microbial communities associated with 

the development of a solitary bee, Anthophora bomboides. Prior to this work, solitary bee species were 

thought to pick up microbes anew each year as they interact with the environment, resulting in a 
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microbiome which resembles a subset of the environmental diversity, and is not generally consistent year 

to year due to lack of vertical transmission27,37–40. This chapter demonstrated that this is not always the 

case by showing that this solitary bee species can host a consistent, complex microbial community with 

potential for mutualistic contributions to bee fitness41. The core microbiome, dominated by Actinobacteria 

and Moniliella spathulata, was most abundant during diapause, implying that symbiotic microbes play 

essential roles in enhancing the overwintering survival of these bees, when they are most vulnerable to 

pathogens and cold stress. Actinobacteria, particularly Streptomyces species, were shown to inhibit bee 

pathogenic fungi, and their presence in bee brood likely confers protection against pathogens. Moniliella 

spathulata abundance was also correlated with increases in metabolites associated with cold tolerance 

(trehalose) and the genus is known from other studies to produce significant quantities of these 

metabolites42–44. This potential commensalism is supported by the fact that the yeast is highly prevalent 

and narrowly associated, in that only two ASVs of this fungus comprise the vast majority of bee- 

associated fungal reads. This result indicates tight and effective control of transmission through 

generations, a pattern that had not been reported previously in solitary bees45,46. These findings are 

significant, as they highlight the importance of microbial symbionts during development and diapause. 

Diapause is critical for resilience of insects, especially bee species, as it allows populations to “wait out” 

adverse seasonal conditions and time their emergence when plants begin flowering24,47. The role of 

microbial symbionts in supporting bees at various stages of development is therefore essential for our 

understanding and conservation of these critical pollinators, and exploration of microbial communities 

throughout bee development may lead to new insights into the roles and contributions of bee associated 

microbes.  

Chapter 3 extends the findings from Chapter 2 by characterizing two novel species, Streptomyces 

solapis sp. nov. and Streptomyces nidicoloris sp. nov., isolated from the brood cells of A. bomboides. 

Streptomyces solapis sp. nov. was found to possess unique biosynthetic gene clusters that distinguish the 

two clades within the species and correlate with antifungal activity differences. The discovery of these 
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new species with active antifungal activity from a host-associated environment opens up exciting 

possibilities for natural product discovery48. Streptomyces species are renowned for their ability to 

produce bioactive compounds, including antibiotics and antifungals49. As indicated above, the presence of 

such microbes in bee brood may be part of a symbiotic relationship in which bees actively cultivate 

beneficial microbes to protect their brood from pathogenic fungi or other environmental threats50,51. The 

identification of these Streptomyces strains not only contributes to the growing knowledge of microbial 

diversity within pollinators but also underscores the potential of symbiotic relationships as reservoirs of 

novel bioactive compounds48,52,53.  

The findings presented in this dissertation have several broad implications for our understanding 

of pollination biology, microbial ecology, and host-microbe interactions generally. First, the discovery 

that nectar bacteria can induce pollen germination fundamentally changes our understanding of pollen 

digestion. This work suggests that microbes can play an active role in breaking down pollen’s protective 

barriers, enabling themselves and possibly other pollen consumers to access essential nutrients. This has 

significant implications for both pollinator nutrition and plant reproductive strategies, as it suggests a 

previously unrecognized link between microbial activity and pollen consumption by pollinators. Second, 

the identification of a distinct core microbiome in solitary bees, and the potential role of these microbes in 

enhancing overwintering survival, highlights the importance of microbial symbionts for pollinator health. 

Given the global decline in pollinator populations, understanding how microbes contribute to pollinator 

resilience throughout their development could inform conservation strategies aimed at supporting solitary 

bee species, which are often overlooked compared to social bees. Finally, the characterization of novel 

Streptomyces species with antifungal potential underscores the value of exploring symbiotic relationships 

in natural ecosystems as sources of new bioactive compounds. These findings have potential future 

applications in agriculture, where antifungal compounds derived from these microbes could be used to 

control plant pathogens, and in medicine, where novel antifungal agents are urgently needed.  
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Future work 

While this dissertation has clarified some previously unanswered questions in the fields of 

microbial symbiosis and pollination ecology, it has also revealed new directions and questions that 

necessitate further research. Among these, there are several questions whose answers will be important 

for furthering our understanding of plant physiology, host-microbe mutualisms, and bee biology. First, in 

relation to microbial impact on pollen germination: Do bees exploit Acinetobacter’s ability to extract 

nutrients from pollen? What metabolite(s), protein(s) or process(es) is/are responsible for the induction of 

pollen germination by Acinetobacter, and can this be applied to study of plant reproduction, bee health, or 

agriculture? Second, in relation to the developmental microbiome of solitary bees: What is causing the 

alterations in microbial community through bee development? Does the bee have mechanisms to control 

the community? How is the community transmitted between generations? Is the microbial community 

important for host survival through diapause? What is the contribution of microbial symbionts to host 

diapause survival? Lastly, in relation to Streptomyces isolates and genomes: When, and under what 

conditions, do the Streptomyces produce antifungal metabolites, and is this under host control? Do closely 

related bee species host closely related Streptomyces? How widespread is insect developmental symbiosis 

with Streptomyces? By building on this dissertation, future work will be able to uncover the different 

evolutionary strategies that hosts and symbiotic microbes use and the extent to which they rely on and 

influence one another.  
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Figure S1- Response of pollen to Acinetobacter pollinis SCC477 is density-dependent. Related to Figure 1.2. 
To determine whether Acinetobacter density affects induction or the time until induction of germination or bursting, 
we assayed a range of dilutions of A. pollinis SCC477 on pollen phenotypes. For both pollen germination and pollen 
bursting, the response of pollen to solutions of A. pollinis SCC477 was density dependent. A and C) Points represent 
the mean of 3 biological replicates of each density of A. pollinis SCC477, from a total of 7,618 pollen grains, an 
average of 952 per timepoint. Standard error bars are shown. A) Germination over time for pollen inoculated with 
dilutions of SCC477 from 1-1:100. B) T½ max- time to reach half of maximum germination, as a boxplot for each 
dilution treatment. The T1/2 Max   lengthened with decreasing microbial density; the treatment with the highest density 
took 40 minutes to reach half of maximum germination, whereas the lowest density took over 6 hours. C) Bursting 
over time when inoculated with dilutions of SCC477. Undiluted indicates a OD600=0.1 solution; cells/mL for each 
dilution shown. All data collected at labelled timepoints- offsets are for clarity. Significance from control (sterile 
BK) calculated with ANOVA followed by Tukey multiple comparisons. D) All pollen tube lengths were measured 
in every image of the dose dependence assay; the 24h timepoint measurements are shown here. Treatment labels 
correspond to SCC477 dilution in sterile BK media. Letters indicate significance p<0.05 with ANOVA (F= 16.02, 
df= 6, p-value=2.9e-16), multiple comparisons with Tukey p-value adjustment. Each treatment includes three 
biological replicates (wells). Average 55.2 pollen tubes measured per treatment.  
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Figure S2: PGA activity not linked to germination phenotype. Related to Figure 1.2, Table S1.  
Pectinase activity was tested for microbes after exposure to pollen for one hour to explore potential induction of 
pectinase as a mechanism for germination phenotype. Polygalacturonic acid (PGA) plates were spotted with each 
treatment before visualization of PGA with CTAB, which stains PGA milky white. ‘Clearance’ or ‘No clearance’ 
indicates activity on PGA and undetectable activity, respectively. (Y)/(N) in “+ pollen” row indicates whether the 
pollen was observed to be germinating (Y) or not (N) after 1h in that treatment, just before spotting onto PGA. The 
images below the table are in the same orientation as in the table above. The faint shadows around the spots in the 
‘crushed stigma’ and ‘BK only’ plates are a result of marking the placement of the spots on the back of the plate, not 
clearing of CTAB. See Table S1 for PGA activity of microbes without pollen exposure
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Figure S3: A. pollinis SCC477 induction of germination and bursting occurs in ecologically relevant 
conditions. Related to Figure 1.4.  
In tandem with the Lowry assays (Figure 1.4 main text), we also imaged and classified pollen germination and 
bursting in the wells to verify that this phenotype can occur in more ecologically relevant media: supplemented 
artificial nectar. A) Grains that germinated with each microbe/pollen treatment. B) Grains that burst with each 
microbe/pollen treatment. For A and B, significance from control used Kruskal Wallis test followed by Dunn’s 
multiple comparisons and marked by brackets. Center lines correspond to the median, boxes define interquartile 
range (IQR), and whiskers extend +1.5 IQR. Data represents three assays, 3-4 biological replicates of each 
pollen/microbe treatment combination per assay, N=9, and a total 14,544 pollen grains. Note difference in scale of 
y-axes. C and D) Cropped images of pollen at 24-hour timepoint show bursting and germination when inoculated 
with A. pollinis SCC477 (C), and germination in control with no microbe inoculation (D).  
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Figure S4: In-lab opened Eschscholzia californica have low contamination on anthers. Related to Figures 1.2-
1.4. To verify that flowers collected prior to opening that were allowed to open naturally in lab were relatively free 
of contaminants, we plated the anthers (removing with sterile tweezers, rubbing across surface of plate to spread 
microbes and pollen) of lab-opened and outside-opened flowers onto multiple media types. Column labels indicate 
where flowers opened prior to anther/pollen plating. Row labels indicate media type: Reasoner’s 2A agar (R2A), 
Tryptic soy agar (TSA), Yeast media agar (YM). Red circles indicate colonies on plates growing from in-lab 
flowers. We found very few colonies on the lab-opened flowers (Figure S4), which were unidentifiable (no matches) 
by MALDI- TOF. Some of the identifiable colonies from outside-opened flower plates were: Pantoea agglomerans 
(species level support), Pseudomonas (genus level support), Neokomagateae (genus level support), and Bacillus 
(genus level support). Filamentous fungi were common in outside-opened flowers but unidentifiable by MALDI-
TOF.  
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Table S1: Polygalacturonase activity of strains used in Chapter I      

Strain Species Clearance zone Total 
reps 

Reps showing 
clearance 

Accession numbers and locus 
tags of Acinetobacter 
assigned pectinase genes 

     

P. carotovorum  P. carotovorum Clearance 9 9 
 

     

EC52 M. reukaufii No clearance 9 0 
 

     

SCC474 A. pollinis Slight 9 3 Not yet described      

SCC477 A. pollinis Slight 9 3 Not yet described      

ANC4422 A. boissieri No clearance 9 0 NZ_FMYL01000001.1, 
BLS38_RS01625  
BLS38_RS12295 

     

BB362 B1 A. nectaris No clearance 9 0 NZ_KI530734.1, P256_RS09450; 
NZ_KI530712.1, 
P256_RS02650 

     

A. apis A.  apis ND   NZ_FZLN01000001.1 
SAMN05444584_0345, 
NZ_FZLN01000002.1 
CFY84_RS07245 
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Table S2: KEY RESOURCES TABLE SOURCE IDENTIFIER 
Bacterial and virus strains  

Acinetobacter pollinis SCC474  Isolated from floral nectar NCBI:txid2605270 
ATCC: TSD-214 

Acinetobacter pollinis SCC477  Isolated from floral nectar NCBI:txid2605270 
Acinetobacter boissieri ANC4422 Isolated from floral nectar NCBI:txid1219383 
Acinetobacter nectaris BB362 Isolated from floral nectar NCBI:txid1219382 

Acinetobacter apis  
Isolated from Apis mellifera, 
provided by Sergio Álvarez-
Pérez 

NCBI:txid1229165 

Metschnikowia reukaufii  Isolated from floral nectar NCBI:txid27327 
Pectobacterium carotovorum  Provided by Robert Gilbertson NCBI:txid555 
Biological samples 
Eschscholzia californica pollen UC Davis Arboretum N/A 
Chemicals, peptides, and recombinant proteins 
cetyltrimethylammonium bromide (CTAB) Chem-Impex  Cat. no 01781 
alpha-cyano-4-hydroxycinnamic acid (HCCA) Sigma Aldrich Cat. no 70990 
Reasoner’s 2A agar (R2A) Thermo Fisher Scientific Cat. no DF1826171 
Yeast extract Media (YM) Teknova Cat. no Y0750 

Polygalacturonic acid (PGA) Thermo Fisher Scientific Cat. no 
AAL0420614 

Tryptone US Biotech Sources Cat. no T01PD-500 
Soytone US Biotech Sources Cat. no SP1PD-500 
NaCl Fisher Chemical Cat. no 5271-500 
D-Fructose VWR Chemical Cat. no 0226-1KG 

SuperPure Agar US Biotech Sources Cat. no A02MG-
500 

Cycloheximide ACROS Cat. no 357420250 
Chloramphenicol Fisher Scientific Cat. no BP904-100 

Phosphate buffered saline (PBS) Sigma LifeScience Cat. no D8537-
500ML 

Sucrose Fisher Chemical Cat. no 5271-500 
Boric acid Fisher BioReagents Cat. no BP168-1 

Calcium nitrate Fisher Scientific Cat. no 
AC423530250 

Magnesium sulfate Alfa Aesar Cat. no 11596 
Potassium nitrate Fisher Scientific Cat. no AA1344322 
Formic acid Sigma Aldrich Cat. no F0507-1L 

Yeast extract UC Biotech Sources Cat. no Y1003-
1001 

Critical commercial assays 
Pierce Modified Lowry Assay Kit Thermo Fisher Scientific Product 23240 
Deposited data 
Supplementary data: Nectar bacteria stimulate pollen 
germination and bursting to enhance their fitness Dryad Data Repository https://doi.org/10.2

5338/B8BS75 
Supplementary code: Nectar bacteria stimulate pollen 
germination and bursting to enhance their fitness Dryad Data Repository https://doi.org/10.2

5338/B87045 
Video S1: Nectar bacteria stimulate pollen germination 
and bursting to enhance their fitness Dryad Data Repository https://doi.org/10.2

5338/B83928 
Software and algorithms 
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ImageJ/ FIJI2 (v2.0.0) Schindelin et al, 2012 https://imagej.nih.g
ov/ij 

Bruker- Ultraflex III FlexControl/ FlexAnalysis (v. 3.4) Bruker Daltonic N/A 
MALDI Biotyper Compass Explorer (v. 4.1.70) Bruker Daltonic N/A 

RStudio 1.2.1335 RStudio Team, 2020 https://www.rstudio
.com 

R 3.6.2 R Core Team, 2020 https://www.r-
project.org 

Key Resources Citations: 
 
Schindelin, J., Arganda-Carreras, I., Frise, E., Kaynig, V., Longair, M., Pietzsch, T., Preibisch, S., Rueden, C., 
Saalfeld, S., Schmid, B., et al. (2012). Fiji: An open-source platform for biological-image analysis. Nat. Methods 9, 
676–682. 
 
RStudio Team (2020). RStudio: Integrated Development for R. Rstudio PBC. 
 
R Core Team (2020). R: a language and environment for statistical computing. 
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Appendix II 

 

Fig. S1- Soil sample microbial composition. Soil samples were collected from each site, from ~2” beneath the 

surface, within the area of the nesting aggregation but not touching any nest. They were analyzed separately from 

the rest of the samples due to very low read count (note y axis), using a less stringent pipeline, and without using 

Decontam. Nocardiodes and Streptomyces (circled in key) were present in soil at Bodega Head but not found at 

McClure’s. In separate analysis of fungal reads, no reads passed merge step: manual analysis showed there were 20 

total reads in the McClure’s soil sample, two of these reads were M. spathulata (BLAST), the rest were non-fungi. 
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Fig. S2- Bacterial and fungal alpha diversity by developmental stage and sample type. Alpha diversity metrics 

(y axis) by sample type (x axis). No ASVs removed. (A-C) Bacterial alpha diversity: Observed alpha diversity 

sample type (x axis) is significant globally but no comparisons remain significant after P value correction. (Kruskal-

Wallis 𝜒2= 22.838, df = 11, p= 0.01863). Shannon index does not differ globally by sample type (Kruskal-

Wallis  𝜒2= 16.616, df = 11, P value > 0.05). Simpson diversity metric does not differ globally by sample type 

(Kruskal-Wallis  𝜒2 = 15.295, df = 11, P value > 0.05). (D-F) Fungal alpha diversity varies significantly by sample 

type in all measurements (Observed: Kruskal-Wallis  𝜒2= 51.8, df = 11, P value = 3e-7; Shannon: Kruskal-

Wallis  𝜒2= 39.4, df = 11, P value =4.5e-5;  Simpson: Kruskal-Wallis  𝜒2 = 26.9, df = 11, P value = 0.005).  
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Fig. S3- Overlap of Actinobacterial ASVs with environmental ASVs does not fully explain acquisition. To 

assign ASV presence within a sample, we used a cutoff of 0.1% relative abundance, and filtered to only ASVs 

assigned to Actinobacteria. A) Three ASVs: ASV_29, ASV_78, ASV_471 (Assigned as Nocardioides, 

Mycobacterium, and order: Frankiales, respectively) were found to occur in all sample groups (eg, adult, brood cell, 

environment). ASV_29 was found in 53.2% of all samples, ASV_78 was found in 23.9% of all samples, ASV_471 

found in 4.3% of all samples. The mean relative abundances (in samples where the ASV was found) are ASV_29 

mean= 0.017 SD= 0.014; ASV_78 mean = 0.015, SD= 0.015; ASV471 mean= 0.0013 SD=0.01. In total, 64 

Actinobacteria ASVs overlap between brood cell and environmental samples, which represents less than one fifth 

(17.7%) of the Actinobacterial ASVs found in brood cell samples. Brood cell n=69, environment n=15, adult n=2. 

B) Histogram of the 64 ASVs shared between brood and environmental samples, showing their representation in 

environmental samples. The vast majority (54 ASVs, 90%) of these ASVs were found in only one or two 

environmental samples (the first two bars on the left). The environmental samples contributing the most shared 

Actinobacterial ASVs were: Radish flower (15x flowers bulked) which contained 31 shared ASVs, and Sea Daisy 

(3x flowers bulked), which contained 27 shared ASVs. 
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Fig. S4- Top 20 bacterial genera comprise the majority of reads in each stage, in varying abundances. Data 

subset to include only ASVs belonging to the 20 most abundant genera, and the white space indicates proportion of 

sample comprised by additional genera. ASVs are grouped and colored by genus, shown as relative abundance in 

sample. Each bar represents one sample, and samples are grouped by stage.  
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Fig. S5- Fungal communities shift with bee development. NMDS plot of Bray-Curtis distance, with color 

indicating stage of brood cell development. Larger semi-transparent dots indicate centroids, with lines from centroid 

to each point in the group. Triangular centroids indicate provision samples. Fungal- NMDS (stress=0.09) global 

PERMANOVA shows significant difference between stages (R2=0.28, F=3.52, P value <0.001). Pairwise 

PERMANOVA of stages (P value <0.05, FDC corrected) indicated with lettering on figure key. N=71. 

 
  



128 
 

 
Fig. S6- Two ASVs of Moniliella spathulata comprise the majority of fungal reads in most brood cell samples 

and are found at both sites. Relative abundance data is shown, subset only to the top two ASVs in the fungal 

dataset, which are both assigned to Moniliella spathulata. Each bar represents one sample, samples are separated by 

stage or sample type and by collection site.  
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Fig. S7- Streptomyces ASVs are variable in brood cells, but major ASVs are likely represented by isolated 

strains. A) Relative abundance data is shown, subset to only show Streptomyces genus from the bacterial dataset. 

Each bar represents one sample, samples are separated by stage. Top three ASVs by total read abundance are labeled 

in the key (ASV_5, ASV_3, ASV_14, respectively).  B) Streptomyces isolate 16S rRNA gene sequences match the 

sequenced region (V5/V6) of two abundant ASVs. Alignment created via MUSCLE v. 5.1. The most abundant 

Streptomyces ASV, ASV_5, matches exactly with isolates BH55 and BH104, while ASV_14, the third most 

abundant Streptomyces ASV, matches exactly with isolates BH34 T and BH97. C) Relative abundance of ASVs 5 
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and 14 (combined, in red), which correspond to isolated Streptomyces strains (“isolate”), compared to other ASVs 

within Streptomyces genus that did not align with isolated strains (“Not isolate”, in blue). 
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Fig. S8 – 16S rRNA gene phylogenetic tree showing the position of Streptomyces isolates from A. bomboides 

amongst closest phylogenetic neighbors. Alignment constructed with MAFFT using default parameters (method= 

L-INS-i), followed by tree construction using conserved sites (1203 sites, method= neighbor-joining, model= Jukes-

Cantor, bootstrap resampling = 1000). Bootstrap support for each node is indicated as a percentage, calculated from 

1,000 randomly re-sampled datasets. Isolates from this study were sequenced with Sanger using 27F/1492R primers, 

they are shown in red and are labeled with an asterisk (See Ch.2 Methods for Accession Numbers). Other sequences 

were obtained from NCBI, accession numbers follow double underscore after isolate name.  
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Appendix III 

R Code for Figure 3.3  
 
#packages 
library(rJava) 
library(UpSetR) 
library(tidyverse) 
library(grid) 
 
rawSets1<- read.csv("~/Strep_isolates_BGCs.csv", 
header = TRUE, sep = ",", stringsAsFactors = FALSE) 
 
#Fig. 3.3# 
 
quartz() 
upset(rawSets1, 
  nsets = 9, point.size = 3.5, line.size = 1.5, 
  mainbar.y.label = "Number of BGCs", sets.x.label = "Total BGCs", 
  intersections = 
list(list("BH106","S.fractus","S.endophyticus","BH034","BH097","BH055","BH104","BH105","S.kunmingen
sis"), 
                        list("BH106","S.fractus"), 
                        list("BH034","BH097"), 
                        list("BH055","BH104","BH105"), 
                        list("BH055","BH105"), 
                        list("BH104"), 
                        list("S.fractus"), 
                        list("S.endophyticus"), 
                        list("BH034","BH097","BH055","BH104","BH105"), 
                        list("BH055"))) 
#Fig. S1# 
quartz() 
upset(rawSets1, 
  nsets = 9, point.size = 3.5, line.size = 1.5, 
  mainbar.y.label = "Number of BGCs", sets.x.label = "Total BGCs") 
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Figure S1- Upset plot showing biosynthetic gene cluster overlap between bee isolates (S. solapis sp. nov., two 

clades, S. nidicoloris sp. nov., S. endophyticus, and S. fractus). Total number of BGCs in each species or group 

indicated on far left as black horizontal bars. Filled in dots indicate individuals or groups, with the bar directly above 

the dots indicating the number of unique BGCs in that individual or group. Made with UpsetR package. Related to 

Figure 3.3. 
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Table S1 -dDDH 

dDDH table from DSMZ server showing dDDH values between new isolates (in green) and known species (in blue). 

d0 values formatted to show color ranging from red (low d0, low similarity) to green (high d0, high similarity), 

followed by the confidence interval and the difference in GC percentage.  
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Table S2- Biosynthetic gene clusters 

All biosynthetic gene clusters in the analyzed genomes listed down left side, showing antiSMASH assigned Type 

and most similar BGC cluster (‘sim_cluster’). The following columns represent each genome (bold), with 

colored/filled areas indicating that the BCG in that row is present in that genome, the percentage is the assigned 

similarity to the closest known cluster. After the genome columns, the next three columns (13-15) indicate whether a 

BGC (row) is unique to S. solapis, and then to which clade (if it is unique to only one of the clades). These unique 

BCGs (their closest known cluster) is shown again in the last column. 

 

 

Table S3: Media recipes:  

TSA: 

 1000 mL DI H2O 

 15 g tryptone 

 15 g agar 

 5 g soytone 

 5 g NaCl 

 50g fructose  

 1mL cycloheximide (@ 100 mg/mL in methanol, after autoclaving) 

MYM: 

1000 mL DI H2O 

4 g Maltose 

4 g Yeast Extract Oxoid 

10 g Malt Extract 

15 g agar 

OA: 

1000 mL DI H2O 

40 g pulverized oatmeal 

15 g agar 

 YM: 

1000 mL DI H20 

3 g malt extract 

 5 g Bacto Peptone 

 10 g glucose 

 10 g agar 

 3 g yeast extract 

500 µL chloramphenicol (@ 100 mg/mL in methanol, after autoclaving) 

 




