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ABSTRACT OF THE DISSERTATION 

 

Roles of Matrix Ligand Tethering and Density in Stem Cell Differentiation and Migration 

 

by 

 

Jessica Huai-Chao Wen 

Doctor of Philosophy in Bioengineering 

University of California, San Diego, 2015 

Professor Adam J. Engler, Chair 

 

 The ability of cells to interact with their surrounding extracellular matrix plays an 

important role in the regulation of cell functions. Receptors on cell surfaces allow for 

cells to adhere to adhesive matrix ligands such as fibronectin or collagens. These 

interactions, critical to many physiological processes including differentiation and 

migration, are impacted by biological cues such as ligand composition and ligand density 

and physical cues such as stiffness, fiber diameter, and pore size, all of which change 

constantly during normal physiological processes as well as during pathological repair. 

This dissertation involves investigating these interactions in vitro on a 2D polyacrylamide 
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hydrogel platform in order to closely examine how cells interact and deform substrates of 

physiologically-relevant stiffness to generate tractions required for migration and stem 

cell differentiation.  

Although stiffness has been shown to be a key regulator of stem cell 

differentiation, and stem cells have the tendency to undergo durotaxis, or migrate towards 

regions of increasing stiffness, the role of cell adhesion to specific matrix ligands plays in 

these processes has not been fully resolved. Here, we examine the interplay between 

extracellular matrix cues such as fibrous protein tethering, porosity, and adhesive ligand 

density in driving mesenchymal stem cell differentiation and migration.  

Stiffness has long been shown to determine stem cell fate. In this dissertation, we 

create substrates of similar stiffness with varying degree of fibrous protein tethering and 

show that although cells potentially “feel” differences in tethering to a 2D pliable 

substrate, the degree of tethering has no effect on stem cell differentiation, and does not 

change how cells deform the underlying hydrogel substrate. We find that mesenchymal 

stem cells are insensitive to both fibrous protein tethering and adhesive ligand density. 

However, reducing cell-substrate adhesion via blocking a fraction of surface integrin 

receptors can increase sensitivity to adhesive ligand density; stem cells that have been 

treated with integrin-specific peptides will undergo haptotaxis, and migrate towards 

regions of increasing adhesive ligand density. By contrast, untreated fibroblasts have the 

innate ability to respond to ligand gradients, indicating that given similar 

microenvironments, compared to stem cells, fibroblasts may be inherently more sensitive 

to matrix ligand density. This work reaffirms the importance of substrate mechanics in 

regulating the signaling pathways that guide stem cell fate and provides further insight 
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into how cells interact and deform the adhesive ligand coating and the underlying 

polyacrylamide hydrogel, the two major components of a traditional 2D cell culture 

platform used to study the effect of linearly elastic mechanical properties on cell behavior.  



1 

Chapter 1 
 
 
 
 

Cell Mechanics on Surfaces 
  



! 2 

Introduction 

Cells have the amazing ability not only to sense how stiff their surrounding is but 

can also physically respond to changes in stiffness. Examples of this cellular response 

include migration following a stiffness gradient1-3 and differentiation towards different 

lineages depending on the substrate stiffness.4 Historically, cell culture in vitro is 

performed in a petri dish made of tissue culture plastic, a material that is extremely stiff 

compared to native tissue stiffness in vivo. Only in recent years has it been shown that the 

use of tissue culture plastic neglects the significant influence substrate mechanics or 

elasticity (more commonly referred to as “stiffness”–albeit incorrectly–in a biological 

context) can have on cell behavior. This chapter will provide information on how to 

fabricate more in vivo like materials by carefully controlling substrate stiffness. Before 

doing so, the terms “stiffness” and elasticity need to be defined. 

 

What is Elasticity and Stiffness? 

Elasticity is a physical property of materials that describes their ability to undergo 

deformation and return to their original shape after a previously applied stress or 

deformation is released; it may be described as linear or nonlinear. An ideal, fully elastic 

material exhibits linear elasticity where there is a constant relationship between the 

amount of deformation an object undergoes and the force that had to be placed on the 

surface of that material to cause the deformation. Perhaps the simplest illustration of a 

linear relationship in physics is a spring. In 1678, Robert Hooke proposed the linear 

relationship of force and displacement in an ideal spring: F=kx, where F denotes the 

force, k is the spring constant and x is displacement of the spring. This physical law, 
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commonly known as Hooke’s Law, describes a constant relationship between force and 

displacement. A material with non-linear elasticity, or in this case a non-linear spring, 

would thus have a varying relationship between F and x. Most real materials, especially 

biological materials, exhibit a combination of linear and non-linear elastic behavior. 

 

 

Figure 1.1: Stress-strain behavior and elasticity in tissues. (A) Diagram of Newtonian (ideal) behavior 
of a linearly elastic material (solid line). A typical stress-strain curve for a tissue (dashed line) has both 
linear and non-linear regimes corresponding to cells and matrix within the tissue differentially undergoing 
strain. An illustration of how a material is put under stress and strain to make this measurement is inset. (B) 
Young’s moduli for the biological materials indicated (colors) as well as how diseases can alter moduli 
from overexpression of matrix or other mechanisms (black). 
 

When an external force is applied to a material, it is internally compressed 

(stressed) and subsequently deforms (strains). In mechanics, the intrinsic property of a 

linear elastic material is called the Young’s Modulus (E), which describes the ratio of 

uniaxial stress–the amount of force applied through a cross-sectional area–divided by the 

uniaxial strain–the normalized deformation of the material, e.g. the change in length 
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divided by the original length of the material (Figure 1.1A inset). The material’s Young’s 

Modulus is thus defined as the slope of the stress versus strain curve and is measured in 

Pascal (Pa) or Newton per square meter (N/m2). In the human body, tissue may be as stiff 

as several GPa (bone) or as soft as only few Pa (fat) (Figure 1.1B) but most biological 

materials have a “toe” region, where the tissue is non-linearly elastic and then appears 

linear over a range of small strains before transitioning into a non-linear regime at larger 

strains (Figure 1.1A). Non-linear elasticity is described by finite strain theory, and in 

most cases this transition occurs when the external stress causes plastic deformation or 

yielding, a non-reversible change of shape of the material. While this is just one example 

of non-linear elasticity among many other types, we will limit the description here to 

biomaterials.  

A commonly observed effect of non-linear elasticity is strain stiffening. In 

biological networks, e.g. cross-linked fibrin scaffolds formed after an injury to prevent 

bleeding, materials have an increased modulus with increased load. Because biological 

networks, e.g. ECM, are composed of long protein chains, the onset of strain stiffening 

can occur suddenly and irreversibly. While these matrix networks can move and deform 

freely under small strains, the force needed to further deform the network increases 

drastically once the connecting proteins within the network are maximally unfolded and 

then begin to stretch. Another important example of non-linear elasticity is anisotropy, or 

exhibiting directionally-dependent properties, and an often cited example is cortical bone: 

its axial and transverse moduli are 23.45 GPa and 16.58 GPa.5 

The complex fibrous entangled characteristic of many network-based biological 

materials and biomaterials is responsible for deviation from the linear elasticity theory, 
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even at small strains, and prevents these materials from being described as perfectly 

elastic. These networks, found in almost every biological material including cells, are 

well hydrated and the transport of water and other solvents during compression or tension 

can modulate how the rate of applied stress influences the strain response, i.e. 

viscoelasticity, which will be discussed at length later in this section of the chapter. While 

the initial shape may be restored after release of previously applied stress meeting the 

first criterion of linear elasticity, strain becomes dependent on time, fluid viscosity, and 

network pore size. A viscoelastic material, which describes most biological tissues, can 

have an elastic region on the stress strain curve, and are thus approximated as elastic at 

certain stresses and strains without being truly elastic. An in depth discussion of the 

biomechanical properties of biological materials can be found in Fung.6 

The Young’s Modulus is a measure for the strain response due to a normal stress 

applied perpendicular to the surface, a simple characterization for completely elastic 

materials. However, because many biomaterials are viscoelastic, it is important to also 

define the Shear Modulus (G), a measure for the strain response due to a shear stress 

applied parallel to the surface. The Shear Modulus is related to the Young’s Modulus via 

the Possion’s Ratio (v) such that E = 2G(1+v). Poisson’s ratio is the ratio of the 

contraction or transverse strain applied perpendicular to the load, to the extension or axial 

strain applied parallel to the load.6 Perfectly incompressible materials maintain their 

volume under stress because their axial elongation is perfectly balanced by an inward 

lateral strain resulting in a Poisson’s ratio of 0.5 (e.g. rubber7). Perfectly compressible 

materials do not maintain their volume under stress and have a Poisson’s ratio of 0 (e.g. 

cork8). However, most real materials display both compressible and incompressible 
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behavior creating biomaterials with Poisson’s ratios ranging between 0 and 0.5. It must 

be noted here that the relationships between E, G, and v may not apply for non-linear 

elastic materials. As a result, it is important to keep this in mind when choosing or 

comparing experimental methods to measure stiffness. 

This chapter will first 1) focus on methods of measuring substrate elasticity, i.e. 

biomechanics, then 2) provide a discussion of how biomaterials may be fabricated and 

tailored to a desired stiffness to drive cell behavior, and finally 3) describe the 

mechanical interactions of cells with their surroundings, i.e. mechanobiology.9 Before 

beginning these discussions, however, it is important to place these concepts in the 

context of a cell. First, cells move and interact with their surroundings rather slowly (with 

exception of e.g. contracting muscle cells), and given the time scale of this interaction, 

the elastic component of most viscoelastic biomaterials should dominate. Consequently 

in most cases, the elastic component of stiffness has been measured while viscous 

contributions are not described. Second, cells interact and “feel” their surrounds at the 

micrometer length scale. Should heterogeneity exist in a material at that length scale that 

is not well represented in bulk measurements, cell behavior may be less predictable. Thus 

the elasticity measure method needs to be done with length scale in mind. Stiffness of a 

material may vary significantly if measured on a microscopic level compared to a 

macroscopic level, as has been shown for polyvinyl pyrrolidone.10 

 

Measuring and Quantifying Stiffness 

Mechanical properties of solid elastic materials can be easily measured via tensile 

or compression testing, but as previously mentioned, most biological materials and 
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biomaterials used in cell culture are viscoelastic. The most common set of methods used 

to measure the relationship between deformations and resultant stresses of fluid-like 

materials is rheometry. A rheometer measures the macroscopic shear properties of 

viscoelastic materials by applying a force parallel to the material’s surface rather than 

perpendicular as with tensile or compressive loading. For linearly elastic materials, 

macroscopic properties directly translate to microscopic properties, which is an important 

point in continuum mechanics.6 While the properties determined using a rheometer can 

be useful when describing different surfaces for cell culture, a more complete description 

of the surface’s mechanics is perhaps more useful as most biomaterials display nonlinear 

elasticity. In the following discussion we will give a brief overview of the methods that 

may be used to create a more complete material description and the mechanical 

parameters used to accomplish this, most notably Shear moduli (G’, G”), Young’s 

Modulus (E), and Bulk Modulus (K). For materials that exhibit linear elasticity, well 

defined relationships have been established between the individual moduli exist. 

Consequently, it is sufficient to measure just one modulus, which can be used to derive 

the others. G’ is commonly measured by a rheometer, which spins a plate inside the 

liquid of interest creating a shear force. E is commonly obtained by measuring the strain 

response to a linearly applied stress. There is currently no commonly used technique to 

measure K as stress needs to be applied and measured in all 3 dimensions simultaneously. 

The following section of this chapter describes methods of how to measure the moduli of 

both linearly elastic and non-linearly elastic materials. 

 

Measuring Linearly Elastic Properties 
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A rheometer (Figure 1.2A, left shown with a cone-and-plate configuration) is the 

most commonly used device to measure shear modulus (G’). Although rheometers are 

traditionally used in material science to describe properties of viscous fluids, they have 

been also utilized in biomaterial science for viscoelastic materials such as hydrogels. 

While there are many different types of rheometers that can be used to measure fluids 

properties, soft materials are usually probed by a shear rheometer, a device that applies 

shear stress by rotating a disc or cone that is in contact with the material on one side 

while on the opposing side the material is in contact with a fixed, flat plate. The velocity 

of the disc measured in rotations per minute (rpm) has to be adjusted to the viscosity of 

the sample as detected by the force felt by the opposing, fixed plate. The stiffer, and thus 

more viscous the sample is, the lower the rpm of the probe. For stiffer materials, probe 

can be rotated back and forth. Rheometers are also used to measure viscous responses or 

loss moduli (G”) in materials; this discussion will continue in the non-linear elasticity 

section below. 

While a rheometer applies a force parallel to the material’s surface to measure the 

Shear Modulus in complex viscous fluids and solid materials, the Young’s Modulus of a 

solid material can be more directly accessed by indentation perpendicular to the surface 

or extension of one end of the material relative to the other fixed end. Most simply put, a 

stress is applied perpendicular to the surface of the material, and the strain response of the 

material as a result of the applied stress is measured. The Young’s Modulus (E) is defined 

as stress (σ) divided by strain (ε). Stress σ is F/Ao, where F is the magnitude of force 

applied, and Ao is the initial cross sectional area of the samples. Strain, ε, is most often 

described as the changes in length divided by the original length or ΔL/Lo. For 
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macroscopic materials, E can easily be obtained by measuring the applied load and 

deformation during compression loading. This is commonly done in compression testing 

where the load is being applied by a macroscopic plate that covers the entire sample 

resulting in a single E measurement for each sample. However, if the microscopic 

properties or stiffness heterogeneity of a sample are of interest as is sometimes the case in 

hydrogels,10 the contact area of the applied load to the sample must be extremely small—

from centimeters down to nanometers. This type of microscopic indentation 

perpendicular to the surface is typically achieved by pushing a probe or indenter with a 

well-defined shape directly into the sample,11 and it is most often performed using an 

Atomic Force Microscope (AFM; Figure 1.2A, right). Upon recording the load and 

displacement generating a load-indentation curve, Young’s Modulus can be calculated 

using the known contact area of the indenter, typically a sphere or a pyramid, and the 

sample.   

In addition to indenter probe size, indentation depth is important to control and 

should be limited. That way, the strain field should decay before reaching the underlying 

rigid support to which the material is bound.12 If this does not occur, the indenter will 

essentially “feel” the underlying substrate. Limiting indentation depth is also important 

because it ensures that the contact area will always be known; should indentation 

geometry change, that needs to be accounted for by correction terms in the analysis 

methods. Most often, these correction terms modify these methods by multiply them with 

a Taylor series expansion in material thickness.13 A key advantage of indention methods 

is that the size of the indenter can be scaled down to nanometers, and with the small 

indenters, indentation depth can be significantly reduced thus ensuring accurate detection. 
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This is most important when measuring the mechanics of thin cells cultured on a thick, 

rigid substrate such as tissue culture plastic. With nanometer indentations, the indenter 

avoids “feeling” the underlying stiff plastic substrate. Minimizing indentation depth for 

biological materials is also critical because at larger strains, these materials may exhibit 

non-linear elasticity; mimicking the relevant forces and length scales is crucial.  

Knowing the considerations for making small mechanical measurements by 

indentation, we will now more formally introduce the technique of AFM indentation. 

AFM is a technique originally designed for scanning surfaces in nanometer resolution, 

but also has excellent force resolution (Figure 1.2A, right). The indenter, again usually a 

triangular-pyramidal or spherical tip, is attached to a cantilever beam. When the indenter 

approaches the substrate surface controlled by piezoelectronics, the cantilever bends 

following Hooke’s Law, i.e. the force acting on the sample can be calculated by 

measuring the deflection of a laser spot reflecting from the top of the cantilever and 

multiplying that by the spring constant of the cantilever. The depth of indentation, i.e. 

how far the probe pushes into the sample, can be obtained from the force-distance curve. 

Knowing the geometry of the indenter and indentation depth, one can now compute the 

contact area of indenter probe and sample. The force-indentation curve can now be fitted 

with F(d)=ld, where F denotes the force of indentation, and d denotes the depth of 

indentation.14 The term l and the exponent b depend on the geometry of the indenter 

probe; a table of different values for l and b can be found in Lin et al.14    

Besides simply indenting the sample surface in the z-direction with an AFM to 

determine elasticity at a given point, spatial x homogeneity of a material can also be 

obtained using piezos actuators in the x and y planes to move the sample in precise 
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fashion. The heterogeneity of a sample can be assessed anywhere between nanometer and 

millimeter resolution using AFM depending on indenter size and how regular of an 

indentation grid the user makes when examining the sample’s surface. 

 

Figure 1.2: Measurement methods for surface mechanics. (A) Illustration of a cone-and-plate shear 
rheometer (left) and an Atomic Force Microscope (AFM) based indentation (right). (B) Oscillatory 
frequency sweeps from cone-and-plate rheometry on polyethylene glycol hydrogels of different mixing 
ratios indicated by the circles and diamonds. Storage moduli (G’) are indicated by filled data points while 
loss moduli (G”) are indicated by open data points. Reproduced from Lu et al.15 (C) Schematic of a 
hysteresis effect in a viscoelastic material with arrows to indicate indentation and retraction of the indenting 
probe. (D) General stress-strain relationship in an elastic and viscoelastic material. (E) Data shown are 
storage moduli (G’) at 10 rad/s over a range of dimensionless strain γ for F-actin, fibrin, collagen, vimentin 
and polyacrylamide, and shear modulus (G) for fibrin and neurofilaments, plotted over the same a range of 
dimensionless strain γ. Linear behavior indicates elastic responses. Reprinted from Storm et al.16  
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Measuring Non-linearly Elastic Properties 

Methods to measure the moduli of non-linear elastic materials typically utilize the 

same general tools and concepts as those for linear elastic materials but with 

modifications to the modes of operation. The vast majority of biomaterials display non-

linear elastic behavior due to viscoelasticity, and can be described by several constitutive 

models including the Standard Linear Solid, Maxwell, and Kelvin-Voigt models. These 

constitutive models require specific material properties including moduli and relaxation 

constants that must be previously measured. For a more complete discussion of these 

viscoelastic models, please see discussions from Fung.6 The strain response of a 

viscoelastic material is dependent on the rate of the applied stress because the viscous 

portion of the material relaxes or flows with time. To account for this, the rheological 

description of such materials is frequency dependent: by applying an oscillatory 

(sinusoidal) stress in shear or compression slower or faster, more fluid-like or solid-like 

moduli can be determined, respectively. The elastic or solid-like portion is described by 

the Storage Modulus (G’), a measure of energy stored, and is usually higher at higher 

frequencies for biological materials and biomaterials. The viscous portion is described by 

the Loss Modulus (G”), a measure of energy dissipated due to friction or flow of the 

material. The Dynamic Modulus used to describe viscoelastic materials is a combination 

of both the Storage and Loss moduli with all three being frequency dependent. Hydrogels 

such as the PEG system shown in Figure 1.2B15, can be easily measured using rheology 

and show a solid to liquid transition, i.e when G’ > G”, typically around 1 Hz. In the 

context of the cell, materials should appear solid-like since individual actomyosin 

contractions occur at frequencies well above the transition point. Within a cell, the creep 
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response, stress relaxation response, and the bulk modulus all follow a power-law 

behavior, which is more commonly attributed to the behavior of soft glassy materials.17 

What drives this response is likely the macroscopic arrangement of stress fibers and 

actomyosin cross-bridging cycles.18 Aside from the cells themselves, these frequency 

behaviors in shear and loss moduli should be maintained. 

 A viscoelastic material also can exhibit hysteresis (energy loss in a stress-strain 

curve), stress relaxation (constant strain causes decreasing stress) and creep (constant 

stress causes increasing strain). As shown in Figure 1.2C (top), material indentation is 

often an easy way to observe hysteresis. For linear materials, indentation and retraction 

curves should overlap, but in a non-linearly elastic or viscoelastic material, the two 

curves will often not overlap. Subsequent indentations can also shift as residual stress 

builds in the material over multiple indentation cycles. Besides viscoelasticity, the other 

major contributor to non-linear elasticity of biological materials is strain stiffening. As 

the stiffness increases with increasing strain, oscillation amplitude of the cone when 

using a rheometer, or the indentation depth when using a nanoindenter or AFM can be 

increased. Resulting elastic moduli are then reported based on their dependence on strain.  

Overall, measurement methods essentially cycle through four different states, and 

depending on the shape of the material’s response data, one can predict more elastic, 

viscous, or viscoelastic behavior. Elastic materials, when loaded normal to their surface 

in compression or tension will compress (“negative” strain) or will expand (“positive” 

strain) (Figure 1.2D). Viscoelastic samples will have stress and strain responses out of 

phase, with the general relationship in the material being σ (ωt) = G’γ sin(ωt) + G”γ 

cos(ωt) where γ is strain, ω is the phase lag, and t is time. Thus at some time when the 
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stress is at a maximum, strain is out of phase and is not yet at a maximum. This is often 

shown in the form of a Lissajou plot where the phase lag is illustrated. Additional 

discussion of these plots and viscoelastic biomaterial characterization is provided by 

Ferry19 and Fung.6 For the simple purposes of describing biomaterials, current convention 

dictates reporting shear and loss moduli. There are a variety of material behaviors in 

biological materials and biomaterials, noteably strain-stiffening as shown from the non-

linear, positive slopes for data in Figure 1.2E. We will next attempt to introduce those 

substrates. 

 

Controlling Substrate Stiffness 

The first two-dimensional tissue culture experiments, conducted by Wilhelm 

Roux in 1885, grew the medullary plate of embryonic chickens on glass plates. Two 

years later, Julius Petri created the first glass petri dish, and plastic (usually polystyrene) 

versions of his original design have been used for cell culture ever since. It is not hard to 

see why glass and hard plastic substrates are popular; they provide an optically clear, flat 

surface where certain cell types spread and divide rapidly. However, these substrates are 

super-physiologically stiff (109 Pa) and many cellular functions, including proliferation,20 

differentiation,13 apoptosis,20 and migration,3 change when cells interact with more 

physiologically stiff substrates (10 – 105 Pa) (Figure 1.1B).21 These observations 

underscore the importance of considering substrate stiffness when engineering materials 

for biological application. 
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Figure 1.3: Controlling matrix stiffness. Illustration of several factors that can modify matrix stiffness. 
 

Material Properties that Determine Stiffness  

The modulus of a polymer is governed by four molecular properties: 

concentration, pore size, network order or crystallinity, chain length (molecular weight) 

and crosslinking (Figure 1.3). Each of the scaffolds mentioned below manipulates one or 

more of these properties to control stiffness. Materials with long polymer chains are 

stiffer because of increased chain entanglement and crystallinity. Increasing the 

concentration of polymer or decreasing the pore size raises a material’s modulus by 

lowering the void volume. Chemical crosslinks prevent polymer chains from sliding 

relative to one another, making the material more resistant to deformation.22 It is these 

properties and their resulting structural organization that dictate material properties 
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including stiffness.23 Whether one uses an amorphous hydrogel or an electrospun fiber 

mesh, structural organization can create additional properties such as anisotropy. For 

example, fiber orientation and thickness can change the effective stiffness of a 

substrate.24 A single fiber is inherently stiffest in the fiber direction and weakest in the 

perpendicular direction.24 If a fibrous material is randomly oriented, the material will 

exhibit the same mechanical properties in every direction (isotropic). On the other hand, 

local fiber organization, e.g. alignment, can cause cells to sense a directionally-dependent 

or anisotropic increase in stiffness and elongate in the fiber direction.25 By exerting small 

forces onto a substrate, cells create deformation fields that decay with distance from the 

cell in a manner that depends on the magnitude of the force and the material’s mechanical 

properties. If the deformation field crosses a material interface (e.g. polymer to glass) or 

if the material is sufficiently thin such that the underlying support is felt, e.g. 2 µm for a 

material with an elastic modulus of 8 kPa12 then the mechanical properties of the 

neighboring material will change the effective stiffness sensed by the cell. Therefore, 

material choice, its structure, and fabrication can all influence cell behavior, and thus an 

in-depth look at biological materials and biomaterials is warranted. 

 

Naturally Derived Scaffolds 

A variety of naturally derived materials have been used as cell culture 

substrates26-31 and a body of literature for controlling stiffness has grown around many of 

them.9,32 Rather than try to describe them all, we will focus on three representative and 

popular materials: collagen, hyaluronic acid (HA), and cell-derived extracellular matrices 

(ECM). 
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Figure 1.4: Cell culture substrates with controllable stiffness. Naturally derived scaffolds for cell 
culture include gels composed of (A) collagen type I (stained with picrosirius red) and (B) hyaluronic acid 
(stained with hematoxylin). (C) The cellular components (pre) can be removed from the cell-derived 
extracellular matrix (post) resulting in (D) a decellularized fibrillar matrix (immunostained fibronectin 
colored green). Synthetic hydrogels used for cell culture include (E) polyacrylamide, (F) polyethylene 
glycol and (G) polydimethylsiloxane. Images courtesy of Jessica Wen, Jennifer Young, Hermes Taylor-
Weiner and Adam J. Engler.  
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Collagen Type I 

Representative of ECM protein hydrogels, collagen readily supports cell 

attachment and spontaneously gels at temperatures suitable for cell culture.29,33 Although 

at least 29 naturally occurring types of collagen have been identified,34 most collagen gels 

are composed of the fibrillar collagens–type I, II, III, V, XI, XXIV, and XXVII-which 

account for approximately 90% of all of the collagen in the body by mass.29 At a 

molecular level, fibrillar collagens are formed by three chains wound together in a triple 

helix. Each chain type is encoded by a specific gene, but these can often be repeated; for 

example, two α1 and one α2 chains comprise type I collagen. This structure is almost 

exactly conserved in vertebrates as well as chordates.35 The chain flexibility necessary to 

form the helix arises from the protein’s repeated amino acid sequence, Gly-Pro-X, where 

X can be any amino acid residue. This sequence also gives rise to sites for natural 

crosslinking, which enables tissues to change collagen mechanics as mentioned below. 

Collagen assembly and mechanics are tightly regulated in vivo. Collagen is 

produced as immature pro-collagen by cells and secreted into the ECM, where the alpha 

chains undergo enzymatic removal of N- and C- terminal peptide sequences.29 Mature 

collagen proteins self-assemble into insoluble fibrils that can be chemically crosslinked 

through glycation,36 mineralization37 and enzymatic alterations.38 These modifications 

can have pathological significance; for example lysyl oxidase catalyzed collagen 

crosslinking maintains a malignant phenotype in breast cancer.39 The mechanical 

properties of many tissues are determined, in large part, by their collagen concentration, 

its organization, and its degree of crosslinking. Conversely, collagen gels in vitro are 

fibrillar (Figure 1.4A) and often formed via non-covalent interactions, e.g. chain 
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entanglement, which can be induced by raising the solution temperature (e.g. 37°C), 

raising pH, or increasing the collagen concentration.33 Importantly, changing collagen pH 

and concentration also alters the chain density and pore size of the resulting gel, affecting 

its stiffness.40 Using only these variables, it is possible to create gels in vitro with moduli 

on the order of hundreds of Pascals, though many tissues rich in collage are much stiffer 

(Figure 1.1B).41 To increase stiffness even further in vitro, chemical crosslinks can be 

formed between the collagen molecules using ribose sugar,36 genipin (a fruit extract),42 

and glutaraldehyde43 among others. Even stiffer gels can be created by doping in a 

second polymerizing solution, creating a composite material or interpenetrating network 

(e.g. agarose/collagen gel44).  Using these techniques, collagen gels with Young’s moduli 

in the range of 101 - 103 Pa may be achieved.21,36,42-44 

There are several advantages to using collagen gels for cell mechanics 

experiments. The gels are bioactive and three-dimensional, allowing cells to bind, 

remodel and migrate through an environment that closely approximates a native 

extracellular matrix. Gel formation is simple and the materials required are commercially 

available. The major limitations include the relatively small stiffness range that can be 

easily achieved and the difficulty of decoupling matrix chemistry from mechanics, i.e. 

changing concentration to increase stiffness also adds more ligand and makes pore sizes 

smaller, thus restricting cell movement.45 Nevertheless, collagen gels are an important 

and widely used substrate for probing cell mechanics. 

 

Hyaluronic Acid 

Glycosaminoglycans (GAGs) are linear polysaccharides that are formed from 
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linked disaccharide units. The sugar chains may be many thousands of repeats long, 

resulting molecular weights in the mega-Daltons, and depending on the type of GAG, it 

may carry a large negative charge.46 In tissues, GAGs are synthesized by cells and can be 

linked to insoluble ECM proteins such as collagen. Hyaluronic acid (HA), a GAG 

abundant in the fluid lubricant of joints and the ECM of many tissues, is commonly 

studied in vitro because of its mechanical properties. HA is unique among GAGs because 

the two sugars that make up its disaccharide repeat unit (N-acetylglucosamine and 

glucuronic acid) do not contain negatively charged sulfate groups. Consequently, the 

molecule exhibits a lower charge density than other GAGs at physiological pH. Instead, 

HA contains an abundance of amide, hydroxyl and carboxylate side groups that make the 

molecule hydrophilic, soluble in aqueous solutions, and easily modifiable for to make 

hydrogel with tailored responses.47 Cell types that express CD44, an extracellular 

membrane bound protein, are able to bind directly to HA and use it as a substrate for 

attachment, migration and proliferation.47  

Unlike type I collagen, solutions of unmodified HA cannot easily be converted 

from a liquid to a gel. The hydrophilic side groups make chain entanglement unfavorable 

and keep HA soluble under physiological conditions. To form a gel, the reactive side 

groups on HA must be chemically modified such that crosslinks can form between the 

chains. This has been accomplished using several different methods,48 with thiolation49 

and methacrylation50 being the most common modifications. Using similar techniques, 

HA can also be linked to bioactive peptides51 or entire proteins52 to enhance integrin-

mediated attachment or elicit a specific cellular response. These modifications result in 

changing the mechanical stiffness of HA hydrogels, but such changes depend on the 
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polymer concentration and the number of crosslinks.53 The amount of crosslinking is 

limited by the degree of modification to the HA; more completely modified HA gels are 

usually stiffer. Most polymerization schemes result in hierarchical HA materials (Figure 

1.4B) with Young’s moduli that are on the order of 101 - 104 Pa.50,54 Hydrogels composed 

of modified HA have also been engineered to undergo controlled stiffening or softening 

by introducing degradable crosslinks that are light sensitive55 or by forming those 

crosslinks gradually over time.56 

The principle advantage to using HA gels to study cell mechanics involves the 

chemical modifications that can be added to the sugar backbone. Many modifications 

available are well characterized and allow for careful control of the gel’s chemical and 

mechanical properties, both statically and dynamically. However, these hydrogels should 

normally also be modified with an adhesive protein to encourage integrin-mediated 

adhesion; CD44 negative cells will not adhere to HA, and for those that do, CD44 is 

loosely cytoskeletally-linked at best.48 Moreover, HA hydrogels may have a limited 

stiffness range depending on the type of modification. 

 

Cell-Derived Extracellular Matrix 

The best approximation for a native ECM that one can obtain in vitro is 

decellularized cell-derived matrix, which can be obtained via detergent solubilization 

methods that allow the matrix to remain intact; this process has become well established 

both for matrices assembled in vitro by cells57 and in vivo by tissues.31 The extracellular 

matrices produced by different cell types are basement membranes, i.e. sheet-like 

structures composed of laminins, collagens, and entactins,58 and interstitial matrices. The 
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latter are three-dimensional web-like structures made up of small protein fibers (less than 

1µm in diameter) non-covalently linked together.23 The interstitial matrix fills the space 

between neighboring cells and gives tissues their structural integrity. Although the 

composition varies dramatically from one tissue type to another, fibronectin, collagens 

and glycosaminoglycans are common components of interstitial matrices.29 Just like 

native extracellular environments, in vitro cell-derived matrices are dynamic and 

complex. The composition and structure of the matrix are cell-type and culture condition 

specific, sometimes making reproducibility difficult. Moreover, extracellular matrices 

undergo constant cell-mediated remodeling during culture and can sequester soluble 

growth factors and cytokines.59 These soluble factors often remain bound throughout the 

decellularization process and affect the behavior of cells reseeded onto the decellularized 

scaffold.60 

  The most common commercially available cell-derived ECM is Matrigel, a self-

assembling basement membrane produced by an immortalized mouse sarcoma cell line.58 

Matrigel can be formed into thin films or thick gels for cell culture by simply raising the 

temperature of the solution to 37° C. Reconstituted, lyophilized matrix derived from 

specific tissues has also become an interesting off-shoot of the work from Ott and 

coworkers.28,61 These reconstituted networks have highly tunable substrate surface 

properties, but may not have the same bioactivity as natural tissue-bound matrix. 

Fibrillar, decellularized matrices, on the other hand, can be created from any cell-type 

that produces sufficient ECM in vitro and thus maintains its structure and activity during 

decellularization. To produce this matrix, the cells of interest, most commonly fibroblasts 

as they produce significant amounts of matrix, are grown on a plastic substrate under 
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confluent conditions that promote ECM production and assembly. After sufficient culture 

time (e.g. ~5-7 days for a 3T3 mouse fibroblast cell line to yield a 10 µm thick ECM), the 

culture can be treated with 1% NP-40, or another mild detergent, to remove the cells but 

leave the insoluble extracellular matrix unperturbed (Figure 1.4C).57 In this protocol, 

unlike experiments using Matrigel, the original ECM structure remains intact and new 

cells can be seeded directly onto the vacant scaffold (Figure 1.4D). 

Cell-derived matrices are generally soft (Young’s moduli in the range of 100-102 

Pa).53,62 The stiffness of hydrogels formed from Matrigel can be controlled by varying 

protein concentration,63 though this has the unintended affect of also affecting ligand 

density and the concentration of soluble factors. Both Matrigel and decellularized ECMs 

can be stiffened using chemical cross-linkers, such as glutaraldehyde23 or 

formaldehyde,64 though the degree of stiffening will depend on the composition and 

structure of the particular ECM. Despite the benefits of having a complex composition 

specifically made by your cells and eliciting some cell-behaviors absent on other 

substrates,65 these substrates suffer from substantial cell-type-to-cell-type and batch-to-

batch variation, especially in the degree of crosslinking and thus the stiffness of the 

matrix. Most substrates are typically soft and can only be stiffened about three-fold using 

chemical cross-linkers, some of which may be toxic above certain concentrations.52  

 

Synthetic Scaffolds 

Although naturally derived materials may closely mimic the extracellular matrix 

in vivo, these natural materials are often have a complexity and variability that make 

reductionist, material and surface science-based studies of cell behavior difficult. An 



! 24 

alternative to naturally derived polymers are synthetic polymer hydrogels, which may 

also be used as cell culture substrates. Three synthetic materials stand out in particular 

when considering surface mechanics regarding cell culture in vitro. Polyacrylamide 

(PA),66 polyethylene glycol (PEG), and polydimethylsiloxane (PDMS)67-69 are well 

defined materials in terms of both structure and mechanics.70,71 All three systems provide 

an extremely controllable and tunable alternative for natural materials when developing 

substrates with highly tunable yet precise stiffness.70 Although these systems may lack 

biological epitopes to probe cell surface proteins, they can be modified such that their 

surfaces or internal structure present cell-appropriate ligands.3,72 

 

Polyacrylamide Hydrogels 

Polyacrylamide hydrogels are synthesized via radical polymerization of 

acrylamide subunits crosslinked with bis-acrylamide. Acrylamide chains are produced 

from the polymerization of acrylamide monomers, and these chains are crosslinked by 

bis-acrylamide  (Figure 1.4E). 71,73 Changing the relative concentrations of acrylamide to 

bis-acrylamide as well as changing the amount of initiator allows for variation of 

hydrogel elasticity. Increasing the relative ratio of bis-acrylamide to acrylamide increases 

crosslinking, which results in increased stiffness. Most commonly, TEMED and 

ammonium persulfate are used to trigger a free radical-dependent polymerization of vinyl 

groups in the acrylamide and bis-acrylamide monomers.73 Alternatively, photoinitiators 

activated by exposure to UV light such as Irgacure or AIBN (azobisisobutyrnitrile) may 

be used instead when wanting to make spatial gradients of stiffness.47 The use of light 

diffusers or photomasks with photoinitiators can allow stiffness to be varied spatially.73 
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With each of these changes, it is important to consider how these affect surface 

mechanics based on the four metrics mentioned in Figure 1.3. For both PA and PEG 

systems, they will alter concentration and polymerization methods to create long chain 

entanglements or produce directly crosslinked hydrogels to modulate stiffness. Tse and 

Enlger have directly shown how crosslink density and entanglement influence stiffness in 

PA hydrogels by direct measurement via atomic force microscopy.74  

 Although PA is inert and non-fouling, surfaces can be covalently functionalized 

with amine-containing peptides or proteins using several strategies. The most often 

employed is photoactivating the surface, making it amine-reactive via heterobifunctional 

crosslinkers, i.e. a crosslinker that has a different reactive group on each end allowing for 

sequential reactions to occur.73 Traditionally, a heterobifunctional crosslinker such as 

sulfo-SANPAH (sulfosuccinimidyl-6-(4’-azido-2’-nitrophenylamino) hexanoate) with a 

phenyl azide group on one end that can react with polyacrylamide and a 

sulfosuccinimidyl group on the other end that can react with primary amines, is used to 

conjugate matrix proteins such as collagen or fibronectin onto the surface of the 

polyacrylamide hydrogel.71 Carbodiimide-mediated crosslinking is another technique that 

is used to covalently attach proteins to PA hydrogels. EDC (1-ethyl-3-(3-

dimethylaminopropyl)carbodiimide-HCL), a relatively inexpensive reagent, can react 

with a free carboxyl group to form an amine-reactive intermediate that reacts with amines 

on proteins for protein conjugation.73 The free carboxyl group must be obtained by 

incorporating acrylic acid, the deamidation product of acrylamide, into the 

polyacrylamide gel. Acrylic acid can then copolymerize along with acrylamide and bis-

acrylamide. A third method of protein conjugation to polyacrylamide hydrogels utilizes 
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NHS-acrylate (N-hydroxysuccinimide ester), an acrylic acid with opposing NHS and 

acrylate groups. The acrylate group can copolymerize with acrylamide and bis-

acrylamide, and the NHS group is reactive with amines in proteins. The NHS-acrylate 

can be concentrated to the surface by overlaying a solution of aqueous acrylamide and 

bis-acrylamide with a solution of immiscible toluene containing NHS-acrylate. 73 With 

this method, copolymerization of acrylamide with NHS-acrylate is restricted to the 

surface of the hydrogel. The addition of any amine will displace the NHS moiety and 

result in the covalent bonding of proteins to the hydrogel.73 A variant of this method 

utilizes N6 (N-succinimidyl ester of acrylaminohexanoic acid).73,75 Similar to NHS-

acrylate, one end group of N6 is incorporated into the polyacrylamide gel and the N-

succinimidyl ester on the other end is reactive to primary amines. N6 is not available 

commercially, and must be synthesized. First, acryloyl chloride is added to 6-

aminohexanoic acid to yield 6-acrylamidohexanoic acid. EDC then catalyzes 

esterification with N-hydroxysuccinidmide.73 The resulting N-succinimidyl ester is 

treated with 6-aminohexanoic acid to yield 6-acrylamidohexylaminohexanoic acid, which 

is treated again with EDC to catalyze esterification with N-hydroxysuccinimide to yield 

N6.73  

Despite its advantages as a culture substrate, including ease of use and linear 

elasticity over a wide range of elasticity, there are significant problems with PA that limit 

its applicability. A major drawback of acrylamide is its cytotoxic effects as a monomer.76 

Extensive washing is required to ensure that no monomer is present in the hydrogel prior 

to adding cells, and thus this material cannot be used to encapsulate cells as is often the 

case with ECM in vivo. Therefore, cell culture using PA hydrogels must be limited to 2D 
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studies in vitro. The pore size of the gel is near 100 nm, ensuring that cells will remain in 

2D. As with HA, PA also has some variants that build in specific properties, such as the 

thermal reversibility of Poly(N-isopropylacrylamide) (NIPAM).77 Upon crossing the 

lower critical solution temperature (LCST), NIPAM undergoes a reversible network 

collapse at 33°C. However, this and other modifications provide properties that will be 

difficult to use in culture given their existence outside of conditions supportive of cell 

culture, e.g. LCST well below normal culture temperature. 

   

Polyethylene Glycol  

Polyethylene glycol (PEG) has been commonly used in biology due to its 

resistance to protein adsorption. PEG is a relatively small monomer (Figure 1.4F) and 

does not polymerize itself, so it is typically conjugated to a group that does. 

Functionalized crosslinked PEG gels are synthesized by either chain or step growth 

polymerization depending on the polymerizable moieties that are incorporated to the PEG 

molecules.70,78-80 Chain photopolymerization of macromolecular PEG chains modified on 

either end with acrylate or methacrylate groups is the most common method of 

synthesizing PEG hydrogels. The resulting hydrogel structure is characterized by 

poly(meth)acrylate chains crosslinked with PEG. Since PEG size and molecular weight 

varies, PEG hydrogels often cannot be characterized by traditional polymer science and 

polymer chemistry. Step growth polymerizations are an alternative to the chain 

polymerization PEG-di(meth)acrylate systems. The synthesis of PEG hydrogels through 

the reaction of co-monomer solutions containing complementary reactive groups 

produces more homogeneous structures with less variation in mesh size.70 These 
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hydrogels may be synthesized using base-catalyzed Michael-type addition reactions 

between thiols and conjugated unsaturated functional groups and radical-mediated thiol-

ene photopolymerizations.70 

In order to incorporate matrix peptide sequences, PEG is often conjugated to an 

acrylate on one end, and a peptide sequence such as RGD, the minimum primary amino 

acid sequence in fibronectin required for binding to cell surface integrins, on the other 

end.81,82 The acrylated-PEG then can polymerize similarly to acrylamide; because the 

peptide sequence does not participate in polymerization, only one end of the molecule 

will participate in the polymerization reaction and be incorporated into the backbone of 

the gel. Like polyacrylamide hydrogels, PEG hydrogels are also limited to 2D studies by 

their mesh size and crosslinking density which make the material resistant to diffusion 

and protein adsorption as well as cellular migration in three dimensions. In order to 

enable cell-cell interactions or cellular migration, degradation of the material must be 

incorporated into the system.81 

 

Polydimethylsiloxane 

Polydimethylsiloxane (PDMS) is a viscoelastic polymer, composed of a silicone 

repeat unit (Figure 1.4G). To create a PDMS substrate, the monomer is mixed with a 

curing agent, degassed and incubated for several hours. The ratio of curing agent to 

monomer and the incubation time controls the stiffness of the substrate (between 104 -106 

Pa).83 The resulting PDMS is optically clear and non-toxic, but like other synthetic 

scaffolds, it must be modified to provide ligands for cell attachment. The strategies for 

functionalizing PDMS, similar to those for PA hydrogels, employ a heterobifunctional 
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linker (e.g. Sulfo-SANPAH) to covalently link bioactive peptides or proteins to the 

substrate surface.71,73 The pore size of PDMS is in the nanometer to micron range, too 

small for cells to migrate away from the substrate surface.84 These properties make 

PDMS a useful substrate for studying cell behavior on two-dimensional surfaces of 

moderate to rigid stiffness. Importantly, a recent report has demonstrated differences in 

the way cells respond to PDMS and PA gels of the same stiffness, suggesting that there 

are differences between the way cells interact with these two substrates.67 

Once polymerized, PDMS maintains its shape with high fidelity, making it useful 

for applications where precise spatial or topographic control is required, such as in the 

creation of micropillar substrates85 and microfluidic devices.84 Cells seeded onto a 

surface of micropillars exert traction forces onto the pillars, causing them to bend. By 

monitoring the displacement of the pillars, the magnitude of a cell’s traction forces may 

be calculated in real time.85 Microfluidic devices composed of PDMS are commonly used 

to create smooth gradients of one or more soluble molecules. This can be used to study 

the response of a cell type to a chemical factor at a range of concentrations or, by varying 

the concentration of bisacrylamide, to create a PA gel with a defined stiffness gradient. 

  

Substrate Stiffness’ Impact Cell Behavior 

Most cell types plated on soft, e.g. 1 kPa hydrogels, or stiff substrates, e.g. petri 

dishes, exhibit dramatically different behavior. While cells spread out on stiff substrates, 

cells on soft substrates have a round morphology, i.e. circularity closer to 1 or a perfect 

circle, and will have smaller spread areas. While some cell types such as neurons exhibit 

phenotypic behavior on softer substrates,86 most cell types display substrate stiffness-
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dependent morphological and functional changes. For example, proliferation is generally 

positively regulated by matrix stiffness;20 proliferation rates on soft substrates are lower 

than on stiff substrates. Substrate stiffness has the ability to regulate cell survival,87 

motility,88 and differentiation.4 Most of these experiments were performed in 2D, but, but 

selected studies that have extended substrate stiffness control to 3D have seen 

differences.57,89 Thus when assessing stiffness-dependent behavior, it is important to note 

that matrix dimensionality as well as porosity may have an effect on cell behavior.9 This 

section will focus on cell responses to matrix stiffness in vitro and will provide a brief 

discussion of mechanotransduction–the mechanism that allows cells to “feel” stiffness. 

Stiffness-dependent behavior was first characterized in differentiated cells that 

naturally want to reside in a niche that mimics its native environment. Muscle, for 

example, resides in an ECM-rich niche approximately 5-20 kPa depending on the species 

and muscle type (Figure 1.1B);32,41 skeletal muscle cells in such niche form striated 

muscle only within this tight range.12,90 Smooth muscle also exhibits phenotypic 

behavior91-93 and remains contractile94 in conditions that resemble smooth muscle 

stiffness.12 Cancer, while not having a ‘lineage’ per se, does exhibit invasive behavior at 

specific stiffness,38 which will be detailed below. Adult stem cells have the unique state 

where no specific lineage is preferred, but when presented with a matrix of a given set of 

properties, they can use these properties as cues for differentiation. For example, during 

wound healing, adult stem cells are recruited to the site of injury in order to help create 

new tissue, and at this site, matrix stiffness is thought to play a major role in recruiting 

and guiding the fate decisions of these cells. MSCs have been shown to differentiate into 

various anchorage-dependent cell types including neurons, myoblasts, and osteoblasts, 
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induced by soluble chemical stimuli as well as matrix elasticity.4,95 More specifically, 

when human MSCs were plated on collagen coated polyacrylamide gels, with stiffnesses 

of 0.1-1kPa (‘brain’), 8-17kPa (‘muscle’) and 25-40kPa (‘bone’), the morphology, 

transcriptional profile and expression of marker proteins resembled those of the 

compliant substrate after one week. MSCs grown on the softest substrates resembled 

those of cultured neurons, MSCs on the medium stiffness substrates resembled 

myoblasts, and MSCs grown on the stiff substrate resembled osteoblasts. Not only was 

this lineage commitment guided solely by matrix stiffness, but it can also be proposed 

that matrix stiffness is in fact more important than the soluble factors. MSCs committed 

to the matrix-derived lineage even if opposing signals from opposing soluble markers 

were present, but this occurred in a time-dependent manner; early in the culture, cell 

phenotype was ‘plastic,’ meaning that substrate and chemical cues could regulate fate but 

after weeks in culture, phenotype had been established. These data have been confirmed 

using matrix with dynamic properties, which enable one to stiffen the matrix over time.96 

This data suggests that matrix elasticity plays an extremely important and possibly 

dominating role in specifying stem cell lineage as it modified cells’ ability to interact 

with growth factors, serum, etc.  

 It is currently uncertain how cells actually gather information about matrix 

stiffness and translate that into a cellular response. In other words, how do cells convert 

mechanical stimuli into biochemical signals? Two main classes of mechanotransduction 

have been proposed, i.e. nuclear and peri-membranous, as the result of either passive 

(outside-in) or active (inside-out) signaling. For passive (outside-in) signaling, cells 

respond to external forces, including shear stress, extension, compression and pressure, 
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while active (inside-out) sensing involves cells probing or measuring the mechanical 

properties of their extracellular environment. While beyond the scope here, a good 

overview of active versus passive mechanotransduction can be found elsewhere.97,98 

What we focus here on, however, is the location and method of sensing. In nuclear 

mediated mechanisms, forces transmitted to the nucleus result in deformation/stretching 

which pulls on the chromosomes,99 changing their accessibility or deacetylating specific 

regions.100,101 For sensing occurring at and around the cell membrane, several 

mechanosignaling methods have been proposed and include Rho/ROCK signaling,71 

stretch activated channels,102 and mechanical strain gauges.103 Briefly, Rho/ROCK 

signaling includes the force-induced upregulation of contractile proteins which positively 

feedback on Rho signaling to further enhance contractility.92,104 Stretch activated 

channels, which are critically important for muscle function, differentially control ion 

concentration to regulate cells’ ability to contract and “feel” their niche. Molecular strain 

gauges use force-induced conformational changes in proteins to alter accessibility to 

binding sites that could convert biophysical to biochemical cues.97 Each of these have 

specific differences which are covered elsewhere.97 

 

When Stiffness In Vivo Goes Awry: the Impact of Fibrosis on Function 

Fibrosis, the accumulation of excess and abnormal extracellular matrix often 

occurring during wound healing,105 is the major disease model of altering tissue stiffness 

in vivo motivating the study of substrate stiffness in vitro. While replacing injured tissue 

with normal healthy tissue is ideal, most often the wound healing process goes awry106,107 

as injured tissue is gradually replaced with fibrous connective tissue, resulting in scar 
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formation that is different in composition and several-fold stiffer than healthy tissue.105,108 

In addition to increased matrix production, fibrosis can also occur through decreased 

matrix degradation.106,109,110 Fibrosis may occur in many tissues, including the bone 

marrow (myelofibrosis),111 lungs (pulmonary fibrosis),112 liver (cirrhosis),106 intestines 

(Crohn’s Disease),113 and heart (endomyocardial fibrosis and myocardial infarct).114 This 

final section of the chapter will focus on liver fibrosis as a case study, which as shown in 

Figure 1.1B has significantly elevated stiffness from normal liver, and describe how 

specific aspects of the disease, i.e. stiffness, can be mimicked in vitro. 

Liver fibrosis arises from the wound healing response to chronic liver damage that 

may result from viral hepatitis, ethanol abuse, biliary obstruction, autoimmune disorders, 

or metabolic diseases.105,106,115,116 In 2003, over 900,000 patients suffered from cirrhosis, 

the end stage of liver disease or liver injury characterized by untreatable fibrosis.116 Viral 

hepatitis, specifically hepatitis B and hepatitis C, is the leading risk factor of liver fibrosis 

globally, while liver disease stemming from alcoholism is the leading risk factor of liver 

fibrosis in developed nations.117,118 

The primary characteristic of liver fibrosis is the accumulation of up to 6-fold 

more extracellular matrix including fibrillar collagens, fibronectin, and 

proteoglycans.105,117,119 The additional matrix, deposited by a-smooth muscle actin 

expressing contractile myofibroblasts,105,110 causes a near 3-fold stiffening of the 

tissue.105 Hepatic stellate cells found in the liver are activated during fibrosis, then 

migrate and accumulate at sites of tissue repair,110 and transdifferentiate into 

myofibroblasts.105,120 In culture, hepatic stellate cells transdifferentiate into 

myofibroblasts in response to increased substrate stiffness,105,121 indicating stiffness-



! 34 

induced positive feedback. During fibrosis however, tissue stiffness increases before 

myofibroblasts are activated and before excess matrix is produced and deposited in the 

liver.105 

 The initial increase in tissue stiffness immediately after the onset of fibrosis may 

be attributed to increases in lysyl oxidase activity.105,122-124 Lysyl oxidase catalyzes the 

formation of highly reactive aldehydes from lysine residues in collagen125 to form 

crosslinked collagen that can increase matrix stiffness.126 Lysyl oxidase activity in a 

fibrotic liver is 4- to 6-fold greater than in a normal healthy liver.124 The initial stiffness 

increase has been shown to activate hepatic stellate cells to transdifferentiate into 

myofibroblasts, which deposit excess matrix, increasing tissue stiffness, and further 

activates even more hepatic stellate cells to transdifferentiate.125 However, the 

accumulation of matrix is also an effect of decreased matrix degradation.117,127 As excess 

collagen is deposited, the simultaneous increase in crosslinking activity protects the 

newly deposited collagen from being degraded or remodeled by collagenase,128,129 further 

prompting this increasing tissue stiffness positive feedback mechanism. In normal matrix 

remodeling, metalloproteinases (MMPs) degrade various matrix proteins. Decreased 

degradation in fibrosis is also attributed to increased secretion of MMP inhibitors.109,110 

What results is a soft matrix of approximately 600 Pa which stiffens 3-fold over a 

month.105 Using the materials mentioned below, such temporal changes can be easily 

mimicked in vitro. 

 

Novel Surface Fabrication Techniques to Improve Biomimicry 

Cell behavior in vitro most closely resembles in vivo cell behavior when cells are 
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grown on substrates that mimic the stiffness of their native environment.32,56 However, 

the ECM is not static. As a result, there is a significant need for biomimetic hydrogels to 

have dynamically tunable properties that can probe and respond to complex cellular 

behavior.70 Recent dynamic hydrogels, where stiffness may change either spatially or 

temporally, represent the newest area of exploration.  

Physiological spatial gradients of tissue stiffness may be observed within a tissue, 

as well as at tissue interfaces.74 For example, cells in vivo may encounter physiological 

stiffness gradients such as the bone (stiff)-cartilage (soft) interface.3,4,130 Pathological 

stiffness gradients on the other hand may arise during wound healing; a myocardium 

post-infarction forms a fibrotic scar that is several-fold stiffer than healthy tissue.3,108 In 

either case, migrating cells such as mesenchymal stem cells (MSCs) that travel from their 

source to a specific tissue where they then differentiate, will encounter stiffness gradients 

and thus will feel changes in environmental stiffness along the way. Polyacrylamide gels 

that vary in stiffness spatially have been created to study stem cell durotaxis, or the 

migration of cells solely due to changes in stiffness, in vitro. Gradient photomasks that 

filter UV light to create a gradient of UV intensity and a photoinitiator such as Irgacure 

can be used to fabricate polyacrylamide gels with shallow stiffness gradients.66,131 

Microfluidic gradient generators allowing for greater stiffness control have also been 

developed in order to create somewhat steeper polyacrylamide stiffness gradients.2,47 

Although biomimetic gradients of collagen or other matrix protein may also be used to 

fabricate a 3D biological stiffness gradient gel in vitro,132 it is important to note that these 

systems do not effectively decouple ligand and stiffness gradients. 

Tissue stiffness also varies temporally. Chicken heart for example, develops from 
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soft mesoderm tissue with a stiffness that is less than 0.5 kPa, and stiffens as 

development progresses up to 10 kPa over the course of several weeks.133,134 Thiolated 

hyaluronic acid gels, which undergo a Michael-type reaction with polyethylene glycol 

diacrylate of varying molecular weight, can stiffen in a similar manner as previously 

mentioned. This time-stiffening material mimicking developmental stiffening has been 

shown to improve cardiomyocyte maturation and sarcomere assembly.133 Collagen-

alginate hydrogels, which are crosslinked using divalent cations such as calcium, can also 

have temporally changing stiffness as step changes in calcium-induced crosslinking can 

be titrated into the network. However, this process requires externally adding calcium 

over time, which may alter cell signalling.135 pH and temperature changes have also been 

proposed to modulate network elasticity,136,137 but these change niche hydrophobicity and 

may potentially alter cell metabolism from prolonged culture in less than optimal media 

conditions. Using principles similar to thiolated hyaluronic acid hydrogel stiffening, 

Guvendiren and Burdick have recently described how a methacrylated hyaluronic acid 

hydrogel, which uses dithiothreitol (DTT) to initially crosslink the hydrogel, 

subsequently has time-dependent crosslinking with stepwise activation via UV-activated, 

free radical polymerization.54  

 

Conclusions 

The current state of stiffness altering materials is transitioning from 2D to 3D, and 

from synthetic materials to more biomimetic natural biological materials. Cells reside in 

3D in vivo, and dimensionality has shown to significantly affect cell adhesion, migration, 

and gene expression.138 The incorporation of varying stiffness in 3D both temporally and 
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spatially will allow for the understanding of tissue development and tissue wound 

healing, both of which provide a foundation for the investigation of tissue engineering 

therapies. 
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Abstract 

Stem cells regulate their fate by binding to, and contracting against, the 

extracellular matrix. Recently, it has been proposed that in addition to matrix stiffness 

and ligand type, the degree of coupling of fibrous protein to the surface of the underlying 

substrate, i.e. tethering and matrix porosity, also regulates stem cell differentiation. By 

modulating substrate porosity without altering stiffness in polyacrylamide gels, we show 

that varying substrate porosity did not significantly change protein tethering, substrate 

deformations, or the osteogenic and adipogenic differentiation of human adipose-derived 

stromal cells and marrow-derived mesenchymal stromal cells. Varying protein-substrate 

linker density up to 50-fold changed tethering, but did not affect osteogenesis, 

adipogenesis, surface-protein unfolding, or underlying substrate deformations. 

Differentiation was also unaffected by the absence of protein tethering. Our findings 

imply that the stiffness of planar matrices regulates stem cell differentiation 

independently of protein tethering and porosity. 

 

Introduction 

The stiffness of ECM has been shown to regulate both shorter- and longer-term 

cell functions such as cell spreading1 and stem and progenitor cell phenotype changes on 

planar substrates,2-7 respectively. For example, many types of adult stromal cells grown 

on substrates of stiffness similar to that of the osteoid or muscle express lineage markers 

of terminally differentiated cells found in those tissues.3,4,6 Common myosin-based 

contractile mechanisms are required for matrix-induced differentiation in two-dimensions 

(2D).3,8-10 However in three-dimensions (3D), a labile11 or degradable matrix,12 which 
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permits cells to first spread and then adhere to the ECM, is required. Similarly, force-

mediated protein unfolding of the ECM in vivo regulates cell responses as a function of 

stiffness.13,14 While creating 3D matrices has become a widespread approach towards 

understanding how the matrix affects cell fate, the regulatory role of substrate-anchored 

fibrous protein deformations on stem cell fate in 2D is still unclear.  

Recent literature suggests that the mechanical resistance provided by ECM, which 

opposes myosin-based contractility and results in cell signaling and differentiation, could 

be due to protein tethers rather than substrate stiffness for planar cultures.15 Since most 

synthetic planar matrices are not normally cell adhesive, an adhesive layer of matrix 

protein is attached to the hydrogel surface and covalently “tethered” to the substrate 

surface at distinct anchoring points.  Thus, changing protein-substrate linker density or 

substrate porosity can vary the length of the fiber segment between two adjacent 

anchoring points. When a load is applied perpendicularly to the fiber segment, the 

deflection of the fiber segment is directly related to the load applied, fiber stiffness, and 

the length of the fiber segment cubed.15,16 If enough resistance were present in tethers, 

stem cells could differentiate independent of substrate stiffness. However, it is unclear 

what length these tethers may be and how they compare to substrate deformations,17 

which have been implicated in mechanotransduction and hence stem cell 

differentiation.18 Thus it is critical to decouple protein tethering and substrate stiffness 

and to determine if and how these factors collectively regulate stem cell differentiation. 
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Figure 2.1: Influence of substrate porosity on ASC differentiation. (A) Elastic modulus measured via 
AFM (n = 3) for the indicated acrylamide:bis-acrylamide ratios. (B) SEM images of PA hydrogels made 
with varying monomer to crosslinker ratios as indicated (scale bars, 50 µm [top and bottom], 10 µm 
[middle]). (C) Alkaline phosphatase staining of ASCs on 13 and 30 kPa hydrogels of the indicated 
compositions after 14 days of culture in normal media. Arrowheads indicate stained but yet negative cells 
(scale bar, 500 µm). (D) Oil Red O staining of ASCs on 4 kPa and 30 kPa hydrogels of the indicated 
compositions after 7 days of culture in adipogenic induction media. Arrowheads indicate stained but yet 
negative cells (scale bar, 100 µm). (E) Displacement maps of embedded fluorescent particles resulting from 
ASC traction forces on 4 kPa and 30 kPa hydrogels of the indicated compositions (scale bar, 50 µm). (F) 
Quantification of mean displacement was plotted for hydrogels of the indicated composition and stiffness 
range (n > 20; mean ± S.E.M.; N.S. = not significant). 
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Tuning Hydrogel Porosity Independent of Stiffness 

Tuning the acrylamide monomer and bis-acrylamide crosslinker ratio can change 

polyacrylamide (PA) hydrogel porosity, i.e. the distance between tethering points, 

independently of stiffness. To accomplish this, three separate acrylamide/bis-acrylamide 

formulations were polymerized to yield hydrogels of ~4, ~13, and, ~30 kiloPascals (kPa; 

Figure 2.1A), which correspond to the stiffness of adipose tissue, muscle, and 

osteoid,2,3,6,19-21 respectively. Differences in volume and mass swelling ratios between 

each of the hydrogels with similar stiffness suggest significant differences in porosity 

among each substrate subgroup (Supplementary Figure 2.1A and 2.1A). The radius of 

gyration of extended DNA may be used to estimate the effective maximum pore size of 

the hydrogel.22 DNA size standards were exposed to an electrophoretic gradient in 

swollen and unconfined 4 and 30 kPa PA hydrogels to further quantify hydrated pore 

size. For 30 kPa hydrogels, a 45 nm DNA fragment failed to migrate through the 8/0.55 

formulation indicating that the maximum pore size of this formulation is between 23 and 

45 nm. Larger DNA fragments migrated through the 10/0.3 and 20/0.15 gel formulations 

indicating that the approximate pore sizes are between 88 and 166 nm for both 

formulations; differences in DNA mobility suggest that the two gels have pore sizes that 

differ within this range. Similarly, differences in DNA mobility suggest that the three 4 

kPa formulations yield hydrogels with different pore sizes (Supplementary Figure 2.1C). 

Scanning electron microscopy (SEM) of dried PA hydrogels showed increasing pore 

sizes with increasing acrylamide and decreasing bis-acrylamide concentrations for 4, 13, 

and 30 kPa hydrogel formulations (Figure 2.1B); these data are consistent with pore size 

trends in hydrated measurements and together demonstrate that increasing the bis-



! 54 

acrylamide crosslinker concentration decreases relative pore size without substantially 

changing hydrogel modulus. However, it is important to note here that pore sizes derived 

from SEM images of freeze-dried hydrogels are likely not representative of actual 

substrate pore sizes in a hydrated state. Cells interact with hydrated substrates in vitro, 

and thus SEM images are only provided for relative comparison of pore sizes for the 

hydrogel formulations reported.  

 

Differentiation and Deformations are Independent of Porosity 

Human ASCs were plated onto 13 and 30 kPa PA hydrogels of the formulations 

indicated in Figure 2.1C. After 14 days of culture in normal growth media, osteogenic 

differentiation was evident by positive alkaline phosphatase (ALP) staining in sub-

confluent cells independent of hydrogel formulation but directly dependent on substrate 

stiffness, as 13 kPa substrates were negative for ALP (Figure 2.1C). Further confirmation 

of this is demonstrated by positive and nuclear localized RUNX2 immunofluorescence 

(IF) staining after 7 days in culture on all 30 kPa hydrogels (Supplementary Figure 2.2A). 

The expression of early osteogenic markers ALP and RUNX2 suggest that changes in 

porosity independent of stiffness have no noticeable effects on differentiation for the 

range of hydrogel formulations tested. However, allowing cells to reach confluence in 

normal media on any hydrogel formulation was sufficient to override substrate stiffness-

mediated differentiation and induce osteogenesis as previously observed,15 most likely 

due to other factors including cell-cell signaling and secreted paracrine factors 

(Supplementary Figure 2.3). To avoid complications arising from confluent monolayers 

and to focus on cell-ECM signaling only, osteogenic differentiation studies were 
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conducted at low cell densities. MSCs, another commonly used cell type in 

differentiation experiments, also stained positive for ALP after 14 days in culture on the 

three 30 kPa hydrogel formulations (Supplementary Figure 2.3B), implying that substrate 

porosity has little effect on multiple stem cell types. Additionally, after 14 days in culture 

in adipogenic induction media, adipogenic differentiation, as assessed by Oil Red O 

(ORO) presence, was found in over 40% of ASCs on all 4 kPa substrates independent of 

hydrogel formulation but directly dependent on substrate stiffness as 30 kPa substrates 

were negative for ORO (Figure 2.1d and Supplementary Figure 2.2B).  

As cell-ECM signaling depends on contractility, and differences in contractility 

have been shown to regulate differentiation,3,8-10 displacement maps of embedded 

fluorescent particles resulting from ASC traction forces on all 4 and 30 kPa hydrogel 

formulations were computed (Figure 2.1E, Supplementary Figure 2.4) using traction 

force microscopy (TFM).23 Mean displacements were similar between all formulations of 

4 and 30 kPa hydrogels, but different between hydrogels of different stiffness (Figure 

2.1F). These data indicate that over the range of formulations tested, hydrogel 

deformations due to cell contractions are similar regardless of porosity but dependent on 

stiffness (Figs. 1e and 1f). Taken together, these data show that varying porosity alone 

does not appear to be sufficient to alter the fate of two different adult stem cell sources. 
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Figure 2.2: Influence of protein tethering on ASC differentiation. (A) Schematic depicting the 
interaction between an AFM tip (orange) functionalized with a collagen I antibody (C2456; green) and the 
hydrogel (blue) functionalized with bound collagen I (red). The black arrow indicates the direction of 
motion. A rupture event occurs following retraction of the tip from the surface. (B) Measured rupture force 
(left) and rupture length (right) for rupture events that occurred on 10/0.3 30 kPa hydrogels activated with 
the indicated sulfo-SANPAH (SS) and collagen I concentrations (n = 500; mean ±  S.E.M.; **p < 0.0001). 
(C) Rupture length was measured for rupture events that occurred on 30 kPa hydrogels with indicated 
monomer to crosslinker ratios. Hydrogels were activated with either 0.2 mg/ml or 1 mg/ml sulfo-SANPAH. 
(n = 500; mean ± S.E.M.; **p < 0.0001). (D) Images of ASCs stained for ALP expression on 10/0.3 
hydrogels as a function of sulfo-SANPAH concentration after 14 days of culture in normal media (scale 
bar, 500 µm). (E) Displacement maps of embedded fluorescent particles resulting from ASC traction forces 
on 10/0.3 hydrogels for a range of indicated sulfo-SANPAH concentrations (scale bar, 50 µm). (F) 
Quantification of mean bead displacement for the indicated hydrogel stiffness and composition as well as 
sulfo-SANPAH (SS) concentration (n = 20; mean ± S.E.M; **p < 0.0001). (G) Measured fibronectin FRET 
intensity ratio for ASCs on 4, 14, and 30 kPa hydrogels activated with the indicated concentrations of sulfo-
SANPAH (n = 8; *p<0.05). (H) Proposed model of a cell on a protein coated substrate attached to a rigid 
base (glass coverslip) where cell forces are translated through the protein and through the substrate. 
Deformations of the substrate are measured via TFM and deformations of the protein are measured via 
FRET. 
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Modulating Protein Tethering by Changing Linker Density  

Culturing cells on synthetic hydrogels requires the covalent coupling of a cell-

adhesive matrix protein, such as collagen type I, to the hydrogel surface using a protein-

substrate linker, such as sulfo-SANPAH.1 Changing the concentration of such linker has 

been proposed to modulate protein tethering.15 To modulate the tethering of fibrous 

collagen to PA hydrogels, we tuned the surface density of anchoring points by varying 

the concentration of sulfo-SANPAH, thus varying the average distance between adjacent 

anchoring points. To assess possible differences in the physical structure or total amount 

of bound protein, immunofluorescence staining of collagen covalently coupled to PA 

substrates activated with varying concentrations of sulfo-SANPAH was performed. 

Images revealed noticeable surface heterogeneity making quantification of absolute 

protein amount difficult (Supplementary Figure 2.5A); this was further illustrated by 

collagen pixel intensity histograms for 13 and 30 kPa hydrogels over a range of sulfo-

SANPAH concentrations (Supplementary Figure 2.5B). Fluorescent detection was unable 

to quantify surface-bound protein as previously suggested.15 To directly quantify collagen 

tethering, we obtained individual force spectrograms (Supplementary Figure 2.6A) from 

microindentations of collagen coated PA hydrogels. Substrates were activated with a 

range of sulfo-SANPAH concentrations using a probe functionalized with an anti-

collagen type I antibody (Figure 2.2A). As the tip retracts from the surface, the collagen 

unfolds and/or stretches until the antibody-protein bonds rupture (Supplementary Figure 

2.6A). Force spectrograms were analyzed to locate rupture events and to determine the 

force at rupture, i.e., the force required to break a protein-antibody bond, and the rupture 

length, i.e., the deflection of the collagen fiber segment at rupture. Larger rupture forces 
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and a greater number of rupture events were detected in the presence of collagen I 

(Figure 2.2B, left; Supplementary Figure 2.6B) and indicate that the antibody was 

specifically binding and loading collagen. Decreasing rupture length with increasing 

sulfo-SANPAH concentration (Figure 2.2B, right) confirmed that the number of protein 

anchoring points scaled with sulfo-SANPAH concentration without substantial changes 

in rupture force (Figure 2.2B). This trend held for all 30 kPa formulations tested despite 

significant changes in the number of available protein anchoring sites, which is 

proportional to acrylamide concentration. We observed differences in rupture length 

between sulfo-SANPAH concentrations across hydrogel formulations (Figure 2.2C, gray 

vs. white bars) indicating that anchoring sites must not be saturated. Furthermore, for a 

given sulfo-SANPAH concentration, although small differences in average rupture length 

were detected between the three 30 kPa hydrogel formulations, i.e. < 40 nm, these 

differences were smaller than the changes in pore size, which were up to 120 nm 

(Supplementary Figure 2.1C). Thus differences in rupture lengths between the hydrogel 

formulations are not likely due to porosity changes. 

 

Differentiation and Deformations do not Depend on Tethering 

To investigate whether or not tethering impacts stem cell fate, subconfluent ASCs 

and MSCs were cultured in normal growth medium on 30 kPa hydrogels over a range of 

sulfo-SANPAH concentrations and assessed for osteogenic differentiation. Positive ALP 

and RUNX2 staining was observed on all 30 kPa hydrogels regardless of sulfo-SANPAH 

concentration, hydrogel formulation, and cell type (Figure 2.2D and Supplementary 

Figure 2.7). ASCs were also cultured on 4 kPa hydrogels over a range of sulfo-SANPAH 
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concentrations and ORO expression was observed in over 30% of ASCs regardless of 

sulfo-SANPAH concentration (Supplementary Figure 2.8). Together these data indicate 

that the degree of collagen tethering to the substrate surface had no observable effect on 

stem cell fate unlike what has been suggested.15 Myosin contractility deforms the ECM 

and is required for matrix-induced differentiation;3,8-10 thus to confirm differentiation 

results, substrate displacements for hydrogels across a range of sulfo-SANPAH 

concentrations were mapped using TFM (Figure 2.2E). Average displacements of beads 

embedded in hydrogels were independent of sulfo-SANPAH concentration and only 

dependent on substrate modulus (Figure 2.2F), suggesting that for the range of protein-

substrate linker concentrations used in this study, the surface density of collagen fiber 

covalent anchoring points has no impact on how cells deform the underlying substrate.  

To determine whether or not differences in rupture lengths, i.e. tethering, detected 

via force spectrograms could be felt by cells on a molecular scale, a fibronectin FRET 

sensor14 was covalently attached to hydrogels in place of collagen. Cell-generated forces 

unfold the protein thus increasing the distance between paired fluorescent probes, which 

results in a decrease in the FRET ratio (Supplementary Figure 9A) that can also be shown 

via chemical denaturation (Supplementary Figure 2.9B and 2.9C). Changing sulfo-

SANPAH concentration has no statistical effect on the FRET ratio of fibronectin 

underneath spread ASCs regardless of hydrogel formulation, while perturbing myosin 

contractility using blebbistatin caused a significant increase in the FRET ratio (Figure 

2.2G and Supplementary Figure 2.9D). Thus, molecular conformational changes in 

protein caused by ASC traction forces are similar regardless of protein-substrate linker 

concentration implying that ASCs deform the surface protein similarly on all sulfo-
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SANPAH activated hydrogels. Based on these findings, we propose that cells deform 

both the adhesive protein on the hydrogel surface well as the underlying polyacrylamide 

substrate according to the model depicted in Figure 2.2H. Cell forces are translated 

sequentially through the protein layer and the hydrogel. However, our findings suggest 

that the degree of coupling of the protein to the substrate does not influence substrate 

deformation and thus differentiation; therefore it was not depicted in Figure 2.2H. 

 

Differentiation Occurs in the Absence of Tethering 

To demonstrate that stiffness-induced differentiation is possible in the absence of 

fibrous protein tethering, RGD, a short cell-adhesive peptide from fibronectin,24 was 

directly incorporated into the polyacrylamide backbone by including acrylated-PEG-

RGD during polymerization rather than tethering an adhesive protein to the substrate. 

Three separate hydrogel formulations with 0.1, 0.5, and 2.5 mM RGD yielding the same 

gel stiffness were made for 4, 13, and 30 kPa substrates using the acrylamide/bis-

acrylamide ratios listed above (Figure 2.3A). A hydroxycoumarin dye-conjugated 

acrylated-PEG-RGD confirmed that the peptide was incorporated in a dose-dependent 

manner (Figure 2.3B). SEM images of dried hydrogels show similar pore sizes regardless 

of the concentration of acrylated-PEG-RGD incorporated within each substrate (Figure 

2.3C). This ensures that differentiation effects can be attributed to changes in adhesive-

peptide density and not porosity. Furthermore to ensure that the PEG moiety does not act 

as a tether, individual force spectrograms were obtained from biotin terminated PEG-

coated PA hydrogels and an avidin functionalized probe. Larger rupture forces and a 

greater number of rupture events were detected on substrates prior to blocking with 
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excess avidin in solution (Figs. 3d, left and middle), which indicate that the avidin 

functionalized probe was specifically bound to the biotin coated surface. Rupture lengths 

prior and subsequent to blocking were not statistically different (Figure 2.3D, right) and 

were similar to rupture lengths measured on control PA substrates with no surface 

coating (Figure 2.2B, right). In contrast to collagen coated PA substrates that exhibited 

significantly greater rupture lengths, the deformations of the PEG moiety are minimal. 

Thus, PA-PEG-RGD substrates are a valid culture platform absent of protein tethering for 

the given concentration range and size of PEG tested. ASCs were then cultured for 14 

days in normal growth media to determine if differentiation was possible without 

tethering over the range of peptide concentrations tested. ASCs underwent osteogenic 

differentiation on 10/0.3 30 kPa hydrogels independent of RGD concentration (Figure 

2.3E). Furthermore, osteogenic differentiation was seen in ASCs and MSCs cultured on 

all 30 kPa hydrogel formulations with 2.5 mM RGD (Figure 2.3F and Supplementary 

Figure 2.10). Together, these data suggest that differentiation occurs in the absence of 

fibrous protein tethering over the range of peptide concentrations tested. Cell generated 

substrate displacements were similar to that of collagen coated hydrogels (Figure 2.3G) 

lending further evidence that matrix-induced differentiation operates through common 

myosin-based contractile mechanisms given that differentiated cells on these and 

collagen coated hydrogels were similar. 
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Figure 2.3: Direct incorporation of a short adhesive peptide to the PA substrate. (A) Elastic modulus 
measured via AFM (n = 3; N.S. = not significant). (B) aPEG-RGD-dye incorporation is detected under UV 
light. (C) SEM images of PA hydrogels of indicated stiffness made with varying RGD concentration (scale 
bar, 50 µm). (D) Measured rupture force (left), number of events (middle), and rupture length (right) for 
rupture events that occurred on 10/0.3 30 kPa hydrogels coated with PEG-biotin (n = 1000; mean ±  
S.E.M.; N. S. = not significant; **p<0.0001). (E) ALP staining of ASCs on 13 kPa and 30 kPa hydrogels 
with low, medium, and high concentrations of RGD (scale bar, 500 µm). (F) ALP staining of ASCs on 30 
kPa hydrogels of varying monomer to crosslinker ratio and constant high concentration of RGD after 14 
days of culture in normal media (scale bar, 500 µm). (G) Representative displacement map (left) of 
embedded fluorescent particles resulting from ASC traction forces on a 30 kPa hydrogel with 2.5 mM 
RGD. Mean displacement is shown (right) for a collagen coated hydrogel (0.2 mg/ml sulfo-SANPAH and 
50 µg/mL collagen I) and a PA-PEG-RGD hydrogel (2.5 mM RGD). (n = 30; mean ± S.E.M; N.S. = not 
significant; scale bar, 50 µm). 
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Cell Spread Area on PA and PDMS Substrates 

To further support the claim that stiffness mediates cell functions generally, we 

observed the basic behavior of cell spreading on PA-PEG-RGD hydrogels in the absence 

of protein tethers. ASC spread area 24 hours after seeding scaled with increasing 

hydrogel stiffness (Supplementary Figure 2.11A). This suggests that stiffness is an 

important physical factor independent of how adhesive ligands are presented (but not 

independent of concentration25). In order to determine whether or not this phenomenon is 

specific to acrylamide-based systems, polydimethylsiloxane (PDMS) substrates were 

fabricated with base-to-curing ratios of 100:1, 75:1, and 50:1 to modulate stiffness as 

noted previously.15 These substrates were not functionalized with adhesive protein. 

Without covalently attaching or tethering ligands to the surface, cell adhesion and 

spreading was still possible for all substrates due to the well-known fouling properties of 

PDMS, and furthermore, cell spread area was similar on all substrates (Supplementary 

Figure 2.11B). This observation is in agreement with previous observations that imply 

stiffness independent cell spreading on PDMS substrates,15 suggesting that cells may 

sense similar mechanical cues on the three PDMS formulations.  

 

Measuring PDMS Mechanical Properties on a Cell-Sensing Scale 

Because of a lack of correlation between cell spread area and PDMS base-to-

curing ratio, we independently measured PDMS stiffness by AFM microindentation. The 

stiffnesses of 50:1 and 100:1 PDMS were found to be 250 and 550 kPa (Supplementary 

Figure 2.12A)—orders of magnitude greater than previously reported.15 Since PDMS has 

previously been shown to be viscoelastic at higher base-to-curing ratios,26 substrates were 
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instead indented using different indenter geometries and at different indentation speeds. 

Using two different probes and a wide range of indentation speeds confirmed the 

viscoelastic behavior of PDMS (Supplementary Figure 2.12B) and suggests that different 

methods of characterization may account for discrepancies in reported values of PDMS 

stiffness.  

 

Figure 2.4: Cells sense by contracting against their substrates. (A) Schematic depicting how cells 
dynamically deform soft and stiff substrates by pulling (and not pushing) via myosin contractions. Softer 
substrates are deformed to a greater extent than stiffer substrates. (B) Schematic depicting the interaction 
between an AFM tip and the surface of a substrate. The arrow indicates the direction of motion of the tip 
during retraction. (C) Representative retraction curves for 1 and 30 kPa PA hydrogels and a 100:1 PDMS 
substrate. The dashed line indicates the point at which the tip is no longer indenting into the substrate 
(shaded light blue). Substrate stiffness is calculated by fitting the linear region of the retraction curve 
starting at the (undeformed) surface. (D) Substrate spring constant determined by the method depicted in c 
for 1 and 30 kPa PA hydrogels and 50:1 and 100:1 PDMS substrates as a function of AFM tip retraction 
speed. Cells are sensitive to substrate stiffnesses of 1-100 kPa. Previously measured myosin contraction 
speeds range from 10-100 nm/s (gray). (E) Alkaline phosphatase staining of ASCs on PDMS substrates 
after 7 days of culture in normal media (scale bar, 500 µm). 
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Given the lack of consensus on measuring the mechanical properties of PDMS, it 

is important to use the most appropriate technique to closely mimic cell-substrate 

interactions. Cells pull against substrates at 20 to 120 nm/s resulting in deformations that 

scale inversely with stiffness (Figure 2.4A).17,27 We can match AFM tip retraction 

velocity to the pulling velocity and size of focal adhesions. Consequently, we can 

simulate these dynamically fluctuating pulling events by analyzing the retraction curves 

(as opposed to indentation curves) obtained by AFM where the tip has pulled and 

deformed the material above the surface (Figure 2.4B). The substrate stiffness is 

determined by fitting the linear region beginning at the contact point with the 

(undeformed) surface (F = 0 pN) to where the force reaches -100 pN (Figure 2.4C). 1 and 

30 kPa PA hydrogels demonstrated little variation in stiffness over a range of cell 

relevant strains26 and retraction speeds.17,27 The stiffness of 50:1 and 100:1 PDMS were 

both significantly higher than the PA hydrogels, and the stiffness of 100:1 PDMS 

increases 50 fold over the range of retraction velocities tested (Figure 2.4D). These data 

confirm that 100:1 PDMS is highly viscoelastic and 50:1 PDMS is predominantly elastic 

but both are stiff over cell relevant strains in agreement with prior data.26 Though 

previous studies have noted lower stiffness values of PDMS for the same cure ratios,15 it 

is well known that the mechanical properties of PDMS are different at the cellular 

mechano-sensing scale than at the macroscopic scale.28 At the scale at which a cell 

mechano-senses,17,27 both 50:1 and 100:1 PDMS substrates are stiffer than 30 kPa PA 

hydrogels (Figure 2.4D). This provides a reasonable explanation as to why cell spreading 

(Supplementary Figure 2.11B) and osteogenic differentiation (Figure 2.4E), neither of 

which changed with cure ratio, were previously reported to be stiffness independent.15 
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We note here however, that it is possible to decrease the effective stiffness of PDMS by 

fabricating microposts of identical cure ratios but different heights. Fu et al. found that 

MSC contractility and differentiation towards adipogenic or osteogenic lineages scaled as 

a function of effective stiffness pillar height.28 Thus, even in PDMS systems where cure 

ratio is not directly modulated, effectively modulating stiffness can still yield 

mechanically-driven differentiation. 

 

Figure 2.5: Atomic force spectrography analysis of ligand coated PDMS substrates. (A) Measured 
rupture length (top) and rupture force (bottom) for rupture events detected on 50:1 PDMS substrates 
activated with the indicated sulfo-SANPAH (SS) and collagen or NH2-PEG-biotin concentrations. No data 
indicates that no rupture events were detected. (B) Percentage of spectrograms with at least one rupture 
event on PA and PDMS substrates activated with the linkers and ligands shown. 
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PDMS Substrates do not Support Protein Tethering 

To address the possibility of fibrous protein tethering on PDMS, 50:1 PDMS 

substrates were examined using force spectroscopy. When 50:1 PDMS substrates were 

pre-incubated in a collagen solution, rupture events with lengths and forces much greater 

than that of PA substrates were detected (Figure 2.5A) confirming that collagen non-

specifically adsorbs to PDMS. Attempting to functionalize PDMS with sulfo-SANPAH 

prior to collagen incubation15 did not alter rupture force (Figure 2.5B). However, rupture 

length drastically increased from 450 nm to 1.5 µm, which is larger than cell 

deformations on stiff PA substrates (Figure 2.2G and 2.5A). This observation is opposite 

of what was seen with PA; treating PA with sulfo-SANPAH increases fibrous collagen 

tethering to PA, consequently decreasing rupture length (Figure 2.2B).  

The increased rupture lengths seen in PDMS may be attributed to the formation of 

long chains of collagen forming on the PDMS surface as collagen contains many primary 

amines for sulfo-SANPAH to crosslink, whereas PDMS is void of amines 

(Supplementary Figure 2.13A, left). In this hypothesis, sulfo-SANPAH is not directly 

coupled to the PDMS surface, but rather only to collagen chains. To test this hypothesis, 

substrates were functionalized with sulfo-SANPAH prior to incubation in NH2-PEG-

biotin, which has only one free primary amine (Supplementary Figure 2.13A, right). 

Rupture lengths and forces obtained from force spectrograms using avidin tips were 

similar on biotin-coated substrates functionalized with and without sulfo-SANPAH 

(Figure 2.5A).  

To further confirm that sulfo-SANPAH does not react with PDMS, amines were 

covalently bound to PDMS substrate surfaces using the chemistry outlined in 
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Supplementary Figure 2.13B. At least one rupture event was detected in more than 90% 

of force spectrograms obtained from biotin-coated samples. In contrast, rupture events 

were detected in only 30% of force spectrograms obtained from biotin-coated but not 

amine-functionalized PDMS samples independent of sulfo-SANPAH (2.5B). Thus it is 

clear that the sulfo-succinmidyl group requires amines in order to form a covalent bond. 

Regardless of UV treatment, PDMS surfaces do not display free amines, and thus protein 

cannot be covalently bound to the surface via sulfo-SANPAH. Prior efforts do not appear 

to have amine-functionalized PDMS15, and thus it is difficult to attribute fibrous protein 

tethering on PDMS to cell spreading and differentiation. These results in conjunction 

with cure ratio-independent stem cell spreading (Supplementary Figure 2.11B) and 

differentiation (Figure 2.4E) emphasize the shortcomings of PDMS as a model system to 

investigate stiffness-dependent behavior over a relevant cell-sensing range.28 Elastic 2D 

hydrogel systems with controlled stiffness such as polyacrylamide, poly-ethylene 

glycol,29 hyaluronic acid,30,31 and alginate32 are better suited to investigate these cell 

behaviors.  

 

Conclusions 

The commonly used PA hydrogel system is easily tuned to modulate substrate 

porosity, and in combination with different concentrations of sulfo-SANPAH, provides a 

platform to investigate how substrate stiffness, porosity, and ligand tethering affect stem 

cell fate. The data presented here provide direct evidence that the mechanical feedback 

provided by hydrogel deformations on planar matrices regulate osteogenic and 

adipogenic differentiation of ASCs and MSCs independent of protein tethering and 
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substrate porosity. Furthermore, these data indicate that substrates have fibrous protein 

tethers as previously hypothesized;15 however, these tethers are not essential for the 

osteogenic and adipogenic differentiation of ASCs and MSCs. This work further 

highlights the importance of bulk matrix stiffness as the major mechanical regulator of 

stem cell differentiation. 

 

Methods 

Polyacrylamide Gels 

Glass coverslips were functionalized using 3-(trimethoxysilyl)propyl methacrylate 

to facilitate covalent attachment of hydrogel substrates to glass. A polymer solution 

containing acrylamide monomers, crosslinker N,N methylene-bis-acrylamide, 

Ammunium Persulfate (APS), and N,N,N’,N’-Tetramethylethylenediamine (TEMED) 

was prepared. The polymerizing solution was sandwiched between a functionalized 

coverslip and a dichlorodimethylsilane (DCDMS)-treated slide to ensure easy detachment 

of hydrogels. The ratio of acrylamide%/bis-acrylamide% was varied in order to control 

hydrogel stiffness and porosity. To allow for cell adhesion and fibrous protein tethering, 

substrates were incubated in 0.02, 0.1, 0.2, 0.5, or 1 mg/ml N-sulphosuccinimidyl-6-(4’-

azido-2’-nitrophenylamino) hexanoate (sulfo-SANPAH), activated with UV light, 

washed, and then incubated in collagen overnight. For AFM experiments, 0.5 mg/ml 

amine-PEG3400-biotin was used instead of collagen. Coated hydrogels were UV 

sterilized prior to use in cell culture. 

 

PA-PEG-RGD Gels 
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PA-PEG-RGD hydrogels were fabricated by incorporating 0.1 mM, 0.5 mM, or 

2.5 mM acrylated-PEG3400-GRGD-amide (aPEG-RGD) into the polymerizing solution 

described above. In order to visualize RGD concentration differences, a fluorescent 

hydroxycoumarin dye was conjugated to the peptide.  

 

PDMS Substrates 

PDMS was mixed at various elastomer base:curing agent ratios (50:1, 75:1, 90:1, 

100:1), thoroughly mixed, and degased under vacuum before pouring directly into multi-

well plates or onto coverslips and baked overnight. In certain instances, substrates were 

functionalized with sulfo-SANPAH and ligand (see Supplementary Information) 

(Supplementary Figure 2.13A). For covalent attachment of moieties to the surface, 

PDMS substrates were treated with UV/Ozone following an incubation under vacuum in 

the presence of (3-aminopropyl)triethoxysilane. Surfaces were then incubated in sulfo-

NHS-biotin (Supplementary Figure 2.13B). 

 

Scanning Electron Microscopy 

PA and PA-PEG-RGD solutions were polymerized. Hydrogels were swelled in 

water overnight, flashed frozen, then lyophilized over night. Lyophilized samples were 

sputter coated with iridium. 

 

DNA Gel Electrophoresis 
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DNA ladders were run through polyacrylamide electrophoresis gels in TAE buffer 

with ethidium bromide at 30V for 14 hours. DNA fragment lengths were converted to 

radius of gyration described elsewhere.22  

 

Stem Cell Culture 

Human ASCs were isolated from freshly aspirated human subcutaneous adipose 

tissue according to the method described elsewhere33. Commercially available MSCs 

were purchased. MSCs and ASCs were cultured in Dulbecco’s modified eagle medium 

with fetal bovine serum and antibiotics. For differentiation experiments, MSCs and ASCs 

were seeded on PA and PDMS substrates at a density of 1,000 cells/cm2 and on PA-PEG-

RGD gels at a density of 2,000 cells/cm2. See Supplementary Information for inductive 

media formulations. 

 

Immunofluorescence 

Cells were fixed, permeabilized, and then stained with rhodamine phalloidin and 

Hoescht. For osteogenic differentiation studies, cells were stained with RUNX2. To 

quantify RUNX2 expression, CellProfiler34 (Broad Institute) was used to measure 

cytoplasmic and nuclear fluorescent intensities using the nuclei and cell outlines as masks 

to define these regions of interest in the RUNX2 fluorescent channel. 

 

Differentiation Assays 
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ASCs and MSCs were stained for alkaline phosphatase (ALP) and Oil Red O 

(ORO) per manufacturer protocols. See Supplementary Information for additional 

methods. 

 

Atomic Force Microscopy  

To determine the mechanical properties of PA hydrogels by indentation and to 

quantify protein tethering by force spectroscopy, a MFP-3D-Bio atomic force microscope 

(AFM) was used. Chromium/gold-coated, silicone nitride cantilevers with pyramid-

shaped tips with ~50 pN/nm nominal spring constants were used for both methods. 

Samples were indented at a velocity of 2 µm/s until a trigger of 2 nN was detected using. 

All AFM data was analyzed using custom written code in Igor Pro to determine the 

Young’s modulus as previously described35. PDMS substrates were indented with the 

same cantilevers mentioned above. Additionally a cantilever with a 45µm diameter 

polystyrene bead tip with 0.03 N/m nominal spring constant was used. For retraction 

experiments, samples were indented with approach and retraction velocities ranging from 

1 nm/s to 10 µm/s. The substrate spring constants were determined by fitting the linear 

portion of the retraction curve starting at the undeformed surface. 

For force spectroscopy, cantilevers were functionalized (Figure 2.3A) with an 

anti-collagen type I antibody, or avidin using a previously established method.36,37 

Briefly, cantilevers were cleaned with chloroform and immersed in ethanolamine-HCl in 

dimethylsulfoxide. Tips were incubated in bis[sulfosuccinimidyl] suberate, rinsed, and 

then immersed either in an antibody or avidin solution to crosslink the protein to the tip. 

Force curves were taken in a regular 10x10 array of points spaced ~10 µm apart. To 
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promote binding of the antibody to collagen or avidin to biotin, a dwell time of 1 second 

was added between approach and retraction cycles. Force curves were converted to force 

vs. tip Z-position curves (Supplementary Figure 2.6A) and then analyzed for rupture 

events using a previously described algorithm;38 rupture lengths and forces were 

determined.  

 

Traction Force Microscopy 

Traction force microscopy was performed as previously described.23 Briefly, 

fluorescent 0.2 µm microspheres were added to the pre-polymer solution. Substrates were 

functionalized and treated as described above. The microspheres underneath selected live 

cells were imaged with a confocal imaging system. Cells were released with trypsin and 

the same confocal stacks were acquired. Bead displacements were determined using a 

particle image velocimetry MATLAB script.  

 

Förster Resonance Energy Transfer 

Concentrated fibronectin was denatured in guanidine hydrochloride and dual-

labeled with donor and acceptor fluorophores, as previously described.13 Denatured 

fibronectin was incubated with a molar excess of Alexa Fluor 546 C5 Maleimide and 

subsequently buffer exchanged into sodium bicarbonate. The single-labeled fibronectin 

was then incubated with a molar excess of Alexa Fluor 488 succinimidyl ester. Unreacted 

donor fluorophores were removed using a spin desalting column. The emission spectrum 

of the dual-labeled fibronectin was characterized in varying concentrations of denaturant 

by fluorescence spectroscopy. The resulting emission spectrum was measured from 510 
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to 700 nm (Supplementary Figure 2.9B) and the ratio of the maximum acceptor emission 

(~570 nm) to the maximum donor emission (~520 nm) was determined at each 

concentration of GdnHCl (Supplementary Figure 2.9C). Images of the dual-labeled 

fibronectin were acquired using a confocal microscope and analyzed using a custom 

MATLAB script, as previously described.14 The mean FRET ratio within the selected 

regions was calculated for each cell and then averaged over all the cells in each condition 

(n = 16 cells per condition) (Figure 2.2G).  

 

Supplementary Figures 

 

Supplementary Figure 2.1: Characterization of porosity on PA gels made with various monomer to 
crosslinker ratios. (A) Volume swelling ratio - polymerized wet weight/unpolymerized wet weight - and 
(B) mass swelling ratio - polymerized wet weight/dry weight (n = 3; mean ± S.D.; *p< 0.05). (C) Ethidium 
bromide stained DNA fragments that were subjected to electrophoresis through the hydrated hydrogels of 
indicated compositions. For 4 kPa hydrogels (left), the DNA ladder ranged from 250-10,000 base pairs 
(bp). For 30 kPa hydrogels (right), the DNA ladders ranged from 50-500 bp (top) and 75-20,000 bp 
(bottom). 
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Supplementary Figure 2.2: Osteogenic and adipogenic differentiation as a function of porosity. (A) 
ASCs stained for RUNX2 on different formulations of 30 kPa PA hydrogels after 1 and 7 days. Open 
arrows indicate positive nuclear RUNX2 staining. Filled arrows indicate the absence of RUNX2 staining 
(scale bar, 100 µm). RUNX2 nuclear to cytoplasmic mean fluorescent intensity ratio for ASCs was plotted 
at the bottom of the panel for the indicated conditions. (n > 20 cells; *p< 0.05). (B) Images of MSCs 
stained for ALP on different formulations of 30 kPa hydrogels after 14 days (scale bar, 500 µm). (C) 
Percent of ASCs expressing ORO on the indicated formulations of 4 and 30 kPa hydrogels after 7 days of 
culture in adipogenic induction media. Data represents an average and standard deviation per field of view. 
(n > 50 cells; **p< 0.0001). 
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Supplementary Figure 2.3: Effect of confluence on ASC osteogenesis. Images show representative ALP 
staining of ASCs grown to confluence on 13 and 30 kPa PA hydrogels of varying compositions in either 
normal or osteogenic induction media after 14 days (scale bar, 500 µm). 
 
 

 

Supplementary Figure 2.4: Displacement maps computed from traction force microscopy. 
Representative displacement maps of embedded fluorescent particles resulting from ASC traction forces on 
4 kPa hydrogels of varying porosity. Color bar spans particle displacements ranging from 0-3 µm. (scale 
bar, 50 µm). 
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Supplementary Figure 2.5: Visualization of surface protein coating on PA substrates. (A) Collagen 
staining of 30 kPa hydrogels activated with 0, 0.02, 0.2, and 1 mg/ml sulfo-SANPAH and subsequently 
coupled with collage type I (scale bar, 500 µm). (B) Histograms of image pixel intensities for 13 kPa 
(bottom, n = 8) and 30 kPa hydrogels (top, n = 5) for a range of sulfo-SANPAH concentrations. 
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Supplementary Figure 2.6: Atomic force spectroscopy validation. (A) Representative force vs tip-
sample separation spectrogram of the collagen antibody-functionalized tip approaching (grey) and 
retracting (black) from a collagen I functionalized hydrogel. Rupture events between the antibody 
functionalized tip and collagen (arrows) are indicated with their distances from the substrate. (B) The 
number of rupture events detected for PA hydrogels with and without collagen and sulfo-SANPAH as 
indicated (n = 500). 
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Supplementary Figure 6. Atomic force spectroscopy validation. a, Representative force 
vs tip-sample separation spectrogram of the collagen antibody-functionalized tip 
approaching (grey) and retracting (black) from a collagen I functionalized hydrogel. 
Rupture events between the antibody functionalized tip and collagen (arrows) are indi-
cated with their distances from the substrate. b, The number of rupture events detected 
for PA hydrogels with and without collagen and sulfo-SANPAH as indicated (n = 500).
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Supplementary Figure 2.7: Osteogenic differentiation as a function of sulfo-SANPAH concentration. 
(A) ASCs stained for RUNX2 on 10/0.3 30 kPa hydrogels as a function of sulfo-SANPAH concentration 
after 7 days (scale bar, 100 µm). RUNX2 nuclear to cytoplasmic mean fluorescent intensity of ASCs was 
plotted for the indicated time points and sulfo-SANPAH concentrations (n > 20 cells; **p < 0.0001). (B) 
MSCs stained for ALP on 10/0.3 hydrogels as a function of sulfo-SANPAH concentration after 14 days 
(scale bar, 500 µm). (C) ASCs stained for ALP on 8/0.55 30 kPa hydrogels and (D) 20/0.18 30 kPa 
hydrogels as functions of sulfo-SANPAH concentration after 14 days (scale bar, 250 µm). Sulfo-SANPAH 
concentrations range from 0 to 1 mg/ml as indicated.  
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Supplementary Figure 2.8: ASC adipogenic differentiation as a function of sulfo-SANPAH 
concentration. ORO staining of ASCs on 4 kPa 6/0.06 hydrogels for sulfo-SANPAH concentrations 
ranging from 0 to 1 mg/ml (scale bar, 250 µm) (top). Percent of ASCs expressing ORO on the indicated 
formulations of 4 and 30 kPa hydrogels after 7 days of culture in adipogenic induction media (bottom). 
Data represents an average and standard deviation per field of view. (n > 50 cells; **p< 0.0001). 
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Supplementary Figure 2.9: FRET characterization of dual-labeled fibronectin. (A) Cell forces are 
applied to the dual-labeled fibronectin (left to right), causing the fibronectin to unfold, and fluorophores to 
move apart, resulting in a decrease in FRET intensity ratio. (B) Emission spectrum of dual-labeled 
fibronectin denatured in 0-4M GdnHCl and excited at 484 nm (C) Resultant FRET intensity ratios. (D) 
Fibronectin FRET intensity ratio map of an untreated ASC (left) and a blebbistatin treated ASC (center) on 
a 10/0.3 hydrogels activated with 0.2 mg/ml sulfo-SANPAH (left), and measured FRET intensity ratio for 
the undeformed protein surrounding a cell, the deformed protein underneath a blebbistatin treated cell and 
an untreated cell on 10/0.3 hydrogels (right) (n = 8; **p<0.0001). 
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Supplementary Figure 2.10: MSC osteogenic differentiation on RGD hydrogels. RUNX2 staining after 
7 days of culture of MSCs in normal media (top) and their corresponding RUNX2 nuclear to cytoplasmic 
mean fluorescent intensity ratio (bottom) are shown for different formulations of 30 kPa hydrogels and 
constant 2.5 mM RGD. For the ratio, day 1 cells are shown as a reference (scale bar, 100 µm; n > 35 cells; 
**p <0.0001). 
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Supplementary Figure 10. MSC osteogenic differentiation on RGD hydrogels. RUNX2 
staining after 7 days of culture of MSCs in normal media (top) and their corresponding 
RUNX2 nuclear to cytoplasmic mean fluorescent intensity ratio (bottom) are shown for 
different formulations of 30 kPa hydrogels and constant 2.5 mM RGD. For the ratio, day 
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Supplementary Figure 2.11: ASC spread area on tether-less hydrogel systems. (A) Images show ASCs 
on PA-PEG-RGD (2.5 mM aPEG-RGD) 24 hours after seeding (phalloidin staining, red; nuclei staining, 
blue). At right is the quantification of cell spread area on PA-PEG-RGD substrates 24 hours after seeding 
(scale bar, 100 µm). (B) Images show ASCs on PDMS substrates 24 hours after seeding (phalloidin 
staining, red; nuclei staining, blue). At right is the quantification of cell spread area on PDMS substrates 24 
hours after seeding (scale bar, 100 µm). (n > 40; mean ± S.E.M; *p<0.05). 
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Supplementary Figure 2.12: Mechanical characterization of PDMS substrates by atomic force 
microscopy. (A) Force spectrograms from indentations of PDMS substrates fabricated from 50:1 and 100:1 
base to curing agent ratio (yellow and purple, respectively) and 1 and 30 kPa PA hydrogels (red and blue, 
respectively) performed with a pyramidal cantilever. (B) Calculated Young’s modulus from indentations on 
50:1 and 100:1 PDMS substrates with either pyramidal (yellow) or spherical tips (purple) at different 
indentation speeds (**p<0.0001). 
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Supplementary Figure 12. Mechanical characterization of PDMS substrates by atomic 
force microscopy. a, Force spectrograms from indentations of PDMS substrates fabricated 
from 50:1 and 100:1 base to curing agent ratio (yellow and purple, respectively) and 1 and 
30 kPa PA hydrogels (red and blue, respectively) performed with a pyramidal cantilever. b, 
Calculated Young’s modulus from indentations on 50:1 and 100:1 PDMS substrates with 
either pyramidal (yellow) or spherical tips (purple) at different indentation speeds 
(**p<0.0001).
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Supplementary Figure 2.13: Diagram for the covalent attachment of protein to the surface of PDMS 
substrates. (A) Sulfo-SANPAH does not react with the methyl groups of untreated PDMS upon UV 
activation, but may interact non-specifically with the PDMS surface. Collagen and biotin-NH2 adsorb to 
the PDMS surface. Collagen amine-containing residues may react with sulfo-SANPAH molecules leading 
to an accumulation of crosslinked collagen at the surface. Biotin-NH2 one contains a single free amine, and 
thus cannot aggregate at the PDMS surface. (B) Activation of the PDMS surface with UV ozone and 
APTES coats the PDMS surface with primary amines, which react with the sulfo-succinimidyl functional 
group of sulfo-NHS-biotin, covalently attaching a single biotin molecule. 
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Chapter 3 
 
 
 
 

Haptotaxis is Cell Type Specific and 
Limited by Substrate Adhesiveness 
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Abstract 

Motile cells navigate through tissue by relying on tactic cues from gradients 

provided by extracellular matrix (ECM) such as ligand density or elasticity. Human 

mesenchymal stem cells (MSCs) and murine 3T3 fibroblasts encounter adhesive or 

‘haptotactic’ gradients at the interface between healthy and fibrotic tissue as they migrate 

towards an injury site. We developed tunable RGD and collagen gradients in 

polyacrylamide hydrogels of physiologically relevant stiffness using density gradient 

multilayer polymerization (DGMP) to better understand how such ligand gradients 

regulate migratory behaviors. Independent of matrix ligand composition and fiber 

deformation, we observed haptotaxis only in fibroblasts. MSCs were significantly more 

contractile than fibroblasts; increased contractility may result in limited migration, but 

modulating cytoskeletal assembly was ineffective at promoting MSC haptotaxis. MSCs 

haptotaxed only when cell-substrate adhesiveness was artificially reduced via addition of 

excess matrix mimetic peptides; this decreased substrate displacements. These data 

suggest that haptotactic behaviors are limited by adhesiveness and that fibroblasts, which 

home to tissue to aid in repair, may be more responsive to ligand gradients. 

 

Introduction 

Anchorage dependent cells sense and respond to properties of the extracellular 

matrix (ECM), e.g. stiffness1-3 and ligand density.4-6 Gradients of these physical cues are 

often found together in vivo via normal tissue variation or pathological conditions, e.g. 

the post-infarct myocardial scar that is stiffer than and compositionally different from 

healthy muscle.7-9 These gradients are thought to aide in directional migration through 
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tissue; for example, mesenchymal stem cells (MSCs) whose fate can be regulated by 

ECM stiffness10-12 also durotax or migrate in the direction of a stiffness gradient.2 Dermal 

fibroblast migration into cutaneous wound spaces is also well known and critical for 

assembly of new ECM.13,14 However, spatial variation in tissue stiffness in vivo is often 

accompanied by variation in adhesive ligand density. During fibrosis, ECM accumulates 

and may present several ligand gradients at the interface of healthy and pathological 

tissue 15. So while the in vivo distribution of ECM proteins15 and their stiffness7 changes 

with fibrosis, animal models document directed migration,13,14 and we have developed 

reductionist systems to probe durotaxis1-3, advanced systems to decouple the effect of 

adhesive ligand directed migration, i.e., haptotaxis, from stiffness on compliant substrates 

remains unresolved.  

In vitro adhesive ligand gradients have been shown to induce directed cell 

migration in human dermal fibroblasts,16 but cell type-specific differences in the degree 

of haptotaxis could be simultaneously influenced by physiologically-relevant substrate 

stiffness, which is a major regulator of stem cell fate.10,12 Moreover, haptotatic 

mechanisms remain unclear, in part because systems often have limited gradient 

resolution, exhibit non-physiologically relevant substrate stiffness, and/or lack direct 

comparisons between cell and adhesive ligand types. For example, human melanoma 

cells undergo haptotaxis when exposed to gradients of collagen type IV, fibronectin, and 

laminin using Boyden chambers; these chambers however, can create only step 

gradients.17 Myoblast haptotaxis has been observed with more gradual nanodot adhesive 

gradients; however, these gradients were printed on rigid glass.18 Since literature suggests 

that cell forces exerted on adhesive matrix proteins contribute to cellular mechanical 
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signaling12,19 and that in vivo gradients are gradual,7,11 reductionist systems employing 

compliant hydrogels, e.g. polyacrylamide20,21 and polyethylene glycol,16 with gradual 

haptotactic gradients are needed to determine which signaling networks within a variety 

of cell types regulate haptotaxis in order to establish common mechanisms. Despite 

haptotatic mechanisms remaining unclear, mechanisms likely involve adhesive and/or 

cytoskeletal proteins given their roles in other migratory control mechanisms in processes 

like chemotaxis,22 and the establishment of cell polarity and shape.23,24 

Gradients of protein attachment to compliant hydrogels have been achieved via 

microcontact protein printing, self-assembled monolayers, and microfluidic mixing 

devices.16,25,26 Despite the use of compliant hydrogels, these methods are often difficult to 

scale down, tune, and require significant quantities of protein or peptide, much of which 

does not bind. Here, we sought to utilize density gradient multilayer polymerization 

(DGMP), a simple and cost effective method that employs density-mediated phase 

separation to construct compliant culture substrates with spatial gradients of 

composition.21,27 Using gradients of adhesive peptide RGD or collagen type I on a 

polyacrylamide (PA) hydrogel platform, we demonstrate that fibroblasts undergo 

haptotaxis in response to both gradient types, while MSCs do not. MSC haptotaxis 

appears to be limited by cell-substrate adhesiveness and can be overcome by reducing 

adhesiveness. 
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Figure 3.1: Fabrication of polyacrylamide hydrogels with RGD and collagen gradients. (A) Pre-
polymer solutions of acrylamide, bis-acrylamide, water, photoinitiator, acrylic acid or acrylated-PEG-RGD, 
are dissolved with serial dilutions of iodixanol. (B) Two pre-polymer solutions are layered in order of 
decreasing density into a silicone rubber mold that is clamped with a methacrylated glass coverslip in 
between an untreated glass slide, and a DCDMS treated glass slide. After a settling time of 10 seconds, 
layered hydrogels are polymerized with UV light for 4.5 minutes. The iodixanol is rinsed away subsequent 
to polymerization. (C) A hydroxycoumarin dye (excitation 350 nm) pre-conjugated to aPEG-RGD allows 
for gradient characterization; incorporating 0.1 and 10 mM aPEG-RGD into two layers yield a gradient of 
approximately 10 mM/mm. (D) Images of static polyacrylamide gels with 0.1, 0.5, and 2.5 mM aPEG-
RGD-dye under UV light (left); brightfield images indicate that MSC spreading correlates with RGD 
concentration (scale bar, 100 µm). (E) Elastic modulus measured every 500 µm via AFM across the RGD 
gradient hydrogel substrate (n > 3; mean ± S.D.). (F) Elastic modulus measured every 500 µm via AFM 
across the acrylic acid/collagen gradient hydrogel substrate (n > 3; mean ± S.D.). (G) Antibody-protein 
rupture events detected via AFS (left) and corresponding measured rupture lengths (right) on low (0.005%) 
and high (0.1%) acrylic acid hydrogels activated with collagen I. (n > 500; mean ± S.E.M.; *p < 0.05, ***p 
< 0.005).  
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Methods 

Functionalized Coverslips 

To covalently attach hydrogel substrates to glass, 25 mm square glass coverslips 

were cleaned and oxidized by exposing both sides to UV/ozone (BioForce Nanoscience) 

for 3 minutes. Samples were subsequently functionalized with 20 mM 3-

(trimethoxysilyl)propyl methacrylate in 10% acetic acid (AA) in ethanol for 3 minutes, 

washed with ethanol, and dried. All chemicals were obtained from Sigma-Aldrich and 

other products from ThermoFisher unless otherwise indicated. 

 

DGMP Hydrogel Fabrication 

DGMP involves layering pre-polymer hydrogel solutions into rubber molds cut to 

fit between two glass slides, followed by UV polymerization. 5 x 5 mm models were cut 

from super-soft 35A silicone rubber sheets (McMaster-Carr) were clamped between a 

glass slide, a functionalized glass coverslip to facilitate gel attachment, and a 

dimethylchlorosilane- (DCDMS-) treated glass slide to facilitate gel detachment. Pre-

polymer solutions composed of acrylamide, bis-acrylamide, acrylated poly(ethylene) 

glycol conjugated to RGD (aPEG-RGD) or acrylic acid, 2,2’-Azobis(2-

methylpropion0amidine) dihydrochloride photoinitiator (Sigma), and serial dilutions of 

iodixanol (Sigma), an inert density modifier, were layered into the silicone molds in order 

of decreasing density. Hydrogels with gradients of adhesive ligands were fabricated by 

allowing two 12 µL layers of pre-polymer solution of distinct composition (Figure 3.1A) 

to diffuse and settle for 10 seconds creating a gradient at the mixing interface (Figure 
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3.1B). Layered hydrogels were subsequently polymerized via exposure to 350 nm UV 

light for 4.5 minutes.  

10%/0.15% acrylamide/bis-acrylamide solutions composed of 0.1 or 10 mM 

aPEG-RGD with 1% or 4% iodixanol respectively, were used to obtain PA-PEG-RGD 

hydrogels with adhesive RGDS ligand gradients of approximately 10 mM/mm that span 

an 800 µm region across the center of the hydrogel (Figure 3.1C). A hydroxycoumarin 

dye (excitation 350 nm) pre-conjuated to aPEG-RGD allowed us to visualize serial 

dilutions of adhesive peptide; differences in cell spreading and fluorescent intensity 

confirm that substrate adhesiveness scales with aPEG-RGD concentration (Figure 3.1D). 

aPEG-RGD, or acryl-PEG3400-GRGD-amide and acryl-PEG3400-[K-7-

hydroxycoumarin-3-OH]GGGRGD-amide were custom ordered (21st Century 

Biochemicals).  

To investigate the migration behavior of cells in response to solely a ligand 

gradient on a substrate of physiologically relevant stiffness, AFM was used to 

characterize the hydrogel stiffness in order to ensure that no simultaneous stiffness 

gradients were created as a consequence of the haptotactic gradient fabrication process 

(Figure 3.1E). Iodixanol and aPEG-RGD did not significantly alter hydrogel stiffness at 

the concentrations used in this study, as stiffness was maintained at 10 kPa across the 

substrate. 

To obtain collagen gradients, 10%/0.1% acrylamide/bis-acrylamide, acrylic acid, 

and serial dilutions of iodixanol were used. Solutions of 0.005% and 0.1% acrylic acid, 

with 1% and 4% iodixanol respectively, were used to fabricate PA-AA hydrogels with 

gradients of acrylic acid that span a similar 800 µm region across the hydrogel at the 
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mixing interface. Hydrogels were then subsequently functionalized with type I collagen 

using EDC/NHS crosslinking to create a gradient of collagen on the substrate surface.  

Hydrogels were incubated in 5 mg/ml EDC (Alfa Aesar) and 9 mg/ml NHS (Alfa Aesar) 

dissolved in water for 10 minutes at room temperature, rinsed in water, then incubated in 

100 µg/ml rat tail collagen type I (BD Biosciences) in DI water for 30 minutes.  

AFM indentation indicates that hydrogel stiffness of 5 kPa remained constant 

across the substrate (Figure 3.1F). Force spectrograms from microindentations on both 

low and high collagen density sides of the substrate were obtained via atomic force 

spectroscopy (AFS) using a probe functionalized with an anti-collagen type I antibody as 

described below. When the tip makes contact with the substrate, protein-antibody bonds 

form. As the tip is retracted from the surface, segments of collagen fibers unfold and 

stretch until antibody-collagen bonds rupture. These rupture events can be visualized 

within each spectrogram. A greater number of events (Figure 3.1G, left) detected on the 

high collagen density side of the substrate indicate that collagen density scales with 

acrylic acid concentration, and shorter rupture lengths on this side of the substrate 

indicate a greater degree of collagen fiber-EDC/NHS tethering to the surface (Figure 

3.1G, right). 

All hydrogels were soaked in sterile PBS, stored at 4°C, and UV sterilized for 10 

minutes prior to use in cell culture. 

 

Atomic Force Microscopy  

Substrate stiffness was measured via indentation using an MFP-3D-Bio (Asylum 

Research) atomic force microscope (AFM). Chromium/gold-coated, silicone nitride (SiN) 
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cantilevers with pyramid tips (PNP-TR; NanoWorld) with ~30 pN/nm nominal spring 

constants as determined from the MFP-3Ds built-in calibration function were used. 

Samples were mounted on glass slides using vacuum grease and immersed in PBS. The 

probe was indented into the sample with approach and retraction velocities of 2 µm/s and 

2 µm/s and a force trigger of 2 nN. AFM data was analyzed using custom code in Igor 

Pro (Wavemetrics); the substrate spring constant, i.e., Young’s Moduli, was determined 

using a linearized Hertz model to fit the linear portion of the indentation curve. 

To detect fibrous protein on the substrate surfaces, cantilevers were functionalized 

with the C2456, a mouse monoclonoal anti-collagen type I antibody (Sigma) using a 

previously established method.28,29 Briefly, cantilevers were cleaned with chloroform for 

30 seconds and immersed in 5 M ethanolamine-HCl in dimethylsulfoxide (DMSO) at 

room temperature for 3 hours, resulting in the functionalization of an amine group to the 

surface of the probe. Tips were rinsed in PBS, incubated in 25 mM 

bis[sulfosuccinimidyl] suberate crosslinker (BS3; Pierce) for 30 minutes, rinsed again in 

PBS, then immersed in 200 µg/ml C2456 for 30 minutes to crosslink the antibody to the 

tip. Functionalized cantilevers were rinsed, dried, and stored at 4°C until use. Force 

spectrograms were taken in 10x10 arrays, with indentations spaced 10 µm apart. The 

functionalized tips were indented and retracted at 2 µm/s. Force curves were converted to 

force vs. tip Z-position and analyzed for rupture events using a previously described 

algorithm.30 Rupture event count along with corresponding event lengths and forces were 

recorded.  

 

Cell Culture 
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Human MSCs (Lonza) were cultured between passages 4 to 7 in low glucose 

Dulbecco’s modified eagle medium (DMEM) (Gibco) supplemented with 10% fetal 

bovine serum (Gemini Bio-Products) and 1% antibiotic/antimycotic (Corning). NIH-3T3s 

were cultured in DMEM supplemented with 10% fetal bovine serum (Gemini Bio-

Products), 4 mM L-glutamine, 1 mM sodium pyruvate, and 1% penicillin-streptomyocin 

(Corning). For migration experiments, MSCs and 3T3s were seeded on hydrogels at 

densities of 1,000 cells/cm2 and 5,000 cells/cm2, respectively. Cells were allowed to 

attach and spread for 3 hours prior to migration tracking.  

 

Migration Studies 

Migration experiments were conducted using Brightfield timelapse video 

microscopy over a period of 48 hours. Cells were placed in a temperature, CO2, and 

humidity controlled LiveCell chamber (Pathology Devices). Images were taken every 15 

minutes, and cell positions were tracked in FIJI. Absolute migration velocities, velocities 

in the gradient direction, tactic indices, and angle histograms were calculated from raw 

position values using custom MATLAB scripts. To minimize error in tracking, a running 

average was taken of every four velocities. Tactic index, or persistence, is calculated by 

taking the ratio of displacement (from initial to final position) to total distance traveled. 

Where indicated, cells were chosen from three regions of the gradient substrates: the low 

adhesive ligand density region, the gradient region, and the high adhesive ligand density 

region. 

 

Inhibitors and Drugs and RGD Blocking 
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Lysophosphatidic acid (Enzo Life Sciences), bradykinin (Sigma), nocodazole 

(Sigma), cytochalasin D (Sigma), and RAC inhibitor (Millipore) were included in culture 

media at concentrations of 20 µM, 10 nM, 0.5 µM, 2 µM, and 50 µM respectively. Drugs 

were stored at 100x in DMSO at -20°C until use. To reduce MSC adhesion to the 

hydrogel substrate surface by blocking RGD peptide-binding integrins, 0.02, 0.05, 0.1 

and 0.2 mM free RGD peptide was included in the culture media throughout the duration 

of the timelapse. 

 

Immunofluorescence 

Cells were fixed in 3.7% formaldehyde for 15 minutes at room temperature, 

rinsed in PBS, and permeabilized with 1% triton-X in PBS for 15 minutes at room 

temperature. Cells were incubated in 1:400 rhodamine phalloidin (Life Technologies) in 

2% bovine serum albumin (BSA) in PBS supplemented with MgCl2 for 30 minutes, then 

incubated in 1:2000 Hoescht in DI water for 10 minutes. Samples were washed with DI 

water and mounted with fluoromount-G (SouthernBiotech). Imaging was performed 

using a Nikon Eclipse TI microscope equipped with a CARV II confocal system (BD 

Biosciences), motorized stage and MS-2000 controller (Applied Scientific 

Instrumentation), and a Cool-Snap HQ camera (Photometrics) and controlled by 

Metamorph (Molecular Devices).  

 

Förster Resonance Energy Transfer 

Fibronectin was isolated from human plasma using gelatin-sepharose binding and 

eluted with 6M urea. Isolated fibronectin was concentrated to approximately 3 mg/ml 
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using an Amicon Ultra Centrifugal Filter (10 kDa NMWL) (Millipore) and denatured for 

15 minutes in 4 M guanidine hydrochloride (GdnHCl). Denatured fibronectin was dual-

labeled with Alexa Fluor 488 (donor) and Alexa Fluor 546 (acceptor) fluorophores, as 

previous described.31 Briefly, denatured fibronectin was incubated with a 30-fold molar 

excess of Alexa Fluor 546 C5 Maleimide (Life Technologies) for 2 hours to label 

cysteine residues within the III7 and III15 domains of fibronectin. The single-labeled 

fibronectin was buffer exchanged into 0.1 M sodium bicarbonate pH 8.3 and separated 

from unreacted acceptor fluorophores using a spin desalting column (Thermo Scientific). 

The single-labeled fibronectin was then incubated with a 40-fold molar excess of Alexa 

Fluor 488 succinimidyl ester (Life Technologies) for 1 hour to label amine residues 

throughout fibronectin. Unreacted donor fluorophores were removed using a spin 

desalting column and dual-labeled fibronectin was stored with 10% glycerol at -20°C. 

The average number of acceptor and donor fluorophores per fibronectin dimer was 3.6 

and 8.8, respectively, and was determined using published extinction coefficients and 

absorbances of the dual-labeled fibronectin at 280, 498, and 556 nm.  

Images of the dual-labeled fibronectin were acquired on a Zeiss LSM 780 

Confocal Microscope and analyzed using a custom MATLAB script, as previously 

described.32 Briefly, images were averaged with a 3 x 3 pixel-sliding block and 

perinuclear regions of DAPI stained cells were manually selected for analysis. The FRET 

ratio for each pixel within a selected region was calculated by dividing the pixel intensity 

in the acceptor image by the corresponding pixel intensity in the donor image. FRET 

ratios less than 0.05 and greater than 1.0 were excluded from analysis. The mean FRET 
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ratio within the selected regions was calculated for each cell and then averaged over all 

the cells in each condition.  

 

Traction Force Microscopy 

Traction force microscopy (TFM) was performed as previously described.33 

Briefly, fluorescent 0.2 µm microspheres (Invitrogen) were added to the pre-polymer 

solution to a concentration of 1% v/v. 0.1% v/v TWEEN was added to the solution to 

prevent microspheres from forming aggregates. Hydrogel substrates used in TFM 

experiments were cast in 35 mm glass bottom dishes (MatTek) and layered with an 18 

mm DCDMS-treated circular coverslip, then UV polymerized for 4.5 minutes at 350 nm 

as described above. The microspheres directly underneath selected live cells were imaged 

with a 60x confocal objective (Zeiss) using the Nikon Eclipse TI microscope. Cells were 

released with 2.5% trypsin and the same microspheres were imaged again. Embedded 

microsphere displacement from prior to subsequent to trypsin treatment was determined 

using a particle image velocimetry script in Matlab (MathWorks). Mean displacements 

were calculated for each cell, and averaged over all cells within one condition. 

 

Statistical Analyses 

All data are expressed as mean ± standard error of the mean. Student’s t-tests 

were used to determine statistical significance in Figures 3.1G, 3.2, 3.3, 3.5C, and 

Supplementary Figure 3.2. 1- or 2-way ANOVAs were used in Figures 3.3, 3.4, and 3.5B 

as indicated. Significant differences were considered for p < 0.05 as indicated; n.s. 
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denotes not significant. Multiple comparisons Tukey’s post-hoc tests were performed 

where appropriate. 

 

Fibroblasts but not Stem Cells Exhibit Haptotaxis 

Human mesenchymal stem cells (MSCs) and murine 3T3 fibroblasts attached to 

and spread on RGD and collagen ligand gradients within 4 hours of seeding. Total 

migration velocity and haptotactic velocity, i.e. migration in the gradient direction, were 

measured, but MSCs did not display any preferential migration within 48 hours of 

spreading on gradients of RGD peptide. Absolute MSC migration velocity was also 

insensitive to ligand density (Figure 3.2A, left). However fibroblasts exhibited 

haptotactic migration in the direction of higher RGD concentration. Moreover, absolute 

fibroblast migration velocity inversely scaled with RGD concentration, i.e. cells moved 

faster at low RGD concentration (Figure 3.2A, right). To determine whether migration 

was affected by the presence of a full-length, fibrous protein compared to the short 

adhesive RGD peptide, MSC and fibroblast migration was assessed on collagen density 

gradients. Consistent with RGD, MSCs on collagen substrates displayed random 

migration that lacked preference for either low or high ligand density (Figure 3.2B, left) 

and was not processive (Supplementary Figure 3.1) as measured by a tactic ratio of 

displacement to total distance travelled over a period of 48 hours. Fibroblasts, on the 

other hand, displayed biased net migration towards higher collagen density (Figure 3.2B, 

right) that was more processive compared to cells found on static regions of the substrate 

(Supplementary Figure 3.2). Taken together, these data indicate that fibroblasts undergo 

haptotaxis on both ligand gradients of RGD and collagen while MSCs do not. 
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Figure 3.2: Migratory response of stem cells and fibroblasts on adhesive ligand gradients. Absolute 
velocities and X velocities of MSCs (left) and 3T3s (right) on indicated regions of hydrogels with (A) RGD 
concentration gradients and (B) surface collagen density gradients. Low and high indicates cells found on 
the low and high static concentration regions of the substrate; gradient indicates cells found at the mixing 
interface of the substrate. Positive X velocity indicates migration towards regions of increasing adhesive 
ligand density. Representative rose plots show migratory paths of cells beginning at the origin. (n > 20; 
mean ± S.E.M.; *p < 0.05; n.s., not significant). 
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Haptotaxis is Regulated by a Cytoskeletal-mediated Mechanism 

To provide insight into how the cytoskeleton potentially regulates migration and 

haptotaxis, we treated fibroblasts with contractile agonists lysophosphatidic acid (LPA) 

and bradykinin (BK) as well as with cytoskeleton-perturbing drugs cytochalasin D 

(CytoD) to prevent actin polymerization and nocodazole (Noco) to prevent microtubule 

polymerization. Cells treated with nocodazole and cytochalasin D exhibited less-spread 

and rounded morphology compared to untreated cells (Figure 3.3A), while cells treated 

with LPA and bradykinin were more spread compared to untreated cells, especially at 

low RGDS concentration (Figure 3.3B).  While LPA and bradykinin vs. nocodazole and 

cytochalasin D treatment increased and decreased absolute migration velocity 

respectively, all drug treatments inhibited haptotaxis (Figure 3.3C and Supplementary 

Figure 3.3A). LPA was similarly effective at reducing haptotaxis on collagen gradients 

(Figure 3.3D and Supplementary Figure 3.3B). These data suggest that while 

depolymerizing the cytoskeleton prohibits both spreading and migration, promoting its 

assembly and contraction produces overly spread, faster moving cells that lose their 

sensing capabilities. Rac1, a GTP-binding protein that regulates membrane ruffling in 

migrating cells34 and facilitates labile adhesion,35 may be involved in the sensing 

capabilities that cause biased migration that which LPA and bradykinin treatment 

reduced. While Rac inhibited fibroblasts still adhered to and spread on collagen gradient 

hydrogels, cells were no longer capable of haptotaxis (Figure 3.3E). These data overall 

suggest that appropriate protrusive capabilities, i.e. membrane ruffling, followed by 

modest cytoskeletal assembly and contractions appear to be crucial for haptotaxis.  
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Figure 3.3: Influence of drug treatment on 3T3 morphology and migration. (A) 3T3s spread on PA-
PEG-RGD hydrogels 24 hours after seeding and treating by the indicated drugs (phalloidin staining, red; 
nuclei staining, blue). Filled white arrows indicate cells that are smaller and less spread than untreated 
control cells. Open white arrows indicate cells that are larger and more spread than untreated control cells. 
(scale bar, 100 µm). (B) Spread area and (C) absolute migratory velocities and X velocities of cells treated 
with the indicated drugs on low, gradient, and high regions of RGD gradient hydrogel substrates. (n > 20; 
mean ± S.E.M.; *p < 0.05; n.s., not significant). (D) Absolute velocities and X velocities of 3T3s treated 
with LPA on indicated regions of acrylic acid hydrogels activated with surface gradients of collagen type I. 
(n > 20; mean ± S.E.M; n.s., not significant). (E) Absolute velocities and X velocities of 3T3s treated with 
NSC23766 Rac inhibitor on gradient regions of acrylic acid hydrogels activated with surface gradients of 
collagen type I. Positive X velocity indicates migration towards regions of increasing adhesive ligand 
density. (n > 20; mean ± S.E.M.; scale bar, 100 µm). 
 
 

 

Biased migration resulting from cell protrusions produces substrate deformations 

that are small and transient2 and may be reflected in deformation of matrix proteins 
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and/or the substrate.19,36 Förster resonance energy transfer (FRET) and traction force 

microscopy (TFM) were utilized to investigate the effect of adhesive ligand density on 

cell-induced deformations of the ligand coating and substrate. The FRET ratio decreased 

underneath MSCs and fibroblasts, suggesting that the cells exerted traction forces on the 

ligand coating thus deforming protein fibers, effectively decreasing the FRET ratio. 

Although fibronectin FRET ratios underneath both cell types scaled with fibronectin 

surface density, absolute FRET ratio values were similar between the two cell types on 

both low and high ligand density substrates (Figure 3.4A and 3.4B). These observations 

suggest that although a greater degree of attachment effectively “ties” down fibronectin 

to the substrate more tightly and hinders fiber unfolding to a greater extent at higher 

ligand concentrations, protein tethering is perhaps unrelated to haptotaxis due to 

differences in migratory behaviors between MSCs and fibroblasts. Conversely, although 

both fibroblasts and MSCs exhibit adhesive ligand density-dependent differences in mean 

substrate displacements observed by TFM (Figure 3.4C), MSCs displace the substrate 5-

fold more than fibroblasts, regardless of ligand density and degree of tethering (Figure 

3.4D). Together these data along with the observation that fibroblasts but not MSCs 

haptotax suggest that although the ability of a cell to exert traction forces may be 

necessary for motility and migration and that cells may prefer to exert greater traction 

forces, MSCs tend to surpass traction or adhesiveness thresholds which results in 

extremely large cell-induced deformations of the substrate. This perhaps occurs to an 

extent where cells no longer can sense a directional cue such as increasing adhesive 

ligand density.  
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Figure 3.4: Measuring cell-induced deformations of the underlying substrate.  Mean FRET intensity 
ratio and ratio maps of fibronectin underneath spread (A) 3T3s and (B) MSCs on low and high acrylic acid 
PA hydrogels activated with EDC/NHS and coated with dual-labeled fibronectin. (n > 16; mean ± S.E.M.; 
**p < 0.01; ***p < 0.005). (C) Displacement maps of embedded fluorescent particles and (D) mean particle 
displacement resulting from 3T3 and MSC tractions exerted on low and high acrylic acid PA hydrogels 
activated with EDC/NHS and coated with collagen type I. (n  = 25; mean ± S.E.M.; ***p < 0.005). 
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Reducing Adhesion Induces Haptotaxis in Mesenchymal Stem Cells 

To determine whether or not exceeding a traction or adhesiveness threshold can 

explain the absence of haptotaxis in MSCs, we reduced MSCs tractions by adding free 

RGD peptide to the culture media to block RGD binding sites on integrins to effectively 

reduce cell-substrate adhesiveness. MSCs had slightly smaller but still spread 

morphology (Figure 3.5A). Including RGD in the culture media increased absolute 

migration velocities (Figure 3.5B), consistent with the observation of higher migration 

velocities on low vs. high ligand densities (Figure 3.2). Additionally, MSCs displayed 

haptotaxis in an RGD dose-dependent manner, where 20 µM RGD peptide resulted in the 

most significant haptotactic response. The presence of free peptide also decreased mean 

substrate displacement compared to untreated MSCs cultured on high concentration RGD 

substrates (Figure 3.5C). This 7-fold reduction yields deformations within range of 

fibroblast-induced hydrogel deformations at surface ligand densities where directed 

migration is observed (Figure 3.2). These data also imply that while haptotactic migratory 

behaviors may be achieved by reducing cell-substrate binding by blocking a subset of 

relevant integrins, if too many integrins are blocked, cells potentially lose their ability to 

sufficiently sense ligand density gradients. This further suggests a biphasic phenomenon 

where cells lose the ability to haptotax if they are too strongly or too weakly adhered to 

the surface, and the existence of a mid-range of adhesive ligand density where haptotaxis 

is most profound. 
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Figure 3.5: Reducing MSC-substrate adhesion by blocking surface integrins with free peptide. (A) 
MSCs spread on 10 mM PA-PEG-RGD hydrogels with indicated concentrations of free RGD peptide in the 
culture media. (B) Absolute and X velocities of MSCs on the gradient region of RGD gradient PA 
hydrogels with indicated concentrations of free RGD peptide in the culture media. (n > 40; mean ± S.E.M.; 
*p < 0.05). (C) Mean displacement of particles embedded in PA hydrogels with 10 mM aPEG-RGD 
resulting from tractions of MSCs in normal media, and media supplemented with 0.02 mM free RGD 
peptide. (n > 10; mean ± S.E.M.; ***p < 0.005).  
 

Discussion 

By directly comparing migratory behaviors of MSCs and fibroblasts in two 

systems using density gradient multilayer polymerization (DGMP), these data 

demonstrate that when introduced to an adhesive ECM ligand gradient–irrespective of 

whether the ligand is a short adhesive peptide or full length fibrous protein–fibroblasts 

underwent haptotaxis, while MSCs did not. We note two observations contrasting the 

motility of the two cell types: (1) fibroblasts migrate at faster absolute velocities 

compared to MSCs, and perhaps more importantly, (2) fibroblasts display a significant 

inverse relationship between surface ligand density and absolute velocity, similar to 

classic experiments on uniformly adhesive substrates,37 while MSCs do not. First, the 
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ability of fibroblasts to move faster overall may suggest that they “feel” their 

surroundings at a faster rate; this perhaps heightens their sensitivity to small changes in 

adhesive ligand density in their microenvironment, allowing them to respond more 

quickly relative to slower moving, well-spread MSCs. Second, the inverse scaling of 

absolute velocities and both RGD and collagen density for fibroblasts confirms that 

although the exact mechanism is unknown, fibroblasts sense and respond to differences 

in absolute adhesive ligand density more acutely. Similar MSC motility on all regions of 

both RGD and collagen coated substrates suggests that MSCs may not be as sensitive as 

the fibroblasts to these density differences at the ligand concentrations and culture 

conditions used here. While haptotaxis may play a significant role in directing fibroblasts 

towards a site of injury, these data suggest that MSCs in vivo may be less sensitive to 

stiffness gradients. Given that they have been reported to home to sites of injury,38 these 

data would imply that the migratory process is guided by durotactic or other gradient 

cues.  

 

Intact cytoskeleton is necessary for migration, but cell-induced deformations dictate 

haptotaxis 

To provide insight into intracellular mechanisms of haptotaxis, fibroblasts were 

treated with various cytoskeleton inhibitors and activators. Drugs that prevented 

polymerization of actin and the formation of stable microtubules eliminated haptotaxis 

and decreased overall motility, as expected. Fibroblasts remained mainly stationary on 

PA-PEG-RGD hydrogel substrates after treatment with nocodazole and cytochalasin D, 

reinforcing the well established principle that a stable and intact cytoskeleton is necessary 
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for cell motility;23,24,39 similar effects have been shown with MSCs treated with the same 

inhibitors on durotactic gradients.2 One might expect contractile agonists such as LPA 

and bradykinin however, to enhance haptotactic migratory behaviors by heightening 

contractility and thus amplifying the sensitivity or aggregating signal from sensing 

mechanisms. In fact in fibrotic lungs, LPA treatment induces MSC differentiation into 

more contractile phenotypes such as myofibroblasts;40 LPA is also known to increase cell 

motility, and enhance chemotaxis.41 Although cells treated with both bradykinin and LPA 

in this model of fibrosis displayed increased cell motility and spread area, they no longer 

underwent directed migration on RGD gradient substrates despite their enhanced ability 

to “feel” their surroundings, supporting our observations. Lack of tactic enhancement 

subsequent to LPA treatment is also consistent with previous observations where LPA 

treatment decreased durotax of MSCs on stiffness gradients.2 While chemo- and 

haptotaxis have been reported to have different signaling mechanisms,17 they would 

appear to be more complex than simply tuning contractility. 

One observation that perhaps relates these results to migrating MSCs is spread 

area. MSCs are much larger than fibroblasts, regardless of what adhesive ligand was 

used. Here we found that when fibroblasts are treated with LPA, cells are 1.5-fold larger 

in spread area, but lose their ability to undergo haptotaxis, i.e. their migratory behavior 

becomes more similar to MSCs subsequent to LPA treatment. These observations, 

perhaps reflective of decade-old observations in correlations between cell spread area and 

both substrate stiffness and adhesive ligand density,13,42,43 suggest that extracellular 

biophysical cues that dictate cell spread area may play a role in limiting taxis. However, 

closer inspection of the deformations imparted by cells was more suggestive of a 
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mechanism. Deformations within the adhesive ligand coating and in underlying hydrogel 

substrate revealed that stem cells and fibroblasts could sense differences in low and high 

surface densities of fibronectin but absolute protein deformations were similar between 

cell types. These results are consistent with previous findings that although cells may 

potentially feel differences in fiber tethering, the degree of tethering does not seem to 

dictate cell behaviors such as differentiation12 and in this case, migration. However, 

significant differences in hydrogel deformations between MSCs and fibroblasts suggests 

that greater MSC tractions may impair their ability to sense differences in adhesive ligand 

density and thus hinder their ability to undergo preferential migration.  

 

Optimal Adhesivity to Maximize Haptotaxis is Ligand Specific 

By including free RGD peptide in the culture media, we were able to effectively 

diminish MSC-substrate adhesiveness, reduce MSC tractions thus decreasing substrate 

deformations, and induce haptotactic migratory behaviors in MSCs. By blocking integrin-

substrate binding sites, we observed haptotactic velocities in MSCs that were on par with 

fibroblasts undergoing haptotaxis. However, once the free RGD peptide exceeds an 

optimal threshold, haptotactic migration is weakened, as MSCs are no longer sufficiently 

adhered and spread to the substrate. The inhibition of haptotaxis via blocking integrin 

receptors using free RGD peptide has previously been shown for melanoma cells on 

fibronectin gradients;17 our results extend these conclusions to MSCs for free RGD 

peptide beyond a concentration threshold to suggest that MSC haptotactic capabilities are 

biphasic with respect to adhesivity.  
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Thresholds for adhesive ligand density that induce haptotaxis are likely adhesive 

ligand type dependent, as different ligands yield different degrees of cell-substrate 

affinity.44 Maximal migration of smooth muscle cells has been shown to occur on 

substrates coated with different densities of collagen and fibronectin that yield similar 

cell-substrate attachment strength.44 In this study, if one were to use cyclic RGD or full-

length fibronectin, we might expect maximal haptotactic migratory behaviors to be 

displayed at higher concentrations of free peptide or protein in the culture media, as these 

ligand types have been shown to better facilitate cell-substrate adhesion compared to 

linear RGD. However, as integrins specific for RGD have not been implicated in 

haptotactic responses to collagen gradients,17 we do not expect to see any effect of free 

RGD peptide on haptotaxis for either cell type on collagen gradients. 

 

Conclusions 

Using DGMP, we presented a gradient fabrication system that is tunable for 

adhesive ligand type, gradient range, gradient steepness, as well as substrate stiffness. We 

demonstrate significant differences in the ability of fibroblasts and stem cells to undergo 

haptotaxis. Our results indicate that haptotaxis mechanisms are dependent on cell-

induced tractions, which are largely regulated by substrate adhesiveness.  
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Supplementary Figures 

 

Supplementary Figure 3.1: MSC migration on collagen gradients. (A) Rose plots of MSC migratory 
paths beginning at the origin on low, gradient, and high collagen density regions of PA-AA hydrogels. (B) 
Tactic index, or the ratio of displacement to total distance traveled by cells on low, gradient, and high 
collagen density regions of PA-AA hydrogels. Each data point indicates one cell. (mean ± S.E.M.). (C) 
Histograms depicting initial to final position displacement vector angles of MSCs on low, gradient, and 
high collagen density regions of PA-AA hydrogels. 0 angle indicates migration directly up the ligand 
gradient. 
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Supplementary Figure 3.2: 3T3 migration on collagen gradients. (A) Rose plots of 3T3 migratory paths 
beginning at the origin on low, gradient, and high collagen density regions of PA-AA hydrogels. (B) Tactic 
index, or the ratio of displacement to total distance traveled by cells on low, gradient, and high collagen 
density regions of PA-AA hydrogels. Each data point indicates one cell. (mean ± S.E.M.; ***p < 0.005). 
(C) Histograms depicting initial to final position displacement vector angles of 3T3s on low, gradient, and 
high collagen density regions of PA-AA hydrogels. 0 angle indicates migration directly up the ligand 
gradient. 
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Supplementary Figure 3.3: Effect of drug treatment on 3T3 migration paths. (A) Rose plots of 
migratory paths beginning at the origin on the gradient region of PA-PEG-RGD hydrogels with RGD 
gradients of 3T3s treated with lysophosphatidic acid, bradykinin, nocodazole, and cytochalasin D. (B) Rose 
plots of migratory paths beginning at the origin on the gradient region of PA-AA hydrogels with collagen 
gradients of 3T3s treated with lysophosphatidic acid. 
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Chapter 4 
 
 
 
 

The Role of Ligand Tethering in 
Determining Stem Cell Behaviors 
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Introduction 

The ability of cells to recognize and interact with the extracellular matrix plays an 

important role in the regulation of cell functions. Stem cells bind to and contract against 

the extracellular matrix integrating signals that regulate cell fate such as stiffness and 

ligand type. Receptors on cell surfaces allow for cells to adhere to ligands located on 

another cells, or adhere to ligands in the ECM. The adhesion of cells to insoluble 

extracellular tissue matrix proteins such as fibronectin or collagens in particular is critical 

to many physiological processes including embryonic development, maintenance of 

proper tissue growth and differentiation states, and generation of traction for migration 

and tissue organization.1 This dissertation encompasses a study of how stem cells interact 

with the biological and physical cues of the surrounding extracellular microenvironment 

in vitro. 

In the previous chapters, I have outlined the importance of considering the 

mechanics of cell culture substrates (Chapter 1), reaffirmed elastic modulus as a major 

regulator of stem cell differentiation (Chapter 2), and demonstrated that mesenchymal 

stem cells display adhesion-mediated behaviors that allow for directed migration 

(Chapter 3). In doing so, I conducted an in-depth study of fibrous protein tethering, a 

phenomenon that has only very recently been proposed to play a role in cellular 

mechanosensing. The experiments described in this dissertation provide direct evidence 

demonstrating for the first time that although fiber tethering exists, stem cells are 

insensitive to this phenomenon both in terms of protein expression as required for 

differentiation, as well as in motility and migration. In this concluding chapter, I discuss 

how these experiments together provide significant implications for the investigation of 
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cellular mechanosensing in vitro, as well as discuss potential applications of this research 

for modeling disease. 

 

The “Tethering” Phenomenon versus Stiffness 

Over the last two decades, there has been an increased interest in matrix stiffness 

as a cue to direct cell morphology2 and differentiation.3 The differentiation of MSCs into 

neurogenic, myogenic, and osteogenic lineages has been shown to be optimal when 

MSCs are grown on substrates with stiffnesses closely matching that of the natural in vivo 

stiffness of brain, muscle, and bone respectively.  

Recently, the degree of fibrous protein coupling to the surface of the underlying 

substrate, i.e., tethering and matrix porosity, has also been proposed to mechanically 

regulate differentiation. While studies have shown that differentiation is independent of 

ligand concentration, more recent studies have claimed that tethered protein anchoring 

distances on compliant substrates actually provide the varying mechanical cues for 

differentiation as opposed to the bulk compliance or stiffness of the substrate 

underneath.4 Given contradicting arguments, the field of cell-substrate mechanosensing 

saw a significant need for further investigation into the tethering phenomenon, as well as 

need for the ability to decouple the effects of surface matrix proteins and tissue stiffness 

as regulators of differentiation.  

Utilizing atomic force spectroscopy, for the first time, we resolved fibrous matrix 

protein-substrate tethers at a nanoscale, and demonstrated that altering the concentration 

of protein-substrate crosslinker below saturating levels does indeed alter the degree to 

which a layer of fibrous matrix protein is bound to a polyacrylamide substrate. This held 
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true for multiple crosslinker types as shown in both Chapter 2 and Chapter 3. Prior to the 

publication of our study, the concept of tethering was simply a theory.  

By providing evidence of tethering, demonstrating that altering tethering does not 

affect cell fate, morphology or tractions, while consistently showing that changing the 

stiffness of the underlying substrate changes how cells differentiate and deform their 

underlying substrate, we reaffirmed to the field that substrate elastic stiffness does indeed 

play a major role in determining cell behaviors from differentiation and spreading, to the 

ability of cells to exert tractions. 

 

The Effect of Adhesive Ligand Density on Cell Behaviors 

Given that cell spread area may be a factor affecting differentiation, and that 

surface matrix ligand concentration affects both migration and cell area, it is of interest to 

us to further investigate determine whether or not surface matrix ligand concentration 

alone is sufficient to drive certain cell behaviors. Although we do not resolve the absolute 

amounts of collagens bound to a polyacrylamide substrate using the sulfo-SANPAH 

crosslinker, we were able to show local differences in relative amounts of collagen bound 

via acrylic acid and EDC/NHS crosslinking using atomic force spectroscopy.  

Furthermore, we demonstrated that although several cell types respond and displace the 

adhesive fibrous protein layer differently given different degrees of tethering and surface 

protein densities, this has no impact on cell motility and directed migration. Thus 

although our work this leaves room for future studies regarding the impact of protein 

coating density on differentiation, the lack of an impact on migration suggests that the 

impact on differentiation may be similar. 
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Decoupling Stiffness from Ligand Density  

Because cells have been shown to tend to move towards regions of higher 

stiffness via durotaxis,5,6 and durotactic cues are often found in vivo alongside haptotactic 

cues, creating a system that decouples ligand density from stiffness to investigate cell 

migration is crucial. Unlike most gradient systems in literature, the development of 

DGMP7,8 allows for stiffness and ligand to be modulated independently, and 

simultaneously. This inexpensive and simple process can be adapted and expanded to a 

number of other materials, and can take our current studies from 2D to 3D utilizing 

materials such as PEG, collagen, or hyaluronic acid. 

 

Directed Migration is Regulated by Cell Surface Integrin Receptors 

Cells bind to adhesion sites on matrix proteins such as fibronectin, laminin, and 

collagen specifically via integrin heterodimers composed of non-covalently associated α 

and β subunits. As an integral membrane protein that interacts with both extracellular 

ligands and intracellular cytoskeleton components, integrins allow mechanical signals to 

be transduced from outside the cell to inside the cell and vice versa, driving cell 

morphology and migratory patterns as well as differentiation.  

Migration is generally accepted as receptor-mediated, where adhesion receptors 

such as integrins provide for the conversion of intracellular contractile forces into traction 

forces on the substrate; this results in cell locomotion.1 As a result, both biological cues 

from the adhesive proteins as well as mechanical cues from resulting contractile and 

traction forces are required for migration among other cell processes. However, studies 

have confirmed that for most cell types, there is a biphasic dependence of cell migration 
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velocity on substrate ligand density, i.e., velocity is maximized at some intermediate 

ligand density, and is minimized at extremely low as well as extremely high ligand 

densities. When the ligand density and thus surface adhesiveness is low, any traction 

forces occurred by the cell results in detachment of cell-substrate attractions; when the 

ligand density and thus surface adhesiveness is high, forces exerted by the cell are 

insufficient to break cell-substrate attractions.  

In Chapter 3, we take these well-observed cell behaviors one step further, and 

demonstrate using TFM that the cell deformations of an underlying hydrogel substrate are 

scale with the adhesive ligand coating density. Furthermore, we describe these 

deformations as cell type dependent, and show that they may differ by several hundred 

microns at the cell-sensing scale from fibroblasts to stem cells. Most importantly, by 

blocking integrin receptors with free RGD peptide, we provide evidence suggesting that 

directed migration is limited by adhesiveness, and driven by integrin-mediated pathways, 

and hypothesize that cells “want” to achieve some optimal ability to exert tractions on 

their surrounding microenvironment. 

 

In Vivo Implications 

Cell migration has been observed in a number of processes such as the migration 

of white blood cells through tissue spaces, the migration of endothelial cells out of blood 

vessels, or the migration of tumor cells into healthy organs. One example of haptotaxis 

includes the movement of dermal fibroblasts into cutaneous wound spaces, as the 

fibroblasts sense a spatial increase in matrix proteins from healthy tissue towards the 

wound.1 It is of clinical interest to study how stem cells in particular are (1) cued to 
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migrate towards a site of injury, and (2) directed to differentiate into the appropriate cell 

type to aid in repair. The data presented in this disseration suggests that haptotactic 

behaviors are limited by adhesiveness, and that fibroblasts, which home to tissue to aid in 

repair, may be more responsive to ligand gradients. The research presented in this 

dissertation provides major implications for further understanding wound healing and 

repair processes.  

 

Conclusions 

Focusing on isolating cell adhesion from stiffness and carefully investigating the 

traditional linearly elastic adhesive protein-coated polyacrylamide cell culture platform, 

we provide insight into how cells “feel” and respond to their surrounding adhesive ligand 

domains. As the use of stem cells in regenerative medicine is promising, a deeper 

understanding of how stem cells may be directed to migrate to sites of injury and how 

stem cells may be induced to differentiate into specific lineages is necessary. 
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