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Mechanisms of target specificity in eukaryotic gene silencing 

pathways 

Phillip A. Dumesic 

 

Abstract 

Precise control of gene expression underlies cellular identity and function in eukaryotes.  

This control is achieved by gene activation pathways, which select particular sequences 

for expression, and by gene silencing pathways, which prevent the expression of 

unnecessary gene products.  The latter class of pathways not only prevents the 

metabolic cost associated with expression of unnecessary genes, but also protects 

against the expression of deleterious gene products, like transposons.  Understanding 

the mechanisms by which gene silencing pathways achieve specificity for their diverse 

targets is a central goal in the study of eukaryotic gene expression.  In this thesis, I use 

the human fungal pathogen Cryptococcus neoformans as a model system for the study 

of target specificity in two gene silencing pathways: post-transcriptional silencing by 

RNA interference (RNAi) and transcriptional silencing by Polycomb group proteins. 

 RNAi pathways, in which small RNAs guide the silencing of complementary 

target transcripts, act to suppress transposons.  But the signals that distinguish their 

targets from host genes remain unclear.  Here, I identify SCANR, a spliceosome-

associated protein complex that mediates small RNA production specifically from 

unspliced mRNA precursors whose suboptimal introns cause them to stall on 

spliceosomes.  These findings identify a new role for the spliceosome in genome 
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defense, in which the distinct splicing signals of transposon transcripts provide an 

opportunity for cells to distinguish transposons from host genes. 

  Polycomb proteins deposit H3 lysine 27 methylation (H3K27me) to establish 

heterochromatin domains, but the mechanisms that specify domain extent and location 

are unknown.  Here, I characterize a Polycomb complex in C. neoformans, demonstrate 

its role in subtelomeric gene silencing, and find that it physically interacts with the 

methyl mark it deposits: H3K27me.  Disruption of this binding activity causes aberrant 

commingling of Polycomb heterochromatin with other types of repressive 

heterochromatin, thereby revealing a mechanism that prevents inappropriate crosstalk 

between discrete chromatin domains.  

 Finally, I characterize the signal recognition particle (SRP)—a ribonucleoprotein 

complex required for protein sorting—in C. neoformans, its first description in 

basidiomycetous yeast.  I reveal unprecedented features in its RNA and protein 

components, thereby contributing to our understanding of SRP diversity, evolution, and 

function in lower eukaryotes.  
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Chapter 1

The challenge of accurate gene expression control
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The identity and function of eukaryotic cells depend on accurate and timely control of 

gene expression.  Such control requires not only that cells activate particular genes, 

but also that they silence the expression of unnecessary gene products. For instance, 

genes involved in cell cycle progression, body plan development, or metabolism of a 

rare nutrient might not be required in certain conditions.  The inappropriate expression of 

such gene products would incur a metabolic cost, and could even be actively disruptive 

to normal cellular or organismal physiology.  

 The importance of gene silencing is not limited to its control of protein-coding 

genes.  In fact, coding regions represent only a small fraction of higher eukaryotic 

genomes, which are composed primarily of noncoding regions such as regulatory 

sequences, repetitive elements, and transposons (Lander et al., 2001).  This latter class, 

which is present in virtually all eukaryotic genomes and constitutes more than two thirds 

of the human genome (de Koning et al., 2011), comprises nucleic acid elements that can 

mobilize to new chromosomal locations.  Transposon mobilization events can disrupt host 

genes (Burns and Boeke, 2012), promote chromosomal rearrangements (Hedges and 

Deininger, 2007), and contribute to Mendelian disease and cancer in humans (O’Donnell 

and Burns, 2010).  Therefore, the aberrant expression of noncoding DNA does not simply 

impose a metabolic cost and lead to the accumulation of potentially toxic noncoding 

RNAs (Kaneko et al., 2011).  Rather, aberrant expression of these regions also allows 

transposable elements to threaten host genome stability.  

 The importance of gene silencing for cellular function is reflected by the presence 

of deeply conserved gene silencing pathways in eukaryotes, which act at both the post-

transcriptional and transcriptional levels (Beisel and Paro, 2011; Ketting, 2011).  In both 

cases, a central challenge for these pathways is to identify their targets with specificity, 

thereby ensuring suppression of deleterious genomic sequences without disruption of 

appropriate host genes.  The need for specificity is underscored by the fact that many 
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gene silencing pathways are self-reinforcing and heritable across cellular and organismal 

generations (Castel and Martienssen, 2013; Ringrose and Paro, 2007).  As such, the 

silencing of inappropriate targets can cause lasting dysfunction.  Achieving silencing 

specificity, however, is complicated by the limited conservation of the noncoding DNA 

regions targeted by gene silencing pathways, which necessitates that a single gene 

silencing pathway must adapt to recognize distinct target sequences in distinct organisms.  

In this thesis, I use the human fungal pathogen Cryptococcus neoformans to 

investigate mechanisms by which post-transcriptional and transcriptional gene silencing 

pathways target specific loci at the level of RNA and chromatin, respectively.  First, I 

describe signals that guide the endogenous small interfering RNA (siRNA) pathway, a 

small-RNA mediated silencing pathway that suppresses transposons in order to maintain 

genome stability.  Second, I describe the establishment of C. neoformans as a model 

system for the study of Polycomb proteins, conserved factors that suppress gene 

expression by establishing broad domains of facultative heterochromatin, but whose 

roles in lower eukaryotes are unclear.

RNAi-related RNA silencing pathways act in organisms from protist to human 

to recognize and suppress transposons (Shabalina and Koonin, 2008).  In these 

pathways, ~20-30 nt small RNAs act in complex with Argonaute family proteins to silence 

complementary transcripts.  Because small RNAs guide RNA silencing, the specificity of 

these pathways is determined in large part by the selection of particular sequences for 

small RNA biogenesis.  In the canonical RNAi pathway, RNaseIII-type Dicer enzymes 

act on long double-stranded RNA (dsRNA) to generate siRNA.  In some systems, this 

pathway is elaborated by the action of RNA-dependent RNA polymerases, which are 

thought to produce small RNAs directly or to generate long dsRNA substrates for Dicer 

(Ghildiyal and Zamore, 2009; Wassenegger and Krczal, 2006).  The diversity of small 

RNA biogenesis mechanisms permits a wide variety of RNA sequences to template small 

RNA production.  This in turn may enable RNA silencing pathways to target the many 
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types of transposons, which differ broadly in sequence and distribution across eukaryotic 

genomes.  The mechanisms that ensure RNA silencing specificity for transposons are not 

understood.

In Chapter 2, I make the surprising observation that siRNAs in C. neoformans 

correspond not only to exons of their transposon targets, but also to introns, thus 

implicating intron-containing mRNA precursors as substrates for siRNA biogenesis.  I also 

characterize a nuclear protein complex, SCANR, that mediates siRNA biogenesis and 

physically associates with the spliceosome.  These findings suggest a kinetic competition 

model for RNAi in which rapidly spliced transcripts are not targeted for siRNA synthesis, 

whereas transposon transcripts, by virtue of their poor splicing kinetics, accumulate in 

spliceosomes and are targeted for RNAi by SCANR.

Consistent with this model, I find that transposon transcripts exhibit sequence 

features predictive of poor splicing and accumulate abnormally on spliceosomes in vivo.  

More importantly, I demonstrate that deletion of introns from an RNAi target transcript 

reduces the transcript’s ability to template siRNA biogenesis.  In contrast, mutations that 

stall a transcript’s splicing dramatically increase the level of its corresponding siRNA in 

a manner that requires entry into the splicing pathway.  Together, these findings uncover 

a connection between two signature aspects of eukaryotic gene expression—pre-mRNA 

splicing and RNAi—and illustrate how this connection enables RNA silencing to target 

transposons with specificity.

In the kinetic competition model for RNAi, the suboptimal splicing properties 

of transposons, as compared to host genes, provide an opportunity for the evolution 

of genome defense.  These poor splicing properties may result from the tendency of 

retrotransposons to produce unspliced transcripts as transposition substrates, or may 

reflect the fact that a horizontally transferred transposon has had limited time to adapt to 

a new host’s particular splicing signal preferences.  In any case, a transposon recognition 

mechanism that responds to splicing efficiency is advantageous in that its targeting is 
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not restricted to particular transposon sequences, but rather can recognize even novel 

transposon families.  Given the universality of introns in eukaryotic genomes, the capacity 

for splicing signals to guide RNAi is likely to be broadly relevant.  In fact, mutations 

in splicing factors have been found to affect small RNA biogenesis in other systems, 

including metazoans, although the underlying mechanisms are unclear.  In Chapter 3, I 

discuss the kinetic competition model for RNAi in light of these findings in other systems, 

thereby considering a potentially broader role for spliceosome-coupled RNA silencing 

across eukaryotes and providing a framework for future studies of how metazoan siRNA 

and PIWI-interacting RNA (piRNA) pathways achieve target specificity.  In Chapter 4, 

I discuss more broadly the known mechanisms by which RNA silencing pathways can 

distinguish transposons from host genes in plants, animals, and yeast.  This discussion 

puts spliceosome-coupled RNA silencing, which depends on a disparity in gene 

expression signal strength to distinguish transposons from host genes, in the context 

of other mechanisms that identify transposons based on their unique RNA secondary 

structures, genomic arrangements, specific sequences, or ability to mobilize.  

Repetitive elements in eukaryotic genomes are silenced not only by RNAi, but also 

by mechanisms that act at the level of chromatin—that is, the DNA and its associated 

proteins (Rando and Chang, 2009).  The most abundant proteins in chromatin are 

histones, which assemble in octamers to form nucleosomes, the repeating proteinaceous 

units around which DNA wraps (Kornberg and Lorch, 1999).  Nucleosomes serve as 

docking platforms for many structural and regulatory proteins, thereby placing histones 

at a nexus of gene expression control and nuclear structure.  The docking and activity of 

these chromatin-associated proteins is controlled in large part by histone post-translational 

modifications, which act individually and combinatorially (Strahl and Allis, 2000).  Thus, 

histone modifications help establish a local chromatin environment that controls gene 

transcription and RNA processing (Berger, 2007).  For this reason, multiple gene silencing 

pathways utilize chromatin to effect gene suppression.
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Polycomb group (PcG) proteins act to establish broad chromatin domains that 

inhibit transcriptional activity.  First described in Drosophila, where they are required for 

proper body segmentation (Lanzuolo and Orlando, 2012), PcG proteins are now known to 

be conserved from metazoans to single-celled eukaryotes (Shaver et al., 2010).  In these 

organisms, PcG proteins silence a wide variety of genomic targets, with roles not only in 

metazoan body plan development but also in mammalian X chromosome inactivation, 

transposon and transgene suppression, and stem cell homeostasis (Sparmann and van 

Lohuizen, 2006).  A common theme in all of these settings is that Polycomb proteins 

deposit histone H3 lysine 27 methylation (H3K27me) in order to effect gene silencing.  

The methyltransferase Ezh2 catalyzes this reaction in a manner highly regulated by both 

the chromatin context of the histone substrate and by the multiprotein complex in which 

Ezh2 is a subunit: Polycomb repressive complex 2 (PRC2) (Margueron and Reinberg, 

2011).  

Once deposited, the H3K27me mark can be propagated across multiple cell 

divisions, which enables Polycomb proteins to maintain an epigenetic memory of gene 

expression state, even after the initial signals that guided a gene expression decision 

have ended.  Thus, Polycomb heterochromatin is ‘facultative’: it is responsive to gene 

expression signals, and can be differentially regulated in different tissues, environments, 

and cell lineages. In contrast, constitutive heterochromatin, classically associated with 

H3K9 methylation, is more stably repressive and consistent across cell types and 

environments.  As a mediator of facultative heterochromatin, Polycomb proteins are 

well-suited to control long-term processes such as cell and tissue differentiation; indeed, 

perturbed Polycomb function can drive tumorigenesis in humans (Sparmann and van 

Lohuizen, 2006).

Given their diverse roles and target loci, a central goal in the study of PcG 

proteins—and in the study of chromatin biology more generally—is to understand how 

heterochromatin domains are established with specificity.  In Chapter 5, I describe the 
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establishment of C. neoformans as a model system to ask this question.  I show that 

Ezh2 is present in C. neoformans and acts to deposit H3K27me in subtelomeric regions, 

where it silences gene expression across large domains.  I biochemically characterize the 

PcG protein complex responsible for this activity, PRC2, and find that it includes a novel 

subunit, Ccc1, that binds specifically to H3K27me marks.  Loss of this binding activity 

leads to a redistribution of H3K27me genome-wide, such that Polycomb heterochromatin 

is deposited in ectopic locations.  Remarkably, these locations coincide with the position 

of constitutive heterochromatin, and the elimination of constitutive heterochromatin 

fully suppresses the H3K27me redistribution.  These results demonstrate that a role for 

binding of PRC2 to its product, H3K27me, is to prevent the inappropriate commingling 

of constitutive and facultative heterochromatin.  Product recognition is a feature of many 

different chromatin-modifying complexes, and may therefore play widespread roles in 

enabling the spatial distinction of multiple independent chromatin domain types.

Finally, in Chapter 6, I describe my investigation of a distinct aspect of gene 

expression control: protein sorting by the signal recognition particle (SRP).  The SRP 

is a ribonucleoprotein particle that orchestrates protein sorting in all domains of life by 

directing the co-translational insertion of nascent peptides into the endoplasmic reticulum 

or plasma membrane (Akopian et al., 2013; Andersen et al., 2006).  Phylogenetic 

analyses of SRP components have provided insight into SRP function and evolution, but 

are hampered by the limited number of identified SRP components in fungi (Regalia et al., 

2002; Rosenblad et al., 2009).  I describe the experimental identification of SRP subunits 

in C. neoformans, the first description of an SRP in basidiomycetous yeast.  This analysis 

reveals unprecedented features in both RNA and protein components of the SRP, which 

suggests an unusual co-evolution in this lineage, explains why basidiomycete SRP RNAs 

have not been identified previously by computational approaches, and has enabled their 

identification here.  These findings reveal an unexpected diversity of the fungal SRP and 

provide new insights into its evolution.
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Chapter 2

Stalled spliceosomes are a signal for RNAi-mediated genome defense
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Summary

Using the yeast Cryptococcus neoformans, we describe a mechanism by which transposons 

are initially targeted for RNAi-mediated genome defense. We show that intron-containing 

mRNA precursors template siRNA synthesis.  We identify a Spliceosome-Coupled And 

Nuclear RNAi (SCANR) complex required for siRNA synthesis and demonstrate that 

it physically associates with the spliceosome. We find that RNAi target transcripts are 

distinguished by suboptimal introns and abnormally high occupancy on spliceosomes.  

Functional investigations demonstrate that the stalling of mRNA precursors on 

spliceosomes is required for siRNA accumulation.  Lariat debranching enzyme is also 

necessary for siRNA production, suggesting a requirement for processing of stalled 

splicing intermediates. We propose that recognition of mRNA precursors by the SCANR 

complex is in kinetic competition with splicing, thereby promoting siRNA production from 

transposon transcripts stalled on spliceosomes.  Disparity in the strength of expression 

signals encoded by transposons versus host genes offers an avenue for the evolution of 

genome defense.
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Introduction

RNAi-related RNA silencing pathways constitute a group of small RNA-based silencing 

mechanisms that antedate expansion of the eukaryotic lineage and function throughout 

this domain of life (Shabalina and Koonin, 2008).  Enzymes required for RNA silencing 

are numerous and can differ between species, but universally include Argonaute or PIWI 

clade proteins, which bind small RNAs.  Some RNA silencing pathways also utilize Dicer 

ribonucleases, which produce siRNA from double-stranded RNA (dsRNA) precursors, 

and RNA-dependent RNA polymerases, which produce dsRNA.  Although RNAi-related 

systems perform disparate roles in different organisms—from histone modification to 

translational regulation—a deeply conserved and biologically critical function for these 

systems, observed from protists to man, is to defend genome integrity by silencing 

transposable elements (Behm-Ansmant et al., 2006; Cam et al., 2009; Ghildiyal and 

Zamore, 2009).  Yet transposons occur in many families that bear little or no resemblance 

to each other (Malone and Hannon, 2009), raising the question of how they are recognized 

as non-self DNA. 

One RNAi-related system that suppresses transposon mobilization is the Piwi-

interacting small RNA (piRNA) pathway, best understood in Drosophila.  piRNAs derive 

from specific genomic clusters of transposon-related sequences and act with Argonaute 

proteins of the PIWI clade to silence homologous sequences throughout the genome 

(Brennecke et al., 2007; Malone and Hannon, 2009).  Such a mechanism constitutes 

an adaptive immunity to transposons, as it silences only transposon families that 

had previously been incorporated into a piRNA cluster (Khurana et al., 2011).  These 

constraints raise the question of whether eukaryotes also demonstrate innate immunity 

to transposons, in which prior exposure to a transposon is not required for its recognition.    

The processing of long dsRNA into siRNA can been viewed as an innate immune 

mechanism for transposon defense, capable of recognizing even novel transposons by 
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virtue of their tendency to generate dsRNA.  For instance, transposons can produce 

dsRNA by mobilizing into an existing transcriptional unit, or by virtue of transposon-

encoded inverted repeats and internal antisense promoters; such dsRNAs template the 

production of repressive endogenous siRNA in a manner that requires Dicer (Conley 

et al., 2008; Drinnenberg et al., 2009; Ghildiyal et al., 2008; Sijen and Plasterk, 2003; 

Yang and Kazazian, 2006).  Mutations that block exogenous RNAi, which is triggered 

by long dsRNA, concomitantly increase endogenous transposon mobilization, providing 

additional evidence for the role of dsRNA processing in transposon recognition (Ketting et 

al., 1999; Tabara et al., 1999).  Another class of RNAi-related system potentially involved 

in innate transposon immunity is thought to have evolved to recognize unusual DNA 

arrangements.  The quelling pathway of N. crassa targets repetitive transgene arrays 

(Lee et al., 2010; Nolan et al., 2008), whereas meiotic silencing of unpaired DNA (MSUD) 

mechanisms silence transgenes that lack a partner during homolog pairing in meiosis I 

(Kelly and Aramayo, 2007).  Unlike mechanisms of innate transposon immunity that rely 

on dsRNA recognition, quelling and MSUD can silence loci that do not naturally produce 

dsRNA, and both require RNA-dependent RNA polymerases (Cogoni and Macino, 1999; 

She et al., 2009; Shiu et al., 2001).  Because transposons are particularly likely to form 

tandem arrays or occur asymmetrically on homologs during meiosis, quelling and MSUD 

may suppress transposon mobilization, but their underlying mechanisms remain poorly 

understood. 

 The human pathogenic yeast Cryptococcus neoformans offers a genetically 

tractable model system for approaching the mechanisms of small RNA-mediated 

transposon suppression.  This organism displays an active RNAi pathway comprising 

one Argonaute clade member (Ago1), two redundant Dicer orthologs (Dcr1/2), and an 

RNA-dependent RNA polymerase ortholog (Rdp1).  These factors play a key role in 

defending the C. neoformans genome: null mutations in their corresponding genes result 

in increased transposon expression, transposon mobilization, and transposon-induced 
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drug resistance mutations (Janbon et al., 2010; Wang et al., 2010).  In this paper, we 

investigate the mechanism of siRNA biogenesis in C. neoformans.  Six observations 

indicate a key role for introns and the spliceosome in this process.  First, small RNA 

analysis reveals that unspliced mRNA precursors are preferred substrates for siRNA 

production.  Second, we describe a nuclear RNA-dependent RNA polymerase complex 

required for siRNA production, termed SCANR (Spliceosome-Coupled And Nuclear RNAi 

complex), and find that it physically associates with the spliceosome.  Third, we observe 

that RNAi target transcripts encode suboptimal splicing signals and exhibit unusually 

high accumulation on spliceosomes.  Fourth, we find that deletion of introns from a 

strong RNAi target blocks the accumulation of siRNA corresponding to this transcript.  

Fifth, we find that experimental stalling of a pre-mRNA’s splicing dramatically increases 

its siRNA production in a manner that requires entry into the splicing pathway.  Sixth, 

we demonstrate that the lariat debranching enzyme is required for siRNA synthesis.  

These results indicate that stalled spliceosomes are a signal for RNAi and that splicing 

intermediates may be a favored substrate.  We propose that a competition between the 

recognition of spliceosome-associated mRNA precursors by SCANR and the completion 

of their ongoing splicing plays an important role in specifying sequences from which 

repressive siRNA is produced.
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Results

Endogenous siRNA of C. neoformans targets transposon mRNA precursors

To investigate the mechanism of small RNA biogenesis in C. neoformans genome defense, 

we used high-throughput sequencing to identify the siRNAs in haploid, vegetatively 

growing cells.  Wild-type cells produced 21-23 nt siRNAs with a strong preference for 

a uridine residue at their 5′ termini, a characteristic feature of Argonaute-bound siRNAs 

in other fungal systems (Figure 1A) (Drinnenberg et al., 2009).  These siRNAs were 

absent from cells lacking Ago1 or Rdp1 (Figures 1B and 1C).  siRNAs mapped most 

prominently to transposons: 22% of reads mapped to centromeres, which are composed 

primarily of transposons and transposon remnants (Loftus et al., 2005), and 32% of reads 

mapped to intergenic regions that have sequence similarity to centromeres (Figure 1D).  

An additional 39% of siRNA reads mapped to mRNA-encoding genes, many of which 

had sequence similarity to centromeres.  Genic siRNAs displayed a strand bias: 95% 

of reads had a polarity opposite that of the predicted transcript at their corresponding 

loci.  These findings indicate that the previously-described broad targeting of transposon 

transcripts by siRNA that occurs during mating is also a feature of vegetative growth in C. 

neoformans (Wang et al., 2010).

Transcripts targeted by RNAi corresponded to loci on each of the 14 C. neoformans 

chromosomes (e.g., Figure 1E).  These RNAi targets were not enriched for convergently 

transcribed genes, suggesting that dsRNA generated by bidirectional transcription is not 

a major driver of siRNA generation (Table S1).  Strikingly, siRNA reads in genes mapped 

not only to exons but also to introns: over 15% of these siRNAs contained intronic 

sequence, whereas introns constitute 18% of all genic sequences.  Moreover, the 50 

genes targeted by the greatest number of siRNA reads exhibited not only intronic siRNAs 

(in 45 cases) but also siRNAs that spanned intron-exon junctions (in 42 cases) (Table 

S2).  siRNA reads spanning exon-exon junctions were also observed within this gene set, 
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at a frequency only 2.45-fold that of intron-exon junction reads, despite the fact that the 

vast majority of cellular RNAs are expected to be fully spliced (Table S2).  The sequence 

features of siRNAs, together with their dependence on Rdp1, are consistent with a model 

in which Rdp1 acts preferentially upon intron-containing mRNA precursors to generate 

dsRNA, which is processed into siRNA to effect silencing of transposons and other RNAi 

targets.  This model is further developed below.  

Identification and characterization of proteins associated with RNA-dependent RNA 

polymerase

To gain further insights into how the RNAi machinery might be targeted to mRNA 

precursors in the nucleus, we used tandem affinity purification and mass spectrometry to 

identify proteins associated with Rdp1, the only component of the C. neoformans RNAi 

machinery that has been reported to be nuclear (Wang et al., 2010).   Purification of Rdp1-

CBP-2xFLAG, expressed from its endogenous locus, yielded Rdp1 itself as well as four 

additional proteins: Ago1 and three proteins we named Qip1, Gwc1, and Srr1 (Figure 2A).  

Qip1 is an ortholog of QIP, an N. crassa exonuclease that binds Argonaute and degrades 

the passenger strand of siRNA duplexes (Maiti et al., 2007).  Gwc1 (GW-containing) 

contains 5 GW/WG dipeptides—a motif commonly found in Argonaute-binding proteins 

(El-Shami et al., 2007)—but no other obvious domain or homolog.  Srr1 (Serine/Arginine-

rich) has no clear ortholog in other organisms, but, intriguingly, its domain structure 

resembles those of several mammalian splicing factors.  In particular, Srr1 contains 30 

RS/SR dipeptides and three RNA recognition motifs.

To assess the potential function of each protein that co-purified with Rdp1, we 

attempted to create deletion mutations in their corresponding genes.  We were successful 

for Ago1, Qip1, and Gwc1, but unsuccessful for Srr1, suggesting it may be essential for 

viability.  Strains lacking Ago1, Rdp1, Gwc1, or Qip1 exhibited increased levels of three 

transcripts highly targeted by siRNA in our sequencing experiments: CNAG_6757, an 



18

unannotated gene with homology to a transposon; CNAG_6844, a RecQ helicase; and 

CNAG_6705, an unannotated ORF (Figure 2B).  The same strains also displayed a loss 

of siRNA corresponding to these transcripts, indicating a functional requirement for Ago1, 

Rdp1, Gwc1, and Qip1 in RNAi (Figure 2C).

The isolation of Ago1 as an Rdp1-associated protein was surprising since it 

had been reported to localize exclusively to cytoplasmic P bodies (Wang et al., 2010).  

However, we found that although an mCherry-Ago1 fusion protein was cytoplasmic in 

most cells, a substantial fraction of cells (26%) displayed localization in both the nucleus 

and cytoplasm (Figure 2D).  The cytoplasmic signal of mCherry-Ago1 localized both 

diffusely and in foci corresponding to P bodies (Figure S1A).  GFP-Gwc1 and GFP-Qip1 

fusion proteins displayed a nuclear and cytoplasmic pattern in all cells, consistent with a 

fraction of these proteins associating with Rdp1 in the nucleus (Figure 2D).

To characterize the physical relationships among Rdp1-associated proteins, we 

performed tandem affinity purifications of Gwc1, Qip1, and Ago1.  Protein identification 

by mass spectrometry revealed a dense network of interactions among these proteins, 

consistent with the existence of a protein complex (Figures 2E and 2F).  Gwc1 and 

Qip1 purifications yielded only proteins that were also identified in an Rdp1 purification, 

whereas an Ago1 purification yielded all of these proteins as well as six additional proteins, 

which we named Skp1, Gwo1, Aga1, Aga2, Bre1, and Aga3.  These results can be most 

simply explained by proposing that Rdp1, Gwc1, Ago1, and Qip1 form a protein complex 

required for siRNA production, whereas Ago1 participates additionally in at least one other 

protein complex.  For reasons described below, we refer to the Rdp1 complex as SCANR 

(Spliceosome-Coupled And Nuclear RNAi complex) (Figure 2G).  We note that the dual 

nuclear and cytoplasmic localization of Ago1, Gwc1, and Qip1 suggests the existence of 

a cytoplasmic subcomplex that lacks Rdp1.  Yeast two-hybrid experiments using each 

SCANR component as bait and prey revealed interactions involving every subunit, further 

supporting the associations identified by tandem affinity purification (Figure 2H and Table 
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S3).

 We tested whether any of the proteins that co-purified with Ago1 but not with any 

other SCANR protein (Skp1, Gwo1, Aga1, Aga2, Bre1, and Aga3) is required for silencing 

of mRNAs targeted by RNAi.  We were able to delete each corresponding gene except 

SKP1, which may be essential for viability, as it is in S. cerevisiae (Connelly and Hieter, 

1996).  Of the five mutants, only the gwo1∆ strain exhibited derepression of RNAi target 

transcript levels, albeit to a lesser extent than that of strains lacking SCANR components 

(Figures 3A and 3B).  Loss of Gwo1 did not affect siRNA accumulation, however, indicating 

that Gwo1 is not required for siRNA biogenesis (Figure 3C).  Tandem affinity purification of 

Gwo1, followed by mass spectrometry, identified only Gwo1 itself and Ago1, suggesting 

that these two factors form a protein complex distinct from SCANR (Figures 3D and 3E).  

Indeed, yeast two-hybrid analysis detected an interaction between Gwo1 and Ago1, but 

not between Gwo1 and the SCANR components Rdp1, Qip1, or Gwc1 (Figure 3F and 

Table S3).  Furthermore, analytical tandem affinity purification of Ago1 yielded Gwo1, 

whereas purification of the SCANR component Rdp1 did not yield Gwo1, as assessed by 

immunoblotting (Figure 3G).  Finally, localization experiments indicated that a GFP-Gwo1 

fusion protein resided in cytoplasmic foci that co-localized with Ago1 foci and with the P 

body marker Dcp1 (Figures 3H and S1B).  We therefore refer to the Ago1-Gwo1 complex 

as PRSC (P body-associated RNA Silencing Complex) and conclude that it is distinct 

from the nuclear SCANR complex.  Investigation of the function of PRSC is ongoing.

SCANR associates with the spliceosome

Given that unspliced mRNA precursors appear to be preferred substrates for dsRNA 

synthesis, we were intrigued by the fact that Srr1, which was identified by mass spectrometry 

in purifications of two SCANR components, resembles mammalian splicing regulators 

(Figure 4A).  To confirm a physical interaction between SCANR and Srr1, we performed 

analytical tandem affinity purifications of SCANR components and used immunoblotting 
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to detect associated proteins.  Purifications of each SCANR subunit yielded Srr1 (Figures 

4B-D).  In contrast, purification of the RNAi factor Dcr1, which has been reported to 

localize to P bodies (Wang et al., 2010), did not yield Srr1, nor was an unrelated control 

protein, p31, detected in any purification.  Consistent with its SCANR association, an 

Srr1-mCherry fusion protein displayed a nuclear localization (Figure 4E).

  Given its domain structure, we tested whether Srr1 physically associates with 

spliceosomal snRNAs by immunoprecipitating Srr1 and detecting bound RNAs by RT-

qPCR.  All four annotated C. neoformans spliceosomal snRNAs (U2, U4, U5, U6), 

but not a control snoRNA (U18), associated with Srr1 (Figure 4F).  We next identified 

proteins associated with Srr1 using tandem affinity purification and mass spectrometry.  

Remarkably, of the 23 proteins that co-purified with Srr1, 17 were orthologs of known 

spliceosomal proteins (indicated in red, Figure 4G).  These included components of 

spliceosomal snRNPs—such as Smb1, Prp4, and Msl1—and other spliceosome-

associated complexes—such as Prp19, Syf1, Cef1, Cwc2, and Isy1 of the NineTeen 

complex (NTC).  Detection of SCANR components among Srr1-associated proteins was 

below our 10% coverage threshold, consistent with the lower sensitivity of this assay 

relative to immunoblotting.  These data establish Srr1 as a nuclear protein that interacts 

with spliceosomal complexes.

 The observed interaction between Srr1 and RNAi factors of SCANR, together 

with the associations between Srr1 and the spliceosome, suggested that SCANR might 

physically associate with the spliceosome, but too weakly to be detected by mass 

spectrometry methods.  To test this hypothesis, we determined whether Ago1 and Rdp1 

physically interact with the NTC component Syf1, which is part of the spliceosome at 

multiple stages of its assembly and during the catalytic steps of splicing (Hogg et al., 

2010).  Using immunoblotting, we detected Syf1 in tandem affinity purifications of Ago1 

or Rdp1, but not upon purification of Dcr1, which is not a SCANR component (Figures 4H 

and S2).  These findings indicate that SCANR physically associates with at least a subset 
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of spliceosomal complexes marked by Syf1.

RNAi target transcripts display high spliceosome occupancy

Our finding that mRNA precursors are a substrate not only for splicing, but also for siRNA 

production (Figure 1), led us to hypothesize that the spliceosome and RNAi may compete 

for their substrates in some way (Figure 5A).  In this scenario, the slow splicing of a 

transcript would, by virtue of increasing its time spent as an mRNA precursor, increase its 

availability as a substrate for the RNAi pathway, thereby biasing RNAi targeting toward 

poorly spliced genes.

 An important prediction of such a model is that genes targeted by RNAi should 

encode inefficiently spliced transcripts.  As an initial test of this idea, we examined intron 

features likely to affect splicing efficiency.  Unlike S. cerevisiae, in which most genes have 

no introns and genes with introns typically have only one, C. neoformans genes average 

5 introns per gene, and it is thought that nearly all, if not all, genes harbor introns (Loftus 

et al., 2005).  Furthermore, whereas S. cerevisiae intronic splicing signals conform closely 

to consensus, C. neoformans splice sites are considerably more degenerate, in this 

respect resembling those of metazoans (Irimia et al., 2007; Loftus et al., 2005).  Although 

C. neoformans intron splice sites possess generally low information content, intron size 

is highly constrained: intron lengths are tightly distributed around a mode of 52 nt, and 

evolutionary studies of the Cryptococcus species complex suggest that an optimal intron 

size is under selection (Hughes et al., 2008).

We examined the aforementioned splicing features of RNAi target and non-target 

transcripts to determine whether the RNAi pathway acts preferentially on transcripts 

with suboptimal introns.  The vast majority of both gene classes contained introns: RNAi 

target transcripts encode 3.9 introns per gene on average, as compared to 5.1 for all C. 

neoformans genes.  Because a single poorly spliced intron in a multi-intron transcript 

would in principle be sufficient to stall maturation of the entire transcript, we classified 



22

each gene based on the properties of its weakest intron with respect to a given feature.  

We observed that the longest annotated introns of RNAi target genes were, on average, 

considerably longer than those of all genes (Figure 5B; p<1 x 10-8 by two-tailed K-S 

test).  In contrast, the strengths of the weakest 5′ splice sites of RNAi target genes were, 

on average, only modestly weaker than those of all C. neoformans genes (Figure 5C; 

p=0.013 by two-tailed K-S test).  Because the 5′ splice site is critical for initiation of 

spliceosome assembly, whereas experimentally increasing intron length can, depending 

on the site, block later steps of the splicing pathway (Cellini et al., 1986; Chua and Reed, 

2001), these findings raise the possibility that siRNA target transcripts enter the splicing 

pathway, but become stalled at a later stage.  Stalled splicing may thereby provide an 

opportunity for the spliceosome-associated SCANR complex to target mRNA precursors 

for RNAi. 

As an initial test of this hypothesis, we examined whether causing an RNAi target 

transcript to bypass splicing would reduce its ability to template the production of siRNA.  

To do so, we generated mutants of an RNAi target transcript, CNAG_6705, in which 

its two introns were deleted, singly or together. Each of these mutations dramatically 

reduced the accumulation of siRNA corresponding to CNAG_6705 (Figure 5D).  Intron 

deletion also decreased steady state levels of the CNAG_6705 transcript, but this effect 

appeared insufficient to explain the loss of CNAG_6705 siRNA caused by the mutations 

(Figure 5D).  These results are consistent with a model—tested further below—in which 

spliceosome engagement is important for siRNA production.

To examine more directly the interactions between endogenous RNAi target 

transcripts and the splicing machinery, we sought to measure the in vivo occupancy of mRNA 

precursors on the spliceosome.  We immunoprecipitated NTC-containing spliceosomal 

complexes using an epitope-tagged Prp19 and examined levels of associated transcripts 

by RT-qPCR, normalizing the data for total transcript levels.  Strikingly, the twelve 

transcripts most highly targeted by siRNA exhibited dramatically greater spliceosome 
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occupancy than did six non-RNAi target genes that spanned a broad range of expression 

level, intron number, and gene size (Figure 5E).  These twelve RNAi targets include 

seven transposon-related genes (indicated in bold, Figure 5E), whereas the non-RNAi 

targets include genes encoding actin (CNAG_0483) and GAPDH (CNAG_6699).  We 

found that the accumulation of RNAi target transcripts on spliceosomes was maintained in 

the context of an rdp1ΚΟ strain, demonstrating that this property is not caused by siRNAs 

themselves (Figure S3).  Thus, transcripts targeted by RNAi exhibit intronic sequence 

features predictive of poor splicing and accumulate abnormally on spliceosomes in vivo.

Mutations that stall splicing trigger RNAi 

Our finding that RNAi target transcripts accumulate on spliceosomes led us to hypothesize 

that these transcripts proceed inefficiently through the splicing pathway, during which some 

fraction is redirected to the RNAi pathway and converted into siRNA.  This hypothesis 

predicts that the entry of a transcript into the RNAi pathway would be improved by intronic 

mutations that stall its splicing at an intermediate stage.  To test this prediction, we introduced 

intronic mutations into a single-copy, endogenous gene that is very weakly targeted by 

RNAi: CNAG_7888 (Figure S4A).  CNAG_7888 contains two predicted introns whose 

locations we verified by cDNA sequencing.  To facilitate detection of siRNA generated 

from the CNAG_7888 locus by Northern hybridization, its promoter was replaced with 

the strong GAL7 promoter.  We assessed two classes of intronic mutations: 5′ splice site 

mutations, which we predicted to block splicing prior to spliceosome assembly; and 3′ 

splice site mutations, which we predicted to allow spliceosome assembly but block the 

second catalytic step of splicing.

Cells expressing wild-type CNAG_7888 exhibited a very low level of siRNA, 

comparable to the background observed in cells in which the CNAG_7888 locus was deleted 

(Figure 6A).  No change in siRNA levels was detected in the context of CNAG_7888 alleles 

containing 5′ splice site mutations of either intron.  In contrast, a 3′ splice site mutation—
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specifically, that of intron 2—resulted in dramatically increased siRNA production from 

CNAG_7888.  This siRNA production required Rdp1, confirming that it represented entry 

of CNAG_7888 into the RNAi pathway (Figure S4B).  The inability of other CNAG_7888 

mutant alleles to promote siRNA generation could not be explained by defects in their 

expression, as all mutants showed similar transcript levels (Figure S4C).  Additionally, it 

was not the case that the sequence of intron 2 is uniquely capable of promoting RNAi: a 

CNAG_7888 construct in which the sequences of introns 1 and 2 had been exchanged 

similarly triggered siRNA synthesis only when the 3′ splice site of the downstream intron 

was mutated (Figure S4D).  Evidently, the position of the mutated intron in CNAG_7888 

(or perhaps its contiguous exonic sequence) influences its ability to stimulate siRNA 

production.  The nature of the 3′ splice site mutation is unimportant: multiple, distinct 

3′ splice site mutations in the second intron stalled CNAG_7888 splicing at the second 

catalytic step, as assessed by primer extension detection of lariat intermediate, and each 

strongly triggered siRNA production (Figure 6B).

Based on our finding that RNAi target transcripts are enriched for introns predicted 

to be longer than optimal (Figure 5B), we hypothesized that introns containing an 

increased distance from the branchpoint adenosine to the 3′ splice site would promote 

RNAi, because such introns stall splicing in other systems (Cellini et al., 1986; Chua and 

Reed, 2001).  We generated alleles of CNAG_7888 that contained 75 or 100 nt insertions 

of adenosine-free sequence between the mapped branchpoint and 3′ splice site of intron 

2, then examined their splicing efficiency and siRNA production.  As predicted, both of 

these insertion mutations reduced intron 2 splicing efficiency, although not as severely as 

did mutation of the 3′ splice site, as assessed by level of lariat intermediate (Figure S4E).  

Accordingly, both insertion mutations triggered siRNA production from CNAG_7888, 

but to a lesser extent than that triggered by a 3′ splice site mutation.  This inverse 

correspondence between splicing efficiency and siRNA accumulation across a range of 

splicing efficiencies is consistent with a kinetic competition between splicing and siRNA 
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production and indicates that multiple types of suboptimal introns can promote RNAi.

Entry into the splicing pathway is required for RNAi

Our finding that the suboptimal introns that promote RNAi tend to cause stalling of the 

spliceosome, together with our observation that RNAi target transcripts accumulate on 

spliceosomes, led us to hypothesize that spliceosome assembly at an intron is required 

for that intron to promote RNAi.  This hypothesis predicts that a 5′ splice site mutation, 

which disrupts the initial recognition of an intron by the spliceosome, should suppress the 

RNAi-promoting effects of 3′ splice site mutations in CNAG_7888.  Strikingly, a 5′ splice 

site mutation of intron 2, which caused no effect on RNAi by itself, fully suppressed the 

siRNA production triggered by a 3′ splice site mutation (Figure 6C).  As expected, the 

5′ splice site mutation also suppressed the accumulation of intron 2 lariat intermediate 

observed in a 3′ splice site mutant.

 To confirm that 3′ splice site mutations stall spliceosomes and that this effect is 

eliminated by a 5′ splice site mutation, we employed the spliceosome occupancy assay 

described above.  As expected based on its exceedingly weak production of siRNA, 

wild-type CNAG_7888 exhibited low spliceosome occupancy, similar to that of non-RNAi 

target transcripts (Figure 6D).  A 5′ splice site mutation of intron 2 caused no change 

in spliceosome occupancy, whereas a 3′ splice site mutation dramatically increased 

spliceosome occupancy, consistent with our finding that this mutation blocks the second 

catalytic step of splicing.  In accord with the well-established role of the 5′ splice site 

sequence in mediating entry into the splicing pathway, a 5′+3′ double splice site mutant 

displayed low spliceosome occupancy.  The correlation between spliceosome occupancy 

and siRNA levels in this series of CNAG_7888 mutant transcripts mirrors our observation 

that RNAi target transcripts generally display greater spliceosome occupancy than do 

non-RNAi target transcripts, supporting the view that stalled spliceosomes are a signal for 

RNAi. 
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Splicing intermediates may be a preferred substrate for siRNA biogenesis

Our finding that inefficient progression of CNAG_7888 through the splicing pathway 

increases its targeting by RNAi raised the possibility that splicing intermediates of this 

transcript, such as the intron 2 lariat intermediate, represent preferred substrates for siRNA 

biogenesis.  We therefore tested whether siRNA production from CNAG_7888 requires 

the lariat debranching enzyme (Dbr1), which debranches discarded lariat intermediates 

and excised lariats in order to allow processing of these RNA species (Chapman and 

Boeke, 1991; Mayas et al., 2010).  We found that Dbr1 was absolutely required for the 

siRNA production stimulated by a 3′ splice site mutation of CNAG_7888 intron 2 (Figure 

7A).  Strikingly, we also observed that debranchase was essential for accumulation of 

siRNA corresponding to the strong RNAi target transcripts CNAG_6757, CNAG_6844, 

and CNAG_6705 (Figure 7B).  These results suggest that debranching of splicing 

intermediates may enable their use as preferred templates for siRNA production.  Such 

a model predicts that the first exon of either a single- or multi-intron pre-mRNA would 

be an underrepresented substrate for siRNA biogenesis, because this region cannot be 

encoded by any lariat intermediate.  Consistent with this prediction, we found that, among 

the top 50 RNAi target transcripts, the siRNA read density in annotated first exons—

relative to the overall exonic density in their corresponding genes—was significantly less 

than the same metric calculated for annotated last exons (Figure 7C).  Together, these 

observations suggest that debranching of splicing intermediates stalled on spliceosomes 

may be a generally important step in siRNA production.
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Discussion

RNAi-related systems that target transposons are important guardians of genome integrity, 

but our understanding of how self and non-self DNA are distinguished is incomplete.  

Whereas piRNA systems offer an adaptive mechanism for transposon recognition, the 

existence of innate mechanisms can also be inferred, particularly for cases in which siRNA 

is produced against transposons that form dsRNA.  Our studies of the human pathogenic 

yeast Cryptococcus neoformans provide multiple lines of evidence that the process of 

pre-mRNA splicing by the spliceosome plays an important role in defining targets for the 

RNAi machinery.

Specifically, we find that transcripts targeted by RNAi are stalled in spliceosomes 

and that stalling promotes siRNA synthesis through a spliceosome-associated RNAi 

complex, SCANR.  Our results are compatible with a competition between the SCANR-

mediated recognition of unspliced mRNA precursors and the completion of their splicing, 

in which inefficiently spliced transcripts are channeled toward dsRNA synthesis.  Although 

previous studies in S. pombe, C. elegans, and A. thaliana have demonstrated that 

mutation or knockdown of RNA processing factors, including essential splicing factors, 

can affect siRNA levels, in no case has it been clarified whether these effects are direct, 

in part because the underlying mechanisms have not been elucidated (Bayne et al., 2008; 

Herr et al., 2006; Kim et al., 2005; Robert et al., 2005; Tabach et al., 2013).  Below, we 

summarize evidence that intron-containing mRNA precursors are preferred substrates 

for siRNA synthesis.  We discuss how this finding, together with the observation that 

transposon transcripts display unusually high spliceosome occupancy, suggests a kinetic 

competition model for RNAi targeting, and we describe potential advantages of such a 

mechanism.  Finally, we speculate on the evolutionary forces that may have led to the 

high spliceosome occupancy observed for transposon RNAs.
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Intron-containing mRNA precursors are a template for siRNA in C. neoformans

Our siRNA sequencing data demonstrate that siRNAs map to the introns and intron-exon 

junctions of most RNAi target genes, suggesting that either DNA or intron-containing 

mRNA precursors are a template for siRNA synthesis.  Several lines of evidence point 

to mRNA precursors as relevant templates.  First, our studies of SCANR show that 

this RNA-dependent RNA polymerase complex is essential for siRNA production and 

associates with the spliceosome, which itself assembles on pre-mRNA.  More importantly, 

we show that deletion of introns from a strong RNAi target gene reduces the level of 

its corresponding siRNA, whereas introduction of a 3′ splice site mutation into a weak 

RNAi target gene, which stalls its splicing, increases the level of its corresponding siRNA.  

Crucially, the latter effect is blocked by a 5′ splice site mutation that prevents spliceosome 

association with the transcript.  Finally, we find that the lariat debranching enzyme, which 

acts on branched RNA species generated by the action of the spliceosome (both lariat 

intermediate and excised lariat), is required for siRNA accumulation.  Taken together, 

these data argue that intron-containing mRNA precursors are templates for dsRNA 

synthesis and siRNA production.  

 

Spliceosomal stalling of transposon transcripts suggests a kinetic competition 

A second key finding of our studies is that RNAi target transcripts display much higher 

occupancy on spliceosomal complexes than do transcripts that do not enter the RNAi 

pathway.  Importantly, RNAi itself is not responsible for this difference, as cells lacking 

siRNA display the same behavior.  These findings suggest a kinetic competition model 

for the specification of transposon transcripts as substrates for siRNA synthesis (Figure 

7D).  In this model, mRNA precursors stalled on the spliceosome remain available for 

recognition by SCANR, whereas transcripts that complete splicing undergo spliceosome 

disassembly, intron degradation, and export out of the nucleus.  The nuclear localization 

of SCANR and its physical association with the spliceosome would facilitate the proposed 
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competition.  Such a spliceosome-based mechanism is advantageous in that it does not 

respond only to particular sequences, but rather to splicing efficiency itself, and therefore 

could in principle recognize multiple types of suboptimal introns, including those of foreign 

genetic elements not previously encountered.  

Although our experiments addressing transcript occupancy on Prp19-containing 

spliceosomal complexes do not speak to what specific kinetic steps are delayed during 

the splicing of transposon transcripts, other results suggest that spliceosome stalling 

events subsequent to the first catalytic step may be particularly capable of engaging 

SCANR.  In fact, we find that a 3′ splice site mutation of CNAG_7888, which stalls splicing 

at the second catalytic step, promotes siRNA production from this locus.  Furthermore, 

this siRNA production requires the lariat debranching enzyme, as does the production of 

siRNA corresponding to several other endogenous RNAi targets.  Because loss of Dbr1 

in other systems causes an accumulation of lariat RNAs but does not perturb splicing or 

spliceosome disassembly (Mayas et al., 2010; Nam et al., 1997), this finding suggests that 

lariat RNAs generated by the first step of splicing, once debranched, may be preferred 

substrates for Rdp1 and/or Dicer in C. neoformans.

The inefficient splicing of pre-mRNAs that contain transposons

The genome of C. neoformans is rich in introns: more than 97% of annotated genes 

contain at least one intron.  In other organisms with intron-rich genomes, such as 

mammals, splicing enhances gene expression by promoting 3′ end formation, nuclear 

export of mRNA, and mRNA translation (Lu and Cullen, 2003; Valencia et al., 2008).  

Intron-dependent gene expression is also a feature of basidiomycetous yeast, raising 

the possibility that successful transposons in C. neoformans require introns (Burns et al., 

2005; Lugones et al., 1999).  In fact, all of the 12 genes most targeted by siRNA in C. 

neoformans, the majority of which are related to transposons, contain introns.  Yet all of 

these transcripts exhibit abnormally high spliceosome occupancy, suggesting that their 
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introns may be poorly spliced.  Furthermore, RNAi target transcripts generally exhibit 

sequence features predictive of inefficient splicing, including relatively low 5′ splice site 

strength and increased intron length.  But why would these foreign genetic elements tend 

to be poorly spliced as compared to endogenous genes?  We suggest two non-mutually 

exclusive possibilities. 

First, transposons that have entered the C. neoformans genome recently by 

horizontal transfer have had limited time to adapt to its specific splicing preferences.  

Efficient splicing in C. neoformans likely requires appropriate intron size, consensus-

matched splice site sequences, and proper exonic splicing enhancer sequences 

(Warnecke et al., 2008); these particular splicing preferences differ among organisms, 

creating a barrier to the efficient expression of horizontally transferred genes.  Thus, the 

suboptimal 5′ splice sites and intron sizes of C. neoformans RNAi targets could be due in 

part to their limited co-evolution with endogenous genes. 

A second possibility is based on an extensive literature describing cryptic introns 

in transposons that appear to minimize the impact of transposon insertion into host genes 

(Purugganan, 2002).  Transposon disruptions of essential host genes can result in the 

host cell’s death, which is deleterious for both the transposon and the host.  These same 

transposon insertions, however, can be viable if transposon sequences are spliced out of 

the essential gene’s transcript.  Therefore, splicing allows transposons to circumvent some 

negative fitness consequences associated with their propagation (Gierl, 1990).  Consistent 

with this idea, multiple transposons—including Ds in maize, the 412 retrotransposon and 

P elements in Drosophila, and Tc1 in C. elegans—contain splice sites near their termini 

such that the whole transposon can be spliced out of a larger transcription unit, thereby 

limiting disruption of endogenous loci (Belancio et al., 2008; Purugganan and Wessler, 

1992; Purugganan, 2002).  Many other transposons, including Harbinger family DNA 

transposons and LINE elements, also contain introns, although these introns do not span 

the entire transposon (Belancio et al., 2006; Kapitonov and Jurka, 2004).  If a transposon, 
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after its insertion into a host gene, is spliced in such a way that mitigates its negative 

effects on host gene expression but also removes sequences important for mobilization, 

then weak splicing would be favored as a compromise between transposon expression 

and host organism health (Menssen et al., 1990).  Such inefficiently spliced transcripts 

may become stalled in the spliceosome and recognized by SCANR, thereby contributing 

to the high spliceosome occupancy of transposon transcripts and to the production of 

transposon-specific siRNA for genome defense.  Whether these principles apply to other 

organisms remains to be elucidated, but we are intrigued by the recent report of a class 

of C. elegans endo-siRNA that appears to be derived from intron-containing mRNA 

precursors (Warf et al., 2012).
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Experimental procedures

Yeast strains

Yeast strains used in this study are listed in Table S4.  All C. neoformans strains were 

derived from strain H99 using standard procedures (Chun and Madhani, 2010).

Tandem affinity protein purification

C. neoformans cultures grown in YPAD media were harvested, snap frozen, then lysed 

using a coffee grinder and mortar and pestle.  Proteins tagged with CBP-2xFLAG were 

purified using anti-FLAG M2 resin (Sigma) and calmodulin resin (Stratagene) according 

to manufacturers’ instructions and using buffers described in Supplemental Experimental 

Procedures.

RNA immunoprecipitation

Epitope-tagged proteins were purified using anti-FLAG resin as described above, 

and associated RNA was isolated by phenol-chloroform extraction, as described in 

Supplemental Experimental Procedures.  Table S5 lists primers used for RT-qPCR.

RNA isolation and sRNA Northern blot

Total RNA was isolated using TRIzol (Invitrogen), whereas small RNA was isolated using 

a modified mirVana (Ambion) protocol, as described in Supplemental Experimental 

Procedures.  Small RNA Northern blots were performed as described previously (Pall 

and Hamilton, 2008).
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Extended experimental procedures

Yeast media and techniques

Strains were grown in YPAD (1% yeast extract, 2% Bacto-peptone, 2% glucose, 

0.015% L-tryptophan, 0.004% adenine), YPAG (1% yeast extract, 2% Bacto-peptone, 

2% galactose, 0.015% L-tryptophan, 0.004% adenine), or YNB (1.5 g/L yeast nitrogen 

base, 5 g/L ammonium sulfate, 2% glucose) media at 30˚C.  Because C. neoformans can 

respond to light, strains were grown and harvested in darkness (Idnurm and Heitman, 

2005).  

Gene nomenclature

C. neoformans genes were identified using Broad Institute (Cambridge, MA) annotations 

of the var. grubii H99 sequence (http://www.broadinstitute.org/annotation/genome/ 

cryptococcus_neoformans/MultiHome.html), in which genes are named “CNAG_#.”  

Small RNA library preparation

cDNA libraries were prepared from small RNAs as described (Grimson et al., 2008) and 

sequenced using the Illumina SBS platform.  

siRNA read processing

Sequencing reads that passed a quality filter were truncated at the 3′ linker sequence 

(TCGTAT) and then mapped to the loci encoding rRNA and tRNA genes, allowing up to 

one mismatch and randomly sampling multiple alignments where applicable.  Sequences 

that did not align to the rRNA or tRNA were then aligned against the full genome, allowing 

only perfect matches and randomly sampling multiple alignments where applicable.  

Sequence and feature files for C. neoformans var. grubii H99 were obtained from the 

Broad Institute (Cambridge, MA) on January 20, 2011. Mapping was done using Bowtie 

version 0.12.7 (Langmead et al., 2009).
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Scripts for siRNA read alignment 

The following three Python scripts were used to prepare sequencing tagcounts for 

alignment to the C. neoformans genome such that reads mapping to multiple genomic 

locations could be randomly distributed.

# reconstruct alignments 1: produces a simulated BAM file from tagcounts
import sys
counts = sys.argv[1]
bam = sys.argv[2]

L = []
for line in open(counts, ‘rU’):
    n = int(line.split(‘\t’)[1].rstrip())
    L.append(n)

import pysam
bfh = pysam.Samfile(bam, ‘rb’)
import os
try: os.makedirs(‘../reconstructed’)
except: pass
ofh = pysam.Samfile(‘../reconstructed/%s’ % bam, mode=’wb’, template=bfh)
for aread in bfh:
    x = aread.qname
    lineno = int(x[(x.find(‘_’)+1):x.find(‘:’)])
    for i in xrange(L[lineno]):
        ofh.write(aread)
bfh.close()
ofh.close()

# reconstruct alignments 2: appends counts to readnames in simulated BAM file 
using the tagcounts as a reference
import sys
import os.path
counts = sys.argv[1]
bam = sys.argv[2]
bampath, bamfile = os.path.split(bam)

L = []
for line in open(counts, ‘rU’):
    n = int(line.split(‘\t’)[1].rstrip())
    L.append(n)

import pysam
bfh = pysam.Samfile(bam, ‘rb’)
import os
ofh = pysam.Samfile(‘%s_renamed.bam’ % bam, mode=’wb’, template=bfh)
for aread in bfh:
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    x = aread.qname
    lineno = int(x[(x.find(‘_’)+1):x.find(‘:’)])
    count = L[lineno]
    if count == 0 : continue
    aread.qname += ‘x%d’ % count
    ofh.write(aread)
bfh.close()
ofh.close()

# reconstruct alignments 3: appends arbitrary suffixes to each read to enable 
random mapping
from pysam import Samfile

# MUST BE SORTED
files = {‘wt’: ‘wt_aligned.bam’,
‘ago1’:’ago1_aligned.bam’,
‘rdp1’:’rdp1_aligned.bam’}
keys = files.keys()

import random

alphabet = ‘abcdefghijklmnopqrstuvwxyzABCDEFGHIJKLMNOPQRSTUVWXYZ’

sample = random.sample
join = ‘’.join
for k,v in files.items():
    with Samfile(v) as s:
        t=Samfile(v.split(‘_’)[0] + ‘_fullr.bam’, mode=’wb’, template=s)
        for a in s:
            qname = a.qname
            tagcount = int(qname.rsplit(‘x’, 1)[1])
            for i in xrange(tagcount):
                garbage = join(sample(alphabet, 5))
                a.qname = qname + garbage
                t.write(a)
        t.close()

siRNA read classification 

Genomic regions giving rise to siRNAs in wild-type cells were identified as follows.  The 

genome of C. neoformans was parsed into non-overlapping 100 bp windows.  Windows 

with high levels of siRNA reads were selected by applying a read density cutoff of ≥10 

reads/window. Adjacent windows passing the cutoff were merged.  siRNAs in these 

windows were then classified based on their genomic positions (Figure 1D).  Centromeric 
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sequences, which are known to consist of fragments of transposable elements, were 

used as queries to identify centromere-like sequence windows, which by definition align 

to centromeric sequences with a tblastx E-value cutoff of 0.00001.

Informatic analysis of intron features and siRNA read density

Predicted intron lengths and 5′ splice site sequences were obtained from the current Broad 

annotation of the C. neoformans var grubii genome sequence.  5′ splice site sequences 

were converted into self-information (bits).  Comparisons of siRNA targets to the genome 

overall was performed using a two-tailed Kolmogorov–Smirnov test.  

Comparison of siRNA read density in first versus last exons was performed as 

follows.  The siRNA read density in the first (or last) exon of each gene was normalized 

to the siRNA read density in the entire corresponding ORF.  The values were then log10-

transformed (setting any 0 values equal to the minimum nonzero value for a given exon 

class) and compared using a two-tailed Mann-Whitney U test.

Tandem affinity protein purification

To purify proteins tagged with CBP-2xFLAG, C. neoformans cultures were grown to 

OD600=2.0 in YPAD media, at which point they were harvested, resuspended in TAP 

buffer (25 mM HEPES-KOH pH7.9, 0.1 mM EDTA, 0.5 mM EGTA, 2 mM MgCl2, 20% 

glycerol, 0.1% Tween-20, 300 mM KCl, 1x EDTA-free Complete protease inhibitor (CPI; 

Roche)), snap frozen, then lysed using a coffee grinder (3 min) and mortar and pestle 

(20 min).  The frozen powder was resuspended in TAP buffer and cleared by 27,000 x 

g centrifugation for 40 min at 4˚C.  Anti-FLAG M2 affinity resin (Sigma) was incubated 

in cleared lysate for 2 hr at 4˚C, at which point the resin was washed three times with 

TAP buffer.  Tagged protein was eluted by three washes with FLAG elution buffer at 4˚C 

(25 mM HEPES-KOH pH7.9, 2 mM MgCl2, 20% glycerol, 300 mM KCl, 1x CPI, 0.4 mg/

ml 3xFLAG peptide (Sigma)) totaling 1 hr.  For the second purification step, 5 volumes 
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of calmodulin binding buffer (10 mM Tris-HCl pH7.9, 10 mM β-mercaptoethanol, 2 mM 

CaCl2, 0.1% Triton X-100, 300 mM NaCl, 1x CPI) were added to the anti-FLAG resin 

eluate; the resulting solution was incubated with calmodulin beads (Stratagene) at 4˚C 

overnight.  The beads were then washed once with calmodulin binding buffer and three 

times with calmodulin wash buffer (same as calmodulin binding buffer, except 0.1 mM 

CaCl2) at 4˚C.  Protein was eluted by five washes with calmodulin elution buffer at 4˚C 

(10 mM Tris-HCl, 10 mM β-mercaptoethanol, 3 mM EGTA, 0.1% Triton X-100, 300 mM 

NaCl) totaling 1 hr 45 min.  Eluted protein was precipitated with 13% trichloroacetic acid, 

washed with acetone, and analyzed by mass spectrometry or immunoblot. 

Mass spectrometry reagents and chemicals

Unless otherwise noted all chemicals were purchased from Thermo Fisher Scientific.  

Deionized water (18.2 MW, Barnstead) was used for all preparations. Buffer A was 5% 

acetonitrile 0.1% formic acid, B was 80% acetonitrile 0.1% formic acid, and C was 500 

mM ammonium acetate.

Protein digestion

Proteins were reduced with 5 mM Tris(2-carboxyethyl)phosphine hydrochloride (C4706, 

Sigma) and alkylated with 10 mM Iodoacetamide (Sigma). Proteins were digested for 18 

hr at 37°C in 2 M urea, 100 mM Tris pH 8.5, 1 mM CaCl2 with 1 μg trypsin (Promega).  

Digest was stopped with formic acid, 5% final concentration. Debris was removed by 

centrifugation, 30 min 18000 x g. 

MudPIT microcolumn 

A MudPIT microcolumn (Washburn et al., 2001; Wolters et al., 2001) was prepared by 

first creating a Kasil frit at one end of an undeactivated 250 mm ID/360 mm OD capillary 

(Agilent Technologies, Inc.).  The Kasil frit was prepared by briefly dipping a 20-30 cm 
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capillary in well-mixed 300 ml Kasil 1624 (PQ Corporation) and 100 mL formamide, curing 

at 100OC for 4 hrs, and cutting the frit to ~2 mm in length.  Strong cation exchange 

particles (SCX Luna, 5 mm dia., 125 Å pores, Phenomenex) were packed in-house from 

particle slurries in methanol to 2.5 cm.  2 cm reversed phase particles (C18 Aqua, 3 mm 

dia., 125 Å pores, Phenomenex) were then successively packed onto the capillary using 

the same method as SCX loading.

MudPIT analysis

An analytical RPLC column was generated by pulling a 100 mm ID/360 mm OD capillary 

(Polymicro Technologies) to 5 mm ID tip.  Reversed phase particles (Luna C18, 3 mm 

dia., 125 Å pores, Phenomenex) were packed directly into the pulled column at 800 psi 

until 15 cm long.  The column was further packed, washed, and equilibrated at 100 bar 

with buffer B followed by buffer A.  MudPIT and analytical columns were assembled using 

a zero-dead volume union (Upchurch Scientific).  LC-MS/MS analysis was performed 

using an Agilent 1100 HPLC pump and Finnigan LTQ using an in-house built electrospray 

stage.  Electrospray was performed directly from the analytical column by applying the 

ESI voltage at a tee (150 mm ID, Upchurch Scientific) directly downstream of a 1:1000 

split flow used to reduce the flow rate to 300 nl/min through the columns.  5-step MudPIT 

experiments were performed where each step corresponds to 0, 20, 50, 80, and 100% 

buffer C being run for 5 min at the beginning of a 110 min gradient.  Precursor scanning 

was performed from 300 - 2000 m/z. Data-dependent acquisition of MS/MS spectra was 

performed with the following settings: MS/MS on the 5 most intense ions per precursor 

scan. Dynamic exclusion settings used were as follows: repeat count, 1; repeat duration, 

30 second; exclusion list size, 300; and exclusion duration, 180 seconds. 

Protein and peptide identification and modified peptide analysis were done with 

Integrated Proteomics Pipeline - IP2 (Integrated Proteomics Applications, Inc.) using 

ProLuCID, DTASelect2.  Spectrum raw files were extracted into ms2 files from raw 
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files using RawExtract 1.9.9 (http://fields.scripps.edu/downloads.php) (McDonald et al., 

2004), and the tandem mass spectra were searched against a Cryptococcus proteins 

database (Broad Institute, Cambridge, MA).  In order to accurately estimate peptide 

probabilities and false discovery rates, we used a decoy database containing the 

reversed sequences of all the proteins appended to the target database (Peng et al., 

2003). Tandem mass spectra were matched to sequences using the ProLuCID algorithm 

with 600 ppm peptide mass tolerance.  ProLuCID searches were done on an Intel Xeon 

cluster running under the Linux operating system. The search space included all fully 

tryptic peptide candidates that fell within the mass tolerance window with no miscleavage 

constraint. Carbamidomethylation (+57.02146 Da) of cysteine was considered as a static 

modification.  DTASelect parameters were -p 2 -y 0 --trypstat --dm -in. 

Background filtering criteria for mass spectrometry analysis

To remove likely contaminants from the list of proteins identified by mass spectrometry, 

the dataset was filtered to remove proteins that were: (1) identified by less than 10% 

peptide coverage, (2) structural components of the ribosome, (3) proteins identified in 

untagged sample, or (4) other likely-abundant proteins such as cytoskeletal proteins, 

metabolic proteins, chaperones, and mitochondrial proteins.  Filtered proteins are listed 

in Table S6.  

Immunoblotting

Proteins were analyzed by SDS-PAGE and immunoblotting using primary antibodies 

at the following concentrations: mouse monoclonal anti-FLAG (Sigma F3165, 1:3,000), 

rabbit polyclonal anti-Myc (Abcam, 1:2,500), and rabbit polyclonal anti-PSTAIRE (Santa 

Cruz Biotechnology sc-53, 1:2,500).  Secondary antibodies included HRP-conjugated 

goat anti-mouse (Bio-Rad, 1:20,000) and HRP-conjugated goat anti-rabbit (Bio-Rad, 

1:20,000).  
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RNA immunoprecipitation

To isolate RNA associated with CBP-2xFLAG-tagged proteins, C. neoformans cultures 

were grown to OD600=2.0 in YPAD or YPAG media, at which point they were harvested, 

resuspended in TAP buffer (supplemented with 100 U/ml RNase inhibitor (New England 

Biolabs)), snap frozen, then lysed using a coffee grinder (3 min) and mortar and pestle 

(15 min).  Upon thawing, the lysate was cleared by centrifugation at 27,000 x g for 40 

min at 4˚C, after which it was incubated with anti-FLAG M2 affinity resin (Sigma) for 2 

hr at 4˚C.  The resin was washed three times with TAP buffer, then bound proteins were 

eluted by three washes with FLAG elution buffer at 4˚C, totaling 1 hr.  To purify protein-

associated RNA, the eluate was incubated with 0.17 mg/ml Proteinase K (Sigma) for 25 

min at 37˚C followed by an acid phenol-chloroform extraction and ethanol precipitation.  

RNA samples were treated with DNaseI (DNA-free, Ambion), and subsequent RT-qPCR 

analysis was carried out using primers listed in Table S5. 

RNA isolation and sRNA Northern blot

To analyze gene expression or siRNA abundance, C. neoformans cultures were grown to 

OD600=1.0 in YPAD or YPAG media, at which point they were harvested and snap frozen.  

RNA was isolated using TRIzol (Invitrogen).  To measure transcript abundance, total RNA 

was treated with DNaseI (Roche) followed by RT-qPCR or primer extension.  To measure 

siRNA abundance, small RNAs were first enriched from total RNA samples by performing 

a modified mirVana (Ambion) small RNA isolation procedure, as described previously (Gu 

et al., 2011).  Next, 40 μg sRNA samples were resolved in a 15% polyacrylamide gel and 

transferred to a Hybond-NX membrane (Amersham), which was incubated in crosslinking 

solution (0.16 M N-(3-Dimethylaminopropyl)-N′-ethylcarbodiimide hydrochloride (Sigma) 

prepared in 0.13 M 1-methylimidazole at pH8) at 60˚C for 1 hr (Pall and Hamilton, 2008).  

The crosslinked membrane was washed with water and blocked with Ultrahyb solution 
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(Ambion) for 30 min at 68˚C. Radiolabeled riboprobes corresponding to the sense strand 

of particular gene loci were generated by in vitro transcription of a linearized plasmid 

(MAXIscript, Ambion).  These riboprobes corresponded to the entire locus of each 

examined gene except for CNAG_6705, in which case only the non-repetitive regions 

were included.  Riboprobes were fragmented by base hydrolysis to an average size of 

100 nt, and hybridized to the membrane overnight at 48˚C.  The membrane was washed 

5 min two times at 48˚C (2x SSC, 0.1% SDS), then 15 min two times at 48˚C (0.1x SSC, 

0.1% SDS) and imaged using a storage phosphor screen (Amersham).  

RT-qPCR

cDNA was generated by reverse transcription of 10 μg DNaseI-treated, total RNA by 

SuperScript III reverse transcriptase (Invitrogen) using oligo-dT20N (38 ng/μl) and random 

9-mers (10 ng/μl) as primers.  The manufacturer’s standard reaction conditions were 

used.  

Primer extension

For primer extension, 32P end-labeled primers were annealed to 15 μg total RNA and 

extended by AMV reverse transcriptase for 1 hr at 42˚C (Primer Extension System, 

Promega), after which RNA was eliminated by base hydrolysis.  Products were resolved 

in a 6% denaturing polyacrylamide gel and sized relative to a FX174 DNA/Hinf I ladder 

(Promega).

Fluorescence microscopy

Strains expressing mCherry and GFP fusion proteins were grown to saturation in YPAD 

(or YPAG) overnight, spotted on V8 mating medium (or V8 with 2% galactose) and 

incubated at 25°C for 48 hr.  Cells were scraped off the plates, resuspended in water, and 

imaged immediately at 63x magnification in an Axiovert 200 M (Zeiss) microscope running 
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Axiovision software.  The images were pseudocolored and cropped using Photoshop 

software (Adobe).  Subcellular localization was quantified by assessing cytoplasmic and 

nuclear signal in 100 cells per genotype.  For nuclear staining, cells were fixed using 2% 

paraformaldehyde for 10 min at room temperature.  After washing with 1x PBS, nuclei 

were stained using Hoechst 33342 (Invitrogen) at a concentration of 10 μg/ml.  Cells were 

washed and imaged as described above.  In order to visualize P-bodies, log phase cells 

grown in YNB with 2% galactose were spun down, washed, and incubated in YNB without 

galactose for 10 min.  Cells were washed again, resuspended in media with galactose 

and imaged immediately.

 mCherry-Ago1, Gwo1-mCherry, and Srr1-mCherry were expressed from their 

endogenous promoters, whereas GFP-Gwc1, GFP-Qip1, GFP-Dcp1, and GFP-Gwo1 

were expressed from the GAL7 promoter to facilitate detection.

Yeast two-hybrid analysis

Plasmids were generated that encoded C. neoformans proteins (Rdp1, Ago1, Gwc1, Qip1, 

or Gwo1) fused to either a transcriptional activation domain (AD) or a LexA DNA-binding 

domain.  Plasmids encoding AD fusion proteins, which were expressed from the GAL1 

promoter, were used to transform the S. cerevisiae strain W303A, whereas plasmids 

encoding LexA fusion proteins, which were expressed from the ADH promoter, were 

used to transform EGY48.  The EGY48 strain also carried the plasmid pSH18-34, which 

encodes 8 LexA operator sequences upstream of LacZ.  To assess LacZ expression 

stimulated by fusion protein interaction, W303A- and EGY48-derived strains were mated 

and maintained as diploids.  Saturated cultures in SC -his -trp -ura +2% raffinose media 

were diluted 1:20 in SC -his -trp -ura +1% raffinose +2% galactose media and incubated 

at 30˚C with shaking until they reached log phase, at which point β-galactosidase activity 

was assessed in an Infinite M200 96-well plate reader (Tecan) as previously described 

(Shock et al., 2009).  The β-galactosidase activity stimulated by any given interaction 
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between an AD fusion protein and a LexA fusion protein was normalized to a bait-only 

control in which the LexA fusion protein was expressed alongside an AD that was not 

fused to any additional sequence.  Interactions that stimulated β-galactosidase activity at 

least 3-fold relative to the activity of a bait-only control were deemed positive.
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Figure 1.  Endogenous siRNA of C. neoformans

(A-C) Read counts for siRNAs based on length and 5′ nucleotide identity.

(D) Genomic mapping of siRNA sequences.

(E) Density plot of siRNAs mapping to an RNAi target locus, CNAG_7721, which comprises 

two exons and one intron.
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Figure 2.
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Figure 2.  Functional characterization of Rdp1-associated proteins

(A) Proteins associated with Rdp1-CBP-2xFLAG by tandem affinity purification.  Likely 

contaminants and proteins with <10% sequence coverage have been excluded.

(B) Transcript levels of three RNAi target genes, assessed by RT-qPCR and normalized 

to 18S rRNA levels.  Error bars: SEM.

(C) sRNA Northern blot.  Loading control: U18 snoRNA.

(D) Localization of Rdp1-associated proteins.  Proteins were fused to fluorescent 

protein tags and detected by epifluorescence microscopy.  Nuclei were labeled using 

Hoechst dye.  Percentage of cells exhibiting cytoplasmic localization versus dual nuclear 

and cytoplasmic localization is indicated.  White arrow: cytoplasmic localization; white 

arrowhead: nuclear and cytoplasmic localization.

(E) Proteins that interact with the Rdp1-associated proteins Gwc1, Qip1, and Ago1.  

(F) Protein interaction network of Rdp1-associated proteins.  The purification results of 

Figures 2A and 2E are represented graphically.

(G) Predicted protein domains of SCANR subunits.

(H) Protein-protein interactions among SCANR components, as assessed by yeast two-

hybrid assay.
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Figure 3.
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Figure 3.  PRSC and SCANR subunits are physically and functionally distinct

(A-B) Transcript levels of three RNAi target genes, assessed by RT-qPCR and normalized 

to 18S rRNA levels.  Error bars: SEM.  *p<0.05 by Student’s t-test. 

(C) sRNA Northern blot.  Loading control: U18 snoRNA.

(D) Proteins associated with Gwo1-CBP-2xFLAG.  Assayed as in Figure 2A.

(E) Predicted protein domains of PRSC subunits.

(F) Protein-protein interactions among PRSC components, as assessed by yeast two-

hybrid assay.  No interactions were detected between Gwo1 and any exclusive member 

of SCANR.

(G) Co-immunoprecipitation of Gwo1 with Ago1, but not with Rdp1.  Strains expressing 

Gwo1-13xMyc and CBP-2xFLAG-Ago1 or Rdp1-CBP-2xFLAG were subjected to FLAG-

CBP tandem purification.  Input and purified material were analyzed by immunoblot using 

anti-FLAG, anti-Myc, or anti-PSTAIRE, which detects the negative control protein p31.

(H) Co-localization of PRSC component Gwo1 with the P-body marker Dcp1.  Unfixed 

cells were examined after incubation in YNB media.
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Figure 4.
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Figure 4.  SCANR physically associates with Srr1 and the spliceosome

(A) Predicted domains of Srr1.

(B-D) Co-immunoprecipitation of Srr1 with SCANR components Ago1 (B), Gwc1 (C), Qip1 

(C), and Rdp1 (D), but not with Dcr1 (B).  Assayed as in Figure 3G.

(E) Localization of Srr1.  An Srr1-mCherry fusion protein was detected in fixed cells.  

Nuclei were stained using Hoechst dye.  

(F) Interaction of Srr1 and spliceosomal snRNAs.  Levels of individual RNAs co-

immunoprecipitated with Srr1 were assessed by RT-qPCR and normalized to their 

abundance in whole cell extract; transcript level is relative to that obtained in purifications 

from wild-type (untagged) lysates.  Error bars: SD.

(G) Proteins associated with CBP-2xFLAG-Srr1.  Genes were named based on S. 

cerevisiae orthologs, or, in the absence of one, based on metazoan orthologs.  Known 

spliceosome components are colored in red.

(H) Co-immunoprecipitation of the spliceosome component Syf1 with Ago1, but not with 

Dcr1.  Assayed as in Figure 3G.  
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Figure 5.
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Figure 5.  Transcripts targeted by RNAi display suboptimal splicing features and 

are stalled on spliceosomes in vivo

(A) Model of competing pathways for mRNA precursor maturation.

(B) Analysis of longest intron lengths of siRNA targets (>150 siRNA reads) versus all 

genes.  Cumulative distribution functions of longest intron length for these two gene 

classes are plotted.

(C) Analysis of weakest 5′ splice sites of siRNA targets (>150 siRNA reads) versus all 

genes.  Cumulative distribution functions of weakest 5′ splice site strengths for these 

two gene classes are plotted.  Inset: sequence logo generated from all C. neoformans 5′ 

splice sites.

(D) Effect of intron deletion on the production of siRNA from the CNAG_6705 transcript.  

Above: RNA was isolated from cells that expressed, from a GAL7 promoter, either wild-

type CNAG_6705 or a mutated form of the gene in which one or both introns were deleted.  

Below: the transcript level of each CNAG_6705 mutant was measured by RT-qPCR and 

normalized to levels of actin RNA.  Error bars: SD.

(E) Association of siRNA target transcripts and non-siRNA target transcripts with the 

spliceosome.  Spliceosomes tagged with Prp19-CBP-2xFLAG were immunoprecipitated 

and co-purified RNAs were detected by RT-qPCR.  Levels of individual RNAs were 

normalized to their abundance in whole cell extract; IP/WCE values are relative to those 

of purifications from wild-type (untagged) lysates.  Error bars: SD.  Bold: transposon-

related transcripts.
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Figure 6.
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Figure 6.  Stalled spliceosomes promote RNAi in a manner that depends on entry 

into the splicing pathway

(A) Effect of perturbed splicing on the production of siRNA from the CNAG_7888 transcript.  

RNA was isolated from cells that expressed, from a GAL7 promoter, either wild-type 

CNAG_7888 or a mutated form of the gene in which a single splice site was mutated.

(B) Effect of 3′ splice site mutations on siRNA production from and splicing of the 

CNAG_7888 transcript.  RNA was isolated from cells that expressed, from a GAL7 

promoter, either wild-type CNAG_7888 or a mutated form of the gene in which the 3′ splice 

site of intron 2 was mutated.  siRNA production was assessed by riboprobe hybridization 

and splicing was assessed by primer extension using a labeled primer complementary to 

CNAG_7888 exon 3.  Loading control: U6 snRNA primer extension product.

(C) Spliceosome-dependence of siRNA accumulation triggered by 3′ splice site mutations.  

RNA was isolated from cells that expressed, from a GAL7 promoter, either wild-type 

CNAG_7888 or a mutated form of the gene in which the 5′ and 3′ splice sites of intron 2 

were mutated, singly or together, and assayed as in (B).  

(D) Association of the spliceosome with CNAG_7888 transcripts containing intron 2 splice 

site mutations, assayed as in Figure 5E.
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Figure 7.
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Figure 7.  Lariat debranchase is required for siRNA production 

(A) siRNA accumulation triggered by a 3′ splice site mutation of CNAG_7888 requires 

the lariat debranching enzyme.  RNA was isolated from wild-type or dbr1∆ cells that 

expressed, under the control of a GAL7 promoter, wild-type CNAG_7888 or a mutated 

form of the gene.

(B) sRNA Northern blot.  Loading control: U6 snRNA.

(C) Relative siRNA read density in the first or last exon of RNAi target genes.  For each 

of the top 50 RNAi target genes, the following ratio was calculated: siRNA read density 

in the first (or last) exon over siRNA read density across all exons of the corresponding 

ORF.  These values were log10-transformed and are presented as boxplots; blue line 

indicates median.  Values for first versus last exons were compared by the two-tailed 

Mann-Whitney U test.

(D) Kinetic competition model.  The utilization of particular mRNA precursors by SCANR 

is influenced by their splicing efficiency due to a kinetic competition between splicing 

and dsRNA synthesis: transcripts that are inefficiently spliced, such as foreign genetic 

elements, exhibit increased spliceosome association, thereby facilitating their conversion 

to dsRNA, and, ultimately, siRNA.  In this hypothetical example, a lariat intermediate 

is produced by stalled splicing of a transcript’s first intron; downstream introns remain 

incompletely spliced.  This intermediate is acted upon by SCANR and Dbr1 to produce a 

dsRNA substrate for Dcr1/2.  See text for details.
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Supplemental Figure 1.
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Supplemental Figure 1.  Characterization of Ago1 cytoplasmic foci

(A) Co-localization of Ago1 and Dcp1.  mCherry-Ago1 was expressed from its endogenous 

promoter, whereas GFP-Dcp1, which localizes to P-bodies, was expressed from a GAL7 

promoter to facilitate detection.  Unfixed cells expressing both fusion proteins were 

examined after incubation in YNB media.

(B) Co-localization of Ago1 and Gwo1.  mCherry-Ago1 was expressed from its endogenous 

promoter, whereas GFP-Gwo1 was expressed from the GAL7 promoter to facilitate 

detection.  Unfixed cells expressing both fusion proteins were examined after incubation 

in YNB media.
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Supplemental Figure 2.
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Supplemental Figure 2.  Co-immunoprecipitation of SCANR subunit Rdp1 and 

spliceosome component Syf1

Co-immunoprecipitation of spliceosome component Syf1 with Rdp1.  Strains expressing 

Syf1-13xMyc and Rdp1-CBP-2xFLAG were subjected to tandem affinity purification 

using anti-FLAG and calmodulin resins.  Input and purified material were analyzed by 

immunoblot using anti-FLAG, anti-Myc, or anti-PSTAIRE antibody, which stains the 

negative control protein p31.
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Supplemental Figure 3.
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Supplemental Figure 3.  Spliceosome occupancy of RNAi target transcripts in the 

absence of siRNA

Association of siRNA target and non-siRNA target transcripts with the spliceosome in 

the absence of RNAi.  Spliceosomes were purified from wild-type or rdp1Δ cells by 

immunoprecipitation of Prp19-CBP-2xFLAG and co-purified RNAs were detected by RT-

qPCR.  Levels of individual RNAs co-immunoprecipitated with Prp19 were normalized to 

their abundance in wild-type whole cell extract.  IP/WCE values are relative to those of 

purifications from wild-type (untagged) lysates.  Error bars: SD.  Bold: transposon-related 

transcripts.



65

Supplemental Figure 4.
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Supplemental Figure 4.  Stalled spliceosomes promote siRNA production by Rdp1

(A) Density plot of siRNAs mapping to the genomic sequence of an RNAi target transcript, 

CNAG_7888, which comprises three exons and two introns.

(B) Rdp1 dependence of siRNA generation triggered by a 3′ splice site mutation of 

CNAG_7888 intron 2.  RNA was isolated from wild-type or rdp1Δ cells that expressed, 

under the control of a GAL7 promoter, wild-type CNAG_7888 or a mutated form of the 

gene.  siRNA derived from CNAG_7888 was detected by riboprobe hybridization; U18 

snoRNA served as loading control.

(C) Transcript levels of wild-type CNAG_7888 as well as mutated forms of the gene in 

which individual splice sites were mutated, as assessed by RT-qPCR.  All CNAG_7888 

alleles were expressed from a GAL7 promoter at the endogenous CNAG_7888 locus.  

Expression levels were normalized to levels of actin transcript.  Error bars: SD.

(D) Effect of intron sequence on the siRNA production triggered by splice site mutations of 

CNAG_7888.  RNA was isolated from cells that expressed, from a GAL7 promoter, either 

wild-type CNAG_7888 or a mutated form of the gene in which the sequences of its two 

introns were swapped and splice sites were mutated.  siRNA derived from CNAG_7888 

was detected by riboprobe hybridization; staining of U18 snoRNA served as loading 

control.

(E) Effect of suboptimal intron size on siRNA production from and splicing of the CNAG_7888 

transcript.  RNA was isolated from cells that expressed, from a GAL7 promoter, either 

wild-type CNAG_7888 or a mutated form of the gene containing a sequence insertion 

between the branchpoint adenine and 3′ splice site of intron 2.  siRNA production was 

assessed by riboprobe hybridization and splicing was assessed by primer extension 

using a labeled primer complementary to CNAG_7888 exon 3, which yielded a discrete 

product corresponding to the lariat intermediate of each mutant intron.  Asterisk denotes 

a nonspecific primer extension product.  Primer extension using a primer specific to U6 

snRNA served as a loading control.
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Supplemental Table 1.  Frequency of convergently oriented genes among RNAi 

target genes

Values represent number of convergent or non-convergent genes among all C. 

neoformans genes (n=6980) or among RNAi target genes (>150 siRNA reads; n=118).  

p=1, Fisher’s exact test.

Gene orientation
Non-

convergent Convergent
All genes 3514 3466

RNAi target genes 59 59
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Supplemental Table 2.  siRNAs mapping to genes in wild-type C. neoformans

This Table in its entirety is available at the following reference:

Dumesic, P.A., Natarajan, P., Chen, C., Drinnenberg, I.A., Schiller, B.J., Thompson, J., 

Moresco, J.J., Yates, J.R., Bartel, D.P., and Madhani, H.D. (2013). Stalled spliceosomes 

are a signal for RNAi-mediated genome defense. Cell 152, 957–968.
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Supplemental Table 3.  Quantitative yeast two-hybrid results
B42-fusion (prey)

Rdp1 Ago1 Gwo1 Gwc1 Qip1 Empty

LexA-fusion 
(bait)

Rdp1 0.7 (0.0) 0.8 (0.3) 0.5 (0.1) 0.8 (0.4) 15 (3) 1.0
Ago1 0.7 (0.2) 0.7 (0.1) 34 (12) 3.7 (0.8) 30 (6) 1.0
Gwo1 0.8 (0.0) 0.2 (0.0) 0.2 (0.0) 0.5 (0.1) 0.1 (0.0) 1.0
Gwc1 1.0 (0.1) 0.6 (0.0) 0.5 (0.4) 7.6 (1.9) 71 (29) 1.0
Qip1 2.7 (1.2) 0.6 (0.0) 0.6 (0.2) 4.1 (2.0) 1.3 (0.2) 1.0

Values represent average β-galactosidase activity relative to that of a bait-only control.  

Standard deviation of two independent experiments is indicated in parentheses.  

Interactions that stimulated β-galactosidase activity at least 3-fold were deemed 

positive, and are indicated by bold and italic type.
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Supplemental Table 4.  Strains used in this study
PAD# Species Genotype Source
PAD2 C. neo. H99 (wild-type) 1

PAD147 C. neo. ago1Δ::NatR 2
PAD285 C. neo. rdp1Δ::NatR 2
PAD190 C. neo. gwc1Δ::NatR 2
PAD192 C. neo. qip1Δ::NatR 2
PAD182 C. neo. gwo1Δ::NatR 2
PAD199 C. neo. bre1Δ::NatR 2
PAD330 C. neo. aga1Δ::NatR 2
PAD327 C. neo. aga2Δ::NatR 2
PAD194 C. neo. aga3Δ::NatR 2
PAD92 C. neo. NatR-CBP-2xFLAG-ago1 2

PAD101 C. neo. rdp1-CBP-2xFLAG-NatR 2
PAD204 C. neo. gwc1-CBP-2xFLAG-NatR 2
PAD206 C. neo. qip1-CBP-2xFLAG-NatR 2
PAD71 C. neo. gwo1-CBP-2xFLAG-NatR 2

PAD288 C. neo. srr1-CBP-2xFLAG-NatR 2
PAD277 C. neo. srr1-13xMyc-NatR 2
PAD323 C. neo. NatR-CBP-2xFLAG-ago1  srr1-13xMyc-NeoR 2
PAD304 C. neo. rdp1-CBP-2xFLAG-NatR  srr1-13xMyc-NeoR 2
PAD308 C. neo. gwc1-CBP-2xFLAG-NatR  srr1-13xMyc-NeoR 2
PAD303 C. neo. qip1-CBP-2xFLAG-NatR  srr1-13xMyc-NeoR 2
PAD339 C. neo. dcr1-CBP-2xFLAG-NatR  srr1-13xMyc-NeoR 2
PAD702 C. neo. gwo1-13xMyc-NeoR 2
PAD706 C. neo. NatR-CBP-2xFLAG-ago1  gwo1-13xMyc-NeoR 2
PAD710 C. neo. rdp1-CBP-2xFLAG-NatR  gwo1-13xMyc-NeoR 2
PAD498 C. neo. syf1-13xMyc-NeoR 2
PAD501 C. neo. NatR-CBP-2xFLAG-ago1  syf1-13xMyc-NeoR 2
PAD505 C. neo. rdp1-CBP-2xFLAG-NatR  syf1-13xMyc-NeoR 2
PAD630 C. neo. NatR-dcr1-CBP-2xFLAG  syf1-13xMyc-NeoR 2
W303A S. cer. MATa  ade2-1  his3-11,15  ura3-1  leu2-3,112  trp1-1  rad5-535 3
EGY48 S. cer. MATα  trp1  his3  ura3  LexAop-LEU2 4
PC36 C. neo. NatR-mCherry-ago1 2
PC51 C. neo. NeoR-pGal7-GFP-gwc1 2
PC61 C. neo. NeoR-pGal7-GFP-qip1 2
PC54 C. neo. NatR-mCherry-srr1 2
PC68 C. neo. NeoR-pGal7-GFP-dcp1 NatR-mCherry-gwo1 2
PC58 C. neo. NeoR-pGal7-GFP-gwo1 NatR-mCherry-ago1 2
PC42 C. neo. NeoR-pGal7-GFP-dcp1 NatR-mCherry-ago1 2

PAD859 C. neo. CNAG_6705Δ::HygR 2
PAD867 C. neo. CNAG_6705Δ::HygR  CNAG_7888::pGal7-CNAG_6705-NatR 2
PAD870 C. neo. CNAG_6705Δ::HygR  CNAG_7888::pGal7-CNAG_6705(in1Δ)-NatR 2
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PAD873 C. neo. CNAG_6705Δ::HygR  CNAG_7888::pGal7-CNAG_6705(in2Δ)-NatR 2
PAD876 C. neo. CNAG_6705Δ::HygR  CNAG_7888::pGal7-CNAG_6705(in1Δin2Δ)-NatR 2
PAD612 C. neo. prp19-CBP-2xFLAG-NatR 2
PAD756 C. neo. prp19-CBP-2xFLAG-NatR  rdp1Δ::NeoR 2
PAD336 C. neo. CNAG_7888Δ::NatR 2
PAD437 C. neo. pGal7-CNAG_7888-NatR 2
PAD677 C. neo. pGal7-CNAG_7888(CC5’ss1)-NatR 2
PAD561 C. neo. pGal7-CNAG_7888(CC3’ss1)-NatR 2
PAD545 C. neo. pGal7-CNAG_7888(CC5’ss2)-NatR 2
PAD450 C. neo. pGal7-CNAG_7888(CC3’ss2)-NatR 2
PAD547 C. neo. pGal7-CNAG_7888(CC5’ss2CC3’ss2)-NatR 2
PAD557 C. neo. pGal7-CNAG_7888-NatR  rdp1Δ::NeoR 2
PAD559 C. neo. pGal7-CNAG_7888(CC3’ss2)-NatR  rdp1Δ::NeoR 2
PAD587 C. neo. pGal7-CNAG_7888(CG3’ss2)-NatR 2
PAD597 C. neo. pGal7-CNAG_7888(GG3’ss2)-NatR 2
PAD606 C. neo. pGal7-CNAG_7888(TG3’ss2)-NatR 2
PAD633 C. neo. pGal7-CNAG_7888(AA3’ss2)-NatR 2
PAD609 C. neo. pGal7-CNAG_7888(TT3’ss2)-NatR 2
PAD671 C. neo. pGal7-CNAG_7888(75nt-ins)-NatR 2
PAD682 C. neo. pGal7-CNAG_7888(100nt-ins)-NatR 2
PAD790 C. neo. pGal7-CNAG_7888-NatR  prp19-CBP-2xFLAG-NeoR 2
PAD800 C. neo. pGal7-CNAG_7888(CC5’ss2)-NatR  prp19-CBP-2xFLAG-NeoR 2
PAD802 C. neo. pGal7-CNAG_7888(CC3’ss2)-NatR  prp19-CBP-2xFLAG-NeoR 2
PAD805 C. neo. pGal7-CNAG_7888(CC5’ss2CC3’ss2)-NatR  prp19-CBP-2xFLAG-NeoR 2
PAD687 C. neo. pGal7-CNAG_7888-NatR  dbr1Δ::NeoR 2
PAD688 C. neo. pGal7-CNAG_7888(CC3’ss2)-NatR  dbr1Δ::NeoR 2
PAD685 C. neo. dbr1Δ::NeoR 2

1= Gift of J. Lodge
2= This study
3= Gift of J. Cox
4= Golemis et al. 2008
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Supplemental Table 5.  Primers used in this study
Name Sequence Target Location Application
PAD468 GAGCCACCTTAGGCATAGGAA

CNAG_6757 exons 4-5
mRNA 

abundancePAD469 TGCGTAGGCATGAAACACAGC
PAD476 GACATTAAATTTGGCCAAGTACAG

CNAG_6844 exons 1-2
mRNA 

abundancePAD477 TCGGACAATGTCAGGTAGATTG
PAD474 GAAACCTTTAGCACAGTGGTC

CNAG_6705 exons 2-3
mRNA 

abundancePAD475 ACCGGTAGTCACTTTCGTTGT
PAD905 TCTTTTGGCTAAGATCATGTGTAGT

U2 - RNA-IPPAD906 GGCGCAGAAAAACTTCGCGA
PAD909 CCTTGTGCTAGGGTTAGAGCT

U4 - RNA-IPPAD910 TCACACCTTACGATGGACATTAC
PAD915 AGCGGGGGTTCAAACACAAATC

U5 - RNA-IPPAD916 TGGGTGTGGAACAAATTTGAACG
PAD913 ACCTTCGGGTCGGCATAAGA

U6 - RNA-IPPAD914 TCCTCTCTGCTCGAGTTTGTC
C3306 TTGGTCCGTGTTTCCGAGCT

U18 - RNA-IPC3307 TCAGAGGGTTTGGAAAGGTTG
PAD617 TGAATCACCCAATGTCTCCGA

CNAG_3387 exon 2 RNA-IPPAD618 ATGGAAAGCCAGAGGCTGC
PAD619 GTTCCGACAACTGGAAAGCC

CNAG_6757 exon 3 RNA-IPPAD620 TTATGACAGCAGTTATGCCGAC
PAD621 TTCTTCCCGATCCACGCGA

CNAG_4060 exon 2 RNA-IPPAD622 GTCGAGCAACTGGGATAGTG
PAD1771 CTGAAACCACACACCGAAGA

CNAG_6844 exon 2 RNA-IPPAD1772 CTCCGGAATCTGGAGCAAGG
PAD1724 CTCCATGCCACAACAGCTAG

CNAG_5212 exon 2 RNA-IPPAD1719 TACCATGAGGACTGTCTGAC
PAD627 TGCAAGAATCGCACTCCTCG

CNAG_7421 exon 4 RNA-IPPAD628 GACCGGAGTAGAAGGCAGT
PAD629 GAATGTCTTGCCTGACTTCGTA

CNAG_4590 exon 5 RNA-IPPAD630 GACATGTGGTGGAGGAGAGC
PAD1725 GGGCCTAATGGCAATGACG

CNAG_0903 exon 2 RNA-IPPAD1726 TGCCCAGGTTCAACCATAGC
PAD1775 ATCGACCCCACTTGTGTGCT

CNAG_6705 exon 1
RNA-IP, RNA 
abundancePAD1776 TTCCACGATTGCAAGCCATC

PAD635 TGGATGTATCAATCATACGACAA
CNAG_5185 exon 3 RNA-IPPAD636 CTCCTTATCATAGCTGTGATGG

PAD1424 GCAGAGGAGCTTAAATATCTCTG
CNAG_0128 exon 10 RNA-IPPAD1425 GGTCTCATTCCCAGTTTAGTTTC
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PAD1428 CGACGCTGGGCACATTGTCAA
CNAG_7684 exon 1 RNA-IPPAD1429 GGACGCTGCATACATTATCGTG

PAD1765 CCAGATCATGTTCGAGACTTTC
CNAG_0483 exon 5 RNA-IPPAD1766 CCAGAGTCAAGAACGATACCG

PAD1761 GCAAGGTCATTCCTTCCCTTA
CNAG_6699 exon 10 RNA-IPPAD1762 ACCCTTCTCAATGCGACAAAC

PAD1757 ATTTGGCCATCGCTCAGCG
CNAG_0147 exon 12 RNA-IPPAD1687 ACGCTGTTCCTCTTACCAAAG

PAD1758 CCTTGTCGTCTACTCCACATG
CNAG_5894 exon 22 RNA-IPPAD1691 GAGGAGCTTAGAGCCAGTAG

PAD1759 CGAGGCCACCTTCCCTCA
CNAG_2714 exon 3 RNA-IPPAD1703 CGGGAAGGGAGTCAAACTC

PAD1760 GTCAGGTCATCATGTCCATCC
CNAG_3739 exon 4 RNA-IPPAD1707 GGAACTTGTATCGAGCACGT

PAD1784 GACGACTCTGTTGTCTTGTAG
CNAG_7888 exon 2

RNA-IP, RNA 
abundancePAD1785 GCCGAGCGGTAGACAAATG

PAD1779 CCGATCCAATGCATAAGTACG CNAG_7888 exon 3
Primer 

extension

PAD914 TCCTCTCTGCTCGAGTTTGTC U6 -

Primer 
extension, 
Northern

PAD1464 TATAAGTCGCGGGGTCTTACGCCGCTGAGCT U18 - Northern
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Supplemental Table 6.  Proteins removed from mass spectrometry results by 

background filtering criteria

Protein hits were filtered if they met at least one of the following criteria: 1) identified 

by less than 10% peptide coverage (not shown); 2) structural components of the 

ribosome; 3) proteins identified in purifications from a WT (untagged) strain; 4) likely-

abundant proteins such as cytoskeletal proteins, metabolic proteins, chaperones, and 

mitochondrial proteins.
Bait: WT (untagged)

Gene ID Name % coverage Exclusion Reason
CNAG_02578 Pch2 22.8 3
CNAG_04114 Rps0b 16.1 3
CNAG_01727 Ssb2 14.0 3
CNAG_07414 Pan6 12.6 3

Bait: CBP-2xFLAG-Ago1
Gene ID Name % coverage Exclusion Reason

CNAG_06447 Rpl17a 27.5 2
CNAG_01840 Tub2 26.6 4
CNAG_01727 Ssb2 24.7 3
CNAG_00672 Rps11a 24.2 2
CNAG_04004 Rps1b 23.6 2
CNAG_04762 Rpl4b 22.9 2
CNAG_00656 Rpl7b 20.8 2
CNAG_07676 Dbp2 20.7 4
CNAG_04726 Rpl20b 19.8 2
CNAG_04799 Rpl14a 19.4 2
CNAG_00370 Rpl40b 19.4 2
CNAG_01920 Ubi4 6.6 4
CNAG_03739 Rpl10 18.5 2
CNAG_03198 Rps8b 16.8 2
CNAG_03787 Tub3 15.4 4
CNAG_01170 Rps17a 15.4 2
CNAG_06125 Tef1 15.2 4
CNAG_01976 Mrpl38 13.0 4
CNAG_04114 Rps0b 12.7 3
CNAG_06273 Rrs1 11.8 4
CNAG_02928 Rpl5 10.5 2
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Bait: Gwc1-CBP-2xFLAG
Gene ID Name % coverage Exclusion Reason

CNAG_04448 Rpl19a 15.5 2
CNAG_00703 Rpl31b 10.1 2

Bait: Rdp1-CBP-2xFLAG
Gene ID Name % coverage Exclusion Reason

CNAG_00656 Rpl7b 20.8 2
CNAG_06447 Rpl17a 13.7 2
CNAG_04114 Rps0b 13.0 3

Bait: Gwo1-CBP-2xFLAG
Gene ID Name % coverage Exclusion Reason

CNAG_04011 Scl1 29.3 4
CNAG_06633 Rps15 27.3 2
CNAG_01152 Rps6a 26.2 2
CNAG_06222 Rpl32 24.0 2
CNAG_06605 Rps2 22.3 2
CNAG_01840 Tub2 18.8 4
CNAG_03739 Rpl10 18.5 2
CNAG_00672 Rps11a 18.3 2
CNAG_03747 Rpl28 17.6 2
CNAG_07839 Rpl11a 16.4 2
CNAG_00771 Rpl35a 15.7 2
CNAG_07676 Dbp2 15.6 4
CNAG_06447 Rpl17a 13.7 2
CNAG_06095 Rpl13b 13.2 2
CNAG_04114 Rps0b 12.7 3
CNAG_00656 Rpl7b 12.4 2
CNAG_05555 Rpl8b 12.3 2
CNAG_06231 Rpl16b 12.1 2
CNAG_03198 Rps8b 11.5 2
CNAG_00640 Rps4a 11.4 2
CNAG_04448 Rpl19a 11.3 2
CNAG_01153 Rps13 11.3 2
CNAG_04762 Rpl4b 10.5 2

Bait: Qip1-CBP-2xFLAG
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Gene ID Name % coverage Exclusion Reason
CNAG_06447 Rpl17a 48.4 2
CNAG_03739 Rpl10 39.8 2
CNAG_01152 Rps6a 38.4 2
CNAG_05556 Rpl38 33.6 2
CNAG_03747 Rpl28 30.3 2
CNAG_05232 Rpl2b 30.2 2
CNAG_04726 Rpl20b 29.7 2
CNAG_00821 Rpl34b 21.2 2
CNAG_01976 Mrpl38 20.3 4
CNAG_03780 Rps16a 20.0 2
CNAG_04004 Rps1b 18.9 2
CNAG_00640 Rps4a 18.6 2
CNAG_00656 Rpl7b 15.6 2
CNAG_00703 Rpl31b 14.3 2
CNAG_04068 L28e 13.5 2
CNAG_03127 Rps23b 12.4 2
CNAG_02330 Rpl21b 11.2 2
CNAG_04762 Rpl4b 11.0 2
CNAG_07839 Rpl11a 10.9 2
CNAG_04448 Rpl19a 10.8 2
CNAG_04799 Rpl14a 10.8 2
CNAG_01727 Ssb2 10.1 3
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Summary

The ability to distinguish self from non-self nucleic acids enables eukaryotes to suppress 

mobile elements and maintain genome integrity.  In organisms from protist to human, this 

function is performed by RNA silencing pathways.  There have been major advances in 

our understanding of the RNA silencing machinery, but the mechanisms by which these 

pathways distinguish self from non-self remain unclear.  Recent studies in the yeast C. 

neoformans indicate that transposon-derived transcripts encode suboptimal introns and 

tend to stall in spliceosomes, which promotes the biogenesis of siRNA that targets these 

transcripts.  These findings identify gene expression signal strength as a metric by which 

a foreign element can be distinguished from a host gene, and reveal a new function 

for introns and the spliceosome in genome defense.  Anticipating that these principles 

may apply to RNA silencing in other systems, we discuss strong hints in the literature 

suggesting that the spliceosome may guide small RNA biogenesis in the siRNA and 

piRNA pathways of plants and animals.
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RNA silencing pathways defend against mobile genetic elements

Eukaryotes are generally colonized by transposons and other parasitic nucleic acids 

(Huang et al., 2012).  If not suppressed, transposons hijack host expression machinery 

to mobilize throughout the genome, which can disrupt host genes (Burns and Boeke, 

2012), promote chromosomal rearrangements (Hedges and Deininger, 2007), and cause 

disease (O’Donnell and Burns, 2010; Shukla et al., 2013).  The human genome carries 

scars of such events: over half of its sequence is derived from transposons (de Koning et 

al., 2011).  Genome defense against transposons, however, is confounded by transposon 

diversity. Transposons exist in multiple families that bear little homology to each other, 

hindering sequence-based recognition strategies.  Furthermore, they use diverse 

mobilization mechanisms, impeding identification based on a distinctive enzymology 

or intermediate (Malone and Hannon, 2009).  Thus, genome defense systems must be 

adaptable enough to recognize myriad transposon types, yet specific enough to silence 

foreign elements without perturbing host genes.

 RNAi-related RNA silencing pathways represent deeply conserved mechanisms 

by which eukaryotes from protist to human recognize and silence transposons (Shabalina 

and Koonin, 2008).  In these pathways, small RNAs of ~20–30 nt are loaded into 

Argonaute family proteins, then bind complementary target RNAs to trigger one or more 

silencing mechanisms.  In some contexts, mechanisms such as RNA endonucleolysis or 

translational repression act directly on the target transcript to silence protein expression 

(Ghildiyal and Zamore, 2009).  In other contexts, repressive histone modification and 

DNA methylation silence the target transcript’s corresponding DNA locus (Castel and 

Martienssen, 2013).

 Presumably, the specificity with which RNA silencing pathways target foreign genetic 

elements is achieved in large part by the appropriate selection of substrates from which 

small RNAs are produced.  One major substrate is long double-stranded RNA (dsRNA), 
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which is processed by RNaseIII-type Dicer enzymes to generate small interfering RNA 

(siRNA). Because Dicer acts in a sequence-independent manner (Bernstein et al., 2001), 

its ability to target foreign elements depends on their ability to produce dsRNA.  Cellular 

dsRNA in A. thaliana, C. elegans, and Drosophila is indeed enriched in transposon 

sequences (Li et al., 2012; Zheng et al., 2010), perhaps due to the inverted repeats and 

internal antisense promoters encoded by some transposon families, which promote the 

formation of intra- and intermolecular dsRNA, respectively (Sijen and Plasterk, 2003; 

Slotkin and Martienssen, 2007; Yang and Kazazian, 2006).  In addition, the tendency of 

transposons to mobilize can place them adjacent to a host-encoded promoter, resulting 

in antisense transposon transcripts that may promote intermolecular dsRNA formation 

(Conley et al., 2008; Slotkin and Martienssen, 2007).  Thus, Dicer supports RNA silencing 

of many transposon types (Conley et al., 2008; Drinnenberg et al., 2009; Ghildiyal et al., 

2008; Sijen and Plasterk, 2003; Yang and Kazazian, 2006), even potentially those of 

novel sequence, based simply on their tendency to form dsRNA.

 However, some triggers of RNA silencing do not naturally produce dsRNA, raising 

the possibility that single-stranded transcripts can trigger small RNA production.  How are 

such triggers identified, given their structural similarity to host transcripts?  In some cases, 

RNA-dependent RNA polymerases (RdRPs) are required for the silencing of transposons 

and transgenes (Cogoni and Macino, 1999; Dalmay et al., 2000; Wang et al., 2010), 

suggesting a model in which the targeted activity of RdRP produces substrates for Dicer.

 PIWI-interacting RNA (piRNA) pathways, including those in mouse and Drosophila, 

represent another example in which single-stranded transcripts initiate RNA silencing.  

In these systems, piRNA precursor transcripts are processed in a Dicer-independent 

manner to generate small RNAs that function with Argonaute proteins of the PIWI clade 

to silence complementary sequences (Ishizu et al., 2012).  The specificity with which 

piRNAs target foreign elements is thought to be achieved by restricting piRNA biogenesis 

to precursors transcribed from particular genomic loci.  These loci, termed piRNA clusters, 
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are composed of transposons and transposon remnants, and thus appear to be a memory 

of foreign elements encountered by an organism (Aravin et al., 2007; Brennecke et al., 

2007).  The signals that identify piRNA precursor transcripts are unknown.

 As described above, the specificity of RNA silencing depends on the selection of 

appropriate substrates for small RNA biogenesis.  Elucidation of the signals that guide 

small RNA biogenesis is thus an important goal in the study of RNA silencing, and should 

illustrate the principles by which eukaryotes distinguish self from non-self nucleic acids.  

Here, we highlight the recent finding that transposon transcripts can be targeted as 

substrates for small RNA production owing to their tendency to stall in spliceosomes.  

Furthermore, we discuss hints in the literature that point to a general relevance of 

spliceosome-coupled small RNA biogenesis to other systems.



91

Stalled spliceosomes are a signal for RNAi-mediated genome defense

The human pathogenic yeast Cryptococcus neoformans is a genetically tractable model 

system for the study of endogenous siRNA pathways.  RNA silencing in this organism is 

performed by one Argonaute protein (Ago1), two Dicers (Dcr1/2), and an RdRP (Rdp1) 

(Wang et al., 2010).  Null mutations in their corresponding genes cause no defect in 

vegetative growth, but elicit increased transposon expression and mobilization, pointing 

to genome defense as a key function for this pathway (Janbon et al., 2010; Wang et al., 

2010).  As S. cerevisiae lacks RNA silencing and S. pombe synthesizes small RNAs 

against repeats but not against transposons, C. neoformans offers a well-developed 

yeast model to study RNA silencing of transposable elements.

 Deep sequencing of C. neoformans siRNAs revealed that they map predominantly 

to repetitive sequences derived from transposons, consistent with their known role in 

transposon suppression (Dumesic et al., 2013; Wang et al., 2010).  Surprisingly, however, 

siRNAs map not only to the exons but also to the introns of their corresponding transcripts, 

implicating incompletely spliced mRNA precursors as substrates for siRNA biogenesis.  

These initial observations suggested that transposon-derived transcripts may be 

recognized as triggers of RNA silencing while still undergoing splicing in the nucleus.

 The next clue came from biochemical studies revealing that several C. neoformans 

RNA silencing factors, including Ago1 and Rdp1, are members of a spliceosome-coupled 

and nuclear RNAi complex (SCANR), which physically interacts with the spliceosome and 

is required for siRNA biogenesis (Dumesic et al., 2013).  These observations raised the 

possibility that a kinetic competition determines transcripts from which small RNAs are 

produced. In this model, rapidly spliced transcripts are not targeted for dsRNA synthesis, 

whereas transposon transcripts, by virtue of their poor splicing kinetics, accumulate in 

spliceosomes and are targeted for dsRNA synthesis by SCANR (Figure 1).

 Consistent with this model, transcripts targeted by siRNA in C. neoformans exhibit 
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intron sequence features predictive of poor splicing.  Furthermore, we observed that 

these transcripts accumulate abnormally on spliceosomes in vivo, indicating that they 

stall in the spliceosome during the splicing cycle.  Importantly, we demonstrated a number 

of predictions of the kinetic competition model by experimentally manipulating introns 

within transcripts that template siRNA biogenesis.  First, intron elimination reduced a 

transcript’s ability to template siRNA production.  Second, introduction of a 3ʹ splice site 

mutation, which stalls splicing upon lariat intermediate formation, dramatically increased 

the accumulation of siRNA targeting the transcript.  Third, a 5ʹ splice site mutation, 

which prevents intron engagement with the spliceosome, suppressed the ability of a 3ʹ 

splice site mutation in the same intron to promote siRNA biogenesis.  Fourth, loss of 

the lariat debranching enzyme (Dbr1) also blocked siRNA production, further implicating 

stalled splicing intermediates (which require Dbr1 for their processing and degradation 

(Chapman and Boeke, 1991; Mayas et al., 2010)) as substrates for siRNA production.  

Together, these findings establish stalled spliceosomes as a necessary signal for the 

specification of RNA silencing targets.  As such, they reveal a new function for introns and 

the spliceosome in genome defense (Dumesic et al., 2013) (Figure 1).

 The findings described above support a kinetic competition model for siRNA template 

selection in C. neoformans and demonstrate that gene expression signal strength can 

influence RNA silencing specificity.  In this example, the suboptimal splicing properties of 

transposons, relative to host genes, provide an opportunity for the evolution of genome 

defense.  Given the universality of spliceosomal introns in eukaryotes, the capacity for 

splicing features to guide RNA silencing is not necessarily unique to Cryptococcus.  

Below we consider potential roles for the spliceosome in small RNA pathways that 

mediate genome defense in other organisms.  We also suggest potential advantages of 

spliceosome-coupled genome defense, and speculate on evolutionary forces that may 

encourage suboptimal splicing of transposon transcripts.
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Connections between RNA splicing and plant siRNA biogenesis

From the discovery of transposons (McClintock, 1984) to the suggestion that small RNAs 

mediate RNA silencing (Hamilton and Baulcombe, 1999), plant systems have provided 

insights into the biology of transposons and the RNA silencing pathways that suppress 

them.  In plants, two siRNA pathways contribute to genome defense, each of which requires 

distinct RdRP, Dicer, and Argonaute proteins.  In the RNA-directed DNA methylation 

(RdDM) pathway, the specialized RNA polymerases Pol IV and Pol V act to trigger siRNA 

production and DNA methylation, respectively, at the loci they transcribe (Castel and 

Martienssen, 2013; Panda and Slotkin, 2013).  In the post-transcriptional gene silencing 

(PTGS) pathway, siRNA production results in target transcript destabilization.  The ability 

of these pathways to broadly silence transposons and transgenes, including some that do 

not naturally generate dsRNA (Dalmay et al., 2000; Luo and Chen, 2007), suggests that 

they recognize distinguishing features of foreign elements.  That splicing signals could 

represent one of these features is suggested by two observations.  First, mutations in 

splicing factors affect the production of siRNA for the RdDM pathway.  Second, efficient 

splicing reduces the accumulation of transgene-specific siRNA for the PTGS pathway.  

The details of these observations are described below.

 Functional studies have implicated the spliceosome in RdDM pathway targeting.  

Specifically, mutations of the A. thaliana splicing factors ZOP1, MAC3A, MOS4, MOS12, 

MOS14, and SR45 reduce accumulation of Pol IV/V-dependent siRNA (Ausin et al., 2012; 

Zhang et al., 2013).  MAC3A (yeast Prp19) and MOS4 associate with the evolutionarily 

conserved, spliceosomal Nineteen complex (Monaghan et al., 2009).  We note that Prp19 

accumulates on transcripts in C. neoformans whose stalled splicing targets them for RNA 

silencing (Dumesic et al., 2013).  SR45 contains arginine/serine-rich domains, which are 

found in splicing factors of the SR protein family, whereas MOS14 is a nuclear import 

receptor for SR proteins (Xu et al., 2011).  A potential direct role for SR proteins in RdDM is 
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intriguing given the observation that Srr1, a spliceosome-associated protein that contains 

an arginine/serine-rich domain, physically interacts with siRNA biogenesis factors of the 

SCANR complex in C. neoformans (Dumesic et al., 2013).  Important questions for future 

work include determining whether these proteins mediate splicing events at RdDM loci, 

whether they promote transcription by Pol IV/V, and whether they physically interact with 

known components of the RdDM pathway.  The possibility of a role in transcription is 

made more likely by recent work in mammalian cells showing that SR proteins can license 

transcription by promoting RNA polymerase pause release (Ji et al., 2013).  Nevertheless, 

further mechanistic studies will be required to rule out the possibility that splicing factor 

mutants affect RNA silencing indirectly, via their global effects on splicing.

 Other experiments have assessed connections between splicing and RNA 

silencing by manipulating intron features in transcripts that template siRNA production.  

In contrast to C. neoformans, where experiments of this type demonstrated that poorly 

spliced introns promote siRNA production, plant experiments described to date have 

highlighted a potentially distinct mechanism by which introns can influence RNA silencing, 

in which efficiently spliced introns protect transcripts from RNA silencing.  For instance, 

a comparison of intron-containing and intronless GFP transgenes demonstrated that 

introns impede PTGS-mediated transgene silencing in A. thaliana (Christie et al., 2011).  

Furthermore, better-spliced introns conferred greater protection against RNA silencing.  It 

was suggested that this phenomenon explains why endogenous intronless genes template 

more siRNA production than do intron-containing genes, as assessed by genome-wide 

siRNA sequencing (Christie et al., 2011).  These findings echo the earlier observation 

that introns retard the RdRP-dependent phenomenon of secondary siRNA, in which a 

single-stranded target of siRNA becomes gradually itself a template for siRNA synthesis 

(Vermeersch et al., 2010).  Although the mechanisms by which efficient splicing opposes 

RNA silencing are unclear, the requirement for RdRP in plant siRNA pathways raises 

the possibility that efficient splicing acts to prevent transcripts from exhibiting triggers for 
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RdRP activity, which are thought to include absence of a 5ʹ cap or poly-A tail (Gazzani et 

al., 2004; Herr et al., 2006).

 To summarize, the data to date suggest that efficient splicing impedes RNA silencing 

in plants.  In C. neoformans, stalled splicing promotes RNA silencing.  Both systems 

may thus utilize a similar logic for transposon recognition, in which efficiently spliced 

transcripts avoid RNA silencing.  Future studies will be required to determine whether 

efficiently spliced introns can actively protect against RNA silencing in C. neoformans, 

and whether stalled spliceosomes promote siRNA production in plants.  In this regard, it is 

interesting to note that the insertion of ectopic 5ʹ splice sites into a plant transgene, which 

might mimic the effects of a spliceosome stalled at the first step of splicing, has been 

shown to cause improper transcript maturation and lead to siRNA production (Wypijewski 

et al., 2009).
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Splicing factors are required for siRNA production in C. elegans

Early studies of nematode RNAi triggered by exogenous dsRNA demonstrated that 

many of the factors required for this process are also required to silence endogenous 

transposons via siRNA production (Bernstein et al., 2001; Ketting et al., 1999; Tabara et 

al., 1999).  Since then, forward genetic screens have helped disentangle the myriad RNA 

silencing factors in C. elegans, whose genome encodes one Dicer, 27 Argonaute, and 

four RdRP proteins.  Remarkably, dozens of splicing factors were found in these screens 

to be required for transgene or transposon suppression (Kim et al., 2005; Robert et al., 

2005; Tabach et al., 2013).  These splicing factors are not restricted to any particular 

spliceosome subunit, nor do they act at a common step in the splicing cycle.  Thus, 

confirmation that these factors affect RNA silencing in a direct manner, and not simply 

by globally perturbing splicing, awaits determination of whether they associate with 

transposon transcripts, whether their mutant phenotypes can be recapitulated by intronic 

mutations in transposon transcripts, and whether they specifically affect particular siRNA 

types.  One potential clue is the recent observation that a specific subset of 26G siRNA 

maps to both introns and exons of its target transcripts, suggesting that siRNA of this 

class can be triggered by incompletely spliced mRNA precursors (Warf et al., 2012).  

A further motivation is the recent finding that nematode spliceosome components are 

enriched among proteins whose phylogenetic conservation correlates with that of RNA 

silencing factors (Tabach et al., 2013).  Since proteins with similar conservation tend 

to act in the same pathways (Aravind et al., 2000), this finding suggests a conserved 

connection between splicing and small RNA function.
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A potential function for stalled spliceosomes in piRNA biogenesis

In animals such as Drosophila and mice, piRNAs act to suppress transposons in the 

germline, where their function is required for fertility (Khurana and Theurkauf, 2010).  The 

biogenesis of piRNAs appears to be restricted to the particular sequences in defined 

genomic loci.  These loci typically comprise clusters of transposon remnants, consistent 

with their function as historical databases of transposon encounters (Brennecke et al., 

2007).  Some piRNAs are also produced from protein-coding genes, but their functions 

are less clear.

 piRNA biogenesis begins with primary processing, a poorly characterized 

conversion of single-stranded precursor transcripts into mature piRNAs, which act in 

Argonaute proteins of the PIWI clade to carry out transcriptional and post-transcriptional 

gene silencing (Ishizu et al., 2012; Le Thomas et al., 2013; Rozhkov et al., 2013).  For 

some piRNA loci, the piRNA pool is amplified by a ping-pong cleavage cycle, which is 

best understood in Drosophila.  In this cycle, a primary piRNA directs cleavage of a 

complementary transposon transcript, thereby defining the 5ʹ end of a secondary piRNA, 

whose 3ʹ end is subsequently trimmed to proper length.  These secondary piRNAs, acting 

in a distinct PIWI protein, then bind and cleave piRNA precursor transcripts, thereby 

amplifying precursor conversion into mature piRNA (Brennecke et al., 2007) (Figure 2).  

Effective piRNA pathway function depends on the production of piRNAs specifically from 

piRNA precursor transcripts, but the signals that enforce this specificity are unknown.

 Recent observations hint at a potential functional coupling between splicing and 

piRNA biogenesis.  First, piRNAs in Drosophila and mouse derive from both exons and 

introns of their precursors (Aravin et al., 2007; Beyret et al., 2012; Gan et al., 2011; 

Nordstrand et al., 2012; Yin and Lin, 2007), suggesting that precursor transcripts are 

specified while still undergoing splicing.  Second, when transgenes are inserted into 

Drosophila piRNA clusters, they are spliced less efficiently than when they are inserted 
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into euchromatic regions (Muerdter et al., 2012).  Third, the Drosophila splicing and 

nuclear export factor UAP56 binds to piRNA precursor transcripts and is required for 

precursor processing specificity (Zhang et al., 2012).  In a viable UAP56 allele, piRNA 

production from genomic clusters is reduced, whereas piRNA production from protein-

coding genes is increased (Zhang et al., 2012).  The subnuclear localization of UAP56 

suggests a model in which UAP56 identifies precursors transcribed from heterochromatic 

piRNA clusters, then shuttles them to Vasa, a protein that coordinates piRNA processing 

in the perinuclear nuage (Zhang et al., 2012).

 The above observations suggest a speculative model in which the inefficient 

splicing of piRNA precursors—caused either by their intrinsic sequence features or by 

the influence of local heterochromatin at piRNA clusters—contributes to their selection by 

UAP56 (Figure 2).  Intriguingly, the C. elegans UAP56 ortholog acts in cooperation with 

exon junction complex components, some of which are deposited on transcripts prior to 

the completion of splicing (Gehring et al., 2009), in order to divert unspliced transcripts 

away from the canonical nuclear export pathway (Shiimori et al., 2013).  This finding 

demonstrates the potential for splicing efficiency to dictate a transcript’s fate in a UAP56-

dependent manner, and may inform studies of the piRNA processing mechanism, which 

itself requires exon junction complex components (Handler et al., 2013).

 Whether piRNA loci that do not require UAP56 for their processing are also marked 

by the suppression of splicing signals has not yet been examined.  These loci, which 

include protein-coding genes such as traffic jam (Robine et al., 2009; Saito et al., 2009; 

Zhang et al., 2012), do not universally contain annotated introns.  Nevertheless, as cryptic 

splicing signals are found in many intronless transcripts, the spliceosome might still bind 

and influence the fate of these transcripts.  Therefore, an assessment of spliceosome 

occupancy on these and other piRNA precursors will be critical to test the hypothesis that 

inefficient splicing identifies substrates for piRNA processing.
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Disparities in the strength of RNA processing signals may generally distinguish 

transposons from host genes

While direct evidence that stalled spliceosomes signal for small RNA-mediated genome 

defense exists thus far only in the yeast C. neoformans, there are emerging hints that the 

spliceosome’s role in RNA silencing may be conserved.  This is in addition to roles for 

splicing factors in the biogenesis of small RNAs that do not defend the genome, such as 

S. pombe siRNA and human miRNA (Bayne et al., 2008; Bernard et al., 2010; Chinen et 

al., 2010; Janas et al., 2011; Trabucchi et al., 2009; Wu et al., 2010).  What advantages 

might be gained by using splicing signal strength to determine templates for small RNA 

biogenesis?

 In the context of genome defense, directing RNA silencing against inefficiently 

spliced transcripts might be advantageous for transposon targeting because the 

evolutionary history of transposons is distinct from that of host genes.  Specifically, 

transposons that enter a host genome by horizontal transfer have limited time to adapt to 

the new host’s splicing preferences, which include particular splice site sequences, intron 

size, and exonic splicing enhancer sequences (Ast, 2004; Kupfer et al., 2004; Warnecke 

et al., 2008).  Therefore, horizontal transfer from organisms with distinct optimal cis-acting 

splicing signals might contribute to the inefficient splicing of transposon-derived transcripts, 

as observed in Cryptococcus, and may mark these transcripts as targets for spliceosome-

coupled small RNA biogenesis (Dumesic et al., 2013).  Although the spliceosome could 

potentially be evaded by intronless transposons, such a resistance mechanism would 

be hindered by the fact that introns are required for robust gene expression in many 

systems (Le Hir et al., 2003), including C. neoformans (Goebels et al., 2013), which has 

a particularly intron-rich genome (Loftus et al., 2005).

 Another advantage to the use of inefficient splicing as a guide for genome defense 

is that transposons may broadly utilize suboptimal splice sites in order to mitigate the 
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negative fitness consequences of their mobilization.  Multiple transposon families encode 

cryptic splicing signals at their termini that are only utilized upon insertion into active 

host genes (Belancio et al., 2008; Menssen et al., 1990; Purugganan and Wessler, 

1992; Rushforth and Anderson, 1996).  These are thought to limit the negative impact 

of transposons on host gene expression by removing transposon sequences at the 

RNA level (Wessler, 1989).  Importantly, for cases in which these splicing events are 

incompatible with transposon protein expression, inefficient splicing may be favored as a 

compromise between host gene expression and transposon mobility (Purugganan, 1993).  

The unusual purpose of transposon splice sites may thus betray them to genome defense 

mechanisms that target stalled splicing.

 Splicing signals are one of many gene expression signals that might exhibit disparity 

between transposons and host genes because of their distinct evolutionary histories 

and gene expression strategies.  For instance, kinetic competitions could be applied not 

only to pre-mRNA splicing, but also to a nascent transcript’s efficiency of transcription, 

5ʹ capping, termination, polyadenylation, nuclear export, or translation.  Hints that such 

mechanisms may exist are seen in plant systems where defects in transcript termination, 

polyadenylation, and capping have been associated with enhanced RNA silencing activity 

(Gazzani et al., 2004; Herr et al., 2006).  Anecdotal observations indicate that at least 

some transposon families tend to be capped and polyadenylated less efficiently than host 

genes, supporting the use of these gene expression signals to identify foreign elements 

(Chang and Schulman, 2008; Dewannieux and Heidmann, 2005; Jiao et al., 2008).  

Since many of the aforementioned steps in RNA processing are functionally coupled 

(Neugebauer, 2002), a kinetic competition, even if applied only to splicing, might remain 

sensitive to transposon-specific defects in other steps of gene expression.
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Conclusions

The maintenance of eukaryotic genome stability necessitates the recognition and 

suppression of transposable elements. In organisms from protist to human, this function 

is performed by RNA silencing pathways.  Our recent work has identified stalled splicing 

as a signal for small RNA biogenesis, thereby defining RNA processing efficiency as 

a metric by which transposons can be distinguished from host genes (Dumesic et al., 

2013).  Transposons may be identified by a similar logic in other systems, as splicing 

factors have been found to broadly influence the function of RNA silencing pathways 

that carry out genome defense, including the plant and worm siRNA pathways and the 

Drosophila piRNA pathway.  Although the mechanisms underlying these effects remain to 

be elucidated, recent studies suggest that efficient splicing protects host transcripts from 

RNA silencing in plants, whereas inefficient splicing is associated with the chromosomal 

clusters that encode piRNA sequences in Drosophila.  We speculate that disparities in RNA 

processing signal strength between transposons and host genes has driven the evolution 

of genome defense strategies, including some that are coupled to the spliceosome.
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Figure 1.  Kinetic competition model for siRNA biogenesis in C. neoformans

A kinetic competition between splicing and dsRNA synthesis contributes to the targeting 

of inefficiently spliced transcripts by siRNA. In this hypothetical example, splicing of a 

transcript’s first intron stalls at the lariat intermediate stage.  The intermediate is processed 

by the lariat debranching enzyme (Dbr1) and SCANR in order to generate dsRNA, which 

is converted to siRNA by Dcr1/2.  The tendency of transposon-derived transcripts to 

encode suboptimal splicing features and accumulate in spliceosomes targets them for 

RNA silencing.
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Figure 2
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Figure 2.  Speculative model for the utilization of incompletely spliced transcripts 

in Drosophila piRNA biosynthesis

The stalled splicing of transcripts originating from piRNA cluster loci may target them 

for piRNA biogenesis.  Transgenes inserted into dual-strand piRNA clusters are 

spliced less efficiently than when expressed from euchromatic loci, and they give rise 

to piRNAs that correspond to both intronic and exonic regions (Muerdter et al., 2012).  

We speculate that this effect may be caused by sequence features of piRNA clusters, 

or by their heterochromatin context, as indicated by the presence of Rhino (Rhi), an 

HP1 variant.  The splicing and nuclear export factor UAP56 is required for piRNA 

production from dual-strand piRNA clusters (Zhang et al., 2012).  UAP56 binds piRNA 

precursor transcripts and colocalizes with Rhi foci in the nucleus, suggesting that UAP56 

targets piRNA precursors to Vasa (Vas), a protein that coordinates piRNA processing 

in the perinuclear nuage (Zhang et al., 2012).  There are several potential mechanisms 

by which UAP56, a DEAD box protein, might act in the context of this model.  First, it 

could promote heterochromatinization of piRNA cluster loci by Rhi, as suggested by the 

fact that nuclear Rhi foci require UAP56 (Zhang et al., 2012).  Second, UAP56 could 

bind to piRNA precursor transcripts in order to cause stalled splicing or to disassemble 

stalled spliceosomes for downstream processing of the precursors.  Finally, UAP56 could 

mediate the nuclear export of precursor transcripts to Vas.  Vas subsequently promotes 

primary piRNA processing as well as the ping pong amplification cycle, in which primary 

piRNA acts with the PIWI protein Aub to cleave complementary transcripts (indicated in 

red) that originate either from the dual-strand piRNA cluster itself or from transposons 

located elsewhere in the genome.  Cleavage defines the 5ʹ end of a secondary piRNA, 

whose 3ʹ end is subsequently trimmed to proper length.  Secondary piRNA acts with the 

distinct PIWI protein Ago3 to cleave piRNA cluster-derived precursor transcripts, thereby 

amplifying their conversion to mature piRNA.
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Chapter 4

Recognizing the enemy within: licensing RNA-guided genome 

defense



118

Summary

How do cells distinguish normal genes from transposons?  Although much has been 

learned about RNAi-related RNA silencing pathways responsible for genome defense, this 

fundamental question remains.  The literature points to several classes of mechanisms.  

In some cases, double-stranded RNA structures produced by transposon inverted 

repeats or antisense integration trigger endo-siRNA biogenesis.  In other instances, DNA 

features associated with transposons—such as their unusual copy number, chromosomal 

arrangement, and/or chromatin environment—license RNA silencing.  Finally, recent 

studies have identified improper transcript processing events, such as stalled pre-mRNA 

splicing, as signals for siRNA production.  Thus, the suboptimal gene expression properties 

of selfish elements can enable their identification by RNA silencing pathways.
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RNA silencing pathways suppress transposons to protect genome integrity

Transposons have parasitized nearly all eukaryotic genomes, including the human genome, 

over half of which is derived from transposon sequences.  In doing so, transposons have 

shaped eukaryotic evolution, in part by contributing regulatory and coding information to 

nearby host genes (Feschotte, 2008).  In fact, approximately 4% of human protein-coding 

open reading frames contain transposon-derived sequences (Nekrutenko and Li, 2001), 

as do 25% of promoter regions (Jordan et al., 2003).  Remarkably, host organisms have 

even co-opted the protein activities encoded by transposon genes, as in the case of RAG1, 

a transposon-derived endonuclease that now serves to catalyze V(D)J recombination in 

humans (Kapitonov and Jurka, 2005).  Despite these positive contributions to host biology, 

transposons are primarily selfish elements that threaten the integrity of host genomes.  

Transposon mobilization can disrupt host genes and promote deleterious chromosomal 

rearrangements (Burns and Boeke, 2012; Hedges and Deininger, 2007), and these 

perturbations contribute to Mendelian disease and cancer in humans (Burns and Boeke, 

2012; O’Donnell and Burns, 2010).  To combat this threat, host organisms have evolved 

multiple genome defense mechanisms to suppress transposon mobility.

 RNAi-related RNA silencing pathways are deeply conserved genome defense 

mechanisms that act in organisms from protist to human to recognize and suppress 

transposons (Shabalina and Koonin, 2008).  In all of these pathways, ~20-30 nt small 

RNAs act in complex with Argonaute family proteins to silence complementary transcripts.  

Depending on the pathway and context, silencing proceeds by a variety of mechanisms, 

which include RNA degradation, translational repression, and the establishment of 

repressive histone modifications (Castel and Martienssen, 2013; Ghildiyal and Zamore, 

2009).  The pathways also differ in the means by which they generate small RNAs.  In 

the canonical RNAi pathway, RNaseIII-type Dicer enzymes convert long double-stranded 

RNA (dsRNA) into small interfering RNA (siRNA).  In contrast, PIWI-interacting RNA 
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(piRNA) pathways do not require Dicer, and instead generate small RNA from single-

stranded precursors.  Still other pathways, such as the endogenous siRNA pathways 

of worm and plant, require RNA-dependent RNA polymerases (RdRPs) for small RNA 

biogenesis; these enzymes are thought to produce small RNAs directly or to generate 

long dsRNA substrates for Dicer.  The diversity of small RNA biogenesis mechanisms 

permits a wide variety of RNA sequences to template the production of small RNAs for 

genome defense.  

The adaptability of RNA silencing pathways, whose targeting depends primarily 

on the sequences of their small RNA guides, makes them well suited to defend against 

transposons, which differ extensively in sequence and distribution among eukaryotic 

species.  Indeed, orthologous Argonaute proteins silence different transposon families in 

different host organisms, suggesting that RNA silencing pathways can adapt to recognize 

novel transposons that a host has not previously encountered (Bagijn et al., 2012; 

Drinnenberg et al., 2009).  This adaptability raises a central question in the study of these 

pathways: how does RNA silencing specifically distinguish transposons from host genes?  

Here, we review our current understanding of principles by which transposons can be 

recognized as non-self by RNA silencing pathways of fungi, plants, and metazoans.
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The challenges of transposon recognition

RNA silencing pathways must overcome several properties of transposons in order to target 

them specifically.  First, like host genes, transposons reside in the nuclear genome and 

utilize host gene expression machinery.  Thus, transposons are not broadly distinguished 

by the use of alternative gene expression mechanisms.  Second, transposons themselves 

differ widely in sequence, with many families exhibiting no homology to each other, which 

hinders sequence-specific transposon recognition mechanisms (Supplemental Figure 

1).  Finally, even for a single transposon type, individual loci differ extensively, from fully 

intact, active transposons to degenerated, inactive loci.  This means that transposon 

sequences are not always distinguished from host genes simply by their ability to mobilize.  

Furthermore, both active and inactive transposon loci might be deleterious to their hosts, 

since the expression of these abundant sequences, which constitute over 80% of some 

eukaryotic genomes, confers a metabolic cost and may induce RNA toxicity (Kaneko et 

al., 2011).  

 Studies of RNA silencing pathways have begun to reveal strategies by which these 

pathways recognize transposons while avoiding inappropriate silencing of host sequences.  

These strategies are not mutually exclusive, and an individual RNA silencing pathway 

sometimes utilizes multiple strategies.  One general strategy recognizes transposons by 

virtue of their tendency to generate dsRNA.  A second strategy distinguishes transposons 

by their unique ability to mobilize, which makes them more likely to exist in unusual 

chromosomal arrangements or in high copy number.  A third class of mechanism exploits 

the suboptimal gene expression properties of transposons, which might arise due to 

their distinct evolutionary histories, to distinguish them from host genes.  A fourth class 

of mechanism licenses small RNA production against transposons based on the prior 

capture of transposon sequences by specialized chromatin niches.  These four transposon 

recognition strategies are discussed in turn in this review.  
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Transposons are identified by their production of dsRNA

Early studies of Caenorhabditis elegans RNAi indicated that some mutants defective 

in gene silencing triggered by exogenous dsRNA are also defective in suppressing 

transposons, raising the possibility that endogenous dsRNA initiates transposon silencing 

(Ketting et al., 1999; Tabara et al., 1999).  In such a model, transposon-derived dsRNA 

is processed by Dicer enzymes to yield siRNA, which then acts to repress homologous 

transposon sequences throughout the genome.  An attractive feature of this model is that 

transposons exhibit several properties that might increase their likelihood of generating 

dsRNA, thereby enabling them to be distinguished from host genes (Plasterk, 2002).  

For instance, some transposon families encode repeats and antisense promoters that 

can produce dsRNA.  Furthermore, the mobilization of transposons into existing host 

transcriptional units may lead to the production of antisense transposon transcripts.  

Finally, the repetitiveness of transposon sequences in the genome, together with their 

tendency to undergo rearrangements, may promote the formation of structured loci in 

which duplicated transposon sequences give rise to transcripts that fold to form dsRNA 

(Figure 1A).  

Several of the above mechanisms of transposon dsRNA production have been 

validated experimentally.  For instance, the inverted repeats of Tc1 DNA transposons in 

C. elegans have been shown to form dsRNA in vivo, likely due to intramolecular folding 

of precursor transcripts that originate from host promoters and read through an entire 

transposon locus (Sijen and Plasterk, 2003).  By contrast, an internal antisense promoter 

in the human Long Interspersed Element-1 (LINE-1) is required for the production of 

small RNA targeting this transposon, suggesting that intermolecular dsRNA triggers 

LINE-1 siRNA production, although the Dicer-dependence of these small RNAs remains 

to be demonstrated (Yang and Kazazian, 2006).  Finally, unusual tandem arrangements 

of transposon-derived sequences, such as inverted duplications, have been found in 
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mouse, nematode, plant, and yeast to be hotspots of siRNA production, typically owing 

to formation of intramolecular dsRNA (Drinnenberg et al., 2009; Sijen and Plasterk, 2003; 

Slotkin et al., 2005; Tam et al., 2008).  Remarkably, a single locus of this type in maize, the 

Mu killer locus, is sufficient to trigger silencing of Mutator DNA transposons genome-wide 

(Slotkin et al., 2005).  Thus, the capacity of RNA silencing to act in trans enables an entire 

family of transposons to be recognized, even if only a subset of these loci generates 

dsRNA.

The above examples suggest that the transposon-derived dsRNA can, in at 

least some cases, trigger the production of small RNAs for the purpose of genome 

defense.  Nevertheless, the general rules that dictate the in vivo formation of dsRNA, 

and its subsequent processing into siRNA, remain unclear.  For instance, whereas the 

intramolecular dsRNA produced by the Mu killer locus can induce RNA silencing of 

homologous Mutator transposons, this effect cannot be achieved by expression of sense 

and antisense Mutator transcripts from distinct loci (Kim and Walbot, 2003), suggesting 

that intermolecular dsRNA comprising these transcripts is either inefficiently formed 

or poorly processed by Dicer.  Similarly, the 31 genomic copies of Tc1 in C. elegans 

generate both sense and antisense transcripts, but these transcripts do not appear to 

form intermolecular dsRNA, as assessed by analysis of in vivo dsRNA editing by the 

ADAR adenosine deaminase (Sijen and Plasterk, 2003).  These findings suggest that 

the initiation of RNA silencing by dsRNA may require a licensing step, in which only a 

subset of potential dsRNA substrates gains the capacity to trigger RNA silencing.  Such 

a licensing step may also explain why endogenous non-transposon loci that produce 

complementary transcripts are often poor triggers of siRNA biogenesis, as in Drosophila 

(Okamura et al., 2008).

Future experiments that systematically address the relationships between cellular 

ssRNA, dsRNA, and siRNA will help elucidate the rules by which dsRNA triggers small 

RNA production in vivo.  These rules may involve the ability of given RNAs to form 
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dsRNA, which could be influenced by their expression levels, subcellular localizations, or 

associated proteins.  Alternatively, specific features of the dsRNA itself, such as whether 

the chemistry of its ends allows efficient Dicer processing, could determine the efficiency 

of siRNA production.  A more complete understanding of the rules for dsRNA and siRNA 

production could explain why only some transposon families are targeted by endogenous 

siRNA, and why different targeted families exhibit siRNAs corresponding to distinct 

regions of their sequence (Ghildiyal et al., 2008).
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Unusual DNA arrangements distinguish transposons from host genes

Transposons are often found in unusual chromosomal arrangements.  The repetitive 

sequences they encode can cause replication fork slippage, leading to the formation of 

tandem arrays (Ahmed and Liang, 2012; Bzymek and Lovett, 2001).  Furthermore, their 

ability to mobilize can lead to the asymmetric distribution of transposon sequences on 

homologous chromosomes.  These unusual arrangements, which represent targets of 

the two RNA silencing pathways in the filamentous fungus Neurospora crassa, may thus 

distinguish transposons for detection by host genome defense pathways (Figure 1B).  The 

quelling pathway operates in vegetative cells, where it targets tandem array sequences 

for silencing.  By contrast, the meiotic silencing of unpaired DNA (MSUD) pathway acts 

in mating cells, where it silences loci that lack a partner during homologous chromosome 

pairing in meiosis I.  Each pathway requires its own RdRP, suggesting that silencing is 

triggered not by a naturally occurring dsRNA, but rather by the directed action of RdRP 

activity at particular targets.  These targets, however, do not include active transposons, 

which are not found in the modern-day genome of N. crassa.  Instead, RNA silencing 

pathways in this organism are studied primarily in their capacity to silence transgenes.  

Nevertheless, N. crassa produces small RNAs corresponding to ancient, degenerated 

transposon sequences in its genome, pointing to genome defense as a biological role for 

these pathways (Chicas et al., 2004).

The quelling pathway targets repetitive DNA arrangements

Quelling, one of the first known RNA silencing pathways, was discovered over 20 

years ago (Chang et al., 2012; Romano and Macino, 1992).  In this pathway, repetitive 

transgenes, which are often oriented in tandem arrays, are used as templates for the 

production of siRNA, which post-transcriptionally silences homologous loci throughout 

the genome.  Like other endogenous siRNA pathways, quelling requires Dicer enzymes, 
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an Argonaute protein (QDE-2), and an RdRP (QDE-1) (Chang et al., 2012).  Interestingly, 

QDE-1 can act not only as an RdRP but also as a DNA-dependent RNA polymerase, 

and recombinant QDE-1 is sufficient to generate dsRNA from a DNA template (Lee et 

al., 2010).   These findings, together with the observation that quelling can be triggered 

by transgenes lacking Pol II promoters (Cogoni et al., 1996), suggest that quelling may 

be initiated by QDE-1-mediated production of single- and double-stranded RNA from 

transgene sequences.  In such a model, the recruitment of QDE-1 to particular loci would 

underlie the specificity of quelling for transgenes and other foreign genetic elements.

 Recent findings outline a model in which QDE-1 recruitment to transgenic loci is 

triggered by the repetitiveness of the DNA itself.  An initial clue came from the finding that 

QDE-1 physically interacts with Replication Protein A (RPA) in a manner that requires 

QDE-3, a quelling factor related to RecQ helicases (Lee et al., 2010; Nolan et al., 

2008).  Because RPA binds ssDNA to facilitate DNA replication and repair, and RecQ 

helicases play roles in DNA repair, these findings suggest a functional link between DNA 

metabolism and quelling.  Further studies indicated that factors involved in homologous 

DNA recombination bind to transgenic loci and are required for quelling, supporting a 

model in which homologous recombination generates recombination intermediates that 

recruit QDE-3 and, subsequently, QDE-1 for the purpose of small RNA production (Zhang 

et al., 2013).  These events may take place more often at repetitive loci because of these 

loci are more likely to undergo homologous recombination, or because their repetitiveness 

leads to the production of aberrant recombination structures that are resolved by QDE-3.  

Consistent with such a model, treatment of cells with hydroxyurea, an agent that induces 

double-strand DNA breaks, enhances quelling (Zhang et al., 2013).  Although the detailed 

mechanism of QDE-3 recruitment to and QDE-1 action at repetitive loci remain areas of 

active investigation, these findings point to homologous recombination as a mechanism 

to sense the repetitiveness of particular genomic sequences, thereby identifying them as 

targets for a genome defense pathway.
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Meiotic silencing of unpaired DNA

In contrast to quelling, which targets foreign sequences present in multiple genomic copies, 

the MSUD pathway can recognize even a single-copy sequence as foreign based on its 

inability to pair with a homologous chromosome during meiosis (Shiu et al., 2001).  This 

pathway requires a Dicer protein, an Argonaute, and an RdRP (SAD-1), which generate 

small RNA corresponding specifically to the unpaired region (Hammond et al., 2013a).  All 

of these proteins exhibit perinuclear localization, suggesting a specialized site for small 

RNA biogenesis (Chang et al., 2012).  In fact, only a single known MSUD factor localizes 

to the nucleus: SAD-5, a fungal-specific protein with no predicted domains (Hammond 

et al., 2013b).  This has hindered progress on a central question in the study of meiotic 

silencing: how precisely are unpaired regions detected in the nucleus and engaged for 

small RNA production?  

Studies to date suggest that the detection of unpaired regions is not restricted to 

particular DNA sequences or chromosomal regions (Shiu et al., 2001).  Rather, detection 

efficiency correlates with the size of the unpaired region as well as the degree of nonidentity 

it shares with its homolog (Lee et al., 2004).  MSUD can detect even subtle amounts of 

sequence nonidentity (~5% across 2-4 kb), and its sensitivity is further increased if the 

unpaired region carries DNA methylation marks, suggesting that not only DNA sequence 

but also chromatin context may contribute to detection of unpaired regions (Pratt et al., 

2004).  Detection proceeds even if the unpaired region lacks a Pol II promoter, further 

suggesting that the initial detection event involves recognition of some aspect of DNA 

structure (Lee et al., 2004).  Presumably, noncanonical transcription produces the RNA 

transcripts that template dsRNA and siRNA production.  An attractive, but so far untested, 

model is that SAD-1 acts successively as a DNA-dependent and RNA-dependent RNA 

polymerase—like its paralog, QDE-1, in the quelling pathway—in order to synthesize 

dsRNA from unpaired loci.  Future studies will therefore benefit from characterization of the 
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precursor transcripts that give rise to small RNAs from unpaired regions.  Another area of 

investigation will be to determine whether chromatin states influence the MSUD pathway, 

either in its detection or small RNA production steps.  In this regard, it is interesting to 

note that a meiotic silencing pathway in C. elegans also requires an RdRP (Ego-1), and 

is coupled to histone H3 lysine 9 (H3K9) methylation of unpaired loci (Maine et al., 2005; 

She et al., 2009).  
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Sensing of transposons via the gene expression machinery

Whereas the quelling and MSUD pathways recognize properties of a foreign element’s 

DNA copy number or chromosomal arrangement, other RNA silencing pathways 

appear to instead target features of transposon-encoded RNAs.  What features could 

distinguish transposon transcripts from host transcripts, since both are produced and 

undergo processing by the same host cellular machineries?  As discussed further below, 

recent findings in the yeast Cryptococcus neoformans suggest that transposon-derived 

transcripts encode suboptimal splicing signals and tend to stall on spliceosomes, which 

directs their use as templates for dsRNA and siRNA production (Dumesic et al., 2013).  

Although transposon gene expression signal strength has not been systematically 

examined in other organisms, plant genome defense pathways mediated by endogenous 

siRNA may also detect features of transcript maturation, as evidenced by the finding that 

5ʹ and 3ʹ end formation features can dictate RNA silencing specificity in these systems.  

Together, these results raise the possibility that gene expression signal strength generally 

distinguishes transposons from host genes, perhaps because the evolutionary history of 

transposons differs from that of their host organisms.  

The spliceosome is a transposon sensor in a basidiomycetous yeast

In C. neoformans, endo-siRNA mediates post-transcriptional gene silencing and is 

produced primarily from transposon-derived sequences (Dumesic et al., 2013; Wang et 

al., 2010).  Strikingly, these small RNAs correspond to both exons and introns of their 

targets, suggesting that incompletely spliced mRNA precursors are preferred templates 

for siRNA production.  Furthermore, several C. neoformans siRNA biogenesis factors, 

including an Argonaute and an RdRP, form a nuclear protein complex (SCANR) that 

physically interacts with the spliceosome.  These findings point to a kinetic competition 

model for RNA silencing specificity, in which efficiently spliced host transcripts are not 
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targeted for siRNA production, whereas transposon transcripts, by virtue of their poor 

splicing kinetics, become susceptible to SCANR-mediated siRNA production (Figure 2).  

Consistent with this model, the transcripts targeted for siRNA production exhibit intron 

sequence features predictive of poor splicing and tend to accumulate abnormally on 

spliceosomes in vivo (Dumesic et al., 2013).

 Experimental manipulations of siRNA target transcripts in C. neoformans 

further indicate that splicing signals dictate RNA silencing specificity.  For instance, 

elimination of a transcript’s introns suppresses its ability to template siRNA biogenesis.  

Conversely, introduction of a 3ʹ splice site mutation, which stalls splicing at the stage 

of lariat intermediate formation, dramatically increases siRNA production from the 

mutated transcript.  Importantly, the effect of a 3ʹ splice site mutation is suppressed 

by introduction of a 5ʹ splice site mutation, which prevents intron engagement with the 

spliceosome.  The effect of a 3ʹ splice site mutation is also suppressed in the absence of 

lariat debranching enzyme, further supporting a model in which the processing of stalled 

splicing intermediates is required for the production of dsRNA and subsequent siRNA.  

Together, these findings establish stalled spliceosomes as a necessary signal by which 

transposon-derived transcripts can be distinguished for the purpose of genome defense 

(Dumesic et al., 2013).  

 Although the reason why siRNA targets in C. neoformans, which are primarily 

transposon-derived, possess weaker splicing signals than those of host genes is not yet 

understood, this property may have been shaped by the distinct features of transposon 

propagation.  First, intron-containing retrotransposons must produce both spliced and 

unspliced transcripts, with the latter used selectively as transposition substrates (Chang 

et al., 2013), in order to maintain intron sequences in new genomic copies.  Weak splicing 

signals may thus be favored as a mechanism for producing both transcript types.  Second, 

the capacity of transposons to be horizontally transferred between different organisms 

may predispose them to possess suboptimal splicing signals.  For instance, because gene 
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expression signals, such as splicing signals, differ substantially among species (Irimia et 

al., 2007; Kupfer et al., 2004), the horizontal transfer of a transposon may insert it into a 

host, like C. neoformans, with incompatible signal preferences.  The limited co-evolution 

of transposons with their hosts would thus make transposons in general more poorly 

equipped than host genes to undergo the many steps of eukaryotic gene expression.  This 

potential disparity provides opportunities for the evolution of genome defense pathways, 

and may even contribute to the evolutionary emergence of host gene expression steps 

themselves (Madhani, 2013).  

RNA processing signals impact RNA silencing in plants

Several findings raise the possibility that RNA silencing specificity in plants is influenced, 

as in C. neoformans, by the RNA processing signals encoded in foreign elements.  In 

plants, two endo-siRNA pathways—each with distinct Dicer, Argonaute, and RdRP 

proteins—act to generate siRNA against transposons.  In the post-transcriptional gene 

silencing (PTGS) pathway, transposon transcripts produced by RNA Pol II are used as 

substrates for siRNA production in a manner thought to be initiated by RDR6, an RdRP 

(Voinnet, 2008).  In the RNA-directed DNA methylation (RdDM) pathway, transcription 

of transposon loci by the specialized RNA polymerases Pol IV and Pol V enables siRNA 

production and DNA methylation, respectively, at these loci (Haag and Pikaard, 2011).  

Because DNA methylation not only represses transcription but also recruits additional Pol 

IV activity, this pathway leads to lasting, heritable silencing, such that most transposons in 

plant genomes are not normally expressed (Nuthikattu et al., 2013).  Newly encountered 

transposons can be targeted for methylation if they exhibit sequence similarity to existing 

RdDM targets, presumably because of the in trans action of RdDM pathway siRNA 

(Nuthikattu et al., 2013).  But how can a transposon of novel sequence be identified?  

Recent studies suggest that the initial recognition of transposon transcripts by the PTGS 

pathway can subsequently engage the RdDM pathway to effect lasting DNA methylation 
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(Marí-Ordóñez et al., 2013; Nuthikattu et al., 2013).  These findings highlight RDR6 activity 

as a key factor in transposon recognition and RNA silencing specificity in plants.  

 Promoter sequences are required for the detection of foreign elements by 

PTGS, suggesting that RNA signals guide this pathway’s specificity (Vaucheret et al., 

1997).  However, these signals remain largely unknown, in part due to the challenges of 

manipulating and analyzing repetitive, endogenous transposons.  Nevertheless, studies 

of transgene silencing have provided several clues.  First, PTGS can recognize even 

single-copy transgenes that are not predicted to form dsRNA, supporting the model that 

RDR6 action on single-stranded, non-self transcripts is an initiating event in this silencing 

pathway (Dalmay et al., 2000; Luo and Chen, 2007).  Second, screens for A. thaliana 

mutants that enhance PTGS yielded mutations affecting the 5ʹ-3ʹ RNA exonucleases 

XRN2/3/4 as well as 3ʹ end formation factors that mediate transcript cleavage and 

polyadenylation (Gazzani et al., 2004; Gy et al., 2007; Herr et al., 2006).  These mutants 

accumulate uncapped or non-polyadenylated transgene transcripts, suggesting a model 

in which ‘aberrant’ transcripts with one or more incompletely processed ends may be 

particularly good substrates for RDR6.  Consistent with this model, siRNA production from 

a transgene transcript is promoted by the absence of transgene termination signals, and 

is suppressed by the addition of strong terminators (Luo and Chen, 2007).  Interestingly, 

an XRN4 mutation does not simply increase silencing of appropriate PTGS targets, but 

also stimulates the production of siRNA from host transcripts not normally targeted by 

PTGS, further suggesting that 5ʹ end formation acts to generally suppress RDR6 activity 

(Gregory et al., 2008).  

 Several questions regarding the initiation of PTGS by foreign elements remain 

to be answered.  First, it will be important to determine the precise substrate of RDR6 

activity in vivo.  The results described above highlight transcripts with bare 5ʹ or 3ʹ ends as 

an attractive possibility, and are further supported by the observation that host transcripts, 

if separated from their 5ʹ and 3ʹ end modifications by miRNA-mediated cleavage events, 
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become RDR6 substrates (Axtell et al., 2006).  However, it is unclear whether this model 

is sufficient to explain the observation that perturbations of several other RNA processing 

steps—including splicing (Christie et al., 2011; Herr et al., 2006), nonsense mediated 

decay (Moreno et al., 2013), and exosome-mediated decay (Moreno et al., 2013)—

also affect PTGS targeting.  It is possible that all of these perturbations act by indirectly 

influencing a single preferred RDR6 substrate, whose identity remains hidden.  Second, 

it will be important to understand how RDR6 substrate preferences enable PTGS to 

distinguish self from non-self.  Anecdotal evidence suggests that repetitive sequences 

tend to produce poorly polyadenylated transcripts (Luo and Chen, 2007), but whether 

transposons in plant genomes generally exhibit poor polyadenylation or cap formation 

has not yet been systematically tested.
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Genomic memory of foreign sequences enables transposon detection

RNA silencing pathways of the piRNA class silence transposons and other foreign 

elements in animal germlines, where they are required for fertility (Ishizu et al., 2012).  

In these pathways, small RNAs are produced in a Dicer-independent manner, then act 

with Argonaute proteins of the PIWI clade to effect transcriptional and post-transcriptional 

silencing of complementary target transcripts (Luteijn and Ketting, 2013).  Although the 

molecular mechanisms of piRNA biosynthesis and target silencing vary among species, 

piRNA pathways share a common ‘adaptive immune system’ strategy for foreign element 

recognition.  Specifically, these pathways generate a large diversity of piRNA sequences, 

which survey the transcriptome for complementary targets.  Upon target recognition, an 

amplification step generates additional target-specific small RNAs, which enforce long-

term silencing, often in a heritable manner (Luteijn and Ketting, 2013).  Thus, piRNA 

pathway specificity for transposons is determined in large part by the initial selection 

of piRNA sequences, a process that in Drosophila involves the restriction of piRNA 

production to specialized genomic loci called piRNA clusters (Figure 3A).  Regulation 

of secondary piRNA amplification provides an additional opportunity to impose silencing 

specificity, and recent studies suggest that this is a significant source of piRNA specificity 

in C. elegans (Figure 3B).

piRNA in D. melanogaster

In Drosophila, germline piRNAs are produced from specialized loci that contain clusters 

of transposon fragments (Brennecke et al., 2007; Senti and Brennecke, 2010).  Clusters 

thus represent a genomically encoded memory of prior transposon insertions.  Single-

stranded transcripts from these clusters undergo processing to generate primary piRNA, 

which act with PIWI family proteins (Piwi, Aub) to guide cleavage of complementary 

transposon transcripts originating throughout the genome.  This cleavage defines the 
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5ʹend of a secondary piRNA, which is then loaded into a distinct PIWI protein (Ago3) and 

undergoes 3ʹ trimming to proper length.  Subsequently, mature Ago3 complexes act to 

repeatedly bind and cleave complementary piRNA cluster transcripts, thereby promoting 

precursor conversion into mature piRNAs (Brennecke et al., 2007; Gunawardane et al., 

2007; Li et al., 2009).  This amplification step, termed the ping-pong cycle, biases piRNA 

production towards transcriptionally active transposons, and ensures that most piRNAs 

are antisense to their targets, and therefore active (Kelleher and Barbash, 2013; Li et al., 

2009).  These abundant antisense piRNAs then promote both post-transcriptional and 

transcriptional transposon silencing, with the latter being mediated by H3K9 methylation 

of target loci (Luteijn and Ketting, 2013).

 A central question in Drosophila piRNA specificity is to understand how particular 

genomic regions are marked as sources of piRNA production in such a way that ensures 

their enrichment for transposon sequences.  In one model, piRNA clusters act as passive 

transposon traps.  In this model, the repetitiveness and mobility of transposons make 

them more likely than host genes to integrate at a defined genomic locus, such as a 

piRNA cluster (Girard and Hannon, 2008).  Each integration event would enable piRNA-

mediated silencing of the integrated transposon and its relatives, and tend to be fixed in 

the population.  This model is supported by the finding that piRNA clusters can produce 

piRNAs from a wide variety of experimentally inserted sequences (Muerdter et al., 2012), 

and by the observation that, among Drosophila species, the genomic location of a piRNA 

cluster is often conserved even when the constituent transposon fragments differ (Malone 

et al., 2009).  Furthermore, the initiation of a transposon’s silencing by its mobilization into 

piRNA clusters has been observed experimentally (Khurana et al., 2011).  

Other observations raise the possibility that the selection of sequences for piRNA 

biogenesis involves additional licensing steps. For instance, transgenes inserted into 

piRNA clusters template the production of piRNAs in a nonuniform manner (de Vanssay et 

al., 2013; Muerdter et al., 2012), suggesting that piRNA precursor processing preferences 
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may dictate selection of particular sequences that are best suited for genome defense.  

Furthermore, some transposon families appear to mobilize to piRNA cluster loci more 

often than would be expected by chance (Karpen and Spradling, 1992; Khurana et al., 

2011), suggesting that an active mechanism promotes insertion into a cluster.  One 

possibility is that the specialized chromatin landscape at piRNA clusters, which includes 

H3K9 methylation and a heterochromatin protein 1 (HP1) homolog (Rhino), promotes 

local transposon insertions (Klattenhoff et al., 2009; Rangan et al., 2011).  Another 

intriguing possibility, suggested by recent work (de Vanssay et al., 2012; Olovnikov et al., 

2013), is that the silencing of piRNA target loci leads to the birth of new piRNA clusters at 

these loci, potentially in a mechanism involving the H3K9 methyl marks deposited during 

Piwi-mediated silencing (Luteijn and Ketting, 2013).  Such a mechanism would enrich 

transposon and other piRNA target sequences within piRNA clusters.  Further testing of 

these hypotheses awaits a more complete understanding of the specialized chromatin at 

piRNA clusters, and how its constituent proteins, such as Rhino, enable piRNA production 

from these loci.

21U-RNA in C. elegans

In C. elegans, the PIWI protein PRG-1 associates with small RNAs of the 21U class 

(Ishizu et al., 2012).  Like Drosophila piRNAs, 21U-RNAs are encoded largely in 

genomic clusters (Ruby et al., 2006), but they differ in that 21U-RNAs are expressed as 

autonomous units instead of from long precursor transcripts (Billi et al., 2013; Gu et al., 

2012).  Recent findings indicate that 21U-RNAs can trigger repression of transposon 

and transgene sequences (Ashe et al., 2012; Bagijn et al., 2012; Das et al., 2008; Lee 

et al., 2012; Shirayama et al., 2012).  Recognition of a target transcript by a 21U-RNA 

leads to RdRP-dependent production of 22G siRNA of the worm-specific Argonaute 

(WAGO) class, which are antisense to the target.  Production of 22G siRNA not only 

serves to amplify the RNA silencing response, but also engages transcriptional silencing 
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mechanisms, which depend on H3K9 methylation and can be stably inherited.  However, 

the pool of 21U-RNAs is vast (>16,000 distinct species) and complex in sequence, raising 

the question of how genome surveillance by these RNAs can specifically distinguish self 

from non-self. 

 The sequences of 21U-RNAs do not appear sufficient to establish specificity for 

foreign elements.  For instance, although 21U-RNA are depleted in sequences that would 

target host genes, they do not show a strong enrichment for transposon sequences 

(Bagijn et al., 2012).  Furthermore, 21U-RNAs appear to direct PRG-1 to complementary 

targets even when the targets contain as many as 4 mismatches with the 21U-RNA 

sequence (Bagijn et al., 2012; Lee et al., 2012).  Given such relaxed sequence specificity, 

the 21U-RNA population would be expected to target most host genes (Bagijn et al., 

2012; Lee et al., 2012).  To explain the lack of self-reactivity in 21U-RNA pathways, it has 

been proposed that an additional mechanism protects self transcripts from 21U-mediated 

silencing by antagonizing the amplification of repressive 22G siRNA.  This mechanism 

is proposed to involve CSR-1, an Argonaute protein involved not in gene silencing but 

rather in facilitating chromosome segregation via a class of 22G siRNA that targets host 

genes expressed in the germline (Claycomb et al., 2009).  Consistent with such a model, 

21U-RNAs are less efficient in silencing a target transcript that is also targeted by 22G 

siRNAs in CSR-1 (Lee et al., 2012).  Furthermore, C. elegans transgenes that escape 

21U-mediated silencing can establish a stably active state that dominantly activates 

silenced, homologous loci in trans, consistent with the idea that diffusible factors, such as 

CSR-1-bound small RNAs, act to license host gene expression (Shirayama et al., 2012).  

Together, these findings suggest that piRNA pathway specificity in worms relies not only 

on a comparison of transcript and 21U-RNA sequences, but also on features of transcript 

expression history, as potentially indicated by CSR-1 22G RNAs.
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Concluding remarks

We have summarized evidence that RNA silencing pathways recognize several 

distinguishing features of transposons, including their tendency to produce dsRNA, exist 

in unusual chromosomal arrangements, exhibit suboptimal gene expression properties, 

and occupy specialized chromatin contexts (Table 1).  The extent to which these features 

are sufficient to distinguish transposons from host genes is unknown.  In this regard, it 

is interesting to note that distinct RNA silencing pathways may act combinatorially to 

identify non-self elements, as has been suggested for the MSUD and piRNA pathways in 

C. elegans (Ashe et al., 2012).  Recent observations further suggest that the specificity 

of RNA silencing pathways for transposons may involve not only distinguishing signals in 

the transposons themselves but also protective signals possessed by host genes.  Efforts 

to understand the nature of these signals should reveal fundamental principles by which 

organisms detect and silence genomic parasites while avoiding inappropriate targeting of 

beneficial genomic sequences. 
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Figure 1.  Transposon features recognized by RNA silencing pathways

A) Transposon-derived dsRNA provides a substrate for Dicer activity and thereby triggers 

endo-siRNA pathways.  Double-stranded RNA can be generated intermolecularly by the 

action of convergent promoters encoded either by the transposon (blue bar) or by the 

host.  Intramolecular dsRNA is generated from a single transposon when a transcript 

contains both of its inverted repeat sequences.  Inverted duplications of transposons can 

also cause intramolecular dsRNA formation.

B) Unusual chromosomal arrangements of transposons allow their identification by 

genome defense pathways.  In N. crassa, the quelling pathway (left) silences repetitive 

sequences.  The mechanism by which these sequences are detected and used to 

template siRNA production is unclear, but may involve the formation of unusual DNA 

repair intermediates, because quelling requires proteins, such as RAD-51, that mediate 

homologous DNA recombination.  Subsequent siRNA production requires QDE-1—a 

DNA- and RNA-dependent RNA polymerase—and its binding partners Replication protein 

A (RPA) and QDE-3.  The meiotic silencing of unpaired DNA pathway (right) detects loci 

that lack a partner during homologous chromosome pairing in meiosis I.  siRNA production 

from these loci requires SAD-1, an RdRP that is paralogous to QDE-1.
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Figure 2.  Stalled spliceosomes license RNA silencing in an endo-siRNA pathway

In the yeast C. neoformans, transcripts targeted by RNA silencing, which primarily 

include transposons, exhibit sequence features predictive of poor splicing and tend to 

stall in spliceosomes.  The stalled splicing of transposon mRNA precursors is required 

for siRNA biogenesis mediated by SCANR, a protein complex that contains an RdRP 

and physically associates with the spliceosome.  Lariat debranching enzyme (Dbr1) is 

also required for siRNA production, suggesting that transposon mRNA precursors in the 

lariat intermediate stage are linearized to enable dsRNA formation by SCANR.  In this 

hypothetical example, splicing of a transcript’s first intron stalls at the lariat intermediate 

stage, whereas downstream introns remain partially spliced.
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Figure 3.  piRNA production occurs at specialized genomic loci

A) In D. melanogaster, the chromatin environment at dual-strand piRNA clusters enables 

piRNA production from these loci.  This chromatin is associated with H3K9 methylation and 

the specialized heterochromatin protein 1 (HP1) homolog Rhino (Rhi).  Primary transcripts 

produced from piRNA clusters are bound by UAP56, a DEAD box protein required for 

piRNA processing specificity (Zhang et al., 2012).  The ping pong amplification cycle 

subsequently promotes the generation of piRNAs complementary to active transposons 

(see text for details).  Mobilization of transposons into piRNA clusters contributes to the 

enrichment of foreign sequences at these loci.

B) In C. elegans, 21U-RNAs are encoded in genomic clusters, but each is expressed by 

its own promoter.  21U-RNA sequences are very diverse, and not strongly enriched in 

transposon sequences, suggesting that transposon mobilization into 21U-RNA clusters 

is not a major mechanism by which 21U-RNA specificity is achieved.  21U-RNAs loaded 

in the PIWI protein PRG-1 are potentially complementary to both non-self and self 

transcripts.  In the former case, PRG-1 triggers the production of repressive 22G-RNAs 

to silence the non-self transcript.  In the latter case, PRG-1-mediated silencing appears to 

be less efficient, potentially due to a protective mechanism.  This protective mechanism is 

hypothesized to involve targeting of self transcripts by 22G-RNAs loaded in the Argonaute 

protein CSR-1.
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Table 1.  Proposed mechanisms for licensing of RNA silencing pathways
RNA silencing 

pathway
Organism Proposed licensing mechanism Ref.

Endogenous siRNA

H. sapiens

Formation of dsRNA substrates for Dicer 1
M. musculus

D. melanogaster
C. elegans

Z. mays
S. castellii

Quelling N. crassa Unusual DNA repair structure at tandem repeat 
locus 2

Meiotic silencing of 
unpaired DNA

N. crassa Unpaired DNA in meiosis I 3C. elegans

Endogenous siRNA C. neoformans Stalled splicing of target transcript 4
Post-transcriptional 

gene silencing A. thaliana Improper target transcript 5’ or 3’ end formation 5

piRNA
D. melanogaster

Privileged chromosomal loci for piRNA production
(e.g., specialized chromatin) 6

C. elegans
Absence of self-protective signals in target

(e.g., CSR-1 targeting?) 7

1.  (Drinnenberg et al., 2009; Ghildiyal et al., 2008; Sijen and Plasterk, 2003; Slotkin et al., 2005; Tam et 
al., 2008; Yang and Kazazian, 2006)
2.  (Zhang et al., 2013)
3.  (Maine et al., 2005; Shiu et al., 2001)
4.  (Dumesic et al., 2013)
5.  (Gazzani et al., 2004; Gregory et al., 2008; Gy et al., 2007; Herr et al., 2006; Luo and Chen, 2007)
6.  (Brennecke et al., 2007; Klattenhoff et al., 2009)
7.  (Lee et al., 2012; Shirayama et al., 2012)
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Supplemental information

Common types of eukaryotic transposable elements

Transposons are nucleic acid elements that can mobilize to new chromosomal locations.  

They co-opt the host gene expression machinery to produce their own protein products, 

which facilitate mobilization.  Although common in these respects, transposons are 

remarkably diverse in sequence and transposition mechanism, which hinders their 

identification by cellular genome defense pathways.

Transposons can be broadly divided into retrotransposons (Class I) and DNA 

transposons (Class II) (Kazazian, 2004; Wicker et al., 2007).  Retrotransposons mobilize 

through an RNA intermediate, which is reverse transcribed to allow its integration into the 

genome.  This ‘copy and paste’ mechanism does not alter the original transposon locus 

and therefore acts to increase transposon copy number.  Some retrotransposons encode 

long terminal repeats (LTRs), which act as promoters and polyadenylation signals.  Like 

their retrovirus relatives, these transposons undergo reverse transcription in virus-like 

particles in the cytoplasm.  Other retrotransposons, such as long interspersed nuclear 

elements (LINEs), also encode their own promoters and 3ʹ end formation signals, but 

lack LTRs.  These elements undergo reverse transcription in the nucleus using nicked 

genomic DNA as a primer.  By contrast, short interspersed nuclear elements (SINEs) 

mobilize in a manner similar to that of LINEs, but do not themselves encode the proteins 

required for mobilization.  They are therefore non-autonomous, and depend on LINE-

encoded factors.

DNA transposons do not utilize an RNA intermediate, but instead generally mobilize 

through a ‘cut and paste’ mechanism in which the original transposon locus is excised 

and reinserted in a new location.  These transposons generally encode terminal inverted 

repeat (TIR) sequences, which recruit transposase to the transposon DNA locus in order 

to initiate its excision.
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Supplemental Figure 1
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Supplemental Figure 1.  Examples of common eukaryotic transposons

Common Class I transposons include LTR retrotransposons, which generally encode a 

capsid protein (GAG), protease (PRO), reverse transcriptase (RT), RNaseH (RH), and 

integrase (INT).  By contrast, LINEs typically contain two open reading frames, one of 

unknown function and one that encodes endonuclease and reverse transcriptase activities.  

SINEs are non-autonomous elements whose sequence features are recognized by 

transposon-derived proteins acting in trans.  Most Class II elements are TIR transposons, 

which can mobilize either autonomously or non-autonomously.  Blue rectangles indicate 

protein-coding regions.
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Chapter 5

Product recognition by a Polycomb repressive complex enables the 

spatial differentiation of facultative and constitutive heterochromatin
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Summary

Polycomb group (PcG) proteins deposit broad domains of facultative heterochromatin to 

epigenetically maintain gene expression state, but the mechanisms that properly position 

these domains are unknown.  Here, we establish the yeast Cryptococcus neoformans 

as a model system for the study of PcG proteins.  We describe an Ezh2 ortholog in C. 

neoformans that acts to deposit H3K27me3 in subtelomeric regions, where it silences 

gene expression across large domains.  We characterize the PcG protein complex 

responsible for this activity, PRC2, and find that it includes a novel subunit, Ccc1, that 

binds specifically to H3K27 methyl marks.  Disruption of this binding activity causes a 

genome-wide redistribution in H3K27 methylation, including deposition of this methyl 

mark in ectopic locations.  Remarkably, the ectopic H3K27 methylation coincides with 

sites of, and functionally depends on, a different type of repressive chromatin: constitutive 

heterochromatin, which is normally spatially distinct from facultative heterochromatin.  

These results identify product recognition by PRC2 as a mechanism to insulate PRC2 

from interactions with other chromatin domain types, thereby preventing the inappropriate 

commingling of constitutive and facultative heterochromatin.  
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Introduction

The structure and regulation of eukaryotic genomes depends on their packaging into 

chromatin: the DNA and its associated proteins.  In chromatin, the primary proteins are 

histones, which assemble into octamers to form the repeating nucleosome units around 

which DNA wraps.  By virtue of their direct interaction with DNA, nucleosomes play a 

major role in controlling structural and regulatory proteins in the nucleus.  Nucleosome 

positions affect the accessibility of particular DNA sequences, whereas myriad types 

of histone post-translational modifications, acting alone and combinatorially, provide 

additional inputs to control the localization and activity of chromatin-associated proteins 

(Kouzarides, 2007; Rando and Chang, 2009; Strahl and Allis, 2000).  The sum of these 

nucleosome features at any given DNA locus establishes a chromatin environment that 

controls gene expression, both at the level of transcription as well as downstream RNA 

processing events (Berger, 2007; Liang and Hetzer, 2011; Schwartz and Ast, 2010).  These 

chromatin environments can be repressive or activating, and their dynamic deposition at 

particular genomic regions underlies cellular differentiation, metazoan development, and 

the pathogenesis of human diseases, including cancer (Mikkelsen et al., 2007; Plass et 

al., 2013).

 Distinct types of chromatin environment were originally recognized cytologically, 

with decondensed chromatin termed euchromatin and condensed chromatin termed 

heterochromatin; these regions were later found to be generally transcriptionally active and 

repressed, respectively (Trojer and Reinberg, 2007).  A greater molecular understanding of 

chromatin has revealed multiple subtypes of heterochromatin and euchromatin that differ 

in their genomic locations, means of deposition, and mechanisms of gene expression 

control (Filion et al., 2010; Trojer and Reinberg, 2007).  However, the rules that guide the 

specific positioning of these distinct chromatin domains, and the crosstalk between them, 

remain unclear.  
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 Two subtypes of repressive chromatin are constitutive and facultative 

heterochromatin.  Constitutive heterochromatin is marked by the presence of H3K9 

methylation (H3K9me) and HP1, a chromodomain-containing protein that binds this 

histone mark.  This type of chromatin often represses noncoding and repetitive regions of 

the genome, and tends to be located in pericentromeric and subtelomeric regions, where 

it plays roles in transposon suppression and centromere function (Grewal and Jia, 2007).  

As its name suggests, constitutive heterochromatin tends to be stable across cell division 

and cell type, reflecting the need for consistent silencing of these regions and the paucity 

of host genes within them.

 In contrast, regions of facultative heterochromatin, though transcriptionally 

repressed, retain the potential to convert to a euchromatic state (Trojer and Reinberg, 2007).  

This capacity makes facultative heterochromatin well-suited for dynamic regulation of gene 

expression, as evidenced by the role of this chromatin type in metazoan development, 

mammalian X chromosome inactivation, transposon and transgene silencing, and stem 

cell homeostasis (Sparmann and van Lohuizen, 2006).  In all of these settings, facultative 

heterochromatin is associated with H3K27 methylation (H3K27me) and Polycomb group 

(PcG) proteins, which deposit this mark and mediate the silencing that it effects.  First 

described in Drosophila, where they are required for proper body segmentation (Lanzuolo 

and Orlando, 2012), PcG proteins are conserved from metazoans to single-celled 

eukaryotes, but are not present in common yeast model systems such as S. cerevisiae 

and S. pombe (Connolly et al., 2013; Jamieson et al., 2013; Shaver et al., 2010).  Most 

deeply conserved are the components of Polycomb repressive complex 2 (PRC2), a 

multiprotein complex that contains Ezh2, an H3K27 methyltransferase (Margueron 

and Reinberg, 2011).  This complex deposits broad domains of heterochromatin that 

can be propagated across multiple cell divisions, which enables PRC2 to maintain an 

epigenetic memory of gene expression state, even after the initial signals that guided a 

gene expression decision have ended.
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 The functions of facultative heterochromatin depend on its deposition at the proper 

genomic sites.  In Drosophila, well-defined DNA sequence elements called Polycomb 

response elements (PREs) bind specific DNA-binding proteins that themselves recruit 

PRC2 (Simon and Kingston, 2013).  In mammals, however, discrete DNA elements are 

not sufficient to explain H3K27me localization.  Rather, PRC2 localization and activity are 

controlled by a diverse set of inputs including DNA-binding proteins, DNA GC content, 

non-coding RNAs, nucleosome spacing, and numerous histone post-translational 

modifications (Klose et al., 2013; Simon and Kingston, 2013).  A goal in the study of 

Polycomb heterochromatin is to understand how these inputs specify the complex 

distribution of H3K27 methylation genome-wide, both relative to the DNA sequence 

itself and relative to other chromatin domains.  For instance, constitutive and facultative 

heterochromatin are generally spatially distinct, but, in at least some cell types, H3K27me 

and H3K9me overlap at a subset of their targets, suggesting functional interaction between 

the two (Bilodeau et al., 2009; Mozzetta et al., 2014; Wang et al., 2008).

 Here, we establish the human pathogenic yeast Cryptococcus neoformans as 

a model system for studying the mechanisms that specify Polycomb heterochromatin 

deposition.  We describe an Ezh2 ortholog in C. neoformans that acts to deposit H3K27me 

in subtelomeric regions, thereby silencing gene expression across large domains of 

facultative heterochromatin.  This activity depends on a PRC2-like complex that contains 

orthologs of metazoan PRC2 components as well as a novel protein that binds specifically 

to H3K27me marks.  Strikingly, loss of this binding activity causes a redistribution of 

H3K27me to ectopic sites, such as centromeres, that correspond to regions of constitutive 

heterochromatin.  In fact, this redistribution requires H3K9me, demonstrating that 

product recognition by PRC2 insulates it from signals that emanate from other chromatin 

domains in order to prevent the inappropriate commingling of facultative and constitutive 

heterochromatin.
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Results

Polycomb heterochromatin suppresses the expression of subtelomeric regions in C. 

neoformans

The presence of PRC2 component orthologs in the human fungal pathogen C. 

neoformans led us to investigate the potential for Polycomb (H3K27me) heterochromatin 

in this organism (Shaver et al., 2010).    However, the amino acid sequence of histone 

H3 in Cryptococcus contains an insertion at residue 28 that is not present in other 

model eukaryotes, thereby precluding the use of commercial antibodies (Figure 1A).  

We therefore raised a rabbit polyclonal antiserum against Cryptococcus H3K27me3 

and confirmed by dot blot that it does not cross-react with H3K27me2, H3K9me2/3, or 

unmodified H3K27 (data not shown).  Use of this antibody for ChIP-seq revealed the 

presence of H3K27me3 in broad domains that appeared in every subtelomeric region 

of the 14 C. neoformans chromosomes (Figure 1B).  The level of H3K27me3 signal was 

greatest at the chromosome termini and diminished in a proximal direction.  An analysis 

of all 28 subtelomeric H3K27me3 domains revealed their average size to be 41 kb (Figure 

1C and Supplemental Table 1).  Importantly, these domains were not detected in cells 

lacking the putative H3K27 methyltransferase Ezh2, confirming that they depend on PcG 

proteins (Figures 1B-C).

    Given the conserved role of PcG proteins in repressing transcription, we next 

sought to examine the effect of H3K27me3 domains on gene expression in C. neoformans.  

When grown in rich media, cells lacking Ezh2 exhibited widespread gene derepression, 

as determined by RNA-seq: 78 transcripts were increased in expression greater than 

3-fold, whereas no transcript except that of ezh2 itself was decreased greater than 2-fold.  

Most of the derepressed loci (69%) were within the 41 kb subtelomeric regions identified 

by H3K27me3 ChIP-seq, despite the fact that these regions make up only 5% of the 

genome (Figure 1D).  Only 1% of all derepressed loci resided in non-subtelomeric regions 

while also exhibiting Ezh2-dependent H3K27me3 signal, suggesting that H3K27me3 
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islands away from telomeres represent only a small fraction of all Ezh2-controlled loci.  

Increased transcript level was detected not only at coding regions, but also in intergenic 

regions, suggesting that domains of Polycomb heterochromatin repress both coding and 

noncoding transcripts.

 Our findings indicate that H3K27me3 depends in C. neoformans on the presence 

of the ezh2 gene product, as expected based on the role of Ezh2 as an H3K27 

methyltransferase in metazoans.  However, the evolutionarily distinct protein sequences 

in C. neoformans—both of histone H3 near K27 and of Ezh2 in its SET domain—raised 

the possibility that Ezh2 plays a largely noncatalytic role in this system.  We therefore 

sought to confirm the importance of histone H3 residue 27 and the Ezh2 SET domain 

in Ezh2-mediated gene silencing.  First, we generated mutations in histone H3, which 

is a single-copy gene in C. neoformans, that alter lysine 27 to alanine.  Cells harboring 

the h3-K27A mutation exhibited subtelomeric transcript derepression, as assessed by 

RT-qPCR analysis of five transcripts previously found to be derepressed in ezh2Δ cells 

by RNA-seq (Figure 1E).  Furthermore, the phenotype of an h3-K27A ezh2Δ double 

mutant was indistinguishable from that of each single mutant, suggesting that Ezh2, 

in its gene silencing role, acts primarily via H3K27.   Next, we generated strains that 

encoded mutations in the Ezh2 SET domain that are expected to eliminate its catalytic 

activity (Tan et al., 2014).  These mutations, which had little effect on Ezh2 protein levels, 

caused subtelomeric transcript derepression similar to that seen in ezh2Δ cells (Figures 

1F-G).  Together, these results support a model in which Ezh2 deposits broad domains of 

subtelomeric H3K27me3 in order to suppress gene expression in these regions.

Subtelomeric gene expression is environmentally responsive and may affect C. 

neoformans virulence

The genes derepressed upon ezh2 mutation were notable not only for their genomic 

locations but also for the identities of the protein products they encode.  Subtelomeric 
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genes in many yeast, including C. neoformans, are enriched for rapidly evolving genes 

and genes involved in nutrient transport (Brown et al., 2010; Chow et al., 2012).  Genes in 

this region are therefore thought to play species-specific roles in processes such as niche 

adaptation and perhaps host-pathogen interaction (Las Peñas et al., 2003; McDonagh 

et al., 2008).  For these reasons, we sought to examine whether subtelomeric gene 

expression plays a role in nutrient sensing or mammalian colonization by C. neoformans.     

 First, we assessed whether subtelomeric gene expression was responsive to 

nutrient starvation.  C. neoformans cells were starved for nitrogen, phosphate, or sulfate 

and then examined by RT-qPCR to determine their expression of several subtelomeric 

transcripts that are targets of Ezh2.  Sulfur starvation, but not starvation for nitrogen 

or phosphate, induced subtelomeric transcript level, indicating a specific subtelomeric 

environmental response (Supplemental Figure 1A).  The subtelomeric gene induction 

upon sulfur starvation was associated with a reduction in H3K27me3, suggesting that 

changes in chromatin state are at least in part responsible for this induction (Supplemental 

Figure 1A-B).  Although preliminary, these results suggest that Polycomb heterochromatin 

in C. neoformans forms dynamic, facultative heterochromatin domains that can respond 

to extracellular cues.

To ask whether these H3K27me3 chromatin domains are involved in mammalian 

pathogenesis, we intranasally infected C57BL/6 mice with 1:1 mixtures of wild-type and 

ezh2Δ cells, then monitored their relative proportion during colonization of the lung, 

spleen, and brain.  Although these experiments are still ongoing, the data to date suggest 

that lung colonization is unaffected by Ezh2 (50% mutant cells in lung), whereas spleen 

colonization is reduced in the absence of Ezh2 (21% mutant cells in spleen).  An analysis 

of additional mice will be required to determine the effect of Ezh2 on brain colonization, as 

cell proportions in this compartment are subject to founder effects (Nielsen et al., 2005).

Characterization of a PRC2-like complex that is required for subtelomeric gene silencing
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The activity of Ezh2 is controlled extensively by inputs from the other members of PRC2 

(O’Meara and Simon, 2012).  To determine whether a similar regulatory logic might exist 

in C. neoformans, we sought to determine the protein-interaction partners of Ezh2 in this 

system.  First, we generated cells expressing an epitope-tagged version of Ezh2 from 

the control of its endogenous promoter, then isolated it by tandem affinity purification 

and identified its co-purified interaction partners by mass spectrometry.  This purification 

yielded six total proteins, including three orthologs of metazoan PcG proteins (Figure 2A 

and see below).  We subsequently tagged and purified four additional proteins from this 

list: Eed1, Msl1, Bnd1, and Ccc1 (see below).  Purifications of these proteins consistently 

yielded five of the original six Ezh2-associated proteins, suggesting the existence of 

a core PRC2-like protein complex (Figure 2B).  The other proteins in the interaction 

network, which associated with only a subset of the core PRC2 components, may 

represent secondary factors that are more loosely associated with PRC2.  Alternatively, 

these proteins may interact with individual PRC2 components only in PRC2-independent 

contexts (Figure 2B).  

 The members of the putative PRC2-like complex include orthologs of metazoan 

PRC2 components, as well as novel factors.  Ezh2 is the H3K27 methyltransferase and 

Eed1 is an ortholog of mammalian EED1, a WD40 repeat protein that binds directly to 

EZH2 and stimulates EZH2 activity (Figure 2C).  Msl1 is a fungal ortholog of NURF55, a 

WD repeat protein that associates with PRC2 but is not required for EZH2 activity and has 

additional roles in other chromatin-modifying complexes.  The remaining components of 

C. neoformans PRC2 are two novel factors with no clear orthologs in higher eukaryotes: 

Bnd1, a big protein with no domains; and Ccc1, a protein that contains a chromodomain 

and a coiled coil region.  Like some other single-celled eukaryotes, C. neoformans does 

not appear to encode an ortholog of the metazoan PRC2 component SU(Z)12 in its 

genome, nor did we identify any potential SU(Z)12 orthologs in our protein purifications 

(Shaver et al., 2010).  
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 We next used a yeast two-hybrid assay in order to assess pairwise interactions 

between PRC2 components when expressed in S. cerevisiae.  Every component was 

involved in interactions with at least one other complex member.  These interactions 

included one between Eed1 and Ezh2, which is consistent with the fact that these 

proteins bind one another directly in metazoan PRC2 (Figure 2D) (O’Meara and Simon, 

2012).  Furthermore, the two novel PRC2 components—Bnd1 and Ccc1—exhibited 

self-interaction, raising the possibility of physical interactions that bridge multiple PRC2 

complexes.

To assess the functional roles of these factors, we generated strains lacking each 

individual protein and tested their ability to silence subtelomeric Ezh2 target loci.  Every 

PRC2 component knockout exhibited derepression of subtelomeric transcripts, although 

their phenotypes quantitatively differed.  Cells lacking Ezh2, Eed1, or Bnd1 exhibited 

equivalent, maximal phenotypes, whereas loss of Ccc1 caused a less severe phenotype 

in which some Ezh2 targets were fully derepressed and others were only partially 

derepressed.  Msl1 mutants exhibited the most minor phenotype: they were only partially 

required for silencing at all tested loci, consistent with the relatively minor contribution of 

this protein’s ortholog, NURF55, to PRC2-mediated silencing in mammals (Figure 2  E).  

The physical interactions among and phenotypes of all PRC2 components suggests that 

they functionally cooperate, with the individual subunits contributing unique and separable 

activities to enable gene silencing. 

As expected based on its orthologs’ functions in multiple chromatin-modifying 

complexes, Msl1 interacted not only with Ezh2 but also with members of the chromatin 

assembly factor (CAF) complex and multiple histone deacetylase complexes (Suganuma 

et al., 2008) (Figure 2B).  Ccc1 shared many of these interactions, suggesting that it may 

also function in several independent complexes.  Consistent with the idea that these two 

factors have PRC2-independent roles, both msl1Δ and ccc1Δ strains exhibit a growth 

defect, whereas strains lacking any of the other PRC2 components—ezh2Δ, eed1Δ, and 
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bnd1Δ—do not (Figure 2F).  Importantly, these PRC2-independent roles do not appear to 

involve gene silencing at Ezh2 target loci, because knockout strains lacking Cac2 (of the 

CAF complex) or Rpd3 (of the Rpd3S and Rpd3L complexes) do not significantly affect 

subtelomeric transcript levels, as measured by RT-qPCR (data not shown).  Other Ccc1-

associated factors, including Eza1 and Nop1, also did not exhibit a phenotype (data not 

shown).  Together, these data point to PRC2 as a five-protein functional core complex that 

mediates H3K27me3-dependent gene silencing in C. neoformans.

PRC2 components are required for deposition of H3K27me3 heterochromatin domains in 

the proper locations

Having confirmed that each of the PRC2 components plays a functional role in subtelomeric 

gene repression, we next sought to determine their respective roles in H3K27me3 domain 

formation.  To this end, we used H3K27me3 ChIP-seq to examine a knockout from each 

phenotypic group: ezh2Δ cells represented the maximal transcript derepression phenotype, 

whereas ccc1Δ and msl1Δ cells represented two classes of partial phenotype, with the 

msl1Δ phenotype being the more minor of the two.  Consistent with its minor transcript 

phenotype, the msl1Δ strain exhibited only a minor reduction in its subtelomeric H3K27me3 

domains: their ChIP enrichment was slightly reduced (Figure 3A-B), as was their average 

size (41 vs 35 kb).  In constrast, ezh2Δ cells lost all detectable H3K27me3 signal.  Cells 

lacking Ccc1 showed an intermediate phenotype in which telomeric H3K27me3 signal 

was substantially reduced, but not eliminated, with small subtelomeric domains (14 kb) 

still detectable.  While these data do not rule out downstream roles for Msl1 and Ccc1, 

they suggest that these PRC2 components contribute to subtelomeric gene silencing by 

enabling the formation of appropriately-positioned H3K27me3 domains.

 Further examination of the ChIP-seq data revealed a remarkable feature of ccc1Δ 

cells: whereas these cells had reduced H3K27me3 signal at normal sites of facultative 

heterochromatin—the subtelomeres—they had increased H3K27me3 signal at an ectopic 
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site—the centromeres (Figure 3A).  Centromeres have not been extensively studied in C. 

neoformans, but consist largely of transposon-derived repeats and correspond to a single 

broad region on each chromosome that lacks open reading frames (Supplemental Table 

2).  H3K27me3 signal was increased at all 14 centromeres, and for some centromeres 

became comparable in magnitude to the subtelomeric signal on the same chromosome.  To 

systematically examine centromeric H3K27me3, we generated meta-centromere plots: all 

centromeres were aligned at their midpoints, after which their average H3K27me3 signal 

was calculated as a function of chromosomal position and normalized to a WCE sample 

(Figure 3C).  This analysis revealed a signficant increase in centromeric H3K27me3 

signal in ccc1Δ cells, but not in msl1Δ cells.  The increase was not the result of antibody 

cross-reactivity that was unveiled in the context of reduced genome-wide H3K27me3 

levels, because it was not observed in ezh2Δ cells, which lack H3K27me3.  

 We next sought to more directly compare the extent of H3K27 methylation at 

eutopic sites (subtelomeres) versus ectopic sites (centromeres).  To do so, we tabulated 

the number of H3K27me3 ChIP-seq reads (above background levels) that corresponded 

to either all subtelomeric regions or to all centromeres (Figure 3D).  Consideration of 

these two genomic regions captures the vast majority of genome-wide H3K27me3 ChIP-

seq signal.  As expected, wild-type cells exhibited subtelomeric signal but negligible 

centromeric signal, whereas msl1Δ cells displayed diminished subtelomeric signal.  In 

contrast, ccc1Δ cells showed an even greater reduction in subtelomeric signal accompanied 

by a dramatic increase in centromeric signal, such that centromeres accounted for 42% 

of all H3K27me3 heterochromatin.  Together, these findings indicate that multiple PRC2 

components are required for the proper spatial distribution of H3K27me3 heterochromatin, 

with Ccc1 specifically being required to prevent the ectopic redistribution of this chromatin 

type.

The Ccc1 chromodomain binds H3K27me2/3 and prevents the ectopic deposition of 
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facultative heterochromatin 

In order to determine the mechanism by which Ccc1 enforces the correct genomic 

localization of H3K27 methylation, we examined its chromodomain, a protein motif that 

often binds directly to histone methyl-lysine residues (Eissenberg, 2012).  First, we 

recombinantly expressed a truncated fragment of Ccc1 that contained its chromodomain 

(Figure 4A).  We then tested its capacity to bind histone modifications by incubating 

it with a peptide array representing 384 different histone modification combinations.  

The Ccc1 chromodomain bound specificially to eight peptides on the array, each of 

which corresponded to histone H3 peptides that carried the H3K27me2 or H3K27me3 

modification (Figure 4B).  These results indicated that the Ccc1 chromodomain binds 

H3K27me2/3 with high specificity, but were somewhat surprising because the bound 

peptide corresponded to the human H3 sequence, which differs from that of C. neoformans.  

We therefore confirmed Ccc1 chromodomain binding to C. neoformans H3K27me2/3 

using fluorescence polarization.  Binding of the Ccc1 chromodomain to a fluorescently 

labeled, human H3K27me3 peptide was competed with increasing amounts of unlabeled, 

Cryptococcus H3K27 peptides (Figure 4C).  The chromodomain did not detectably interact 

with unmodified H3K27 peptide, but bound H3K27me2 and me3 peptides with affinities of 

119 and 28 μM, respectively.  

 To test the importance of the Ccc1 chromodomain in vivo, we generated ccc1 

mutations predicted to disrupt its aromatic cage, a trio of residues that are required 

for chromodomain binding to methylysine (Eissenberg, 2012).  Based on sequence 

alignment to structurally characterized chromodomains in other systems, two aromatic 

cage residues in Ccc1 could be identified, which we individually mutated.  Each of these 

mutations had no effect on Ccc1 expression level, but caused subtelomeric transcript 

derepression to the same extent as the ccc1Δ strain, indicating that Ccc1 contributes to 

PRC2-mediated gene silencing primarily via its chromodomain (Figure 4D-E).   Importantly, 

these mutations appeared to separate the Polycomb functions of Ccc1 from its PRC2-
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independent functions: whereas the ccc1Δ strain exhibited a growth defect, neither the 

ccc1-W52A nor the ezh2Δ strain did.

 We next examined the effect of ccc1 chromodomain mutations on genome-wide 

H3K27 methylation.  ChIP-seq for H3K27me3 revealed that ccc1-W52A strains, like 

ccc1Δ strains, exhibit reduced subtelomeric domain magnitude and size (13 and 14 

kb, respectively, as compared to 41 kb in wild-type) (Figure 4F).  Furthermore, both the 

chromodomain mutant and knockout cells exhibited ectopic H3K27me3 at centromeres 

(Figure 4G).  In these two strains, ectopic centromeric signal accounts for 40% and 42% 

of all H3K27me3 heterochromatin, respectively (Figure 4H).  In sum, these findings 

demonstrate that the Ccc1 chromodomain recognizes a specific histone modification—

H3K27me2/3—and that this activitiy is required for the geome-wide demarcation of 

facultative heterochromatin.

H3K9me2 constitutive heterochromatin localizes primarily to centromeres in C. neoformans

Having identified centromeres as the predominant site of ectopic H3K27me3 deposition in 

the context of ccc1 mutations, we wondered what factors might be present in centromeres 

that could explain this tendency.  We hypothesized that constitutive heterochromatin 

decorates centromeres in C. neoformans, as it does in other systems (Grewal and Jia, 

2007).  To test this, we performed ChIP-seq using an antibody against a histone mark 

associated with constitutive heterochromatin, H3K9me2.  As expected, wild-type cells 

exhibited constitutive heterochromatin primarily at centromeres (Figure 5A).  They also 

exhibited H3K9me2 signal at subtelomeres, although these domains were significantly 

smaller than the subtelomeric H3K27me3 domains (13 kb vs 41 kb) (Figure 5B and 

Supplemental Table 1).  Together, centromeres and subtelomeres contained the vast 

majority of all genome-wide constitutive heterochromatin, with a bias towards centromeres, 

which contained 72% of the signal (Figure 5D). 

We next tested whether either type of heterochromatin required the presence of 
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the other.  Cells lacking Ezh2 had no H3K27 methylation, but exhibited normal H3K9 

methylation, indicating that constitutive heterochromatin does not depend on facultative 

heterochromatin (Figures 5A-D).  Similarly, cells lacking Clr4 had no detectable H3K9 

methylation, but exhibited normal H3K27 methylation.  Thus, the formation of facultative 

heterochromatin domains does not require constitutive heterochromatin, at least in the 

context of otherwise wild-type cells.  

Our results suggest that the C. neoformans genome in wild-type cells is decorated 

by both facultative and constitutive heterochromatin, which are largely spatially distinct.  

Facultative heterochromatin forms large subtelomeric domains, with negligible signal in 

centromeres.  In contrast, constitutive heterochromatin is predominantly at centromeres, 

although it also forms small domains at chromosome termini.  Furthermore, neither 

chromatin mark is dependent on the other. 

The ectopic H3K27me3 deposition upon disruption of the Ccc1 chromodomain is guided 

by signals from constitutive heterochromatin

Our characterization of constitutive heterochromatin in C. neoformans revealed its position 

to be highly correlated with the ectopic redistribution of H3K27me3 upon mutation of 

Ccc1.  That is, mutation of the Ccc1 chromodomain caused the genome-wide distribution 

of H3K27me3 to resemble the H3K9me2 distribution.  We therefore hypothesized 

that the Ccc1 mutation causes PRC2 to become receptive to signals from constitutive 

heterochromatin.  These signals would subsequently guide PRC2 activity to genomic 

regions occupied by H3K9me2 heterochromatin, including centromeres, resulting in the 

observed commingling of constitutive and facultative heterochromatin.

 One prediction of this hypothesis is that the loss of Clr4—and therefore loss of 

constitutive heterochromatin—would suppress the redistribution of H3K27me3 that 

occurs upon Ccc1 mutation.  We therefore used ChIP-seq to measure the genome-wide 

H3K27me3 distribution in ccc1-W52A mutants, clr4Δ mutants, and double mutant cells.  
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As expected, ccc1-W52A mutants exhibited reduced subtelomeric H3K27me3 signal and 

an emergence of ectopic signal in centromeres, as compared to wild-type cells (Figure 

6A-D).   Remarkably, the loss of Clr4 in the context of ccc1-W52A caused a loss of 

all centromeric signal, thereby normalizing the balance of subtelomeric-to-centromeric 

H3K27me3.  Thus, the ectopic redistribution of H3K27me3 in the context of ccc1-W52A 

depends entirely on H3K9me2.  Similarly, the subtelomeric H3K27me3 signal, which is 

not Clr4-dependent in a wild-type background, becomes Clr4-dependent in the context 

of ccc1-W52A (Figure 6B and D).  ChIP-qPCR validation subsequently confirmed that 

centromeric and telomeric H3K27me3 is, in the context of ccc1-W52A, dependent on 

H3K9me2 (Figure 6E).  These results suggest that, when the Ccc1 chromodomain is 

disrupted, H3K9me2 guides the genome-wide deposition of H3K27me3.  In further 

support of this, the average size of subtelomeric H3K27me3 domains is distinct from 

that of H3K9me2 domains in wild-type cells (41 kb vs 13 kb) but becomes similar in the 

context of ccc1-W52A (13 kb vs 9 kb), consistent with a collapse of H3K27me3 onto 

H3K9me2 when Ccc1 is mutated (Supplemental Table 1).  

 Finally, we considered what features of PRC2 might enable it to respond to signals 

that emanate from constitutive heterochromatin.  In higher eukaryotes, the EED1 WD40 

repeats fold to form a pocket that can bind a variety of histone methyl-lysine residues, 

including methylated H3K9, and allosterically activate EZH2 (Margueron et al., 2009; 

Xu et al., 2010). To test whether a similar manner of regulation might influence the C. 

neoformans Eed1, we mutated a tyrosine residue in its putative binding pocket.  This 

mutation partially suppressed the ectopic, centromeric H3K27me3 induced by Ccc1-

W52A (Figure 6E).  Thus, direct sensing of the H3K9me2 mark by PRC2 may contribute, 

at least in part, to the aberrant PRC2 targeting in this context.
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Discussion

Precise spatiotemporal control of chromatin state enables eukaryotes to finely tune gene 

expression during development and homeostasis.  To this end, eukaryotic genomes are 

decorated with multiple types of repressive and activating chromatin states, which differ in 

size, genomic location, and associated factors (Beisel and Paro, 2011; Filion et al., 2010; 

Trojer and Reinberg, 2007).  One challenge in understanding eukaryotic gene expression 

control is to understand how these distinct chromatin domains are dynamically deposited 

in precise locations, both with respect to the underlying DNA sequence and with respect 

to each other.  Our studies reveal a mechanism that inhibits crosstalk between two types 

of repressive chromatin—facultative and constitutive heterochromatin—and thereby 

enables their spatial differentiation.

C. neoformans as a model for the study of repressive chromatin domains

Despite their broad conservation amongst eukaryotes, the canonical types of repressive 

heterochromatin have been lost in model fungi.  S. cerevisiae does not encode orthologs 

of Clr4 or Ezh2, the H3K9 and H3K27 methyltransferases.  As such, this yeast does not 

deposit constitutive or facultative heterochromatin, respectively.  S. pombe encodes Clr4 

and exhibits constitutive heterochromatin, but it does not encode an Ezh2 ortholog.  In 

contrast to both, the human fungal pathogen C. neoformans encodes orthologs not only 

of Clr4 but also of Ezh2 (Shaver et al., 2010), raising the possibility that this genetically 

tractable organism could be used for the study of both types of repressive chromatin, as 

well as the interactions between them.  However, the genomic locations and functions of 

these chromatin domains have not yet been characterized in Cryptococcus.

 To this end, we have described the landscape of facultative and constitutive 

heterochromatin in this system.  Facultative heterochromatin is associated with H3K27me3 

and is deposited by Ezh2 across broad, subtelomeric domains of approximately 41 kb.  
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These domains repress expression both of coding and non-coding transcripts.  Like 

facultative heterochromatin in other systems, H3K27me3 in C. neoformans appears to be 

responsive to environment conditions.  Specifically, we find that sulfur starvation induces 

the expression of genes within facultative heterochromatin domains, and that this induction 

is associated with a reduction in H3K27me3.  Although the biological significance of this 

response remains unclear, our preliminary mouse infection experiments suggest that C. 

neoformans cells lacking Ezh2 are defective in colonization of the spleen.  It is possible, 

therefore, that Cryptococcus is exposed to unusual nutrient conditions or stresses—

either in its natural habitat or in the course of mammalian infection—and that facultative 

heterochromatin is required to control gene products involved in adaptation to these 

unusual conditions.  Such a function would be consistent with the fact that facultative 

heterochromatin is subtelomeric in Cryptococcus, which is a genomic location associated 

with gene products that are rapidly evolving and frequently involved in metabolism and 

niche adaptation (Brown et al., 2010; Chow et al., 2012).  It would also complement 

previous observations in the pathogenic fungi Candida glabrata and Aspergillus fumigatus 

that demonstrate extensive subtelomeric gene expression changes during host infection 

(Las Peñas et al., 2003; McDonagh et al., 2008).

 We found H3K9me2 constitutive heterochromatin to be spatially distinct from 

facultative heterochromatin in Cryptococcus.  The former was deposited primarily at 

centromeres, consistent with its broadly conserved roles in centromere function and 

chromosome segregation (Grewal and Jia, 2007).  However, we also observed small 

domains of constitutive heterochromatin in subtelomeric regions.  These tended to be 

located at chromosome termini and were approximately 25% the size of the facultative 

heterochromatin domains with which they overlapped.  Both the H3K27me3 and 

H3K9me2 domains at subtelomeres exhibited a distinctive shape: their ChIP enrichments 

were greatest at the chromosome termini, and tapered off when moving proximally along 

the chromosome.  This finding suggests a speculative model in which the H3K27 and 
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H3K9 methyltransferases are recruited directly to the chromosome termini, from which 

they spread proximally with imperfect efficiency, thereby resulting in a tapered chromatin 

domain.  The elements that recruit each methyltransferase are unclear, but are likely 

independent, because we observe that neither chromatin mark depends on the other for 

its proper placement at subtelomeres. 

 The overall distribution pattern of H3K27me3 and H3K9me2 in C. neoformans 

echoes observations from higher eukaryotes, and further supports the use of this yeast as 

a model system for chromatin biology.  Specifically, it has been observed in several systems 

that domains of facultative and constitutive heterochromatin are generally spatially distinct 

(de Wit et al., 2007; Filion et al., 2010; Rosenfeld et al., 2009), but nevertheless show 

regions of overlap in certain cell types or contexts (Bilodeau et al., 2009; Mozzetta et al., 

2014; Wang et al., 2008).  These findings raise the possibility that, although the precise 

biological functions and genomic positions of facultative heterochromatin vary broadly 

across eukaryotes, there may nevertheless exist general rules that govern its spatial 

position with respect to other chromatin domains, such as constitutive heterochromatin.  

Such general rules would promote accurate gene expression control by preventing 

multiple chromatin types from simultaneously assembling at a single locus.

A PRC2-like complex recognizes its own product in order to ensure its spatial separation 

from constitutive heterochromatin 

In higher eukaryotes, EZH2 activity is extensively regulated by its protein interaction 

partners within PRC2 (O’Meara and Simon, 2012).  Our biochemical purifications of PcG 

protein orthologs in Cryptococcus suggest the existence of a PRC2-like core complex of 

at least 5 components, all of which functionally contribute to the formation of H3K27me3 

domains of the proper size and location.  Three of these components—Ezh2, Eed1, 

and Msl1—are orthologs of mammalian PRC2 components, whereas two others—Bnd1 

and Ccc1—are fungal-specific proteins.  Of the latter two, Ccc1 was interesting in that it 
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contained a chromodomain, a protein motif commonly involved in histone methyl-lysine 

binding.  By expressing this domain recombinantly, we showed that it binds to the PRC2 

reaction product—H3K27me2/3—but not to other histone tail modifications.   Remarkably, 

disruption of the Ccc1 chromodomain in vivo led to a redistribution of H3K27me3 that 

included shrinking of subtelomeric H3K27me3 domains as well as ectopic deposition 

of H3K27me3 at centromeres.  This novel H3K27me3 distribution was notable for its 

coincidence with the genomic sites of constitutive heterochromatin, which raised the 

possibility that Ccc1 chromodomain disruption had unveiled a latent capacity for PRC2 to 

be guided by H3K9 methyl marks.  This hypothesis was confirmed by our finding that the 

ectopic deposition of H3K27me3 at centromeres in the context of Ccc1 chromodomain 

disruption could be completely suppressed by knocking out the H3K9 methyltransferase 

Clr4.  These findings demonstrate a new role for product recognition by chromatin-

modifying complexes: to insulate the complex from orthogonal signals in order to ensure 

proper spatial deposition of a given chromatin type.

 Do all chromatin-modifying complexes require product recognition in order to 

avoid responding to improper signals?  It is possible that PRC2 has a particularly high 

need for product recognition because it is exquisitely sensitive to so many inputs, which 

include myriad histone modifications, nucleosome compactness, and post-translational 

modification of EZH2 itself (O’Meara and Simon, 2012).  Indeed, since the discovery 

that EED1 binding to histone methyl-lysines can activate EZH2, it has been unclear why 

H3K27me3 isn’t broadly deposited at sites of H3K9me2/3, since the H3K9me2/3 marks 

activate EZH2 as strongly as do H3K27me2/3 marks (Margueron et al., 2009).  In other 

words, the capacity of PRC2 to respond to so many inputs may represent a latent source 

of targeting promiscuity that must be masked by product recognition in order to prevent 

the inappropriate mixing of distinct chromatin types.

 This interpretation raises the possibility that H3K27me-specific chromodomains 

in other systems act to provide product recognition for PRC2.  In higher eukaryotes, 
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Polycomb repressor complex 1 (PRC1) contains an H3K27me-specific chromodomain 

that is thought to guide the complex to sites where PRC2 has been active, thereby 

positioning PRC1 to repress transcription (Sparmann and van Lohuizen, 2006).  However, 

the recent finding that components of PRC1 and PRC2 can directly interact raises the 

possibility that PRC1 might also provide product recognition activity for PRC2, analogous 

to the role of Ccc1 (Cao et al., 2014).  Furthermore, in plant systems, which lack PRC1, a 

chromodomain protein called LHP1 binds to both MSI1 as well as H3K27me2/3, thereby 

linking PRC2 to its product (Derkacheva et al., 2013).  It will be illuminating to assess 

the potential importance of PRC2 product recognition in these systems by introducing 

disruptive point mutations into their respective chromodomains and testing for ectopic 

H3K27me3 redistribution.
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Experimental Procedures

Gene nomenclature

C. neoformans genes were defined by Broad Institute (Cambridge, MA) annotations 

of the var. grubii H99 genome   (http://www.broadinstitute.org/annotation/genome/

cryptococcus_neoformans/MultiHome.html).  Gene are named as “CNAG_#.”

Yeast media and techniques

Strains were grown in YPAD (1% yeast extract, 2% Bacto-peptone, 2% glucose, 0.015% 

L-tryptophan, 0.004% adenine) or YNB (1.5 g/L yeast nitrogen base, 5 g/L ammonium 

sulfate, 2% glucose) media at 30˚C.  Because C. neoformans responds to light, strains 

were grown in darkness (Idnurm and Heitman, 2005).

Yeast strains

Yeast strains used in this study are listed in Supplemental Table 3.  All C. neoformans 

strains were derived from strain H99 using published procedures (Chun and Madhani, 

2010).  

Mouse infection

C. neoformans strains were grown in liquid YNB cultures overnight, at which point 

they were washed twice in PBS.  Strain mixtures were prepared by determining cell 

concentration using a hemocytometer and then mixing strains in a 1:1 ratio to a final 

concentration of 2x107 cells per ml PBS, which was confirmed by plating serial dilutions.  

C57BL/6 female mice aged 5-6 weeks were anesthetized by intraperitoneal injection of 

ketamine (75 mg/kg) and medetomidine (0.5 mg/kg), then suspended from a silk thread 

by their front incisors, as described previously (Chun and Madhani, 2010).  Intranasal 

infections of 50 μl were delivered by pipette.  After an additional 10 min of suspension, the 
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mice were lowered and anesthesia reversed by intraperitoneal injection of atipamezole 

(1.5 mg/kg).  Three mice were infected per genotype, and were monitored until severe 

morbidity, as indicated by a loss of 15% of initial body weight, or until a defined terminal 

timepoint.  At these times, mice were sacrificed by CO2 inhalation and cervical dislocation.  

Next, organs (lungs, spleen, and brain) were harvested and homogenized in PBS using 

a PRO200 homogenizer (Grainger).  The ratios of C. neoformans strains in the input and 

organ samples were determined by plating in serial dilutions on Sabouraud agar plates 

containing 40 mg/ml gentamicin and 50 mg/ml carbenicillin, then testing the nourseothricin 

resistance status of 100-200 colonies.  All protocols were reviewed and approved by the 

UCSF Institutional Animal Care and Use Committee.

Tandem affinity protein purification

C. neoformans strains encoding CBP-2xFLAG-tagged proteins expressed from their 

endogenous promoters were grown in YPAD media, harvested, and snap frozen.  Eight 

thousand OD600 units of cells were lysed using a coffee grinder and tagged proteins of 

interest were purified using anti-FLAG M2 (Sigma) and calmodulin (Stratagene) resins, 

then analyzed by mass spectrometry as described in Supplemental Table 4 and elsewhere 

(Dumesic et al., 2013).  

RNA isolation and RT-qPCR

C. neoformans cultures were grown to OD600=1.0 in YPAD medium, then harvested by 

centrifugation and snap frozen.  Cell pellets were lyophilized overnight in a Freezone 

4.5 freeze dry system (Labconco) and then RNA was isolated using TRIzol (Invitrogen).  

Total RNA was treated with DNaseI (Roche) and reverse transcribed using SuperScript III 

(Invitrogen), with oligo-dT20N (38 ng/ml) and random 9-mers (10 ng/ml) acting as primers.  

The resulting cDNA was treated with RNaseH (New England Biolabs) and assayed by 

qPCR using a CFX96 Real-Time system (Bio-Rad) and the primers listed in Supplemental 
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Table 5.  

Chromatin immunoprecipitation

C. neoformans cultures of 100 ml were grown to OD600=1.0 and crosslinked by addition 

of 1% formaldehyde (Sigma) and incubation at room temperature for 15 min, at which 

point 125 mM glycine was added to stop the reaction.  Cells were washed in water, snap 

frozen, and lyophilized overnight.  Fifty OD600 units of cells were resuspended in 1 ml 

ChIP lysis buffer (50 mM HEPES-KOH pH 7.5, 140 mM NaCl, 1 mM EDTA, 1% Triton 

X-100, 0.1% sodium deoxycholate, and 3x EDTA-free Complete protease inhibitor (PI; 

Roche)).  Cells were lysed in a Mini-Beadbeater (Biospec Products) for 15 cycles of 2 

min each.  Cell lysate was transferred to a new tube and centrifuged for 10 min at 15k x g.  

The resulting chromatin pellet was resuspended in 600 ml ChIP lysis buffer and sonicated 

for twelve 10 min cycles (High setting; 30 sec on, 30 sec off) in a Bioruptor waterbath 

sonicator (Diagenode).  After sonication, cell debris was removed by centrifugation at 

21k x g for 10 min and the supernatant was brought to 3 ml in ChIP lysis buffer and snap 

frozen.  Immunoprecipitation was performed at 4˚C overnight in 1 ml chromatin aliquots 

using either 4 ml of anti-H3K27me3 antiserum (Antiserum 26) or 2 mg anti-H3K9me2 

antibody (ab1220, Abcam).  Antibodies were bound by addition of pre-washed Protein 

A/G DYNAbeads (Invitrogen): 75 ml of Protein A bead slurry for Antiserum 26 and 50 ml 

Protein G bead slurry for ab1220 antibody.  After a 2 hr incubation at 4˚C, the beads were 

washed twice with 1 ml ChIP lysis buffer, twice with 1 ml high salt ChIP lysis buffer (ChIP 

lysis buffer with 500 mM NaCl), twice with 1 ml wash buffer (10 mM Tris-Cl pH 8.0, 0.25 

M LiCl, 0.5% NP-40, 0.5% sodium deoxycholate, 1 mM EDTA), and once with 1 ml TE 

buffer (10 mM Tris-Cl pH 8.0, 1 mM EDTA).  Each wash was performed for 5 min at room 

temperature.  Beads were eluted with 100 ml elution buffer (50 mM Tris-Cl pH 8.0, 10 mM 

EDTA, 1% SDS) at 70˚C for 15 min, followed by a second elution at room temperature 

for 5 min with 150 ml TE buffer with 0.67% SDS and 334 mg/ml proteinase K (Sigma).  
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Input samples (50 ml) were combined with 200 ml TE buffer with 1% SDS and 250 mg/ml 

proteinase K.  All samples were incubated overnight at 65˚C, followed by addition of 1200 

ml buffer NTB and DNA purification using a NucleoSpin Gel Clean-up column (Macherey-

Nagel).  Purified DNA was treated with RNaseA (Ambion) and quantified by qPCR using 

the primers listed in Supplemental Table 5.

ChIP-seq library construction

The DNA yield of a single immunoprecipitation reaction—or 500 ng WCE DNA—was 

blunted by treatment with the End-It DNA End-Repair Kit (Epicentre) and then A-tailed 

using Klenow fragment (New England Biolabs) according to manufacturers’ instructions, 

with column purifications after each step.  Next, barcoded Illumina adaptors (33 nM) were 

ligated to the DNA using 1200U Rapid T4 DNA Ligase (Enzymatics) in a 30 ml reaction 

that was incubated at room temperature for 30 min.  The DNA was column purified and 

PCR amplified using 1U Phusion DNA polymerase (New England Biolabs), 2 M betaine, 

75 uM dNTPs, and 0.4 μM each primer in a 50 ml reaction.  Cycling conditions were: 98˚C 

for 3 min; 15 cycles of 98˚C for 1 min 20 sec, 65˚C 30 sec, 72˚C 30 sec; 72˚C 5 min.  The 

reaction was size selected for products between 200-350 bp using SPRI beads (Rohland 

and Reich, 2012).  Library quality and concentration were determined by DNA Bioanalyzer 

analysis (Agilent) and KAPA Library Quant Kit (KAPA Biosystems), respectively.

RNA-seq expression profiling

To obtain mRNA, 90 mg of total RNA (isolated as described above) was purified using 

the Oligotex mRNA mini kit (Qiagen).  For each RNA sample, two successive rounds 

of purification were performed.  Input RNA quality and mRNA purity were verified by 

Bioanalyzer RNA analysis (Agilent).  The purified RNA (120 ng) was treated by on-column 

DNase digestion as described previously (Zhang et al., 2012), then used to prepare 

sequencing libraries using the NEBNext Ultra Directional RNA Library Prep Kit (New 
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England Biolabs).  Libraries were sequenced on the HiSeq 2500 platform (Illumina).  

Sequencing data processing, read alignment, and subtelomeric region analysis

ChIP-seq data were aligned using Bowtie1 (Langmead et al., 2009) and the Seriesoftubes 

package (Schiller, 2013).  We allowed up to two mismatches within the seed sequence 

and, if a read could align equally well to multiple loci, a locus was chosen at random.  

Indexed, sorted bam files were created for each dataset using SAMtools (Li et al., 2009) 

and bedgraph files were created using BEDtools.  Using the bedgraph file, a sliding window 

algorithm was applied that averaged coverage over a 1000 bp window.  From this, ends 

of subtelomeric regions were called as the base pair where average coverage fell below 

the average coverage of the entire genome, which was considered the background signal 

level.  

 RNA-seq data were aligned using Tophat (Trapnell et al., 2009).  To capture most 

repetitive reads, we allowed reads to align to up to 50 loci in the genome.  FPKM analysis 

was performed as follows: the number of reads aligning to an entire mRNA was counted 

and divided by the length of the gene in basepairs.  Counts for a particular gene were 

compared between datasets after normalizing the datasets using the TMM algorithm 

(Robinson and Oshlack, 2010).  

Yeast two-hybrid assay

Protein-protein interactions were assayed by S. cerevisiae yeast two-hybrid assay as 

described previously (Dumesic et al., 2013) using the strains listed Table 3.

Immunoblotting

Total cellular protein was isolated from C. neoformans cells as described previously (Chun 

and Madhani, 2010), then analyzed by SDS-PAGE.  Immunoblotting utilized the following 

antibodies: mouse monoclonal anti-FLAG (Sigma F3165, 1:3,000), rabbit polyclonal anti-
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PSTAIRE (Santa Cruz Biotechnology sc-53, 1:2,500).  Secondary antibodies included 

HRP-conjugated goat anti-mouse (Bio-Rad, 1:20,000) and HRP-conjugated goat anti-

rabbit (Bio-Rad, 1:20,000).   

Dot blotting

Peptides were synthesized by the UNC High-Throughput Peptide Synthesis Core 

(Chapel Hill, NC) and by GenScript to a purity of >80%.  Two-microliter suspensions of 

peptide in PBS were spotted onto a hydrated Hybond-P membrane (Amersham) and 

left to air dry overnight.  After rehydration, the membrane was blocked by incubation in 

5% dried milk in TBST for 1 hr at room temperature, followed by 1 hr in 5% milk in TBST 

supplemented with anti-H3K27me3 antiserum (Antiserum 26, 1:2,000).  The membrane 

was washed three times for 10 min each in TBST, then incubated for 1 hr in 5% milk in 

TBST supplemented with HRP-conjugated goat anti-rabbit secondary antibody (Bio-Rad, 

1:20,000) and visualized using SuperSignal West chemiluminescent substrate (Pierce).  

Recombinant protein expression

A codon-optimized DNA sequence encoding C. neoformans Ccc1 (residues 1-109) was 

cloned into the pETARA or pBH4 vectors (Good et al., 2009) and used to transform the 

BL21(DE3) strain of E. coli.  Transformed cells were grown to OD600=0.8, at which point 

1 mM IPTG was added to induce protein expression overnight at 18˚C.  Recombinant 

GST-Ccc1(1-109)-6xHis, expressed from the pETARA vector, was purified using Ni-

NTA agarose resin (Qiagen) and then used for histone peptide array binding assays.  

Recombinant 6xHis-Ccc1(1-109), expressed from the pBH4 vector, was purified using 

Ni-NTA agarose resin (Qiagen), then separated from the His tag by treatment with TEV 

protease, which was removed by another passage over Ni-NTA resin.  The resulting 

protein was used for fluorescence polarization assays.  
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Histone peptide array binding assay

GST-tagged Ccc1(1-109) was dialyzed into storage buffer (50 mM HEPES-KOH pH 

7.9, 200 mM NaCl, 10% glycerol, 2 mM beta-mercaptoethanol).  A CelluSpots MODified 

histone array (Active Motif) was blocked by incubation with 5% dried milk in TBST (10 mM 

Tris-HCl pH 7.6, 150 mM NaCl, 0.1% Tween 20) overnight at 4˚C.  It was then washed 

four times, 5 min each, with TBST, then two times, 5 min each, with binding buffer (50 

mM HEPES-KOH pH 7.9, 200 mM NaCl).  Next, the slide was incubated with 0.5 uM 

GST-Ccc1 in binding buffer for 4 hr at room temperature, followed by four 5 min washes 

with TBST.  To detect bound Ccc1, the slide was incubated for 1 hr at room temperature 

with anti-GST antibody (Sigma G7781; 1:13,000 dilution) in 5% dried milk in TBST.  The 

slide was washed four times, 5 min each, with TBST and then incubated for 1 hr at room 

temperature with HRP-conjugated goat anti-rabbit secondary antibody (sc-2004, Santa 

Cruz Biotechnology; 1:5,000 dilution) in 5% milk in TBST.  The slide was washed four 

times, 5 min eac, with TBST, then bound antibody was visualized using SuperSignal West 

Pico chemiluminescent substrate (Pierce).  

Fluorescence polarization binding assay

Peptides were synthesized by the UNC High-Throughput Peptide Synthesis Core (Chapel 

Hill, NC) and by GenScript to a purity of >80%.  Unlabeled peptides corresponded to 

residues 23-34 of C. neoformans histone H3, followed by a cysteine residue; lysine 27 

was either unmodified, dimethylated, or trimethylated.  These peptides were competed 

with a labeled peptide corresponding to residues 22-32 of H. sapiens histone H3, followed 

by a lysine and conjugated to fluorescein.  Recombinant Ccc1(1-109) was expressed and 

separated from its 6xHis tag as described above.  Peptide concentrations were determined 

by A205 (e = 31 ml mg-1 cm-1) or, for fluorescein-labeled peptides, A495 (e = 80,000 M-1 cm-1).  

Protein concentration was determined by A280 (e = 28,000 M-1 cm-1).  

 Change in peptide fluorescence polarization was measured at increasing 
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concentrations of unlabeled competitor peptides using a Spectramax M5e plate reader 

(Molecular Devices) and 384-well non-stick plates.  Binding reactions consisted of labeled 

peptide at a concentration of 10 nM and Ccc1(1-109) protein at 16 mM in a solution of 20 

mM HEPES pH7.9, 120 mM KCl, 0.8 mM DTT, and 0.01% NP-40. 

Antibody production and purification

A peptide corresponding to residues 23-34 of histone H3, followed by a cysteine and with 

lysine 27 trimethylated, was synthesized by the UNC High-Throughput Peptide Synthesis 

Core (Chapel Hill, NC) to a purity of >80%.  The peptide was conjugated to keyhole 

limpet hemocyanin and used to immunize rabbits (Covance, Inc.).  Rabbit antisera were 

negatively selected as described (Lo et al., 2004), and then tested for specificity against 

H3K27me0/2/3 peptides by dot blotting.  For negative selection, 1 mg of H3K27me0 

peptide was conjugated to 2 ml of SulfoLink Coupling Resin slurry (Thermo Scientific) 

according to the manufacturer’s instructions.  One ml of rabbit serum was diluted to 3 

ml with PBS, then passed through a 0.22 mm filter and flowed by gravity over the resin.  

The flowthrough was concentrated to 500 ml using an Ultra-4 centrifugal filter (Amicon), 

then dialyzed overnight at 4˚C against PBS.  Finally, an equal volume of 100% glycerol 

was added to dialyzed antiserum and the mixture was stored with 0.05% sodium azide 

at -20˚C.  

Growth rate assay

C. neoformans strains were grown while shaking at 30˚C in YPAD medium and monitored 

by OD600 absorbance using an Ultraspec 2100 pro spectrophotometer (Amersham 

Biosciences).  All measurements were taken during the logarithmic growth phase.
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Figure 1

  1 MARTKQTARKSTGGKAPRKQLATKAARKQTTTSAAGGVKKPHRYRPGTVALREIRRYQKS
  1 MARTKQTARKSTGGKAPRKQLATKAARKS--APATGGVKKPHRYRPGTVALREIRRYQKS
  1 MARTKQTARKSTGGKAPRKQLATKAARKS--APATGGVKKPHRYRPGTVALREIRRYQKS
  1 MARTKQTARKSTGGKAPRKQLATKAARKS--APASGGVKKPHRYRPGTVALREIRRYQKS
  1 MARTKQTARKSTGGKAPRKQLASKAARKS--APSTGGVKKPHRYKPGTVALREIRRFQKS
  1 MARTKQTARKSTGGKAPRKQLASKAARKS--APSTGGVKKPHRYKPGTVALREIRRYQKS

61 TELLIRKLPFQRLVREIAQDFKTDLRFQSSAVMALQEASEAYLVSLFEDTNLAAIHAKRV
59 TELLIRKLPFQRLVREIAQDFKTDLRFQSSAVMALQEACEAYLVGLFEDTNLCAIHAKRV
59 TELLIRKLPFQRLVREIAQDFKTDLRFQSSAVMALQEASEAYLVGLFEDTNLCAIHAKRV
59 TELLIRRAPFQRLVREIAQDFKTDLRFQSSAVMALQEACEAYLVGLFEDTNLCAIHAKRV
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Figure 1.  C. neoformans encodes an Ezh2 ortholog that deposits broad, subtelomeric 

domains of repressive H3K27me3 heterochromatin

A) Alignment of histone H3 protein sequences in lower and higher eukaryotic model 

systems.  Red star indicates lysine 27, a target of the Ezh2 histone methyltransferase.

B) ChIP-seq traces of H3K27me3 signal across chromosome 1 in wild-type cells or cells 

lacking Ezh2.  Black dashes below represent annotated genes.

C) Average H3K27me3 signal across all subtelomeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 28 subtelomeric regions were aligned 

from the chromosome termini, averaged, and normalized to WCE.

D) Chromosomal location of the transcripts whose levels are elevated >3-fold in the 

absence of Ezh2, as assessed by RNA-seq.  These loci tend to associate with the ~45kb 

subtelomeric regions that exhibit H3K27me3.

E) Transcript levels of five Ezh2 target genes in the context of histone H3 or ezh2 

mutations, as assessed by RT-qPCR.  Signal was normalized to 18S rRNA levels.  Error 

bars represent SD.

F) Transcript levels of five Ezh2 target genes in the context of Ezh2 SET domain 

mutations, as assessed by RT-qPCR.  Signal was normalized to 18S rRNA levels.  Error 

bars represent SD.

G) Expression level of Ezh2 SET domain mutations, as assessed by Western blot using 

the antibodies indicated at left.  p31 serves as a loading control.
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Figure 2
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Figure 2.  Functional characterization of Ezh2-associated proteins

A) Proteins associated with Ezh2-CBP-2xFLAG by tandem affinity purification.  Likely 

contaminants and proteins with <10% sequence coverage have been excluded.

B) Protein interaction network of Ezh2-assciated proteins.  Each protein shaded in blue 

was used as bait for a separate IP-MS experiment, and arrows emerging from each point 

to its respective co-associated proteins.

C) Predicted protein domains of PRC2 subunits.

D) Protein-protein interactions among PRC2 components, as assessed by yeast two-

hybrid assay.

E) Transcript level of five Ezh2 target genes in the context of PRC2 subunit mutations, as 

assessed by RT-qPCR.  Signal was normalized to 18S rRNA levels.  Error bars represent 

SD.

F) Doubling time of C. neoformans strains lacking individual subunits of PRC2, when 

grown in rich media.
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Figure 3
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Figure 3.  PRC2 subunits are required for the proper spatial deposition of H3K27me3 

heterochromatin

A) ChIP-seq traces of H3K27me3 signal across chromosome 13 in wild-type cells or cells 

lacking individual PRC2 components.  Black dashes below represent annotated genes.  

The gene-poor region near 600 kb corresponds to the centromere.

B) Average H3K27me3 signal across all subtelomeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 28 subtelomeric regions were aligned 

from the chromosome termini, averaged, and normalized to WCE.

C) Average H3K27me3 signal across all centromeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 14 centromeres were aligned at their 

midpoints, averaged, and normalized to WCE.

D) H3K27me3 at subtelomeric and centromeric regions, as measured by ChIP-seq.  For 

each strain examined, ChIP-seq signal above background was summed in all 45 kb 

subtelomeric regions (blue bar) as well as in all annotated centromeres (green bar). Wild-

type cells exhibit minimal H3K27me3 signal above background at centromeres.  
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Figure 4
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Figure 4.  The Ccc1 chromodomain binds H3K27me2/3 specifically and is required 

for proper spatial positioning of H3K27me3 heterochromatin

A) Predicted domain structure of full-length Ccc1 as well as the truncated construct 

Ccc1(1-109) that was used for recombinant protein expression.

B) Binding of Ccc1 chromodomain to a modified histone peptide array.  GST-Ccc1(1-109) 

was incubated with the array and bound protein was detected by chemiluminescence 

using an anti-GST antibody.  In this image, chemiluminescent signal is superimposed 

on the glass slide.  Two replicate arrays are shown.  All 8 positive spots correspond to 

H3K27me2/3 peptides.

C) Binding of Ccc1 chromodomain to methylated or unmethylated H3K27 peptides, as 

assessed by fluorescence polarization binding assay.  Ccc1(1-109) was bound to a 

fluorescently-labeled H3K27me3 peptide, and this labeled peptide was competed off with 

increasing concentrations of unlabeled C. neoformans H3K27me0/2/3.

D) Transcript level of three Ezh2 target genes in the context of Ccc1 chromodomain 

mutations, as assessed by RT-qPCR.  Signal was normalized to 18S rRNA levels.  Error 

bars represent SD.

E) Expression level of Ccc1 chromodomain mutations, as assessed by Western blot using 

the antibodies indicated at left.  p31 serves as a loading control.

F) Average H3K27me3 signal across all subtelomeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 28 subtelomeric regions were aligned 

from the chromosome termini, averaged, and normalized to WCE.

G) Average H3K27me3 signal across all centromeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 14 centromeres were aligned at their 

midpoints, averaged, and normalized to WCE.

H) H3K27me3 at subtelomeric and centromeric regions, as measured by ChIP-seq.  For 

each strain examined, ChIP-seq signal above background was summed in all 45 kb 

subtelomeric regions (blue bar) as well as in all annotated centromeres (green bar). Wild-
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type cells exhibit minimal H3K27me3 signal above background at centromeres.  
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Figure 5
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Figure 5. H3K9me2 constitutive heterochromatin decorates centromeres and small 

subtelomeric regions in C. neoformans

A) ChIP-seq traces of H3K27me3 signal (blue) and H3K9me2 signal (orange) across 

chromosome 13 in wild-type cells or cells lacking Clr4 or Ezh2, the methyltransferases 

for H3K9 and H3K27, respectively.  Black dashes below represent annotated genes.  The 

gene-poor region near 600 kb corresponds to the centromere.

B) Average H3K27me3 or H3K9me2 signal across all subtelomeric regions, as measured 

by ChIP-seq.  For each strain examined, the ChIP signals at all 28 subtelomeric regions 

were aligned from the chromosome termini, averaged, and normalized to WCE.

C) Average H3K27me3 or H3K9me2 signal across all centromeric regions, as measured 

by ChIP-seq.  For each strain examined, the ChIP signals at all 14 centromeres were 

aligned at their midpoints, averaged, and normalized to WCE.

D) H3K27me3 or H3K9me2 at subtelomeric and centromeric regions, as measured by 

ChIP-seq.  For each strain examined, ChIP-seq signal above background was summed in 

all 45 kb subtelomeric regions (blue bars) as well as in all annotated centromeres (green 

bars). Wild-type cells exhibit H3K27me3 primarily in subtelomeric regions and H3K9me2 

primarily in centromeric regions.  
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Figure 6
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Figure 6. Signals from constitutive heterochromatin are required for the aberrant 

redistribution of facultative heterochromatin that occurs upon loss of PRC2 product 

recognition

A) ChIP-seq traces of H3K27me3 signal (blue) and H3K9me2 signal (orange) across 

chromosome 13.  Black dashes below represent annotated genes.  The gene-poor region 

near 600 kb corresponds to the centromere.

B) Average H3K27me3 signal across all subtelomeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 28 subtelomeric regions were aligned 

from the chromosome termini, averaged, and normalized to WCE.

C) Average H3K27me3 signal across all centromeric regions, as measured by ChIP-seq.  

For each strain examined, the ChIP signals at all 14 centromeres were aligned at their 

midpoints, averaged, and normalized to WCE.

D) H3K27me3 at subtelomeric and centromeric regions, as measured by ChIP-seq.  For 

each strain examined, ChIP-seq signal above background was summed in all 45 kb 

subtelomeric regions (blue bars) as well as in all annotated centromeres (green bars). 

Wild-type cells exhibit H3K27me3 primarily in subtelomeric regions.  

E) H3K27me3 enrichment at two subtelomeric loci (above) and two centromeric loci 

(below) in the context of Ccc1 chromodomain mutations, as assessed by ChIP-qPCR.  

Signal was normalized to WCE and to the actin locus, which is devoid of H3K27me3.  

Error bars represent SD.
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Figure 7
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Figure 7.  Product recognition masks latent promiscuity of a yeast Polycomb 

Repressive Complex.

In wild-type cells (top), PRC2 deposits repressive H3K27me3 at subtelomeres.  The 

Ccc1 subunit of PRC2 provides product recognition via its chromodomain, which binds 

H3K27me2/3 specifically.  The subtelomeric H3K27me3 domains do not depend on the 

presence of H3K9 methylation.  In the absence of product recognition (e.g., in the context 

of the ccc1-W52A mutant, bottom), the H3K27me3 domain distribution is dramatically 

altered, such that H3K27me3 appears only at sites of H3K9me2, including centromeres.  

In this context, H3K27me3 deposition is dependent on H3K9 methylation.  Thus, the 

inability of PRC2 to read one chromatin mark (H3K27me3) causes it to misinterpret signals 

from another mark (H3K9me2, orange arrow), and leads to the ectopic redistribution of 

H3K27me3.  
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Supplemental Figure 1
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Supplemental Figure 1.  Subtelomeric gene expression and H3K27me3 is responsive 

to environmental conditions.

A) Transcript level of five subtelomeric Ezh2 target genes in the context of nutrient 

starvation, as assessed by RT-qPCR.  Cells were grown for 4 hr in YNB or YNB with 

reduced nitrogen (4 mM ammonium), phosphate (0 mM), or sulfate (0 mM).  The level of 

each transcript in wild-type cells grown in YNB is set to 1.0.

B) H3K27me3 enrichment at four subtelomeric Ezh2 target genes in the context of sulfur 

starvation, as assessed by ChIP-qPCR.  Cells were grown for 4 or 8 hours in YNB lacking 

sulfate.  Signal was normalized to WCE and to an intergenic locus that does not display 

H3K27me3.
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Supplemental Table 1.  Sizes of subtelomeric domains of facultative and constitutive 

heterochromatin

The sizes of subtelomeric heterochromatin domains were computed from ChIP-seq data 

by determining the extent to which a 1kb sliding window could move proximally from 

each chromosome terminus and still detect ChIP signal above background (i.e., genome-

wide average signal).  Average and standard deviation were calculated across the 28 

subtelomeric regions of the 14 C. neoformans chromosomes.

Subtelomeric domain
Chromatin 

mark Genotype
Average 
(bp)

Std. Dev. 
(bp)

H3K27me3 WT 41358 10383
H3K27me3 ezh2Δ N/A
H3K27me3 msl1Δ 35338 9826
H3K27me3 ccc1Δ 14289 9394
H3K27me3 ccc1-W52A 13421 9347
H3K27me3 clr4Δ 52802 8773
H3K27me3 ccc1-W52A clr4 N/A
H3K27me3 ccc1-W52A ezh2 N/A
H3K9me2 WT 12929 6420
H3K9me2 ezh2Δ 7968 4147
H3K9me2 clr4Δ N/A
H3K9me2 ccc1Δ 7906 4377
H3K9me2 ccc1-W52A 8660 4327
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Supplemental Table 2.  Centromere coordinates in C. neoformans.

1 969000-1004502
2 837500-893100
3 1370270-1410114
4 708720-748348
5 1562620-1580218
6 784260-821366
7 525500-568100
8 453900-505700
9 801700-840711
10 199270-230670
11 871210-929530
12 139385-170825
13 579480-632327
14 444950-461696
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Supplemental Table 3.  Strains used in this study.
PAD# CM# Species Genotype Parent Source
2 229 C. neo. H99 (wild-type) - 1

N1 1002 C. neo. ezh2-CBP-2xFLAG-NatR PAD2 2
N5 1006 C. neo. eed1-CBP-2xFLAG-NatR PAD2 2
1046 1210 C. neo. ccc1-CBP-2xFLAG-NatR PAD2 2
1055 1219 C. neo. msl1-CBP-2xFLAG-NatR PAD2 2
1058 1222 C. neo. bnd1-CBP-2xFLAG-NatR PAD2 2

945 1134 C. neo. eed1Δ::NatR PAD2 2
954 1143 C. neo. msl1Δ::NatR PAD2 2
963 1152 C. neo. ezh2Δ::NatR PAD2 2
1006 1178 C. neo. ccc1Δ::NatR PAD2 2
1002 1174 C. neo. bnd1Δ::NatR PAD2 2

1129 1293 C. neo. ezh2-CBP-2xFLAG-NeoR PAD2 2
1132 1396 C. neo. ezh2(d1)-CBP-2xFLAG-NeoR PAD2 2
1135 1299 C. neo. ezh2(pm1)-CBP-2xFLAG-NeoR PAD2 2

1029 1201 C. neo. NatR-hht1 PAD2 2
1032 1204 C. neo. NatR-hht1(K27A) PAD2 2
1043 1207 C. neo. NatR-hht1  ezh2Δ::NatR PAD1029 2
1062 1226 C. neo. NatR-hht1(K27A)  ezh2Δ::NatR PAD1032 2

1160 1332 C. neo. NeoR-ccc1(Y31A) PAD2 2
1161 1333 C. neo. NeoR-ccc1(W52A) PAD2 2
1147 1316 C. neo. NeoR-CBP-2xFLAG-ccc1 PAD2 2
1149 1318 C. neo. NeoR-CBP-2xFLAG-ccc1(Y31A) PAD2 2
1152 1321 C. neo. NeoR-CBP-2xFLAG-ccc1(W52A) PAD2 2

W303A S. cer.
MATa  ade2-1  his3-11,15  ura3-1 

- 3
leu2-3,112  trp1-1  rad5-535

EGY48 S. cer. MATα  trp1  his3  ura3  LexAop-LEU2 - 4

1025 1197 C. neo. clr4Δ::NatR PAD2 2
1243 1428 C. neo. NeoR-ccc1(W52A)  ezh2Δ::NatR PAD1161 2
1249 1434 C. neo. NeoR-ccc1(W52A)  clr4Δ::NatR PAD1161 2
1274 1460 C. neo NeoR-ccc1(W52A) NatR-eed1(Y135A) PAD1161 2

Sources:
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1= Gift of J. Lodge
2= This study
3= Gift of J. Cox
4= Golemis et al. 2008
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Supplemental Table 4.  Proteins removed from mass spectrometry results by 

background filtering criteria.

Protein hits were filtered if they met at least one of the following criteria:

1) Identified by less than 10% peptide coverage (not shown)

2) Structural components of the ribosome

3) Proteins identified in purifications from a WT (untagged) strain

4) Likely-abundant proteins such as cytoskeletal proteins, metabolic proteins, chaperones, 

and mitochondrial proteins

Bait: WT (untagged)
Gene ID Name % coverage Exclusion Reason

CNAG_02578 Pch2 22.8 3
CNAG_04114 Rps0b 16.1 3
CNAG_01727 Hsp71 14.0 3
CNAG_07414 Pan6 12.6 3

Bait: Ezh2-CBP-2xFLAG (37)
Gene ID Name % coverage Exclusion Reason

CNAG_01170 Rps17 51.0 2
CNAG_04068 L28/L44 39.7 2
CNAG_04004 Rps1 39.4 2
CNAG_00703 Rpl31 37.3 2
CNAG_01152 Rps6 37.1 2
CNAG_06447 Rpl17 29.1 2
CNAG_03747 Rpl28 27.5 2
CNAG_03150 Yea6 26.1 4
CNAG_04011 Rpl43 23.9 2
CNAG_00656 Rpl7 22.0 2
CNAG_01727 Hsp71 21.3 3
CNAG_04799 Rpl14 19.4 2
CNAG_00116 Rps3 19.0 2
CNAG_04762 Rpl4 17.4 2
CNAG_06222 Rpl32 17.1 2
CNAG_02578 Pch2 15.1 3
CNAG_07839 Rpl11 14.9 2
CNAG_01976 Rpl23 13.8 2
CNAG_01750 Hsp72 10.0 4

Bait: Eed1-CBP-2xFLAG (27)
Gene ID Name % coverage Exclusion Reason

CNAG_01727 Hsp71 56 4
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CNAG_04004 Rps1 44.4 2
CNAG_01750 Hsp72 44.2 4
CNAG_00656 Rpl7 40 2
CNAG_02578 Pch2 36.2 3
CNAG_00703 Rpl31 36.1 2
CNAG_06447 Rpl17 31.3 2
CNAG_01976 Rpl23 31.2 2
CNAG_00370 Rpl40 31 2
CNAG_01170 Rps17 29.4 2
CNAG_04011 Rpl43 29.3 2
CNAG_00716 Cyc1 27.9 4
CNAG_01152 Rps6 27.8 2
CNAG_01332 Rps24 27.4 2
CNAG_00232 Rpl30 27.4 2
CNAG_04762 Rpl4 27.3 2
CNAG_00640 Rps4 26.2 2
CNAG_04114 Rps0 26 3
CNAG_00672 Rps11 25.5 2
CNAG_00334 Hsp75 25.4 4
CNAG_03510 Rpl36 25.2 2
CNAG_01840 Tub2 24.6 4
CNAG_04799 Rpl14 24.5 2
CNAG_04883 Rps18 23.9 2
CNAG_02234 Rpl6 22.6 2
CNAG_03780 Rps16 22.1 2
CNAG_01557 Cmd1 21 4
CNAG_01991 Cox5 20.4 2
CNAG_05762 Rpp2 19.8 2
CNAG_03891 hsp60 18.8 4
CNAG_03944 Ydj1 18.4 4
CNAG_07119 - 18.2 4
CNAG_04068 Rpl28 17.9 2
CNAG_03739 Rpl10 17.1 2
CNAG_00771 Rpl35 16.5 2
CNAG_05232 Rml2 14.9 2
CNAG_06633 Rsm19 14.7 2
CNAG_04448 Rpl19 14.4 2
CNAG_04726 Rpl20 14 2
CNAG_01884 Rpl3 13.8 2
CNAG_03283 Rpl24 13.3 2
CNAG_05750 Atp1 13 4
CNAG_01486 Rpl15 12.9 2
CNAG_01148 Fpr4 12.7 4
CNAG_00477 - 12.4 4
CNAG_00809 Ded1 12.4 4
CNAG_01586 Atp4 12.2 4
CNAG_03198 Rps8 11.1 2
CNAG_01577 Gdh1 10.6 4
CNAG_03787 Tub1 10.5 4
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Bait: Ccc1-CBP-2xFLAG
Gene ID Name % coverage Exclusion Reason

CNAG_06447 Rpl17 57.7 2
CNAG_00703 Rpl31 42.9 2
CNAG_05556 Rpl38 35.4 2
CNAG_04799 Rpl14 30.2 2
CNAG_04114 Rps0 28.4 3
CNAG_01976 Rpl23 28.3 2
CNAG_00656 Rpl7 26.4 2
CNAG_04004 Rps1 25.5 2
CNAG_03510 Rpl36 25.2 2
CNAG_04068 Rpl28 25.0 2
CNAG_02578 Pch2 23.3 3
CNAG_03283 Rpl24 22.7 2
CNAG_01170 Rps17 21.7 2
CNAG_00116 Rps3 19.0 2
CNAG_01152 Rps6 17.3 2
CNAG_06222 Rpl32 17.1 2
CNAG_01727 Hsp71 16.8 4
CNAG_04762 Rpl4 11.3 2
CNAG_01750 Hsp72 10.7 4

Bait: Msl1-CBP-2xFLAG
Gene ID Name % coverage Exclusion Reason

CNAG_01727 Hsp71 37.0 3
CNAG_00334 Hsp75 21.8 4
CNAG_01750 Hsp72 18.8 4

Bait: Bnd1-CBP-2xFLAG
Gene ID Name % coverage Exclusion Reason

CNAG_04068 Rpl28 56.4 2
CNAG_05556 Rpl38 37.5 2
CNAG_01152 Rps6 36.7 2
CNAG_04011 Rpl43 35.9 2
CNAG_06447 Rpl17 32.4 2
CNAG_01455 Rpl39 32.4 2
CNAG_07839 Rpl11 29.1 2
CNAG_04799 Rpl14 25.2 2
CNAG_03510 Rpl36 25.2 2
CNAG_06222 Rpl32 24.0 2
CNAG_00703 Rpl31 23.8 2
CNAG_00656 Rpl7 22.0 2
CNAG_04762 Rpl4 21.5 2
CNAG_03780 Rps16 21.4 2
CNAG_01976 Rpl23 21.0 2
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CNAG_04004 Rps1 20.8 2
CNAG_04021 Rpl26 18.8 2
CNAG_01170 Rps17 16.1 2
CNAG_04448 Rpl19 13.4 2
CNAG_01727 Hsp71 11.8 3
CNAG_02578 Pch2 11.8 3
CNAG_00640 Rps4 11.4 2
CNAG_04114 Rps0 10.6 3
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Supplemental Table 5.  Primers used in this study.

Name Sequence Target Application
PAD2559 TGTCTGCCTCAACCAATCGA

CNAG_5333
Transcript level, 
ChIPPAD2560 TCGGTCCGATTCCTGTATTG

PAD2563 AGGCGTACCAAGCTTGGCT
CNAG_7651

Transcript level, 
ChIPPAD2564 CCATTACGGAGCGAAACTCTA

PAD2569 GATATCCCCTGACTCCGGA
CNAG_6874

Transcript level, 
ChIPPAD2570 CTTTGGGCCACCCGTTGAA

PAD2665 ACTGTGCTATATGTCTTCAACTG
CNAG_6256

Transcript level, 
ChIPPAD2666 TTGCAATAACAGAGTCGGGAGT

PAD2673 GGATGACCGCTTCTTCTTGAAT
CNAG_7585

Transcript level, 
ChIPPAD2674 CTCTTGTCGTGACAGTTCTTG

PAD3110 CCCTCAAGGCAGTGTACCA
Cent. 4 ChIPPAD3111 GTTGCTGTCTCCCACCACA

PAD3112 CAATCATCCAGGGTTTGCAG
Cent. 4 ChIPPAD3113 ACCCTACCTTTCCTCTCCAC
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Chapter 6

Identification of the signal recognition particle in basidiomycetous 

yeast reveals unprecedented features in the SRP RNA
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Abstract

The signal recognition particle (SRP) orchestrates protein sorting in all domains of life, 

targeting substrates to the ER membrane in eukaryotes and to the plasma membrane 

in bacteria and archaea.  In eukaryotes, the SRP consists of one RNA and six protein 

subunits, which act in concert to identify nascent peptides that contain a signal sequence 

and coordinate their co-translational insertion into the ER.  Phylogenetic analyses of SRP 

components have provided insight into the evolution and function of the SRP, but are 

hampered by the paucity of identified SRP components in lower eukaryotes, especially 

fungi.  Here, we describe the experimental identification of the SRP subunits in Cryptococcus 

neoformans, the first description of an SRP in basidiomycetous yeast.  Cloning of the 

SRP RNA reveals a predicted secondary structure that is novel among SRP RNAs: the 

Alu domain resembles that of other fungal SRP RNAs, but the S domain contains a novel 

stem loop within the universally conserved Helix 8.  This result explains why SRP RNAs 

were not previously identified in basidiomycota by computational approaches, and has 

enabled us to identify them here.  Strikingly, the Helix 8 alterations in basidiomycetes 

are accompanied by mutations in its protein binding partner, Srp54, that are predicted 

to affect its RNA-binding surface.  These findings reveal an unexpected diversity of the 

fungal SRP, provide a guide for identifying additional SRP component orthologs, and 

suggest an unusual coevolution of the most conserved SRP components—SRP RNA 

Helix 8 and Srp54—in the fungal lineage.
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Introduction

The sorting of proteins to specific cellular compartments enables cellular function, identity, 

and communication.  The signal recognition particle (SRP) is a ribonucleoprotein particle 

that directs protein sorting in all three domains of life (Andersen et al., 2006), targeting 

proteins to the ER membrane in eukaryotes and to the plasma membrane in bacteria 

and archaea.  SRP action is triggered by an N-terminal signal sequence when it emerges 

from a translating ribosome on the nascent chain.  Its subsequent binding to the SRP 

causes translational arrest and directs the ribosome to the SRP receptor at its membrane 

destination.  A series of regulated GTP hydrolysis events—catalyzed both by the SRP 

receptor and by the SRP itself—is coupled to proofreading of the signal sequence, release 

of the SRP, and resumption of protein synthesis to achieve co-translational peptide 

translocation across the membrane (Akopian et al., 2013).

 The mammalian SRP consists of a single RNA molecule and six proteins: SRP9, 

SRP14, SRP19, SRP54, SRP68, and SRP72.  The RNA is largely double-stranded, 

and folds into a Y shape whose halves carry out distinct functions.  The base of the Y 

constitutes the Alu domain: it binds to the SRP9/14 heterodimer and is responsible for 

translational arrest of SRP-bound ribosomes (Nagai et al., 2003).  The forked half of 

the RNA constitutes the S domain.  This region binds the remaining SRP proteins and 

functions in signal sequence recognition and docking with the SRP receptor (Nagai et 

al., 2003).  Consistent with the functions of these two domains, the SRP binds translating 

ribosomes such that the Alu domain is near the ribosome’s elongation factor binding site 

and the S domain is near the nascent peptide exit site (Halic et al., 2004).  

 The SRP is remarkably conserved.  It is one of only three ribonucleoprotein 

particles present in all three domains of life (with RNase P and the ribosome), and it is 

conserved so strongly that the bacterial SRP RNA and protein subunits can functionally 

replace their mammalian homologs (Hauser et al., 1995; Powers and Walter, 1997).  

Archaeal genomes encode an SRP RNA, which has a secondary structure similar to that 



226

of mammalian SRP RNA, as well as two SRP protein components: SRP19 and SRP54.  

In contrast, most bacterial genomes, including that of E. coli, encode a simplified SRP 

consisting of a minimal SRP RNA (4.5S RNA) and a single protein: Ffh, a homolog of 

SRP54.  

The simple E. coli SRP represents the universally conserved core of the SRP, as 

SRPs in all domains of life contain an SRP54 homolog and the hairpin region of the SRP 

RNA to which it binds.  These components are thus responsible for the central functions of 

the SRP.  SRP54 binds to signal peptides displayed at the ribosome via its C-terminal M 

(methionine-rich) domain (Janda et al., 2010).  It also mediates GTP-dependent complex 

formation with the SRP receptor via its central G (GTPase) domain, thereby initiating 

nascent peptide transport through the membrane (Egea et al., 2004).  These functions 

of SRP54 are regulated by a hairpin helix (Helix 8) of the SRP RNA, which binds directly 

to the SRP54 M domain and is conserved in all SRP RNAs (Rosenblad et al., 2009; 

Zwieb et al., 2005).  This helix promotes the physical interaction between SRP54 and the 

SRP receptor and provides a scaffold for the protein rearrangements involved in initiating 

nascent peptide membrane translocation (Akopian et al., 2013).  How the structure of the 

SRP RNA accomplishes these functions, especially in the context of the more elaborate 

mammalian SRP RNA, remains unclear. 

Comparative analyses of SRP RNA and protein components across the three 

domains of life have provided insight into the evolution and function of the SRP.  These 

analyses, however, are hampered by the paucity of identified SRP components in the 

lower eukaryotes.  This problem is particularly apparent among fungi, both because the 

SRP components in these species are diverse and because the known yeast SRP RNAs 

are distinct from other eukaryotic SRP RNAs (Regalia et al., 2002; Rosenblad et al., 

2009).  Furthermore, even when the secondary structure of an SRP RNA is conserved, its 

primary sequence might not be, thus confounding the computational identification of SRP 

RNAs based on sequence homology (Regalia et al., 2002).  Indeed, despite the increasing 
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number of sequenced fungal genomes and the use of advanced algorithms that search 

for SRP RNA genes on the basis of conserved secondary structure, the SRP RNA has 

been identified in only four fungal phyla: ascomycota, microsporidia, zygomycota, and 

chytridiomycota.  Thus, fungal genomes might encode unidentified SRP RNAs of unusual 

secondary structure.

Here, we describe the experimental identification of the SRP subunits in the 

basidiomycetous yeast Cryptococcus neoformans.  These include homologs of the six 

canonical SRP proteins as well as a single SRP RNA.  The C. neoformans SRP RNA 

sequence is predicted to form an unusual secondary structure in which the Alu domain 

resembles that of other fungi, whereas the S domain contains a novel step-loop within the 

universally conserved helix 8.  This finding explains why this SRP RNA was not previously 

identified by computational approaches and now enables the identification of SRP RNA 

genes in other basidiomycetes.  Intriguingly, the novel stem-loop alters a region of helix 8 

known to interact with SRP54, and this protein exhibits amino acid sequence alterations 

in basidiomycetes that are predicted to alter its RNA-binding activity.  These findings 

expand our understanding of the SRP components in fungi and provide evidence in this 

lineage for coevolution of the most conserved SRP components.
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Results and Discussion

Purification of the C. neoformans SRP and identification of its RNA subunit

Although the SRP RNA is universally conserved, computational approaches have failed 

to identify this noncoding RNA in most yeast lineages (Regalia et al., 2002).  Thus, the 

SRP RNA may exhibit unexpected diversity in the fungal kingdom, and diverge from its 

canonical structure.  We therefore sought to experimentally identify the SRP RNA from C. 

neoformans, a basidiomycetous yeast and human fungal pathogen.

 Examination of the C. neoformans genome revealed orthologs of all six conserved 

SRP protein components, including Srp19 and Srp54, which we individually tagged with 

the CBP-2xFLAG epitopes and expressed from their endogenous promoters.  When either 

tagged protein was isolated by tandem affinity purification, it co-precipitated with five 

additional proteins, whereas no proteins were obtained in equivalent purifications from 

a wild-type, untagged strain (Figure 1A).  Mass spectrometry identified these co-purified 

proteins as the remaining five SRP protein subunits, suggesting that our purification 

method recovered intact SRP complexes (Figure 1B).  The open reading frames of all 

SRP protein components were confirmed by cDNA sequencing (Supplemental Table S1). 

To determine whether RNA is associated with the C. neoformans SRP, we isolated 

nucleic acid from our SRP purifications, treated it with DNase, and radioactively end-

labeled the remaining RNA.  When resolved by denaturing PAGE, one RNA species of 

approximately 300 nt was detected (Figure 1C).  Equivalent purifications from untagged 

control strains did not yield this RNA, confirming that it associates specifically with Srp19 

and Srp54.  To determine the identity of this putative SRP RNA, we ligated it to a 3ʹ 

linker, which was then used as a primer-binding site for first strand cDNA synthesis.  A 5ʹ 

linker was subsequently added by reverse transcriptase template switch, which enabled 

PCR amplification, cloning, and sequencing of the cDNA (Gu et al., 2009).  The resulting 

sequence was used to design probes for northern blot, which demonstrated that the ~300 

nt SRP RNA observed in SRP purifications is present at the same size in total cellular RNA, 
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suggesting that the SRP RNA was not degraded during purification (Figure 1D).  To confirm 

the identity of this RNA, we examined SRP subunits by RNA immunoprecipitation.  In this 

assay, Srp19 or Srp54 was purified from cells and its associated RNA was examined by 

RT-PCR.  Each protein associated with the SRP RNA, but not with other high-abundance 

nuclear or cytoplasmic transcripts (Figure 1E).

Sanger sequencing demonstrated that the cloned RNA was 280 nt and possessed 

features of canonical SRP RNAs (Supplemental Table S1).  First, its 5ʹ end, which was 

confirmed by 5ʹ RACE, began with a purine (A), as is usually the case for eukaryotic 

SRP RNAs (Rosenblad et al., 2009). Its 3ʹ end is a poly-U tract, the typical termination 

sequence for SRP RNAs, which are transcribed by RNA Pol III.  Furthermore, the RNA 

maps to a region of the genome distinct from annotated coding regions, without evidence 

of introns.  

The SRP RNA exhibits novel structural features in the basidiomycete yeast lineage

We next sought to compare the secondary structure of the C. neoformans SRP RNA to that 

of other eukaryotic SRP RNAs.   The canonical eukaryotic SRP RNA is that of mammals, 

whose two halves comprise the Alu and S domains (Figure 2A).  The Alu domain encodes 

two helices (Helices 3 and 4) whose loops take part in a tertiary interaction.  It also 

contains the sequence motif UGUNR (where N is any base and R is a purine), which may 

be important in establishing the folded shape of the Alu domain for binding of the Srp9/14 

heterodimer.  Conserved motifs in the S domain include Helix 5e, a 3 nt asymmetric loop 

that mediates binding to Srp72, and Helices 6 and 8, which bind to Srp19 and Srp54, 

respectively (Rosenblad et al., 2009).

 The predicted fold of the C. neoformans SRP RNA Alu domain resembles those of 

known ascomycetous yeast SRP RNAs (Rosenblad et al., 2004) (Figure 2B).  Specifically, 

the end of the molecule lacks Helices 3 and 4, yet retains the UGUNR motif, which is 

exposed in a loop region.  As is the case for other yeast that lack Helices 3 and 4, Srp9 
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in C. neoformans is replaced by a related but larger protein, Srp21 (Rosenblad et al., 

2004) (Supplemental Table S1).  Near the boundary between the Alu and S domains, the 

C. neoformans SRP RNA exhibits a small Helix 10, but no evidence of Helix 11.  These 

helices, which are widespread in fungal SRP RNAs, are individually dispensable in S. 

cerevisiae but exhibit genetic interactions with other more conserved segments of the 

SRP RNA (van Nues and Brown, 2007).  Finally, and as expected, the C. neoformans 

SRP RNA lacks Helix 9, which represents an Alu domain insertion that is specific to the 

Saccharomyces lineage (Rosenblad et al., 2004; van Nues and Brown, 2004).

 Whereas the Alu domain contains several fungal-specific elaborations, the S 

domain is more highly conserved across eukaryotes.  Indeed, the C. neoformans SRP 

RNA shows evidence for the three most conserved helices in this domain: 5e, 6, and 8 

(Figure 2B).  Helix 5e is a small loop that introduces a kink into the longest SRP RNA 

helix and mediates a physical interaction with Srp72 (Iakhiaeva et al., 2010; 2008).  

Although the structure of this loop appears to be unusually diverse in the fungal lineage, 

and has not been identified in microsporidia, it appears with a canonical 3 nt size in C. 

neoformans.  Consistent with the use of this motif for Srp72 assembly, the C. neoformans 

Srp72 homolog, though drastically reduced in overall size, retains the C-terminal region 

thought to be involved in binding this motif (Iakhiaeva et al., 2010) (Supplemental Table 

S1).  Helices 6 and 8, the conserved binding sites of Srp19 and Srp54, respectively, are 

also observed in the C. neoformans SRP RNA.  The apical loops of these helices contain 

conserved adenosines—at the third loop position in Helix 6 and the fourth loop position in 

Helix 8—that mediate a tertiary interaction conserved in all eukaryotic and archaeal SRP 

RNAs (Zwieb et al., 2005).  The presence of these residues at their conserved locations 

thus supports the accuracy of the predicted C. neoformans SRP RNA secondary structure.  

The most conserved region of the S domain, present in all domains of life, is Helix 

8, which contains two internal loops: a symmetrical loop near the apex of the helix and an 

asymmetrical loop near the base of the helix (Figure 3A).  The symmetrical loop consists 
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of contiguous noncanonical base pairs, including an invariant A-C pair, that form a surface 

for binding Srp54 (Batey et al., 2000).  The asymmetrical loop also interacts with Srp54.  

In the latter case, protein interaction induces a change in loop structure: the bases in 

the long strand of the loop stack against each other and interact with Srp54, whereas 

the bases in the short strand protrude out from the helix and participate in a tertiary 

interaction with Helix 6 (Kuglstatter et al., 2002; Zwieb et al., 2005).  

Whereas the symmetrical loop of Helix 8, including its invariant A-C base pair, 

is present in a canonical form in the C. neoformans SRP RNA, the asymmetrical loop 

exhibits unprecedented alterations (Figure 3B).  The long strand of the loop, which is 

normally 2-3 nt longer than the short strand, is more than 15 nt longer than the short 

strand in C. neoformans, and is predicted to form its own helix.   This dramatic alteration 

of secondary structure in Helix 8 explains why the Cryptococcus SRP RNA had not been 

identified by computational approaches, since these approaches are based on searches 

for the highly conserved, canonical Helix 8 secondary structure (Regalia et al., 2002).

Indeed, modification of existing algorithms to accommodate the novel C. 

neoformans Helix 8 structure allowed additional SRP RNAs to be identified, for the first 

time, in basidiomycete genomes.  Like the C. neoformans SRP RNA, each of these 

additional SRP RNAs, which included those of Cryptococcus gattii and Cryptococcus 

flavescens, was predicted to contain a helical insertion protruding from the long strand 

of the Helix 8 asymmetrical loop (Figure 3B and Supplemental Table 1).  Importantly, the 

sequence of this region was altered in C. flavescens and yet its base pairing was retained, 

which argues for the evolutionary conservation, and potential functional importance, of 

this unprecedented SRP RNA secondary structure.  

Together, these observations reveal unexpected diversity of the SRP RNA in 

the fungal lineage and demonstrate the existence of a new SRP RNA alignment group 

(Rosenblad et al., 2009).  We anticipate that pattern-based searches based on this 

alignment group will reveal additional SRP RNAs in basidiomycota and other yeast, 
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thereby allowing comparative analysis in the heretofore unexplored fungal lineage.  More 

generally, our observations suggest that the sensitivity of pattern-based SRP RNA searches 

could be improved by allowance for asymmetrical loop expansions.  This approach will 

also enable determination of whether asymmetrical loop insertions are unique to fungi, or 

are observed in other eukaryotes as well.

SRP RNA alterations in basidiomycetes are associated with alterations in the RNA-binding 

domain of Srp54

Because the unusual features of the C. neoformans SRP RNA lie in a region that physically 

interacts with Srp54, we sought to examine this protein in basidiomycota.  Srp54 is the 

most conserved protein subunit of the SRP, and binds to SRP RNA Helix 8 via its M 

domain. The structural basis for this interaction is similar in all domains of life (Batey et 

al., 2000; Kuglstatter et al., 2002; Rosendal et al., 2003), which explains the importance 

of several universally conserved residues in the M domain (Figure 4A, orange highlights).  

Sequence alignment of the C. neoformans Srp54 with its archaeal, bacterial, and 

other eukaryotic orthologs revealed several surprising M domain alterations (Figure 4A).  

First, the C. neoformans Srp54 contains an insertion in a region surrounded by invariant 

residues that contact SRP RNA Helix 8.  This region—bounded by E. coli Ffh/Srp54 

helices 2b and 3—differs between eukaryotes and bacteria, with eukaryotes generally 

containing ~5 additional residues that form a small helix (Kuglstatter et al., 2002).  The 

C. neoformans protein contains an even larger insertion, to an extent not previously 

described in eukaryotes.  This unusual insertion is not limited to C. neoformans, but rather 

is observed broadly across basidiomycetes (Figure 4B).  In fact, every basidiomycete 

species examined, but no ascomycete species, contained an insertion in this region.  The 

insertions ranged in size from 9 residues in C. neoformans (as compared to S. cerevisiae 

Srp54) to 57 residues in M. violaceum.  

A second striking feature of the C. neoformans Srp54 is the alteration of position 
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389, a universally conserved residue that contacts the SRP RNA, from serine to alanine 

(Figure 4A).  Such an alteration has not been observed in eukaryotic Srp54, but mutations 

of this residue to alanine or valine have been observed in chloroplast Srp54s (Figure 

4A) (Träger et al., 2012).  Interestingly, mutations at this residue are sufficient to disrupt 

binding of the chloroplast Srp54 to the chloroplast SRP RNA (Richter et al., 2008), and 

tend to be found in plant species whose chloroplasts have lost the SRP RNA, suggesting 

a coevolution between the RNA and Srp54 in this lineage (Rosenblad and Samuelsson, 

2004; Rosenblad et al., 2013; Träger et al., 2012).  Among basidiomycetes, the S389A 

mutation is less widespread than the M domain insertion, suggesting that its presence is 

not solely to compensate for the insertion’s affects on RNA binding, or vice versa (Figure 

4B). 

Thus, two major alterations in the C. neoformans Srp54 are expected to affect 

its binding to both the symmetrical and asymmetrical loops of SRP RNA Helix 8.  The 

S389 residue is expected to directly contact bases of the symmetrical loop, whereas the 

insertion is expected to abut the SRP RNA near the long strand of the asymmetric loop.  

In fact, a model of the C. neoformans Srp54 based on its M. jannaschii ortholog (Hainzl 

et al., 2002) predicts that this protein insertion faces the SRP RNA in the region from 

which the novel Helix 8 RNA insertion emerges (Figure 4C).  Each of these two protein 

alterations is observed widely in basidiomycetes, but not in ascomycetes (Figure 4D), 

demonstrating a correlation between the Srp54 alterations and the altered SRP RNA in 

basidiomycota.  The protein alterations are not strictly coincident, and the S389 residue 

appears to have been altered multiple times in the basidiomycete lineage, suggesting a 

complex co-evolution not only between these protein sites, but also between the protein 

and the SRP RNA (Figure 4D).  

Together, our results highlight the potential for a novel co-evolution in the fungal 

lineage between the most conserved components of the SRP: Srp54 and SRP RNA Helix 

8.  Although the forces affecting this co-evolution remain unclear, it is possible that an 



234

Srp54 insertion in the basidiomycete common ancestor promoted alterations in the SRP 

RNA in order to utilize the novel protein-binding surface.  Alternatively, the SRP RNA 

Helix 8 insertion may have occurred first and promoted Srp54 protein alterations that 

accommodate it.  The latter scenario is supported by the fact that highly conserved RNA 

folds can be exploited as targets of toxins.  For instance, the prokaryotic VapC toxin 

cleaves initiator tRNA at the anticodon loop (Winther and Gerdes, 2011), whereas Shiga 

and ricin family toxins target the 28S rRNA at one of the most conserved regions of the 

28S rRNA, present from bacteria to human (Endo et al., 1987; Gutell et al., 1992).  Thus, 

exposure to an environmental toxin targeting the universally conserved SRP RNA Helix 

8 may have driven alterations in this region, leading to the unprecedented SRP RNA and 

protein changes observed in the yeast lineage.  Further support for these scenarios awaits 

structural studies of the C. neoformans SRP as well as the construction of mutants that 

disentangle the effects of each individual basidiomycete SRP alteration on SRP function 

and RNA binding.
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Materials and Methods

Yeast strains and techniques

C. neoformans strains used in this study were derived from strain H99 and established 

by standard procedures (Supplementary Table S2) (Chun and Madhani, 2010).  Genes 

were identified using Broad Institute (Cambridge, MA) annotations of the var. grubii H99 

genome, where genes are named “CNAG_#.”  Strains were grown in YPAD medium (1% 

yeast extract, 2% Bacto-peptone, 2% glucose, 0.015% L-tryptophan, 0.004% adenine).

  

Tandem affinity protein purification

C. neoformans strains encoding CBP-2xFLAG-tagged proteins expressed from their 

endogenous promoters were grown in YPAD media, harvested, snap frozen, and lysed 

using a coffee grinder.  Proteins of interest were purified using anti-FLAG M2 resin (Sigma) 

and calmodulin resin (Stratagene), then analyzed by mass spectrometry as described in 

Supplemental Table S3 and elsewhere (Dumesic et al., 2013).  

RNA immunoprecipitation and detection of protein-associated transcripts

Epitope-tagged proteins were purified using anti-FLAG resin as described above, then 

eluted with 3xFLAG peptide (Sigma).  Protein-associated RNA was isolated by phenol-

chloroform extraction as described previously (Dumesic et al., 2013), then treated with 

DNaseI (DNA-free, Ambion).  To detect all RNA species, the protein-associated RNA was 

dephosphorylated using Calf Intestine Alkaline Phosphatase, then 5ʹ end radiolabeled 

using T4 polynucleotide kinase (KinaseMax, Ambion).  Labeled RNA was resolved 

alongside a single-stranded RNA ladder (New England Biolabs) in a 6% polyacrylamide 

gel with 7 M urea. To quantitatively detect specific transcripts, cDNA was generated from 

protein-associated RNA according to manufacturer’s instructions using SuperScript III 

reverse transcriptase (Invitrogen) with oligo-dT20N (38 ng/ml) and random 9-mers (10 

ng/ml) as primers.  The levels of particular transcripts were determined by quantitative 
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PCR and normalized to transcript abundance in the input fraction, as well as to transcript 

abundance in an immunoprecipitation from a wild-type strain lacking an epitope-tagged 

protein.  Primers used for PCR are listed in Supplemental Table S4.  

RNA isolation and northern blot

Total RNA was isolated using TRIzol (Invitrogen) and resolved in a 6% polyacrylamide 

gel containing 7 M urea.  The RNA was transferred to a BrightStar-Plus nylon membrane 

(Ambion) and crosslinked by UV irradiation (120 mJ; UV Stratalinker 2400, Stratagene).  

Crosslinked membranes were blocked with ULTRAhyb-Oligo solution (Ambion) for 30 

min at 42˚C, then incubated overnight at 42˚C with DNA probes complementary to the 

SRP RNA (Supplemental Table Sx), which had been 5ʹ end radiolabeled according to 

manufacturer’s instructions (KinaseMax, Ambion).  Hybridized membranes were washed 

twice, 30 min each (2x SSC, 0.5% SDS), then imaged using a storage phosphor screen 

(Amersham).  

RNA cloning

To clone the SRP RNA, SRP-associated RNA (450 ng) was purified as described above 

and ligated to a 3ʹ linker (400 pmol Linker-1 oligo, Integrated DNA Technologies) using 

T4 RNA ligase I (20 U, New England Biolabs) (Lau et al. 2001).  The reaction was 

purified over an RNeasy spin column (Qiagen) and used as a template for SuperScript 

II reverse transcriptase (Invitrogen).  cDNA synthesis was primed by an oligonucleotide 

complementary to the 3ʹ linker (275 nM) and terminated with the addition of a 5ʹ linker via 

reverse transcriptase template switch to an oligonucleotide substrate (275 nM) (Gu et al., 

2009).  The resulting cDNA was amplified by PCR using primers complementary to the 

linker sequences, which yielded a single product of approximately 300 nt.  The product 

was subsequently gel purified and cloned into the TOPO 2.1 vector (Invitrogen) according 

to manufacturer’s instructions.  Six clones were sequenced, which all corresponded to the 



237

same RNA sequence—the presumptive SRP RNA—and terminated in the same poly-U 

tract, consistent with transcription by RNA Pol III.   The SRP RNA 5ʹ end was verified by 

5ʹ RACE, as described below.  All cloning primers are listed in Supplemental Table S4.

5ʹ RACE

To validate the SRP RNA 5ʹ end, cDNA was generated from 250 ng SRP-associated 

RNA using SuperScript III reverse transcriptase (Invitrogen) primed by an oligonucleotide 

complementary to the SRP RNA.  The cDNA was purified using a Microcon-50kDa 

centrifugal filter unit (Millipore) and poly-A tailed with terminal transferase (New England 

Biolabs).  The tailed product was amplified by PCR using standard methods (Sambrook 

and Russell, 2006), gel purified, and cloned into the TOPO 2.1 vector (Invitrogen) 

according to the manufacturer’s instructions.  Five clones were sequenced, which all 

corresponded to the same SRP RNA transcription initiation site.  Primers used for cloning 

at listed in Supplemental Table S4.

Acquisition and alignment of SRP protein sequences

Basidiomycete SRP subunit protein sequences were obtained from UniProt (UniProt 

Consortium, 2014), whereas ascomycete sequences were obtained from the SRP 

database (Andersen et al., 2006), and chloroplast sequences were obtained from (Träger 

et al., 2012).  Protein sequences were aligned using Clustal Omega (Paquin et al. 1997).  

The structural location of inserted residues in C. neoformans Srp54 was predicted using 

Phyre 2 (Kelley and Sternberg, 2009) modeling based on a structure of its ortholog in M. 

jannaschii (PBD ID: 2V3C) (Hainzl et al., 2002).

Identification of SRP RNA sequences

Basidiomycete SRP RNA sequences were predicted as described previously (Regalia et 

al., 2002) using rnabob and COVE (Eddy and Durbin, 1994) for pattern searches based 



238

on the newly identified C. neoformans SRP RNA as a model.  RNA secondary structures 

were predicted by MFOLD (Zuker, 2003) and described using the nomenclature of (Zwieb 

et al., 2005).
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Figure 1.  Biochemical purification of the C. neoformans SRP and cloning of its 

RNA subunit

A) Silver stain of protein isolated upon tandem affinity purification from C. neoformans 

strains that expressed epitope-tagged SRP subunits.  As a control, an equivalent 

purification was performed from wild-type, untagged cells.

B) Proteins associated with Srp19 or Srp54 by tandem affinity purification, as identified 

by mass spectrometry.  Likely contaminants and proteins with <10% sequence coverage 

have been excluded.

C) RNA associated with Srp19 or Srp54 by tandem affinity purification.  After each indicated 

protein purification, co-associated RNA was isolated, end labeled with 32P, and resolved 

by denaturing PAGE.   The single detected RNA species—the putative SRP RNA—was 

cloned to determine its sequence (see text).  Size markers correspond to a ssRNA ladder.

D) Northern blot to detect SRP RNA in total cellular RNA from C. neoformans.  A 

radiolabeled probe was designed to target the RNA species cloned in (C).  Size markers 

correspond to a ssRNA ladder resolved by denaturing PAGE.

E) Interaction of Srp19/54 with the SRP RNA in cells.  Levels of individual RNAs co-

immunoprecipitated with Srp19 or Srp54 were assessed by RT-qPCR and normalized 

to their abundance in whole-cell extract.  Transcript level is relative to that obtained in 

purifications from wild-type (untagged) lysates.  Error bars represent SD.  
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Figure 2
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Figure 2.  Predicted secondary structures of SRP RNAs in mammals and yeast

A) The secondary structure of the human SRP RNA.  Features of the canonical Alu 

domain are indicated: the UGUNR motif is colored in red and Helices 3 and 4, which bind 

to Srp9/14, are labeled.  Blue text indicates the conserved Helix 5e, which binds Srp72.  

Features of the S domain include: Helix 6, which binds Srp19, and Helix 8, which binds 

Srp54.  Orange and blue highlighting indicates the symmetrical and asymmetrical loops 

of Helix 8, respectively.

B) The secondary structure of yeast SRP RNAs.  Shown are the ascomycetes S. pombe 

and S. cerevisiae, and the basidiomycete C. neoformans.  Conserved structural features 

are indicated as in (A).



244

Figure 3
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Figure 3. A novel stem-loop alters Helix 8 of the SRP RNA in basidiomycetous yeast 

A) Helix 8 of the SRP RNA is universally conserved.  Example secondary structures from 

archaea (M. jannaschii), bacteria (E. coli), and eukaryotes (S. cerevisiae and H. sapiens) 

are shown.  The symmetrical loop contains a universally conserved noncanonical A-C 

base pair and interacts with Srp54.  The asymmetrical loop interacts with Srp54 and 

mediates a tertiary interaction with SRP RNA Helix 6.

B) Predicted secondary structures of SRP RNA Helix 8 in basidiomycetous yeast.  

The C. neoformans SRP RNA was identified experimentally and used as a model to 

computationally identify the SRP RNAs in C. gattii and C. flavescens.
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Figure 4.  SRP RNA Helix 8 alterations in basidiomycota are accompanied by 

alterations in its protein binding partner, Srp54

A) Alignment of Srp54 M-domain sequences from archaea, bacteria, eukaryotes, and 

chloroplasts.  Invariant residues involved in binding SRP RNA Helix 8 are indicated in 

orange.  Protein residues corresponding to alpha helices in the E. coli protein structure 

(Batey et al., 2000) are indicated above, top line.  Protein residues corresponding to alpha 

helices in the human protein structure (Clemons et al., 1999) are indicated above, bottom 

line.

B) Alignment of Srp54 M-domain sequences from basidiomycetous yeast.  Invariant 

residues involved in binding SRP RNA Helix 8 are indicated in orange.  Residues inserted 

between the SM and GSG motifs in basidiomycetes, as compared to ascomycetes, are 

indicated in red.

C) Location of M-domain insertion in C. neoformans Srp54 relative to the asymmetric 

loop of SRP RNA Helix 8.  C. neoformans Srp54 was modeled on a structure of M. 

jannaschii Srp54 bound to SRP RNA Helix 8 (PDB ID: 2V3C) (Hainzl et al., 2002).  Red 

bases indicate the large half of the asymmetrical loop, where the novel stem-loop in C. 

neoformans SRP RNA would emerge.  The red protein region indicates the site of inserted 

residues in C. neoformans Srp54.

D) Presence across basidiomycota of SM motif mutations and M-domain insertions in 

Srp54.  The number of inserted residues between the SM and GSG motifs is indicated 

relative to the S. cerevisiae Srp54 sequence.  The phylogenetic tree was adapted from 

(Bohlin et al., 2010).
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Supplemental Table 1.  Sequences of SRP components identified in this study.

Name
CNAG/

Species Sequence
Srp9/21 CNAG_5798 MVYIKNWTDFETAATDLYARSPTKVRYCVKFQPKTGHLVLKITDDVKCIKYKTFSSIILN

RFDSLNLRLLSSMSNTKARPKTITTISASETPERGGTPAPAGASAAAPPSAVASGGQEGT
KQGAQGKPNTGGKKKKKGKR

Srp14 CNAG_4994 MPQNLVSPDEFLTKLGQCFSDPSSSSSVWLTHKRLTYSDDGDVQMNDEERENNGEGPEHE
VLIRCTQGDNKFSARISASSLPSFHAAYGSLLKTSMAPLMRKRDKKKEKARAEALTKKRK
ELYVDVVIGNDGKRGKGRRQRQRKVAAQKKKESEREKLELRQAQQKASGDL

Srp19 CNAG_4797 MPTVEDYFDDDTDLPLPSSSRPTLPNTGTRGALLEEITSDDEGDIDFNKLAEQGRGIFGE
NSKAPAPSAPSFNASDKGKLAVRDGDQNVVGGGPTINPNTPMGGLMGDMMKLQAADEERL
EKLRGKFGNVNIGADPSVYKDWNVVYPLYFDAKVSINSGRRVPRTSAVWWPIATQIAEAC
KSLGLPSVLEPDRCHPADWENPGRVKVQFVKDGRFINPIIKNRTQLYKHISDQIRQRNPS
IVFDPTATASRRPQPFSSASTSKPTKKSKAKVKQSSKAPRPIVKLPTRPPLPPVPVPNPD
DRLPFNSPLIPMGVIIAAIKREKAEEKEKKKAGGGEGTGEAKAPKMKKIVVRGKR

Srp54 CNAG_02174 MVLADLGTRLHGAWNQLSKASVIDDKVIDGVLKELCAALLESDVNVKLVASLRTKVKAKV
KKSLEESEKTGGREANKKNVVQKAVFDELVALVDPGTEPYKPVKGKTNVLMAVGIQGAGK
TTTCTKLAVHYQRRGFRTCLVCADTFRAGAFDQLKQNATKAKIPFYGSYTETDPVAIASL
GVEKFRKERFDVIVVDTSGRHKQESELFEEMVAIGAAVKPDMTLMVLDASIGQAAEGQSR
AFKDSADFGAIIVTKLDGHAKGGGAISAVAATKTPIIFLGTGEHLNDLERFAPQPFISKL
LGMGDMQGLVEHMQDMARANPDRQKDLAKKLEQGKFSIRDWREQLSNIMNMGSISKIASM
IPGLPAGIMDGNEEEASAKLKRLIFITDAMRADELDSDGSIFVSYDKQGNPVGLNKRAKR
VAKGSGTSLRELEDLLVQARMMAGMAKQAGGQNGWMSAMQKMQAAAGGKPLGPNGQPSPA
QIEAMRKAMPPELVRKLRAAGPQGAQKMMQDMMGGMGGMPGMGGAGGPGGMDLGNMMRML
GGGGGGGGGMPDMSQMQEMMKGMGMGGGGMGGMPDMSQLMKMMGGSG

Srp68 CNAG_5240 MSVDQVDVSFKVLSLLSKERAVYGLRNGDHERYRRHCSNKVHRLRQVTGTTCGKKTYKAP
SKIEAESVKDVRQLQLLLFSTERALAHSHELKRDKTHSKKDQLSWLRQAFKLSTQLYSLV
QSLSAPSSDLPGRADAKTLGEITIYHLAIRSELSFEKSNWIGSLTDLACRRKLLATLVEG
AKDSYDEALANEFIDSHDPLIRYCAYKLGRAESHDIEGVMADIEPEVLEEALPGMSQLLE
SLRTETGVEEMEEGRRKLEDVEFAGEKVELRNAEIVGVMVRVQDALSKLGDGKSKGARGM
KRWDRVLSVLGEAEGVARKLLEDNEASGASSSLRSTRTAQSLALAHQYIIYLLLTHRIRR
DLALVETLSSSPVPKDPTQFKVQGGKAKLEEVVKTLGAIVKLYGTMLQSLKQAAELSVVQ
EKEGVRSGVEGLEAYFHAIRCYNLARLHCIHPDPSYPSAVQLLSNASLSLRQAQDFLSSP
IDEPIVSVPAKDLSSLSKDISALEKASKRGLFGQSVEKPVFFDMAFNYIDLPIDELQRMA
SNGEKVEATNIKTHEKEVEIKSVENVKKSRESRETTPAVDSQEEKQEGKKGWLGGWFGRK

Srp72 CNAG_3708 MAPPAKPTSTPKRKPFSPKPPRPAEERLPKLYRALTDQVDDGYFENAIKTCKKILALDAS
SQTAFQTLLFLHLQTDDYTSALSLLDHPSNEQSLDFERAYCLYRLHREKEALEVLKGLSE
KGRKTDHLEAQILYRLGEYSQAQEIYEGMLADCDVSSPEHADIVTNLSATTAHLDFDTHG
YHSHLSTTISSTSQTPMNTADLETIVPSLPTGWSSGGLAATVEKKTATVKAPEEKNERSR
PRHKLPKGVVAGKEFTEDPERWIPFRQRLSYITAQSKKKGAKESMGTGFTQGSTGGHSAG
SGGGGKSKKGKRK

SRP RNA C. neo. ATGCTGTAATGGCTTAGGGGAAGGTGCTCTTTTACTTTCACGGAGTTCCTCTCTTCAGCG
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CTGCCACATTGCGGCCACGTCTCCTCTAGCCTGTGTGTTCGAGTCCCACCAAGATCTCAT
GATTTTGTCTTTGGGTTTACTCGGTAATCAAGCCAGTTTTCATTTCTCGTAAATGACAGA
TAGGCCGGTAACGGATCATTCTGGCTGGTTTGGCATACATGCTTCAAGAGGATTGGACAG
TCGTAGCAGGGCAGAGAGAGCCGGGAGGACACCAACTTTT

SRP RNA C. gattii ATGCTGTAATGGCTTAGGGGAAGGTGCCCTTTTATTTTCACGGAGTTCCTCTCTTCAGCG
CTGCCACATTGCGGCCGCGTCTCCTCTAGCCCGTGTGTTCGAGTCCCACCAAGATCTCAT
GATTTTGTCTTTGGGTTTACTCGGTAATCAAGCCAGTTCTCATTTCTCGTAAATGACAGA
TAGGCCGGTAACGGATCATTCTGGCTGGTTTGGCATACATGCTTCAAGGGGATTGGACAG
TCGTAGCAGCGCAGAGAGAGCCGGGAGGACACCAACTTTT

SRP RNA C. flav. AAGCTGTAATGGCTTTTGAGAAGATGTCCACTTACTACCACGGATCAACCCTCATCAGCG
CTCCATCATTACACTTTCAGTCTCCTCTAGCACGAGTGTTCGAGCCCCACCTTACTCTCA
AGAGTGAGCTTGTTGCTTCGCTCGGTGATCAAATGGATTATGGTCGTACTTGTGCGACTC
AGATAGGCCGGCAACGGATCATTCTGGTTCATGTTGGCATTGGTGCTTCAAGAGGATGGG
ACGGGTGTAGGCAGCGCAGTGAGGTCCGGGTGGGGATCGACTTTT
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Supplemental Table 2.  Strains used in this study.

PAD# CM# Species Genotype
Parental 

strain Source
PAD2 CM229 C. neo. H99 (wild-type) - 1

PAD379 CM530 C. neo. srp19-CBP-2xFLAG-NatR PAD2 2
PAD382 CM533 C. neo. srp54-CBP-2xFLAG-NatR PAD2 2

1= Gift of 
J. Lodge
2= This 
study
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Supplemental Table 3.  Proteins removed from mass spectrometry results by 

background filtering criteria.

Protein hits were excluded if they met at least one of the following criteria:

1) Identified by peptide coverage less than 10% (not shown)

2) Structural components of the ribosome

3) Proteins identified in purifications from a WT (untagged) strain

4) Proteins likely to be abundant, such as cytoskeletal proteins, metabolic proteins, 

chaperones, and mitochrondrial proteins

Bait: WT (untagged)
Gene ID Name % coverage Exclusion Reason

CNAG_02578 Pch2 22.8 3
CNAG_04114 Rps0a 16.1 3
CNAG_01727 Hsp71 14.0 3
CNAG_07414 Pan6 12.6 3

Bait: Srp19-CBP-2xFLAG (replicate 1)
Gene ID Name % coverage Exclusion Reason

CNAG_04799 Rpl14a 46.0 2
CNAG_01976 Rpl23a 37.7 2
CNAG_04068 Rpl28a 32.7 2
CNAG_05556 Rpl38 31.8 2
CNAG_02578 Pch2 30.1 3
CNAG_01170 Rps17b 29.4 2
CNAG_06447 Rpl17a 22.0 2
CNAG_04114 Rps0a 19.9 3
CNAG_00703 Rpl31a 19.3 2
CNAG_04004 Rps1a 18.5 2
CNAG_01727 Hsp71 17.0 3
CNAG_00656 Rpl7a 15.2 2
CNAG_05232 Rml2 12.5 2
CNAG_01332 Rps24a 11.9 2
CNAG_03053 Rpl25 11.7 2
CNAG_01927 Hsp40 11.7 4
CNAG_01750 Hsp72 10.9 4

Bait: Srp19-CBP-2xFLAG (replicate 2)
Gene ID Name % coverage Exclusion Reason

CNAG_04799 Rpl14a 46.0 2
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CNAG_02578 Pch2 41.5 3
CNAG_06447 Rpl17a 39.0 2
CNAG_01727 Hsp71 38.4 3
CNAG_01976 Rpl23a 33.3 2
CNAG_04068 Rpl28a 32.7 2
CNAG_01152 Rps6a 31.6 2
CNAG_05232 Rml2 27.1 2
CNAG_01750 Hsp72 23.5 4
CNAG_01884 Rpl3 22.6 2
CNAG_04114 Rps0a 22.6 3
CNAG_00656 Rpl7a 22.0 2
CNAG_04004 Rps1a 20.8 2
CNAG_04011 Rpl43a 20.7 2
CNAG_02359 Rps25a 20.6 2
CNAG_00116 Rps3 19.8 2
CNAG_04762 Rpl4a 18.5 2
CNAG_03747 Rpl28 17.6 2
CNAG_03780 Rps16a 17.1 2
CNAG_04021 Rpl26a 15.8 2
CNAG_00703 Rpl31a 14.3 2
CNAG_00370 Rpl40a 14.0 2
CNAG_06125 Tef1 13.9 4
CNAG_03739 Rpl10 13.0 2
CNAG_04448 Rpl19a 11.3 2

Bait: Srp54-CBP-2xFLAG (replicate 1)
Gene ID Name % coverage Exclusion Reason

CNAG_05232 Rml2 22.0 2
CNAG_06447 Rpl17a 21.4 2
CNAG_01976 Rpl23a 21.0 2
CNAG_03780 Rps16a 20.0 2
CNAG_02578 Pch2 17.6 3
CNAG_00116 Rps3 15.9 2
CNAG_01727 Hsp71 14.8 3
CNAG_00703 Rpl31a 14.3 2
CNAG_04883 Rps18a 11.0 2
CNAG_04004 Rps1a 10.8 2
CNAG_01750 Hsp72 10.3 4

Bait: Srp54-CBP-2xFLAG (replicate 2)
Gene ID Name % coverage Exclusion Reason

CNAG_01727 Hsp71 66.4 3
CNAG_03747 Rpl28 48.6 2
CNAG_06447 Rpl17a 42.9 2
CNAG_01884 Rpl3 42.8 2
CNAG_00656 Rpl7a 42.8 2
CNAG_01750 Hsp72 40.8 4
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CNAG_04004 Rps1a 39.8 2
CNAG_01152 Rps6a 39.7 2
CNAG_02578 Pch2 38.8 3
CNAG_00703 Rpl31a 37.8 2
CNAG_04114 Rps0a 37.7 3
CNAG_01170 Rps17b 36.4 2
CNAG_04762 Rpl4a 32.5 2
CNAG_04799 Rpl14a 30.2 2
CNAG_05556 Rpl38 29.9 2
CNAG_00640 Rps4a 26.6 2
CNAG_00116 Rps3 25.8 2
CNAG_05232 Rml2 25.5 2
CNAG_04021 Rpl26a 24.8 2
CNAG_06633 Rsm19 24.7 2
CNAG_03198 Rps8a 24.5 2
CNAG_00334 Hsp75 23.6 4
CNAG_03944 Ydj1 23.4 4
CNAG_00771 Rpl35a 22.8 2
CNAG_03053 Rpl25 20.8 2
CNAG_03739 Rpl10 20.4 2
CNAG_05525 Rps26a 18.9 2
CNAG_04726 Rpl20a 18.6 2
CNAG_03283 Rpl24a 18.0 2
CNAG_03510 Rpl36a 18.0 2
CNAG_04068 Rpl28a 17.9 2
CNAG_03787 Tub1 16.3 4
CNAG_06125 Tef1 15.9 4
CNAG_06605 Rps2 15.2 2
CNAG_05800 Rpl33a 15.2 2
CNAG_02331 Rps9a 15.0 2
CNAG_04448 Rpl19a 14.9 2
CNAG_06150 Hsp82 14.3 4
CNAG_01976 Rpl23a 13.8 2
CNAG_00672 Rps11a 13.7 2
CNAG_06231 Rpl16a 11.6 2
CNAG_04445 Rps7a 11.6 2
CNAG_06919 Nop1 11.5 4
CNAG_01896 Ypr1 10.8 4
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Supplemental Table 4.  Primers used in this study.

Name Sequence
Target 

transcript Application
Linker1 (5rApp)CTGTAGGCACCATCAAT(3ddC)* - 3’ linker
PAD2114 ATTGATGGTGCCTACAG - RNA cloning RT primer
PAD2115 TCTACAGTCCGACGATCrGrGrG** - RNA cloning temp. switch
PAD2114 ATTGATGGTGCCTACAG - RNA cloning PCR 
PAD2116 GTTCTACAGTCCGACGATC
PAD2269 CGTTACCGGCCTATCTGTC SRP RNA 5’ RACE RT primer
PAD2287 GACTCGAGTCGACATCGATTTTTTTTTTTTTTTTT - 5’ RACE adaptor
PAD2288 GACTCGAGTCGACATCG - 5’ RACE PCR primer
PAD2269 CGTTACCGGCCTATCTGTC SRP RNA 5’ RACE PCR primer
PAD913 ACCTTCGGGTCGGCATAAGA U6 RNA-IP
PAD914 TCCTCTCTGCTCGAGTTTGTC
PAD1765 CCAGATCATGTTCGAGACTTTC CNAG_0483 

(actin)
RNA-IP

PAD1766 CCAGAGTCAAGAACGATACCG
PAD1761 GCAAGGTCATTCCTTCCCTTA CNAG_6699 

(GAPDH)
RNA-IP

PAD1762 ACCCTTCTCAATGCGACAAAC
PAD2265 GGGGAAGGTGCTCTTTTAC SRP RNA RNA-IP
PAD2267 CATGAGATCTTGGTGGGACTC
PAD2205 GTATGCCAAACCAGCCAGAATGATCCGTTACCGGCC SRP RNA Northern

*(5rApp) = 5’adenylation
*(3ddC) = 3’dideoxycytosine
**rG = riboguanosine



255

References

Akopian, D., Shen, K., Zhang, X., and Shan, S.-O. (2013). Signal recognition particle: an 

essential protein-targeting machine. Annu Rev Biochem 82, 693–721.

Andersen, E.S., Rosenblad, M.A., Larsen, N., Westergaard, J.C., Burks, J., Wower, I.K., 

Wower, J., Gorodkin, J., Samuelsson, T., and Zwieb, C. (2006). The tmRDB and SRPDB 

resources. Nucleic Acids Research 34, D163–D168.

Batey, R.T., Rambo, R.P., Lucast, L., Rha, B., and Doudna, J.A. (2000). Crystal structure 

of the ribonucleoprotein core of the signal recognition particle. Science 287, 1232–1239.

Bohlin, L., Göransson, U., Alsmark, C., Wedén, C., and Backlund, A. (2010). Natural 

products in modern life science. Phytochem Rev 9, 279–301.

Chun, C.D., and Madhani, H.D. (2010). Applying genetics and molecular biology to the 

study of the human pathogen Cryptococcus neoformans. Meth Enzymol 470, 797–831.

Clemons, W.M., Gowda, K., Black, S.D., Zwieb, C., and Ramakrishnan, V. (1999). Crystal 

structure of the conserved subdomain of human protein SRP54M at 2.1 A resolution: 

evidence for the mechanism of signal peptide binding. J. Mol. Biol. 292, 697–705.

Dumesic, P.A., Natarajan, P., Chen, C., Drinnenberg, I.A., Schiller, B.J., Thompson, J., 

Moresco, J.J., Yates, J.R., Bartel, D.P., and Madhani, H.D. (2013). Stalled spliceosomes 

are a signal for RNAi-mediated genome defense. Cell 152, 957–968.

Eddy, S.R., and Durbin, R. (1994). RNA sequence analysis using covariance models. 

Nucleic Acids Research 22, 2079–2088.

Egea, P.F., Shan, S.-O., Napetschnig, J., Savage, D.F., Walter, P., and Stroud, R.M. (2004). 

Substrate twinning activates the signal recognition particle and its receptor. Nature 427, 



256

215–221.

Endo, Y., Mitsui, K., Motizuki, M., and Tsurugi, K. (1987). The mechanism of action of ricin 

and related toxic lectins on eukaryotic ribosomes. The site and the characteristics of the 

modification in 28 S ribosomal RNA caused by the toxins. J Biol Chem 262, 5908–5912.

Gu, W., Shirayama, M., Conte, D., Vasale, J., Batista, P.J., Claycomb, J.M., Moresco, 

J.J., Youngman, E.M., Keys, J., Stoltz, M.J., et al. (2009). Distinct argonaute-mediated 

22G-RNA pathways direct genome surveillance in the C. elegans germline. Mol Cell 36, 

231–244.

Gutell, R.R., Schnare, M.N., and Gray, M.W. (1992). A compilation of large subunit (23S- 

and 23S-like) ribosomal RNA structures. Nucleic Acids Research 20 Suppl, 2095–2109.

Hainzl, T., Huang, S., and Sauer-Eriksson, A.E. (2002). Structure of the SRP19 RNA 

complex and implications for signal recognition particle assembly. Nature 417, 767–771.

Halic, M., Becker, T., Pool, M.R., Spahn, C.M.T., Grassucci, R.A., Frank, J., and Beckmann, 

R. (2004). Structure of the signal recognition particle interacting with the elongation-

arrested ribosome. Nature 427, 808–814.

Hauser, S., Bacher, G., Dobberstein, B., and Lütcke, H. (1995). A complex of the signal 

sequence binding protein and the SRP RNA promotes translocation of nascent proteins. 

Embo J 14, 5485–5493.

Iakhiaeva, E., Iakhiaev, A., and Zwieb, C. (2010). Identification of amino acid residues in 

protein SRP72 required for binding to a kinked 5e motif of the human signal recognition 

particle RNA. BMC Mol. Biol. 11, 83.

Iakhiaeva, E., Wower, J., Wower, I.K., and Zwieb, C. (2008). The 5e motif of eukaryotic 

signal recognition particle RNA contains a conserved adenosine for the binding of SRP72. 



257

Rna 14, 1143–1153.

Janda, C.Y., Li, J., Oubridge, C., Hernández, H., Robinson, C.V., and Nagai, K. (2010). 

Recognition of a signal peptide by the signal recognition particle. Nature 465, 507–510.

Kelley, L.A., and Sternberg, M.J.E. (2009). Protein structure prediction on the Web: a 

case study using the Phyre server. Nat Protoc 4, 363–371.

Kuglstatter, A., Oubridge, C., and Nagai, K. (2002). Induced structural changes of 7SL 

RNA during the assembly of human signal recognition particle. Nat. Struct. Biol. 9, 740–

744.

Nagai, K., Oubridge, C., Kuglstatter, A., Menichelli, E., Isel, C., and Jovine, L. (2003). 

Structure, function and evolution of the signal recognition particle. Embo J 22, 3479–3485.

Powers, T., and Walter, P. (1997). Co-translational protein targeting catalyzed by the 

Escherichia coli signal recognition particle and its receptor. Embo J 16, 4880–4886.

Regalia, M., Rosenblad, M.A., and Samuelsson, T. (2002). Prediction of signal recognition 

particle RNA genes. Nucleic Acids Research 30, 3368–3377.

Richter, C.V., Träger, C., and Schünemann, D. (2008). Evolutionary substitution of two 

amino acids in chloroplast SRP54 of higher plants cause its inability to bind SRP RNA. 

FEBS Lett 582, 3223–3229.

Rosenblad, M.A., and Samuelsson, T. (2004). Identification of chloroplast signal recognition 

particle RNA genes. Plant Cell Physiol. 45, 1633–1639.

Rosenblad, M.A., Larsen, N., Samuelsson, T., and Zwieb, C. (2009). Kinship in the SRP 

RNA family. RNA Biol 6, 508–516.

Rosenblad, M.A., Träger, C., and Schünemann, D. (2013). Structural diversity of signal 



258

recognition particle RNAs in plastids. Plant Signal Behav 9.

Rosenblad, M.A., Zwieb, C., and Samuelsson, T. (2004). Identification and comparative 

analysis of components from the signal recognition particle in protozoa and fungi. BMC 

Genomics 5, 5.

Rosendal, K.R., Wild, K., Montoya, G., and Sinning, I. (2003). Crystal structure of the 

complete core of archaeal signal recognition particle and implications for interdomain 

communication. Proc Natl Acad Sci USA 100, 14701–14706.

Sambrook, J., and Russell, D.W. (2006). Rapid Amplification of 5“ cDNA Ends (5-”RACE). 

CSH Protoc 2006, pdb.prot3989–pdb.prot3989.

Träger, C., Rosenblad, M.A., Ziehe, D., Garcia-Petit, C., Schrader, L., Kock, K., Richter, 

C.V., Klinkert, B., Narberhaus, F., Herrmann, C., et al. (2012). Evolution from the prokaryotic 

to the higher plant chloroplast signal recognition particle: the signal recognition particle 

RNA is conserved in plastids of a wide range of photosynthetic organisms. Plant Cell 24, 

4819–4836.

UniProt Consortium (2014). Activities at the Universal Protein Resource (UniProt). Nucleic 

Acids Research 42, D191–D198.

van Nues, R.W., and Brown, J.D. (2004). Saccharomyces SRP RNA secondary structures: 

a conserved S-domain and extended Alu-domain. RNA 10, 75–89.

van Nues, R.W., and Brown, J.D. (2007). Distant segments of Saccharomyces cerevisiae 

scR1 RNA promote assembly and function of the signal recognition particle. J. Mol. Biol. 

368, 677–690.

Winther, K.S., and Gerdes, K. (2011). Enteric virulence associated protein VapC inhibits 

translation by cleavage of initiator tRNA. Proc Natl Acad Sci USA 108, 7403–7407.



259

Zuker, M. (2003). Mfold web server for nucleic acid folding and hybridization prediction. 

Nucleic Acids Research 31, 3406–3415.

Zwieb, C., van Nues, R.W., Rosenblad, M.A., Brown, J.D., and Samuelsson, T. (2005). A 

nomenclature for all signal recognition particle RNAs. RNA 11, 7–13.



260


	chapter_0
	chapter_1 copy 2
	chapter_2 copy 2
	chapter_3 copy 2
	chapter_4 copy 2
	chapter_5 copy
	chapter_6 copy
	library_page copy



