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 Central nervous system (CNS) tissue lacks the ability to heal properly after spinal cord 

injury (SCI) due to complex pathophysiology. The combination of chronic inflammation, glial 

scarring, and blood-spinal-cord-barrier (BSCB) permeability create an inhibitory environment for 

regeneration. Any successful therapeutic for SCI must address these issues by resolving chronic 

inflammation, promoting angiogenesis and BSCB integrity, regenerating neural tissue, and 

integrating with host tissue. Hydrogels have been employed to accomplish those goals. However, 

there are a few design criteria that need to be considered including injectability, biocompatibility, 

biodegradability, interactivity, porosity, and swelling. Hyaluronic acid (HA) is an ideal base for 
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hydrogels because it is non-immunogenic and has multiple chemical groups that can be easily 

functionalized using aqueous, biocompatible chemistries to create crosslinking sites.  

 The data presented in this dissertation highlights the importance of HA molecular weight 

(MW) and pore size in the design of HA-based biomaterials. HA is a simple molecule with an 

extremely complex bioactivity dependent on its MW. First, we characterized the effects of HA MW 

alone on human cerebral microvascular endothelial cells (HCMVECs), U937-derived 

macrophages, and human neural stem cells (hNSCs). Additionally, we also characterized the 

ability of HA to cluster its main receptor CD44 in a MW-dependent manner. Second, we 

characterized how chemical modification and subsequent crosslinking of HA into annealed, 

macroporous microparticle scaffolds (AMMS) affects this MW-dependent bioactivity and 

clustering of CD44. Last, we began characterization on how pore size in AMMS influences 

angiogenesis and inflammation. Altogether, the data presented in this dissertation highlights two 

critically important parameters in the design of HA-based biomaterials for spinal cord repair. 
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Chapter 1: Introduction to the role of hyaluronic acid in wound healing 

 

HA and its receptors 

 Hyaluronic acid (HA) is a prominent glycosaminoglycan (GAG) component of the 

extracellular and pericellular matrices (ECM, PCM) throughout the body1–3. It is commonly found 

in the vitreous fluid, synovial fluid, derma, and is even the backbone of the ECM in the central 

nervous system (CNS)1,4,5. The structure of HA is very simple with repeating disaccharide subunits 

composed of D-glucuronic acid and N-acetyl-D-glucosamine connected by β-glycosidic linkages 

that can be repeated thousands of times allowing HA to have a range of molecular weights from 

1.6 kDa to 20,000 kDa2,3. In its native form, HA has a high molecular weight (HMW, >700 kDa) as 

it is synthesized by HA synthases (HAS). Upon degradation by hyaluronidases (HYAL), it can be 

fragmented into low MW (LMW, <200 kDa)1–3. Despite its simple chemical structure, HA exhibits 

MW-dependent bioactivity2,6,7.  

 

Overview of MW-dependent bioactivity of HA 

HMW HA has been shown to suppress septic responses due to lipopolysaccharides 

(LPS)8,9, maintaining immune tolerance10, inducing pro-resolving M2 macrophage polarization11, 

and reducing inflammatory cytokine expression12. Furthermore, HMW HA has been shown to be 

anti-angiogenic13,14. Conversely, low molecular weight (LMW) HA fragments have been shown to 

be pro-angiogenic13,14 and pro-inflammatory2,3. The degradation of native, HMW HA in the ECM 

into LMW fragments helps initiate the inflammatory response facilitating recruitment and 

proliferation of cells for repair. Even though the acute injury response, required to initiate wound 

healing, is associated with LMW HA, resolution of inflammation likely requires restoration of the 
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HMW HA ECM2,3. This differential immunoactivity is believed to be due to the ability of HA to 

differentially bind to the HA receptors cluster of differentiation 44 (CD44), receptor for HA-

mediated motility (RHAMM; aka CD168 or HMMR), and toll-like receptor 2/4 (TLR 2/4) in a MW-

dependent fashion1–3,5,8,11,15. 

 

CD44 

 CD44 is a transmembrane protein found on the plasma membranes of almost all human 

cells. Being the main receptor for HA, one of its many functions is to bind and internalize HA 

fragments1,16. Specifically, in the context of wound healing, CD44 mediates cellular uptake of 

degraded HA fragments17. Jiang et al. showed blocking HA-CD44 binding in macrophages in a 

mouse model of lung inflammation, clearance was impaired and healing was delayed18. 

Additionally, CD44-HA interactions have been shown to mediated fibroblast migration into a 

wound site1,19. A major phenomenon in regard to the MW-dependent bioactivity of HA is its 

presumed ability to cluster CD44 at higher MWs20. CD44 clustering, in the presence of HMW HA, 

can block activation and downstream signaling of TLR 2/46,21. Additionally, HMW HA bound to 

CD44 coats the cell membrane to form the PCM, which can prevent the cells from undergoing 

apoptosis22. LMW HA does not form a PCM and can only bind monomeric CD441,20. Furthermore, 

HMW HA-induced clustering of CD44 has been shown to be mediated by the actin cytoskeleton23. 

CD44 clustering contributes to monocyte differentiation24 and mediates HMW HA-induced Hippo 

signaling, which subsequently directs cell density-dependent growth25. Furthermore, HA-CD44 

interactions play a significant role in regulating angiogenesis, where HMW HA inhibits and LMW 

HA promotes EC proliferation, via merlin and ezrin signaling, respectively13,14 which are involved 

in the Hippo pathway. In contrast, interactions of HMW HA with CD44 can induce CXCL12-

CXCR4 signaling, resulting in increased motility and vessel formation of primary human umbilical 



3 
 

vein endothelial cells (HUVECs) in culture26. This effect was inhibited by LMW HA. These 

contrasting effects must be further investigated and are motivation for experiments performed in 

later chapters of this dissertation. 

RHAMM 

 RHAMM protein is thought to have a variety of activities and may be present as a cell 

surface receptor, in the cytoplasm, or in the nucleus1,17,27,28. The RHAMM signaling cascade is 

quite complex involving Src kinase, focal adhesion kinase (FAK), extracellular-signal-regulated 

kinase 1/2 (ERK 1/2), protein kinase C (PKC), and the Ras pathway1,17,27,28. RHAMM-HA signaling 

induces cell movement through interactions of RHAMM with the cytoskeleton to activate 

downstream singnaling pathways involved in cell migration1,28. Blocking HA-stimulated RHAMM 

signaling inhibits cell migration1,17. Tolg et al. showed that blocking LMW HA signaling, using 

competitive binding of RHAMM-mimetic peptide, reduced inflammation and fibrotic scarring29. Cui 

et al. reported that in an acute lung injury mouse model, RHAMM KO mice showed reduced 

inflammation, fibrosis, and lower M1 macrophage content, while transgenic mice with RHAMM 

overexpression showed increases in each of these three measurements30. 

 

TLRs 

 TLRs are a highly conserved class of cellular receptors that enable the immune system to 

detect pathogens and coordinate a host defense1,16. There members of the TLR family, each of 

which can interact with pathogen-associate molecular patterns (PAMPs), such as 

lipopolysaccharide (LPS) in gram-negative bacteria or lipopeptide in gram-positive bacteria bound 

by TLR4 and TLR2, respectively1,5,8. In addition, TLRs can be activated by danger-associated 

molecular patterns (DAMPs), including ECM degradation products such as LMW HA1,6,7,9.  While 

both LMW and HMW HA can interact with RHAMM and CD441,17, only LMW HA can interact with 



4 
 

TLR 2/42,3,7. Inflammatory signaling via activation of TLR2 and/or TLR4 receptors is dependent 

on downstream MyD886,7. Additionally, LMW HA has been shown to induce CD44 and TLR2/4 to 

form complexes at the cell membrane9,31,32. However, HMW HA can block LMW HA signaling by 

blocking binding of TLR2 by LMW HA6 and mitigation of downstream signal cascades through 

CD44 signaling8,9,33,34. 

 

Traditional Wound Healing 

 Wound healing is an incredibly intricate and highly regulated process that begins after 

tissue injury. The wound healing process occurs in four, temporally overlapping phases: 

hemostatic, inflammatory, proliferation, and remodeling1,3,35,36. These phases progress through 

significant interactions between cells and the ECM. Fibrin clotting and factors released by 

platelets creates a provisional ECM during the hemostatic phase. This provisional matrix, which 

is a combination of fibrinogen/fibrin, fibronectin, HA, and heparan sulfate, temporally modulates 

various aspects of the wound healing including, directing immune cell behavior during the 

inflammatory phase, promoting fibroblast and EC proliferation during the proliferation phase, and 

ECM deposition during the proliferation and remodeling stages3,35,37. 

 

Role of HA in the hemostasis 

 The hemostatic phase begins immediately after injury as tissue damage and bleeding lead 

to coagulation, resulting in formation of a platelet-rich clot initiating the wound healing 

process1,3,35. As the initial clot forms, platelets deposit fibrinogen which gets cleaved into fibrin 

polymers to form the clot. Platelets also contain HMW HA in their cytoplasm, as well as 

hyaluronidase 2 (HYAL2) in their membranes38. HYALs are a class of enzymes that degrade HA. 
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As platelets accumulate in the wound site, they begin to release HMW HA that is instantly 

degraded by HYAL2 into approximately 50 kDa fragments, which exhibit pro-inflammatory effects 

to initiate the inflammatory response5,6,16,32,38. It has been hypothesized, however, that fibrinogen 

and/or fibrin may inhibit HYALs, as the activity of HYAL2 decreases to allow for accumulation of 

HMW HA forming the main architecture of the provisional matrix 3,35. A major contribution of HMW 

HA in the provisional matrix is the tissue swelling that occurs due to the ability of HA to retain 

water35,39,40. HA-mediated swelling of the provisional matrix increases porosity of the matrix and 

clot, enabling migration of immune and endothelial cells for subsequent repair3,17,35. 

 

Role of HA in inflammation 

 As HMW HA swells the provisional matrix of the clot, porosity increases, which coupled 

with the pro-inflammatory LMW HA fragments present, initiates the recruitment and migration 

neutrophils from the blood stream and bone marrow6,35,41,42. Neutrophils work to sterilize the 

wound by phagocytosing debris. Neutrophils also continue the degradation of HMW HA into LMW 

HA fragments by producing free radicals, such as reactive oxygen species (ROS), that are known 

to catabolize HA3,4,43. Neutrophils typically only last in the wound site for about 6-7 hours. As they 

begin to disappear from the wound, lymphocytes and monocytes are recruited constituting the 

chronic inflammatory phase. During chronic inflammation, free-radical cleavage of HA continues 

to produce more LMW HA fragments3,4. These LMW HA fragments activate TLR2/4 receptors on 

the surfaces of tissue macrophages that differentiate from infiltrating monocytes2,3,6,7,16. TLR2/4 

activation polarizes macrophages towards a pro-inflammatory M1 phenotype11. These M1 

macrophages work to phagocytose any remaining debris in the wound as well as secrete a pro-

inflammatory cytokine and chemokine storm to recruit more macrophages, as well as fibroblasts, 

smooth muscle cells, and endothelial progenitors35. Additionally, HA produced by damaged 
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endothelial cells in the wound site is also rapidly cleaved producing LMW HA fragments which 

promote proliferation and migration of endothelial progenitor cells13,14,37. Monocytes, 

macrophages, and EC progenitors cooperate in neovascularization and forming granulation 

tissue, in the following proliferative phase3,35. 

 

Role of HA in proliferation 

 As the inflammatory phase concludes, the proliferation stage of wound healing begins. In 

this phase, granulation tissue begins to form as a complex of ECs, macrophages, fibroblasts, and 

myofibroblasts35. Granulation tissue possesses high levels of HMW HA as HYAL-mediated 

degradation of HA begins to decrease1,3. Fibroblasts are critical during the proliferative phase of 

wound healing, mediating collagen deposition. The HMW HA-rich granulation tissue is able to 

stimulate fibroblasts to synthesize type III collagen as a temporary collagenous patch44. 

Simultaneously, fibroblasts also produce type I collagen as they work to re-establish the collagen 

matrix which is the backbone of healthy ECM in most tissues35,45.  

 

Role of HA in remodeling 

 After an injury, re-epithelialization, using skin as an example, begins as keratinocytes 

begin to migrate into the wound after fibroblasts have produced a new collagen-rich ECM35. 

During re-epithelialization, HMW HA can mainly be found along the border of the wound1,3,28. 

HMW HA regulates keratinocyte proliferation as well as keratinocyte maintenance of local HA 

homeostasis, as epidermal growth factor (EGF) activates keratinocyte synthesis of HA3,27,46. 

Keratinocytes produce collagenase, which degrades collagen produced by fibroblasts, effectively 

regulating collagen deposition in the wound site3,35. As type I collagen becomes predominant in 
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the ECM of the wound, type III collagen is removed. At this point, HA is also cleared from the 

wound site, fibroblasts and macrophages present undergo apoptosis, and neovascularization 

ends, leaving behind restored tissue3,35. 

 

Impaired wound healing after SCI 

 

 The CNS is unable to fully heal itself after traumatic spinal cord injury (SCI). The initial 

phases of wound healing after SCI are quite similar to traditional wound healing in other tissues 

in the body. It begins with an initiation of the inflammatory response as the blood-spinal-cord-

barrier (BSCB) breaks down in the lesion. Due to increased BSCB permeability, peripheral 

immune cells are able to migrate into the lesion. Neutrophils are the first responders that begin to 

clear debris and secrete chemoattractants to recruit monocytes. Monocytes then differentiate into 

macrophages, primarily pro-inflammatory M1 macrophages. In addition to the peripheral immune 

cells in the lesion, resident microglia and astrocytes become activated and contribute to the pro-

inflammatory signaling cascade. This inflammatory response exacerbates the injury. This is where 

the wound healing response in the CNS begins to differ from peripheral tissue, as there is no 

typical resolution to the inflammatory response. Eventually, the BSCB is re-established as 

reactive astrocytes begin to interweave cytoplasmic processes to form the glial scar, which is 

again able to isolate CNS tissue. However, the glial scar also forms a physical and chemical 

barrier to regeneration limiting axon regeneration and myelination. Even though the wound 

healing response is different in the CNS than in peripheral tissues, the ECM is a major acter in 

both scenarios. 

 

The role of HA in SCI 
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 In most tissues in the body, the primary backbone of the ECM is type I collagen enriched 

with laminin and fibronectin. However, in the CNS, the primary backbone is HMW HA, bound to 

sulfated PGs, laminin, and tenascins47. Similar to non-CNS tissues, HA exhibits a MW-dependent 

bioactivity in the CNS, which plays a role in the post-SCI inflammatory response. HMW HA has 

been shown to have anti-inflammatory activity in immune cells11. Similar effects have been shown 

in glial cells. Specifically, HMW HA has been reported to inhibit LPS induced pro-inflammatory 

signaling in cultured microglia8. Furthermore, cultured astrocytes had decreased proliferation and 

chondroitin sulfate PG (CSPG) deposition when treated with HMW HA48.  

After SCI, the HMW HA-rich ECM is degraded into LMW HA fragments. This degradation 

has been shown to induce astrocyte proliferation and CSPG deposition, opposite to the effects of 

HMW HA49. Furthermore, LMW HA fragments act as a potent chemoattractant for immune cells, 

resident and peripheral, similar to traditional wound healing47. In mice, TLR2/4 are both increased 

and expressed in macrophages, microglia, and astrocytes after SCI50. This highlights the role of 

LMW HA as a DAMP in the CNS. The pro-inflammatory effect of LMW HA coupled with the 

exhibited anti-inflammatory effects of HMW HA has led many to hypothesize that using a HMW 

HA-based hydrogel to re-establish a HMW HA-rich ECM in the SCI microenvironment is a prime 

target for therapeutic approach. 
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Chapter 2: Introduction to spinal cord injury pathophysiology 

Spinal Cord Injury 

Spinal cord injury (SCI) is a devastating condition that severely decreases the quality of 

life of approximately 296,000 Americans with 17,900 new cases each year51. SCI refers 

specifically to a traumatic injury to the spinal cord unrelated to any disease. Due to the limited 

regenerative capacity of the central nervous system (CNS), full recovery of neurological function 

is extremely rare. Current treatments of SCI mostly rely on stabilizing the patient to prevent further 

complications and physical rehabilitation52,53. There are currently no treatments that can fully 

restore function and regenerate the tissue for these victims. This largely due to the complex, 

multiphasic pathophysiology of the injury.  Sequentially, SCI occurs in three phases: primary, 

secondary, and chronic52–54.  

 

Primary Phase 

The primary phase is the initial mechanical insult that results in initial cell death and 

demyelination. The most common form of SCI is compression or contusion of the spinal cord51,53. 

In these injuries, the actual damage is mainly due to the spinal column applying pressure or force 

onto the spinal cord as a result of the compressive or contusive force. These contusive injuries 

typically result in shearing, lacerating, or stretching of the spinal cord tissue. While some injuries 

involve full transections, these are rare and usually some neural connections are still spared. 

 

Secondary Phase 

The primary phase is followed by the secondary phase of SCI which presents several 

barriers to functional repair that need to be addressed such as ischemia, blood-spinal cord-barrier 

(BSCB) disruption, oxidative stress and chronic inflammation, and the creation of an inhibitory 

environment that impairs endogenous repair and remyelination of axons53–56. As each of these 
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barriers develop, they also become harmful to spared neural tissue leading to poor functional 

recovery. The secondary phase is commonly broken into four subphases that progress 

temporally: immediate, acute, subacute, and intermediate52,53,55–58.  

The immediate phase starts right after the primary injury and lasts for about 2 hours. 

During the immediate phase, the spinal cord begins to develop ischemia, hemorrhaging, and 

edema as a result of BSCB disruption and cell membrane rupture leading to necrotic cell 

death53,54,56. These events result in loss of function at, and often below, the level of injury. Due to 

the duration of this phase, the immediate phase is not a good target timeframe for treatment. 

The acute phase presents a more reasonable target for treatment and neuroprotective 

interventions. The acute phase occurs in the first 48 hours after injury53. One of the many 

hallmarks of the acute SCI phase is BSCB disruption which results in increased permeability, 

which is exacerbated by the inflammatory cytokines that are upregulated after SCI59–62. BSCB 

permeability allows for immune cells to infiltrate and populate the injury site through recruitment 

by microglia63,64. Within 24 hours, neutrophils are able to populate the injury site and promote the 

inflammatory response. Neutrophils also act to recruit leukocytes and monocytes that differentiate 

into macrophages. Neutrophil numbers level off as the acute phase ends41. Ischemia and immune 

cell infiltration promote reactive oxygen species (ROS) and nitric oxide (NO) production. ROS 

levels peak after 12 hours and become stable for up to a week41,50,53,55,65. 

The subacute phase lasts for 2 weeks. During the subacute phase, recruited monocytes 

differentiate into macrophages producing pro-inflammatory cytokines. Macrophage numbers 

begin to decrease after a week, while activated microglia persist for weeks after injury. Microglia 

and macrophages, specifically, have been shown to be both beneficial and deleterious after SCI 

due to their spectrum of activation states ranging from pro-inflammatory (M1) and pro-resolving 

(M2)50,53,55,66. Additionally, during the subacute phase, astrocytes begin to proliferate and become 

activated where their cytoplasmic process connect to form a physical and chemical barrier to 
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regeneration call the glial scar48,67–69. The intermediate phase lasts for 6 months after the injury 

and is mostly characterized by the maturing of the glial scar53. 

 

Glial scar and chronic phase 

The chronic phase begins at 6 months after injury and lasts for the life of the patient36,53,67. 

During the chronic phase, astrocytes become reactive and extend their cytoplasmic processes to 

overlap with neighboring astrocytes. Reactive astrocytes also begin to produce more intermediate 

filaments, such as GFAP and vimentin, as well as secrete a range of extracellular matrix (ECM) 

proteins such as chondroitin sulfate proteoglycans (CSPG)53,67,70,71 that inhibit neuroregeneration. 

In previous decades, preventing glial scar formation was the primary strategy for developing 

treatments for SCI48,67,72. However, this idea has been shifting. While glial scar formation helps to 

reseal the BSCB and restore internal homeostasis, it has been shown that that the glial scar aids 

in axon regeneration and preventing the glial scar from forming increases the size of the injury 

site60,67,69,70,73,74. 

 

Dysregulation of the ECM after SCI 

The ECM of the CNS is primarily composed of a high molecular weight hyaluronic acid (>1000 

kDa, HMW HA) backbone with hyalectan binding of sulfated proteoglycans (PG), which have 

lectin domains that interact with fibronectin domains of tenascin-R5,75. SCI induces enzymatic 

degradation of the spinal cord ECM into low molecular weight HA fragments (1-100 kDa, LMW 

HA) which been shown to mediate multiple barriers to regeneration through their direct effects on 

astrocyte proliferation, immune response, protection against oxidative stress, stem cell activity, 

and axonal plasticity4,16,49,76–78. The degradation of native, HMW HA into LMW fragments helps 

initiate the inflammatory response facilitating recruitment and proliferation of cells for repair. Even 
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though the acute injury response, which initiates wound healing, is associated with LMW HA, the 

inflammation cannot be resolved without restoration of the HMW HA ECM2,3,5,75,79. One hypothesis 

for why chronic inflammation persists for years after SCI is a persisting dysregulated ECM. The 

presence of HA in the ECM is heavily regulated through a balance of degradation by 

hyaluronidases, and deposition of new HA, created by HA synthases4,5.  

 

  



13 
 

Chapter 3: Biomaterials as a therapeutic approach to spinal cord injury 

 There are currently no treatments that can effectively heal a spinal cord injury (SCI). 

Injectable growth factors have short half-lives and systemic effects52,57,80. One promising 

approach is the use of biomaterials as scaffolds for cell transplants. Biomaterial implants are being 

widely developed as SCI therapeutics that act by mechanically stabilizing the injured tissue, 

preventing cyst formation, and providing a scaffolding to guide regenerating axons81–83.  

As the majority of clinical injuries to the spinal cord are incomplete, injectable scaffolds 

are necessary to avoid the risk of further injury and inflammation of spared tissue and to guarantee 

that the material fits into each patient’s uniquely shaped injury defect with good apposition to 

spared tissue40,75,84,85. This requirement limits crosslinking strategies to those compatible with 

injection and in situ formation under physiological conditions. For clinical translation, scaffolds 

must be biocompatible having minimal to no foreign body response52,56,86. Ideally, they also must 

degrade over time, specifically as new tissue regenerates to ensure stability of the new tissue57,87. 

Scaffolds can also be modified to interact with their local environment after implantation. For 

example, by including adhesive peptides or proteins to promote attachment, proliferation, 

migration, and differentiation of grafted and host cells57,88,89. They must also be made with 

adequate porosity to promote host tissue integration and allow for endogenous cells to infiltrate 

the scaffold90–93. Host tissue integration is necessary after SCI as it promotes vascularization 

which has been shown to improve outcomes after SCI. Last, if using hydrogels as scaffolds, they 

can have high water content (>90%), and thus they swell immensely. With that in mind, clinically 

relevant hydrogels would be pre-swollen before administration to any patients to avoid tissue 

compression and subsequent damage caused by swelling40,58. Ideally, if hydrogels meet the 

previously mentioned design criteria, they should be able to promote angiogenesis, resolve 

neuroinflammation, regenerate neural tissue, and integrate with host tissue. 
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Hydrogels, SCI, and angiogenesis 

 After SCI, repair occurs in the lesion site, however it is severely limited by the hostile and 

inhibitory environment that is initiated by the lack of a blood-spinal-cord-barrier (BSCB), such as 

ischemia, immune cell infiltration, accumulation of reactive oxygen species, and edema as a result 

of hemorrhaging60,62,94. Promoting angiogenesis, the formation of new blood vessels through 

endothelial cell (EC) sprouting from pre-existing vessels, has been shown to improve outcomes 

after SCI60,62,94–97. Re-vascularization of the lesion site provides a conducive microenvironment 

essential for nerve repair. By re-establishing BSCB integrity and restoring blood supply to the 

injury site, secondary damage can be attenuated62,95,96. 

Several studies have shown the ability of hydrogels to promote angiogenesis after 

traumatic CNS injury. Wen et al. used a tubular HA hydrogel mixed with poly(lactic-co-glycolic 

acid) (PLGA) microspheres loaded with brain-derived neurotrophic factor (BDNF) and vascular 

endothelial growth factor (VEGF) to treat rats with a thoracic dorsal hemisection SCI and found a 

large number of new blood vessels within the injury site96. Lu et al. found that a HA-based hydrogel 

immobilized with the VEGF mimetic peptide KLT enhanced angiogenesis in a traumatic brain 

injury model in rats95.  Ma et al. used a self-assembling peptide hydrogel in a traumatic brain injury 

model of rats and found significantly more blood vessels than in sham groups, as well as an 

increase in vascular endothelial growth factor receptor-2 (VEGFR-2), α-smooth muscle actin (α-

SMA), and von Willebrand factor (vWF) expression98. 

 

Hydrogels, SCI, and neuroinflammation 
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 One hallmark of the SCI pathophysiology is chronic inflammation53,55,57. When designing 

any type of therapeutic approach, resolving this chronic inflammation must be a top priority. While 

the initial inflammatory response is beneficial as it promotes formation of the glial scar to reseal 

the BSCB, clear cell debris, and prevent infection, it must be resolved to allow for 

regeneration41,50,55. Without intervention, the chronic inflammation caused by pro-inflammatory 

immune cells will degenerate any axons that begin to regenerate, as well as increase scarring by 

inducing reactive astrogliosis pushing astrocytes to a neurotoxic A1 phenotype50,53,66,73,99. Without 

attenuating this chronic inflammation and reactive astrogliosis, full functional repair is unlikely. 

 Several hydrogel-based platforms have been shown to reduce neuroinflammation and 

astrocytic scarring after SCI. Hong et al. developed an injectable imidazole-

poly(organophosphazenes) (I5) thermosensitive hydrogel that they reported was able to almost 

completely eliminate the cystic cavity after SCI in rats. The I5 hydrogel was able to maintain 

macrophage presence in the injury site, while pushing them towards an M2 CD206+ pro-resolving 

phenotype. The presence of these CD206+ macrophages were able to bridge the cavity by 

depositing a fibronectin-rich matrix100. Shen et al. created a dual-functional hydrogel scaffold by 

modifying a photocrosslinked gelatin hydrogel with the anti-inflammatory cytokine interleukin-10 

(IL-10) and the cationic, damage-associated molecular pattern (DAMP)-binding polymer, 

poly(amidoamine). In a complete transection SCI mouse model, the dual-functional hydrogel was 

able to reduce pro-inflammatory cytokine production and promote M2 pro-resolving phenotype in 

macrophages and microglia leading to axon growth without scar formation101. Khaing et al. 

implanted a HMW HA hydrogel in a rat model of a dorsal hemisection SCI, and found reduced 

immune cells and lower CSPG expression in the first 10 days at the lesion site, as well as a 

significantly reduced astrocytic response 9 weeks post-injury48. 
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Hydrogels, SCI, and neural regeneration 

 In addition to the revascularization and resolution of inflammation, any SCI therapeutic 

must also enable regeneration of neural tissue, specifically axon regrowth and 

remyelination57,72,75,83. After SCI, neurons and myelinating oligodendrocytes die53,54,83,102. As 

myelinating oligodendrocytes die, myelin debris becomes present in the injury and causes further 

axonal dieback54,64,71,83. While spinal cord neurons have the ability to regenerate, the inhibitory 

environment established during the secondary phase limits this regeneration. Additionally, any 

axons that do regenerate are not always functional due to lack of myelination. Surviving 

myelinating oligodendrocytes are not able to myelinate regenerating axons, and typically undergo 

apoptosis due to the microenvironment of the secondary phase. Infiltrating Schwann cells can 

myelinate regenerating axons, but this myelin has not been shown to be sufficient for the recovery 

of CNS function. Oligodendrocyte progenitor cells (OPC) present are unable to differentiate into 

myelinating oligodendrocytes due to the microenvironment and dysregulated extracellular matrix 

(ECM)54,78,83,102. Thus, it is critical when designing a hydrogel-based therapeutic that it is not only 

able to regenerate axons, but also support the differentiation of OPCs into myelinating 

oligodendrocytes. 

 Many studies have highlighted the ability of hydrogels to modulate the injury 

microenvironment to enable regeneration of axons and differentiation of both endogenous and 

transplanted OPCs into myelinating oligodendrocytes. Dumont et al. used aligned poly (ethylene 

glycol) (PEG) hydrogel tubes to guide regeneration after a thoracic lateral hemisection SCI. Their 

studies showed significant reduction in glial scarring, which enabled a 3-fold increase in axon 

density compared to controls, with a 30% myelination rate. Additionally, the hydrogel tubes 

enhanced functional recovery compared to controls83. Geissler et al. used hydrogels composed 

of rat-tail collagen I, mouse laminin I, and HMW HA to mimic neonatal spinal cord tissue for the 

transplantation of spinal cord progenitor cells and differentiation toward oligodendrocytes103. 
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When comparing to standard culture conditions, their hydrogel showed significant increases in 

oligodendrocyte differentiation of progenitors. After implantation into a cervical SCI contusion 

model in rats, with and without transplanted progenitors, the hydrogel was able to induce 

functional recovery103. Ehsanipour et al. used granular hydrogels composed of annealed HA-

based microparticles with cell-scale macropores (~10 µm) in a mouse model of thoracic 

compression SCI. Their studies showed their hydrogels promoted robust cell infiltration and 

significantly more myelinated axons90. 

Hydrogel porosity and host tissue integration 

 Despite modest benefits of hydrogels on spinal cord repair, therapeutic recovery has been 

limited by poor integration with host tissue, characterized by minimal cell infiltration and axon 

crossing and hindered enzymatic biodegradation48,104,105. Injectable hydrogels can fill uniquely 

shaped injuries, but typically they have a uniform non-porous architecture due to in situ 

crosslinking of a well-mixed solution. Solid, non-porous or nano-porous materials may induce a 

greater host immune response than in those with pores, resulting in encapsulation of the implant93. 

This encapsulation response results in a “walling off” of an implant that prevents its integration 

with host tissues. However, the relationship between pore size and inflammation has yet to be 

clearly established, hampering the development of biomaterial-based therapeutics for a wide 

variety of applications, including SCI. It has been proposed that macropores influence 

macrophage phenotype by controlling cell spreading106–109. A recent study found that larger pores, 

on the order of a typical cell diameter, promoted macrophage elongation and an M2-like 

phenotype, while smaller pores drove macrophages to “flatten” and adopt an M1-like, pro-

inflammatory phenotype106. Furthermore, cytoskeletal elongation alone has been reported to 

induce an M2 phenotype in culture108,109.  
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Macroporosity also has marked effects on vascularization of biomaterials91,92,107,110, which 

can in turn improve SCI outcomes95. Mathematical simulations indicate that larger pores with 

higher interconnectivity support rapid and extensive angiogenesis111. Interconnected macropores 

may promote vascularization simply by providing a geometrical template for new vascular 

networks91,92,110,112. Macropore interconnectivity may be critical, as “dead ends” likely restrict 

integration with host tissue112,113. Macropores also enable immune cells to infiltrate biomaterial 

scaffolds. Infiltrating immune cells may induce recruitment of ECs through a unique secretome 

containing key immunomodulatory factors107,114 and factors that promote vascularization, like 

vascular endothelial growth factor (VEGF)95,114–116. 

 

Conclusion 

 Tissue in the CNS lacks the ability to heal properly after SCI due to the complex 

pathophysiology. The combination of chronic inflammation, glial scarring, and BSCB permeability 

create an inhibitory environment for regeneration. Any successful therapeutic for SCI must 

address these issues by promoting angiogenesis, resolving chronic inflammation, regenerating 

neural tissue, and integrating with host tissue. Hydrogels have been employed to accomplish 

those goals. However, in order for them to accomplish them, there are a few design criteria that 

need to be considered including injectability, biocompatibility, biodegradability, interactivity, 

porosity, and swelling. With that in mind, HA is an ideal base for hydrogels because it is non-

immunogenic and has multiple chemical groups that can be easily functionalized using aqueous, 

biocompatible chemistries to create crosslinking sites75,117.  

Despite these encouraging findings, these studies also found poor integration of implanted 

HA hydrogels with host tissues, including sparse infiltration of regenerating axons48,92,105. 

However, Ehsanipour et al. developed a HA-based hydrogel platform with cell-scale macropores 
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that promoted robust cell infiltration and increased host tissue integration90. These macroporous 

annealed HA microparticle scaffolds will be employed in the studies presented in this dissertation. 

While HA-based hydrogels have shown promising results for SCI treatment, there is still one major 

gap in the knowledge base. As previously mentioned in Chapters 1 and 2, HA exhibits a MW-

dependent bioactivity in vivo that is not yet fully understood or characterized. Additionally, it is 

unclear how that MW-dependent bioactivity affects the regenerative capacity of HA-based 

hydrogels. This will be explored in the next two chapters. 
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Chapter 4: Effects of hyaluronic acid molecular weight on cells involved in neural repair 
and neuroinflammation 

 

Overview 

 Hyaluronic acid (HA) is a prominent glycosaminoglycan (GAG) component of the 

extracellular and pericellular matrices (ECM, PCM) throughout the body1–3. The structure of HA 

is very simple with repeating disaccharide subunits composed of D-glucuronic acid and N-acetyl-

D-glucosamine connected by β-glycosidic linkages that can be repeated thousands of times 

allowing HA to have a range of molecular weights from 1.6 kDa to 20000 kDa2,3. In its native form, 

HA has a high molecular weight (HMW, >700 kDa) as it is synthesized by HA synthases (HAS). 

Upon degradation by hyaluronidases (HYAL), it can be fragmented into low MW (LMW, <200 

kDa)1–3. While HA can come in many different sizes, it has been shown that HA exhibits a MW-

dependent bioactivity2,6,7.  

After injury, the degradation of native, HMW HA into LMW fragments helps initiate the 

inflammatory response facilitating recruitment and proliferation of cells for repair. Even though the 

acute injury response, which initiates wound healing, is associated with LMW HA, the 

inflammation cannot be resolved without restoration of the HMW HA ECM2,3. This differential 

immunoactivity is believed to be due to the ability of HA to differentially bind to the HA receptors 

cluster of differentiation 44 (CD44), receptor for HA-mediated motility (RHAMM), and toll-like 

receptor 2/4 (TLR 2/4) in a MW-dependent fashion1–3,5,8,11,15. While this MW-dependent bioactivity 

has been well-documented, it has not been characterized thoroughly enough as many studies 

simply look at one HMW HA and one LMW HA size. Often these studies do not define the specific 

sizes of HA providing very little consistency in the knowledge base20,26,118. This is critically 

important to understanding the MW-dependent bioactivity of HA. Furthermore, HMW HA has been 

shown to induce dimeric CD44 clustering, whereas LMW HA induces monomeric CD4420,119. 

However, this phenomenon has not been thoroughly characterized. Only a few papers have 
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shown clustering of CD4420,23–25,119–121. Even fewer papers show HA-induced clustering of 

CD4420,119. Only one of these papers show HA-induced clustering in human cells, specifically 

human adipose-derived stem cells119. Additionally, the effects of HA MW have not been 

thoroughly studied in a wide range of cell types, in particular those involved in neural repair and 

neuroinflammation. For example, the prevailing theory of the endothelial cell (EC) response to HA 

is that LMW HA promotes EC proliferation and angiogenesis, which are inhibited by HMW 

HA1,2,21,37. However, many of these studies are performed in human umbilical vein ECs 

(HUVEC)13,14,26. Lokeshwar and Selzer published a study comparing the differences in HA 

bioactivity in arterial, microvessel, and vein-derived ECs. They found that the mitogenic potential 

of HA on ECs is origin-dependent, and found that 1MDa HA increased proliferation in lung 

microvascular ECs122. 

 

Here, we aimed to thoroughly characterize the response of human cerebral microvascular 

ECs (HCMVECs), U937-derived macrophages, and H9-derived neural stem cells (NSCs) to HA 

of varied MW and investigate the role of CD44 clustering in their response. In our studies, we 

found that HMW HA has positive effects on angiogenesis and viability of HCMVECs. Additionally, 

our data suggests that this response may be mediated by the ability of HMW HA to cluster its 

main receptor, CD44, in a MW-dependent manner. 

 

Materials and Methods 

Cell Culture  

SV40-immortalized human cerebral microvascular endothelial cells (HCMVEC, Applied 

Biological Materials (ABM), T0259) were used for all endothelial cell experiments. HCMVECs 

were cultured in ScienCell’s complete Endothelial Cell Media (ECMC, 1001). All experiments were 

conducted using HCMVECs on passage 6 or 7. HCMVECs were cultured either on PriCoat flasks 
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(ABM, G299) or Applied Cell Extracellular Matrix (ACECM, ABM, G422) coated plates per 

manufacturers’ instructions. For all 2D solubilized HA experiments, cells were cultured in ECMC 

or ECMC supplemented with 1 mg/ml HA (1M, 100K, 40K, 10K, or No HA) without the endothelial 

cell growth supplement (ECGS). U937 monocytes (ATCC, CRL-1593.2™) were cultured in RPMI 

1640 (Gibco, 22400121) supplemented with 10% fetal bovine serum (FBS, Gibco, A3160502) 

and 1% antibiotic-antimycotic (ABAM, Gibco, 15240062). U937 monocytes were differentiated 

into M0 macrophages by culturing cells in RPMI 1640 supplemented with 2% FBS, 1% ABAM, 

and 20 ng/ml phorbol 12-myristate 13-acetate (PMA, Tocris, 1201) for 48 hours. As controls for 

polarization, M1 macrophages were produced by culturing M0 macrophages in RPMI 1640 

supplemented with 2% FBS, 1% ABAM, 50 ng/ml lipopolysaccharides (LPS, Sigma-Aldrich, 

L4391) and 10 ng/ml recombinant human interferon-γ (IFNγ, Peprotech, 300-02) for 96 hours. M2 

macrophages were produced by culturing M0 macrophages in RPMI 1640 supplemented with 2% 

FBS, 1% ABAM, and 25 ng/ml recombinant human interleukin-4 (IL-4, Peprotech, 200-04) and 

recombinant human interleukin-13 (IL-13, Peprotech, 200-13) for 96 hours. These differentiation 

protocols were previously established123. H9-derived human neural stem cells (hNSCs, Gibco, 

N7800-100) were cultured in StemPro® serum-free hNSC media (SP, Gibco, A105090) on plastic 

cell culture dishes coated with CELLStart™ Substrate (Gibco, A1014201). The human embryonic 

kidney (HEK) cell line, Lenti-X™ 293T (Takara Bio, 632180) was used as a model cell line for 

CD44 clustering experiments. HEK cells were cultured in Dulbecco’s Modified Eagle’s Medium 

(DMEM, Corning, 10013CV) supplemented with 10% fetal bovine serum (FBS, GenClone, 25-

550) and 1% antibiotic-antimycotic (ABAM, Gibco, 15240062) for expansion and for Western blot 

experiments. For fluorescence resonance energy transfer (FRET) experiments, the cell culture 

media was changed to Live Cell Imaging Solution (LCIS, Invitrogen, A14291DJ) supplemented 

with 10% FBS, 1% ABAM, and 2 drops/ml NucRed™ Live 647 ReadyProbes™ Reagent 

(Invitrogen, R37106) for nuclei counter staining. For all 2D solubilized HA experiments, HEKs 
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were allowed to attach overnight before media was supplemented with 1 mg/ml HA of varied 

molecular weight (10K, 40K, 100K, 1M) for 2 hours prior to analysis. For 3D FRET experiments, 

HEKs were seeded on an AMMS and allowed to attach overnight before analysis. 

 

EdU test for proliferation 

HCMVECs were seeded in the appropriate media condition and allowed to proliferate for 

24 hours before being pulsed with 2'-Deoxy-5-ethynyluridine (EdU, Abcam, ab146186) for 2 

hours. Cells were then passaged and fixed using 4% paraformaldehyde for 15 minutes. After 

fixation, cells are permeabilized using 0.1% saponin and 1% BSA in PBS. EdU staining was 

performed using the Click-iT™ Plus Alexa Fluor™ 488 Picolyl Azide Toolkit (Thermo, C10641) 

per manufacturer’s instructions. Flow cytometric analysis was performed using a Millipore Guava 

EasyCyte 5 HPL Benchtop Flow Cytometer and GuavaSoft. 

 

Viability and apoptosis 

HCMVECs were seeded in the appropriate media condition and cultured for 24 hours in a 

96-well plate before viability and apoptosis were measured using the ApoLive-Glo™ Multiplex 

Assay (Promega, G6411). Viability is measured in this assay using glycyl-phenylalanyl-amino 

fluorocoumarin (GF-AFC), a cell permeant, peptide substrate that generates a fluorescent reading 

when cleaved by live-cell protease activity. Apoptosis is measured using a caspase 3/7 

luminogenic substrate. Viability of hNSCs was measured using CellTiter-Glo® Luminescent Cell 

Viability Assay (CTG, Promega, G7572) after being cultured for 48 hours in a 96 well plate. 

Fluorescent and luminescent signals were measured using a BioTek Synergy H1 hybrid 

multimode plate reader. 
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Wound healing and migration 

ACECM was used to coat the growth area of 2-well wound healing inserts purchased from 

Ibidi (80209) which have a defined 500 µm gap. HCMVECs were seeded in ECMC and allowed 

to attach overnight. Once attached, the cells were rinsed with ECMC and cultured in the 

appropriate media condition. Cells were cultured and imaged in an Incucyte® S3 Live-Cell 

Analysis System (Sartorius, 4647). Phase images were taken every 15 minutes with a 4x objective 

for 24 hours. Automated image analysis was performed using the Wound Healing FastTrack AI 

Image Analysis software (Ibidi, 32000). 

 

Tube formation 

Tube formation angiogenesis experiments were carried out using the angiogenesis 96-well 

µ-plates from Ibidi (89646). Wells were first coated with Geltrex™ LDEV-Free Reduced Growth 

Factor Basement Membrane Matrix (Thermo, A1413202). HCMVECs were then seeded in the 

appropriate media conditions and allowed to attach for 6 hours. Time-lapse microscopy was then 

used to monitor tube formation on a Zeiss Axio Observer Z1 inverted fluorescence microscope. 

Phase images were taken every 10 minutes with a 4x objective for up to 24 hours. Automated 

image analysis was then performed using the Tube Formation FastTrack AI Image Analysis (Ibidi, 

32100). 

 

Vector Design 

All lentiviral vectors were developed using VectorBuilder’s Vector Design tool and 

purchased from VectorBuilder. To perform all FRET studies, three vectors were developed: 

CD44-mTFP1 (VB210402-1113mts), CD44-YPet (VB171201-1092vjt), and PMT-mTFP1-YPet 
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(VB210402-1112gew). To perform all western blot studies, a CD44 overexpression vector 

(VB191002-1258ayx) was developed. 

 

Lentivirus Production 

Briefly, 80% confluent HEK cells were transfected with third generation packaging 

plasmids (pRSV-Rev and pMDLg/pRRE were gifts from Didier Trono (Addgene plasmids # 12253 

and # 12251, respectively)), a plasmid encoding the lentiviral capsule (pCMV-VSV-G was a gift 

from Bob Weinberg, Addgene plasmid # 8454), and either a CD44-mTFP1, CD44-YPet, PMT-

mTFP1-YPet, or CD44 overexpression vector using jetPRIME transfection reagent (Polyplus 

transfection). Lentiviral particles were recovered from media after 2 days of culture using PEG-

it™ virus precipitation solution (SBI System Biosciences), resuspended in 1x PBS and stored at 

– 80 °C. 

 

Acceptor-photobleaching-based FRET Measurement 

Confocal microscopy imaging and photobleaching experiments were performed at 37 °C 

using a Leica SP5 laser scanning confocal microscopy system and a 63x water immersion 

objective, HC APO L 63x/0,90 W U-V-I (Leica, 506148). If there are any interactions between 

mTFP1 (donor) and YPet (acceptor) leading to energy transfer in the cells, photobleaching YPet 

would lead to an increase in mTFP1 intensity since mTFP1 would no longer be quenched by the 

YPet. In the photobleaching experiments, a high intensity laser (100% laser power at 514 nm 

beam) was applied to the region of interest for 500 frames to locally bleach the YPet present. 

Data acquisition was gathered immediately after bleaching. The sample area was scanned at the 

resolution of 1024 × 1024 pixels. The mTFP1 and YPet were excited at 458 and 514 nm, 
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respectively. Two frames of pre-bleach and post-bleach mTFP1 and YPet fluorescence intensities 

were recorded. The FRET efficiency (E) was calculated using the following equation:  

E = 1 − (Fpre/Fpost)·Fpre 

The variables Fpre and Fpost indicate the fluorescent intensity of mTFP1 before and after acceptor 

photobleaching, respectively. All FRET Efficiency measurements were made using the FRET AB 

Wizard in the Leica LAS AF software. One-way Anova and Tukey’s multiple comparisons test 

were performed to evaluate differences between FRET studies. 

 

Western blot characterization of CD44 clustering 

CD44 cross-linking was performed by incubation with 5 mM bis(sulfosuccinimidyl) suberate 

(BS3) (Thermo Fisher Scientific, PG82083) for 1 hour at room temperature and quenched by 

incubation with 20 mM Tris-buffered saline (TBS), pH 7.5, for 15 min at room temperature. Cells 

were washed twice with 1x PBS and lysed with RIPA Buffer (Thermo Fisher Scientific, 89901) 

supplemented with 1x protease and phosphatase inhibitor cocktail (Cell Signaling Technology, 

5872S). Total cell lysates were collected, and protein concentration was measured using 

microBCA™ protein assay (Thermo Fisher Scientific, 23235). Equal quantities of protein were 

separated by SDS-PAGE using NuPAGE™ 4-12% bis-Tris protein gels (Thermo Fisher Scientific, 

NP0321) and transferred onto a PVDF membrane. The PVDF membranes were blocked with 

0.1% v/v TBS-tween (TBST) containing 5% bovine serum albumin (BSA) for 1 hour and incubated 

with CD44 (Cell Signaling Technology, 156–3C11) or GAPDH Loading Control Antibody (Thermo 

Fisher Scientific, MA5-15738) at 4 °C overnight. The membranes were then washed with TBST 3 

times (5 min each) and incubated with a HRP-conjugated polyclonal goat anti-mouse (Novus 

Biologicals, NBP1-75130) or goat anti-rabbit (Cell Signaling Technology, 7074S) secondary 

antibody for 1 hour at room temperature. The membranes were developed with a combination of 
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Clarity Western ECL Substrate (Bio-rad, 1705061) and SuperSignal™ West Atto (Thermo Fisher 

Scientific, A38554). Developed membranes were imaged using a myECL™ Imager (Thermo 

Fisher Scientific). Band intensities were then measured and quantified using ImageJ.  

 

Results and Discussion 

 

1M HA promotes greater viability in HCMVECs without increasing proliferation 

 To characterize the effects of HA MW on HCMVEC cell health, we evaluated the viability, 

apoptosis, and proliferation of HCMVECs 24 hours after treatment with 1 mg/ml HA of varied MW. 

For viability and apoptosis, the ApoLive-Glo™ Multiplex Assay was used to obtain measurements 

of the relative fluorescent and luminescent signals, respectively. Data is reported as the ratio of 

relative fluorescent units (RFU), or viability signal, to relative luminescent units (RLU), or apoptotic 

signal (Fig 1A). The ratio of viable to apoptotic cells decreases as HA MW decreases, and all 

conditions have a much lower ratio than the positive ECMC control. Since ECMC includes the 

ECGS, and other conditions do not, this difference is not surprising. Using a Kruskal-Wallis test 

and Dunn’s multiple comparisons test, we report that 1M HA promotes a statistically significant (p 

< 0.05) increase in the ratio of viable to apoptotic cells compared to 40K, 10K, and No HA 

conditions (Fig 1A). Interestingly, after measuring the percentage of cells that are proliferative 

using an EdU assay, we found no statistically significant differences between any of the HA MW 

conditions or controls (Fig 1B). This data together suggests a possible protective role for HMW 

HA in the microvasculature of the CNS. Conventionally, it is thought that LMW HA promotes EC 

proliferation and angiogenesis and that these functions are specifically inhibited by HMW HA.  
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Figure 4.1: Human cerebral microvascular endothelial cells (HCMVECs) were treated with 1 
mg/ml HA with MW ranges of 750-1000 kDa (1M), 100-150 kDa (100K), 41-65 kDa (40K), or 
10-20 kDa (10K). As a positive control, HCMVECs were cultured in endothelial cell media 
complete with an endothelial cell growth supplement (ECMC) or endothelial cell media without 
the growth supplement or HA (No HA). Cell health was characterized by proliferation (A) and 
the ratio of viable to apoptotic cells (B). All graphs are showing mean with standard deviation. 
Fig 1A has n=9 for all conditions. Fig 1B has n=33 for ECMC, 40K, and 10K, n=35 for 1M and 
100K, and n=32 for No HA. One-way ANOVA and Kruskal-Willis test were performed. *p<0.05; 
significant differences compared to 1M condition.  
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Lokeshwar et al. showed that this response is origin-dependent as lung microvascular ECs were 

more proliferative in the presence of HMW HA122. In the data presented, there were no significant 

differences in proliferation of HCMVECs in the presence of varying HA MWs. It would be beneficial 

in future studies to investigate the differences in HA MW-dependent bioactivity of microvascular 

ECs originating from different tissues. Furthermore, Al-Ahmad et al. showed that ultra-LMW HA 

(<6.5 kDa)  decreased cell viability and density in response to HMW HA (>950 kDa)124. Given the 

prominence of HMW HA in the central nervous system (CNS) ECM and the blood-spinal-cord-

barrier (BSCB) glyocalyx4,5,125, the reported data suggests a protective role for HMW HA in 

HCMVECs. 

 

1M HA promotes more stable tube formation in HCMVECs 

 The primary function of ECs is to form and maintain functional blood vessels. In order to 

understand the effects of HA MW on the angiogenic behavior of ECs, the ability to form tubular 

structures must be characterized. Using a Geltrex™ tube formation assay and time lapse 

microscopy, we were able to track tube formation of HCMVECs, measured as total tube length 

which is the straight-line length of all tubes combined. The data reported show the ability of 1M 

HA to promote more stable tube formation in HCMVECs, as the total tube length value decreased 

at a slower rate than other conditions(Fig 2). In tracking tube formation from 400 to 1020 minutes, 

the 1M HA treated cells maintained the largest total tube length values along with 10K HA (Fig 

2A). However, after interrogating specific time points, only the mean tube length of 1M HA treated 

cells had statistically significant differences compared to other HA MW conditions using a 

Dunnett’s multiple comparisons test. At 480 minutes, or 8 hours, 1M HA treated cells had the 

largest mean tube length values, showing statistical significance over ECMC and 100K HA 
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Figure 4.2: HCMVECs were treated with 1 mg/ml HA with MW ranges of 750-1000 kDa (1M), 
100-150 kDa (100K), 41-65 kDa (40K), or 10-20 kDa (10K). As a positive control, HCMVECs 
were cultured in endothelial cell media complete with an endothelial cell growth supplement 
(ECMC) or endothelial cell media without the growth supplement or HA (No HA). Tube 
formation was monitored using time-lapse microscopy, and analyzed for total tube length, the 
total length of all tubes formed if in a straight line. Total tube length over time from 400 to 1020 
minutes (A) was used to look at tube length over time. Specific time points of 480 minutes (B-
E), 720 minutes (F-I), and 960 minutes (J-M) were chosen to look at tube length more closely. 
For all conditions n=21 wells from 3 biological repeats. Two-way ANOVA and Dunnett’s 
multiple comparisons tests were performed to test for statistical significance. *p<0.05 and 
**p<0.01; significant differences compared to 1M condition. #p<0.05; significant differences 
compared to 10K condition.  
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conditions (Fig 2B-E). At 720 minutes, or 12 hours, 1M HA treated cells maintained the largest 

mean tube length values, showing significance over all conditions except 10K (Fig 2F-I). Last, at 

960 minutes, or 16 hours, the differences between conditions begin to lessen. 1M still showed the 

large mean tube length value, but only showed significance compared to ECMC (Fig 2J-M). This 

data again suggests that the previously established ideas of the MW-dependent bioactivity of HA 

in endothelial cells and angiogenesis are not universal. For example, Ibrahim and Ramamurthi 

found contradicting effects of differentially sized HAs in rat aortic ECs, where LMW HA stimulated 

greater tube formation than HMW HA126. Additionally, Wang et al. showed similar effects in 

HUVECs where LMW HA was able to stimulate tube formation14. The dependence of angiogenic 

activities of ECs with varying, tissue-associated subtypes is not fully understood, necessitating 

further interrogation of the effects of HA MW in a larger range of EC subtype. The reported data 

suggests the 1M HA is able to stimulate greater tube formation than LMW HA contrary to past 

studies in different EC subtypes. 

 

HA MW does not influence HCMVEC migration speed in wound healing assay 

 To understand how HA MW influences the migratory behavior of HCMVECs in wound 

healing, a modified scratch assay was used (Fig 3). Two migration speed metrics were used. 

First, the zero-to-peak migration speed is the speed at which cells go from 0% gap coverage to 

100% gap coverage. The linear fit migration speed is measured when the migration speed is 

constant during gap closure. In both measurements, there were no significant differences 

between MWs of HA. While the zero-to-peak migration speed of ECMC was greater than all other 

conditions, with statistical significance compared to 1M and 40K HAs (Fig 3A), there was 

essentially no differences in the linear fit migration speeds for each condition (Fig 3B). One thing 

to note is that while there were no significant differences between HA MWs in the zero-to-peak  
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Figure 4.3. HCMVECs were treated with 1 mg/ml HA with MW ranges of 750-1000 kDa (1M), 
100-150 kDa (100K), 41-65 kDa (40K), or 10-20 kDa (10K). As a positive control, HBMVECs 
were cultured in endothelial cell media complete with an endothelial cell growth supplement 
(ECMC) or endothelial cell media without the growth supplement or HA (No HA). Migration 
speed was characterized using a modified scratch assay by culturing cells in 2-well cell culture 
inserts with a defined 500 um gap from Ibidi. The zero-to-peak migration speed is the speed 
at which the gap is covered from 0% to 100%. The linear fit is the linear portion (where velocity 
is constant) of that graph. N=12 for ECMC, 1M, 100K, and 40K. N=11 for 40K and N=10 for 
No HA. #p<0.05; significant differences compared to ECMC condition.  
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measurements, only 1M and 40K were significantly less than ECMC. 100K and 10K HA promoted 

faster migration speeds in HCMVECs. 

 

HCMVECs express higher levels of clustered CD44 in response to 1M HA 

 As mentioned earlier in this chapter, previous studies have suggested higher MW HA is 

able to induce clustering of its main receptor, CD4420,25,119. We hypothesize that CD44 clustering 

may be a mediator of the MW-dependent bioactivity of HA. To test this hypothesis in HCMVEC 

cultures, western blotting was performed on lysates of cells that had been treated with a BS3 

crosslinker to covalently crosslink clustered CD44 proteins before lysis. By crosslinking clustered 

CD44, there will be two bands that form after western blotting: monomeric CD44 (~85 kDa) and 

clustered CD44 (~170 kDa). After culturing HCMVECs in 1 mg/ml HA for 24 hours, the cells were 

crosslinked and lysed. After the lysates were processed using western blot and stained for CD44, 

two bands can clearly be seen (Fig 4A). Upon quantifying the relative expression of CD44 and 

clustered CD44 to GAPDH, it can be seen that 100K HA induces the highest levels of CD44 

expression (Fig 4B), but 1M induces the highest levels of clustered CD44 (Fig 4C). This data 

suggests that clustering of CD44 may play a role in the MW-dependent bioactivity seen in the 

previous data. 

  

CD44 clustering increases as HA MW increases 

 To evaluate the effects of HA MW on CD44 clustering, a model cell line was used. This 

system allows for a straightforward investigation of CD44 clustering without other interfering 

signals, as HEKs do not typically express CD44. Using HEKs transduced with a virus for CD44-

mTFP1 and CD44-YPet, acceptor photobleaching FRET can be used to measure the levels of 

CD44 clustering in response to HA MW (Fig 5). After treating transduced HEKs with HA for 2  
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Figure 4.4. HCMVECs were treated with 1 mg/ml HA with MW ranges of 750-1000 kDa (1M), 
100-150 kDa (100K), 41-65 kDa (40K), or 10-20 kDa (10K). As a positive control, HBMVECs 
were cultured in endothelial cell media complete with an endothelial cell growth supplement 
(ECMC) or endothelial cell media without the growth supplement or HA (No HA). After 24 hours 
in culture, HCMVECs were incubated with a crosslinker protein to crosslink clustered CD44 
and lysed. CD44 and cluster CD44 expression were measured using western blot (A). Relative 
expression to GAPDH was quantified for CD44 (B) and clustered CD44 (C). N=1 for all 
conditions. Sample numbers are not large enough to justify statistical testing. 
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hours, FRET measurements were taken, and it can be clearly seen that 1M HA induces highest 

levels of CD44 clustering with statistical significance compared to all other experimental 

conditions. A positive control for FRET transfer with this FRET pair was developed using a plasma 

membrane targeting (PMT) sequence fused to a mTFP1-YPet fusion protein. The two fluorescent 

proteins are connected by a 3x GGGGS flexible linker that is approximately 5.7 nm long when 

fully extended127, which is slightly shorter than the Fӧrster radius of the mTFP1-YPet FRET pair, 

5.986 nm128. FRET has been used previously to investigate CD44 clustering in response to HA 

MW20. However, this is the first time it has been thoroughly characterized with more than two 

MWs of HA. This is important because one thing to note about the presented FRET data is the 

increase in FRET efficiency in 10K HA compared to 100K and 40K HA. While not statistically 

significant, it is interesting that the FRET efficiencies in response to 10K HA and No HA were 

statistically significant unlike with 100K and 40K HA. 

 

1M HA increases macrophage production of the pro-resolving cytokine IL-10 and the pro-

angiogenic factor VEGF 

 There have been several studies evaluating the effects of HA MW on macrophage 

polarization6,9,11. HMW HA has been shown to polarize macrophages towards an M2 pro-resolving 

phenotype, while LMW HA polarizes to a M1 pro-inflammatory phenotype11. However, as 

mentioned with EC studies, many of these only looked at one HMW and one LMW HA. There has 

yet to be a study designed to thoroughly characterize the effects of HA MW on macrophage 

polarization. In this study, the effects of HA MW on the production of the pro-resolving cytokine 

IL-10 (Fig 6A) and the pro-angiogenic factor VEGF (Fig 6B) were evaluated. Concentrations of 

IL-10 and VEGF were quantified using a Milliplex® assay and reported in pg/ml. IL-10 levels 

decreased as HA MW decreased. 1M HA increased production of IL-10 significantly compared to  
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Figure 4.5: To determine CD44 clustering in response to HA MW, acceptor-photobleaching 
FRET was performed. For PMT, 1M, 100K, 40K, 10K, and no HA conditions n=160, 226, 216, 
211, 204, and 187 cells, respectively. The 63x high-magnification pre-bleach images of mTFP1 
and YPet for 1M (Fig 9B and 9C) and 40K (Fig 9F and 9G) as well as the post-bleach images 
of mTFP1 and YPet for 1M (Fig 9D and 9E) and 40K (Fig 9H and 9I) are shown. Scale bar is 
50 µm. **p<0.01 and ****p<0.0001; statistical significance compared to 1M. ###p<0.001; 
statistical significance compared to 10K. 
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10K HA and M1 control cells. Despite this increased production, 1M HA-induced IL-10 levels were 

significantly less than M2 control cells (Fig 6A). 1M HA also induced significantly higher levels of 

VEGF compared to all other conditions other than M0 control cells. VEGF production showed 

more of a binary response to HA MW as all 3 LMW HAs showed similar VEGF levels (Fig 6B). 

Given that IL-10 is a prominent M2 secreted cytokine123 and VEGF has been shown to be 

produced more by M2 macrophages50, this data suggests that 1M HA induces a pro-resolving 

phenotype similar to M2, but not identical to M2. 

 

HA promotes greater viability in hNSCs but not in a MW-dependent manner 

 hNSCs play a role in spinal cord repair. In order to maximize their regenerative capacity 

for therapeutics, it is critically important to understand how they respond to HA MW as HA plays 

a major role in wound healing. To assess the effects of HA MW on hNSC viability, a CellTiter-

Glo™ luminescent assay was used. By running the assay with a cell number standard curve, cell 

number is calculated from the relative luminescent units used in the assay. All HA conditions, 

regardless of MW, showed significantly higher cell numbers than both the positive and negative 

controls (Fig 7). This data suggests a protective role for HA in hNSCs. This role is feasible with 

the prominence of HA in CNS NSC niches and perineural nets. This data also highlights the 

potential benefits for the use of HA in biomaterials for CNS repair. 

 

Conclusion 

 The purpose of this chapter was to discuss effects of HA MW on HCMVECs, U937-

macrophages, and hNSCs. Using solubilized 1 mg/ml HA, we were able to thoroughly 

characterize the effects of HA MW on these cell types using four different MWs: 1M, 100K, 40K,  
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Figure 4.6: U937-derived macrophages were polarized in M1 or M2 polarization media as M1 
and M2 positive controls, cultured in RPMI supplemented with 2% FBS as M0 control, or 
treated with1 mg/ml HA for 96 hours. After 96 hours, macrophages were cultured in RPMI 
supplemented with 2% FBS for 24 hours before supernatants were collected for Milliplex assay 
testing. Cell culture supernatants were tested for the pro-resolving cytokine IL-10 (A) and the 
pro-angiogenic VEGF (B). Each condition has n=3 with each sample being tested in duplicates. 
One-way ANOVA and Tukey’s multiple comparisons test were used to determine statistical 
significance. *p<0.05, **p<0.01. ****p<0.0001. Statistical significance compared to 1M. 
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and 10K. The data reported contradicts the current theory that HMW HA is anti-angiogenic and 

LMW is pro-angiogenic. The data presented shows the ability of 1M HA to increase HCMVEC 

viability and tube formation suggesting a protective and maturation role for HMW HA. We 

hypothesized that this MW-dependent bioactivity may be mediated by the clustering of CD44 in 

response to HA MW. This hypothesis was supported by the increased expression of clustered 

CD44 in response to 1M HA using western blot for HCMVEC cultures and FRET in a model cell 

line. In addition to the effects of HMW HA on angiogenesis and CD44 clustering, 1M HA was also 

able to promote production of IL-10 and VEGF in macrophage cultures suggesting a pro-resolving 

role for 1M HA. Last, HA was shown to be neuroprotective by increasing the number of hNSCs in 

cultured regardless of HA MW. These data together highlights the MW-dependent bioactivity of 

HA and the need for thorough characterization of this bioactivity. It plays a critical role in wound 

healing and inflammation making it a prime material for use in biomaterials. The effects of HA MW 

in biomaterials will be explored in the next chapter. 
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Figure 4.7. hNSCs were treated with 1 mg/ml 
HA for 48 hours. After 48 hours, viability of 
hNSC was evaluated by measuring the 
metabolic activity using CellTiter-Glo™ 
assay. Cell number was calculated by using a 
standard curve. Each condition had n=9 from 
3 biological repeats. **p<0.01 and 
***p<0.001; Statistical significance compared 
to SP+GF. ##p<0.01, ###p<0.001, and 
####p<0.0001; Statistical significance 
compared to SP-GF. 
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Chapter 5: The role of hyaluronic acid molecular weight on the regenerative capacity of 
hyaluronic acid-based hydrogels 

 

Overview 

 As mentioned in previous chapters, there is currently no treatment for spinal cord injury 

(SCI) that can fully restore function. One promising approach, however, is the use of hyaluronic 

acid (HA)-based hydrogels75,129. HA hydrogels have been widely studied and have low 

immunogenicity, maintain high water content (>90%), have tunable mechanical properties that 

can mimic nerve tissue (1-10 kPa Young’s modulus), and are compatible with injection into the 

spinal cord48,52,75,92,130. Injectable hydrogels are optimal for SCI as the injuries are often 

incomplete, requiring a minimally invasive approach to spare surviving neural tissue52,84,90,100. 

Additionally, HA-based hydrogels have been shown to significantly reduce secondary injury, 

specifically inflammation and glial scar deposition, while also promoting neural stem cell (NSC) 

survival, proliferation, and migration, wound healing, and angiogenesis48,75,95,96,131,132. This chapter 

will focus primarily on the ability of HA-based hydrogels to promote angiogenesis. 

 After SCI, some repair occurs in the lesion site, however, it is severely limited by the hostile 

and inhibitory environment that is created in the chronic phase by events during the 

acute/subacute phases including the lack of a blood-spinal-cord-barrier (BSCB,) such as 

ischemia, immune cell infiltration, accumulation of reactive oxygen species, and edema as a result 

of hemorrhaging60,62,94. Promoting angiogenesis, the formation of new blood vessels through 

endothelial cell (EC) sprouting from pre-existing vessels, has been shown to improve outcomes 

after SCI60,62,94–97. Re-vascularization of the lesion site provides a conducive microenvironment 

essential for nerve repair. By re-establishing BSCB integrity and restoring blood supply to the 

injury site, secondary damage can be attenuated62,95,96 which is the primary goal of these 

therapeutic strategy. 
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Several studies have shown the ability of HA-based hydrogels to promote angiogenesis 

after CNS injury. Wen et al. used a tubular HA hydrogel mixed with poly(lactic-co-glycolic acid) 

(PLGA) microspheres loaded with brain-derived neurotrophic factor (BDNF) and vascular 

endothelial growth factor (VEGF) to treat rats with a thoracic dorsal hemisection SCI and found a 

large number of new blood vessels within the injury site96. Lu et al. found that an HA-based 

hydrogel immobilized with the VEGF-mimetic peptide KLT enhanced angiogenesis in a traumatic 

brain injury model in rats95. While the angiogenic ability of HA-based hydrogels has been 

highlighted before, one key variable that has yet to be fully explored is how the molecular weight 

(MW)-dependent bioactivity of HA influences the regenerative capacity of HA-based hydrogels. 

As mentioned in previous chapters, HA exhibits a MW-dependent bioactivity. In Chapter 

4, the protective role of HMW HA, as well as its ability to promote more stable tube formation, in 

human cerebral microvascular endothelial cells (HCMVECs) was highlighted. Additionally, the 

data presented also suggests CD44 clustering as a potential mediator of this MW-dependent 

bioactivity. In this chapter, the role of HA MW in HA-based hydrogels will be investigated, 

specifically through CD44 clustering and angiogenesis in HCMVEC cultures. This study highlights 

the importance of considering HA MW in the design of HA-based biomaterials, demonstrating that 

the MW-dependent bioactivity is conserved after chemical modification and crosslinking into 

biomaterials. 

 

Materials and Methods 

 

Thiolated hyaluronic acid (HA-SH) synthesis and characterization  
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Sodium hyaluronate (10-20 kDa (10K, HA10K), 41-65 kDa (40K, HA40K), 100-150 kDa 

(100K, HA100K), 750-1000 kDa (1M, HA1M), Lifecore Biomedical) was dissolved at 10 mg/mL in 

distilled, deionized (Di) H2O and thiolated as previously described90,92,133,134. All steps in the 

thiolation reaction are performed at room temperature. Afterwards, the HA solution was adjusted 

to a pH of 5.5 using 1M HCl. Then, 1-Ethyl-3-[3-dimethylaminopropyl] carbodiimide (EDC, Sigma-

Aldrich, 03450-5G) was dissolved in di H2O at the appropriate molar ratio (varies based on HA 

MW) immediately before addition to HA solution. N-hydroxysuccinimide (NHS, Sigma-Aldrich, 

130672-5G) was then added at the appropriate molar ratio. The pH was then readjusted to 5.5 

and the reaction was mixed for 45 min. Then, cystamine dihydrochloride (Thermo Fisher 

Scientific, AAB2287314) was added at the appropriate molar ratio. pH was adjusted to 6.25 using 

1 M NaOH, and the reaction continued while stirring overnight. Dithiothreitol (DTT, Thermo Fisher 

Scientific, BP172-25) was added in excess at pH 8.5. The mixture was stirred for 2 hours at room 

temperature to cleave cystamine disulfides and yield HA-SH. The reaction was quenched by 

adjusting the pH to 4.5. HA-SH was purified using dialysis against acidic (pH 4) di H2O for 3 days 

in the dark. Purified, HA-SH was vacuum filtered through a 0.22 µm filter (EMD Millipore), frozen 

under liquid nitrogen, lyophilized, and stored at – 20 °C until use. HA thiolation was confirmed 

using the colorimetric Ellman’s test for free thiols. 

 

Microfluidics device fabrication 

A flow focusing microfluidic device was used for manufacturing hydrogel spheres that were 

assembled. Microfluidic devices were fabricated using soft lithography. Briefly, master molds were 

fabricated on mechanical grade silicon wafers (University wafer) using KMPR 1050 photoresist 

(Microchem). Devices were molded from the masters using poly(dimethyl)siloxane (PDMS) 

Sylgard 184 kit (Dow Corning). The base and crosslinker were mixed at a 10:1 mass ratio, poured  
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Figure 5.1: A flow focusing microfluidic device was used to generate microparticles to anneal 
and form AMMS (Fig 8A). A thiolated HA (HA-SH) solution and a PEG-VS solution modifed 
with RGD and Flamma 552-SH were injected into the device and pinched off by injection of an 
oil phase to form particle droplets. The pH of the oil phase droplet solution was adjusted to 
enable crosslinking of HA-SH and PEG-VS particles. After washing and transfer to aqueous 
phase, particles are concentrated to allow disulfide bonds to form anneal particles together. 
The HA-SH and PEG-VS concentrations were optimized to provide mechanical properties 
similar to natural CNS tissue (~150 Pa) using storage modulus (Fig 8B). 
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over the mold, and degassed prior to curing for overnight at 65 °C. Channels were sealed by 

treating the PDMS mold and a glass microscope slide (VWR) with oxygen plasma at 500 mTorr 

and 80 W for 30 s. The channels were functionalized by injecting 100 µL of Aquapel (Aquapel) 

and reacting for 30 s until washed by Novec 7500 (3M). The channels were dried by air suction 

and kept in the oven at 65 °C until used. 

Hydrogel microparticle formation 

HA-SH was crosslinked with 20 kDa vinyl sulfone-terminated 4-arm polyethylene glycol 

(PEG-VS, JenKem Technology, A7025-1) modified with 300 µM thiolated RGD (RGD-SH, 

GenScript) and 10 µM thiolated fluorophore, Flamma 552 (AdipoGen, BCT-CWT1058-M001). 

These pre-gel solutions were sterile-filtered through a 0.2 µm polyethersulfone (PES) membrane 

in a luer lock syringe filter, injected into the microfluidic device and pinched off by oil phase (0.1% 

Pico-Surf in Novec 7500, SF-000149, Sphere Fluidics). The flow rate for aqueous solutions was 

10 µL/min and for oil solutions was 50 µL/min. Gels were collected from the device into a tube in 

oil phase, incubated overnight at room temperature in the dark. Microgels in the oil phase were 

vortexed with 20% 1H,1H,2H,2H-Perfluoro-1-octanol (PFO) (Sigma-Aldrich) in Novec 7500 for 10 

s. Micro-gels were then mixed with 1:1 mixture of HEPES buffer (100 × 10 mM HEPES, 40 × 10 

mM NaCl pH 7.4) and hexane followed by centrifugation at 10000 rpm to separate microgels from 

oil for five times. Microgels were incubated in sterile filtered 70% ethanol solution at 4 °C at least 

overnight for sterilization. Before experiments, microgels were washed with HEPES buffer five 

times. For in vitro studies, microparticles were concentrated by centrifugation, and incubated in 

the designated culture dish overnight at 37 °C to allow the microparticles to anneal forming an 

annealed macroporous microparticle scaffold (AMMS). 

 

Mechanical Characterization 
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Bulk gel solutions made of the same solutions used for microparticle fabrication were 

swollen to equilibrium overnight in PBS before mechanical characterization. Rheological 

characterization was done using an AR2000 rheometer (TA Instruments) with crosshatched plate 

and 8 mm geometry to prevent slipping and a solvent trap to minimize evaporation. The testing 

stage was maintained at 37°C. Oscillatory stress sweeps at 1 Hz and 1% strain and frequency 

sweeps at 1% strain were performed on scaffolds swollen in PBS, pH 7.4 

 

Cell Culture 

SV40-immortalized human cerebral microvascular endothelial cells (HCMVEC, Applied 

Biological Materials (ABM), T0259) were used for all endothelial cell experiments. HCMVECs 

were cultured in ScienCell’s complete Endothelial Cell Media (ECMC, 1001). All experiments were 

conducted using HCMVECs on passage 6 or 7. HCMVECs were cultured on PriCoat flasks (ABM, 

G299) or Applied Cell Extracellular Matrix (ACECM, ABM, G422) coated plates per 

manufacturers’ instructions. The human embryonic kidney (HEK) cell line, Lenti-X™ 293T (Takara 

Bio, 632180) was used as a model cell line for CD44 clustering experiments. HEK cells were 

cultured in Dulbecco’s Modified Eagle’s Medium (DMEM, Corning, 10013CV) supplemented with 

10% fetal bovine serum (FBS, GenClone, 25-550) and 1% antibiotic-antimycotic (ABAM, Gibco, 

15240062) for expansion and for Western blot experiments. For fluorescent resonance energy 

transfer (FRET) experiments, the cell culture media was changed to Live Cell Imaging Solution 

(LCIS, Invitrogen, A14291DJ) supplemented with 10% FBS, 1% ABAM, and 2 drops/ml NucRed™ 

Live 647 ReadyProbes™ Reagent (Invitrogen, R37106) for nuclei counter staining. For 3D FRET 

experiments, HEKs were seeded on an AMMS and allowed to attach overnight before analysis. 

 

EdU test for proliferation 
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HCMVECs were seeded in the appropriate media condition and allowed to proliferate for 

24 hours before being pulsed with 2’-Deoxy-5-ethynyluridine (EdU, Abcam, ab146186) for 2 

hours. Cells were then passaged and fixed using 4% paraformaldehyde for 15 minutes. After 

fixation, cells are permeabilized using 0.1% saponin and 1% BSA in PBS. EdU staining was 

performed using the Click-iT™ Plus Alexa Fluor™ 488 Picolyl Azide Toolkit (Thermo, C10641) 

per manufacturer’s instructions. Flow cytometric analysis was performed using a Millipore Guava 

EasyCyte 5 HPL Benchtop Flow Cytometer and GuavaSoft. 

 

Viability and apoptosis  

HCMVECs were seeded in the appropriate media condition and cultured for 24 hours in a 

96-well plate before viability and apoptosis were measured using the ApoLive-Glo™ Multiplex 

Assay (Promega, G6411). Viability is measured in this assay using glycyl-phenylalanyl-amino 

fluorocoumarin (GF-AFC), a cell permeant, peptide substrate that generates a fluorescent reading 

when cleaved by live-cell protease activity. Apoptosis is measured using a caspase 3/7 

luminogenic substrate. Fluorescent and luminescent signals were measured using a BioTek 

Synergy H1 hybrid multimode plate reader. 

 

Confocal Imaging and Immunofluorescence 

HBMVECs were cultured in AMMS using ECMC without ECGS. AMMS cultures were 

performed using 8-well chambered polymer coverslips (Ibidi, 80826). After 48 hours, cells were 

fixed using 4% paraformaldehyde in PBS (Santa Cruz Biotechnology, sc-281692), then 

permeabilized using 0.2% triton X-100 in PBS for 5 minutes. Cells were then incubated with 

Image-iT™ FX signal enhancer (Thermo Fisher Scientific, I36933) for 30 minutes and then 
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blocked with 4% normal donkey serum (Sigma-Aldrich, D9663) and 1% bovine serum albumin 

(Bioworld, 22070008) in PBS with 0.1% tween-20. Primary antibodies for pan-actin (1:50, 

ACTN05 (C4), Novus Biologicals, NB600-535) and ZO-1 (1:25, ZMD.437, Thermo Fisher 

Scientific, 40-2300) were incubated overnight at 4°C. Alexa fluor 488 conjugated donkey anti-

mouse (Thermo Fisher Scientific, A21202) and Alexa fluor 647 conjugated donkey anti-rabbit 

(Thermo Fisher Scientific, A31573) secondary antibodies (1:1000) were incubated for 1 hour at 

room temperature. Imaging of AMMS cultures was performed using a Leica SP5 laser scanning 

confocal microscopy system and a 5x objective. Z-stacks were taken with slices 2 µm apart. Max 

projections were generated using the Lecia LAS AF software. 

 

Vector Design 

All lentiviral vectors were developed using VectorBuilder’s Vector Design tool and 

purchased from VectorBuilder. To perform all FRET studies, three vectors were developed: 

CD44-mTFP1 (VB210402-1113mts), CD44-Ypet (VB171201-1092vjt), and PMT-mTFP1-Ypet 

(VB210402-1112gew). To perform all western blot studies, a CD44 overexpression vector 

(VB191002-1258ayx) was developed. 

 

Lentivirus Production 

Briefly, 80% confluent HEK cells were transfected with third generation packaging 

plasmids (pRSV-Rev and pMDLg/pRRE were gifts from Didier Trono (Addgene plasmids # 12253 

and # 12251, respectively)), a plasmid encoding the lentiviral capsule (pCMV-VSV-G was a gift 

from Bob Weinberg, Addgene plasmid # 8454), and either a CD44-mTFP1, CD44-Ypet, PMT-

mTFP1-Ypet, or CD44 overexpression vector using jetPRIME transfection reagent (Polyplus 
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transfection). Lentiviral particles were recovered from media after 2 days of culture using PEG-

it™ virus precipitation solution (SBI System Biosciences), resuspended in 1x PBS and stored at 

– 80 °C. 

 

Acceptor-photobleaching-based FRET Measurement 

Confocal microscopy imaging and photobleaching experiments were performed at 37 °C 

using a Leica SP5 laser scanning confocal microscopy system and a 63x water immersion 

objective, HC APO L 63x/0,90 W U-V-I (Leica, 506148). If there are any interactions between 

mTFP1 (donor) and Ypet (acceptor) leading to energy transfer in the cells, photobleaching Ypet 

would lead to an increase in mTFP1 intensity since mTFP1 would no longer be quenched by the 

Ypet. In the photobleaching experiments, a high intensity laser (100% laser power at 514 nm 

beam) was applied to the region of interest for 500 frames to locally bleach the Ypet present. Data 

acquisition was gathered immediately after bleaching. The sample area was scanned at the 

resolution of 1024 × 1024 pixels. The mTFP1 and Ypet were excited at 458 and 514 nm, 

respectively. Two frames of pre-bleach and post-bleach mTFP1 and Ypet fluorescence intensities 

were recorded. The FRET efficiency € was calculated using the following equation:  

E = 1 – (Fpre/Fpost)·Fpre 

The variables Fpre and Fpost indicate the fluorescent intensity of mTFP1 before and after acceptor 

photobleaching, respectively. All FRET Efficiency measurements were made using the FRET AB 

Wizard in the Leica LAS AF software. Two-way ANOVA and Sidak’s multiple comparisons test 

were used to determine statistical significance. 
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Figure 5.2: To determine CD44 clustering in response to HA MW in AMMS, acceptor-
photobleaching FRET was performed as in Chapter 4. 3D FRET measurements were 
compared to the 2D measurements from the previous chapter to determine if there is an effect 
on CD44 clustering from chemical modification and subsequent crosslinking of HA into 
biomaterials (Fig 9A) using two-way ANOVA. Sidak’s multiple comparisons test was performed 
to determine statistical significance between HA MW conditions. 100K and 40K HA 2D 
conditions exhibited significantly lower FRET efficiencies than 1M 2D (****, p < 0.0001). 40K 
3D exhibited significantly lower FRET efficiency than 1M 3D (#, p < 0.05). For 1M 3D, 100K 
3D, and 40K 3D conditions n= 200, 66, and 64 cells, respectively. The 63x high-magnification 
pre-bleach images of mTFP1 and YPet for 1M (Fig 9B and 9C) and 40K (Fig 9F and 9G) as 
well as the post-bleach images of mTFP1 and YPet for 1M (Fig 9D and 9E) and 40K (Fig 9H 
and 9I) are shown. Scale bar is 50 µm. Image brightness and contrast has been adjusted to 
make images more visible. 
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Results and Discussion 

 

CD44 clustering is not influenced by chemical modification and crosslinking of HA into hydrogels 

 In the previous chapter, the data reported showed that HA MW influences the clustering 

of its major receptor, CD44. However, it has remained unclear how chemical modification and 

subsequent crosslinking of HA affects this phenomenon. CD44 interacts with HA through 

hydrogen binding with the carboxylic acid group on HA135, which is commonly modified with 

various functional groups to enable chemical crosslinking into biomaterials75,117,133. In designing 

HA-based biomaterials, it is critically important to understand how the MW-dependent bioactivity 

of HA is affected. As in the previous chapter, FRET was used to determine clustering of CD44 in 

a model cell line. Comparing both solubilized (2D) and crosslinked (3D) 1M, 100K, and 40K HA, 

we can see there are minimal differences in the FRET efficiencies (Fig 5.2A). Using a two-way 

ANOVA, there is no statistically significant difference between 2D and 3D cultures for individual 

MWs. In 2D, 100K and 40K induced significantly less CD44 clustering compared to 1M. In 3D, 

the 100K FRET efficiency is still less than 1M, but this difference is not statistically significant. 

However, the difference between 40K and 1M is statistically significant. Future studies will benefit 

by further investigating how the degree of modification influences CD44 clustering. For the 

following experiments, only AMMS made with 1M and 40K HA, as between these were the largest 

significant differences. 

  

AMMS made with 1M HA promote greater viability without increasing proliferation than AMMS 

made with 40K HA 
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Figure 5.3: Human cerebral microvascular endothelial cells (HCMVECs) were cultured in 
AMMS made with 1M HA (1M 3D) and AMMS made with 40K HA (40K 3D). Cell health was 
characterized by proliferation (Fig 10A) and the ratio of viable to apoptotic cells (Fig 10B). 
Given the increased cell number required for 3D cultures, the gains had to be reduced for 
fluorescent and luminescent readings and thus HCMVECs were cultured in 2D with ECMC as 
a positive control for the ApoLive-Glo™ assay. All graphs are showing mean with standard 
deviation. Fig 10A has n=9 for all conditions. Fig 10B has n=36 for all conditions. Kruskal-Willis 
test and Dunn’s multiple comparisons test were performed. “*p<0.05; significant differences 
compared to 1M 3D condition.”  
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Data shown in the previous chapter (Fig 4.1) suggested that 1M HA is protective for 

HCMVECs as they exhibited a significantly increased viability-to-apoptosis ratio but exhibited no 

significant differences in proliferation when compared to 100K, 40K, and 10K HA. This trend 

persists when culturing HCMVECs in 3D AMMS. The data reported shows no significant 

differences in EdU+ cells and, thus, there is no increase in HCMVEC proliferation when exposed 

to lower MW HA chains. However, when analyzing the viability-to-apoptosis ratios, there is still 

statistical significance between 1M and 40K HA. This data suggests that 1M HA maintains a 

protective role after chemical modification and subsequent cross-linking. One thing to note, the 

overall values of the ratios are decreased in 3D experiments, when compared to the 2D 

experiments due to adjustments in signal detection. Since 3D cultures require greater cell number 

to maintain similar seeding density, the gains for both the fluorescent and luminescent readings 

on the BioTek Synergy H1 hybrid multimode plate reader had to be decreased. To account for 

this, HCMVECs cultured in 2D with ECMC were used a positive control as in the previous chapter.  

 

AMMS made with 1M HA promote greater vessel formation than AMMS made with 40K HA 

 Re-vascularization is critical and is often the limiting factor in any biomaterial-based 

therapeutic. Promoting adequate vascularization after implantation can greatly improve outcomes 

after SCI59,60,96, as well as promote wound healing in general37,115,116. In the previous chapter, data 

highlighted the ability of 1M HA to promote more stable tube formation using a Geltrex™ tube 

formation assay compared to 100K, 40K, and 10K HA. This trend persists when culturing 

HCMVECs in AMMS. After 48 hours, HCMVECs cultured in AMMS made with 1M HA exhibited 

more mature vessel formation, as inferred by greater branching and interconnectedness of multi-

nucleated vessel-like structures in between AMMS particles (Fig 5.4). HCMVECs cultured in 

AMMS made with 40K HA did not produce branching vessel-like structures, and HCMVECs seem 
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to grow on the surface of particles instead of in between them like in 1M HA AMMS. These data 

corroborate that reported in the previous chapter, showing that 1M HA promotes greater and more 

stable tube formation than LMW HA in 2D cultures (Fig 4.2). This result contradicts the 

conventional thought in the literature that HMW HA is anti-angiogenic, which is based off studies 

not performed in microvascular ECs1,13,126. This further highlights the need to investigate the MW-

dependent bioactivity of HA in a larger range of EC subtypes, as well as a large range of cell 

types in general. 

 

Conclusion 

 The goal of this chapter was to evaluate the bioactivity of AMMS, fabricated from HA of 

varied MW to better understand how the MW-dependent bioactivity of HA is affected after 

chemical modification and subsequent crosslinking of HA into biomaterials. In the previous 

chapter, we showed that HA was able to influence clustering of its main receptor, CD44, in a MW 

dependent manner. This trend persisted after crosslinking into biomaterials as AMMS made with 

1M HA exhibited higher levels of CD44 clustering, measured using FRET, than AMMS made with 

100K and 40K. Two-way ANOVA analysis showed no significant difference between the FRET 

efficiencies in 2D vs 3D cultures. Next, we aimed to determine how HA MW affected the ability of 

AMMS to promote proliferation, viability, and apoptosis in HCMVECs. The data reported are 

similar those reported in the previous chapter, as there were no differences in proliferation 

between conditions, but 1M HA AMMS was able to promote a significantly greater ratio of viable 

to apoptotic cells than 40K HA AMMS. The data was also consistent between 2D and 3D when 

analyzing ability of HCMVECs to form tube-like structures in response to HA MW. In AMMS made 

with 1M HA, HCMVECs were able to produce intricate vessel-like structures that grow through 

and in between AMMS particles, which is not seen in AMMS made with 40K HA. These data 
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altogether highlight the need for considering HA MW in the design of HA-based biomaterials as 

HA exhibits a very complex MW-dependent bioactivity that is not universal across cell types. 
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Figure 5.4: Human cerebral microvascular endothelial cells (HCMVECs) were cultured in 
AMMS made with 1M HA (1M 3D) and AMMS made with 40K HA (40K 3D). After 48 hours, 
cultured were fixed, permeabilized, and stained for actin (Fig 11B and 11E) and the tight 
junction protein, ZO-1 (Fig 11C and 11F). Hoechst was used as counterstain to label nuclei 
(Fig 11A and 11D). Images are max projections of z-stacks with slices 2 µm apart. Scale bar 
is 100 µm. Image brightness and contrast has been adjusted to make images more visible. 
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Chapter 6: The role of pore size in the design of HA-based biomaterials for spinal cord 
repair 

 

Overview 

 Biocompatibility is an area of tremendous importance for biomaterial implants93. Solid, 

non-porous materials may induce a greater host immune response than in those with pores, 

resulting in encapsulation of the implant93. Such an encapsulation response results in a “walling 

off” of an implant that prevents its integration with host tissues. Spatial confinement, as 

experienced by cells within 3D, porous biomaterials, can affect the phenotype of several cell types 

involved in wound healing, including fibroblasts, stem cells, immune cells and endothelial cells106–

109,136. For example, micropattern-imposed spatial confinement of macrophages has been 

reported to suppress expression and secretion of pro-inflammatory proteins136. However, the 

relationship between pore size and immune response has yet to be clearly established, especially 

in the central nervous system (CNS). This lack of understanding has impeded the understanding 

of design parameters needed for optimal biomaterial-mediated regeneration and clinical 

translation.  

Macroporosity has marked effects on vascularization of biomaterials91,92,107,110, which can 

in turn improve outcomes after spinal cord injury (SCI)95. Mathematical simulations have predicted 

that larger pores (up to 400 µm evaluated) with higher interconnectivity support rapid and 

extensive implant vascularization137. Interconnected macropores may promote vascularization 

simply by providing a geometrical template for new vascular networks91,92,110,112. Extensive 

interconnectivity of macroporous networks is also desired, as “dead ends” likely restrict integration 

with host tissue112,113. However, the best pore size to promote vascularization in injured spinal 

cord has not been investigated previously. 

Additional studies have found that macrophages infiltrating macroporous scaffolds 

produce a unique secretome consisting of key factors promoting immunomodulation107,114 and 
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vascularization, like vascular endothelial growth factor (VEGF)95,114–116. Macrophages experience 

plasticity across a continuum of phenotypes bounded by two extremes: pro-inflammatory, type I 

macrophage (M1) and a pro-regenerative, type 2 macrophage (M2). In particular, a higher number 

of “alternatively” activated, M2 macrophages over “classically” activated M1 macrophages has 

been associated with better outcomes after SCI138,139. Macropores may influence macrophage 

phenotype by physical confinement of cell spreading106–109, but the exact mechanism for this effect 

is still not fully understood. A previous study found that larger pores, about 40 µm, promoted 

macrophage elongation and an M2-like phenotype, while smaller pores drove macrophages to 

“flatten” and adopt an M1-like phenotype140. In culture, cytoskeletal elongation is sufficient to 

induce macrophages to adopt an M2 phenotype108,109.  

The work presented in this chapter is still primarily preliminary data, as some experiments 

are still ongoing. Using hyaluronic acid (HA)-based annealed microparticle, macroporous 

scaffolds (AMMS) described in Chapter 5, this chapter aims to investigate the effects of AMMS 

porosity on cells involved in neuroinflammation, specifically human cerebral microvascular 

endothelial cells (HCMVECs) and U937-derived macrophages. By fabricating microparticles with 

varying diameters, AMMS with can be formed with very defined and precisely controlled pore size. 

With this method, we investigated how pore size influences HCMVEC cell health and vessel 

formation, how pore size influences macrophage polarization, and how porosity-induced 

macrophage polarization affects HCMVEC cell health and vessel formation. 

 

Materials and Methods 

 

Thiolated hyaluronic acid (HA-SH) synthesis and characterization  
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Sodium hyaluronate (500-750 kDa, 700K, Lifecore Biomedical) was dissolved at 10 

mg/mL in distilled, deionized (Di) H2O and thiolated as previously described90,92,133,134. All steps in 

the thiolation reaction are performed at room temperature. Afterwards, the HA solution was 

adjusted to a pH of 5.5 using 1M HCl. Then, 1-Ethyl-3-[3-dimethylaminopropyl]carbodiimide 

(EDC, Sigma-Aldrich, 03450-5G) was dissolved in di H2O at the appropriate molar ratio (varies 

based on HA MW) immediately before addition to HA solution. N-hydroxysuccinimide (NHS, 

Sigma-Aldrich, 130672-5G) was then added at the appropriate molar ratio. The pH was then 

readjusted to 5.5 and the reaction was mixed for 45 min. Then, cystamine dihydrochloride 

(Thermo Fisher Scientific, AAB2287314) was added at the appropriate molar ratio. pH was 

adjusted to 6.25 using 1 M NaOH, and the reaction continued while stirring overnight. Dithiothreitol 

(DTT, Thermo Fisher Scientific, BP172-25) was added in excess at pH 8.5. The mixture was 

stirred for 2 hours at room temperature to cleave cystamine disulfides and yield thiolated HA (HA-

SH). The reaction was quenched by adjusting the pH to 4.5. HA-SH was purified using dialysis 

against acidic (pH 4) di H2O for 3 days in the dark. Purified, HA-SH was vacuum filtered through 

a 0.22 µm filter (EMD Millipore), frozen under liquid nitrogen, lyophilized, and stored at − 20 °C 

until use. HA thiolation was confirmed using the colorimetric Ellman’s test for free thiols. 

 

Microfluidics device fabrication 

A flow focusing microfluidic device was used for manufacturing hydrogel spheres that were 

assembled. Microfluidic devices were fabricated using soft lithography. Briefly, master molds were 

fabricated on mechanical grade silicon wafers (University wafer) using KMPR 1050 photoresist 

(Microchem). Devices were molded from the masters using poly(dimethyl)siloxane (PDMS) 

Sylgard 184 kit (Dow Corning). The base and crosslinker were mixed at a 10:1 mass ratio, poured 

over the mold, and degassed prior to curing for overnight at 65 °C. Channels were sealed by 
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treating the PDMS mold and a glass microscope slide (VWR) with oxygen plasma at 500 mTorr 

and 80 W for 30 s. The channels were functionalized by injecting 100 µL of Aquapel (Aquapel) 

and reacting for 30 s until washed by Novec 7500 (3M). The channels were dried by air suction 

and kept in the oven at 65 °C until used. 

 

Hydrogel microparticle formation 

HA-SH was crosslinked with 20 kDa vinyl sulfone-terminated 4-arm polyethylene glycol 

(PEG-VS, JenKem Technology, A7025-1) modified with 300 µM thiolated RGD (RGD-SH, 

GenScript) and 10 µM thiolated fluorophore, Flamma 552 (AdipoGen, BCT-CWT1058-M001). 

These pre-gel solutions were sterile-filtered through a 0.2 µm polyethersulfone (PES) membrane 

in a luer lock syringe filter, injected into the microfluidic device and pinched off by oil phase (0.1% 

Pico-Surf in Novec 7500, SF-000149, Sphere Fluidics). The flow rate for aqueous solutions was 

10 µL/min and for oil solutions was 50 µL/min. Gels were collected from the device into a tube in 

oil phase, incubated overnight at room temperature in the dark. Microgels in the oil phase were 

vortexed with 20% 1H,1H,2H,2H-Perfluoro-1-octanol (PFO) (Sigma-Aldrich) in Novec 7500 for 10 

s. Micro-gels were then mixed with 1:1 mixture of HEPES buffer (100 × 10 mM HEPES, 40 × 10 

mM NaCl pH 7.4) and hexane followed by centrifugation at 10000 rpm to separate microgels from 

oil for five times. Microgels were incubated in sterile filtered 70% ethanol solution at 4 °C at least 

overnight for sterilization. Before experiments, microgels were washed with HEPES buffer five 

times. For in vitro studies, microparticles were concentrated by centrifugation, and incubated in 

the designated culture dish overnight at 37 °C to allow the microparticles to anneal forming an 

AMMS. 

 

Mechanical Characterization 
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Bulk gel solutions made of the same solutions used for microparticle fabrication were 

swollen to equilibrium overnight in PBS before mechanical characterization. Rheological 

characterization was done using an AR2000 rheometer (TA Instruments) with crosshatched plate 

and 8 mm geometry to prevent slipping and a solvent trap to minimize evaporation. The testing 

stage was maintained at 37°C. Oscillatory stress sweeps at 1 Hz and 1% strain and frequency 

sweeps at 1% strain were performed on scaffolds swollen in PBS, pH 7.4 

 

Scaffold Macrostructure Characterization 

Scaffolds were imaged using an SP8 confocal microscope (Leica Microsystems) after 

being tagged using a thiolated fluorphore, Flamma 552-SH as mentioned previously. 3D 

reconstructions were created using the volume viewer plugin for ImageJ (NIH). To assess pore 

interconnectivity, scaffolds were formed and incubated in a 1 mg/mL solution of high molecular 

weight (500 kDa) fluorescein isothiocyanate (FITC)-dextran (TdB Consultancy AB). To determine 

median pore size in the annealed scaffolds, 10 z-slices were taken in each gel, spanning a total 

of 500 um depth. These images were then analyzed using image J, to identify the pore regions 

and calculate each one’s size. These areas were then converted to a characteristic length 

measurement by forcing the areas to a circle and calculating the characteristic diameter of these 

circles. 

 

Hydraulic conductivity 

A custom-designed device was designed using Autodesk Inventor 3D CAD software, and 

printed in Watershed XC 11 122 Normal-Resolution Stereo-lithography build in 0.004” layers from 

Proto Labs, Inc. For the MAP scaffold, 25 µL of microgel building blocks was casted on top of a 5 
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µm pore size cellulose membrane (SMWP01300, Fisher Scientific) in the bottom plane of the 

device and annealed followed by the overnight incubation in PBS. Then 1 mL of PBS with blue 

food dye was injected into the device and the permeated volume over time was measured. The 

hydraulic conductivity was calculated based on Darcy’s law. 

k = aL/AT * In(h1/h2) 

where, a is the inner cross-sectional area of the graduated tube (cm2), L is the test sample 

thickness (cm), A is the test sample cross-sectional area (cm2). T is the time elapsed between 

the initial head and the final head (s), h1 is the initial head across the test specimen (cm), and h2 

is the final head across the test specimen (cm). 

 

Cell Culture 

SV40-immortalized human cerebral microvascular endothelial cells (HCMVEC, Applied 

Biological Materials (ABM), T0259) were used for all endothelial cell experiments. HCMVECs 

were cultured in ScienCell’s complete Endothelial Cell Media (ECMC, 1001). All experiments were 

conducted using HCMVECs on passage 6 or 7. HCMVECs were cultured on PriCoat flasks (ABM, 

G299) or Applied Cell Extracellular Matrix (ACECM, ABM, G422) coated plates per 

manufacturers’ instructions. U937 monocytes were differentiated into M0 macrophages by 

culturing cells in RPMI 1640 supplemented with 2% FBS, 1% ABAM, and 20 ng/ml phorbol 12-

myristate 13-acetate (PMA, Tocris, 1201) for 48 hours. As controls for polarization, M1 

macrophages were produced by culturing M0 macrophages in RPMI 1640 supplemented with 2% 

FBS, 1% ABAM, 50 ng/ml lipopolysaccharides (LPS, Sigma-Aldrich, L4391) and 10 ng/ml 

recombinant human interferon-γ (IFNγ, Peprotech, 300-02) for 96 hours. M2 macrophages were 

produced by culturing M0 macrophages in RPMI 1640 supplemented with 2% FBS, 1% ABAM, 

and 25 ng/ml recombinant human interleukin-4 (IL-4, Peprotech, 200-04) and recombinant human 
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interleukin-13 (IL-13, Peprotech, 200-13) for 96 hours. These differentiation protocols were 

previously established123. 

 

EdU test for proliferation 

HCMVECs were seeded in the appropriate media condition and allowed to proliferate for 

24 hours before being pulsed with 2'-Deoxy-5-ethynyluridine (EdU, Abcam, ab146186) for 2 

hours. Cells were then passaged and fixed using 4% paraformaldehyde for 15 minutes. After 

fixation, cells are permeabilized using 0.1% saponin and 1% BSA in PBS. EdU staining was 

performed using the Click-iT™ Plus Alexa Fluor™ 488 Picolyl Azide Toolkit (Thermo, C10641) 

per manufacturer’s instructions. Flow cytometric analysis was performed using a Millipore Guava 

EasyCyte 5 HPL Benchtop Flow Cytometer and GuavaSoft. 

 

Viability and apoptosis  

HCMVECs were seeded in the appropriate media condition and cultured for 24 hours in a 

96-well plate before viability and apoptosis were measured using the ApoLive-Glo™ Multiplex 

Assay (Promega, G6411). Viability is measured in this assay using glycyl-phenylalanyl-amino 

fluorocoumarin (GF-AFC), a cell permeant, peptide substrate that generates a fluorescent reading 

when cleaved by live-cell protease activity. Apoptosis is measured using a caspase 3/7 

luminogenic substrate. Fluorescent and luminescent signals were measured using a BioTek 

Synergy H1 hybrid multimode plate reader. 

 

Wound healing and migration 
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ACECM was used to coat the growth area of 2-well wound healing inserts purchased from 

Ibidi (80209) which have a defined 500 µm gap. HCMVECs were seeded in ECMC and allowed 

to attach overnight. Once attached, the cells were rinsed with ECMC and cultured in the 

appropriate media condition. Cells were cultured and imaged in an Incucyte® S3 Live-Cell 

Analysis System (Sartorius, 4647). Phase images were taken every 15 minutes with a 4x objective 

for 24 hours. Automated image analysis was performed using the Wound Healing FastTrack AI 

Image Analysis software (Ibidi, 32000). 

 

Tube formation 

Tube formation angiogenesis experiments were carried out using the angiogenesis 96-

well µ-plates from Ibidi (89646). Wells were first coated with Geltrex™ LDEV-Free Reduced 

Growth Factor Basement Membrane Matrix (Thermo, A1413202). HCMVECs were then seeded 

in the appropriate media conditions and allowed to attach for 6 hours. Time-lapse microscopy was 

then used to monitor tube formation on a Zeiss Axio Observer Z1 inverted fluorescence 

microscope. Phase images were taken every 10 minutes with a 4x objective for up to 24 hours. 

Automated image analysis was then performed using the Tube Formation FastTrack AI Image 

Analysis (Ibidi, 32100). 

 

Confocal Imaging and Immunofluorescence 

HBMVECs were cultured in AMMS using ECMC without ECGS. AMMS cultures were 

performed using 8-well chambered polymer coverslips (Ibidi, 80826). After 48 hours, cells were 

fixed using 4% paraformaldehyde in PBS (Santa Cruz Biotechnology, sc-281692), then 

permeabilized using 0.2% triton X-100 in PBS for 5 minutes. Cells were then incubated with 

Image-iT™ FX signal enhancer (Thermo Fisher Scientific, I36933) for 30 minutes and then 
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blocked with 4% normal donkey serum (Sigma-Aldrich, D9663) and 1% bovine serum albumin 

(Bioworld, 22070008) in PBS with 0.1% tween-20. Primary antibodies for pan-actin (1:50, 

ACTN05 (C4), Novus Biologicals, NB600-535) and ZO-1 (1:25, ZMD.437, Thermo Fisher 

Scientific, 40-2300) were incubated overnight at 4°C. Alexa fluor 488 conjugated donkey anti-

mouse (Thermo Fisher Scientific, A21202) and Alexa fluor 647 conjugated donkey anti-rabbit 

(Thermo Fisher Scientific, A31573) secondary antibodies (1:1000) were incubated for 1 hour at 

room temperature. Imaging of AMMS cultures was performed using a Leica SP5 laser scanning 

confocal microscopy system and a 5x objective. Z-stacks were taken with slices 2 µm apart. Max 

projections were generated using the Lecia LAS AF software.  

 

Results and Discussion 

 

Microparticle diameter influences the porosity of AMMS 

 A flow-focusing microfluidic device was used to fabricate microparticles made with 700 

kDa HA of varying size. By adjusting flow rate, small (700S, mean = 33.9 µm) and large (700L, 

mean = 154.4 µm) particles can be produced (Fig 6.1A). These particles are collected in an oil 

phase bath. After transferring to an aqueous phase, the mean diameter of 700S and 700L 

expands to 88.6 µm (Fig 6.1B) and 333.9 µm (Fig 6.1C), respectively. Microparticle size defines 

pore size. Since the microparticles are spherical, they cannot fully connect with neighboring 

particles and instead only contact them at single points, where they anneal via disulfide bonding. 

The larger the diameter of the particle the greater the spacing between particles. The mean pore 

size of 700S is 14.7 µm and 700L is 61.0 µm (Fig 6.1D). Hydraulic conductivity is the ease with 

which fluids can pass through a porous material. A larger hydraulic conductivity means fluid is 

able to pass through the material with greater ease. AMMS pore size accordingly influences 
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hydraulic conductivity, with 700S and 700L having conductivities of 0.18 ± 0.03 µm/min and 0.76 

± 0.09 µm/min, respectively (Fig 6.1E). FITC-dextran was used to visualize the void space in both 

700S (Fig 6.1F) and 700L (Fig 6.1G). Qualitatively, there is much more void space in 700L AMMS 



67 
 
  



68 
 

  

Figure 6.1: A flow-focusing microfluidic device was used to fabricate microparticles made with 
700K HA of varying size. By adjusting flow rate, small (700S, mean = 33.9 µm) and large (700L, 
mean = 154.4 µm) particles can be produced (Fig 6.1A). After swelling in an aqueous phase, the 
mean diameter of 700S and 700L becomes 88.6 µm (Fig 6.1B) and 333.9 µm (Fig 6.1C), 
respectively. Varying particle size allows for pore size to also be varied as the mean pore size of 
700S is 14.7 µm and 700L is 61.0 µm (Fig 6.1D). Porosity also influences the hydraulic conductivity 
of AMMS with 700S and 700L having conductivities of 0.18 ± 0.03 µm/min and 0.76 ± 0.09 µm/min, 
respectively (Fig 6.1E). FITC-dextran was used to visualize the void space in both 700S (Fig 6.1F) 
and 700L (Fig 6.1G). Scale bar is 200 µm. Data in this figure was acquired by Hiromi Miwa, a 
member of Dino Di Carlo’s lab. 
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than 700S AMMS. The biomaterial characterization shown in Figure 6.1 was performed by Hiromi 

Miwa, a Ph.D. candidate in tthe lab of Prof. Dino Di Carlo. 

 

Pore size affects the morphology of HCMVEC vessel formation 

 HCMVECs were cultured in 700L or 700S AMMS for 48 hours prior to fixation, 

permeabilization, and staining with phalloidin and Hoechst to characterize vessel morphology. In 

700L AMMS, HCMVECs were able to form vessel networks that intercalated annealed 

microparticles (Fig 6.2A - Fig 6.2C). On the other hand, HCMVECs in 700S AMMS formed more 

tightly connected vessel networks that are much more localized around sections of particles (Fig 

6.2D – Fig 6.2F). This data suggest that larger pores may allow for greater vascularity throughout 

the scaffold, whereas smaller pores would create more superficial vascular networks. This is 

important to note when designing biomaterials as host tissue integration is critical to regeneration 

and biomaterial-based wound healing.  

 

Pore size influences passive migration of macrophages through AMMS 

 U937-derived macrophages were cultured in 700L and 700S AMMS for 96 hours, 

sufficient time for polarization towards the M1 and M2 states. After 96 hours, macrophages were 

fixed, permeabilized, and stained for arginase – a marker for M2 macrophages (Fig 6.3B and Fig 

6.3E). Hoechst was used as a nuclear counterstain (Fig 6.3C and Fig 6.3F). Macrophages in 

both 700L and 700S AMMS were found to positively stain for arginase, a common marker of pro-

resolving/M2 phenotype. However, while equal numbers of cells were seeded on both scaffold 

types, in confocal images acquired across the top 250 µm of the AMMS, the side on which cells 

were originally seeded, fewer cells were observed in the 700L AMMS. This finding suggests that  
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Figure 6.2: Human cerebral microvascular endothelial cells (HCMVECs) were cultured in 
AMMS made with 700K HA. AMMS were made with large (700L, Fig 6.2A – 6.2C) and small 
(700S, Fig 6.2D – 6.2F) particles to vary porosity. After 48 hours, cultures were fixed, 
permeabilized, and stained with phalloidin and Hoechst to label cytoskeleton and nuclei, 
respectively. Images are max projections of z-stacks with slices 4 µm apart at 10x magnification. 
Scale bar is 50 µm. 
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cells were able to passively fall or actively migrate through scaffolds with larger pores, but not 

those with smaller pores, during the culture period. Given this, 700L AMMS would be expected 

maximize host host cell infiltration into the scaffold and, thus, tissue integration81,83,141. However, 

this experiment will need to be repeated systematically to confirm this result. 

 

Smaller pores upregulate production of the pro-inflammatory cytokine IL-6 and the angiogenic 

growth factor VEGF 

 Next, M0, M1, and M2 macrophages were cultured on 2D tissue culture plastic, and M0 

macrophages cultured on 700L or 700S scaffolds for 96 hours to allow for polarization. After an 

additional 24 hours, cell culture supernatants were collected and analyzed using a Milliplex, bead-

based ELISA to quantify cytokine secretion. Pro-inflammatory M1 macrophages are responsible 

for much of the pro-inflammatory signaling in in the injury response before undergoing 

apoptosis1,35,36. This high propensity for apoptosis resulted in overall decreased cell numbers in 

M1 macrophage control cultures and posed a challenge to proper quantification of secreted 

cytokines. Macrophages cultured in 700S produced larger quantities of the pro-inflammatory 

cytokine IL-6 (mean = 290.53 pg/ml) than macrophages cultured in 700L (mean = 63.4967 pg/ml); 

however, both cells in both scaffolds had increased IL-6 production compared to M1 and M2 

control cells (Fig 6.4A). Macrophages cultured in 700S also produced higher concentrations of 

the pro-angiogenic vascular endothelial growth factor (VEGF) (mean = 904.707 pg/ml) than those 

in 700L (mean = 227.105 pg/ml) (Fig 6.4B). These data suggest that macrophages cultured in 

AMMS with smaller pores may have pro-angiogenic and pro-inflammatory effects similar to what 

is seen in the early stages of wound healing35. Coupled with the positive arginase expression 

seen in macrophages cultured in 700S, it appears that macrophages exist on a spectrum along 

the M1/M2 binary paradigm, where some cells may have both M1 and M2-associate features11. 
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Figure 6.3: U937-derived macrophages were cultured in AMMS made with 700K HA. AMMS 
were made with large (700L, Fig 6.2A – 6.2C) and small (700S, Fig 6.2D – 6.2F) particles to 
vary porosity. After 96 hours, cultures were fixed, permeabilized, stained, and imaged.  Images 
are max projections of z-stacks with slices 4 µm apart at 10x magnification. Overlays (Fig 6.3A and 
6.3D), arginase (Fig 6.3B and 6.3E), and Hoechst (Fig 6.3C and 6.3F) images are presented. 
Brightness and contrast were adjusted in overlay images to improve visualization of AMMS in 
images. Scale bar is 50 µm. 
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Figure 6.4: U937-derived macrophages were polarized in M1 or M2 polarization media as M1 
and M2 positive controls, cultured in RPMI supplemented with 2% FBS as M0 control, or 
cultured in AMMS for 96 hours. After 96 hours, macrophages were cultured in RPMI 
supplemented with 2% FBS for 24 hours before supernatants were collected for Milliplex assay 
testing. Fresh RPMI 1640 supplemented with 2% FBS and 1% ABAM was used as media 
control (RPMI). Cell culture supernatants were tested for the pro-inflammatory cytokine IL-6 
(Fig 6.4A) and the pro-angiogenic VEGF (Fig 6.4B). Each condition has n=3 with each sample 
being tested in duplicates except 700L which has an n=2. Statistical testing has not been 
performed. 
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M2 macrophage conditioned media promotes greater tube formation in HCMVECs 

 To explore how biomaterial-mediate macrophage polarization may affect angiogenesis 

and vascularization, we then explore how conditioned media from M0, M1, and M2 macrophages 

influence HCMVEC behaviors. HCMVECs were cultured in conditioned media from M0 (M0 CM), 

M1 (M1 CM), M2 (M2 CM), or RPMI supplemented with 2% FBS. To understand how macrophage 

polarization influences HCMVEC behavior, migration speed and tube formation were 

characterized. Migration speed was characterized using a modified scratch assay by culturing 

cells in 2-well cell culture inserts with a defined 500 um gap from Ibidi. First, the zero-to-peak 

migration speed is the speed at which cells go from 0% gap coverage to 100% gap coverage. 

The linear fit migration speed is measured when the migration speed is constant during gap 

closure. The zero-to-peak migration speeds show that HCMVECs cultured in M2 CM exhibited 

the slowest migration speeds of the conditioned medias. (Fig 6.5A). However, linear fit speeds 

showed opposite effects where HCMVECs cultured in M2 CM exhibited the fastest migration 

speeds. Tube formation was monitored using time-lapse microscopy and images used to 

calculate total tube length (Fig 6.5C). Data show that M2 CM promotes greater tube stability in 

HCMVECs. This result makes sense given that M2 pro-resolving macrophages promote 

angiogenesis during wound healing35,36. The next phase of this study will be to investigate how 

biomaterial-influenced macrophages may affect HCMVECs through treatment with conditioned 

media from macrophages cultured in 700L or 700S AMMS. 

 

Conclusions and Future Directions 

 The primary goal of this chapter is to characterize how porosity in AMMS influences 

behavior of the cells involved in the wound healing response. Using a flow-focusing microfluidic 

device, microparticles can be produced in varying sizes to control pore size. While cell studies in 
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this chapter are still a work in progress, preliminary results are intriguing. Larger pore sizes show 

greater cell infiltration in vitro. The data reported showed that HCMVECs cultured in 700L particles 

were able to form more branched vessel networks than in 700S, where HCMVECs formed a 

tighter, more superficial vessel networks. Additionally, macrophages cultured in 700L were able 

to passively fall or migrate through the scaffold, whereas macrophages in 700S AMMS stayed 

mainly towards the top of the scaffold. In theory, this data suggests that 700L AMMS would allow 

for greater host tissue integration.  
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Figure 6.5: HCMVECs were cultured in conditioned media from M0 (M0 CM), M1 (M1 CM), 
M2 (M2 CM), and RPMI supplemented with 2% FBS and 1% ABAM. To understand how 
macrophage polarization influences HCMVEC behavior, migration speed and tube formation 
was characterized. Migration speed was characterized using a modified scratch assay by culturing 
cells in 2-well cell culture inserts with a defined 500 um gap from Ibidi. The zero-to-peak migration 
speed (Fig 6.5A) is the speed at which the gap is covered from 0% to 100%. The linear fit (Fig 
6.5B) is the linear portion (where velocity is constant) of that graph. Tube formation was monitored 
using time-lapse microscopy and analyzed for total tube length (Fig 6.5C), the total length of all 
tubes formed if in a straight line. 
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Chapter 7: Conclusions and Future Directions 

 Central nervous system (CNS) tissue lacks the ability to heal properly after spinal cord 

injury (SCI) due to the complex pathophysiology. The combination of chronic inflammation, glial 

scarring, and blood-spinal-cord-barrier (BSCB) permeability create an inhibitory environment for 

regeneration. Any successful therapeutic for SCI must address these issues by promoting 

angiogenesis, resolving chronic inflammation, regenerating neural tissue, and integrating with 

host tissue. Hydrogels have been employed to accomplish those goals. However, in order for 

them to accomplish them, there are a few design criteria that need to be considered including 

injectability, biocompatibility, biodegradability, interactivity, porosity, and swelling. With that in 

mind, hyaluronic acid (HA) is an ideal base for hydrogels because it is non-immunogenic and has 

multiple chemical groups that can be easily functionalized using aqueous, biocompatible 

chemistries to create crosslinking sites75,117.  

 However, the work in this dissertation has shown that HA is a simple molecule with an 

extremely complex bioactivity dependent on its molecular weight (MW). This MW-dependent 

bioactivity must be thoroughly studied and characterized using experiments specific to the desired 

application. For example, HA has conventionally been thought of as anti-angiogenic in its native, 

high MW (HMW) form, but pro-angiogenic in its fragmented, low MW (LMW) form based on 

studies involving human umbilical vein endothelial cells (HUVECs) in vitro13,14 or wound healing 

in non-CNS tissues in vivo1,3,37. However, data in this dissertation contradicts this convention. In 

studies using human cerebral microvascular endothelial cells (HCMVECs), HMW HA (MW = 

1MDa) promotes increased viability of HCMVECs (Fig 4.1B) as well as increased tube stability 

using a tube formation assay (Fig 4.2). Given the prominence of HMW HA in the CNS extracellular 

matrix (ECM) and in the BSCB glycocalyx, a protective and pro-angiogenic role of HMW HA in 

HCMVECs is reasonable. 
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 In order to unlock the full regenerative potential of HA-based biomaterials for CNS 

applications, a thorough understanding of this MW-dependent bioactivity must be achieved. To a 

further extent, it is not enough to have an understanding of HA MW-dependent bioactivity in an 

unmodified form. The effects of modification and subsequent crosslinking must be thoroughly 

understood as well. HA is commonly modified by functionalizing the carboxylic acid on the 

glucuronic acid subunit117,142. HA is able to interact with its main receptor, CD44, through hydrogen 

bonding with this carboxylic acid group135. Additionally, it has been shown in this dissertation that 

CD44 clusters in response to increasing HA MW (Fig 4.4 and Fig 4.5). Fluorescence resonance 

energy transfer (FRET) experiments in this dissertation showed that even after chemical 

modification and subsequent cross-linking of HA into annealed, macroporous microparticle 

scaffolds (AMMS), CD44 clustering is still observed at similar levels (Fig 5.2). Additionally, similar 

effects on HCMVEC viability and vessel formation were observed when cultured in AMMS (Fig 

5.3 and Fig 5.4) compared to HCMVECs treated with solubilized HA of varied MW (Fig 4.1 and 

Fig 4.2). The results in Chapters 4 and 5 highlight the necessity for careful consideration of HA 

MW in the design of HA-based biomaterials as the MW-dependent bioactivity is still present after 

chemical modification and cross-linking. 

 Another important parameter in biomaterial design studied in this dissertation is pore size. 

Studies in Chapter 6 highlight the biological effects of pore size on HCMVECs as well as U937-

derived macrophages. Pore size has been shown in past studies to have direct effects on foreign 

body response and host tissue integration93,106,107,140. Using AMMS fabricated with small (700S, 

mean diameter = 33.9 µm) and large (700L, mean diameter = 154.4 µm), pore size can be 

precisely controlled as mean pore size of 700S AMMS was 14.7 µm and 700L AMMS was 61.0 

µm (Fig 6.1). While both AMMS conditions showed vessel formation in HCMVEC cultures, the 

morphology of these networks differed. Vessel networks in 700L branched further and were more 

interconnected through the scaffolds, while networks in 700S were more tightly packed and 
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superficial (Fig 6.2). Additionally, pore size also showed effects on the ability of U937-derived 

macrophages to infiltrate the scaffolds. Z-stacks of the top 250 µm of the AMMS, where equal 

numbers of cells were seeded, showed fewer cells in the 700L condition than the 700S condition, 

suggesting that macrophages were able to passively move through the 700L scaffold with greater 

ease (Fig 6.3). Additionally, macrophages in 700S AMMS showed greater levels of the pro-

inflammatory cytokine, IL-6, and the pro-angiogenic factor, vascular endothelial growth factor 

(VEGF), compared to the 700L AMMS condition (Fig 6.4). Interestingly, both factors are also 

upregulated in the early stages of wound healing. While the experiments in this chapter are not 

yet complete, the results are interesting and require further investigation into how pore size can 

be tuned to optimize neuroregeneration. 

 The data presented in this dissertation highlight the importance of HA MW and pore size 

in the design of HA-based biomaterials. Further understanding of these topics will require 

investigation of their effects in in vivo experiments using animal models of SCI. It will be important 

to characterize not only the ability to promote vascularization and host tissue integration, but also 

the ability to resolve the inflammatory response, reduce glial scarring, and regenerate myelinated 

axons. Long-term functional recovery should also be characterized. Additionally, further in vitro 

studies will be required to further elucidate the mechanism behind HA MW-dependent bioactivity 

and CD44 clustering, as well as the mechanisms behind how pore size and physical confinement 

influences inflammation, angiogenesis, and neuroregeneration. 
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