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ABSTRACT OF THE DISSERTATION 

Design and Synthesis of Dynamically Controllable Nanostructures 

by 

Siddharth Agarwal 

Doctor of Philosophy in Bioengineering 

University of California, Los Angeles, 2021 

Professor Elisa Franco, Chair 

 

Deoxyribonucleic acid (DNA) and Ribonucleic acid (RNA) are molecules that store and 

transmit genetic information and are present nearly all living organisms. The field of nucleic 

acid nanotechnology uses these molecules out of its biological context and employs it to 

build structures and then to connect their operation. Although DNA nanotechnology was 

originally developed to elucidate protein crystallization, recent developments in the field are 

testing the limits of its application towards a multitude of fields ranging from nanofabrication 

to computation. One of the important frontiers that remain to be addressed is the production 

of ‘active’ material that can interact with its environment and adapt to it intelligently, rivalling 

organelles present inside cells. This dissertation reports on the construction of responsive 

nucleic acid structures that can demonstrate autonomous function and capability to respond 

to physical and chemical inputs.  

As the first example, we show how the self-assembly process of monomers made out of 

DNA strands can be triggered into activation by specific chemical inputs, in our case RNA 

molecules to build tubular structures. These ‘nanotubes’ can be temporally controlled by simple 
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molecular programs, mimicking the architecture used by biological cells to direct their internal 

scaffolds. Our molecular programs use enzymes to produce or degrade RNA molecules 

embedded in the DNA nanotubes. Our results indicate that RNA can be used as a fuel for 

assembly, and that genetic circuits and enzymes can be an integral part in the operation of 

active nanostructures. This activatable self-assembly technique could be used to create a 

programmable synthetic version of filaments whose operation may mimic the cytoskeleton. 

The second theme of this dissertation is the autonomous control of assembly and 

disassembly of nucleic acid nanotubes inside cell-sized environments. We used different 

designs to observe and control nucleation, polymerization and depolymerization steps in the 

self-assembly dynamics of encapsulated structures. The kinetics of growth and degradation 

of these encapsulated tubular structures were quantified using epi-fluorescence 

microscopy. We were also able to demonstrate the production of nucleotide assemblies with 

external stimuli, such as heat and light. These demonstrations can pave the way for 

designing and observing the functionality of responsive materials across the nanometer to 

micron size scales.  
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1. Chapter 1: Enzyme-driven assembly and disassembly of hybrid 

tubes containing DNA and RNA  

Adapted, with permission from Siddharth Agarwal and Elisa Franco. "Enzyme-Driven 

Assembly and Disassembly of Hybrid DNA–RNA Nanotubes." Journal of the American 

Chemical Society 141, no. 19 (2019): 7831-7841.  

1.1 Abstract 

Living cells have the ability to control the dynamics of responsive assemblies such as the 

cytoskeleton by temporally activating and deactivating inert precursors. While DNA 

nanotechnology has demonstrated many synthetic supramolecular assemblies that rival 

biological ones in size and complexity, dynamic control of their formation is still challenging. 

Taking inspiration from nature, we developed a DNA-RNA nanotube system whose assembly 

and disassembly can be temporally controlled at physiological temperature using transcriptional 

programs. Nanotubes assemble when inert DNA monomers are directly and selectively 

activated by RNA molecules that become embedded in the structure, producing hybrid DNA-

RNA assemblies. The reactions and molecular programs controlling nanotube formation are 

fueled by enzymes that produce or degrade RNA. We show that the speed of assembly and 

disassembly of the nanotubes can be controlled by tuning various reaction parameters in the 

transcriptional programs. We anticipate that these hybrid structures are a starting point to build 

integrated biological circuits and functional scaffolds inside natural and artificial cells, where 

RNA produced by gene networks could fuel the assembly of nucleic acid components on 

demand. 
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1.2 Introduction 

Nucleic acid nanotechnology is a promising approach to understand and replicate 

the ability of living organisms to build complex machinery at the nanoscale1-4. The 

cytoskeleton, for example, is an impressive dynamic self-assembling system that spatially 

organizes the contents of the cell, connects it physically and biochemically to the 

environment and generates coordinated forces that enable the cell to move and change 

shape5-7. Rationally designed nucleic acid systems have been used to build tubular 

scaffolds with mechanical properties comparable to cytoskeletal filaments8-13. In some 

cases, it has been possible to decorate these nucleic acid nanotubes with various 

molecules9,10,12, to use them as gliding paths for motor proteins14,  and to dynamically 

control their assembly and disassembly using molecular inputs15,16.    

Beyond tubular scaffolds, nucleic acids have been programmed to build a variety of 

complex structures17.  Due to its stability and well-understood thermodynamics, DNA has 

been primarily used for this purpose17-20. Self-assembly of RNA structures is challenging 

due to non-canonical base pairing and to the higher stability of RNA double helices relative 

to DNA, which increase the likelihood of spurious folding pathways21. As a consequence, 

methods to build RNA nanostructures are still lagging in terms of yield, precision, and 

scalability when compared to methods targeting DNA. Yet, RNA presents several 

advantages: it can be transcribed by cells, it can fold into many functional motifs, and it 

presents better immune compatibility relative to DNA, which may prove crucial for delivery 

and transport of molecular cargo22-28. Building nanostructures that include both DNA and 

RNA molecules could make it possible to take advantage of the features of both DNA and 

RNA for manufacturing functional assemblies26,29,30.  
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In addition to complex nanostructures, nucleic acids can also be used to build 

nanodevices capable of dynamic operation. Combining the principles of self-assembly and 

strand displacement reactions, it was possible to design devices such as motors, 

autonomous circuits, and walkers31-34.  Yet, so far few approaches to build responsive, 

dynamic nanostructures have been demonstrated15,16,35,36. It is even more challenging to 

achieve these behaviors in physiological conditions, highlighting the need for broad design 

principles that would make it possible to interface complex DNA structures with the cellular 

machinery in time and space37. Since RNA is naturally a carrier of information in living cells, 

DNA structures that respond to RNA signals could be used to build dynamic nanodevices 

that can compete with cellular machinery.  

Here we demonstrate a strategy to obtain dynamic control of nanostructure self-

assembly using DNA and RNA components. Our building blocks are double crossover (DX) 

DNA tiles, which yield micron-long nanotubes38; we engineered DX DNA tiles so that their 

assembly can be activated only in the presence of an RNA molecular trigger, which is 

incorporated in the nanostructure. We demonstrate that assembly of these hybrid DNA-RNA 

structures proceeds at 37 ºC, and can be controlled by simple transcriptional programs 

producing the RNA trigger with a viral RNA polymerase. We further show that disassembly 

of filaments can be induced by an RNA-degrading enzyme. By tuning the RNA production 

and degradation rates we are able to demonstrate temporal control of assembly directed by 

enzymatic reactions.  

Hybrid DNA-RNA assemblies have the potential to combine the natural 

functionalities of RNA molecules with the stability and predictability of DNA self-assembled 

systems. We envision that our results are relevant for synthetic biology and artificial life, and 

will promote the development of rationally designed, responsive assemblies that could 
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perform complex tasks such as supporting motility, transport of molecular cargo, 

maintenance of structural integrity, and signal transduction, similarly to natural cytoskeletal 

filaments. 

 

Figure 1-1: A hybrid DNA-RNA tile motif. We illustrate the features of our tiles and 
their proposed RNA-based activation mechanism. We designed several tile variants in 
which DNA strands are always denoted as number 1 (red), 2 (yellow), 3 (blue), 5 (purple) 
and the RNA strand is number 4 (green). Variants differ in the length of the sticky end and 
arm domains. Detailed diagrams of each variant are in SI Section 1. A) Inactive DAE-E tile. 
The yellow star indicates the presence of a fluorescent label. B) Activated hybrid DNA-
RNA DAE-E tile. C) Addition of RNA activates the tiles and triggers self-assembly into 
nanotubes. D) Example fluorescence microscopy images for triggered assembly of 
nanotubes having 5 base sticky ends by addition of purified RNA strand. All scale bars are 
10 μm. 
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1.3 Results 

Design and characterization of hybrid DNA-RNA nanotubes  Many variants of 

DNA double-crossover (DX) tiles have been used to demonstrate a variety of assemblies2,8. 

These tiles interact via single stranded domains, or sticky ends, that can be programmed to 

yield  lattices, tubular structures, and algorithmic assemblies8,15. As DX tile variants differ by 

the orientation of DNA strands and by the crossover distances, the ‘DAE-E’ acronym 

describes precisely the tile structure, indicating the number of crossovers (Double), the 

orientation of the strands through the crossover (Antiparallel), the number of half-turns 

between intramolecular crossovers (Even), and the number of half-turns between 

intermolecular crossovers (Even)2. We engineered DX tiles designed to form nanotubes2,8. 

These tiles consist of five strands that form two parallel heteroduplexes coming together at two 

points where strands cross over, from one duplex to the other, via Holliday junctions, and are 

known as DAE-E tiles (Fig. 1-1A and B). Two strands (on opposite sides of tile) include sticky 

end domains that allow multiple copies of the tile to self-assemble into a nanotube (Fig. 1-1C). 

The rigidity of each tile inhibits any interaction between the sticky ends present on its opposite 

ends. 

Tiles annealed without one of the sticky end strands (strands 2 or 4) are inactive, 

because self-assembly in the absence of one (or both) complementary sticky ends cannot 

proceed. The expected structure of an inactive tile is in Fig. 1-1 A. Pre-annealed inactive 

tiles can be activated by adding in solution the missing DNA strand, which triggers 

assembly of nanotubes within minutes at room temperature, as reported by Zhang at al.15 

for a particular DAE-E variant.  
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We hypothesized that an RNA sticky end strand could operate in a similar manner to 

activate assembly and that the speed of nanotube formation should be comparable to what 

was previously observed in all-DNA tiles16,39. To test these hypotheses, we designed three 

different tile variants in which strand 4 is an RNA molecule. Because the thermodynamics 

and kinetics of tile-tile interactions are determined by the sticky end bonds, these three tile 

variants differ in the length of the sticky end domains (5, 7, and 8 bases). To ensure formation of 

tubular structures, the distance between inter-tile crossovers (two helical turns) was maintained 

constant. We verified that these three tile variants yield nanotubes upon thermal annealing (Fig. 

1-2A) when all strands are DNA. Then, we checked if nanotube assembly occurs when 

annealing tiles in which DNA strand 4 is replaced with an RNA strand (with the corresponding 

sequence). In these experiments, RNA strand 4 of each variant was gel-extracted. The DNA 

components of the tile and the RNA strand were then annealed using standard protocols. After 

annealing, all the tile variants formed nanotubes when including RNA strand 4. Fig. 1-2B shows 

example fluorescence microscopy images of these hybrid DNA-RNA nanotubes. Example 

atomic force microscopy (AFM) images are in the SI; analysis of AFM images of open 

nanotubes suggests that the diameter of hybrid nanotubes is comparable to the diameter of all-

DNA nanotubes.  

Next, we asked if RNA strand 4 can bind to inactive tiles after anneal, acting as a trigger 

for nanotube formation. 
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Figure 1-2: Activation of hybrid DNA-RNA nanotube assembly: Assembly of 
nanotubes is achieved with different approaches. In the schematics on the left, DNA strands 
are shown in gray and RNA strands in green. In all the example fluorescence microscopy 
images the inactive tile concentration in each case is 0.5 μM. A) Annealing all DNA strands 
components together. B) Triggering iso-thermal assembly of all DNA nanotubes by a sticky 
end DNA strand (ratio of inactive tiles to DNA trigger strand is 1:1). C) Triggering isothermal 
assembly of Hybrid DNA/RNA nanotubes by addition of purified RNA sticky end strand (ratio 
of inactive tiles to RNA trigger strand is 1:1). D) Triggering isothermal assembly via in-situ 
transcription of RNA strand (ratio of inactive tiles to RNA producing template is 5:1). Images 
were taken after 1 hour of trigger strand addition. All scale bars are 10 μm.    
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Isothermal and co-transcriptional activation of tiles with RNA trigger strands.  

First, we verified that each variant of pre-annealed inactive tiles can be activated by adding 

the corresponding DNA strand 4 at 37 ºC, thereby triggering assembly of nanotubes as 

shown in earlier experiments by Zhang et al. 15 (Fig. 1-2C). (Control samples including 

annealed inactive tiles to which no DNA trigger was added did not form any assembly at 37 

ºC.) Then, we used gel purified RNA strand 4 as a trigger for assembly: as shown in the 

fluorescence microscopy images in Fig. 1-2D we observed RNA-triggered isothermal (at 37 

ºC) assembly of 5 and 7 base sticky end tile variants into nanotubes. In contrast, the RNA 

trigger did not activate the 8 base sticky end tile variant, resulting in no nanotube formation. 

Finally, we tested if inactive tiles can be activated co-transcriptionally, i.e. by RNA 

transcribed from a DNA template by a viral RNA polymerase (bacteriophage T7 RNAP), in a 

one pot reaction at 37°C (in situ). Using standard transcription conditions, and a 1:5 ratio of 

DNA template to inactive tile concentration, we observed triggered isothermal assembly of 5 

and 7 base sticky end variants. (Fig. 1-2E). In contrast, we again did not observe assembly 

of the 8 base sticky end variant, confirming that it cannot be triggered by the RNA sticky end 

strand (extracted or transcribed in situ). This may be caused by unwanted secondary 

structure present in that particular variant of RNA strand 4; further, we conjecture that a 

longer RNA strand 4 may interact with DNA strand 2 first, rather than activating the tile, 

forming a “waste” RNA trigger-tile complex that cannot assemble into nanotubes.  

We note that in principle RNA trigger molecules could be transcribed by other types 

of polymerases; for example, we achieved in situ activation of assembly by transcribing 

RNA with SP6 RNAP, another well-known type of bacteriophage RNA polymerase.   
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The successful assembly of several hybrid DNA-RNA tile variants prompted us to 

investigate whether multiple DNA nanotube populations, with distinct sequence content, can 

be simultaneously and selectively triggered with high specificity.  

 

 

Figure 1-3: Specificity of tile activation: Fluorescence microscopy images show 
selective nanotube assembly isothermally when specific trig-ger strands are added to a 
solution containing both RE and SE inactive core tiles. A) If no RNA trigger is present, 
nanotubes do not form. B) In the presence of exclusively RE RNA trigger, we observe 
assembly of only RE nanotubes (red colored, Atto 647 N label). C) In the presence of 
exclusively SE RNA trigger, we observe assembly of only SE nanotubes (green colored, 
CY3 label). D) In the presence of both RE and SE RNA triggers, assembly of both RE 
(red) and SE (green) nanotubes occurs. Images were taken after 1 hour of trigger strand 
addition or initiation of trigger transcription. All scale bars are 10 μm. 
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The growth of distinct nanotube species can be selectively activated by 

transcription of specific RNA molecules. To assess the specificity of the trigger RNA 

strands, we used two types of DNA-RNA tiles that differ exclusively in the sequence of each 

strand. (These tiles present 5 base long sticky ends.) Our designs are adapted from the 

‘RE’ and ‘SE’ tile variants developed by Rothemund, et.al.8; these tiles present the same 

geometric features and self-assembly patterns, but have different sequence content. Thus, 

inactive tiles in each design need distinct trigger sequences to activate them. If the RE and 

SE inactive tiles are mixed together, they are not expected to interact, nor assemble in the 

absence of triggers (Fig. 1-3A).  

To test whether selective activation can be achieved, we labeled RE and SE tiles 

with distinct fluorophores, Atto 647N (RE tile) and Cy3 (SE tile). In Fig. 1-3, the RE 

nanotubes are in red color, and SE nanotubes are in green. First, in a control experiment, 

we verified that addition of RE or SE DNA trigger strand number 4 to a mix of both RE and 

SE inactive tiles, causes activation of exclusively RE or SE tiles, respectively.  

Next, we tested activation of tiles using RNA RE and SE trigger strands. Addition of 

RNA RE trigger to a mix of RE and SE pre-annealed tiles yields only RE nanotubes (Fig. 1-

3B); similarly, addition of RNA SE trigger produces only SE nanotubes (Fig. 1-3C). This was 

observed when extracted RNA trigger is added and also when the RNA trigger is 

transcribed in situ by artificial templates (Fig. 1-3B-D, middle and right columns). Only when 

both RE and SE trigger strands are added or transcribed simultaneously, assembly of both 

RE and SE nanotube populations occurs (Fig. 1-3D).   Remarkably, we found that all the 

nanotube variants whose growth is successfully activated by RNA produced in situ, are also 

very stable in transcription conditions.  
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These nanotubes were stable in transcription mix for more than 2 weeks when 

stored at room temperature. These results suggest this system is amenable to being 

Figure 1-4: Enzyme-mediated control of assembly and disassembly of hybrid 
DNA/RNA tubes. We quantitatively tracked the mean length of nanotubes grown under 
different transcription and degradation conditions. Length histograms were obtained by 
processing fluorescence microscopy images; we report the nanotube mean length, with 
error bars obtained by bootstrapping.  A) Comparison of assembly triggered via in situ 
transcription (orange), via addition of gel extracted RNA (purple), and with no RNA 
addition (blue). B) The speed of assembly depends on the concentration of DNA template 
producing the trigger RNA strand. C) Top: schematic of the reactions occurring in a 
sample that includes inactive tiles, extracted RNA trigger, and RNase H. Bottom: 
Experiments showing that the mean nanotube length increases when growth is triggered 
by addition of extracted trigger RNA (Time=0), and decreases when subsequently RNase 
H is added to the sample (pink marker, time= 60 min). D) Top: Schematic of the reactions 
occurring in a sample that includes inactive tiles, DNA template transcribing the RNA 
trigger, and RNase H. Bottom: Experimental results showing that, when RNA trigger 
transcription and degradation components are simultaneously present, the nanotube 
mean length increases transiently: eventually RNase H causes disassembly of the 
nanotubes at a speed that depends on the RNase H concentration, presumably due to a 
decrease of RNAP activity. All scale bars are 10 μm. 
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controlled by more complex transcriptional programs. For this purpose, we quantitatively 

characterized whether the kinetics of nanotube assembly can be controlled by tuning the 

concentration of DNA template and RNA polymerase. We further examine if assembly can 

be reversed by introducing components for RNA degradation. 

 

 

The kinetics of hybrid nanotube growth can be controlled with enzymes 

producing and degrading RNA.    A striking property of biological materials such as the 

cytoskeleton is their capacity to assemble and disassemble in response to endogenous 

molecular signals generated by gene networks7. To achieve similar levels of kinetic control 

of assembly of our artificial nanotubes, we quantitatively characterized the growth of our 

hybrid nanotubes when tiles are activated by RNA molecules generated by synthetic genes. 

We tracked the nanotube growth by measuring their mean length as a function of time from 

fluorescence microscopy images16, using an automated image processing protocol.  

  As shown in Fig. 1-4A, addition of a template transcribing the RNA trigger  

results in rapid nanotube growth; the nanotube mean length plateaus to roughly 5 µm after 

about 3 hours, consistent with previous work40. The nanotube mean length increases more 

slowly when growth is triggered with a finite concentration of gel purified RNA, as shown by 

purple trace in Fig. 1-4A, where ratio of inactive tiles to gel purified RNA is 1:1 (0.5 µM). 

This suggests that the yield of RNA in our transcription conditions, as defined by 

concentrations of RNAP and template, exceeds the concentration of inactive RNA tiles and 

promotes faster assembly of longer nanotubes. 
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 We then checked how the temporal evolution of the nanotube mean length is 

affected by the concentration of template that produces the RNA sticky end. We found that 

at low concentration of template, the mean length of nanotubes is also reduced at all points 

in time (Fig. 1-4B). We also found that if the concentration of template producing the RNA 

sticky is less than 7.5 nM, no assemblies are observed in fluorescence microscopy images, 

suggesting that that the concentration of transcribed RNA never builds up to exceed the 

minimum threshold required for nucleation and assembly (we recall that the activity of RNA 

polymerase decreases rapidly after 4 hours of incubation in transcription conditions). 

Next, we sought to control nanotube disassembly using an RNA-degrading enzyme. An 

ideal candidate for this purpose is RNase H, an enzyme that hydrolyzes RNA in DNA-RNA 

complexes. RNase H has been previously used to control degradation in a variety of artificial in 

vitro transcriptional circuits41. We expected that RNase H could deactivate free (unpolymerized) 

tiles by degrading the portion of RNA strand 4 bound to DNA; because nanotubes continuously 

polymerize and depolymerize,  RNase H could promote disassembly by simply reducing the 

concentration of free active tiles, thereby reducing the polymerization rate (depolymerization, in 

contrast,  does not depend on the concentration of free tiles); RNase H could also degrade RNA 

incorporated in nanotubes, thereby breaking the sticky end bonds holding together the 

nanostructure and resulting in nanotube disassembly42.  

To investigate RNase H promoted disassembly, we first added RNase H to a sample 

including hybrid nanotubes after 60 minutes of triggered growth with gel purified RNA strand, 

maintaining the reaction mixture at 37 ºC. As shown in Fig. 1-4C, nanotubes disassembled 

completely at a speed that is controllable by tuning the estimated RNase H concentration in 

solution.  
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We then quantified the nanotube mean length in the presence of both RNA transcription 

and degradation processes, which respectively control assembly and disassembly.  In this 

scenario, we expect to observe an increase or decrease of the mean length depending on 

whether the transcription or degradation reaction rate dominates. Thus, in samples containing 

0.5 µM of inactive tiles we fixed the RNAP and template concentrations, and we varied the 

concentration of RNase H. In all samples, transcription is faster than degradation and promotes 

nanotube growth for the first 30-60 minutes of the reaction; this behavior could be due to the 

known phenomenon of transcription burst of T7 RNAP43,44. As the activity of T7 RNAP 
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Figure 1-5: Nanotube assembly using simple molecular programs. A) Left: Reaction 
scheme of a timer circuit controlling the production of trigger RNA strand; a self-inhibiting 
aptamer template (SIAT) produces an aptamer that binds to and inactivates T7 RNAP. Right: 
Experimental results. By tuning the concentration of SIAT we can tune the time it takes to switch 
off production of the trigger; as soon as production of RNA strand 4 is reduced with introduction 
of SIAT (red marker, time= 30 min), RNase H-mediated degradation dominates, and nanotubes 
disassemble. B) Left: Reaction scheme showing how we can control trigger pro-duction with a 
synthetic transcriptional switch. Right: Experimental results. After the inhibitor strand is added 
(green marker, time= 30 min), the production rate of trigger decreases and nanotubes are 
degraded by RNase H. As noted earlier, T7 RNAP activity naturally decays after 4-5 hours in the 
absence of aptamer (blue line in Fig. 1-4D). Error bars are obtained by bootstrapping. 



 15 

decreases over time, the effects of RNA degradation become more prominent and nanotube 

disassembly occurs on a timescale that decreases at high concentration of RNase H. Overall, 

the interplay of RNA production and degradation results in a “pulse” of nanotube formation, in 

which the peak of the mean length and the time constant of the decrease of the mean length 

can be both controlled by tuning the relative concentration of enzymes and template for RNA 

production (Fig. 1-4D).  

Temporal control of hybrid nanotube assembly using simple molecular programs. A primary 

attribute of biology is the precise control it exhibits in complex intra-cellular functions. To make a 

molecular-level machinery, we need a collection of molecular components which perform tasks 

(output) as a consequence of a specific stimuli (input). The molecular machine must be 

sensitive enough that any change in the input gives quantifiable  difference in output45. A 

significant advantage of hybrid DNA-RNA tubes, seen as a molecular machine, is that we can 

control their formation or degradation (output) with specific RNA molecules (inputs) that can be 

generated as a result of molecular programs. We devised two molecular programs to test the 

functionality and applicability of our system, in which we exploit the simultaneous presence of 

RNA production and degradation to control nanotube assembly. 

First, we built a ‘genetic timer circuit’ that uses an RNA aptamer to control the activity 

of bacteriophage T7 RNA polymerase (RNAP)46. We designed a synthetic template to 

produce an aptamer that binds to and inhibits the activity of T7 RNAP47; if the template 

includes a T7 RNAP promoter, then the aptamer operates as a self-inhibitor motif and we 

call this template a T7 Self-Inhibiting Aptamer Template (SIAT). We first characterized the 

T7 SIAT using a template transcribing an RNA fluorescent reporter. We found that 

transcription can be stopped within 15 minutes to 2 hours, using SIAT concentrations 
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between 0.03 μM  to 0.01 μM, and amounts of T7 RNAP comparable to those used in our 

transcription experiments (Fig. S1.6). 

We used the SIAT to control production of RNA trigger for our DNA-RNA nanotube 

system, in which nanotube growth is promoted by T7 RNA polymerase via RNA 

transcription, and nanotube degradation is directed by RNase H47,48. When the SIAT is 

added, the transcription rate decreases as the RNAP inhibitor concentration is being 

produced; then, RNase H degradation dominates causing nanotube disassembly (Fig. 1-

5A). The concentration of SIAT determines how quickly the concentration of aptamer 

inhibitor builds up, and thus the timescale at which transcription is turned off (Fig. 1-5A, 

right), acting as a timer element that controls for how long nanotubes are present in 

solution.  

Next, we designed an in vitro artificial transcriptional switch to produce the RNA 

trigger49,50. RNA transcription of a transcriptional switch is controlled via a partially single 

stranded promoter. As shown in Fig. 1-5B, transcription is activated in the presence of an 

activator strand complementary to the single stranded promoter region; transcription is 

inhibited when the activator is absent, or when it is displaced by a complementary inhibitor 

strand via toehold-mediated strand displacement49,51. Additional design details are in SI Fig. 

S1.7. We controlled activation of our hybrid DNA-RNA tiles with a transcriptional switch: 

first, the active switch produces the RNA trigger, promoting formation of nanotubes. When 

the DNA inhibitor for the switch is added at a concentration that is 1.1X the template 

concentration, transcription is turned off and after about 180 minutes, RNase H degradation 

dominates over transcription (Fig. 1-5B, right). As more DNA inhibitor is added (in relation to 

the concentration of DNA template), the rate of disassembly takes over the rate of assembly 
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more rapidly; when the inhibitor is present at 2X the concentration of template, no 

nanotubes are visible in the sample after about 90 minutes. 

 

METHODS 

 

Oligonucleotides and enzymes 

DNA oligonucleotides were purchased from Integrated DNA Technologies (IDT). 

Sequences and modifications are listed in the SI file. RNA strands were individually transcribed 

in vitro from the corresponding DNA templates  (the sequences and modifications are given in 

the SI Appendix), using the AmpliScribe™ T7-Flash™ Transcription kit (Lucigen™) and gel 

extracted as described in the SI file. RNase H was purchased from Cellscript™. 

Inactive tile preparation 

Each variant of inactive tiles was prepared by mixing DNA strands 1, 2, 3, and 5 in 

stoichiometric proportion with 1x TXN buffer (RNA Pol Reaction Buffer from New England 

Biolabs, Inc.) and nanopure water inside DNA Lo-bind tubes. The solution was annealed using 

an Eppendorf Mastercycler Gradient thermal cycler by heating to 90°C, and cooling to 25°C, 

over a 6 hour period.  

Production of annealed hybrid nanotubes 

Each variant of hybrid DNA-RNA tiles was prepared by mixing DNA strands 1, 2, 3, 5, 

and RNA strand 4 in stoichiometric proportion, with 1x TXN buffer (RNA Pol Reaction Buffer 

from New England Biolabs, Inc.) and nanopure water inside DNA Lo-bind tubes.  The mix was 

annealed using an Eppendorf Mastercycler Gradient thermal cycler by heating to 70°C, and 
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cooling to 22°C, over a 24 hour period. The maximum annealing temperature was limited to 

70°C to avoid degradation of the RNA strand29,68.  

Assembly activation by trigger strand addition  

Inactive tiles were annealed and then incubated at 37°C prior to adding the trigger  

strand (4). DNA or RNA strand 4 was added in stoichiometric amount to the inactive tile 

concentration at 37°C; samples were imaged using a fluorescence microscope for several 

hours. 

Assembly activation by co-transcription of the trigger strand (in situ activation) 

Inactive tiles were annealed and incubated at 37°C prior to production of the trigger 

strand (4). The annealed synthetic template for transcribing missing RNA strand (4) was mixed 

with inactive tiles (100nM template for a 0.5 µM concentration of inactive tile, unless otherwise 

stated) and transcription mix (RNAP, transcription buffer, 2 mM each nucleoside triphosphates 

(NTPs) and total 8mM MgCL2) at 37°C. Samples were imaged using a fluorescence microscope 

for several hours. 

Fluorescence microscopy  

Nanotube samples were imaged using an inverted microscope (Nikon Eclipse TI-E) with 

60X/1.40 NA oil immersion objectives, using built-in filter cubes. For imaging, samples were 

diluted targeting a 50 nM tile concentration using experimental buffer conditions. Samples were 

placed on Fischerbrand microscope cover glass (#12-545E No. 1, thickness=0.13 to 0.17 mm, 

size: 50 x 22 mm); VWR Micro Slides (Plain, Selected, Pre-cleaned, 25 x 75 mm, 1.0 mm thick) 

were placed gently on the cover glass. Images were processed to correct for uneven 

illumination and superimposed to produce multicolor images.  Exposure time was set to 90 ms. 
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1.5 Conclusion 

Hybrid DNA-RNA nanotubes as molecular machines for nanotechnology One of 

the goals of nucleic acids nanotechnology is to generate programmable machines and scaffolds 

that can operate in biological environments like cells and tissues. For this purpose, it is 

desirable to develop systems that can assemble at constant, physiological temperatures. 

However, the vast majority of self-assembled nucleic acid structures (including some tile-based 

structures) require a thermal annealing process, in which a solution containing all the required 

strands is heated and slowly cooled to room temperature. Our hybrid DNA-RNA nanotubes 

assemble isothermally from pre-formed tiles at 37ºC, an essential requirement for designing any 

synthetic machinery intended to work in biological cells. We suggest that annealed tiles could be 

transfected in cells, and their assembly could be activated by RNA transcription like in this 

study. Chemical modifications such as phosphorothioation could be used to render tiles resilient 

to degradation in the cytoplasm52.   

Another desirable feature of synthetic molecular machines is that they should perform 

multiple rounds of operation reliably. Our DNA-RNA hybrid nanotubes have the potential to 

satisfy this requirement, since their assembly and disassembly can be precisely controlled by 

tuning a variety of parameters. However, preliminary experiments suggest it is challenging to 

achieve multiple rounds of assembly and disassembly; in particular, reassembly of our hybrid 

nanotubes after RNase H-induced disassembly is difficult to achieve. A possible explanation is 

that RNase H is not able to completely degrade the RNA trigger strand; specifically, in 

unpolymerized active tiles, RNase H cannot hydrolyze the non-DNA bound portion of RNA 

strand 4 (the sticky-ends); further, it is known that RNase H generates incomplete degradation 

products up to 7 bases long53. It is plausible that “incomplete” hydrolysis results in the 

accumulation of small RNA molecules that remain bound to inactive tiles and prevent binding of 
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new trigger strands to these tiles, contributing to the formation of “waste” tiles. Further 

experiments are needed to test this hypothesis. 

Structural considerations Our hybrid tiles incorporate RNA molecules to create tile-tile 

connectors, or sticky-ends, while all other tile components are DNA molecules. While we 

activated our DAE-E tiles using one specific sticky end strand as trigger (strand 4), similarly it 

would be possible to trigger assembly with the other sticky end (strand 2) or both sticky ends, as 

indicated by control experiments on DNA-only tiles. This would expand options for building more 

complex tile activation systems. 

Using an RNA molecule as a DNA tile connector poses some questions about the 

structural features of assemblies.  While DNA-DNA duplexes predominately exist in B-form 

helical conformation in nature and also when prepared synthetically54,55, DNA–RNA and RNA–

RNA duplexes exists in A-form helical conformation54. Both A-form and B-form duplexes are 

helical structures, but they differ in their geometry and dimensions21. To increase the structural 

predictability of assemblies, other hybrid DNA-RNA tiles have included RNA strands that do not 

cross-over in the tile, so all helices are expected to be in A-form29,56. In our case, the crossover 

of a single RNA strand between duplexes poses a question whether different conformations of 

helicity occur and whether they affect the assembly dynamics. It is possible that the helicity 

switches between A-form and B-form: the DNA only duplexes may form a segment of B-form 

helix that stacks collinearly with the DNA-RNA duplex at the sticky end, that is expected to be 

an A-form helix. 

Challenges to tile activation in situ  Our hybrid tubes were obtained with a one-pot 

method in which the trigger strand is transcribed simultaneously in presence of inactive tiles to 

yield nanotubes. Previous studies have reported successful one-pot assembly of smaller multi-

stranded RNA–DNA structures which are up to 100 nm long56. One-pot methods are less time 
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consuming than protocols requiring multiple steps of gel purification, thus they are convenient 

for scaling up nanostructure production. However, a notable challenge of unpurified transcription 

products is that they include abortive and elongated transcripts57-60.  These undesired RNA 

species can result in side reactions and crosstalk, and in the sequestration of relevant species 

in inert complexes or waste. These abortive and elongated transcripts are expected to bind to 

inactive tiles, in some cases producing “waste” complexes that can no longer be activated by 

the correct RNA trigger. These waste products can accumulate in the system and decrease the 

maximum achievable concentration of active tiles. Abortive transcription can be mitigated by 

using G-rich transcription initiation sequences60 and elongated transcription can be reduced by 

enforcing strong secondary structure at the 3’ end of the transcript50. Unfortunately, these 

methods to control incorrect RNA products introduce restrictions in the sequence design space 

of tiles. 

Inactive tiles robustly assemble into nanotubes in the presence of the RNA trigger 

strands. However, in case of in situ transcription, we observed that nanotube growth is affected 

by the concentration of trigger strand producing template. At template concentrations below 7.5 

nM, we were unable to observe formation of structures large enough to be observed with 

fluorescence microscopy. This suggests that there is a critical concentration of template 

required to produce an amount of RNA trigger strand sufficient to initiate nanotube formation.  It 

is noteworthy that since the activity of T7 bacteriophage enzyme is maximum in the first two 

hours43,44, and drastically reduces after 4-6 hours, there is a limited time window in which the 

template can transcribe the trigger strand. If it is not possible to produce a sufficient quantity of 

the trigger strand within this time window, co-transcriptional assembly may not occur. 

Unfortunately, this problem cannot be mitigated by simply increasing the volume of T7 RNA 

polymerase, as this promotes nanotube disassembly (Fig. S1.4); recent experiments on similar 

nanotubes suggest that this may be due to undesired RNA strands transcribed from the 
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nanotubes, which then bind to and inactivate unpolymerized tiles and may strand invade the 

sticky ends of polymerized tiles61.   

Application opportunities in dissipative self-assembly Dynamic materials in living 

cells assemble and disassemble kinetically as energy is converted and dissipated. For example, 

guanosine triphosphate (GTP)–triggers assembly and disassembly of tubulin into microtubules. 

Collapse of microtubules occurs when GTP is hydrolyzed, a reaction that is accelerated when 

tubulin is in an aggregated state. Another example is nucleation of monomeric G-actin by the 

Arp2/3 complex for directed cell migration62. Also, assembly and disassembly of actin filaments 

themselves is controlled by binding and hydrolysis of ATP molecules63. Understanding and 

recreating similar chemically fueled synthetic reactions are  long-standing challenges in the field 

of supramolecular chemistry64, and are crucial to our ability to build dynamic, adaptive materials. 

In the nanotube system presented here, nucleoside triphosphates (NTPs) are the fuel needed 

by RNAP to produce RNA, which activates tiles and triggers assembly of nanotubes; thus, 

nanotube formation requires a source of energy. RNase H hydrolyzes RNA incorporated in the 

nanotubes and tiles, resulting in dissipation of energy65. While additional work is needed to 

precisely classify the dissipative nature of our system66, we believe that it could serve as a 

tunable model to study dissipative self-assembly. Its advantages include the fact that nucleic 

acid interactions are typically more programmable than proteins and other small molecules, and 

their thermodynamic properties are well understood, which means assembly rates are 

controllable. Further, the fuel production and degradation rates can be easily tuned: the RNA 

production rate can be modified by, for instance, varying the promoter sequence as well as the 

NTP, template and enzyme concentration. The RNA degradation rate can be tuned by varying 

the concentration of RNase H as well as by including additional RNA-degrading enzymes, or by 

chemically modifying some nucleobases in the DNA tiles.  
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Conclusive remarks In conclusion, our experiments highlight that RNA molecules can 

be successfully incorporated in well characterized DNA structures, producing a hybrid DNA-

RNA self-assembling system. In this system RNA serves as a fuel that enables the assembly of 

nanoscale tiles into micrometer sized nanotubes. More importantly, we demonstrated that the 

kinetics assembly and disassembly of our DNA-RNA nanotubes can be controlled isothermally 

by managing the enzymatic production and degradation of RNA activating the tiles; this can be 

done by using molecular circuits whose outputs are RNA molecules with programmable 

concentration kinetics. An important feature of this system is its ability to operate isothermally at 

37ºC, which makes it potentially useful for biological applications. These nanotubes could also 

be functionalized with protein binding domains or small RNA molecules with therapeutic 

properties (siRNA, microRNA or antisense RNA)9,67. Hybrid DNA-RNA nanotubes are thus a 

good candidate to be used together with synthetic biochemical networks in natural and artificial 

cells, and have potential to serve as a model system in engineering nano-machines operating 

out of equilibrium.  

 

1.4 Methods 

Oligonucleotides and enzymes: DNA oligonucleotides were purchased from Integrated 

DNA Technologies (IDT). Sequences and modifications are listed in the SI file. RNA strands 

were individually transcribed in vitro from the corresponding DNA templates  (the sequences 

and modifications are given in the SI Appendix), using the AmpliScribe™ T7-Flash™ 

Transcription kit (Lucigen™) and gel extracted as described in the SI file. RNase H was 

purchased from Cellscript™. 
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Inactive tile preparation: Each variant of inactive tiles was prepared by mixing DNA 

strands 1, 2, 3, and 5 in stoichiometric proportion with 1x TXN buffer (RNA Pol Reaction Buffer 

from New England Biolabs, Inc.) and nanopure water inside DNA Lo-bind tubes. The solution 

was annealed using an Eppendorf Mastercycler Gradient thermal cycler by heating to 90°C, and 

cooling to 25°C, over a 6 hour period.  

Production of annealed hybrid nanotubes: Each variant of hybrid DNA-RNA tiles was 

prepared by mixing DNA strands 1, 2, 3, 5, and RNA strand 4 in stoichiometric proportion, with 

1x TXN buffer (RNA Pol Reaction Buffer from New England Biolabs, Inc.) and nanopure water 

inside DNA Lo-bind tubes.  The mix was annealed using an Eppendorf Mastercycler Gradient 

thermal cycler by heating to 70°C, and cooling to 22°C, over a 24 hour period. The maximum 

annealing temperature was limited to 70°C to avoid degradation of the RNA strand29,68.  

Assembly activation by trigger strand addition: Inactive tiles were annealed and then 

incubated at 37°C prior to adding the trigger  strand (4). DNA or RNA strand 4 was added in 

stoichiometric amount to the inactive tile concentration at 37°C; samples were imaged using a 

fluorescence microscope for several hours.   

Assembly activation by co-transcription of the trigger strand (in situ activation): 

Inactive tiles were annealed and incubated at 37°C prior to production of the trigger strand (4). 

The annealed synthetic template for transcribing missing RNA strand (4) was mixed with 

inactive tiles (100nM template for a 0.5 µM concentration of inactive tile, unless otherwise 

stated) and transcription mix (RNAP, transcription buffer, 2 mM each nucleoside triphosphates 

(NTPs) and total 8mM MgCL2) at 37°C. Samples were imaged using a fluorescence microscope 

for several hours.   

Fluorescence microscopy: Nanotube samples were imaged using an inverted 

microscope (Nikon Eclipse TI-E) with 60X/1.40 NA oil immersion objectives, using built-in filter 
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cubes. For imaging, samples were diluted targeting a 50 nM tile concentration using 

experimental buffer conditions. Samples were placed on Fischerbrand microscope cover glass 

(#12-545E No. 1, thickness=0.13 to 0.17 mm, size: 50 x 22 mm); VWR Micro Slides (Plain, 

Selected, Pre-cleaned, 25 x 75 mm, 1.0 mm thick) were placed gently on the cover glass. 

Images were processed to correct for uneven illumination and superimposed to produce 

multicolor images.  Exposure time was set to 90 ms. 
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1.7 Supplementary Information 

Sequences 

PAGE purified DNA sequences were ordered from IDT DNA (Coralville, IA, USA).. This 

section contains a series of schematic figures, which represent the most relevant predicted 

interactions among the nucleic acids composing the genes and the tiles. Templates include 4 

base “sealing” domains in genes (5’ end of non-template strand) to prevent breathing at the 

promoter site. Each RNA strand was designed to start with ‘G’ on the 3’ end, to ensure good 

transcription yield. 

5b sticky end SE tile system 

DNA strands 
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5bSE1: 5’- CTC AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 
5bSE2: 5’- GTC TGG TAG AGC ACC ACT GAG AGG TA 
5bSE3: 5’- cy3-CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC ACC AAC 

GCT  
5bSE4: 5’- CAG ACA GTT TCG TGG TCA TCG TAC CT 
5bSE5: 5’- CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT CTA C 
 
RNA strand 
5bSE4(RNA): 5’- CAG ACA GUU UCG UGG UCA UCG UAC CU 
 

5b sticky end RE tile system 

DNA strands 
5bRE1: 5’- CGT ATT GGA CAT TTC CGT AGA CCG ACT GGA CAT CTT C 
5bRE2: 5’- CTG GTC CTT CAC ACC AAT ACG GCA TT 
5bRE3: 5’- atto647N-TCT ACG GAA ATG TGG CAG AAT CAA TCA TAA GAC ACC 

AGT CGG  
5bRE4: 5’- ACC AGG AAG ATG TGG TAG TGG AAT GC 
5bRE5: 5’- CCA CTA CCT GTC TTA TGA TTG ATT CTG CCT GTG AAG G 
 
RNA strand 
5bRE4(RNA): 5’- ACC AGG AAG AUG UGG UAG UGG AAU GC 
 
 
7b sticky end SE tile system 
DNA strands 
7bSE1: 5’- TCA GTG GAC AGC CGT TCT GGA GCG TTG GAC GAA AC 
7bSE2: 5’- TGT CTG GTA GAG CAC CAC TGA GAG GTA C 
7bSE3: 5’- cy3-CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC ACC AAC 

GCT  
7bSE4: 5’- CCA GAC AGT TTC GTG GTC ATC GTA CCT C 
7bSE5: 5’- GAT GAC CTG CTT CGG TTA CTG TTT AGC CTG CTC TA 
 
RNA strand 
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7bSE4(RNA): 5’- CCA GAC AGU UUC GUG GUC AUC GUA CCU C 
 

8b sticky end SE tile system 

DNA strands 
8bSE1: 5’- AGT GGA CAG CCG TTC TGG AGC GTT GGA CGA AAC T 
8bSE2: 5’- TCG TGC CCG AGC ACC ACT GAG AGG TA 
8bSE3: 5’- cy3-CCA GAA CGG CTG TGG CTA AAC AGT AAC CGA AGC ACC AAC 

GCT  
8bSE4: 5’- GGG CAC GAA GTT TCG TGG TCA TCG TAC CTC TC 
8bSE5: 5’- CGA TGA CCT GCT TCG GTT ACT GTT TAG CCT GCT C  
 
RNA strand 
8bSE4(RNA): 5’- GGG CAC GAA GUU UCG UGG UCA UCG UAC CUC UC 
 

Genes for production of RNA strands 

5BSE4 RNA  T7 gene 
NonTemplate: 5’- GCG CTA ATA CGA CTC ACT ATA GCA GAC AGT TTC GTG GTC 

ATC GTA CCT 
Template: 5’- AGG TAC GAT GAC CAC GAA ACT GTC TGC TAT AGT GAG TCG TAT 

TAG CGC 
 

5BSE4 RNA  SP6 gene 
NonTemplate: 5’- GCG CAT TTA GGT GAC ACT ATA GCA GAC AGT TTC GTG GTC 

ATC GTA CCT 
Template: 5’- AGG TAC GAT GAC CAC GAA ACT GTC TGC TAT AGT GTC ACC TAA 

ATG CGC 
 

5BRE4 RNA  T7 gene 
NonTemplate: 5’- GCG CTA ATA CGA CTC ACT ATA GAC CAG GAA GAT GTG GTA 

GTG GAA TGC 
Template: 5’- GCA TTC CAC TAC CAC ATC TTC CTG GTC TAT AGT GAG TCG TAT 

TAG CGC 
 

7BSE4 RNA T7 gene 
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NonTemplate: 5’- GCG CTA ATA CGA CTC ACT ATA GCC AGA CAG TTT CGT GGT 

CAT CGT ACC TC 

Template: 5’- GAG GTA CGA TGA CCA CGA AAC TGT CTG GCT ATA GTG AGT CGT 

ATT AGC GC 

 

8BSE4 RNA T7 gene 
NonTemplate: 5’- GCG CTA ATA CGA CTC ACT ATA GCC AGA CAG TTT CGT GGT 

CAT CGT ACC TC 
Template: 5’- GAG GTA CGA TGA CCA CGA AAC TGT CTG GCT ATA GTG AGT CGT 

ATT AGC GC 
 
T7 Self inhibitor gene 
NonTemplate: 5’- TTC TAA TAC GAC TCA CTA TA G CGT AAG TCA ATT CCA CTA 

TCA TTG CTG CTT C 
Template: 5’- AAG ATT ATG CTG AGT GAT AT C GCA TTC AGT TAA GGT GAT AGT 

AAC GAC GAA G 
 
Switch gene system 
NonTemplate: 5’- AAG CAA GGG TAA GAT GGA ATG ATA ATA CGA CTC ACT ATA 

GCA G AC AGT TTC GTG GTC ATC GTA CCT 
A1Temp: 5’- TAT TAT CAT TCC ATC TTA CCC TTG CTT CAA TCC G 
A2Temp: 5’- AGG TAC GAT GAC CAC GAA ACT GTC TGC TAT AGT GAG TCG 
Inh_switch: 5’- ACG GAT TGA AGC AAG GGT AAG ATG GAA TGA TAA TA 
 
 

Reagents 

Oligonucleotides 

Lyophilized, PAGE-purified DNA oligonucleotides were purchased from Integrated DNA 

Technologies (Coralville, IA). All strands were resuspended in nuclease free water (Thermo 

Fisher Cat. no. AM9932), quantitated by UV absorbance at 260 nm using a Thermo Scientific 
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Nanodrop 2000c Spectrophotometer, and stored at -20°C. RNA strands were transcribed and 

gel extracted in house according to the protocol in Section 4.5. 

Enzymes 

T7 RNA Polymerase was purchased from Lucigen® (AmpliScribe™ T7-Flash™ 

Transcription Kit, Cat. No. ASF3507). SP6 RNA Polymerase was purchased from CellScript™ 

(SP6-Scribe™ Standard RNA IVT Kit, Cat. No. C-AS3106). RNase H was purchased from 

Promega™( Ref. No. M4281 ). All enzymes were stored at -20°C. 

Buffers, dyes, and other reagents 

Transcription buffer was purchased by New England Biolabs (NEB, Cat. No. M0251S). 

1X Transcription buffer contains: 40 mM Tris-HCl, 6 mM MgCl2, 1 mM DTT, 2 mM 

spermidine (pH 7.9 @ 25°C). Nucleotide Triphosphates (NTPs) were purchased from New 

England Biolabs (NEB, Cat. No.N0450S).Tris-acetate-EDTA (TAE, Cat. no. 15558026) and Tris-

borate-EDTA (TBE, Cat. no.LC6675) buffers were purchased from Thermo Scientific. Reporter 

molecule 3,5-difluoro-4-hydroxybenzylidene imidazolinone (DFHBI), was purchased from 

Lucerna technologies (Cat. No. 400-5). DFHBI was resuspended in DMSO (Thermo Scientific, 

Cat. no. D12345) and stored at -20°C. SYBR™ Gold Nucleic Acid Gel Stain was purchased 

from Invitrogen™, Thermo Fisher Scientific (Cat. no. S11494). 

 
Additional methods 

Atomic Force Microscopy 

AFM images were obtained in tapping mode using 1X TAE/12.5 mM Magnesium 

Chloride as imaging buffer with a Digital Instruments Multimode AFM, equipped with a 

Nanoscope III controller. Sharp Nitride Lever (SNL) tips from Bruker with a nominal spring 
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constant of 0.24 N/m (resonant frequency of 56 kHz) or Micro Cantilever from Olympus® (BL-

AC40TS-C2) with a nominal spring constant of 0.09 N/m were used for imaging (resonant 

frequency of 110 kHz). After annealing 5µL of sample was taken directly from the test tube and 

was added to a freshly cleaved mica surface, it was allowed to adsorb for 30 seconds, then 

25µL of AFM buffer was added onto the sample on the mica surface and 25µL of AFM buffer 

was added to the AFM tip.  

 

Polyacrylamide gel electrophoresis (PAGE) 

Denaturing PAGE: Pre-mix was prepared (for a final volume of 100 mL) by adding 42 g 

of urea to 25 ml of nanopure water, the mixture was then heated until the urea completely 

dissolved. This mixture was allowed to cool to room temperature, then acrylamide/bis-

acrylamide 19:1, 40% solution was added. The pre-mix was added in appropriate ratios with 

TBE and nanopure water, ammonium persulfate (APS), and Tetramethylethylenediamine 

(TEMED) to cast the desired polyacrylamide percentage. Gels were cast in 10X10 cm, 1 mm 

thick disposable mini gel cassettes (ThermoScientific, Cat. No. NC2010) and allowed to 

polymerize for at least 2 hours before electrophoresis. Gels were run at room temperature at 

100 V in 1X TBE unless otherwise noted. Unless otherwise noted, after electrophoresis the gels 

were stained in SYBR Gold Nucleic Acid Gel Stain for 20-30 minutes and then imaged using the 

Biorad ChemiDocTM MP system. We purchased the 10bp DNA ladder used in denaturing gels 

from Invitrogen™ (Cat. No. 10821- 015).  

Non-Denaturing PAGE: Acrylamide/bis-acrylamide 19:1, 40% solution, TAE, Magnesium 

Chloride 12.5 mM (final concentration), APS, and TEMED were added together at appropriate 

concentrations for the desired polyacrylamide percentage, then cast in 10X10 cm, 1 mm thick 

disposable mini gel cassettes (Thermo Scientific, Cat. No. NC2010) and allowed to polymerize 
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for at least 2 hours before electrophoresis. Gels were run at 4�C at 150 V in 1X TBE buffer. 

After electrophoresis gels were stained in SYBR  Gold Nucleic Acid Gel Stain for 20 minutes 

then imaged using the Biorad ChemiDocTM MP system. 

 

RNA extraction 

RNA was transcribed in vitro using  the AmpliScribe-T7-Flash Transcription Kit. The 

following components were mixed at room temperature: RNase-free water, 1-1.5µg template, 

AmpliScribe T7-Flash 1X Reaction Buffer (Epicentre, Cat. No.  ASF3507)9 mM NTPs, 40 U/µL 

RiboGuard RNase Inhibitor (Epicentre, Cat. No.  RG90925), and 2µL of AmpliScribe T7-Flash 

Enzyme Solution (Epicentre, Cat. No.  ASF3507). This mix was then incubated at 37C for 4 

hours. After incubation, 20µL of loading dye was added to the 20µL transcription solution, and 

8µL of the transcription/dye mix was added to each of the middle 5 lanes of the gel. The gel was 

run at 100 V at room temperature in 1X TBE. 

After electrophoresis the gel was stained in 80 mL 1X TBE and 1µL SYBR Gold Nucleic 

Acid Gel Stain (Thermo Scientific, Cat. No.  S-11494) for 20-30 minutes. The gel was then 

placed on a TLC silica gel 60 W F254S aluminum sheet (EMD Millipore, Cat. No. 1055590001) 

covered in plastic wrap. The gel was then illuminated with UV light and the desired RNA band 

was excised and crushed, and eluted using 200µL of 0.3 M sodium acetate at pH 5.3. The 

elution reaction was done in 0.5 mL DNA Lobind tubes (Eppendorf, Cat. No. 022431005), 

incubated at 42µC for ~20 hours. After incubation, the sodium acetate was removed and placed 

into 1.7 mL RNase/DNase free tubes. The old Lobind tubes were further rinsed with 100µL of 

0.3 M sodium acetate pH 5.3, which was added to the new tubes. Then 1 mL of freezer cold 
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100% ETOH and 1µL of glycogen was added into each tube and the sample was incubated at -

20C for 20 hours.  

Next, the samples were spun at 13500 rpm at 4C for 15 minutes. The white precipitate 

pellet (RNA) at the bottom of the tube was located and the supernatant was carefully pipetted 

out of the tubes to avoid removal of the pellet. Then, 500µL of 70% freezer cold ETOH was 

added to the tubes and spun at 13500 rpm at 4C for 5 minutes. The supernatant was carefully 

decanted again with a pipette. This washing procedure was repeated a third time. After the last 

wash, as much supernatant was removed as possible, then the tubes were opened and placed 

in the vacuum concentrator and allowed to spin at room temperature for 15 minutes. The 

samples were then re-suspended in 10-15µL of Ambion nuclease free water (Ambion, Cat. No.  

AM9932). 

 

Fluorescence microscopy data and image processing 

Fluorescence microscopy images were processed using ImageJ plugin Skeletonize to 

collect nanotube length distributions. Branching or looping nanotubes were eliminated from the 

length dataset using an in-house MATLAB script. Pixels were converted to micrometers using 

the 60X objective conversion factor 1 pixel = 0.11 μm. Due to camera limitations, tubes having 

length below 0.33 μm were also eliminated from the length distributions. Nanotube length 

distributions measured in fluorescence microscopy experiments are shown in the main paper, 

Fig. 1-4 and Fig. 1-5. These plots were prepared using an in-house MATLAB File script, error 

bars were produced using bootstrapping. 
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Reagents 

Oligonucleotides 

Lyophilized, PAGE-purified DNA oligonucleotides were purchased from Integrated DNA 

Technologies (Coralville, IA). All strands were resuspended in nuclease free water (Thermo 

Fisher Cat. no. AM9932), quantitated by UV absorbance at 260 nm using a Thermo Scientific 

Nanodrop 2000c Spectrophotometer, and stored at -20°C. RNA strands were transcribed and 

gel extracted in house according to the protocol in Section 4.5. 

Enzymes 

T7 RNA Polymerase was purchased from Lucigen® (AmpliScribe™ T7-Flash™ 

Transcription Kit, Cat. No. ASF3507). SP6 RNA Polymerase was purchased from CellScript™ 

(SP6-Scribe™ Standard RNA IVT Kit, Cat. No. C-AS3106). RNase H was purchased from 

Promega™( Ref. No. M4281 ). All enzymes were stored at -20°C. 

Buffers, dyes, and other reagents 

Transcription buffer was purchased by New England Biolabs (NEB, Cat. No. M0251S). 

1X Transcription buffer contains: 40 mM Tris-HCl, 6 mM MgCl2, 1 mM DTT, 2 mM 

spermidine (pH 7.9 @ 25°C). Nucleotide Triphosphates (NTPs) were purchased from New 

England Biolabs (NEB, Cat. No.N0450S).Tris-acetate-EDTA (TAE, Cat. no. 15558026) and Tris-

borate-EDTA (TBE, Cat. no.LC6675) buffers were purchased from Thermo Scientific. Reporter 

molecule 3,5-difluoro-4-hydroxybenzylidene imidazolinone (DFHBI), was purchased from 

Lucerna technologies (Cat. No. 400-5). DFHBI was resuspended in DMSO (Thermo Scientific, 

Cat. no. D12345) and stored at -20°C. SYBR™ Gold Nucleic Acid Gel Stain was purchased 

from Invitrogen™, Thermo Fisher Scientific (Cat. no. S11494). 

 



 42 

Analysis of tubular structures using AFM images 

This section compares representative AFM images of DNA-RNA nanostructures 

produced from all our tile designs. 

 

Figure S1.1: Overview of AFM images of assembled structures. A) DNA-RNA hybrid tubes 
with 5 base sticky end, assembled by extracted RNA addition, B) DNA-RNA hybrid tubes with 7 
base sticky end, assembled by extracted RNA addition, C) DNA-RNA hybrid tubes with 8 base 
sticky end, assembled by extracted RNA addition, D) DNA tubes with 5 base sticky end, E) DNA 
tubes with 7 base sticky end, E) DNA tubes with 8 base sticky end. In each case, scale bar 
represents 1 μm. 

 

We used AFM to quantify width of the DNA-RNA hybrid tubes with 5 base sticky end 

variant. We considered AFM images of tubes assembled by extracted RNA addition. We picked 

6 isolated, tubular structures and measured their length and width. Width was measured at the 

extrema and at the center of the tube, and tube overall width was computed as the average of 
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these three measurements. We compared our results with those provided by Rothemund et. al. 

and observed that hybrid nanotube width lies within the width range of DNA nanotubes, as 

reported by Rothemund et. al.  

 

Figure S1.2: Analysis of 5b sticky end hybrid tube width. A) Graphical representation of 
width recorded for six individual tubes. Blue shaded area represents the limits of DNA 
nanotubes (minimum width = 36nm, maximum width =  80nm) as reported by Rothemund et.al.1  
B) Mean width calculated by taking mean of each individual mean tube length for 5b hybrid 
tubes = 65.289 nm. 
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Characterizing assembly of partially formed DNA tiles 

We conducted 3 different set of experiments to validate that the partially formed DNA 

tiles form DNA nanotubes when the missing strand/s are added to it isothermally at 37°C. We 

used 8 base sticky end variant for this experiment. Target concentration of each strand is 1 μM. 

The images for incubation at 37°C  were taken after 1 hour of addition of the missing strand.. 

As shown in the following figure, we were able to prove that it was possible to form 

nanotubes with annealing partially formed DNA tiles. The nanotubes were observed at room 

temperature (25°C) using fluorescence microscopy . Each assay was conducted in triplicates. 
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Figure S1.3: Fluorescence microscope images for DNA trigger experiments. Left images 
were taken after anneal and right after incubation at 37°C with remaining missing strands. A) 
Having DNA strand S1,S2,S3,S5 during anneal and addition of DNA S4 while incubation, 
3)Having DNA strand S1,S3,S4,S5 during anneal and addition of DNA S2 while incubation, 
4)Having DNA strand S1,S3,S5 during anneal and addition of DNA S2 and DNA S4 while 
incubation. All scale bars represent 10 μm..  
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Effect of increasing enzyme concentration on co-transcriptional assembly 

Increasing the volume of T7 RNA polymerase has a detrimental effect on assembly, and 

recent experiments on similar nanotubes suggest that this may be due to undesired RNA 

strands transcribed from the nanotubes, which then bind to and inactivate unpolymerized tiles 

and may strand invade the sticky ends of polymerized tiles5. The T7 conc. used for all our 

experiments in the main paper is represented by the orange trace (1.25% v/v).  

 

Figure S1.4: Effect of increasing enzyme concentration on co-transcriptional assembly. 
Increasing the volume of T7 RNA polymerase has a detrimental effect on assembly, and other 
ongoing experiments suggest this effect is due to non-specific binding of the polymerase to the 
nanotubes. 
 

Trigger activation using Sp6 enzyme 

Inactive tiles with 5 base sticky ends were activated using the in-situ transcription using 

Sp6 enzyme and a gene template with corresponding promoter region.  Target concentration of 

each strand is the inactive tile is 0.5 μM. Gene template concentration for missing RNA strand 

production is 100nM. The images for activated tubes were taken after 1 hour of template 

addition. The protocol for annealing inactive tiles are provided in. 
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As shown in the following figure, we were able to achieve trigger activation using the 

Sp6 enzyme. The nanotubes were observed at room temperature (25°C) using fluorescence 

microscopy. The experiment was conducted in triplicates. 

 

Figure S1.5: Activation using Sp6 enzyme. Triggering isothermal assembly via in-situ 

transcription of RNA strand. Images were taken after 1 hour of trigger strand addition. All scale 

bars = 10μm. 

 

Self-inhibition of T7 RNA Polymerase 

In order to slow down transcription rates, we designed a self-inhibiting aptamer template 

(SIAT) with a T7 promoter, coding for T7 RNAP inhibiting aptamer. When T7 RNAP transcribes 

this gene, the nascent RNA transcript will bind to the enzyme and inhibit it. This can be seen 

using fluorometry by measuring the transcription rate of Broccoli aptamer(DFHBI) from a gene 

also has a T7 promoter. The red trace represents negative control in which there is no SIAT.  It 

is evident that the transcription turns off completely with [SIAT]>0.02μM.  
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Figure S1.6: Self-inhibition of T7 RNA Polymerase. A) Reaction scheme. The SIAT gene 

codes for T7 RNAP inhibiting aptamer, resulting in self-inhibition by T7 RNAP. B) Fluorometry 

data verifying this mechanism. As a reporter we have Broccoli DFHBI aptamer gene with T7 

promoter. T7 RNA Polymerase activity is suppressed upon the addition of SIAT. 
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Switch Gene system  

This section contains a schematic for the series of strands used for the ‘switch gene 

system’ demonstrated in Fig. 1-5 of the main paper. These represent the most relevant 

predicted interactions among the nucleic acids. Transcription is activated by adding an activator 

strand complementary to the single stranded promoter region; transcription is inhibited when the 

activator is absent, or is displaced by a complementary inhibitor strand via toehold-mediated 

branch migration.  

These schemes have an illustrative purpose and are not an exhaustive list of all 

secondary structures that can occur in the system. The main activation, Transcription and 

Inhibition reaction are: 

Activation:   NonTemp·A2Temp + A1Temp à NonTemplate·A2Temp·A1Temp 

Transcription:  NonTemplate·A2Temp·A1Temp	+ RNAP ⇌	

NonTemplate·A2Temp·A1Temp·RNAP à RNA product +                                                                               

NonTemplate·A1Temp·A2Temp·RNAP 

Inhibition:  Inh_switch + NonTemplate·A2Temp·A1Temp à Inh_switch·A1Temp + 

NonTemp·A2Temp 
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Figure S1.7: Relevant interactions in the Switch Gene system: From top to bottom: Non 

Template strand and A2Temp bind to form the incomplete gene (black domain represent T7 

promoter region); A1Temp binds to this to complete the gene, enabling it to produce RNA 

production. The inhibitor strand (Inh_switch) can displace the A1Temp by competitive strand 

displacement reaction, by attaching to the overhanging toehold (blue) region.  
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2. Chapter 2: A coarse-grained model for estimation of joining 

rates in DNA nanotube systems 

Adapted with permission from Pacella, Michael S., Vahid Mardanlou, Siddharth Agarwal, 

Anusha Patel, Elizabeth Jelezniakov, Abdul M. Mohammed, Elisa Franco, and Rebecca 

Schulman. "Characterizing the length-dependence of DNA nanotube end-to-end joining rates." 

Molecular Systems Design & Engineering 5, no. 2 (2020): 544-558.  

2.1 Abstract 

We model the evolution of length distribution in a DNA nanotube population where two 

distinct subpopulations, grown from different types of DNA origami seeds, join to form hybrid 

nanotubes. The goal of the model is to obtain an estimate for the joining rate of the 

subpopulations. The model takes into account nucleation, and joining, polymerization and 

depolymerization processes in the nanotube population. The continuous length distribution is 

segmented, and the behavior of nanotubes in each length bin is modeled using ordinary 

differential equations and equivalent chemical reactions. 

2.2 Introduction 

Two species of nanotubes (species A and species B) were built that are both seeded at 

one end, and mixed together. As a result, joining can only occur via a reaction between a 

member of species A and a member of species B. The resulting structure can't join with 

anything else because it has a seed on both ends.   
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To be able to distinguish each of these types of structures, seed A is labeled in red, 

nanotubes that were grown from seed A are in dark green, seed B is in blue and nanotubes 

grown from it are light green. The scheme of the experiment conducted is given in Fig. 2-1. 

 The hypothesis to be tested in this study is that: 'Do complementary nanotube 

subpopulations join as a function of nanotube length? Short nanotubes should join earlier as 

they have greater mobility'. To test this hypothesis, we counted the number and measured the 

length of nanotubes of all species of each of the pre-joined population and the joined population 

for a series of time points (t = 0hr, 5hr, 10hr, 25hr, 50hr) to identify whether joining rates depend 

on length or not.  

We formulate a mathematical model for these seeded nanotubes that describes how the 

joining of the tubes is a function of the length varies over time in a population of nanotubes. This 

model is coarse-grained in the sense that the nanotube population is segmented by length in a 

number of bins, and we use ordinary differential equations to describe how the population of 

each bin varies over time. The processes that we have taken into account are joining, 

nucleation, polymerization and depolymerization. 
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Figure 2-1 Overview of DNA nanotube growth and end-to-end joining. (A) 2 nanotube 
species A and B are allowed to nucleate from 2 distinct DNA origami seeds depicted in red and 
blue. They are grown at 20ºC for 15 hours. (B) The 2 species are mixed after 15 hours  in the 
molar ratio of Species A : Species B = 1 : 5. (C) Types of nanotube species that can be 
observed post mixing. N(A) = number of species A, I(A) = nanotube contour length of tube made 
by species A 

  
 
 

2.3 Model derivation 

Binning based on length 

We consider a solution including assembled nanotubes and unpolymerized tiles. Our 

sample includes tubes having any length l ∈ [0,lmax], where lmax is the maximum observed length. 

To build a model that is computationally tractable, we segment the population of molecular 

species present in the system. We assume the sample includes tiles, whose concentration is 

indicated as T; nucleated assemblies of tiles, or nuclei, whose concentration is L0; nanotubes, 

which are binned by length, so that variable Ln indicates the concentration of nanotubes in bin n. 
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The bin width, which we indicate as lb, can be chosen depending on the acceptable level of 

coarseness (and complexity) of the model, because it determines the number of species. 

 We can bin the tubes of Species A and B based on their length in eight intervals like 

following: 

 

Since the maximum length of and of these species does not exceed 8µm. 

For example, if lb	= 1 µm, variable L1	is the concentration of tubes of length between 0 nm to 

0.5 µm. If lmax	= 50µm, the number of variables in the model is nmax	= [lmax/lb] = 50. Segmentation 

introduces implicitly the assumption that a tube can switch from bin n	to bin n	±	1 only if it 

acquires or loses a number nb	of tiles, which are the tiles forming a tube segment of length lb. 

As an example, let us take again lb	= 1 µm; let us assume that the nanotube 

circumference is on average 7 tiles, each ≈	14 nm wide; then we find nb	= 500 (This is the 

calculation: 1000/14=71.42, 71.42*7 = 500 tiles in the bin).   
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Figure 2-2: Fluorescence microscopy images for length estimation and binning. (A) 
Fluorescence microscopic image of sample with 3 distinct nanotube species, originating from 
red and blue seeds and the ones that join. Image is divided into quadrants for ease of length 
estimation. (B) Contour lengths of detected tubes is drawn with yellow color on top of the tubes. 
(C) DNA nanotubes design contain two tiles, REd and SEd, that can assemble into a lattice with 
diagonal stripes, adapted from3 (D)Sample tube length  (left) and one individual chunk(right). 
Scale bar is 10 µm. 

2.4 Modeled process 

Nucleation: We use seeds to nucleate nanotubes. Because the free tile concentration is 

low (18 nM), spontaneous nucleation of nanoubes is negligible.1 Seeds are used to control the 

DAE-E tile DNA nanotube assembly as it is our understanding that they greatly accelerate 

nanotube nucleation and growth because they serve as nanotube nucleation templates. Tile 

assembly occurs on the seed, which can be assumed as tubes with length 0 (L0). When 

modeling spontaneous nuclation, a critical number of tiles must bind simultaneously to form 
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nuclei, from which further polymerization of a nanotube can be initiated. Here, we assume that 

nucleation depends on the concentration of tiles (we assume tile concentation to be T) and 

nuclei L0, and proceeds with rate knuclTnnucl, where nnucl is the critical nucleation size.  

It is unclear if cooperativity (nnucl >1) of binding is required to model nucleation from 

seeds. 

The equivalent phenomenological reaction describing nucleation is: 

 

Polymerization	and	depolymerization	Nuclei and nanotubes grow as tiles bind to 

accessible sites. The polymerization rate depends on the concentration of tiles as well as the 

availability of binding sites: for tubes of length n, polymerization occurs at rate kpTLn. Tiles can 

also dissociate from tubes at a rate that depends exclusively on the concentration of tubes: for 

tubes of length n, the depolymerization rate is kdLn; for nuclei, we consider a different 

depolymerization rate kd0L0. Equivalent phenomenological reactions describing polymerization 

and depolymerization are: 

 

Joining	of	A-type	and	B-type	nanotubes	Nucleated A-type and B-type nanotubes diffusing in 

solution bind to form a C-type nanotubes, as described in Fig. 2-1. A simplified chemical 

equation describing this phenomenon is: 
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Within our coarse grained model, the formation of C-type tubes is captured by the 

following reactions: 

 

 

Our goal is to determine if the joining rate of the nanotubes is length dependent. To test 

this hypothesis, we choose a candidate expression for the joining rate that depends on the 

length of the nanotubes, on their diameter d, and on the concentration of nanotubes in the 

corresponding length bins. For example, if we consider length bins n and m, we postulate that 

the joining rate of nanotubes in these bins is kjoin(n,m)LnLm. An estimate for kjoin(n,m) is given 

below. This expression derived by Hariadi et. al.2  assumes that DNA nanotubes are rigid rods, 

and that their end-joining is a diffusion controlled reaction: 

 

where α	= (κ12kBT	d)/η. Here η	is the dynamic viscosity of the liquid, kB	is the Boltzmann 

constant, T	is the absolute temperature, d	is the nanotube diameter, and κ	is a factor accounting 

for the fraction of productive nanotube collisions. Note that each joining reaction can occur by 

joining of only one end of each nanotube since they are seeded at the other end and so every 

reaction should be accounted for only once. 
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Ordinary differential Equations (ODE’s) 

We get the following ODE’s for this model (here  indicates the time derivative of 

the concentration of tile .  

Although two tile types were utilized in experiments, we model the tile population with a 

single species. We think is an acceptable simplification because both tile types are incorporated 

stoichiometrically in growing nanotubes, and their total concentration in solution is the same.  

 

For the Nuclei: 

 

We have 8 equations describing the concentration of A-type nanotubes in each bin: 

 

where, i	∈	[2,8] and j	∈	[1,8] 
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Similarly we have 8 equations describing the concentration of B-type nanotubes in each 

bin: 

 

where, i ∈ [1,8] and j ∈ [2,8] 

We have 64 equations describing the concentration of C-type nanotubes in each bin 

 

where, m,n ∈ [1,8] 

 

2.9 Experimental data 

Length data are shown in 3, where the fraction of population of species C is 

plotted versus the lengths of their A and B components. The species grow symmetrically, 

that is majority of the population have approximately equal lengths of the consisting A part 
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and the B part. We can also conclude by these plots that the species present at 5 hours 

continue to be present at later imaging time points and longer species C tubes are getting 

added to the population. 

 

Figure 2-3: Composition of C-type nanotubes based on experimental data. X and Y axis 
represent the lengths of A part and B part respectively. Note: the sidebars represent different 
scales. 

 

2.8 Data Fitting 

To minimize the objective function, several fitting runs were conducted. This is a 

non-convex process, thus the fitting run converges at a local minima which depends on 

the chosen initial conditions of the parameter values. Here we report the best fitting 

results. 

5hr/Exp.

A Species
2 4 6 8

B 
Sp

ec
ie

s

1

2

3

4

5

6

7

8
0

0.05

0.1

0.15

0.2

0.25

10hr/Exp.

A Species
2 4 6 8

B 
Sp

ec
ie

s

1

2

3

4

5

6

7

8
0

0.05

0.1

0.15

0.2

25hr/Exp.

A Species
2 4 6 8

B 
Sp

ec
ie

s

1

2

3

4

5

6

7

8
0

0.05

0.1

0.15

0.2

50hr/Exp.

A Species
2 4 6 8

B 
Sp

ec
ie

s

1

2

3

4

5

6

7

8
0

0.05

0.1

0.15

0.2

0.25



 61 

We consider different scenarios as far as assumptions made on the model 

parameters. For simulation we have assumed the Tile concentration to be 1µM.4 

 

Length-dependent joining rate: Distinct nucleation rates for A and B-type 

nanotubes 

In this simulation, we assumed distinct nucleation rates for Species A and B and the 

Kjoin was calculated using Bernie’s formula. The parameters are stated in Table1. 

Table 2-1: Fitting parameters and results. This table lists the parameters of Model that 

were fitted, including lower bound (L.B.) and upper bounds (U.B.) used in the fitting procedure. 

Parameter Units L.B. U.B. Sim1 Definition 

kp M−1s−1 10−5 101 1.071 × 10−4 Polymerization rate 

kd s−1 10−8 104 1.000 × 10−6 Depolymerization rate 

α µm M−1s−1 10−10 105 6.607 × 10−3 End-joining parameter 

knucl M1−nnucls−1 10−10 104 1.023 × 10−10 Nucleation - species A 

knucl M1−nnucls−1 10−10 104 3.388 × 10−7 Nucleation - species B 
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Figure 2-4: Simulated fraction of Species C at different times for length dependent joining and 
distinct nucleation rates. X and Y axis represent the lengths of A part and B part respectively. 
Note: the sidebars represent different scales 
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Figure 2-5: Error in between experimental data and fitted model for fraction of Species C 
at different times for length dependent joining and distinct nucleation rates: X and Y axises 
represent the lengths of A part and B part respectively. Note: the sidebars represent different 
scales. 
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Figure 2-6: Comparing experimental results with simulated predictions for length 
dependent joining and distinct nucleation rates. (a) A comparison of experimental and 
simulation results between marginal cumulative distribution of A part in Species C, 
(b)Experimental and simulated marginal cumulative distributions of B part in Species 
C,(c)Experimental and simulated marginal cumulative distributions of Species A (all A-type 
nanotubes are depleted at 50 hours, (d)Experimental and simulated marginal cumulative 
distributions of Species B. 
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Length-dependent joining rate: Identical nucleation rates for A and B-type 

nanotubes 

In this simulation, we assumed equal nucleation rates for Species A and B and the Kjoin 

was calculated using Bernie’s formula. The parameters are stated in Table2. 

Table 2-2 Fitting parameters and results. This table lists the parameters of Model that 

were fitted in Simulation 2, including lower bound (L.B.) and upper bounds (U.B.) used in the 

fitting procedure. 

Parameter Units L.B. U.B. Sim2 Definition 

kp M−1s−1 10−5 101 1.412 × 10−3 Tube polymerization rate 

kd s−1 10−8 104 1.000 × 10−6 Tube depolymerization 

rate 

α µm M−1s−1 10−10 105 1.584 × 10−5 End-joining parameter 

knucl M1−nnucls−1 10−10 104 1.122 × 10−7 Nucleation rate of species 

A 

knucl M1−nnucls−1 10−10 104 1.122 × 10−7 Nucleation rate of species 

B 

 

 

 



 66 

 

Figure 2-7: Simulated fraction of Species C at different times for length dependent 
joining and identical nucleation rates. X and Y axis represent the lengths of A part and B part 
respectively. Note: the sidebars represent different scales. 
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Figure 2-8: Error in between experimental data and fitted model for fraction of Species C 
at different times for length dependent joining and identical nucleation rates. X and Y axises 
represent the lengths of A part and B part respectively. Note: the sidebars represent different 
scales. 
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Figure 2-9: Comparing experimental results with simulated predictions for length 
dependent joining and identical nucleation rates. (a) A comparison of experimental and 
simulation results between marginal cumulative distribution of A part in Species C, 
(b)Experimental and simulated marginal cumulative distributions of B part in Species 
C,(c)Experimental and simulated marginal cumulative distributions of Species A (all A-type 
nanotubes are depleted at 50 hours, (d)Experimental and simulated marginal cumulative 
distributions of Species B. 
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Length-independent joining rate: Distinct nucleation rates for A and B-type 

nanotubes 

In this simulation, we assumed equal nucleation rates for Species A and B and the Kjoin 

was also assumed to be constant. The parameters are stated in Table3. 

Table 2-3 Fitting parameters and results. This table lists the parameters of Model that 

were fitted in Simulation 3, including lower bound (L.B.) and upper bounds (U.B.) used in the 

fitting procedure. 

Parameter Units L.B. U.B. Sim3 Definition 

kp M−1s−1 10−5 101 1.258 × 10−4 Tube polymerization rate 

kd s−1 10−8 104 1.318 × 10−5 Tube depolymerization 

rate 

α µm M−1s−1 10−10 105 1.698 × 10−8 End-joining parameter 

knucl M1−nnucls−1 10−10 104 4.466 × 10−9 Nucleation rate of species 

A 

knucl M1−nnucls−1 10−10 104 4.466 × 10−9 Nucleation rate of species 

B 
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Figure 2-10: Simulated fraction of Species C at different times for length independent 
joining and distinct nucleation rates. X and Y axis represent the lengths of A part and B part 
respectively. Note: the sidebars represent different scales. 
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Figure 2-11: Error in between experimental data and fitted model for fraction of Species 
C at different times for length independent joining and distinct nucleation rates. X and Y axis 
represent the lengths of A part and B part respectively. Note: the sidebars represent different 
scales. 
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Figure 2-12: Comparing experimental results with simulated predictions for length 
independent joining and distinct nucleation rates. (a) A comparison of experimental and 
simulation results between marginal cumulative distribution of A part in Species C, 
(b)Experimental and simulated marginal cumulative distributions of B part in Species 
C,(c)Experimental and simulated marginal cumulative distributions of Species A (all A-type 
nanotubes are depleted at 50 hours, (d)Experimental and simulated marginal cumulative 
distributions of Species B. 
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Length-independent joining rate: Identical nucleation rates for A and B-type 

nanotubes 

In this simulation, we assumed un-equal nucleation rates for Species A and B but the 

Kjoin was assumed to be constant. The parameters are stated in Table 2.4. 

Table 2-4: Fitting parameters and results. This table lists the parameters of Model that 

were fitted in Simulation 4, including lower bound (L.B.) and upper bounds (U.B.) used in the 

fitting procedure. 

Parameter Units L.B. U.B. Sim4 Definition 

kp M−1s−1 10−5 101 1.230 × 10−4 Tube polymerization 
rate 

kd s−1 10−8 104 1.288 × 10−5 Tube depolymerization 

rate 

α µm M−1s−1 10−10 105 6.761 × 10−8 End-joining parameter 

knucl M1−nnucls−1 10−10 104 3.890 × 10−9 Nucleation rate of 
species 

A 

knucl M1−nnucls−1 10−10 104 1.000 × 10−1 Nucleation rate of 
species 

B 
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Figure 2-13: Simulated fraction of Species C at different times for length independent 
joining and identical nucleation rates. X and Y axises represent the lengths of A part and B part 
respectively. Note: the sidebars represent different scales. 
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Figure 2-14: Error in between experimental data and fitted model for fraction of Species 
C at different times for length independent joining and identical nucleation rates. X and Y axises 
represent the lengths of A part and B part respectively. Note: the sidebars represent different 
scales. 
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Figure 2-15: Comparing experimental results with simulated predictions for length 
independent joining and identical nucleation rates. (a) A comparison of experimental and 
simulation results between marginal cumulative distribution of A part in Species C, 
(b)Experimental and simulated marginal cumulative distributions of B part in Species 
C,(c)Experimental and simulated marginal cumulative distributions of Species A (all A-type 
nanotubes are depleted at 50 hours, (d)Experimental and simulated marginal cumulative 
distributions of Species B. 
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2.9 Methods 

 
Nanotube joining experiments  

DNA nanotube and seed assembly mixtures. We grew seeded DNA nanotubes 

following the protocol outlined by Mohammed.1 Tile, adapter, and seed strand sequences used 

in this study are listed in Supplementary Information (section 2.12). DNA tile, adapter, and 

staple strands were synthesized by Integrated DNA Technologies, Inc. Adapter and tile strands 

were PAGE purified. “A” seeds were labelled using 50% atto488 fluorescent dye and 50% 

atto647 fluorescent dye allowing fluorescence imaging of the seed. To distinguish “B” seeds 

from “A” seeds, “B” seeds were labelled using 100% atto488 fluorescent dye. DNA nanotubes 

nucleated from “A” seeds were labelled with cy3 dye and nanotubes nucleated from “B” seeds 

were labelled with atto647. All samples were prepared in TAE buffer (40 mM tris-acetate, 1 mM 

EDTA) to which 12.5 mM magnesium acetate was added. In the initial A solution, the strands for 

each tile were present at 55 nM except for the strands presenting sticky ends, which were 

present at 110 nM to minimize the concentration of malformed tiles. In the initial B solution, the 

strands for each tile were present at 175 nM (sticky end strands at 350 nM.)  

Nanotube annealing. Samples were annealed using an Eppendorf Mastercycler in a 

two-pot reaction. In one pot, DNA tiles were annealed from 90°C to 20°C at 1°C per min. In a 

second pot, DNA origami seeds were annealed using the protocol described by Agrawal et al. 

After annealing, the seeds were purified using centrifugal filtration to remove excess staples and 

adapters not incorporated into seeds purified seeds were then added to the annealed tiles at a 

concentration of approximately 6 pM and incubated at 20 °C for 15 hours. “A” solution and “B” 

solution samples were prepared separately during this process. Note that because the 

concentration of DNA origami seeds is the same in both the A and B solutions (6 pM), the 
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concentration of seeded nanotubes is approximately the same in both solutions, despite both 

solutions having differing concentrations of DNA tiles. The higher concentration of atto647 

labelled B tiles vs. cy3 labelled A tiles (175 nM vs. 55 nM) is necessary because the critical 

concentrations needed for seeded nucleation are different for each tile type. After separately 

incubating the A and B solutions for 15 hours, the solutions were combined in a 1:5 A:B ratio 

and incubation was continued at 20 °C. We measured nanotube joining rates at 20 °C. 

Fluorescence microscopy. After combining the A and B solutions, fluorescence 

microscopy images were taken at 0.5 h, 2.5 h, and 4.5 h post mixing. 6 μL of the combined A/B 

solution was transferred to an 18 mm by 18 mm glass coverslip for fluorescence imaging. The 

samples were imaged on an inverted microscope (Olympus IX71) using a 60×/1.45 NA oil 

immersion objective using an Olympus cy3 filter cube set (Z532BP). Images were captured on a 

cooled CCD camera (iXon3, Andor). 

Nanotube image processing. Fluorescence microscopy images of nanotubes were 

processed using ImageJ. Nanotube lengths were calculated by drawing a line next to the 

nanotube and calculating the length of the line.  

 

2.10 Conclusion 

DNA nanotubes provide an ideal model system for the measurement of polymer end-to-

end joining rates. However, it is unclear how well our results translate to joining processes that 

do not occur because of Watson–Crick hybridization. In this study, we experimentally 

characterized the length-dependence of the end-to-end joining rate of DNA nanotubes by 

measuring the lengths of nanotubes before and after joining at different times during the joining 

process. We tested the ability of the Hariadi model2 for end-to-end joining rate to reproduce the 
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experimental length data using an ODE model of nanotube joining. We tested it in conditions 

where joining is dependent or independent of lengths of two species with distinct nucleation 

rates and same nucleation rates. The length-independent joining that we observe in this study 

disagrees with prior results on microtubules,5 amyloid fibrils,6 and actin filaments,7 all of which 

obey the length-dependent model prescribed by Hill. Our length-independent joining rates 

suggest that translational and rotational diffusion of DNA nanotubes is not the rate-limiting step 

in end-to-end joining. 

Better understanding of what controls these rates will be critical for the kinetic control of 

DNA self-assembly. We need to determine what factors affect and do not affect the rates of 

DNA nanostructure binding. There is evidence that multi-valency (the existence of multiple 

single-stranded binding sites that can hybridize on each of the reactions),8 temperature9 and salt 

composition10 affect the rates of reaction. However, one potential advantage of the similarity of 

DNA nanostructure hybridization rates across such a wide range of reactant size scales is that 

we can reasonably assume a single rate of interaction between many different DNA 

nanostructures. In combination with the ability to predict the free-energy of association,10 this 

fact should allow us to design relatively accurate models of the kinetics of DNA self-assembly 

processes without the need to measure the thermodynamics and kinetics of association for 

each potential component or intermediate. 
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2.12 Supplementary Information 

DNA nanotube and seed design sequences 

REd tile sequences: 
RE-4bp-1: CGTATTGGACATTTCCGTAGACCGACTGGACATCTTCG  
RE-4bp-2EE01: TGGTCCTTCACACCAATACGGCAT  
RE-4bp-3Cy3:/Cy3/TCTACGGAAATGTGGCAGAATCAATCATAAGACACCAGTCGG  
RE-4bp-4:CAGACGAAGATGTGGTAGTGGAATGC  
RE-4bp-5:TCCACTACCTGTCTTATGATTGATTCTGCCTGTGAAGG 
 
SEd tile sequences: 
SE-4bp-1: CTCAGTGGACAGCCGTTCTGGAGCGTTGGACGAAACTC  
SE-4bp-2DIAG:TCTGGTAGAGCACCACTGAGAGGT  
SE-4bp-3Cy3: /Cy3/CCAGAACGGCTGTGGCTAAACAGTAACCGAAGCACCAACGCT 
SE-4bp-4DIAG:ACCAGAGTTTCGTGGTCATCGTACCT  
SE-4bp-5:ACGATGACCTGCTTCGGTTACTGTTTAGCCTGCTCTAC 

Here /Cy3/ denotes a covalently attached Cy3 fluorophore. 

 

Seed staple sequences: 

T_5R12F_CYC_HP: 
GGAATTACCACCACCCGTGAGGCGTTTTCGCCTCACTTTCATTTTCCGTAACAC 

T_5R12E_CYC_HP: 
CTCAGAGCGAGGCATAGGCTCCGCTTTTGCGGAGCCTTGTAAGAGCACAGGTAG 

T_3R12F_CYC_HP: 
CATAACCCACCGCCACCTGGCTCGTTTTCGAGCCAGTTCCTCAGAAACAACGCC 

T_3R12E_CYC_HP: 
CCCTCAGATCGTTTACCGCTTGCGTTTTCGCAAGCGTTCAGACGACTTAATAAA 

T_1R12F_CYC_HP: 
CCAAAATATACTCAGGTGCGGTCGTTTTCGACCGCATTAGGTTTAGATAGTTAG 

T_1R12E_CYC_HP: 
TATCACCGGCGAGAGGCTGCGTCGTTTTCGACGCAGTTCTTTTGCAATCCTGAA 

T1R12F_CYC_HP: 
TCTTACCATATAAGTACCGAGGCGTTTTCGCCTCGGTTTAGCCCGGAATAGGTG 
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T1R12E_CYC_HP: 
AGGGTTGAACGCTAACGCCAGGACTTTTGTCCTGGCTTGAGCGTCTGAACACCC 

T3R12F_CYC_HP: 
CCTAATTTACCAGGCGTCGGAGCGTTTTCGCTCCGATTGATAAGTGGGGGTCAG 

T3R12E_CYC_HP: 
TGCTCAGTGCCAGTTAGGTGGTCGTTTTCGACCACCTTCAAAATAAACAGGGAA 

T5R12F_CYC_HP: 
ATTATTTAGAAGGATTGCCATCGCTTTTGCGATGGCTTAGGATTAGAAACAGTT 

T5R12E_CYC_HP: 
CCTCAAGATCCCAATCCGTGGAGCTTTTGCTCCACGTTCAAATAAGATAGCAGC 

T_5R2F_HP: 
TGAGTTTCAAAGGAACGTCCACCGTTTTCGGTGGACTTAACTAAAGATCTCCAA 

T_5R4F_HP: 
AAAAAAGGCTTTTGCGGTGGTCCGTTTTCGGACCACTTGGATCGTCGGGTAGCA 

T_5R6F_HP: 
ACGGCTACAAGTACAACTCGGCACTTTTGTGCCGAGTTCGGAGATTCGCGACCT 

T_5R8F_HP: 
GCTCCATGACGTAACACGGATCGCTTTTGCGATCCGTTAAGCTGCTACACCAGA 

T_5R10F_HP: 
ACGAGTAGATCAGTTGCACCGCTGTTTTCAGCGGTGTTAGATTTAGCGCCAAAA 

T_5R2E_HP: 
GAGAATAGGTCACCAGCGGAACCGTTTTCGGTTCCGTTTACAAACTCCGCCACC 

T_5R4E_HP: 
AAAGGCCGCTCCAAAACCGTGGCGTTTTCGCCACGGTTGGAGCCTTAGCGGAGT 

T_5R6E_HP: 
GCGAAACAAGAGGCTTGTGCTGCGTTTTCGCAGCACTTTGAGGACTAGGGAGTT 

T_5R8E_HP: 
CCAAATCATTACTTAGACGCTGGCTTTTGCCAGCGTTTCCGGAACGTACCAAGC 

T_5R10E_HP: 
AAAGATTCTAAATTGGCGACGGACTTTTGTCCGTCGTTGCTTGAGATTCATTAC 

T_3R2F_HP: 
TGTAGCATAACTTTCAGGCATCCGTTTTCGGATGCCTTACAGTTTCTAATTGTA 

T_3R4F_HP: 
TCGGTTTAGGTCGCTGGCTGACGCTTTTGCGTCAGCTTAGGCTTGCAAAGACTT 

T_3R6F_HP: 
TTTCATGATGACCCCCACCAGCCGTTTTCGGCTGGTTTAGCGATTAAGGCGCAG 

T_3R8F_HP: 
ACGGTCAATGACAAGACGGAGGCGTTTTCGCCTCCGTTACCGGATATGGTTTAA 

T_3R10F_HP: 
TTTCAACTACGGAACACTCGCTGCTTTTGCAGCGAGTTACATTATTAACACTAT 
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T_3R2E_HP: 
TGCTAAACTCCACAGAGCCAGTGCTTTTGCACTGGCTTCAGCCCTCTACCGCCA 

T_3R4E_HP: 
ATATATTCTCAGCTTGCCGTCCGCTTTTGCGGACGGTTCTTTCGAGTGGGATTT 

T_3R6E_HP: 
CTCATCTTGGAAGTTTCGGATGGCTTTTGCCATCCGTTCCATTAAACATAACCG 

T_3R8E_HP: 
AGTAATCTTCATAAGGTCTGGTCGTTTTCGACCAGATTGAACCGAACTAAAACA 

T_3R10E_HP: 
ACGAACTATTAATCATGGCACCTGTTTTCAGGTGCCTTTGTGAATTTCATCAAG 

T_1R2F_HP: 
CGTAACGAAAATGAATCCTGCCTGTTTTCAGGCAGGTTTTTCTGTAGTGAATTT 

T_1R4F_HP: 
CTTAAACAACAACCATCGGTGCCGTTTTCGGCACCGTTCGCCCACGCGGGTAAA 

T_1R6F_HP: 
ATACGTAAGAGGCAAACTCGGTCGTTTTCGACCGAGTTAGAATACACTGACCAA 

T_1R8F_HP: 
CTTTGAAAATAGGCTGCCGAGGACTTTTGTCCTCGGTTGCTGACCTACCTTATG 

T_1R10F_HP: 
CGATTTTAGGAAGAAACGGCAGGCTTTTGCCTGCCGTTAATCTACGGATAAAAA 

T_1R2E_HP: 
ACGTTAGTTCTAAAGTCGCTTGGCTTTTGCCAAGCGTTTTTGTCGTGATACAGG 

T_1R4E_HP: 
CAATGACAGCTTGATATGGCGAGCTTTTGCTCGCCATTCCGATAGTCTCCCTCA 

T_1R6E_HP: 
AAACGAAATGCCACTACCACCTCGTTTTCGAGGTGGTTCGAAGGCAGCCAGCAA 

T_1R8E_HP: 
CCAGGCGCGAGGACAGCTCTGGACTTTTGTCCAGAGTTATGAACGGGTAGAAAA 

T_1R10E_HP: 
GGACGTTGAGAACTGGCGAGGCACTTTTGTGCCTCGTTCTCATTATGCGCTAAT 

T1R2F_HP: 
AGTGTACTATACATGGCTCCTGCGTTTTCGCAGGAGTTCTTTTGATCTTTCCAG 

T1R4F_HP: 
GAGCCGCCCCACCACCGTCAGGCGTTTTCGCCTGACTTGGAACCGCTGCGCCGA 

T1R6F_HP: 
AATCACCACCATTTGGCGTCCTGCTTTTGCAGGACGTTGAATTAGACCAACCTA 

T1R8F_HP: 
TACATACACAGTATGTCGGACCTGTTTTCAGGTCCGTTTAGCAAACTGTACAGA 

T1R10F_HP: 
ATCAGAGAGTCAGAGGCGAGGTCGTTTTCGACCTCGTTGTAATTGAACCAGTCA 
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T1R2E_HP: 
TAAGCGTCGGTAATAACAGGAGCGTTTTCGCTCCTGTTGTTTTAACCCGTCGAG 

T1R4E_HP: 
AACCAGAGACCCTCAGGCAGTCGCTTTTGCGACTGCTTAACCGCCACGTTCCAG 

T1R6E_HP: 
GACTTGAGGTAGCACCGTCTGGCGTTTTCGCCAGACTTATTACCATATCACCGG 

T1R8E_HP: 
TTATTACGTAAAGGTGTGGCTGCGTTTTCGCAGCCATTGCAACATACCGTCACC 

T1R10E_HP: 
TGAACAAAGATAACCCAGTGCCTGTTTTCAGGCACTTTACAAGAATAAGACTCC 

T3R2F_HP: 
TGCCTTGACAGTCTCTGTCGGTGCTTTTGCACCGACTTGAATTTACCCCTCAGA 

T3R4F_HP: 
GCCACCACTCTTTTCACGGTCGGCTTTTGCCGACCGTTTAATCAAATAGCAAGG 

T3R6F_HP: 
CCGGAAACTAAAGGTGGACCTGGCTTTTGCCAGGTCTTAATTATCATAAAAGAA 

T3R8F_HP: 
ACGCAAAGAAGAACTGTCGGCTCGTTTTCGAGCCGATTGCATGATTTGAGTTAA 

T3R10F_HP: 
GCCCAATAGACGGGAGCACAGGCGTTTTCGCCTGTGTTAATTAACTTTCCAGAG 

T3R2E_HP: 
GGAAAGCGGTAACAGTGTGGCAGCTTTTGCTGCCACTTGCCCGTATCGGGGTTT 

T3R4E_HP: 
GTTTGCCACCTCAGAGACCAGGCGTTTTCGCCTGGTTTCCGCCACCGCCAGAAT 

T3R6E_HP: 
TTATTCATGTCACCAAGCTCGCTGTTTTCAGCGAGCTTTGAAACCATTATTAGC  

T3R8E_HP: 
ATACCCAAACACCACGCCTACCGCTTTTGCGGTAGGTTGAATAAGTGACGGAAA 

T3R10E_HP: 
GCGCATTAATAAGAGCCTGGACGCTTTTGCGTCCAGTTAAGAAACAATAACGGA 

T5R2F_HP: 
AATGCCCCATAAATCCGCTCGGACTTTTGTCCGAGCTTTCATTAAAAGAACCAC 

T5R4F_HP: 
CACCAGAGTTCGGTCAGCCGAGCGTTTTCGCTCGGCTTTAGCCCCCTCGATAGC 

T5R6F_HP: 
AGCACCGTAGGGAAGGTCGGAGGCTTTTGCCTCCGATTTAAATATTTTATTTTG 

T5R8F_HP: 
TCACAATCCCGAGGAACTGGTGGCTTTTGCCACCAGTTACGCAATAATGAAATA 

T5R10F_HP: 
GCAATAGCAGAGAATACCGCAGGCTTTTGCCTGCGGTTACATAAAAACAGCCAT 
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T5R2E_HP: 
ACAAACAACTGCCTATCACGACGCTTTTGCGTCGTGTTTTCGGAACCTGAGACT 

T5R4E_HP: 
TCGGCATTCCGCCGCCGTCGCTGCTTTTGCAGCGACTTAGCATTGATGATATTC 

T5R6E_HP: 
ATTGAGGGAATCAGTACGGAGCACTTTTGTGCTCCGTTGCGACAGACGTTTTCA 

T5R8E_HP: 
GAAGGAAAAATAGAAAGCCTAGCGTTTTCGCTAGGCTTATTCATATTTCAACCG 

T5R10E_HP: 
CTTTACAGTATCTTACCGCTCGTGTTTTCACGAGCGTTCGAAGCCCAGTTACCA 

 
A-seed adapter sequences 

A-4bp-1REd_1: CAGCCAAGACGCAGGTAGCGAGACAGAGCTGAAAGTATTAAGAGG 
A-4bp-1_2REd_3: TCGCTACCTGCGTTCGTCGGATGGTGAGGTCCACGCTCTGTC 
A-4bp-1_2REd_5:CTATTATTCTGAAACAGTGGACCTCACCATCCGACGACACGAGCA 
A-4bp-2REd_2: TGGTTGCTCGTGCTTGGCTGGCAT 
A-4bp-3SEd_1: CACGGAGTCGAAGCGTAGGACGGTAGCCAGTCAGACGATTGGCCT 
A-4bp-3_4SEd_3: GTCCTACGCTTCGGACCTTGGTGATGCTGGACTGTGGCTACC 
A-4bp-4SEd_5: CAGGAGGTTGAGGCAGCAGTCCAGCATCACCAAGGTCGCTCGGCA 
A-4bp-3_4SEd_2: TCTGTGCCGAGCACTCCGTGAGGT 
A-4bp-5REd_1: CAGAGCCACGGCATGGTCTTGCGTTGGAGGCGTCAGACTGTAGCG 
A-4bp-5_6REd_3: CAAGACCATGCCGACCTCATCCTCGCTTTCGGTGCTCCAACG 
A-4bp-6REd_5: ATCAAGTTTGCCTTTACACCGAAAGCGAGGATGAGGTGCGGACGA 
A-4bp-5_6REd_2: TGGTTGCTCGTGCTTGGCTGGCAT 
A-4bp-7SEd_1: CACGGAGTCTACGGCAGTGACCGATCTCCAGACAAAAGGGCGACA 
A-4bp-7_8SEd_3: GTCACTGCCGTAGCTCACGAGGCACAACCACAGCGGAGATCG 
A-4bp-8SEd_5: GGTTTACCAGCGCCAAGCTGTGGTTGTGCCTCGTGAGGCTCGGCA 
A-4bp-7_8SEd_2: TCTGTGCCGAGCACTCCGTGAGGT 
A-4bp-9REd_1: CAACCGTCGTTCCACAGGACTCGCACTTCGCAGATAGCCGAACAA 
A-4bp-9_10REd_3: AGTCCTGTGGAACACCACGAGACGCCATCGAGCGGAAGTGCG 
A-4bp-10SRd_5: TTTTTAAGAAAAGTAACGCTCGATGGCGTCTCGTGGTAAGCCTGA 
A-4bp-9_10SRd_2: TGGTTGCTCGTGCTTGGCTGGCAT 
A-4bp-11SEd_1: CACGGAGTCAAGGCTACGAGTCAGACAGGAACGTCAAAAATGAAA 
A-4bp-11_12SEd_3: ACTCGTAGCCTTGGACCGCACTCACCACTGCTCGCCTGTCTG 
A-4bp-12SEd_5: AAACGATTTTTTGTTTCGAGCAGTGGTGAGTGCGGTCGCTCGGCA 
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A-4bp-11_12SEd_2: TCTGTGCCGAGCACTCCGTGAGGT 
 

B-seed adapter sequences 

B-4bp-1REd_1: 
AGGGATAGCAAGCCCACAACGTGAGGACACTTGGAGGCTGCACTCG 

B-4bp-1_2REd_3: TGTCCTCACGTTGCTGGATGCCGATCCTACGACACCTCCAAG 
B-4bp-2REd_5: TCGCTGACTTGTCGTAGGATCGGCATCCAGATAGGAACCCATGTAC 
B-4bp-1_2REd_4: CAGACGAGTGCAGAGTCAGCGAATGC 
B-4bp-3SEd_1: GAATTGCGAATAATAAGTGACCTTGCTGTACCGTCGAGATGGAGTC 
B-4bp-3_4SEd_3: ACAGCAAGGTCACCGCAGTTGGCACTAGGCGACATCGACGGT  
B-4bp-4SEd_5: ACCACAACCTGTCGCCTAGTGCCAACTGCGTTTTTTCACGTTGAAA 
B-4bp-3_4SEd_4: ACCAGACTCCATCGGTTGTGGTACCT 
B-4bp-5REd_1: 

ACCCTCAGCAGCGAAACGAGTACGGCAACACGGTGAGAGCCTACGG 
B-4bp-5_6REd_3: GTTGCCGTACTCGACTGGTCACGAACGTCTCCAACTCACCGT 
B-4bp-6REd_5: 

TGCTCTGCCTTGGAGACGTTCGTGACCAGTGACAGCATCGGAACGA 
B-4bp-5_6REd_4: CAGACCGTAGGCTGGCAGAGCAATGC 
B-4bp-7SEd_1: 

TGTATCATCGCCTGATCAACGGTACGAGATGCGAAGCACAGAGTGC 
B-4bp-7_8SEd_3: TCTCGTACCGTTGCCAGTAGACCTAGCCGACGTGGCTTCGCA 
B-4bp-8SEd_5: AGTCACGCTCACGTCGGCTAGGTCTACTGGAAATTGTGTCGAAATC 
B-4bp-7_8SEd_4: ACCAGCACTCTGTAGCGTGACTACCT 
B-4bp-9REd_1: CATTCAGTGAATAAGGACGCTATGCCTATCGCTCTAGGACCTCTGG 
B-4bp-9_10REd_3: ATAGGCATAGCGTTGCTCCAGTCTGCTGCTCAGGCTAGAGCG 
B-4bp-10REd_5: 

TCCACGACTCCTGAGCAGCAGACTGGAGCACTTGCCCTGACGAGAA 
B-4bp-9_10REd_4: CAGACCAGAGGTCAGTCGTGGAATGC 
B-4bp-11SEd_1: 

GAATACCACATTCAACACCGATGAGGATCACGGCACTCGACACTGC 
B-4bp-11_12SEd_3: GATCCTCATCGGTCAAGCGAAGGTGCGAGCCTGTAGTGCCGT 
B-4bp-12SEd_5: 

AGCGGACTGACAGGCTCGCACCTTCGCTTGTAATGCAGATACATAA 
B-4bp-11_12SEd_4: ACCAGCAGTGTCGCAGTCCGCTACCT 
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Dye-labelling strand sequences 

Labeling_strand_ATTO647N_seed /5ATTO647NN/AAGCGTAGTCGGATCTC 
Labeling_strand_ATTO488_cap /5ATTO488N/AAGCGTAGTCGGATCTC 
Dye-labelling strand attachment sequences  
Unused_m13mp18_01 

AAATTCTTACCAGTATAAAGCCAACTTTTGAGATCCGACTACGC 
Unused_m13mp18_02 

GCCTGTTTAGTATCATATGCGTTATTTTTGAGATCCGACTACGC 
Unused_m13mp18_03 

ACACCGGAATCATAATTACTAGAAATTTTGAGATCCGACTACGC 
Unused_m13mp18_04 

GATAAATAAGGCGTTAAATAAGAATTTTTGAGATCCGACTACGC 
Unused_m13mp18_05 

TTTAATGGTTTGAAATACCGACCGTTTTTGAGATCCGACTACGC 
Unused_m13mp18_06 

TTAGTTAATTTCATCTTCTGACCTATTTTGAGATCCGACTACGC 
Unused_m13mp18_07 

ACGCGAGAAAACTTTTTCAAATATATTTTGAGATCCGACTACGC 
Unused_m13mp18_08 

GATGCAAATCCAATCGCAAGACAAATTTTGAGATCCGACTACGC 
Unused_m13mp18_09 

TGGGTTATATAACTATATGTAAATGTTTTGAGATCCGACTACGC 
Unused_m13mp18_10 

ACTACCTTTTTAACCTCCGGCTTAGTTTTGAGATCCGACTACGC 
Unused_m13mp18_11 

AATTTATCAAAATCATAGGTCTGAGTTTTGAGATCCGACTACGC 
Unused_m13mp18_12 

TTAAGACGCTGAGAAGAGTCAATAGTTTTGAGATCCGACTACGC 
Unused_m13mp18_13 

TCCTTGAAAACATAGCGATAGCTTATTTTGAGATCCGACTACGC 
Unused_m13mp18_14 

TCGCTATTAATTAATTTTCCCTTAGTTTTGAGATCCGACTACGC 
Unused_m13mp18_15 

AGTGAATAACCTTGCTTCTGTAAATTTTTGAGATCCGACTACGC 
Unused_m13mp18_16 

GAAACAGTACATAAATCAATATATGTTTTGAGATCCGACTACGC 
Unused_m13mp18_17 

ATTTCATTTGAATTACCTTTTTTAATTTTGAGATCCGACTACGC 
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Unused_m13mp18_18 
AGAAAACAAAATTAATTACATTTAATTTTGAGATCCGACTACGC 

Unused_m13mp18_19 
CAAAAGAAGATGATGAAACAAACATTTTTGAGATCCGACTACGC  

Unused_m13mp18_20 
GCGAATTATTCATTTCAATTACCTGTTTTGAGATCCGACTACGC 

Unused_m13mp18_21 
AATACCAAGTTACAAAATCGCGCAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_22 
CAATAACGGATTCGCCTGATTGCTTTTTTGAGATCCGACTACGC 

Unused_m13mp18_23 
TAACAGTACCTTTTACATCGGGAGATTTTGAGATCCGACTACGC 

Unused_m13mp18_24 
CAGGTTTAACGTCAGATGAATATACTTTTGAGATCCGACTACGC 

Unused_m13mp18_25 
CAGAAATAAAGAAATTGCGTAGATTTTTTGAGATCCGACTACGC 

Unused_m13mp18_26 
CCATATCAAAATTATTTGCACGTAATTTTGAGATCCGACTACGC 

Unused_m13mp18_27 
TCTGAATAATGGAAGGGTTAGAACCTTTTGAGATCCGACTACGC 

Unused_m13mp18_28 
TATAATCCTGATTGTTTGGATTATATTTTGAGATCCGACTACGC 

Unused_m13mp18_29 
GATTATCAGATGATGGCAATTCATCTTTTGAGATCCGACTACGC 

Unused_m13mp18_30 
AAGGAGCGGAATTATCATCATATTCTTTTGAGATCCGACTACGC 

Unused_m13mp18_31 
CATTTTGCGGAACAAAGAAACCACCTTTTGAGATCCGACTACGC 

Unused_m13mp18_32 
TAATTTTAAAAGTTTGAGTAACATTTTTTGAGATCCGACTACGC 

Unused_m13mp18_33 
GTATTAAATCCTTTGCCCGAACGTTTTTTGAGATCCGACTACGC 

Unused_m13mp18_34 
TAGACTTTACAAACAATTCGACAACTTTTGAGATCCGACTACGC 

Unused_m13mp18_35 
ATAATACATTTGAGGATTTAGAAGTTTTTGAGATCCGACTACGC 

Unused_m13mp18_36 
CAACTAATAGATTAGAGCCGTCAATTTTTGAGATCCGACTACGC 

Unused_m13mp18_37 
TATCTAAAATATCTTTAGGAGCACTTTTTGAGATCCGACTACGC 
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Unused_m13mp18_38 
ACTGATAGCCCTAAAACATCGCCATTTTTGAGATCCGACTACGC 

Unused_m13mp18_39 
GAATGGCTATTAGTCTTTAATGCGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_40 
AGAATACGTGGCACAGACAATATTTTTTTGAGATCCGACTACGC 

Unused_m13mp18_41 
ATAGAACCCTTCTGACCTGAAAGCGTTTTGAGATCCGACTACGC 

Unused_m13mp18_42 
ATAAAAGGGACATTCTGGCCAACAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_43 
GCAGATTCACCAGTCACACGACCAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_44 
ATCGTCTGAAATGGATTATTTACATTTTTGAGATCCGACTACGC 

Unused_m13mp18_45 
ATGGAAATACCTACATTTTGACGCTTTTTGAGATCCGACTACGC 

Unused_m13mp18_46 
CCAGCCATTGCAACAGGAAAAACGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_47 
CTGGTAATATCCAGAACAATATTACTTTTGAGATCCGACTACGC 

Unused_m13mp18_48 
GTAGAAGAACTCAAACTATCGGCCTTTTTGAGATCCGACTACGC 

Unused_m13mp18_49 
TGATTAGTAATAACATCACTTGCCTTTTTGAGATCCGACTACGC 

Unused_m13mp18_50 
AAATTAACCGTTGTAGCAATACTTCTTTTGAGATCCGACTACGC 

Unused_m13mp18_51 
CCGAGTAAAAGAGTCTGTCCATCACTTTTGAGATCCGACTACGC 

Unused_m13mp18_52 
GAAGTGTTTTTATAATCAGTGAGGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_53 
GACAGGAACGGTACGCCAGAATCCTTTTTGAGATCCGACTACGC 

Unused_m13mp18_54 
AACAGGAGGCCGATTAAAGGGATTTTTTTGAGATCCGACTACGC 

Unused_m13mp18_55 
TCCTCGTTAGAATCAGAGCGGGAGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_56 
GCTTTGACGAGCACGTATAACGTGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_57 
CGCCGCTACAGGGCGCGTACTATGGTTTTGAGATCCGACTACGC 
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Unused_m13mp18_58 
TAACCACCACACCCGCCGCGCTTAATTTTGAGATCCGACTACGC 

Unused_m13mp18_59 
TGGCAAGTGTAGCGGTCACGCTGCGTTTTGAGATCCGACTACGC 

Unused_m13mp18_60 
AAGCGAAAGGAGCGGGCGCTAGGGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_61 
CGAACGTGGCGAGAAAGGAAGGGAATTTTGAGATCCGACTACGC 

Unused_m13mp18_62 
GATTTAGAGCTTGACGGGGAAAGCCTTTTGAGATCCGACTACGC 

Unused_m13mp18_63 
TAAATCGGAACCCTAAAGGGAGCCCTTTTGAGATCCGACTACGC 

Unused_m13mp18_64 
TTTTGGGGTCGAGGTGCCGTAAAGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_65 
TACGTGAACCATCACCCAAATCAAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_66 
AAACCGTCTATCAGGGCGATGGCCCTTTTGAGATCCGACTACGC 

Unused_m13mp18_67 
ACGTGGACTCCAACGTCAAAGGGCGTTTTGAGATCCGACTACGC 

Unused_m13mp18_68 
TTTGGAACAAGAGTCCACTATTAAATTTTGAGATCCGACTACGC 

Unused_m13mp18_69 
CCGAGATAGGGTTGAGTGTTGTTCCTTTTGAGATCCGACTACGC 

Unused_m13mp18_70 
AAATCCCTTATAAATCAAAAGAATATTTTGAGATCCGACTACGC 

Unused_m13mp18_71 
TGTTTGATGGTGGTTCCGAAATCGGTTTTGAGATCCGACTACGC 

Unused_m13mp18_72 
CTGGTTTGCCCCAGCAGGCGAAAATTTTTGAGATCCGACTACGC 

Unused_m13mp18_73 
TGAGAGAGTTGCAGCAAGCGGTCCATTTTGAGATCCGACTACGC 

Unused_m13mp18_74 
AGCTGATTGCCCTTCACCGCCTGGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_75 
TTTCTTTTCACCAGTGAGACGGGCATTTTGAGATCCGACTACGC  

Unused_m13mp18_76 
GTTTGCGTATTGGGCGCCAGGGTGGTTTTGAGATCCGACTACGC 

Unused_m13mp18_77 
GAATCGGCCAACGCGCGGGGAGAGGTTTTGAGATCCGACTACGC 
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Unused_m13mp18_78 
GAAACCTGTCGTGCCAGCTGCATTATTTTGAGATCCGACTACGC 

Unused_m13mp18_79 
TGCGCTCACTGCCCGCTTTCCAGTCTTTTGAGATCCGACTACGC 

Unused_m13mp18_80 
GAGTGAGCTAACTCACATTAATTGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_81 
TAAAGTGTAAAGCCTGGGGTGCCTATTTTGAGATCCGACTACGC 

Unused_m13mp18_82 
TTCCACACAACATACGAGCCGGAAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_83 
CTGTGTGAAATTGTTATCCGCTCACTTTTGAGATCCGACTACGC 

Unused_m13mp18_84 
ATTCGTAATCATGGTCATAGCTGTTTTTTGAGATCCGACTACGC 

Unused_m13mp18_85 
TAGAGGATCCCCGGGTACCGAGCTCTTTTGAGATCCGACTACGC 

Unused_m13mp18_86 
CAAGCTTGCATGCCTGCAGGTCGACTTTTGAGATCCGACTACGC 

Unused_m13mp18_87 
ACGACGTTGTAAAACGACGGCCAGTTTTTGAGATCCGACTACGC 

Unused_m13mp18_88 
TTGGGTAACGCCAGGGTTTTCCCAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_89 
AGGGGGATGTGCTGCAAGGCGATTATTTTGAGATCCGACTACGC 

Unused_m13mp18_90 
CTCTTCGCTATTACGCCAGCTGGCGTTTTGAGATCCGACTACGC 

Unused_m13mp18_91 
CTGTTGGGAAGGGCGATCGGTGCGGTTTTGAGATCCGACTACGC 

Unused_m13mp18_92 
GCGCCATTCGCCATTCAGGCTGCGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_93 
CGCTTCTGGTGCCGGAAACCAGGCATTTTGAGATCCGACTACGC 

Unused_m13mp18_94 
ATCGCACTCCAGCCAGCTTTCCGGCTTTTGAGATCCGACTACGC 

Unused_m13mp18_95 
GACGACGACAGTATCGGCCTCAGGATTTTGAGATCCGACTACGC 

Unused_m13mp18_96 
GTAACCGTGCATCTGCCAGTTTGAGTTTTGAGATCCGACTACGC 

Unused_m13mp18_97 
GGTCACGTTGGTGTAGATGGGCGCATTTTGAGATCCGACTACGC 
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Unused_m13mp18_98 
AAACGGCGGATTGACCGTAATGGGATTTTGAGATCCGACTACGC 

Unused_m13mp18_99 
ACAACCCGTCGGATTCTCCGTGGGATTTTGAGATCCGACTACGC 

Unused_m13mp18_100 
TTCATCAACATTAAATGTGAGCGAGTTTTGAGATCCGACTACGC 
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3. Dynamic Self-assembly of Compartmentalized DNA 

Nanostructures 

Adapted with permission from S. Agarwal, M. Klocke, P. Pungchai and E. Franco, "Dynamic 

self-assembly of compartmentalized DNA nanotubes." Nature communications 12, no. 1 (2021): 

1-13. 

3.1 Abstract 

Bottom-up synthetic biology aims to engineer artificial cells capable of life-like 

behaviors by using a minimal set of molecular components. An important challenge 

toward this goal is the development of programmable biomaterials that can provide 

active spatial organization in cell-like compartments. Here, we demonstrate the dynamic 

self-assembly of nucleic acid (NA) nanotubes inside cell-sized droplets. We develop 

methods to encapsulate and assemble different types of DNA nanotubes from 

programmable DNA monomers, and demonstrate temporal control of assembly via 

designed pathways of RNA production and degradation. We examine the dynamic 

response of encapsulated nanotube assembly and disassembly with the support of 

statistical analysis of droplet images. Our study provides a toolkit of methods and 

components to build increasingly complex and functional NA materials to mimic life-like 

functions in synthetic cells. 
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3.2 Introduction 

Synthesis of dynamic, programmable molecular scaffolds is an important 

challenge towards the development of living materials and artificial cells.1,2 In biological 

cells, the cytoskeleton plays an active role in transporting components, determining the 

cell’s mechanical properties, and coordinating division and motility. While the 

cytoskeleton is primarily composed of filaments (including actin and microtubules), its 

operation is orchestrated by a large number of organizing proteins and interactions with 

the cell membrane.3 The development of scaffolding systems that are inspired by the 

cytoskeleton’s architecture promises to endow synthetic cells and materials with the 

capacity to adapt, partition, and move.4-6 These scaffolding systems should be easy to 

customize, and  exploit components already established in cell-free synthetic biology. 

The most direct approach to build minimal scaffolds inside artificial cells is that of 

isolating relevant cellular biomolecules and reconstituting them in cell-sized 

compartments.5,6 Native cytoskeletal filaments have been encapsulated in a variety of 

droplets or vesicles; however, achieving dynamic behaviors beyond assembly in 

confinement is challenging due to both restrictive environmental conditions and laborious 

purification and reconstitution protocols.7-11 Encapsulated full cytoplasmic extracts are 

able to generate assembly, disassembly and contraction of actomyosin networks.8,12,13 

The inclusion of motor proteins (as well as ATP production and oxygen scavenging) is 

key to achieve contraction and directed motion.14 These advances point to exciting 

opportunities toward harnessing native cytoskeletal systems in synthetic cells. However, 

the numerous components of the cytoskeleton co-evolved with high levels of cross-talk, 
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and these interactions are often not measurable. This makes it difficult to identify the 

minimal number of components as well as the expression levels needed to achieve a 

target behavior.5 

To circumvent the complexity of reconstituting the cytoskeleton, synthetic 

hydrogels and polymers have been developed as scaffolds for artificial protocells.4,15 

These scaffolded compartments have been engineered to have a multi-layer architecture  

and to respond to specific chemical inputs as well as to temperature and light.16,17 

However, as they are primarily developed for applications like drug delivery and 

cosmetics, these scaffolds are not optimized to interact with out-of-equilibrium chemical 

reactions, nor with active molecular processes and genetic parts that require cytoplasmic 

conditions. 

Nucleic Acid (NA) nanotechnology has demonstrated a multitude of scaffolds and 

dynamic circuits, built by programming a finite number of DNA or RNA molecules.18,19 NA 

molecules are rationally designed to match prescribed structural or temporal patterns by 

assigning complementary domains that bind according to Watson-Crick-Franklin base-

pairing rules. The sequences in each domain are typically optimized through computer 

algorithms, which make it possible to generate a variety of structurally or functionally 

identical components with distinct sequences.20 While there are many approaches to 

building NA structures, methods based on assembly of tiles have produced a variety of 

synthetic filaments structurally comparable to actin filaments and microtubules.21-24 DNA 

or RNA tiles interact via engineered single-stranded sticky-end domains and form 

micrometer-sized nanotubes with prescribed tiling patterns.21-24 These nanotubes can in 

turn be seeded, capped, and spatially organized by DNA structures folded with the 
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origami approach, to build cytoskeletal-like networks.25-27 In parallel, NA nanotechnology 

has also developed methods to build molecular circuits with programmable logic and 

dynamic behaviors operating in vitro and in vivo.28-30 By exploiting enzymatic production 

and degradation of RNA, these circuits can recapitulate biological gene networks and 

respond to a variety of organic and inorganic signals sensed by NA aptamers.31-33 As NA 

structural elements, circuits, and sensors share the same base-pairing rules to encode 

their interactions, all these devices can be modularly interconnected. In particular, DNA 

nanotubes were modified to respond to the release of NA molecules from NA circuits and 

sensors: dynamic assembly and disassembly of the nanotubes was controlled in a 

predictable way by pulse generating circuits, oscillators, and chemical signals such as 

pH.34-36 These examples indicate that NA structures, circuits, and sensors may be 

collectively used to build modular mimics of dynamic cytoskeletal filaments inside artificial 

cells. 

The operation of NA devices in cell-sized compartments has been demonstrated 

with a particular focus on reaction networks. Out of equilibrium NA circuits that comprise 

enzymes have been encapsulated in water-in-oil droplets to characterize the circuit 

bifurcation diagram as well as the robustness of its dynamics to partitioning noise.37-39 

Synthetic transcriptional networks operating in cell-free extracts were also engineered to 

generate patterns in communicating droplets.40 Enzyme-free DNA circuits were 

encapsulated in proteinosomes and used for spatially organized protocell computation.41 

DNA nanostructures have been successfully engineered to serve as synthetic membrane 

receptors, scaffolding membrane elements, and multi-cell organizers.42-45 However, little 

attention has been dedicated to encapsulation and growth of DNA scaffolds inside 
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droplets and vesicles. Two dimensional DNA motifs have been encapsulated inside 

droplets to increase mechanical stability of vesicles or sense pH. Rapid folding of another 

2-d DNA origami was confirmed by subsequent extraction, however, studies of DNA 

scaffold assembly and operation inside compartments are still lacking.46-48 More 

importantly, the encapsulation of a multi-component NA system comprising circuits and 

scaffolds has not been explored.  

In this work, we demonstrate the encapsulation of a modular NA toolkit to build a 

minimal dynamic scaffolding system for synthetic cells. This toolkit includes DNA 

nanotubes as a self-assembling scaffold and transcriptional processes to control 

nanotube assembly and disassembly. We develop a variety of assays for encapsulating 

DNA nanotubes in cell-sized, water-in-oil droplets, highlighting that multiple nanotube 

species can be assembled and can coexist. We employ two distinct nanotube designs to 

control the start of assembly, and characterize the kinetics of polymerization inside 

compartments using quantitative statistical analysis. By implementing a DNA-RNA hybrid 

nanotube design, we demonstrate enzyme-mediated control of assembly and 

disassembly that yields transient presence of nanotubes inside compartments. The 

density of assembled nanotubes, as well as their lifetime in the droplets, are tunable 

properties of this system. The methods and components characterized here are a first 

step toward the bottom-up development of NA cytoskeletal mimics for synthetic minimal 

cells. Because of the modularity of NA components, this toolkit could be enriched with NA 

sensors to encode responses to external stimuli, and more complex dynamic networks 

for autonomous behaviors. Further, the encapsulation of NA structures and condensates 

promoting the formation of higher-order nanotube architectures would make it possible to 
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systematically specify the overall internal organization and the mechanical properties of 

protocells.  

3.3 Results 

DNA nanotubes self-assemble from pre-formed monomers at constant 

temperature.  

NA nanotechnology offers many options to build filamentous structures through 

different assembly pathways.22,24,49 Because our goal is to build an artificial scaffolding 

system with the capacity to assemble and disassemble in the absence of thermal 

treatment, we selected a class of DNA nanotubes that polymerize at constant temperature 

from pre-annealed tiles or monomers.50 Our tiles consist of five strands that form two 

parallel heteroduplexes held together at two points where strands cross over (double-

crossover, or DX) from one duplex to the other, and are known as DAE-E tiles (Fig. 3-

1a).51 As DX tile variants differ by the orientation of DNA strands and by the crossover 

distances, the “DAE-E” acronym describes precisely the tile structure, indicating the 

number of crossovers (double), the orientation of the strands through the crossover 

(antiparallel), the number of half-turns between intramolecular crossovers (even), and the 

number of half-turns between intermolecular crossovers (even).  



 99 

 

Figure 3-1: Schematic of DNA tiles and nanotubes and different methods for 
encapsulating and assembling DNA nanotubes in water-in-oil droplets. (a) DNA tiles composed 
of 5 unique ssDNA oligomers (shown in blue, red, yellow, green and purple strands) that self-
assemble into DNA nanotubes. Assembly occurs via hybridization of single-stranded 
complementary domains known as sticky-ends (marked as a, complementary to a’, and b 
complementary b’). These tiles self-assemble into nanotubes due to an intrinsic curvature at the 
binding site between two tiles. Tiles are labeled with a fluorescent molecule, indicated here by 
the yellow star, for easy observation of DNA nanotubes under fluorescence microscopy. (b) 
DNA nanotubes can be pre-annealed from constituent oligomers in vitro before encapsulation in 
water-in-oil droplets. Representative fluorescence microscopy images of pre-annealed DNA 
nanotubes inside droplets using two different encapsulation protocols. (c) Nanotubes 
encapsulated via the shaken protocol at room temperature. Tile concentration is 500 nM. (d) 
Nanotubes encapsulated via the microfluidic protocol at room temperature. Tile concentration is 
350 nM. (e) Constituent oligomers can be encapsulated inside the droplets and later annealed 
to form nanotubes. Multiple species of nanotubes can be simultaneously annealed in the 
droplets if the required strands are present in the initial encapsulated solution. (f) 
Representative fluorescence microscopy image of a single nanotube species annealed inside 
droplets (250 nM tile concentration) and then imaged at room temperature. (g) Example 
fluorescence image of two distinct species of DNA nanotubes annealed inside droplets (250 nM 
each tile), labelled with Cy3 dye (white) and Atto647N dye (red) respectively and then imaged at 
room temperature. Scale bars: 30 μm. 
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Two strands (yellow and green in Fig. 3-1a, on opposite sides of the tile) include 

sticky-end domains that allow tiles to recognize complementary domains present on other 

such tiles to self-assemble into a nanotube. By designing the sequences of bases in the 

sticky-end domains we can program tile interactions and tile assembly in a modular 

manner. An important advantage of this class of DNA tiles is that pre-annealed tiles bind 

to each other, forming nanotubes in a range of constant temperatures dependent on the 

melting temperatures of the sticky-ends (typically between 25-40 °C).50 Tile nucleation 

and polymerization, and thus the yield of nanotubes, are also influenced by other 

conditions like tile concentration, level of positive cations, and presence of certain 

enzymes, but such conditions have been abundantly studied in the literature making DX 

tiles an ideal platform to develop synthetic scaffolds. Nanotube growth is typically 

monitored via epifluorescence microscopy, by labeling one of the tile strands with a 

fluorescent dye.22,50 Here, we take advantage of several well-characterized DAE-E tile 

variants to explore and develop methods to encapsulate DNA nanotubes with distinct 

assembly pathways.  

Encapsulation of DNA nanotubes in micrometer sized droplets. 

Water-in-oil droplets are a simple approach to generate isolated compartments 

with high-throughput and with size that ranges from a few microns to tens of microns in 

diameter, which is comparable to a wide range of cell types. We selected a droplet 

system, consisting of a fluorinated oil and biocompatible-surfactant mixture, and an 
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aqueous medium containing nanotube components and buffer.52 The surfactant stabilizes 

the aqueous droplets within the oil/surfactant medium, prevents coalescence and transfer 

of materials from droplet to droplet, minimizes adsorption of DNA to the surface, and 

confers resilience to temperature fluctuations.37,53 In this way, each droplet is an isolated 

environment that remains stable and can be stored for days at room temperature. While 

these water-in-oil droplets do not fully mimic the cellular environment, which can freely 

exchange resources with the surrounding aqueous media, they make it possible to 

monitor assembly of DNA nanotubes in confined, cell-size compartments for extended 

periods of time. 

In our first series of experiments, we encapsulated nanotubes that assemble from 

a single fluorescently tagged tile (a single set of five unique strands).22,35 This class of 

tiles folds and then self-assembles into nanotubes during the annealing process, unless 

the sample is stored at a temperature above the sticky-end melting temperature. First, we 

explored the encapsulation of nanotubes that were pre-annealed (Fig. 3-1b,c,d) using two 

techniques: a “shaken” protocol and a microfluidic protocol (Supplementary Information).  

The shaken droplet protocol is rapid, requires little expertise and employs only a 

bench vortexer to emulsify the oil and liquid phase and generate surfactant-stabilized 

water-in-oil droplets (Fig. 3-1c). These droplets present a wide range of diameters, and 

their size may only be controlled via filtration. Droplet samples were transferred to Ibidi 

imaging chambers for observation as described in supplementary Information. 

While we successfully encapsulated pre-annealed nanotubes with the shaken 

protocol, we qualitatively observed major variability in the number of nanotubes per 
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droplet, which could be the result of partitioning noise.37 In sparsely populated droplets, 

nanotubes do not exhibit unpredicted morphologies or disordered joining. In densely 

populated droplets, nanotubes appear tightly entangled. It is probable that shear forces 

during the encapsulation process cause nanotubes to fragment, or promote formation of 

defects and aggregation in the assemblies. Nanotubes appear to be about as long as the 

diameter of their confining droplet, or much shorter, although precise measurements of 

nanotube length are not possible, as is discussed later in the manuscript. 

The adoption of a microfluidic chip allows for formation of controlled/discrete  sizes 

of droplets and for reduction of partitioning noise and damage to the nanotubes during 

encapsulation (Fig. 3-1d). Nanotubes encapsulated via microfluidics were much more 

uniformly distributed throughout the droplets than those encapsulated with the shaken 

protocol. Additionally, nanotubes appear to be longer than the diameter of the droplets 

confining them, causing them to wrap around the interior surface of the droplets, rather 

than form a tangled mesh in the center of the droplets as seen for nanotubes 

encapsulated with the shaken protocol. These results suggest that encapsulation of 

annealed nanotubes using microfluidics is less destructive than using the shaken method, 

yet this approach is significantly more laborious than the shaken protocol and requires at 

least 15 minutes to encapsulate samples. To monitor early nanotube assembly reactions 

in droplets, we employed the shaken droplet protocol for the remainder of experiments 

within the paper. 

To continue using the rapid shaken protocol while avoiding damaging pre-

annealed nanotubes during the process, we developed methods to encapsulate 

constituent strands inside droplets and subsequently anneal the nanotubes. This is 
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feasible because these droplets remain stable at high temperatures. We first 

encapsulated, and then annealed the 5 unique strands of a single tile  (Fig. 3-1f), 

observing assembly of nanotubes that were qualitatively comparable in length and 

morphology to pre-annealed nanotubes encapsulated via microfluidics. Because 

structurally identical DNA tiles can be designed to include orthogonal (non-interacting) 

sequences, it is possible to build distinct tile populations that assemble into distinct 

nanotubes in the same environment. Thus in our next experiments, we encapsulated the 

constituent strands of two-tile species, labeled with different fluorophores. Droplets with 

the encapsulated tile variants were then annealed, and we observed assembly of 

nanotube populations presenting different colors (Fig. 3-1g).  

Although achievable, annealing nanotubes inside droplets introduced some 

difficulties. First, we observed evaporation of a portion of droplets; evaporation can be 

mitigated by covering samples with a protective layer of hexadecane or water, which 

however makes it difficult to extract nanotube-containing droplets. Further, constituent 

strands for some nanotube designs labeled with alternative fluorescent dyes aggregate 

towards the surface of droplets without assembling into nanotubes after annealing, likely 

due to interactions between the droplet surface and tiles labeled with hydrophobic dyes. 

In addition, it is desirable to develop synthetic scaffolds with the capacity to 

assemble and disassemble at a constant temperature, like cytoskeletal filaments. For 

these reasons, we sought to work with alternative tile designs that allow for assembly 

within droplets without annealing, and we developed methods to aggregate information 

about assembly in sets of droplets. 
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Isothermal growth of an encapsulated two-tile nanotube design.  

The potential usefulness of artificial biomolecular scaffolds goes beyond 

introducing a spatial organization within compartments. Like cellular scaffolds, which 

adapt to stimuli by assembling and disassembling dynamically, a synthetic scaffold could 

provide temporal control of compartment properties. To achieve this potential, it is 

important to identify methods enabling assembly at specific times and to assess the 

kinetics of assembly within the compartment.  

 

 

 

 



 105 

 

Figure 3-2: Statistical analysis of droplet fluorescence microscopy images makes it 
possible to track the condensation of nanotubes in a population of droplets. (a) The two-tile 
nanotube design requires both tile A and B (shown in green and grey), each with sticky-ends 
complementary to those of the other tile, for nucleation and polymerization of nanotubes. The 
tiles are annealed in vitro separately and mixed immediately before encapsulation. (b) Temporal 
sequence of representative fluorescence microscopy images of droplets encapsulating the two-
tile nanotubes at room temperature (each tile at 100 nM). (c) We examine the distribution of 
pixel brightness across a single droplet over time. As nanotubes assemble, a change in the 
shape of the distribution also occurs. Each plot shows the histogram of pixel brightness within 
the droplet of interest at the associated time. Data for this illustrative figure were extracted by 
hand using ImageJ. (d) Skewness is a measure of the asymmetry of the distribution of a random 
variable about its mean. As nanotubes polymerize, the skewness of the distribution of pixel 
brightness in a given droplet shifts from zero to a positive value, indicating that the distribution 
shifts from being relatively symmetric to having a tail on the right side. (e) Kurtosis is a measure 
of the "tailedness" of the distribution of a random variable. All three of these distributions have 
mean of 0, standard deviation of 1, and skewness of 0, and all are plotted on the same 
horizontal and vertical scale. (f) The skewness and kurtosis values (represented as purple dots 
and orange diamonds respectively) increase as nanotubes start growing and becoming more 
apparent over time inside the droplet. This graph represents a single droplet only. Source data 
for this figure is provided as a source data file. Scale bar: 20 μm. 
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To begin to address these challenges, we sought to encapsulate a nanotube 

design that requires the simultaneous presence of two distinct, interacting tiles (Fig. 3-

2a).22,54 The sticky-ends are designed so that complementary sequences to sticky-ends 

of Tile A are present on Tile B, thus self-assembly can proceed only if both species are 

present. Tiles A and B can be separately pre-annealed and stored as monomers. Once 

A and B tiles are mixed and rapidly encapsulated with the shaken protocol (which takes 

only a couple of minutes from the time of mixing the two tiles), nanotube assembly can 

be monitored from the early stages of assembly (Fig. 3-2b). Fluorescence microscopy 

images do not reveal discernable structures immediately after encapsulation. But within 

1 hour of incubation at room temperature, we see tubular structures inside the droplets. 

We also observe that as time progresses, the nanotubes appear to elongate and join. 

Encapsulated assemblies are stable for over 72 hours at room temperature (SI Fig. 

S3.39). In some cases, nanotubes form rings, a behavior also observed in droplet-

encapsulated actin filaments and microtubules.7,55 It is likely that the rings observed in 

droplets are actually formed by nanotube bundles. They appear to be larger and less 

curved than loose rings formed by non-encapsulated DNA nanotubes, whose measured 

persistence length is 4-5 µm.22,56 Bundling and localization of nanotubes near the droplet 

surface were confirmed using confocal microscopy (SI Fig. S3.11). Bundling may be due 

to spurious interactions between assembled tiles or between the hydrophobic dyes and 

the surface, or to confinement effects, as nanotube bundles appear to be longer than the 

diameter of the droplets. While aggregation of non-encapsulated nanotubes has been 

observed, it is unclear whether ordered bundles can form in the absence of confinement. 

We note that addition of DNase to the aqueous phase during encapsulation fully 
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suppresses nanotube growth, while addition of DNase to the oil phase has no effect on 

nanotube growth because this type of emulsion does not support protein exchange 

(Supplementary Figure  S3.43). 

Tracking nanotube assembly through statistical properties of droplet 

images.  

While qualitative observations of assembly can be directly made from visual 

inspection of epifluorescence microscopy images, we sought a less subjective method to 

track assembly (Fig. 3-2b). Non-encapsulated nanotubes are typically imaged on glass 

slides, and statistics about their number and length can be collected with automated 

image processing.35 However, this is impractical, if not impossible, inside water-in-oil 

droplets due to nanotubes intersecting, bundling, and moving within the droplets during 

confocal microscopy. One could measure the total length of visible segments evident in 

the microscopy images to get a sense of the polymerization of encapsulated nanotubes 

at a particular time. This is time consuming, as common methods of separating objects 

of interest from backgrounds fail to effectively separate nanotubes from background 

fluorescence in the droplet. In addition, it is still not an accurate reflection of nanotube 

length, as the total length of visible contours decreases beyond 180 min which disagrees 

with previous reports on nanotube polymerization kinetics (Supplementary Information 

Fig S3.42).35,36 An alternative route is the examination of statistical measures of droplet 

epifluorescence microscopy images: the shape of the distribution of pixel intensities within 

a single droplet clearly evolves over time as nanotubes are qualitatively observed to grow 

(Fig. 3-2c). Before nanotubes have polymerized, tiles and corresponding bound 

fluorescent molecules will be evenly dispersed over the entire volume of a droplet. This 
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uniform spread of tiles, and thus fluorescent signal, will redistribute as tiles are recruited 

during nanotube polymerization, resulting in distinct bright and dark pixels where there 

are and are not nanotubes within the droplet, respectively. It is worth noting that the 

epifluorescence microscopy images we are using to observe nanotube polymerization 

are a two-dimensional projection of fluorescent signals from within the three-dimensional 

droplet, with planes above and below the focal plane contributing unfocused signal to the 

overall image. Thus, one way to assign a quantitative measurement to assembly of 

nanotubes in individual droplets, is to examine the shape of the distribution of pixel 

brightness.  

Skewness and kurtosis, also respectively known as third and fourth standardized 

moments, are measures that describe the shape of a distribution. Skewness describes 

the distribution of any variable about its mean, while kurtosis describes the “tailedness” 

of a distribution (Fig. 3-2de).57-59 Because these are statistical measures describe the 

shape of a distribution, they are agnostic to differing exposure times provided that no 

pixels of the camera used during imaging are saturated, and all pixel brightness values 

for an image fall within the dynamic range of the camera (Supplementary Information Fig. 

S3.17). Skewness and kurtosis have been previously used to quantify the temporal 

evolution of actin polymerization and of phase separation of liquid crystals.60,61 

As nanotubes assemble, the distribution of intensities within a droplet shifts from 

being symmetric about the mean brightness value to a bulk of the pixels becoming darker 

while a small number remains bright. This is reflected in the skewness value progressing 

from near zero at the start of the experiment, before nanotubes have polymerized, to 

increasing in positive magnitude as nanotubes polymerize. For unpolymerized 
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nanotubes, we expect a negative or near zero kurtosis value, reflecting the heavily tailed 

distribution of pixel values, which increases to a positive value as nanotubes have 

polymerized and the distribution shifts to a high peak with weak tails. Indeed, as 

nanotubes assemble we observe a progressive increase in the skewness and kurtosis 

values for the distribution of pixel intensities within a single droplet, with a greater relative 

change in the skewness (Fig. 3-2f). 

Skewness and kurtosis are influenced not only by assembly of nanotubes, 

indicated by a condensation in the total fluorescent signal but also by the number of free 

fluorescently-labeled tiles creating a background signal. This is visible by comparing the 

images and pixel brightness plots in Fig. 3-2b at 60 minutes and 3+ hours. At both 

timepoints, nanotubes are visibly polymerized in the droplet, but the amount of free tiles 

contributing to background noise are different, which is reflected in the shape of the pixel 

brightness profiles. For this reason, skewness and kurtosis are not a direct measurement 

of the presence of nanotubes, rather they provide a qualitative picture of condensation 

through quantitative measurements of statistical properties of droplet images. Skewness 

and kurtosis measured at a given time point appear to be independent of droplet size, 

thus we opted for not binning droplets by radius in our analysis.  

To track and compare nanotube growth in populations of droplets, we collected 

skewness and kurtosis measurements for a subpopulation of droplets within the field-of-

view. We report the mean and standard deviation of skewness and kurtosis for several 

assays. A larger standard deviation may be taken as an indication of unequal 

encapsulation of reagents during the shaken droplet protocol. To automate image 

processing, we also developed a droplet detection code using Python to find droplets 
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and extract their pixel intensities (Supplementary Information).62 A random sample of 

droplets at each time-point is measured and individual droplets are not tracked through 

the duration of each experiment. The number of droplets considered for each 

experiment is shown in the supplementary information, with further discussion on the 

detection and data extraction process. Unless otherwise noted, data are gathered using 

the automated droplet detection code.  

Varying concentration of nanotube components and introduction of 

crowding agents affect morphology and assembly kinetics. 

In live cells, the assembly and disassembly of cytoskeletal filaments is driven by 

the concentration of activated protein monomers. Similarly, the concentration of tiles 

encapsulated in our droplets should influence nanotube assembly. We illustrate this idea 

with a computational tile assembly model reported in Supplementary Information. The 

model, based on deterministic ordinary differential equations (ODEs), shows that the 

higher the tile concentration, the faster nanotube nucleation and elongation reach 

completion.63 Expecting to observe similar results in droplet experiments, we 

encapsulated different concentrations of the two-tile system (Fig. 3-2a) and continuously 

monitored nanotube assembly. To prepare the monomers Tile A and Tile B, stoichiometric 

quantities of the respective 5 constituent strands were mixed together in TAE buffer 

containing 12.5 mM Mg2+ and annealed (1 °C/min) from 95 °C to room temperature. Pre-

annealed Tile A and Tile B were introduced in the aqueous phase simultaneously before 

encapsulation. Incubation and subsequent measurements were performed immediately 

after mixing at room temperature.  
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Figure 3-3: Isothermal assembly of encapsulated two-tile DNA nanotubes at room 
temperature. Tiles were pre-annealed and mixed immediately before encapsulation. (a, c, e) 
Representative temporal sequence of fluorescence microscopy images of two-tile nanotubes 
encapsulated at 50, 100, and 250 nM concentration for each tile. (b, d, f) Plots of the mean 
skewness (purple) and kurtosis (orange). (g) Representative images of two-tile nanotubes 
encapsulated at 100 nM each tile, with 2.5% w/v PEG. (h) Plot of the mean skewness (purple) 
and kurtosis (orange) over time for isothermal assembly of tiles encapsulated with PEG. Data is 
presented as mean values +/- standard deviation. Data extracted using droplet detection code. 
Source data for this figure can be provided on reasonable request. Scale bars: 20 μm. 
 

We monitored encapsulated two-tile nanotubes at 50, 100, and 250 nM each tile 

for over 24 hours (Fig. 3-3a-f). (For comparison, example images of non-encapsulated 

nanotubes are in SI Fig. S3.38.) Qualitatively, small nanotubes were discernible within an 

hour for all the samples. At 15 and 30 minutes nanotubes appear to be more numerous 

and longer in the 250 nM tile sample. At 24 hours, nanotubes in all samples appear to 

have elongated, joined, and formed circular bundles that are qualitatively comparable, 

although they appear significantly  thicker and less curved in the 250 nM sample. 
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Additional images of droplets after 24h incubation are in SI Fig. S3.10, which includes 

example images of encapsulated nanotubes produced at 25 nM tile concentration. In this 

case, nanotube bundling and alignment is not observed as most droplets appear to 

include only one or two short nanotubes (see also SI Fig. S3.12). 

To gather and compare information about assembly as it occurs in a collection of 

droplets, we compared skewness and kurtosis of droplet fluorescence microscopy images 

taken over time, using the image processing protocol described earlier, and 

Supplementary Information (Fig. 3-3bdf). A first observation is that the "steady state" 

value of kurtosis and skewness is roughly the same in each of these 3 samples, and thus 

does not appear significantly affected by the tile concentration. In contrast, the skewness 

and kurtosis value before the 1 hour mark are dependent on concentration, with both 

skewness and kurtosis increasing more slowly at higher tile concentration. This highlights 

that skewness and kurtosis are not a measure of the concentration of nanotubes in 

encapsulation. They, instead, are a measure of the fluorophores (or tiles since each has 

one fluorophore) incorporated in a structure versus those which are unincorporated. As 

assembly of nanotubes begins, the ratio of incorporated to unincorporated tiles starts 

increasing, thus resulting in a rise in skewness and kurtosis. The rate of increase of 

skewness and kurtosis within 1 hour is fastest in the 50 nM sample since the total number 

of unincorporated tiles itself is low. As there are more unincorporated tiles in the 250 nM 

sample, the rate of increase of skewness and kurtosis is much slower. For higher tile 

concentrations, more free tiles contribute to a brighter overall signal for individual droplets 

(SI Fig. S3.41). 
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Next, we examined the effects of macromolecular crowding on encapsulated 

nanotube assembly. Macromolecular crowding inside living cells influences diffusion 

thereby changing intracellular reaction rates, and is a major driving force in phase 

separation. Thus, we included a common crowding agent, polyethylene glycol 8000 

(PEG), in our droplets. In a sample containing, 2.5% PEG, assemblies were visible 

immediately after encapsulation (Fig. 3-3g). In this case (Fig. 3-3h), the starting value and 

rate of increase of skewness and kurtosis in the first 30 minutes are higher than that of 

the sample without PEG (Fig. 3-3d), suggesting that the crowding agent assists assembly 

(Fig. 3-3h). Additional experiments show that increased concentration of PEG results in 

an increase in both skewness and kurtosis (SI Fig. S3.16). However, with concentrations 

as high as 10% w/v PEG, we observe rapid formation of aggregates rather than 

programed assemblies (SI Fig. S3.16c). We hypothesize that at 10% w/v PEG kinetically 

favored formation of aggregates instead of the intended thermodynamically favored 

nanotube structures.  

Overall, these experiments support the expectation that assembly of 

encapsulated nanotubes is influenced by tile concentration. In agreement with 

computational predictions, our droplet images confirm that at higher tile concentration 

more nanotubes form because nucleation rates are faster (SI Fig. S3.44). Yet, based on 

the droplet brightness and the skewness and kurtosis plots, a substantial fraction of 

non-assembled tiles appears to persist at all concentrations tested on a timescale of 

hours, in contrast with model predictions, presumably due to unmodeled 

depolymerization and joining reactions.64 
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Activating nanotube assembly inside droplets via RNA triggers.  

To expand the toolkit of NA scaffolds that can be formed inside droplets, we 

adopted a DNA tile whose assembly into nanotubes is triggered by RNA molecules (Fig. 

3-4a).36 In general, assembly of nanotubes cannot occur if one or both of the sticky-end 

strands is missing from the tile monomer. By excluding one sticky-end strand from the tile 

annealing mix, it is possible to form inactive tiles that are activatable by the addition of the 

missing strand, which can be either DNA or RNA. Agarwal et. al previously demonstrated 

assembly of DNA-RNA hybrid nanotubes within minutes of adding the activating RNA 

“trigger” strand to pre-annealed inactive DNA tiles at room temperature.36 RNA can be 

transcribed as needed from small amounts of templates, a process that can be temporally 

controlled through transcriptional gene circuits. While it is difficult to produce large 

assemblies exclusively with RNA, nanostructures made of both DNA and RNA offer a 

promising route toward transcriptionally-controlled assemblies.65  

 

To begin characterizing assembly of DNA-RNA hybrid nanotubes, we added 

varying concentrations of gel-purified trigger RNA to inactive tiles and subsequently 

encapsulated the sample. For both 1:1 gel-purified RNA to inactive tile (1x, Fig. 3-4b) 

and 4:1 (4x, Fig. 3-4c) samples, assemblies are visible within 15 minutes. Focusing on 

the droplets during fluorescence microscopy is non-trivial before nanotubes assemble. 

When assemblies are present, the skewness and kurtosis values across the sample of 

droplets measured varies greatly. Fluorescence microscopy images suggest that the 
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assemblies with 4x RNA are disordered aggregates, rather than filaments. We 

hypothesize that the high concentration of trigger RNA relative to inactive tiles  results in 

undesired hybridization between multiple RNA strands and a single inactive tile, which 

disrupts the assembly of (defect-less) hybrid nanotubes. These results highlight the 

limitations of characterizing assembly via skewness and kurtosis, as these measures do 

not distinguish between predictably assembled nanotubes and disordered aggregates. 

 

Figure 3-4: Isothermal assembly of hybrid DNA-RNA nanotubes inside compartments at 
37°C. (a) Inactive DNA tile, lacking sticky-ends necessary for self-assembly on one side of the 
tile, is activated by the addition of RNA molecules and triggers self-assembly into nanotubes. 
Inactive tiles and trigger RNA are mixed immediately before encapsulation and incubated at 
37°C. (b-c) Representative fluorescence microscopy images of droplets encapsulated with 500 
nM inactive tiles, and 1x and 4x RNA trigger (insets) with plots of mean skewness (purple) and 
kurtosis (orange). Data is presented as mean values +/- standard deviation. Data extracted 
using droplet detection code as described in Supplementary information. Scale bars: 20 μm. 

 

 

Transcriptional control of nanotube assembly inside droplets. 

In living cells, all molecular components are continuously produced and degraded, 

including those participating in complex cytoskeletal dynamics. To embed a similar 

architecture in our system, we use a well-characterized in vitro strategy to produce RNA 

molecules from linear DNA templates or synthetic genes using bacteriophage T7 RNA 



 116 

polymerase (RNAP) inside droplets.37 The RNA trigger described in the previous section 

was transcribed inside droplets in the presence of inactive tiles to operate as an activator 

that promotes growth of encapsulated nanotubes (Fig. 3-5a-c).36 

First, we investigated how the concentration of template producing trigger RNA 

affects the temporal evolution of nanotube assembly inside droplets given a fixed 

concentration of inactive tiles and transcription conditions (buffer mix, NTPs, and RNAP). 

Simulations using a deterministic ODE model using realistic parameters that capture 

transcription, RNA-mediated tile activation, and tile assembly (Supplementary 

information) illustrate that both the kinetics and the fraction of assembled tiles become 

faster with increasing synthetic gene concentration (Fig. 3-5b). Taking into account loss 

of activity of RNAP, these simulations also suggest that the equilibrium fraction of 

assembled tiles can be controlled.  

Fig. 3-5d-g show the corresponding experimental results with representative 

droplet images and skewness/kurtosis plots of DNA-RNA hybrid nanotubes obtained by 

in situ RNA production inside droplets. No assembly occurs in the absence of the 

synthetic gene, as shown in SI Fig. S3.13. The steady-state values of skewness and 

kurtosis are reached more rapidly in experiments with higher concentration of genes, 

presumably due to faster RNA production and tile activation. While this appears to agree 

with the picture illustrated by the model, several considerations are in order. 

First, unlike the two-tile or gel-extracted RNA trigger experiments, nanotubes were 

not visible via co-transcription without the addition of 2.5% PEG 8000 (SI Fig. S3.14). 

Through further assays with varied concentrations of PEG added to the encapsulated co-
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transcription mix, we determined that a small amount of PEG facilitates visualization of 

nanotubes during co-transcription of the RNA trigger within droplets. While PEG does not 

promote aggregation of non-assembling tiles (SI Fig. S3.15), increased amounts of PEG 

seems to interfere with the tile assembly process and results in aggregation (SI Fig. 

S3.16). PEG is likely facilitating polymerization, promoting nanotube localization near the 

droplet surface, as well as enhancing the rate of RNA transcription.66 

For all conditions, there are a number of droplets smaller than 5 µm in radius in 

which no nanotubes polymerize. This is likely a result of random partitioning of 

components across the population of droplets, whose effects are more prominent in 

smaller volumes: the droplets without any polymerized nanotubes may not encapsulate 

sufficient amounts of nanotube or transcription components (synthetic gene and RNAP) 

to trigger assembly. For 7.5 nM template, small nanotubes are visible in droplets larger 

than 15 µm in diameter by 30 minutes. For droplets of all diameters at this template 

concentration, nanotubes are visible within 60 minutes and continue to grow through 

360 minutes. Before nanotubes have polymerized, skewness and kurtosis are near 0 

with small variation across sampled droplets. As nanotubes polymerize, the average 

skewness and kurtosis values increase, as well as their standard deviation. Notably, 

nanotubes form in droplets at a lower concentration of template than previously reported 

in bulk solution by Agarwal et al. Although this is likely the result of the presence of the 

crowding agent PEG, confinement may contribute to lowering the minimum threshold of 

active tiles for nucleation and assembly of nanotubes, thus reducing the required 

transcription rate. At high gene concentration (50 and 100 nM), bright spots indicative of 

nanotube assembly are visible immediately after encapsulation. In smaller droplets (3-7 
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µm radius), a single nanotube often forms within the first 15 minutes but does not 

appear to elongate further. In larger droplets (>8 µm radius), branching nanotubes and 

aggregates are visible within 15 minutes, suggesting that overproduction of RNA 

promotes formation of incorrect assemblies, as individual tiles may bind to two RNA 

trigger strands. Consistently higher values of average skewness and kurtosis from the 

beginning of the experiment confirm that assembly or aggregation occur rapidly after 

inactive tiles are mixed with transcription components. 

 

Figure 3-5: Co-transcriptional isothermal assembly of encapsulated hybrid DNA-RNA 
nanotubes with in-situ trigger transcription at 37°C. (a) Inactive tiles are activated by an RNA 
trigger transcribed using a synthetic gene and subsequently assemble into nanotubes. (b) A 
computational model illustrates that by increasing the concentration of synthetic gene template, 
we can speed up the assembly kinetics and increase the equilibrium fraction of assembled tiles. 
Increasing amounts of gene template are represented with darker shades of blue. (c) Inactive 
tiles at 500 nM concentration were encapsulated with transcription mix, 2.5% w/v PEG, and 
2.5% v/v RNAP and incubated at 37°C. (d-g) Representative fluorescence microscopy images 
of droplet samples in which we titrated the amount of synthetic gene transcribing RNA trigger 
(insets) with plots of mean skewness (purple) and kurtosis (orange) for sampled droplets. The 
rate of increase of skewness and kurtosis correlates with the concentration of DNA template 
producing the trigger RNA strand. Data is presented as mean values +/- standard deviation. 
Images were processed using the droplet detection code as described in Supplementary 
information. Scale bars: 20 μm. 

 

Transient nanotubes formation inside droplets arising from simultaneous 

RNA transcription and degradation.  
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Next, we sought to introduce nanotube disassembly using RNase H, an enzyme 

that hydrolyzes RNA in DNA-RNA complexes (Fig. 3-6a). RNase H has been widely used 

to control degradation in a variety of artificial in vitro transcriptional circuits as well as 

within nanotube systems.35 We previously showed that RNase H can deactivate free 

(unpolymerized) tiles by degrading the portion of RNA trigger bound to DNA promoting 

nanotube disassembly.35,36 When both RNAP and RNase H are present with inactive tiles 

and transcription reagents in non-encapsulated solutions, a transient pulse of nanotube 

assembly was observed.36 This pulse may be attributed to a progressive loss of activity 

of RNAP relative to the initial transcription “burst”, and to accumulation of incomplete 

RNase H degradation products.67-69 Fig. 3-6b illustrates the predictions of our unfitted 

computational model capturing transcription (including loss of RNAP activity), tile 

activation and assembly, as well as RNase H degradation: the model qualitatively predicts 

a pulse in fraction of assembled tiles, and the height and duration of this pulse depend on 

the amount of RNase H present. Thus, we expect to see this encapsulated system to 

yield transient nanotube assembly, with dynamics that can be tuned by changing the 

amount of RNase H. 
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Figure 3-6: Enzyme-mediated control of assembly and disassembly of encapsulated 
hybrid DNA-RNA tubes at 37°C. (a) Schematic of the reactions occurring in a sample that 
includes inactive tiles, DNA template transcribing the RNA trigger (promoting growth of 
nanotubes), and RNase H (promoting degradation of nanotubes). (b) Computational prediction 
showing that loss of activity of RNAP against unchanged RNase H activity yields a temporal 
pulse in the fraction of assembled tiles, whose peak and duration depend on the amount of 
RNase H. Increasing amounts of RNase H are represented with darker shades of pink. (c-f) 
Representative fluorescence microscopy images of the RNase H titration experiments (insets) 
with plots of mean skewness (purple) and kurtosis (orange) for sampled droplets. Inactive tiles 
at 500 nM concentration were encapsulated with 100 nM gene template, 2.5% w/v PEG, 2.5% 
v/v RNAP, and 0.025 U/µL-0.1 U/µL RNase H. These experimental results show that, when 
RNA trigger transcription and degradation components are simultaneously present, a pulse of 
nanotube polymerization is observed. Eventually RNase H causes disassembly of the 
nanotubes at a speed that depends on the RNase H concentration, presumably due to a 
decrease of RNAP activity. Skewness and kurtosis are plotted in shades of purple and orange 
respectively. Data is presented as mean values +/- standard deviation. Data extracted using 
droplet detection code as described in Supplementary information. Scale bars: 20 μm.  

 

We observed transient nanotube formation in droplets for different concentrations 

of RNase H, while the inactive tile concentration was kept at 500 nM, template at 100 nM, 
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and 2.5% v/v of T7 RNAP (Fig. 3-6c-f and Supplementary Movie 4). In the absence of 

RNase H, droplets with synthetic gene at 50 and 100 nM showed nanotube aggregation 

likely due to overproduction of RNA trigger (Fig. 3-5f-g). In the presence of RNase H such 

aggregation was not visible. The skewness and kurtosis plots exhibit a transient pulse 

and a small standard deviation when compared to experiments that do not include both 

transcription and degradation, presumably due to most tiles remaining unassembled 

throughout the experiment. At lower amounts of RNase H, 0.025 U/µL and 0.05 U/µL, 

nanotubes are visible until about 3 hours after encapsulation (Fig. 3-6cd). At higher 

amounts of RNase H, assembly is delayed and fewer nanotubes are visible, confirming 

that it is possible to tune the temporal response of assembly and the nanotube density 

inside the compartments (Fig. 3-6ef). At 0.05 U/µL RNase H and higher, many nanotubes 

appear to curl into loops in most droplets. It is unclear what is causing this morphology, 

but it could be a result of both crowding and degradation of RNA. As the density and 

dynamics of nanotubes inside droplets depends on transcription and degradation rates, 

both characteristics may be controlled by changing either the relative concentration of 

enzymes or synthetic gene for RNA production. 

These experiments indicate that more complex genetic programs relying on RNA 

production and degradation may be encapsulated to control nanotube assembly.35 A 

notable challenge toward sustained transcription and degradation dynamics is the 

accumulation of abortive and elongated transcripts, which can cause side reactions and 

crosstalk.70 These undesired transcripts may bind to inactive tiles producing “waste” 

complexes that can no longer be activated by the correct RNA trigger.36 Additional 

RNases may be included to reduce the influence of “waste” products in the system.71 
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3.4 Methods 

DNA oligonucleotides and enzymes: Oligonucleotides were purchased from IDT DNA. 

T7 RNAP was purchased from Lucigen®, and RNase H was purchased from Promega™. 

Transcription reagents were purchased from Lucigen® and New England Biolabs. 

Oligonucleotide sequences and modifications, as well as further details on the preparation of 

DNA nanotubes and transcription reactions, are available in the Supplementary Information 

(Section 3.7). 

Generation of microemulsion droplets: Two alternative methods for the generation of 

the microdroplets were employed. The first method, or ‘shaken method’, consisted in simply 

vortexing a emulsion of oil-surfactant mixture and aqueous buffer solution that contained the 

reagents. By adjusting mixing time and vortexing speed appropriately, we generated 

populations of droplets with a broad size distribution, with radii ranging from ∼1 µm to >20 µm. 

100 µl of droplet emulsion was generated by mixing 20 µl reaction mix with 80 µl of oil-

surfactant mix (FC-40 Fluorinert™ oil (86508-42-1, Sigma-Aldrich) that contained 2% (w/v) 

perfluoropolyether-polyethylene glycol (PFPE-PEG) block-copolymer fluorosurfactant with 

Krytox-FSH via an amide group (Ran Biotechnologies)) in DNA LoBind tubes (Eppendorf) using 

a vortex mixer for 60 seconds. The second method consisted in using microfluidic chips to 

generate emulsions. This allowed us to produce large numbers of droplets with a much 

narrower size distribution (Fig 1d) but it was technically challenging to produce very small 

droplets with diameters smaller than 20 µm. For these reasons, we adopted the shaken method 

for all experiments reported in this paper, except for those reported in Fig. 3-1d. 
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Fluorescence time lapse experiments: Droplet samples were imaged using an 

inverted microscope (Nikon Eclipse TI-E) with Nikon Plan Fluor 20X/0.5 NA objectives. Droplets 

were placed in Ibidi chamber slides (µ-Slide VI 0.4, hydrophobic coating) with the inputs to the 

channels sealed with vacuum grease (Dow Corning®) and VWR micro slides to prevent 

evaporation throughout experiments. Droplets encapsulating transcription reactions were 

incubated in the Ibidi chambers on a ThermoPlate (Nikon Inc, Tokai Hit) set to 37°C during 

imaging.  

Confocal fluorescence microscopy: Droplet samples were imaged in an Ibidi chamber 

slide (µ-Slide VI 0.1, hydrophobic coating) on a Leica TCS SP8-STED confocal microscope with 

63x/1.20 NA water-immersion objective 

Image analysis and data processing: Droplets were monitored for up to 24 h and 

images were processed using an in-house PYTHON scripts to identify droplets and extract pixel 

brightness values from fluorescence images. The code is available through a Github repository, 

but is also available upon request from the authors. To measure the skewness and kurtosis for 

the distribution of pixel brightness values extracted for each droplet, first a list of unique pixel 

brightness values was calculated for each droplet based on the number of pixels in each bin 

and the bin width of the histogram for each droplet. Then skewness and kurtosis are calculated 

for the unique pixel brightness values list using the skew and kurtosis functions in the Python 

Pandas library. The average skewness and kurtosis values, along with the standard deviation 

for each measurement, was calculated for all droplets measured at each time point of each 

experiment. Standard deviation was chosen over the variance or other measurements as it 

represents the spread of the values across the measure samples. Further details for the same 

are available in the SI. 
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3.5 Conclusion 

We demonstrated the construction of artificial dynamic scaffolding systems for 

minimal cell mimics through the assembly of NA tubular nanostructures inside water-in-

oil droplets. When compared to cytoskeletal scaffolds in biological cells, NA nanotubes 

offer similar structural features with a minimal number of components required for 

assembly and regulation.22,35 We established that nanotube assemblies can be obtained 

with four different tile (monomer) designs, a toolkit that can be easily expanded. 

Monomers can be annealed inside droplets or pre-annealed and subsequently 

encapsulated. We showed that distinct, non-interacting tile types can be encapsulated 

and assembled simultaneously, making it possible to build distinct scaffolds. Conversely, 

we verified that encapsulated tiles and NA strands designed to interact generate the 

desired products, which is consistent with the outcome of non-encapsulated reactions. 

Finally, nanotube assembly was modularly integrated with RNA transcription and 

degradation processes, whose competition enabled the dynamic, autonomous control of 

self-assembly inside droplets.36 It is remarkable that the encapsulation methods 

described here make it possible to operate NA structures and circuits with marginal 

deviation from their non-encapsulated behavior.   

We have characterized different methods for scaffold encapsulation, focusing on 

an emulsion method that generates stable droplets with a broad range of sizes and 

compositional diversity. These droplets are ideal for long-term observation of nanotube 

assembly, however they appear inadequate to explore the capacity of nanotubes to 

induce compartment deformation. Control of compartment deformation has been 
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demonstrated using cytoskeletal polymers, by tuning compartment rigidity and size, and 

the stiffness of the polymers, in agreement with computational predictions.72-74 Similar 

shape control could be achieved with DNA filament systems, where stiffness may be 

changed by tuning nanotube design or by forming nanotube networks.75 Nanotubes may 

be encapsulated in liposomal and phase separated (membrane less) synthetic cells that 

have been used to compartmentalize various proteins and synthetic circuits.11,76-79 

However, preliminary investigations revealed many challenges in obtaining high yield 

encapsulation of DNA structures in cell-sized vesicles. These challenges include the 

selection of lipids that generate stable vesicles with minimal surface interaction with DNA 

nanostructures, and of methods which produce a high yield of vesicles with controllable 

size while avoiding damage to the nanostructures.40,80,81 A promising route is given by 

microfluidic approaches that make it possible to build cell-sized vesicles with control over 

their membrane and internal composition.82,83 

To track the growth of NA scaffolds in time, we complemented qualitative 

observations with a quantitative method that tracks statistical properties of droplet 

epifluorescence microscopy images. We showed that skewness and kurtosis (third and 

fourth moment) of intensity histograms provide high-throughput information about the 

extent of monomer condensation. While this statistical analysis alone does not allow for 

distinguishing correct and incorrect assemblies, it makes it possible to compare tile 

condensation in a large population of droplets under different concentrations of 

monomers, crowding agents, synthetic genes, as well as enzymes. We found significant 

diversity of condensation extent across droplets, with smaller droplets presenting the 

highest variability, which is likely the result of several phenomena including partitioning 
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noise, assembly errors, and surface interactions that may promote uneven bundling of 

nanotubes. Such variability increases when assembly is triggered by RNA molecules that 

may generate more incorrect assemblies and undesired aggregates. However, the 

simultaneous presence of enzymes producing and degrading RNA appears to reduce 

variability, as quantified by our statistical measures, a counterintuitive result given that 

additional interacting species are expected to amplify the effects of partitioning noise.37 It 

is likely that a lower standard deviation of both skewness and kurtosis is simply due to 

the fact that most tiles remain unpolymerized in the presence of RNase H. 

Our study points to the potential application of NA nanostructures as a rich toolkit 

for generating complex scaffolding components in artificial cells. Our demonstration 

could be immediately expanded to include multiple filamentous scaffolds to spatially 

organize distinct organic or inorganic ligands, and each scaffold may be individually 

controlled by distinct synthetic genes or circuits.84 As chemically modified nanotubes 

can be made resilient to cytoplasmic conditions, they could be controlled through a 

multitude of circuit parts involving transcription-translation.85,86 While we focused on 

assembly of one class of filamentous structures from tiles, similar tile variants can be 

used to build fibers and two dimensional assemblies, and RNA variants may be 

produced co-transcriptionally.24,87 While our work falls short of seeking to mimic active 

cytoskeletal behaviors, these nanotubes may be used as tracks for molecular motors 

that could perform work and transfer cargo within compartments.22,88,89 Further, NA 

nanotubes could be organized in higher-order structures using other types of 

assemblies such as DNA origami.90 Finally, because NA scaffold assembly can be 

regulated by complex synthetic gene networks and strand displacement reactions within 
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compartments, the coordination of multi-compartment behavior through diffusing 

molecules could open up exciting opportunities to build artificial tissues with 

programmable development and patterning.40,91 
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3.7 Supplementary Information  

PAGE purified DNA sequences were ordered from IDT DNA (Coralville, IA, USA). 

Sequences of strands composing the tiles are taken from Rothemund et al., 20041 and Agarwal 

& Franco, 20192.  
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In addition to reporting DNA sequences, this section also includes schematics 

representing each tile type. Red circles on the blue strand represent the location Cy3 or 

ATTO647N fluorophores as stated in the strand sequence. 

 

Figure S3.1: Tile designed for assembly of single-tile nanotubes, design variant 1. 
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Strand 

position 

Name Sequence 

1 5bSE1 5’- CTC AGT GGA CAG CCG TTC TGG AGC 

GTT GGA CGA AAC T 

2 5bSE2 5’- GTC TGG TAG AGC ACC ACT GAG AGG 

TA 

2T 5bSE2 

T 

5’-G TCT GGT AGA GCA CCA CTG AGA 

GGT A 

3 5bSE3 5’- cy3-CCA GAA CGG CTG TGG CTA AAC 

AGT AAC CGA AGC ACC AAC GCT 

4 5bSE4 5’- CAG ACA GTT TCG TGG TCA TCG TAC 

CT 

5 5bSE5 5’- CGA TGA CCT GCT TCG GTT ACT GTT 

TAG CCT GCT CTA C 

Table S3.1: DNA sequences for single-tile nanotubes. Nomenclature of the sequences in 

the table reflects labeling of strands in the lab and the original name of the strands in the paper 

by Rothemund et al., 20041. The ‘5bSE2 T’ strand was used during encapsulation of nanotubes 

by microfluidics (Fig 1d, SI section S4.8) and includes a short single stranded toehold that does 

not affect the assembly pathway. 
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Figure S3.2: DNA-RNA hybrid tile. Strand 4 is an RNA molecule. 

 

Strand 

position 

Name Sequence 

1 5bSE1 5’- CTC AGT GGA CAG CCG TTC TGG 

AGC GTT GGA CGA AAC T 

2 5bSE2 5’- GTC TGG TAG AGC ACC ACT GAG 

AGG TA 

3 5bSE3 5’- cy3-CCA GAA CGG CTG TGG CTA 

AAC AGT AAC CGA AGC ACC AAC GCT 

4 RNA-

5bSE4 

5’- CAG ACA GUU UCG UGG UCA UCG 

UAC CU 

5 5bSE5 5’- CGA TGA CCT GCT TCG GTT ACT 

GTT TAG CCT GCT CTA C 

Table S3.2: DNA sequences for the DNA-RNA hybrid nanotubes. Bold indicates RNA 

strand.  
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Figure S3.3: Tile designed for single-tile nanotube assembly, design variant 2. 

Strand 

position 

Nam

e 

Sequence 

1 5bRE

1 

5’- CGT ATT GGA CAT TTC CGT AGA CCG 

ACT GGA CAT CTT C 

2 5bRE

2 

5’- CTG GTC CTT CAC ACC AAT ACG GCA 

TT 

3 5bRE

3 

5’- atto647N-TCT ACG GAA ATG TGG CAG 

AAT CAA TCA TAA GAC ACC AGT CGG 

4 5bRE

4 

5’- ACC AGG AAG ATG TGG TAG TGG AAT 

GC 

5 5bRE

5 

5’- CCA CTA CCT GTC TTA TGA TTG ATT 

CTG CCT GTG AAG G 

Table S3.3: DNA sequences for single tile system, design variant 2. Nomenclature of the 

sequences in the table reflects labeling of strands in the lab and the original name of this tile 

variant in the paper by Rothemund et al., 20043. 
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     Figure S3.4: Tile A - Tiles designed for two-tile nanotube assembly. 

 

Strand 

position 

Name Sequence 

1 5bSEp

1 

5’- CTC AGT GGA CAG CCG TTC TGG AGC 

GTT GGA CGA AAC T 

2 5bSEp

2 

5’- GTC TGG TAG AGC ACC ACT GAG GCA 

TT 

3 5bSEp

3 

5’- cy3-CCA GAA CGG CTG TGG CTA AAC 

AGT AAC CGA AGC ACC AAC GCT 

4 5bSEp

4 

5’- TGA GGA GTT TCG TGG TCA TCG TAC 

CT 

5 5bSEp

5 

5’- CGA TGA CCT GCT TCG GTT ACT GTT 

TAG CCT GCT CTA C 

Table S3.4: DNA sequences of Tile A for nanotube assembly from two tiles. The strand 

nomenclature reflects the one adopted by Rothemund et al., 20041 to describe the two-tile 

nanotubes in which tiles form a perpendicular, alternated “ring” pattern.  
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Figure S3.5: Tile B - Tiles designed for two-tile nanotube assembly. 

 

Strand 

position 

Name Sequence 

1 5bREp

1 

5’- CGT ATT GGA CAT TTC CGT AGA CCG 

ACT GGA CAT CTT C 

2 5bREp

2 

5’- CCT CAC CTT CAC ACC AAT ACG AGG 

TA 

3 5bREp

3 

5’- TCT ACG GAA ATG TGG CAG AAT CAA 

TCA TAA GAC ACC AGT CGG 

4 5bREp

4 

5’- CAG ACG AAG ATG TGG TAG TGG 

AAT GC 

5 5bREp

5 

5’- CCA CTA CCT GTC TTA TGA TTG ATT 

CTG CCT GTG AAG G 

Table S3.5: DNA sequences of Tile B for nanotube assembly from two tiles. The strand 

nomenclature reflects the one adopted by Rothemund et al., 20041 to describe the two-tile 

nanotubes in which tiles form a perpendicular, alternated “ring” pattern. 
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Synthetic genes for production of RNA strands 

Templates (genelets) include 4 base “sealing” domains in genes at the 5’ end of non-

template strand, to prevent breathing at the promoter site. Each RNA strand was designed to start 

with ‘G’ on the 3’ end, to ensure good transcription yield2,4. 

 

NonTemplate 5’- GCG CTA ATA CGA CTC ACT ATA GCA GAC 

AGT TTC GTG GTC ATC GTA CCT 

Template 5’- AGG TAC GAT GAC CAC GAA ACT GTC TGC 

TAT AGT GAG TCG TAT TAG CGC 

Table S3.6: DNA sequences of the synthetic gene designed to produce RNA trigger 

(5BSE4).  

 

Reagents 

Oligonucleotides: Lyophilized, PAGE-purified DNA oligonucleotides were purchased 

from Integrated DNA Technologies (Coralville, IA). All strands were resuspended in nuclease 

free water (Thermo Fisher Cat. no. AM9932), quantitated by UV absorbance at 260 nm using a 

Thermo Scientific Nanodrop 2000c Spectrophotometer, and stored at -20°C. RNA strands were 

transcribed, and gel-extracted in house according to the protocol in SI Section S4.12. 

Enzymes: T7 RNA Polymerase was purchased from Lucigen® as part of the 

AmpliScribe™ T7-Flash™ Transcription Kit (Cat. No. ASF3507). RNase H was purchased from 

Promega™ (Ref. No. M4281, 2.1 units/μL as reported by the manufacturer). Prior to use, RNase 

H was diluted down to 0.25X concentration in a solution containing 1 mM DTT, 50 mM KCL and 



 144 

50%v/v glycerol. Enzymes were stored at -20°C. DNase I was purchased from Lucigen® as part 

of the AmpliScribe™ T7-Flash™ Transcription Kit (Cat. No. ASF3507). 

Buffers, dyes, and other reagents: Transcription buffer was taken from the Lucigen® 

AmpliScribe™ T7-Flash™ Transcription Kit (Cat. No. ASF3507). Nucleotide Triphosphates 

(NTPs) were purchased from New England Biolabs (NEB, Cat. No. N0450S). Tris-acetate-

EDTA (TAE, Cat. no. 15558026) and Tris-borate-EDTA (TBE, Cat. no.LC6675) buffers were 

purchased from Thermo Scientific. SYBR™ Gold Nucleic Acid Gel Stain was purchased from 

Invitrogen™, Thermo Fisher Scientific (Cat. no. S11494). Polyethylene Glycol 8000 (PEG), was 

purchased from Thermo Fisher Scientific (Cat. no. BP233-100).  

Oil and surfactant: We used Fluorinert™ FC-40, an immiscible fluorocarbon oil, for our 

water-in-oil droplets. Fluorinert™ FC-40 was purchased from Sigma-Aldrich™ (CAS Number 

86508-42-1 MDL number MFCD00131095). We used RAN Biotech’s non-ionic surfactant for 

droplet encapsulation (cat#: 008-FluoroSurfactant-); which is a linear poly(ethylene glycol), MW 

ca. 600, coupled on each end to Krytox-FSH via an amide group. 

The oil-surfactant mix includes FC-40 fluorinated oil and 2% w/v perfluoropolyether-

polyethylene glycol (PFPE-PEG) block-copolymer fluorosurfactant with Krytox-FSH via an 

amide group (Ran Biotechnologies). 

 

Additional Methods 

Single-tile DNA nanotube preparation: anneal prior to encapsulate 

 After annealing, DNA nanotubes were diluted to target concentration for 

encapsulation in 1x TAE buffer with 12.5 mM MgCL2. For encapsulation with the shaken 

protocol, 20 µL of 5b SEs nanotubes at 500 nM dilution were pipetted into oil-surfactant mixture 
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and vortexed for 60 seconds following the shaken droplet protocol in section S4.7 (see 

experiment in Fig. 1c). For encapsulation with the microfluidic chip, nanotubes were diluted to 

350 nM in 1x TAE buffer with 12.5 mM MgCL2 before encapsulation using the microfluidic 

protocol described in section S4.8 (see experiment in Fig. 1d). 

Single-tile DNA nanotube preparation: encapsulate prior to anneal 

All the strands for tile variants 1  and 2 that form single-tile nanotubes were mixed for a 

target 250 nM tile concentration (each tile), by adding 250 nM (target concentration) of each 

DNA strand 1, 2, 3-Cy3/3-Atto647N, 4 and 5 to 1x TAE buffer with 12.5 mM MgCL2 and 

nanopure water inside DNA Lo-bind tubes. After vortexing briefly, and encapsulation following 

the shaken droplet protocol described in section S4.7, the solution was annealed using an 

Eppendorf Mastercycler Gradient thermal cycler by heating to 90°C, and cooling to 25°C, over a 

6-hour period. Tile variant 1 was encapsulated alone (see Fig. 1f), or simultaneously 

encapsulated with variant 2 (see Fig. 1g) 

Two-tile DNA nanotube preparation 

Tile A and tile B were annealed separately at a target 2 µM concentration by adding 2 

µM (target concentration) of DNA strands 1, 2, 3-Cy3, 4 and 5 for each tile to 1x TAE buffer with 

12.5 mM MgCL2 and nanopure water inside two different DNA Lo-bind tubes. After vortexing 

briefly, each sample was annealed using an Eppendorf Mastercycler Gradient thermal cycler by 

heating to 90°C, and cooling to 25°C, over a 6-hour period. 

For encapsulation, tile A and tile B were mixed into the same DNA Lo-bind tube at target 

concentrations and encapsulated via the shaken droplet protocol in section S4.7. 

DNA inactive tile preparation 



 146 

Inactive tile solution was prepared to target 1µM tile concentration by adding 1 μM 

(target concentration) of DNA strands 1, 2, 3-Cy3/3-Atto647N, and 5 to 1x TXN buffer (RNA Pol 

Reaction Buffer from Lucigen®) and nanopure water inside DNA Lo-bind tubes. After vortexing 

for 60 seconds, the solution was annealed using an Eppendorf Mastercycler Gradient thermal 

cycler by heating to 90°C, and cooling to 25°C, over a 6-hour period. 

Activation of tile assembly by adding strand S4  

Annealed inactive tiles were incubated in the Mastercycler at 37°C prior to adding the 

missing strand 4. RNA strand 4 was added (target strand concentration to match the tile 

concentration) prior to encapsulating. After encapsulation, droplets were incubated at 37°C and 

monitored via fluorescence microscopy.  

Activation of tile assembly by co-transcription of the trigger strand   

Annealed inactive tiles were incubated at 37°C prior to addition of the transcription mix 

and synthetic gene. The transcription mix includes RNAP (2.5% v/v RNAP (AmpliScribe™ T7-

Flash™ Transcription Kit, Cat. No. ASF3507)) and 1x transcription buffer (AmpliScribe™ T7-

Flash™ Transcription Kit, Cat. No. ASF3507), 4 mM each nucleoside triphosphates (NTPs) 

2.5% w/v PEG 8000 and 10 mM MgCL2. Unless otherwise noted, we used 100 nM annealed 

synthetic template for transcribing missing RNA strand 4 for an inactive tile concentration of 0.5 

μM. Inactive tiles, transcription mix, and synthetic gene were mixed, rapidly encapsulated, and 

droplets were incubated 37°C as described in section S4.7. Droplets were imaged using a 

fluorescence microscope for several hours as described in section S4.9.  

Shaken method for water-in-oil droplet formation 

The procedure described here is for the formation of 100 μl droplet emulsion. We pipette 

80 μl oil-surfactant mix into a microtube. We then add to it 20 μl of the oligonucleotide 

containing aqueous phase. Emulsion droplets are formed by vortexing for 60s on a benchtop 
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vortexer. Successful emulsification is indicated by a milky appearance of the sample (the 

aqueous phase will be dispersed throughout the oil phase at this point). We note that the 

average droplet size is affected by both time and vortexing speed, thus consistency of this step 

is essential for repeatable results. Pipetting the sample for imaging directly after emulsification 

yields too dense a sample of droplets which will result in stacked, multilayers of droplets within 

the imaging. If droplet overlap is excessive, data from individual droplets cannot be gathered 

and processed. In addition, overlap inhibits code-based droplet detection (Section S4.13). In 

that case image processing/droplet identification must be done manually. To get a monolayer of 

droplets, the emulsion should be allowed to set for 30-60 seconds before pipetting 50-70 μl of 

the emulsion from below the dense droplet layer at the top of the sample into the well of an Ibidi 

chamber slide (µ-Slide VI 0.4 - hydrophobic coating). To prevent contamination and evaporation 

of the sample, we seal the well by covering the top edge of each input with vacuum grease 

(Dow Corning®) and cover with a glass coverslip. The assembly process begins as soon as the 

encapsulation step is completed so imaging via fluorescence microscopy is started directly after 

the sample is loaded into the imaging chamber as described in section S4.9.  

For confocal microscopy, the sample is mixed and allowed to set for at least 2 hours 

prior to imaging. Nanotube motion during confocal imaging will result in poorly focused and 

blurry images. 

Microfluidic method for water-in-oil droplet formation 

Microfluidic droplets were produced using the Dolomite 3D flow focusing 100 µm chip 

(hydrophobic coating, #3200434) and associated connectors (Linear Connector 4-way # 

3000024 x2, Chip Interface H #3000155). Before preparing the droplet samples, the syringe 

pumps and  microfluidic devices were assembled and the microscope was brought into focus on 

the junction of the chip sitting in the Chip Interface H. Next, 3 input, 1 output, and 4 extra pieces 
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of tubing (IDEX Health and Science, FEP 1/16x.020x100ft #1548XL) were cut; input and output 

tubing were cut long enough to reach from syringe pumps to the microscope stage, while the 4 

extra pieces of tubing were only 1 inch long each. Tubing was threaded through the linear 

connectors: 3 inputs and 1 extra piece for one connector, and 1 output and three extra pieces 

for the other connector. The tips of the tubing should either even or slightly drawn into the 

gasket of the linear connector. Extra 1inch pieces of tubing are present only to hold the shape of 

the gasket for a good seal with the chip. Nanotube samples were prepared using  single tile 

nanotube variant 1 with strands 5bSE1, 5bSE2 T, 5bSE3, 5bSE4 and 5bSE5 as described in 

section S4.1. 200 µL 350 nM 5-base Toehold nanotubes was loaded into a syringe (BD 1 mL 

Syringe Luer-Lok™ Tip with 25g x ⅝ BD PrecisionGlide™ Needle secured with Parafilm), and 

two syringes were loaded with 300 µL of oil-surfactant mixture each. After threading input 

tubings with the appropriate syringe needles, tubing was primed by pumping at a rate of 0.2 

mL/min via syringe pumps (SyringePump.com #NE-4000, #NE-300). When fluid was visible at 

the linear connectors, priming was stopped, and the microfluidic chip was loaded into the Chip 

Interface H and linear connectors attached. Droplets were made by flowing the aqueous sample 

at 2,000 µL/h and oil phase at 3,000 µL/h, after first flowing the aqueous sample phase only. 

Droplets were collected in a DNA Lo-bind tube before being loaded into an Ibidi imaging 

chamber (µ-Slide VI 0.4, hydrophobic coating) for imaging via fluorescence microscopy. 

Epifluorescence microscopy 

All fluorescent samples inside droplets were imaged using an inverted microscope 

(Nikon Eclipse TI-E) with Nikon Plan Fluor 20X/0.5 NA objective. All unencapsulated samples 

were imaged using a 60X/1.4 NA oil immersion objective. 

Control experiments of non-encapsulated nanotubes were imaged at 50 nM tile 

concentration in corresponding experimental buffer conditions (either 1x TAE and 12.5 mM 
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MgCL2, or 1x transcription buffer); samples were placed on a Fisherbrand microscope glass 

slide (12-545E No. 1, thickness=0.13 to 0.17 mm; size: 50 x 22 mm) and gently covered with 

VWR Micro Slides (Plain, Selected, Pre-cleaned, 25 x 75 mm, 1.0 mm thick) or Fisherbrand™ 

Cover Glasses (cat. No. 12-545F).  

Droplet-encapsulated nanotubes were imaged in an Ibidi chamber (µ-Slide VI 0.4, µ-Slide 

VI 0.1, hydrophobic coating) with the inputs to the channels sealed with vacuum grease (Dow 

Corning®) and VWR micro slide or Fisherbrand™ Cover Glasses (cat. No. 12-545F) to prevent 

evaporation. Droplets encapsulating transcription reactions were incubated in the Ibidi 

chambers on a ThermoPlate (Nikon Inc, Tokai Hit) set to 37°C during imaging. 

Encapsulated nanotubes labeled with Cy3 fluorescent molecules were imaged using the 

Cy3 filter. Nanotubes, labeled with ATTO 647 N on strand S3, were imaged using the Cy5 filter 

(excitation and emission wavelength are comparable to ATTO 647N). The image of two different 

species of single-tile nanotubes in Figure 1g is a superposition of images acquired with the 

filters for Cy3 and Cy5 dyes individually.  

Exposure times for non-encapsulated samples was 90 ms. For encapsulated samples, 

exposure varied in different experiments, depending on tile concentration and fluorophore used. 

Exposure times for all two-tile experiments were 3 seconds for all time points. Exposure times 

for 1x RNA trigger experiment was 1 second for all timepoints except at 24 hours, which had an 

exposure of 3 seconds. The 4x RNA trigger experiment had an exposure time of 128 ms for all 

timepoints, as the aggregates formed by crowding of RNA trigger were much brighter than 

assembled nanotubes. Exposure times for gene titration experiment series were 2-3 seconds. 

Exposure times for RNase H titration experiments were 2-3 seconds. In SI section S5.8 we 

report control experiments that demonstrate how exposure time does not affect skewness and 

kurtosis measurements. 
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Confocal fluorescence microscopy 

Confocal laser scanning microscopy was performed at the Advance Light 

Microscopy/Spectroscopy Laboratory and the Leica Microsystems Center of Excellence at the 

California NanoSystems Institute at UCLA. Nanotube samples were imaged on a Leica TCS 

SP8-STED confocal microscope with 63x/1.20 NA water-immersion objective. Images for Cy3 

and Atto 647 N labeled samples were obtained with the white light laser and detector set to the 

maximum excitation/emission wavelengths for Cy3 and Alexa 647, respectively. Droplets were 

collected in a DNA Lo-bind tube before being loaded into an Ibidi imaging chamber (µ-Slide VI 

0.1, hydrophobic coating) for imaging. Images were line averaged during acquisition, with the 

number of line-averages noted in the caption of each image, and the z-step size was system 

optimized to get the maximum number of steps for each z-stack possible. 

 

Polyacrylamide gel electrophoresis (PAGE) 

Denaturing PAGE: Gel pre-mix was prepared (for a final volume of 100 mL) by adding 

42 g of urea to 25 ml of nanopure water, the mixture was then heated until the urea completely 

dissolved. This mixture was allowed to cool to room temperature, then acrylamide/bis-

acrylamide 19:1, 40% solution was added. The pre-mix was added in appropriate ratios with 

TBE and nanopure water, ammonium persulfate (APS), and Tetramethylethylenediamine 

(TEMED) to cast the desired polyacrylamide percentage. Gels were cast in 10X10 cm, 1 mm 

thick disposable mini gel cassettes (ThermoScientific, Cat. No. NC2010) and allowed to 

polymerize for at least 2 hours before electrophoresis. Gels were run at room temperature at 

100 V in 1X TBE unless otherwise noted. Gels were stained in SYBR Gold Nucleic Acid Gel 

Stain for 20-30 minutes and then imaged using the Biorad ChemiDocTM MP system. We 
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purchased the 10bp DNA ladder used in denaturing gels from Invitrogen™ (Cat. No. 10821- 

015). 

Non-Denaturing PAGE: Acrylamide/bis-acrylamide 19:1, 40% solution, TAE, Magnesium 

Chloride 12.5 mM (final concentration), APS, and TEMED were added together at appropriate 

concentrations for the desired polyacrylamide percentage, then cast in 10X10 cm, 1 mm thick 

disposable mini gel cassettes (Thermo Scientific, Cat. No. NC2010) and allowed to polymerize 

for at least 2 hours before electrophoresis. Gels were run at 4°C at 150 V in 1X TBE buffer. 

After electrophoresis gels were stained in SYBR Gold Nucleic Acid Gel Stain for 20 minutes 

then imaged using the Biorad ChemiDocTM MP system. 

RNA extraction 

RNA was transcribed using the AmpliScribe-T7-Flash Transcription Kit (Lucigen®). The 

following components were mixed at room temperature: RNase-free water, 1-1.5mg template, 

AmpliScribe T7-Flash 1X Reaction Buffer (Cat. No.  ASF3507, Lucigen®), 9 mM NTPs, 40 U/mL 

RiboGuard RNase Inhibitor (Cat. No.  RG90925, Lucigen®), and 2mL of AmpliScribe T7-Flash 

Enzyme Solution (Cat. No. ASF3507, Lucigen®). This mix was then incubated at 37°C for 4 

hours. 

After transcription, the samples were loaded on a PAGE gel and run at 100V; the gel 

was then stained in 80 mL 1X TBE and 1mL SYBR Gold Nucleic Acid Gel Stain (Thermo 

Scientific, Cat. No. S-11494) for 20-30 minutes. The stained gel was placed on a TLC silica gel 

60 W F254S aluminum sheet (EMD Millipore, Cat. No. 1055590001) covered in plastic wrap. 

The gel was then illuminated with UV light and the desired RNA band was excised, crushed and 

eluted using 200mL of 0.3 M sodium acetate at pH 5.3. The elution reaction was done in 0.5 mL 

DNA Lobind tubes (Eppendorf, Cat. No. 022431005), incubated at 42°C for ~20 hours. After 

incubation, the sodium acetate was removed and placed into 1.7 mL RNase/DNase free tubes. 
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The old Lobind tubes were further rinsed with 100mL of 0.3 M sodium acetate pH 5.3, which 

was added to the new tubes. Then 1 mL of freezer cold 100% ETOH and 1mL of glycogen was 

added into each tube and the sample was incubated at -20°C for 20 hours. 

Next, the samples were spun at 13500 rpm at 4°C for 15 minutes. The white precipitate 

pellet (RNA) at the bottom of the tube was located and the supernatant was carefully pipetted 

out of the tubes to avoid removal of the pellet. Then, 500mL of 70% freezer cold ETOH was 

added to the tubes and spun at 13500 rpm at 4°C for 5 minutes. The supernatant was carefully 

decanted again with a pipette. This washing procedure was repeated a third time. After the last 

wash, as much supernatant was removed as possible, then the tubes were opened and placed 

in the vacuum concentrator and allowed to spin at room temperature for 15 minutes. The 

samples were then re-suspended in 10-15mL of Invitrogen™ nuclease free water 

(ThermoFisher Scientific, Cat. No. AM9932). 

Droplet detection and pixel brightness value extraction via Python 

Extracting pixel brightness values (PBV) data from fluorescence microscopy images by 

hand is both time consuming and prone to human error. By employing a few basic Python 

packages, we wrote a script which extracts PBV data from fluorescence microscopy images for 

hundreds of droplets in minutes. The foundation of the Digital Image Processing (DIP) script we 

wrote for detecting droplets in epifluorescence microscopy images is built upon the scikit-image 

image processing library.5 We implemented the Circular Hough Transform (CHT) algorithm 

tailored to detect circles across a wide range of radii and remove a majority of artifacts from the 

returned values.  

The droplet detection script is available at Github6:  

https://github.com/klockemel/dropletDetection_dynamicSelfAssemblyProject. 
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Before applying the CHT, it is helpful to pre-process the images to improve detection of 

droplets especially in samples presenting large droplets or aggregation of fluorescently labeled 

tiles. Prior to running the droplet detection script, all 16-bit .nd2 images are duplicated. 

Duplicates are brightness-adjusted using the “Auto” setting in the Brightness/Contrast tool of 

ImageJ and saved as 8-bit tiff files. Brightness-adjusted images are only used for droplet 

detection, while PBV are extracted from the raw images with full bit depth (Fig S5). Brightness-

adjusting the images in which droplets are detected enables a future thresholding step to more 

accurately separate droplets from the background of the image than would be separated 

otherwise, even in the presence of bright spots in the image. 

 

Figure S3.6: Diagram summarizing the process of the automated droplet detection and 
data extraction script. First, droplets are detected using the circular Hough transform (CHT) 
algorithm from the scikit-image package on a brightness-adjusted image. The radii, (x, y) center 
coordinates, and Hough intensity for each detected circle are filtered to remove circles with low 
Hough intensities and circles which are overlapping. A mask is created using the detected 
circles to extract pixel brightness values (PBV) from the raw image file. Diagnostics plots, a 
reference image with detected droplets labeled, and the information for extracted PBV and circle 
parameters are the final output. These example images are from the 7.5 nM template co-
transcriptional activation of DNA-RNA nanotubes at 0 minutes after encapsulation (Main text 
Section “Transcriptional control of nanotube assembly inside droplets”). Scalebars are 50 µm. 
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The droplet detection script requires both the raw and brightness-adjusted images, as 

well as a few parameters to run. The minimum and maximum radii to search for must be 

provided in pixels, in addition to the step size. The step size determines which discrete radius 

values to search for, within the range of the minimum and maximum radii. For a step size of 

one, all radii between the min and max will be considered, while for a step size of 2, every other 

value will be skipped, and so on. Droplets made via the shaken protocol described in SI Section 

S4.7 are heterogeneous in size, and we commonly searched with a minimum of 10 and 

maximum of 50-70 pixels. As searching over such a large range of radii becomes 

computationally demanding, radii are broken into subsets of ten for detection with the results 

from each group compiled for further processing following detection. The final parameter is a 

limit on the number of droplets allowed in each subset of radii sizes. Varying these parameters 

determines the computational time, detection accuracy, and number of droplets returned from 

sample images. (For example, without a numeric limit to the number of droplets which can be 

found, the script may return hundreds of artifacts, or false detections, and take upwards of 30 

minutes to complete processing an image.) 

To detect droplets, the following CHT algorithm is applied over each subset of radii. First 

a Canny edge detector is applied (skimage.feature.canny). The Canny edge detector function 

first removes noise from the image via Gaussian smoothing. Gradients in pixel brightness 

across the image are found using horizontal and vertical Sobel operators, or kernels. Edges are 

located when pixels lie normal to horizontal, vertical or diagonal gradients with large 

magnitudes, and weighted according to the magnitude of the neighboring gradient. Edge 

weights are compared locally and thinned to 1 pixel in width before being thresholded. Pixels 

connected to edges, with an edge weight value above a smaller threshold are also labeled as 

edges. The function returns a Boolean image array in which the edges are labeled as True. The 

CHT transform function (skimage.transform.hough_circle) is then applied to the Boolean edge 
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array. The CHT function in scikit-image returns an array for each radius with the Hough 

intensities for detected circles. The Hough circle peaks function 

(skimage.transform.hough_circle_peaks) then reads the Hough circle arrays and returns peak 

Hough intensity values in the “accums” variable, and the associated (x, y) coordinates and radii 

for detected droplets. 

After detecting circles with the above algorithm, artifacts and overlapping circles are 

filtered out. First, center (x, y) coordinates and radii for circles with low accums values are 

dropped. Overlapping circles, often circles sharing the same center coordinates but with 

different radii, are dropped if the distance between the centers is less than the sum of their radii. 

The circle with the lower accums value is dropped in this case. Finally, if the number of 

remaining circles is greater than the user defined limit, the circles with the lowest accums values 

are dropped until the limit is reached. The results for each subset are compiled to create a list of 

detected droplets across the range of the minimum and maximum radii parameters. After 

compiling circles from all radii subsets, overlapping circles and circles with low accums values 

are once more filtered out. 

The center coordinates and radii of the remaining droplets are used to generate a mask 

labeled with droplet ID, which is then applied to the raw image to extract PBV. A reference 

image is created in which detected droplets are drawn in red on the brightness-adjusted 

fluorescence image with their ID numbers. ID numbers are printed in a new color every 100 

droplets to help improve legibility for images in which many droplets are detected. The output of 

the droplet detection script are the reference image with labeled droplets, supplementary 

diagnostics plots shown in the previous figures, and three comma-separated value (csv) files: 1) 

the user defined parameters used  
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in the run, 2) droplet ID number, radii, and center coordinates, and 3) the PBV in the 

form of a 256-bin list-form histogram with appropriate droplet IDs. 

Before PBV data is further processed, reference images are visually inspected, and any 

remaining artifacts are removed from the final data using their ID numbers. In some cases, 

detected circles are merely artifacts (as an example, see number 170 in Fig S6b). Other circles 

which need to be removed from data may have radii off by more than a few pixels (number 

197), inaccurate centers (number 175), or are cut-off by the edge of the image. 

To quantify our observations of nanotube polymerization and depolymerization we 

measure the skewness and kurtosis, also respectively known as third and fourth standardized 

moments, which describe the shape of a distribution. Skewness describes the distribution of any 

variable about its mean, while kurtosis describes the “tailedness” of a distribution. More 

specifically, skewness describes where the bulk of a distribution lies relative to its mean, with a 

negative skew value indicating that the bulk of a distribution is above the mean, a zero 

skewness value indicates a normal distribution, and a positive skew value indicates the bulk of 

the distribution is below the mean.7 Kurtosis is a statistical measure that defines how the tails of 

a distribution differ from the tails of a normal distribution.8 We use Fisher’s definition to calculate 

kurtosis (also termed as excess kurtosis), where 3 is subtracted from the result so that kurtosis 

of the normal distribution is zero.9 A distribution with heavy tails on either side (ex. Laplace 

distribution), indicating large outliers, has a positive kurtosis. A distribution with thin tails (ex. 

Uniform distribution) has a negative kurtosis, indicating fewer outliers in a distribution. 

To measure the skewness and kurtosis for the distribution of pixel brightness values 

extracted for each droplet, first a list of unique pixel brightness values was calculated for each 

droplet based on the number of pixels in each bin and the bin width of the histogram for each 

droplet. Then skewness and kurtosis are calculated for the unique pixel brightness values list 
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using the skew and kurtosis functions in the Python Pandas library (pandas.DataFrame.skew 

and pandas.DataFrame.kurtosis respectively). The average skewness and kurtosis values, 

along with the standard deviation, were calculated for all droplets measured at each time point 

of each experiment. Standard deviation was chosen over the variance or other measurements 

as it represents the spread of the values across the measure samples. 

 

Figure S3.7: Representative reference images for detected droplets. This is 
representative image are from experiments in which we used 7.5 nM template for co-
transcription of RNA to activate DNA-RNA nanotubes; image is taken at 360 minutes after 
encapsulation (Main text Section “Transcriptional control of nanotube assembly inside 
droplets”). (a) The full image with all labeled detected droplets labeled and marked by red 
circles. (b) An inset of the image marked by the dotted line. Artifacts which are removed before 
further processing are labeled in bold, red numbers (red font superimposed for illustrative 
purposes). Blue arrows indicate examples of droplets that were removed (for different reasons) 
before data analysis. Not only are artifacts removed (170), but also droplets for which the radius 
is off by more than a few pixels (197), droplets with inaccurately detected center coordinates 
(175), or a combination of both. Scalebars are 50 µm. 
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Figure S3.8: Representative images of detected droplets before (a) and after (b) 
removing artifacts and incorrectly detected droplets. Detected circles which are removed are 
indicated by bold, red numbers in inset. Insets are magnified views of the areas indicated by the 
dotted lines. The images are from the 7.5 nM template co-transcription of DNA-RNA nanotubes 
at 360 minutes after encapsulation (Main text Section “Transcriptional control of nanotube 
assembly inside droplets”). Scalebars are 50 µm. 
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Additional data and analysis 

Positioning of droplets inside Ibidi chamber (µ-Slide VI 0.4) 

 

Figure S3.9: Imaging water-in-oil droplets of different sizes. (a) Cartoon schematic of the 
cross section of an imaging chamber during observation. As the water droplets (blue) float to the 
top of the oil phase (yellow), and droplets are not all the same size, the ideal focal plane for 
imaging each droplet is different. Ideally, we would image near the center of a droplet. (b) 
Representative fluorescence microscopy image of shaken droplets, immediately after 
encapsulation. Because the sample is made up of droplets of different sizes, not all droplets can 
be in focus in a single image. For our experiments, we made the effort to both find a field of view 
and an optimal focal plane for droplets 6-15 µm in diameter. 
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Morphology of mature two-tile nanotubes after 24 hours of incubation 

 

Figure S3.10: Concentration affects morphology of mature two-tile nanotubes. For very 
dilute concentrations of 25 and 50 nM, mature nanotubes at 24 h following encapsulation 
appear more flexible with some small networked or bundled regions. Nanotubes also appear to 
be distributed throughout the droplet, while ends of some nanotubes localize near the inner 
surface of the droplets. For higher concentrations, 100 and 250 nM each tile, bundling of 
nanotubes around the inner circumference of the droplets is clear in droplets 20 µm in diameter 
and larger, while smaller droplets appear to contain on long nanotube wrapping around the 
inner surface of the droplet. Confocal microscopy for the 100 nM two-tile sample at 24 h 
confirms that nanotubes are bundled and wrap around the inner surface of the droplets (figure 
S11). Scale bars: 25 µm (top) and 15 µm (bottom). 
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Confocal Microscopy images 

 

Figure S3.11: Representative confocal microscopy images of two-tile 
nanotubes. Here we encapsulated each tile at 100 nM. We are imaging nanotubes at 
24 h in water-in-oil droplets without (a) and with 2.5% w/v PEG (b). These results 
suggest that a majority of the mature nanotubes in this sample are at the surface of the 
droplets and nanotubes appear to be forming bundle-like structures, as seen in (a). 
Image (a) is a 6-line average projection, image (b) is a 16-line average projection. See 
also Supplementary Video 2. 

 

 

 

 

 

 

 

 

 



 162 

Two-tile nanotube system at 25 nM concentration 

 

 

Figure S3.12: Representative fluorescence microscopy images of 25 nM two-
tile nanotubes in non-encapsulated, bulk sample (top) and encapsulated in water-in-oil 
droplets (bottom). Here we observe that the nanotubes form inside encapsulated 
system even if the concentration is too low for a non-encapsulated, bulk setting. 
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DNA-RNA hybrid tiles without gene template  

 

Figure S3.13: Representative fluorescence microscopy image of DNA-RNA 
hybrid tiles without the gene template required for production of RNA trigger in 
droplets. In the absence of the gene template, no assemblies are visible. Inactive tile 
concentration was 500 nM. Image captured 10 hours after encapsulation. 

 

Co-transcriptional assembly without crowding agent 

 

Figure S3.14: Representative fluorescence microscopy image of DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger in droplets without PEG. In the 
absence of PEG, only few small assemblies are visible. Inactive tile concentration was 
500 nM, and template concentration was 100 nM. Image captured 4 hours after 
encapsulation. 
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Effects of crowding agent on two-tile nanotube system 

 

Figure S3.15: Crowding agents do not cause aggregating of individual tiles in 
droplets. Representative fluorescence microscopy image of tile A of the two-tile 
system encapsulated in shaken water-in-oil droplets with 2.5% w/v PEG 180 minutes 
after encapsulation. As there is only one of the two tiles in the droplets, no nanotube 
polymerization occurs.  
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Influence of PEG on transcriptionally activated nanotubes 

 

Figure S3.16: Representative fluorescence microscopy images (insets) 
showing the influence of PEG on transcriptionally activated nanotubes. We show 
mean skewness and kurtosis measurements at varying amounts of PEG in droplets 
(2.5% w/v in (a) and 5% w/v in (b)). Inactive tile concentration was 500 nM, and 
template/gene concentration was 100 nM. (c) Droplets could not be detected for 10% 
w/v PEG assay. Data is presented as mean values +/- standard deviation. The number of 
droplets sampled and a histogram data of radii for sampled droplets in SI section S5.9 and 
S5.10. Scale bars: 30 μm. 
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Influence of exposure time on skewness and kurtosis 

 

Figure S3.17: Skewness and kurtosis are not significantly influenced by exposure time. 
In this control experiment, we show computed skewness and kurtosis for different exposure 
times over four different droplets from a repeated assay of the 100 nM two-tile nanotubes 
incubated at room temperature. The images processed are from 3 h into the experiment. (a) 
Fluorescence microscopy images of the droplets, or Regions Of Interest (ROIs), used for the 
control measurements. Four droplets were chosen in which the nanotubes did not appear to 
move between the different images. Four exposure times were chosen that represented a range 
of exposure times used for assays in this work – 100 ms, 1, 3, 5 s. Pixel brightness values were 
extracted for each droplet, or ROI, from images captured with each exposure time, and 
skewness (b) and kurtosis (c) values were calculated from there. Skewness and kurtosis values 
are close across all exposure times. For ROI number 1 and 3, there is a slight difference in 
skewness and kurtosis, but close inspection of the nanotubes within those droplets suggest 
there may have been some shifting within the droplet between images captured with exposure 
times that varied. As no skewness and kurtosis for exposure times were consistently different 
for all droplets measured, we conclude that data captured with different exposure times is 
comparable provided the image is not over- or under-exposed. As shown in figure S18, the 100 
ms exposure is slightly under-exposed, but skewness and kurtosis values do not appear 
drastically affected. Data for this figure were extracted by hand using ImageJ. Scale bars 10 µm.  

 



 167 

 

Figure S3.18: Normalized brightness of the pixels detected in each ROI with different 
exposure time: (a-d) Normalized distributions of pixel brightness values for the same four 
droplets, or ROIs, at each of the four exposure times discussed in figure S12. (Normalization 
formula: 𝐼	𝑛𝑜𝑟𝑚𝑎𝑙𝑖𝑧𝑒𝑑 = 	 (343	5676585)

(3	5:;658543	5676585)
). From these distributions, we can see that the 

100 ms exposure is slightly under-exposed, as there are a number of the 256 bins of pixel 
brightness values which are empty. There is a difference in the shape of the distributions for 
ROI 1, which is reflected in the slight disagreement of the skewness and kurtosis values 
between the 100 ms and 1 s exposures, and the 3 s and 5 s exposures. We also see a 
difference in distribution shape between the 100 ms exposure and the 1, 3 and 5 s exposures 
for ROI 3. In this study we do not observe a consistent relation between exposure time and the 
shape of the pixel brightness histogram across all four droplets. Hence, it is likely slightly 
disagreeing measurements are due to some small shift in the nanotube position inside the 
droplets, and comparing the skewness and kurtosis values for images captured with different 
exposure times is valid provided no droplets are under- or over-exposed. 
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Number of droplets detected in each experimental study 

 

          Here we provide the number of droplets selected for computing the 

skewness and kurtosis in each experiment. The number of droplets vary at each time 

point in an experimental study because of reasons as described in the droplet detection 

method (S4.13). As our experiments did not include labeled oligomers or dyes as 

fluorescence references, and droplets were identified with an edge-based detection 

algorithm, detection becomes less accurate for samples in which most of the tiles have 

been recruited to nanotubes. For this reason, as the free tiles in droplets decrease, the 

number of droplets detected and processed also decreases. Thus, as time progresses, 

the number of droplets detected by the method reduce. Inclusion of a secondary inert 

dye, not involved in the nanotube polymerization process would address this limitation 

and provide consistency in droplet detection and processing for all stages of the 

experiment. As skewness and kurtosis are affected by the distribution of pixel brightness 

values, out-of-focus images would have different skewness and kurtosis values than in-

focus images of the same subject. For experiments in which the 0 min image is out-of-

focus, we processed the data from 15 minutes, the next time-point, onwards. 
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Figure S3.19: Number of droplets detected using the custom developed script 
for two-tile experiments in Figure 3-3 of the main text. 

 

 

Figure S3.20: Number of droplets detected using the custom developed script 
for the DNA-RNA hybrid nanotubes with gel-extracted RNA trigger experiments 
(Figure 3-4).  
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Figure S3.21: Number of droplets detected using the custom developed script 
for the DNA-RNA hybrid nanotubes with varying concentrations of template, or gene, 
experiments (Figure 3.5).  
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Figure S3.22: Number of droplets detected using the custom developed script 
for the DNA-RNA hybrid nanotubes with varying concentrations RNase H experiments 
(Figure 3-6). “No RNase H” data is the same as “100 nM Gene” from figure S3.21. 

 

 

Figure S3.23: Number of droplets detected using the custom developed script 
for the DNA-RNA hybrid nanotubes with varying concentrations of PEG experiments 
(Figure S3.16). Droplets were not tracked for the duration of the experiment.  
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Radii of the detected droplets in each experimental study 

        Here we provide the histograms of the radii of droplets selected for 

computing the skewness and kurtosis in each experiment. The droplet radii vary in each 

experimental study because the shaken protocol for water-in-oil droplet method (S4.7) 

produces a wide range of droplet sizes. Differences in detected droplet sizes can also 

occur in the droplet detection step (S4.13).  

         Another reason for omitted detection of droplets can be if they are 

overlapping inside the imaging chamber. Images collected of such droplets have 

fluorescent signal from multiple droplets on top of each other in the z-plane. Thus, 

individual droplets become indistinguishable in that area and have to be discarded in 

order to get the most accurate skewness and kurtosis value. We did not encapsulate a 

reference dye or fluorescently labeled oligomer to aid in the detection of droplets.  
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Figure S3.24: Histograms of the radii of measured droplets for the 50 nM two-
tile nanotubes in water-in-oil droplets experiment (Figure 3-3). Droplets were detected 
with the custom developed script. 
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Figure S3.25: Histograms of the radii of measured droplets for the 100 nM two-
tile nanotubes in water-in-oil droplets experiment (Figure 3-3). Droplets were detected 
with the custom developed script. 
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Figure S3.26: Histograms of the radii of measured droplets for the 250 nM two-
tile nanotubes in water-in-oil droplets experiment (Figure 3-3). Droplets were detected 
with the custom developed script. 
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Figure S3.27: Histograms of the radii of detected droplets for the 100 nM two-
tile nanotubes with 2.5% w/v PEG in water-in-oil droplets experiment (Figure 3-3). 
Droplets were detected with the custom developed script. 
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Figure S3.28: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with 1x gel-extracted RNA trigger in water-in-oil droplets experiment 
(Figure 3-4). Droplets were detected with the custom developed script. 
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Figure S3.29: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with 4x gel-extracted RNA trigger in water-in-oil droplets experiment 
(Figure 3-4). Droplets were detected with the custom developed script. 
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Figure S3.30: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 7.5 nM template/gene in 
water-in-oil droplets experiment (Figure 3-5). Droplets were detected with the custom 
developed script. 
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Figure S3.31: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 25 nM template/gene in 
water-in-oil droplets experiment (Figure 3-5). Droplets were detected with the custom 
developed script. 
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Figure S3.32: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 50 nM template/gene in 
water-in-oil droplets experiment (Figure 3-5). Droplets were detected with the custom 
developed script. 
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Figure S3.33: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 100 nM template/gene in 
water-in-oil droplets experiment (Figure 3-5). Droplets were detected with the custom 
developed script. 
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Figure S3.34: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 
0.025 U/µL RNase H in water-in-oil droplets experiment (Figure 3-6). Droplets were 
detected with the custom developed script. 
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Figure S3.35: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 
0.05 U/µL RNase H in water-in-oil droplets experiment (Figure 3-6). Droplets were 
detected with the custom developed script. 
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Figure S3.36: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 
0.075 U/µL RNase H in water-in-oil droplets experiment (Figure 3-6). Droplets were 
detected with the custom developed script. 
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Figure S3.37: Histograms of the radii of detected droplets for the DNA-RNA 
hybrid nanotubes with co-transcription of RNA trigger from 100 nM template/gene and 
0.1 U/µL RNase H in water-in-oil droplets experiment (Figure 3-6). Droplets were 
detected with the custom developed script. 
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Two-tile nanotubes in bulk 

 

Figure S3.38: Isothermal assembly of non-encapsulated two-tile DNA nanotubes at room 
temperature. Tiles were pre-annealed and mixed immediately before the start of the imaging 
experiment. (a, b, c) Representative temporal sequence of fluorescence microscopy images of 
two-tile nanotubes mixtures at 50, 100, and 250 nM concentration for each tile respectively. 
Fluorescence microscopy images were collected after diluting each sample to 50 nM each tile at 
the time of slide preparation. Scale bar: 10 µm. 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
Two-tile nanotubes in droplets for extended observations 
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Figure S3.39: Encapsulated nanotube polymerization through 72 hours after 
encapsulation. Fluorescence images depict two-tile nanotube design with 100 nM each tile with 
1x TAE buffer and 12.5 mM MgCl2. Beyond 24h, we do not observe any discernible change in 
the nanotube morphology. Scale bar: 80 µm. 

 

 

Autofluorescence of water-in-oil droplets without fluorescently labeled strands 
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Figure S3.40: Background fluorescence of two nanotube designs without attached 
fluorescent dye encapsulated in water-in-oil droplets. We imaged nanotubes without an 
attached fluorescent dye in water-in-oil droplets to check for autofluorescence of either the 
droplets or surrounding oil medium. (a) Brightfield and Cy3 filter images of water-in-oil droplets 
containing the two-tile design, 100 nM each strand without an attached fluorescently labeled dye 
with 1x TAE buffer and 12.5 mM MgCl2. (b) Brightfield and Cy3 filter images of water-in-oil 
droplets containing the hybrid design, 500 nM each strand without an attached fluorescent dye 
with 4 mM NTPs, 10 mM MgCl2, 100 nM gene template, 2.5% w/v PEG, 2.5% v/v RNAP in 1X 
TXN buffer. These experiments confirm that neither the droplets themselves nor the 
oil/surfactant medium are fluorescent. Scale bar: 80 µm. 
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Increased background fluorescence for increasing tile concentration in two-tile 

design experiments 

 

Figure S3.41: Comparison of the normalized pixel brightness values for different 
concentrations of two-tile nanotubes along a linear cross-section of a single droplet. a) 
Representative fluorescence microscopy images of a single droplet for each concentration of 
two-tile nanotubes reported in the main text at 0 and 24 hours. The yellow line indicates the 
linear segment for which normalized pixel brightness values are plotted in (b). The linear 
segment is the same length for all measurements. b) Normalized pixel brightness values along 
the length of the slice in (a) for 50, 100, 250 nM two-tile nanotubes at 0 and 24 hours. Pixel 
brightness values are normalized for each concentration and time point by subtracting the 
minimum brightness for that profile from each value such that the minimum brightness value for 
each profile is 0 arb.units. Scale bar: 20 µm. 
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Length measurement of nanotubes using two-dimensional contour projection 

 

 

Figure S3.42: Measuring the projected contour length of nanotubes at each time point 
for 100 and 250 nM two-tile nanotubes within a single droplet. Epifluorescence microscopy 
images are a two-dimensional projection of signals coming from the  focal plane, as well as 
planes above and below the focal plane. As a two-dimensional projection it is non-trivial, if not 
impossible, to determine the actual depth, angle, and length of observed nanotubes. 
Additionally, the number nanotubes which may be overlapping or intersecting are not 
distinguishable. For these droplets, we only measured each observable contour once, although 
the brightness and decreased curvature to the structures at 360 minutes onwards indicate there 
may be more than one nanotube along some contours. For these reasons, we believe contour 
measurement length to be misleading and non-comparable to previously reported nanotubes 
length measurements in bulk.2,11 a) Representative microscopy images of the droplets for which 
contours are measured. Images with measured contours marked in orange (100 nM) and red 
(250nM) lines. Contours are measured by hand in Fiji using linear segments as indicated in (a). 
b) The sum of length of measured contours over time within each droplet. The length for the 100 
nM sample is indicated by the light orange circles, while the 250 nM is indicated by the dark red 
crosses. In disagreement with both the model reported in this paper, and previous reports on 
nanotube assembly,2,10 the total contour length decreases rather than reaches steady-state at 
some maximum total length, further confirming that contour length is not an accurate method for 
quantifying nanotube assembly inside droplets. Scale bar: 20 µm. 
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Effect of DNase I on two-tile DNA nanotubes 

 

 

 

Figure S3.43: Encapsulation of DNase I in water-in-oil droplets. DNase I can inhibit 
growth of nanotubes by degrading the monomer tile made of DNA oligomers but DNase I 
cannot penetrate through water-in-oil droplets if added to the oil phase (a) Encapsulated DNA 
nanotubes were grown (two-tile nanotube design with 100 nM each tile with 1x TAE buffer and 
12.5 mM MgCl2) for 60 minutes. (b) 5μl of 1U/μl of DNase 1 to the oil phase to see if DNase can 
penetrate through the droplet but no change was observed in the morphology of nanotubes 
inside the droplets. (c) Control experiment where DNase was encapsulated with the tile mixture 
inside the droplets (two-tile nanotube design with 100 nM each tile with 1x TAE buffer and 12.5 
mM MgCl2 and 5μl of 1U/μl of DNase 1). DNase 1 successfully prevents any nanotube 
formation. Scale bar: 40 µm. 
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Computational modeling 

We built a series of deterministic models to illustrate the temporal dynamics of the 

following processes:  

1) tile assembly 

2) tile activation using a single stranded activator, also called trigger, and  

3) tile activation/deactivation using transcription of RNA trigger and degradation (mediated 

by RNase H) of DNA-RNA hybrid complexes.  

 

The models described here are derived based on models of tile assembly developed in 

(Zhang et al. 2013)11, and from models of transcriptional circuits developed in (Kim et al., 2006, 

Weitz et al. 2014)12,13. Both classes of models are deterministic ordinary differential equations 

(ODEs), that rely on the assumption that molecular species are at high concentration and 

stochastic effects can be neglected. Our encapsulated experiments satisfy this assumption, as all 

DNA species are present at concentration above 50 nM. For experiments including RNase H, 

partitioning noise may affect the system operation as RNase H is likely present only at few 

nanomolar concentration, but we focus on droplets with a diameter above 6 µm, which means 

more than 100 copies of the enzyme are present in each droplet. Deterministic ODEs are still 

suited to capture this scenario. 

The models we developed were not fitted to our data. The purpose of our modeling efforts 

is to illustrate our understanding of experimental behaviors observed in our experiments, not to 

recapitulate such behaviors quantitatively. To solve the ODEs via numerical integration, we 

adopted parameters provided in the literature. These parameters were identified in the cited 
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literature by fitting the models to data collected from experiments comparable to the ones 

described here, but not encapsulated in droplets.  

Tile assembly models 

Our goal is to model the fraction of tiles that are assembled into growing nanotubes. A 

simple ODE model that captures tile assembly into nanotubes was proposed and fitted to data by 

(Zhang et al. 2013)11.  

The model by Zhang et al. includes two reactions: 

Nucleation 

𝑛 ⋅ 	𝑇𝑖𝑙𝑒
>?@AB⎯D 	𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 

Elongation 

𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 + 𝑇𝑖𝑙𝑒
>JKL?MB⎯⎯⎯D 	𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 

 

Using the law of mass action, these reactions were mapped to two ODEs describing the 

temporal evolution of free tiles and nanotubes: 

𝑑	[𝑇𝑖𝑙𝑒]
𝑑𝑡 = 	−𝑛𝑘78R[𝑇𝑖𝑙𝑒]7 − 𝑘STU7V[𝑇𝑖𝑙𝑒][𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] 

𝑑	[𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒]
𝑑𝑡 = 	𝑛𝑘78R[𝑇𝑖𝑙𝑒]7 

Assuming the total tile concentration Ttot remains constant, the fraction of assembled tiles 

can be derived by subtracting the concentration of free tiles from Ttot. The model parameters, 

nucleation stoichiometry (n), nucleation rate parameter (knuc) and elongation rate parameter 

(kelong), were fitted and validated experimentally in Zhang et al. This model does not include 

depolymerization, which in practice reduces growth rate; also this model does not include 

(1) 
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nanotube joining (Ekani Nkodo et al. 2004, Mardanlou et al. 2018)13,14. Thus, it likely 

overestimates assembly rates and nanotube number. 

We adapted the Zhang model to a scenario in which two separate tile species interact to 

nucleate and then polymerize, however the kinetic parameters of the reactions are identical (for 

simplicity) for each species. Nucleation and elongation can only occur if both tile species are 

present. Adopting for consistency the same notation as in the Zhang models, we have: 

Nucleation: we assume that only half the number of tiles of each species are needed to 

achieve the nucleation stoichiometry n  

𝑛
2 ⋅ 𝑇𝑖𝑙𝑒	𝐴 +	

𝑛
2 ⋅ 𝑇𝑖𝑙𝑒	𝐵

>?@AB⎯D 	𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 

Elongation: Because we use a two-tile design in which tiles form a perpendicular ring 

pattern, we model nanotubes elongation using the same reaction assumed by Zhang for the 

single-tile design. However, we also assume on average half the nanotube population is growing 

a Tile A edge and the other half is growing a Tile B edge; this assumption is reflected in the ODE 

model (2) that follows. 

𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 + 𝑇𝑖𝑙𝑒	𝐴
>JKL?MB⎯⎯⎯D 	𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 

𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 + 𝑇𝑖𝑙𝑒	𝐵
>JKL?MB⎯⎯⎯D 	𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒 

Using the law of mass action, we derive the following ODEs: 

𝑑	[𝑇𝑖𝑙𝑒	𝐴]
𝑑𝑡 = 	

−𝑛
2 𝑘78R[𝑇𝑖𝑙𝑒	𝐴]

7
Z[𝑇𝑖𝑙𝑒	𝐵]

7
Z −

1
2𝑘STU7V

[𝑇𝑖𝑙𝑒	𝐴][𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] 

𝑑	[𝑇𝑖𝑙𝑒	𝐵]
𝑑𝑡 = 	

−𝑛
2 𝑘78R[𝑇𝑖𝑙𝑒	𝐴]

7
Z[𝑇𝑖𝑙𝑒	𝐵]

7
Z −

1
2𝑘STU7V

[𝑇𝑖𝑙𝑒	𝐵][𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] 

𝑑	[𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒]
𝑑𝑡 = 	𝑘78R[𝑇𝑖𝑙𝑒	𝐴]

7
Z[𝑇𝑖𝑙𝑒	𝐵]

7
Z 
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Adopting the parameters in Table S3.6, these ODEs were integrated numerically using 

MATLAB with a custom script implementing the Euler method with a step size of 0.1 s.  

We assumed the total concentration of each tile to be 50 nM, 100 nM or 250 nM (for 

consistency with the experiments in Figure 3 of the main text). The computed fraction of 

assembled tiles and the estimated number of nanotubes in a droplet of 3µm radius are shown in 

Fig. S3.38. This plots illustrates that the higher the tile concentration, the faster tiles are 

incorporated into nanotubes, and the faster nanotubes nucleate, reaching higher numbers.  

In our experiments monitoring assembly of nanotubes in droplets (Figure 3 of the main 

text) nanotubes appear to nucleate at higher tile concentration in agreement with the predictions 

of this simple model. However the droplet brightness suggests that a large number of tiles may 

remain unpolymerized beyond 2-3 hours, suggesting that depolymerization may be a non-

negligible reaction. Unlike the predicted fraction of assembled tiles, skewness appears to increase 

faster at lower concentrations, likely due to the high fluorescence background at high tile 

concentrations.  
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Figure S3.44: Predicted fraction of assembled tiles and number of nanotubes 
in a droplet of 3µm radius using the developed model. Simulation parameters are 
listed in Table S3.6.  

 

Model capturing transcription of RNA and RNA-mediated tile activation and 

assembly 

We now derive a simple model for activation of tiles through an RNA molecule that is 

transcribed by a synthetic gene. 

First, activation of tiles can be modeled with the macroscopic chemical reaction: 

𝑅𝑁𝐴]^6VVS^ + 𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒
>abcB⎯D 	𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒 

Next, we assume the system includes a constant amount of synthetic gene, or template, 

that produces RNA trigger, which we denote TRNA. RNA polymerase binds to the template and 

produces RNA trigger according to the following steps:  

𝑅𝑁𝐴𝑃 + 𝑇efg
>h
⇔
>4
	𝑅𝑁𝐴𝑃 ⋅ 𝑇efg

jkba,mn	B⎯⎯⎯⎯⎯D 	𝑅𝑁𝐴]^6VVS^ + 𝑅𝑁𝐴𝑃 + 𝑇efg 

We further assume that RNAP loses activity according to a first order reaction: 

𝑅𝑁𝐴𝑃
>KLooB⎯D 	0 
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Because in our experiments we used the Ampliscribe Flash transcription kit that 

recommends 4 hour incubation, we assumed kloss to be 0.00019/s which corresponds to a loss of 

more than 50% activity in four hours of reaction. 

Active tiles nucleate and contribute to nanotube elongation according to model (1). The 

additional ODEs for RNA production and tile activation are derived using the law of mass action:  

 

 

𝑑	[𝑇efg]
𝑑𝑡 = 	𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] + 𝑘4	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘h[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] 

𝑑[𝑅𝑁𝐴t^6VVS^]
𝑑𝑡 = 𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘]g3[𝑅𝑁𝐴]^6VVS^][𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] 

𝑑	[𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]
𝑑𝑡 = −𝑘]g3[𝑅𝑁𝐴]^6VVS^][𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] 

𝑑	[𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]
𝑑𝑡 = 𝑘]g3[𝑅𝑁𝐴]^6VVS^][𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] 

 

𝑑	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg]
𝑑𝑡 = 	−𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘4[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] + 𝑘h[𝑅𝑁𝐴𝑃][𝑇efg] 

 

𝑑	[𝑅𝑁𝐴𝑃]
𝑑𝑡 = 	𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] + 𝑘4[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘h[𝑅𝑁𝐴𝑃][𝑇efg]

− 𝑘TUuu[𝑅𝑁𝐴𝑃] 

 

 

(3) 

These equations were numerically integrated with custom MATLAB scripts, using the 

parameters in Table S3.6. 
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The manufacturer did not provide information about the estimated concentration RNAP 

batch we used in our experiments. To estimate the RNAP amount based on the volume we used 

in the encapsulated reactions (2.5% v/v of the transcription and tile mix), we reasoned that the 

transcription kits we used were optimized for rapid yield, like kits adopted in previous research on 

transcriptional circuits (Weitz et al. 2014)13. Thus, we assumed that the stock concentration of our 

enzyme should be in the range of 3-4µM (Weitz et al. 2014)13. Remaining consistent with the 218 

nM concentration of RNAP estimated in (Weitz et al. 2014)13 for experiments that used a 10% 

(v/v) RNAP, we assumed the RNAP concentration to be 54 nM.  

Figure S3.45 shows the fraction of assembled tiles computed using model (3). This 

simulation illustrates that tile assembly proceeds more rapidly when a higher template 

concentration is used. At low template concentrations, assembly proceeds more slowly and 

settles to a low equilibrium level due to the assumption that RNAP loses activity and becomes 

inactive after a period of time. 
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Figure S3.45: Illustrative simulation obtained using the developed model for the 
temporal evolution of the fraction of assembled tiles from synthetic gene template. 
Using equation in (3) the concentration of the synthetic gene template is varied 
between 7.5 and 100 nM. This plot is also reported in Figure 5 of the main text. 
Simulation parameters are listed in Table S3.6.  

 

Model capturing transcription and degradation of RNA and RNA-mediated tile 

activation and assembly 

We model the effects of RNase H by assuming that active tiles, assembled tiles, and 

nucleated nanotubes are degraded and revert to inactive tiles, with a net consumption of RNA.  

These processes are modeled through the following reactions:  

𝑅𝑁𝑎𝑠𝑒	𝐻 + 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒
>4,x
yz{
>h,x

	𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒
jkba,|B⎯⎯⎯D 	𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒 + 𝑅𝑁𝑎𝑠𝑒	𝐻	 

𝑅𝑁𝑎𝑠𝑒	𝐻 + 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒
>4,x
yz{
>h,x

	𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒
jkba,|B⎯⎯⎯D 	𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒 + 𝑅𝑁𝑎𝑠𝑒	𝐻	 

𝑅𝑁𝑎𝑠𝑒	𝐻 + 𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒
>4,x
yz{
>h,x

	𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒
jkba,|B⎯⎯⎯D 	𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒 + 𝑅𝑁𝑎𝑠𝑒	𝐻	 
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Using conservation of mass for the tiles, the concentration of the Assembled Tile species 

can be found as:  

𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒

= [𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]} − [𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] − [𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] − [𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]

− [𝑁𝑢𝑐𝑙𝑒𝑢𝑠] − [𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑢𝑐𝑙𝑒𝑢𝑠] − [𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒] 

 

Using the law of mass action, we can then find the following 11 ODEs: 

 (

4) 

𝑑	[𝑇efg]
𝑑𝑡 = 	𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] + 𝑘4	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘h[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] 

𝑑[𝑅𝑁𝐴t^6VVS^]
𝑑𝑡 = 𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘g3[𝑅𝑁𝐴]^6VVS^][𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] 

𝑑	[𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]
𝑑𝑡

= −𝑘g3~𝑅𝑁𝐴]^6VVS^�[𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] + 𝐾rg],x 	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]

+ 𝐾rg],x 	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] + 𝐾rg],x 	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒]	 

𝑑	[𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]
𝑑𝑡 = 𝑘g3~𝑅𝑁𝐴]^6VVS^�[𝐼𝑛𝑎𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] + 𝑘4,x [𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]

− 𝑛𝑘78R[𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]7 − 𝑘h,x 	[𝑅𝑁𝑎𝑠𝑒	𝐻][𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]

− 𝑘STU7V[𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒][𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] 

 

𝑑	[𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒]
𝑑𝑡 = 𝑛𝑘78R[𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]7 − 𝑘h,x [𝑅𝑁𝑎𝑠𝑒	𝐻][𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] + 𝑘4,x [𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] 
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𝑑	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]
𝑑𝑡

= 𝑘h,x[𝑅𝑁𝑎𝑠𝑒	𝐻][𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] −	𝑘4x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] − 𝐾rg],x	[𝑅𝑁𝑎𝑠𝑒	𝐻

⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] 

𝑑	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒]
𝑑𝑡

= 𝑘h,x[𝑅𝑁𝑎𝑠𝑒	𝐻][𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] −	𝑘4x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] − 𝐾rg],x	[𝑅𝑁𝑎𝑠𝑒	𝐻

⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] 

𝑑	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒]
𝑑𝑡

= 𝑘h,x[𝑅𝑁𝑎𝑠𝑒	𝐻][𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒] −	𝑘4x[𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒]

− 𝐾rg],x	[𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒] 

𝑑[𝑅𝑁𝑎𝑠𝑒	𝐻]
𝑑𝑡 = 𝐾rg],x	[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒] + 𝐾rg],x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒]

+ 𝐾rg],x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒] + 𝑘4,x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒]

+ 𝑘4,x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] + 𝑘4,x[𝑅𝑁𝑎𝑠𝑒	𝐻 ⋅ 𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]

− 𝑘h,x[𝑅𝑁𝑎𝑠𝑒	𝐻][𝐴𝑠𝑠𝑒𝑚𝑏𝑙𝑒𝑑	𝑇𝑖𝑙𝑒] − 𝑘h,x[𝑅𝑁𝑎𝑠𝑒	𝐻][𝑁𝑎𝑛𝑜𝑡𝑢𝑏𝑒] 	

− 𝑘h,x[𝑅𝑁𝑎𝑠𝑒	𝐻][𝐴𝑐𝑡𝑖𝑣𝑒	𝑇𝑖𝑙𝑒]	 

 

𝑑	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg]
𝑑𝑡 = 	−𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘4[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] + 𝑘h[𝑅𝑁𝐴𝑃][𝑇efg] 

 

𝑑	[𝑅𝑁𝐴𝑃]
𝑑𝑡 = 	𝐾rg],sf 	[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] + 𝑘4[𝑅𝑁𝐴𝑃 ⋅ 𝑇efg] − 𝑘h[𝑅𝑁𝐴𝑃][𝑇efg] − 𝑘TUuu[𝑅𝑁𝐴𝑃] 
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Model (4) was integrated numerically using custom MATLAB scripts, and using the 

parameters in Table S3.6. For consistency we assumed 54 nM RNAP concentration, the same 

value used to generate Fig. S3.39. Because we were not able to obtain from the manufacturer 

the estimated stock concentration of RNase H, we estimated a plausible RNase concentration 

using the estimates for a similar product reported in  (Weitz et al, 2014)12. Our reasoning relies 

on the assumption that for practical purposes the RNase H activity/units is comparable between 

Promega RNase H (this project) and Ambion RNase H (Weitz et al.), although their definition is 

not the same. For the Weitz paper, based on their estimate of stock concentration, RNase H 

volume added to the aqueous phase, and vendors’ units per microliter of the stock, we estimated 

that 0.015 units/µl correspond to 1 nM RNase H concentration. Thus, for these simulations, we 

estimate that a 0.025 units/µl RNase H amount corresponds to a concentration of 1.6 nM, 0.05 

units/µl correspond to 3.2 nM and so on. 
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Fig. S3.46: Illustrative simulation showing the transient pulse predicted by the 
simulated fraction of assembled tiles, as the concentration of RNase H is varied. This 
plot is also reported in Fig. 6 of the main text.  
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Para
meter 

Value and 
units 

 Reference Range (literature) 

kA 6.96 x 
104/M/s 

Kim et al., 
200612, Zhang et 
al, 201311 

104-107 

k-, H 0.125 /M/s    Weitz et 
al., 201413 

0.01 

k+, H 7.13 x 
105/M/s  

  Weitz et 
al., 201413 

105 - 107 

KCAT

, H 
0.552 /s    Weitz et 

al., 201413 
0.01 - 1  

n 2.5    Zhang et 
al. 201416 

N/A 

knuc 2.0 x 105 
/M/s  

  Zhang et 
al. 201311 

N/A 

kelon

g 
3.4 x 

106 /M/s  
  Zhang et 

al. 201311 
N/A 

k+ 1.9 x 105 
/M/s  

  Weitz et 
al., 201413 

N/A 

k- 0.0446 /M/s    Weitz et 
al., 201413 

N/A 

KCAT

, ON 
0.0186 /M/s    Weitz et 

al., 201413 
N/A 

kloss 0.00019/s   

Table S3.6: Parameters used in computational simulations.6  
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4 Conclusion and Future Work 

4.1 Conclusion 

This work contributes to the ever growing scientific literature which attempts to 

understand how to build, control and improve nucleotide assemblies and program their 

interaction with their environment. Overall this thesis attempts to develop nucleotide filaments 

as the foundation for a synthetic cytoskeletal system.  

Chapter 1 specifically focusses on the development of DNA monomers which respond to 

specific RNA trigger molecules in order to get activated, similar to trigger activation of some 

cytoskeletal filaments inside biological cells.1 In this system RNA serves as a fuel that enables 

the assembly of nanoscale tiles into micrometer sized nanotubes. More importantly, we 

demonstrated that the kinetics assembly and disassembly of our DNA-RNA nanotubes can be 

controlled isothermally by managing the enzymatic production and degradation of RNA 

activating the tiles; this can be done by using molecular circuits whose outputs are RNA 

molecules with programmable concentration kinetics. An important feature of this system is its 

ability to operate isothermally at 37ºC, which makes it potentially useful for biological 

applications.1 

Chapter 2 contributes towards testing the ability of theoretical models to describe end-to-

end joining rates in DNA nanotube systems.2 We experimentally characterized the length-

dependence of the end-to-end joining rate of DNA nanotubes by measuring the lengths of 

nanotubes before and after joining at different times during the joining process. We tested the 

ability of the Hariadi model3 for end-to-end joining rate to reproduce the experimental length 

data using an ODE model of nanotube joining. 
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Chapter 3 provides insights in the reconstitution of DNA or DNA-RNA hybrid assemblies 

in cell sized compartments.4 This includes DNA nanotubes as a self-assembling scaffold and 

transcriptional processes to control nanotube assembly and disassembly. We develop a variety 

of assays for encapsulating DNA nanotubes in cell-sized, water-in-oil droplets, highlighting that 

multiple nanotube species can be assembled and can coexist. We employ two distinct nanotube 

designs to control the start of assembly, and characterize the kinetics of polymerization inside 

compartments using quantitative statistical analysis. By implementing a DNA-RNA hybrid 

nanotube design, we demonstrate enzyme-mediated control of assembly and disassembly that 

yields transient presence of nanotubes inside compartments. The density of assembled 

nanotubes, as well as their lifetime in the droplets, are tunable properties of this system. The 

methods and components characterized here are a first step toward the bottom-up development 

of NA cytoskeletal mimics for synthetic minimal cells.4  

 

4.2 Future Work 

Engineering nanomaterials has been one of the key challenges of the past few decades. 

Although we have been using nanoscale materials for hundreds of years without realizing it, for 

example stained glasses in medieval churches have been made using nanoscale gold or silver 

particles, modern science have been attempting to find different ways to deliberately make 

nanomaterials to utilize their enhanced properties such as lighter weight, higher strength or 

greater chemical reactivity.5 Recent advances in the top-down manufacturing, especially by the 

semiconductor industry has given us a variety of complex nanopatterns, but they still are costly  

and difficult to generate.6 As an alternative, DNA nanotechnology has emerged as a reliable 

method to rationally design and build nanomaterials through bottom up self-assembly.6 There 
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are some feasible directions that we can envision as a result of the work presented in this 

thesis.  

From the results of Chapter 1, we could expand the hybrid DNA-RNA nanotube system 

to perform multiple rounds of operation reliably which is a desirable feature of synthetic 

molecular machines. These nanotubes could also be functionalized with protein binding 

domains or small RNA molecules with therapeutic properties (siRNA, microRNA or antisense 

RNA)7,8. Hybrid DNA-RNA nanotubes are thus a good candidate to be used together with 

synthetic biochemical networks in natural and artificial cells, and have potential to serve as a 

model system in engineering nano-machines operating out of equilibrium.  

The results in Chapters 2 provide a direction for further development and testing of the 

theory behind multicomponent self-assembly of finite sized structures. It will be useful to build a 

model that has the ability to capture nanotube population dynamics, in a number of different 

reaction conditions. Future research would focus on modelling nanotube length distributions 

where tiles are activated or deactivated over time by DNA or RNA species released by 

upstream dynamic circuits.1  A detailed numerical sensitivity analysis will be useful to clarify the 

influence of individual processes (nucleation, polymerization/depolymerization, fragmentation 

and joining) on the kinetics and steady states of the length distributions, in particular considering 

different concentration regimes and alternative reaction mechanisms.9, 10 

 

The results in Chapters 3 points to the potential application of NA nanostructures as a 

rich toolkit for generating complex scaffolding components in artificial cells. Our demonstration 

could be immediately expanded to include multiple filamentous scaffolds to spatially organize 

distinct organic or inorganic ligands, and each scaffold may be individually controlled by distinct 

synthetic genes or circuits.11 Further, NA nanotubes could be organized in higher-order 
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structures using other types of assemblies such as DNA origami.12 Finally, because NA scaffold 

assembly can be regulated by complex synthetic gene networks and strand displacement 

reactions within compartments, the coordination of multi-compartment behavior through 

diffusing molecules could open up exciting opportunities to build artificial tissues with 

programmable development and patterning.13,14 
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