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Abstract

Mapping Complex Protein Energy Landscapes with Covalent Labeling Methods

by

Shawn M. Costello

Doctor of Philosophy in Biophysics

University of California, Berkeley

Professor Susan Marqusee, Chair

Proteins are large, complex macromolecules that play a wide variety of essential roles in living
organisms. It has long been appreciated that the amino acid sequence of a protein encodes its
three-dimensional structure, which is essential for biological function. It is becoming
increasingly appreciated that protein structure is not static; proteins are dynamic molecules,
occupying many conformations with varying populations on a broad range of timescales. This
conformational ensemble can be thought of as an energy landscape, and be described using the
language of kinetics and thermodynamics. To truly understand how proteins execute their broad
set of functions we need to understand how these energy landscapes are encoded by protein
sequence, how they determine protein function, and how they are influenced by biological
environments.

Covalent labeling methods are ideal tools for answering these questions, as the chemical details
of different covalent labeling reactions make them sensitive to protein structure, stability, and
dynamics, and the temporal separation between labeling and detection facilitates the use of these
methods on complex mixtures of proteins and other macromolecules. In this work, I use multiple
covalent labeling methods to map the details of protein energy landscapes. First, I provide a
background on protein conformational ensembles, their timescales, and on the covalent labeling
methods used in this work. Second, I discuss my developments using a combination of hydroxyl
radical footprinting mass spectrometry (HRF-MS) and chemical denaturation to extend our
ability to measure protein global thermodynamic stability to a broader range of proteins and
solution conditions. Third, I report on our use of hydrogen-deuterium exchange mass
spectrometry (HDX-MS) to describe previously unknown conformational heterogeneity of the
SARS-CoV-2 spike protein and detail how this heterogeneity is modulated by temperature,
sequence, receptor binding, and interaction with antibodies. Finally, I describe work using a
combination of labeling methods including HDX/MS, thiol labeling, and active site labeling to
determine how the folding trajectory of the protein HaloTag is altered by translation. Lastly, I
explain early efforts to extend these approaches to obtain more detailed structural information on
the folding of proteins during translation.
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Chapter 1

Introduction

The bulk of this dissertation consists of biophysical studies leveraging covalent labeling methods
to understand protein folding, stability, and dynamics. The following introduction serves to
provide a brief background of the protein folding field, the motivation for this work, and to help
those not in the field better appreciate the details presented in the following chapters.

1.1 Explaining protein function with conformational ensembles

Proteins are life’s primary tool for biological function — with the capability of catalyzing
chemical transformations, providing cellular structure, and communicating and receiving signals,
amongst many other tasks. Proteins accomplish this wide variety of functions despite all being
linear polymers of the same set of 20 of amino acids. Each protein is defined by its specific
sequence of amino acids. Understanding how this linear sequence of amino acids can encode
such diverse functions has been a central goal of biology for the last half-century. Recently, great
strides have been made in our ability to predict a three-dimensional structure for a given protein
sequence.1,2 While protein structure is highly informative, knowing this single structure for a
protein is not sufficient to understand its mechanism of function. Proteins are not static
structures, but highly dynamic molecules, sampling many conformations, with varying stability,
on various timescales (Fig. 1-1). This conformational ensemble ultimately dictates protein
function — fluctuations in enzymes are essential for substrate binding, catalysis, and product
release; allosteric communication relies upon selective stabilization of conformations within the
ensemble as the result of binding of a ligand; transitions to unfolded and partially folded states
dictate the turnover rate of proteins by cellular quality control machinery, etc.3,4 Perturbations to
proteins, such as the binding of a metabolite, change in environmental conditions, or the
introduction of disease-causing missense mutations, do not just affect a protein’s structure; they
affect the relative energetics of these conformations and the rates of interconversion between
them. In other words, perturbations alter protein energy landscapes in complex ways. If we truly
want to predict protein function from the sequence alone, we must understand protein energy
landscapes at this mechanistic level.
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Figure 1-1. Protein energy landscape. A reaction coordinate (x-axis) depicting the energy (z-axis) of various
conformational states. The population of each state is determined by the relative energy of its well, and the rate of
transitioning between states is determined by the heights of barriers between wells. Folding and aggregation flux are
controlled by kinetic barriers. Biological function frequently relies on transitions between conformations. Functional
conformational states typically have conformational substates, represented by the smaller wells within each larger
well. Structural tools typically report only on one conformation.

1.1.1 Complex solution conditions (e.g., Translation)

Protein energy landscapes are sensitive to the physicochemical environment; conformational
ensembles are sensitive to, for example, temperature, pH, and pressure.5–7 In many cases, this
response is leveraged by cells, allowing organisms to sense and respond to these stimuli.8–10

Many other qualities of biological environments perturb protein energy landscapes. The cellular
interior is highly crowded with other macromolecules in addition to small molecules, ions, and
metabolites, many of which are known to interact with proteins and affect their conformational
ensembles.11,12 Also, biological environments are not at equilibrium, the abundance of these
molecules can change over time, and proteins are constantly being created by translating
ribosomes and destroyed by the cellular quality control machinery.13 This non-equilibrium nature
means that many proteins do not exhaustively sample their entire energy landscapes but can be
kinetically trapped in conformations or prevented from accessing certain states by cellular
folding machinery.14–16

One fascinating difference between protein folding in the cell compared to proteins studied in
isolation in a test tube is the potential for folding during translation by the ribosome. All proteins
are synthesized by ribosomes, which decode messenger RNA to synthesize nascent proteins one
amino acid at a time. This process is relatively slow, occurring at around 1-20 amino acids per
second, meaning the complete translation of a typical protein can take up to several minutes.17
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Proteins begin to fold and interact with the cellular machinery during this process.18 The varied
physicochemical environments experienced by proteins and the sensitivity of protein energy
landscapes to the physicochemical environment emphasize the importance of studying proteins
in as native an environment as possible.

1.1.2 Limitations of existing approaches

The limitations of existing methods have constrained our understanding of protein energy
landscapes. Ideally, we would be able to probe the energy landscape for any given protein in its
native cellular environment. Traditional methods, like circular dichroism (CD) or tryptophan
fluorescence, require large quantities of protein at micromolar concentrations, challenging for
many, if not most, proteins. Additionally, traditional methods often require high purity. In the
case of spectroscopic methods, all biomolecules in a sample produce a signal, making it
impossible to specifically monitor a protein of interest within a more complex mixture. Lastly,
for rigorous thermodynamic characterization, proteins must fold and unfold reversibly and
ideally are two-state (only occupy a folded and unfolded confirmation, without any populated
partially folded conformations). As a result, most understanding of protein energy landscapes
comes from studies of a small subset of proteins that tend to be smaller than the average protein
and are much more likely to be monomeric, cytosolic, and water-soluble.19 The complexity of
biological systems and the limitations of existing approaches demands the development of new
methodologies if we are to understand protein energy landscapes in their native environments.

1.2 Covalent labeling approaches

Covalent labeling methods have several advantages over traditional spectroscopic methods. A
key advantage is a temporal separation of “encoding” and “reading” structural information. For
example, in the case of tryptophan fluorescence, the information is “encoded” by the absorbance
of light and “read out” as the emission of a different wavelength of light. In this example, and in
most spectroscopic experiments in general, the information is encoded and read essentially
instantaneously. For covalent labeling methods (specific methods discussed in further detail
below), the information is “encoded” by a covalent modification, which is stable for minutes to
hours or even longer after the experiment, allowing the experimenter to “read out” the
information at a later time.

The long timescale between the “encoding” and “reading” provides multiple benefits. The
primary benefit is that the protein of interest can be separated from complex mixtures of
biomolecules, greatly relaxing the purity constraints from traditional spectroscopic methods.
Additionally, the “reading” of the encoded information can be done by many methods that detect
molecules with high sensitivity but are not amenable to native solution conditions (i.e. aqueous,
neutral pH, moderate ionic strength, etc.). This increased sensitivity greatly relaxes the quantity
of sample needed to perform a single measurement, and removing the requirement for native
solution conditions expands the repertoire of physical methods that can be applied. The most
frequently used method for covalent labeling studies of proteins is reversed-phase liquid
chromatography coupled to mass spectrometry (LC/MS). Reversed-phase LC/MS involves
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separating mixtures of biomolecules under acidic conditions on a hydrophobic column with
increasing amounts of organic solvent, followed by ionization/desolvation into the gas phase and
detection by a variety of mass detectors. Frequently, in LC/MS, proteins are first digested into
fragments (i.e., peptides), providing local rather than global information. This process of
digesting proteins into peptides and analyzing these fragments by mass spectrometry is called
“bottom-up” mass spectrometry.20 Local information can also be obtained by performing what is
called “top-down” mass spectrometry on intact proteins, fragmenting them within the mass
spectrometer, and analyzing the mass of the resulting fragments.21,22 Which approach is best
depends on the particular experimental question, whether the sample is amenable to one or the
other approach, and what instrumentation is available. The ability to obtain local structural
information is essential for studying larger non-two-state proteins with more complex energy
landscapes. Many covalent labeling methods exist, each with its own accessible questions and
logistical idiosyncrasies. In this thesis, I will discuss three: hydrogen-deuterium exchange,
hydroxyl-radical footprinting, and generalizable protein-ligand binding. However, before
discussing what is unique to each of these methods, it is helpful to begin by discussing the
kinetic theories and assumptions that are shared between them.

1.2.1 Theory of chemical labeling

The theoretical framework for interpreting covalent labeling experiments is generalizable, despite
the chemistry for different covalent labeling reactions varying dramatically. This framework, first
developed by Linderstrøm-Lang and colleagues for the interpretation of backbone hydrogen
exchange within proteins, categorizes a reactive site in a particular conformation of a protein as
either “open” or “closed” where the open state is accessible and capable of reacting with the
chemical modifying agent, and the closed state is not (Fig. 1-2).23–28 Like all models, this
framework is a clear simplification, yet it is sufficient for describing most cases. The fundamental
assumption that a site within a protein can be described by an “open” accessible state and a
“closed” inaccessible state is biophysically consistent with our understanding of globular
proteins. Globular proteins are folded into a well-defined structure, with hydrophobic residues in
well-packed cores that are inaccessible to solvent, and with a large fraction of backbone amide
groups engaged in hydrogen bonds forming secondary structures. While buried or engaged in
hydrogen bonds, these residues or backbone functional groups are sterically unable to react with
covalent modifying agents. However, as proteins are dynamic, occupying many conformations
with varying populations, even buried residues or hydrogen bonds will transiently open and
become exposed to solvent, allowing for labeling.29–31
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Figure 1-2. Kinetic scheme for covalent labeling. Assuming there is an open and closed state in equilibrium,
where only the open state is capable of reacting with the label, one can derive expressions relating the observed rate
of labeling to the rate constants in this kinetic scheme. Under different kinetic regimes described on the left,
expressions simplify to report on either the energetics or kinetics of the opening reaction.

Using this simple framework, one can derive expressions relating the observed rate (kobserved) of
modification to the rates of conformational interconversion (kopen and kclose), and the “intrinsic”
rates describing the chemistry or reactivity of completely accessible modification sites (kintrinsic,
also frequently referred to as kchemical) (Fig. 1-2). Importantly, the terms in this expression, kopen,
and kclose, are quantitative, physical descriptions of the protein conformational ensemble. Each
rate constant describes the dynamics of a conformational change, and the ratio (kopen/kclose)
describes the equilibrium populations (Kopen) which is directly related to the free energy of that
conformational change (∆G = -RTln(Kopen)). This derived expression assumes that kopen is much
smaller than kclose (Fig. 1-2). This is equivalent to saying that the closed state must be
thermodynamically favored (more populated at equilibrium) than the open state. Again, since
folded proteins are generally stable with a large energetic gap between any other accessible
conformations, this assumption is generally valid (with many exceptions that are not discussed in
this work).

The expression defined in Figure 1-2 is complex, and the exact determination of the parameters
of interest (kclose, kopen, Kopen) from kobserved is not trivial. However, there are several kinetic regimes
that simplify this expression. If the kintrinsic is much slower than kclose, then the observed rate will
depend on the equilibrium populations of the so-called closed and open states and the intrinsic
rate (kobserved= Kopen*kintrinsic) (Fig. 1-2). This behavior is frequently referred to as EX2
behavior.28,32,33 If, instead, kintrinsic is very fast, much faster than kclose, then the observed rate will
simply be the rate of transitioning to the open state (kobserved= kclose) (Fig. 1-2). This behavior is
frequently referred to as EX1 behavior.28,32–35 Both regimes are informative; in EX2, when the
timescales of labeling are much slower than conformational changes, the modification rates
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report on the equilibrium properties of the conformational ensemble, and in EX1, when labeling
is much faster than conformational changes, the modification rates depend on the kinetic or
structural properties of the ensemble. Whether a protein falls into one regime or another depends
on the specific protein, the solution conditions, and on the chemistry of the labeling method.

1.2.2 Continuous vs. pulsed labeling

There are two general categories of labeling experiments, referred to as “continuous labeling”
and “pulsed labeling.” Continuous labeling experiments involve initiating the labeling reaction
and monitoring the degree or fraction of molecules labeled over time. From these experiments,
under the kinetic regimes described above, one can learn about the dynamics (kopen) or energetics
(Kopen) of the system (Fig. 1-2). Often, the experiment is repeated under different conditions,
typically the addition of a ligand or introduction of a mutation, to see how these physical
parameters change, providing insight into the mechanism of action, and structural changes, for a
given perturbation.33,36–38

Pulsed-labeling experiments involve the selection of a short timescale pulse for the covalent
labeling reaction, and then carrying out this pulse as a function of some other variable, often the
time course of a reaction.33,39 While the kinetics of labeling explained above still apply, typically
the goal of these experiments is not to determine any parameters relating to the labeling reaction
itself, but to provide structural and mechanistic insight into the reaction being probed. For
example, one could monitor the formation of structural elements during protein folding by first
initiating refolding (typically by dilution from chemical denaturant) and then applying a short
pulse of labeling after different refolding durations.40–48 This experiment requires that the pulse
length be much shorter than the rate of the reaction of interest. In the case of the refolding of
RNase H, which occurs on the second timescale, a hydrogen exchange pulse length of 10
milliseconds was used, whereas, for the conformational change in influenza hemagglutinin,
which occurs in minutes, a hydrogen exchange pulse length of 10 seconds was used.40,49
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Figure 1-3. Two main categories of kinetic labeling experiments. In continuous labeling, the labeling reaction is
initiated and the degree of labeling is monitored over time, typically by quenching after various times and measuring
the degree of labeling at each time point. In pulsed labeling, a reaction is initiated, and at various times during that
reaction, a short pulse of labeling is performed, followed by quenching and measurement of the degree of labeling.

1.2.3 Hydrogen deuterium exchange

Hydrogen Deuterium Exchange (HDX) is a method that reports on the solvent accessibility and
stability of backbone hydrogen bonds in proteins (Fig. 1-3). Protein secondary structures, such as
alpha helices and beta-sheets, are defined by specific patterns of backbone-backbone hydrogen
bonds. These non-covalent bonds are between the carbonyl oxygen of one peptide bond and the
amide hydrogen of another. Although the amide hydrogen is covalently attached to the amide
nitrogen, it is labile, meaning it can dissociate as a free proton and be replaced with another
proton from the aqueous solvent. This exchange reaction can be catalyzed, with varying
efficiencies, by acid (H+), base (OH-), or water (H2O), making the exchange reaction sensitive to
pH. The intrinsic rate (kintrinsic) of the exchange reaction depends on the pH and the amino acid
side chains from the adjacent residues. These intrinsic exchange rates have been thoroughly
characterized as a function of pH, temperature, and ionic strength.50–53 As described above, in the
context of a structured protein, this exchange reaction can be slowed dramatically due to the
inability for exchange when the amide hydrogen is engaged in a hydrogen bond or when that
hydrogen is not exposed to the solvent (the so-called ‘closed’ conformation, see above). As a
result, the observed exchange rate depends on sampling conformations where that specific amide
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hydrogen is exposed to solvent and not engaged in a protein-protein hydrogen bond (see
Linderstrøm-Lang formalism described in section 1.2.1).

The two primary methods for monitoring deuterium uptake during an HDX experiment are
nuclear magnetic resonance (NMR) spectroscopy and mass spectrometry (MS). In HDX-NMR,
usually a heteronuclear single quantum coherence spectroscopy (HSQC) experiment is used
since each amide nitrogen-hydrogen pair produces a unique peak in a two-dimensional
spectrum.54,55 Since this NMR experiment detects hydrogen and not deuterium, the HDX reaction
results in a loss of intensity of this peak. Therefore, the observed exchange rate is calculated by
monitoring the peak intensity (or volume) for each amide over exchange time. The primary
advantage of this method is that, under ideal conditions, each amide produces a unique signal so
that each site can be monitored independently. However, this also requires knowledge of the
assignment of each peak in the HSQC spectrum. Large proteins are more challenging due to
increased spectral crowding and slower tumbling in solution. Practically, this limits HDX-NMR
to proteins smaller than 35 kDa. NMR detection also has a limited range of viable solution
conditions and protein concentrations. For these reasons, MS has become a primary method for
monitoring HDX.

In an HDX-MS experiment, after the exchange reaction, samples at each exchange time are
quenched by reducing the pH and temperature. Typically, proteins are then digested into
fragments (peptides) under quenched conditions with an acid-active protease, separated by
reversed-phase liquid chromatography (RPLC), ionized, and injected into a mass spectrometer
where the mass-to-charge ratio for each peptide is measured. Since deuterium is one Dalton
heavier than hydrogen, the average mass of the peptide is directly related to the number of
hydrogens exchanged for deuterium. The primary advantage of this method is that it is more
amenable to larger proteins or mixtures of proteins. However, this is at the expense of
site-specific resolution. MS monitors the mass increase of a peptide containing multiple amides,
making the resulting deuteration time course a sum of the individual exchange rates within that
peptide. A high degree of overlap between the observed peptides sometimes allows for
calculating individual rates, but achieving the necessary degree of overlap in practice is
rare.40,56–58 Recent advances in top-down HDX-MS allow for site resolved measures of
deuteration, although there are many limitations as to which proteins are amenable. Despite this,
the information provided by individual peptides is still local and, therefore, sufficient for many
experimental questions.22,59 Also, compared to HDX-NMR, HDX-MS requires less total sample
and is easier to perform at lower concentrations, further increasing the types of protein systems
amenable to HDX.
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Figure 1-4. Mechanism and workflow for HDX. (A) Backbone hydrogen exchange reaction show for a generic
protein backbone (side chains represented as R groups. Amide hydrogens are labile and when exposed to deuterated
water (D2O) will be replaced with deuterium. (B) Protein ribbon diagram with insets showing backbone amide
hydrogen bonding in beta sheets (left) and alpha helices (right). (C) Workflow for continuous labeling HDX-MS.
Protonated proteins are diluted in D2O (1). After varying labeling times samples are quenched and proteins digested
(2). Peptide mass distributions are then measured by LC/MS (3).

1.2.4 Hydroxyl Radical Footprinting

Hydroxyl radical footprinting (HRF) is a covalent labeling method that reports on the solvent
accessibility of amino acid side chains within a protein (Fig. 1-4).60 Hydroxyl radicals are highly
reactive molecules and, when mixed with protein samples, will rapidly react with amino acid side
chains.61 The reaction chemistry with different side chains is highly variable; the most common
outcome is the net addition of a single oxygen atom, resulting in a mass increase of 16 daltons,
though other mass additions or losses are observed to a lesser extent.61 The relative reactivities of
the 20 canonical amino acids and the types of the resulting modifications have been characterized
in detail.60 The critical aspect of this experiment that makes it useful as a structural tool is that the
hydroxyl radicals are of similar size to water molecules and are water-soluble. As a result, the
observed modification rates of individual side chains relate to their solvent accessibility.62 HRF
has been effectively used to study protein-ligand binding, protein-protein interactions, and
protein conformational changes.63–65

9

https://paperpile.com/c/iiU5Ku/Lhns
https://paperpile.com/c/iiU5Ku/jiLb
https://paperpile.com/c/iiU5Ku/jiLb
https://paperpile.com/c/iiU5Ku/Lhns
https://paperpile.com/c/iiU5Ku/jSb1
https://paperpile.com/c/iiU5Ku/smh0+u08b+nj6X


Two of the most common methods for generating hydroxyl radicals are radiolysis of water and
laser photolysis of hydrogen peroxide. Radiolysis of water can be performed on the millisecond
timescale using high-flux X-rays from a synchrotron light source.66 This method requires no
chemical additives, as the radicals are generated directly from the water molecules in the
solution.61 Recent advances in synchrotron beamline engineering and sample exposure apparatus
design have reduced necessary labeling times to the microsecond range.65,67,68 Laser photolysis of
hydrogen peroxide, commonly referred to as FPOP (for fast photochemical oxidation of
proteins), requires the addition of millimolar concentrations of hydrogen peroxide followed by
exposure of the sample to a 248 nm laser.69 With the addition of radical scavengers, FPOP can
reach microsecond labeling times.70 Recent advances in instrumentation have allowed for in-cell
FPOP (IC-FPOP).71–75 Additionally, recent commercial instruments using plasma photoylsis of
hydrogen peroxide have lowered the technical barriers for HRF and will likely encourage the
more widespread use of the method.76,77 The selection of synchrotron-based x-ray radiolysis vs.
laser photolysis depends on whether the system of interest can tolerate the buffer requirements
imposed by each method and by the experimenters' access to instrumentation.

Observed modification rates in an HRF experiment can be compared to intrinsic modification
rates to generate a protection factor (kintrinsic/kobserved), as commonly used in HDX analysis.78

Unlike HDX, this analysis does not result in parameters directly related to the energy landscape.
In HDX, under EX2 conditions, the protection factors are related to the free energy difference
(∆G) between the closed and open conformation. In HRF, analogous EX2 conditions are not
achievable for several reasons. First, hydroxyl radicals are highly reactive, resulting in fast
intrinsic labeling rates. Second, hydroxyl modifications are perturbative, changing the structure
of the protein; short labeling times prevent proteins from changing conformation during the
experiment. Both factors result in HRF being most effectively used as a pulsed-labeling
experiment. HRF protection factors are also challenging to measure; achieving site-specific
resolution by HRF-MS requires high detection sensitivity and chromatographic resolution.
Despite this, when measurable, HRF protection factors correlate with structural parameters and
are, therefore, a useful structural probe.78 When site-specific resolution is not achievable, similar
to most HDX-MS experiments, comparing peptides across different conditions is sufficient for
many experimental questions. In summary, HRF-MS provides a structural snapshot where
protein side-chain solvent accessibility changes are highly correlated with changes in the
observed modification rates.
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Figure 1-5. Mechanism and workflow for HRF. (A) Protein side chains are oxidized when exposed to hydroxyl
radicals. (B) Workflow for HRF-MS. Protein samples are exposed to x-rays, which generate hydroxyl radicals from
water (1). Proteins may be purified post-labeling (2) and digested (3). The degree of oxidation is then measured by
detecting and quantifying both the unoxidized and oxidized proteins or peptides with LC/MS (4).

1.2.5 Ligand binding

As explained above, the formalism used for covalent labeling is highly generalizable. While
HDX and HRF differ in what they report on (hydrogen bond stability vs. side chain solvent
accessibility), the underlying logic of a modification rate relating to the underlying
conformational distribution is the same. This same formalism can be extended to many other
diverse reactions that modify proteins, such as cysteine modification or active-site labeling. One
limitation of HRF and HDX is that both methods are non-specific; hydrogen exchange and
hydroxyl radical reactions will occur on all biomolecules in the solution and at many sites within
each biomolecule. While HRF and HDX have been employed in complex solutions, including in
cells, these factors make data analysis quite challenging. A specific and/or bio-orthogonal
reaction, where the reactivity is specific to the protein of interest and not reactive with any other
biomolecules in solution, makes monitoring the protein of interest much more straightforward.79

One way to generate a bio-orthogonal reaction is to rely on the activity of a specific enzyme or
the highly specific and tight binding of a ligand. Several proteins have been engineered that
covalently bind to a specific, non-biological ligand; two examples are SnapTag and HaloTag.80–82

The activity of SnapTag has been used to monitor protein translation, and the activity of HaloTag
has been used to monitor protein folding, as described later in this thesis.83,84 While covalent
attachment of the ligand is helpful and opens up certain experimental options, it is not necessary.
Non-covalent binding can also be leveraged if the binding kinetics and affinity fall into the time
regime of interest.
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1.3 Timescales

As Howard Berg said, life at the cellular scale is “in constant riotous motion.”85 This is as true for
molecules as it is for cells, and the timescales of these motions dictate which methods can be
used. In studying protein energy landscapes, there are three different timescales to consider (i)
the timescales of interconversion between conformations, (ii) the timescales accessible by the
experimental method (for any method, not only covalent labeling methods), and (iii) the
timescales of biological processes like synthesis, degradation, cell division, etc. Understanding
how (i) and (ii) relate to each other is critical in designing covalent labeling experiments, as
evidenced by the above discussion of kinetic regimes. Below is a comparison of the timescales of
various protein conformational changes, how those relate to biological timescales, and what
timescales are accessible with the covalent labeling methods discussed here.

1.3.1 Timescales of protein conformational transitions

Proteins are not static structures; they have many internal degrees of freedom and, like all
molecules, are subject to thermal fluctuations. The time and length scales of protein internal
motion both span orders of magnitude. This range extends from the Ångstrom scale vibrations of
individual bonds on the scale of femtoseconds (10-15 seconds) to tens of nanometers global,
concerted domain motions that can be as slow as tens of seconds (101 seconds).4 In the middle of
these 16 orders of magnitudes is an incredible richness of molecular processes including, for
example, the dissociation of individual non-covalent bonds, the isomerization of proline, and the
rotameric transitions of side chains. Fraunfelder, Sligar and Wolynes coarse-grained this broad
distribution of length and timescales into three “tiers”.3 The smallest scale tier consists of
picosecond (10-12 seconds) local, atomic scale motions, such as the rotation of a methyl group on
the surface of a protein. The largest scale tier consists of microsecond (10-6 seconds) to
millisecond (10-3 seconds) collective, global protein conformational changes, such as the closing
of Adenylate Kinase domains around a substrate. Of course, these tiers are nested, meaning a
protein may have multiple conformational states defined by domain movements that interconvert
on the millisecond time scale, and each of those conformational states will have many
conformational substates defined by side chain rotameric transitions (Fig. 1-1). Because of the
range of timescales, and the varying physical nature of these processes, the definition of a
conformational transition is highly contextual and makes the selection of an appropriate physical
method highly important (see below).

One important category of protein conformational change is folding, or the process by which a
protein attains its native structure beginning from an unstructured “unfolded” state. While
Anfinsen famously demonstrated that proteins can spontaneously reach their native state,
Levinthal pointed out that the ability for proteins to spontaneously fold into native structures is
surprising, as the number of degrees of freedom for a protein chain is so large.86–88 While much is
left to learn about the physics of protein folding, it is generally accepted that proteins overcome
this apparent statistical impossibility by forming local structures that “guide” the protein toward
the native state.89–91 The timescales for these local structural transitions are on the oder of 10-8

seconds for hydrophobic collapse, 10-8-10-6 seconds for helix-coil transitions, and 10-6 for
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beta-hairpin closure.92–96 The timescales for the acquisition of native structure from an unfolded
state ranges even more dramatically. From a set of kinetically two-state reversible proteins, the
timescales of folding (represented here by the average time to fold or unfold, τF and τU) ranges
from 10 microseconds to 10 seconds for folding, and from 10 milliseconds to days for unfolding
(Fig. 1-5).97 This set of proteins is biased towards small well-behaved model systems, so the
range of folding and unfolding timescales for all proteins is likely much larger.

Figure 1-6. Distribution of folding and unfolding rates. A plot of the average folding time (τF) and unfolding time
(τU) for a set of experimentally characterized two-state globular proteins.97 Each point represents a single protein.

1.3.2 Timescales of biological processes

Translating the timescales of protein conformational transitions to biological function requires
that the rates be placed in the context of various biological timescales. As discussed above,
conformational changes, ranging in scale from side-chain rotamer transitions to large domain
motions, occur on timescales much faster than seconds. However, many biological processes are
much slower. Cell division for a rapidly dividing bacterium, molecular motors traversing cells,
and transcription of single genes all take minutes.98 Two important cellular processes for proteins
are synthesis by the ribosome and degradation by cellular machinery. As discussed above,
translation in bacteria occurs at a rate of 1-20 amino acids per second.17 For an average sized
protein (~150 amino acids), translation would take between 7.5 seconds and 2.5 minutes.
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Translocation of a protein by the ClpXP bacterial degradation machinery occurs at nearly 80
amino acids per second, meaning translocation of an average sized protein would take a couple
of seconds.99 Because these processes are orders of magnitude slower than the picosecond to
millisecond dynamics of proteins, one can conclude that proteins are thoroughly exploring their
energy landscape during these processes. As a result, an increasing number of studies are being
performed to understand how protein energy landscapes are affected by the biological
machineries they interact with.100–105

Global folding and unfolding timescales, which are typically slower than other conformational
transitions, must also be placed in the context of biological protein lifetimes. For instance, take a
yeast protein that folds on the millisecond timescale and unfolds on the minute time scale. It will
stably populate the folded state (Keq ~= 0.001s/100s = 10-5, ∆G = -7 kcal/mol) but will likely
unfold and refold many times during its lifetime in the cell, as the average protein cellular
lifetime (average time from synthesis to degradation) in yeast is about 50 minutes.106 Take a
second example, another yeast protein that folds on the second timescale and unfolds on the
order of days. It will also stably populate the folded state, with the same stability as the previous
example (Keq ~= 1s/100000s = 10-5, ∆G = -7 kcal/mol); however, once folded, it will be unlikely
to unfold during its cellular lifetime. This has important implications for which biological and
physical questions can or should be asked about a system. In the first case, the protein rapidly
folds and is essentially in equilibrium between the folded and unfolded states. As a result,
knowing the thermodynamic stability (∆G), how that stability changes with mutation or changing
environmental conditions, and how that protein refolds from a fully unfolded state informs its
cellular behavior. In the second case, the protein will likely only fold once, and that folding
process is slow enough that it will likely interact extensively with cellular folding machinery,
possibly during synthesis by the ribosome. Additionally, in vivo the second, slower unfolding
protein is unlikely to be in equilibrium with the unfolded state, and is instead kinetically trapped
in the native state. As a result, the thermodynamic stability is less relevant to the cellular
behavior than the rate of unfolding.

1.3.3 Timescales accessible by biophysical experiments

The repertoire of biophysical methods, each with its own unique set of technical restrictions and
accessible timescales, is too vast to explore here. Covalent labeling methods alone have so many
various chemistries and instrumentations that dissecting each of them individually is a daunting
task. This thesis focuses on two covalent labeling methods, HDX-MS and HRF-MS. As
explained above, when labeling experiments are in an EX1 regime the observed rate reports on
the kinetic barrier. To access this regime kclose must be much slower than kintrinsic, so the intrinsic
rates provide a ceiling for which timescales can be accessed. At physiological pH HDX intrinsic
rates are one the order of 10-100 milliseconds. In EX2 conditions, where kclose must be much
faster than kintrinsic, the resulting data informs on the conformational ensemble, as explained
above. This does mean that one cannot exactly measure the timescale of conformational
transitions within that ensemble, but one can conclude that any conformational dynamics are
much faster than the intrinsic rates under those solution conditions. Pulsed-labeling experiments
are ideal for monitoring the kinetics of conformational transitions. The timescales accessible for
pulsed-labeling experiments are limited by the lengths of pulses necessary for sufficient chemical
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labeling. Pulse lengths for both x-ray and hydrogen peroxide based HRF are on the order of 10
microseconds. Pulse lengths for HDX depend on pH and the degree of protection of the
conformations being studied. By manipulating the pH of the pulse, HDX pulsed labeling has
been effectively used to study protein folding in the 100 millisecond to seconds regime,
conformational transitions in viral fusion proteins on the seconds to minutes regime.40,49,107

1.4 Summary

The work in this thesis uses covalent labeling methods to investigate questions related to protein
energy landscapes. In Chapter 2, x-ray hydroxyl radical footprinting/mass spectrometry
(HRF-MS) is used to monitor the unfolding of proteins in denaturant and extract thermodynamic
parameters related to stability. This work demonstrates the utility of HRF-MS in measuring
protein stability with minimal sample, in complex solution conditions, and for proteins with
non-two-state behavior. This work will be submitted for publication with me as the first author.
In Chapter 3, hydrogen/deuterium exchange-mass spectrometry (HDX-MS) is used to probe the
conformational ensemble of the SARS-CoV-2 spike protein. These experiments revealed a highly
populated, previously uncharacterized state of the SARS-CoV-2 spike protein, with highly
accessible receptor binding domains and exposed conserved regions of the trimeric interface.
This work was published in Nature Structural and Molecular Biology with me as a co-first
author.107 In Chapter 4, multiple covalent labeling methods including HDX-MS, thiol labeling,
and covalent ligand binding specific to the protein HaloTag to investigate the folding pathway of
HaloTag in vitro and during translation by the ribosome. This work revealed that HaloTag
populates an aggregation-prone intermediate during re-folding from denaturant, and that this
intermediate is not populated during co-translational folding, preventing aggregation and
improving the folding yield. This work was published in Science Advances with me as the third
author.83 In Chapter 5 I conclude by summarizing the future directions for the projects in this
thesis.
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Chapter 2

Monitoring local protein denaturation in complex environments with
HRF-MS

The work presented here was led by me and done in close collaboration with Sayan Gupta and
Corie Y. Ralston at Lawrence Berkeley National Laboratory and the Advanced Light Source. My
contributions to this work include the conceptualization of the project, performance of
experimental work, data analysis, and interpretation.

2.1 Abstract

Protein stability is a major determinant of cellular function, and improving our understanding of
protein stability will greatly aid efforts in protein engineering and design. Despite its importance,
traditional methods for measuring protein stability suffer from many limitations, including
requiring significant quantities of highly purified protein under well-defined conditions. In this
work, I develop methods to measure protein stability by combining X-ray hydroxyl radical
footprinting (HRF) monitored by mass spectrometry (MS) with chemical denaturation. This
approach can accurately determine the thermodynamic stability of a protein using several orders
of magnitude less protein than the more traditional approaches such as circular dichroism and
intrinsic fluorescence. Moreover, because both the footprinting and the MS detection can be
carried out in complex environments, this approach is capable of measuring the stability of
proteins in complex mixtures of biomolecules. Lastly, by monitoring the footprinting at the level
of individual peptides within a protein, HRF-MS allows for the determination of stability for
individual regions of a protein. Such local stability measurements can reveal subtle deviations
from two-state behavior not detectable by more standard approaches. Overall, this approach
allows for the accurate measurement of protein stability, and the unique strengths of this method
extend our ability to measure stability to a much larger fraction of proteins.

2.2 Introduction

Proteins are large, complex, and essential macromolecules that perform a wide range of
biological functions, including catalyzing chemical reactions, transporting molecules, and
responding to external stimuli. To accomplish this, most proteins must fold into a structured
‘native’ conformation. It is well-known that this structural information is encoded in a protein’s
amino-acid sequence.1–3 Recent advances in machine learning algorithms have revolutionized the
field of protein structure prediction, allowing for the fast and accurate prediction of such native
state structures given only the amino acid sequence.4,5 However, to accomplish their biological
function, proteins need to access more than this folded native structure; proteins are dynamic,
sampling alternative conformations with defined populations and rates of interconversion, all of
which is commonly referred to as a protein’s conformational energy landscape.6 Such energy
landscapes are critical determinants of enzyme catalysis, allostery, signaling, misfolding, and
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turnover among many other functions.6,7 So while these revolutionary algorithms have solved the
structure prediction problem, they are as of yet unable to describe this protein heterogeneity.
Consequently, a major unsolved question is how protein sequence, along with post-translational
modifications (PTMs) and interactions with other biomolecules, affect a protein’s energy
landscapes, rather than just its static ground-state structure.

The most basic description of a protein’s energy landscape is its global or thermodynamic
stability. Protein thermodynamic stability, ∆Gfolding, is defined as the difference in free energy
between the folded state and the unfolded state. This energy difference dictates the relative

population of each state ( ). Thus, stability is typically∆𝐺
𝑓𝑜𝑙𝑑𝑖𝑛𝑔
◦ =  − 𝑅𝑇 𝑙𝑛 [𝑁𝑎𝑡𝑖𝑣𝑒]

[𝑈𝑛𝑓𝑜𝑙𝑑𝑒𝑑]( )
determined by measuring the population of each state under equilibrium conditions. Since most
globular proteins are at least -5 kcal/mol under native conditions, it is impossible to measure
these populations under native conditions and, therefore, their stability is determined by
denaturing the protein, using chemical denaturants or temperature, monitoring the change in
populations over the unfolding transition, and then extrapolating to physiological, or native
conditions.8 Importantly, this assumes that a protein can only occupy two states, the native state
and unfolded state. As protein folding is a highly cooperative process this is often a valid
assumption. However, for larger proteins, and for proteins with multiple domains, partially
folded states are often accessible, requiring more complex models to extract stability parameters.
A protein’s global stability is a crucial feature of its function as, for most proteins, it determines
the population of molecules in the functional native state. Similarly, stability determines the
population of unfolded molecules, which can determine the propensity for misfolding or
proteolytic degradation. Therefore, even when destabilizing mutations have minor effects on
native state structure, catalysis, or binding, they can have large effects on steady-state protein
levels.9–11

Traditional methods for measuring protein stability rely on optical probes of structure, such as
circular dichroism (CD) or intrinsic fluorescence, which require large amounts (usually
milligrams) of highly purified, isolated proteins. This limits their application to abundant proteins
that can be easily generated, usually via overexpression in E. coli and isolated, or purified.
Because all biomolecules in solution contribute to the detected signal, such stability
measurements cannot be made in the presence of other biomolecules, such as seen in complex
biological environments, limiting most measurements of protein stability to simple model
systems under idealized conditions.

Recently, several methods have been developed that overcome some of these limitations, such as
pulse proteolysis, SUPREX, and SPROX.12–17 All rely on quantitively determining the population
of unfolded molecules by selective modification. When coupled with mass spectrometry, they
allow the analysis using small quantities of protein, as well as the ability to monitor proteins in
complex mixtures. While extremely powerful, these modification approaches also have
limitations. For instance, all rely on a short pulse, ranging from several seconds to several
minutes, during which the protein is selectively modified. In order to accurately detect different
populations, the protein conformations cannot interconvert during this pulse. However, the
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timescale of the pulse is often longer than the timescale of folding and unfolding for many
proteins, and thus cannot be used on a large fraction of the proteome.18 Second, these methods
also make use of a two-state assumption to measure global stability, but, again, not all proteins
fold via a two-state mechanism (populating only a native and unfolded conformation). For
proteins that populate intermediates, or for proteins with multiple domains capable of
independent folding, a method that provides multiple local probes for folding is needed.

In this chapter, I develop and utilize another selective modification approach, X-ray-based
hydroxyl radical footprinting (HRF), which again, monitors the relative population of unfolded
molecules as a function of chemical denaturant. X-ray-based HRF is a powerful tool that uses
very short exposures of synchrotron-generated X-ray beams to produce hydroxyl radicals from
water molecules in solution.19,20 The resulting radicals rapidly and irreversibly modify nearby
proteins residues resulting in oxidized sidechains. There are multiple possible modifications, the
most common being the net addition of oxygen with a change in mass (+16 Da) that can be
detected by mass spectrometry. As the radicals are generated from solvent and are water soluble,
the observed reactivity depends on the solvent accessibility of that side chain. Therefore, by
monitoring the extent of modification for each side chain under different conditions, information
about changes in protein structure can be obtained. In many ways, the approach outlined in this
work is similar to SPROX, which monitors the modification of a single amino acid type,
methionine, by hydrogen peroxide.16,17 However, the faster labeling kinetics of HRF allows for
the use of much shorter labeling times, increasing the number of proteins amenable to this
method. Additionally, because most amino acids are reactive, the modification sites are
distributed throughout the whole protein, which allows one to monitor the unfolding of
individual peptides within a protein, providing local information relating to stability. Thus, this
HRF approach can measure the energetics of large complex proteins in complex mixtures at the
structural level of individual peptides.

2.3 Results

2.3.1 Protein denaturation monitored by HRF-MS accurately determines the global
stability of the model protein ecRNH*

To determine whether HRF-MS coupled with chemical denaturation can accurately measure the
global stability of a protein, I turned to the well-characterized single-domain protein, E. coli
RNase H (ecRNH*, where the * indicates all cysteines have been mutated to alanine), whose
equilibrium stability has been measured by many techniques.21–24 Samples of protein equilibrated
in chemical denaturant (urea) were subjected to a short pulse of X-rays and then evaluated by
mass spectrometry for their relative amounts of modification. HRF was performed on each
sample by flowing through a capillary tube perpendicular to a synchrotron beam such that the
duration of exposure (pulse length) was either 500 or 1000 microseconds and frozen for later
analysis (see Methods). The degree of oxidation in each sample was then measured by mass
spectrometry. Fig. 2-1A demonstrates that under conditions that populate the unfolded state (high
urea), MS reveals much greater oxidation than under native conditions, where the native state
predominates, reflecting exposure of reactive side chains upon denaturation. Across all
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denaturant conditions, the overall mass distributions appear to be a sum of this low reactivity
population corresponding to the folded state and the high reactivity population, corresponding to
the unfolded state, as expected for a cooperative process. When these mass spectra are quantified
by determining the weighted average of the mass distributions, a clear cooperative transition is
observed (Fig. 2-1B). These data can be fit using a traditional two-state linear-extrapolation
model (LEM, see methods), to obtain free energies of folding (∆Gfolding) and m-values that are in
agreement with the stability determined by more traditional methods such as CD. (Fig. 2-1C,
Table 2-1). Thus, HRF-MS can be used to faithfully determine global stability in a simple
two-state model system.

One concern with HRF is the potential for the oxidative modifications to destabilize the protein
and induce unfolding, which would result in lower apparent stability. This can be combatted with
the shortest possible pulse duration, reducing the probability of unfolding during the timescale of
the pulse. The agreement between the melts obtained from two different pulse lengths supports
the assumption that modifications are not inducing unfolding on the timescale of the experiment.
Additionally, the agreement between HRF and CD further supports the validity of HRF-MS as a
method for monitoring denaturation. Based on well-characterized two-state folding proteins, the
majority of proteins will not significantly re-equilibrate during the one-millisecond pulse used in
HRF.

Of note, this approach used only 0.1 micrograms of protein per denaturant condition, allowing
for the determination of stability using only 4 micrograms of protein. This is in comparison to
traditional optical methods, where one usually uses ~50 micrograms per denaturant condition,
providing a savings of ~500-fold.
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Figure 2-1. Global denaturant melt of ecRNH* by HRF reproduces known stability. (A) Deconvoluted mass
spectra for ecRNH* in varying concentrations of denaturant for two different exposure times, 500 and 1000 µs. (B)
Weighted average mass for deconvoluted mass spectra as a function of denaturant for three replicates. (C) Overlay of
triplicate denaturant melts, at two exposure times, normalized to fraction folded. The expected fraction folded based
on denaturant melts monitored by circular dichroism is shown as a red line.

m-value
(kcal/(mol*M))

Cm

(M)
∆Gfolding

(kcal/mol)
(Fit m-value)

∆Gfolding

(kcal/mol)
(Calculated m-value)

HRF-MS (500 µs) 2.1 ± 0.3 4.58 ± 0.05 9.7 ± 1.2 9.2 ± 0.1

HRF-MS (1000 µs) 2.0 ± 0.4 4.60 ± 0.06 9.1 ± 1.5 9.3 ± 0.1

CD 2.10 ± 0.09 9.7 ± 0.4

Table 2-1. Thermodynamic parameters from ecRNH* HRF-MS denaturation. Shown are the averages ±
standard deviations resulting from triplicate measurements. Parameters resulting from CD taken from Raschke et
al.25 ∆G were calculated as the product of the Cm and m-value (∆G = –m-value*Cm) using either the measured
m-value or the m-value calculated from the observed relationship between m-value and protein size (m-value =
length*0.0013)13,26
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2.3.2 Local measurements of denaturant induced modifications can be monitored using
peptide HRF-MS

As demonstrated above, using HRF and monitoring the denaturant-induced modifications by
intact MS returns accurate thermodynamic parameters. However, this approach relies on the
ability to obtain intact mass spectra. For some proteins (especially very large proteins) this can be
technically challenging. In addition, while intact measurements yield measurements of global
stability, they do not report on subtle differences throughout the molecule, such as changes in
local stability. Thus, I performed the same chemical denaturation HRF experiment, but this time
analyzed at a more local level - I digested (using trypsin) and analyzed the oxidation
susceptibility of individual peptides (see Methods). Of the eleven tryptic peptides detected for
ecRNH*, nine showed cooperative transitions consistent with unfolding (Fig. 2-2A). Note that
only regions that have a differential susceptibility to oxidation in the folded and unfolded state
will produce a denaturation profile. These peptides provide local measurements of stability at the
corresponding regions of the protein.

  Analysis of these peptides proved to be more challenging than the intact protein. Although
cooperative, the plots of peptide modification as a function of denaturation showed
peptide-specific non-linear baselines. Therefore, instead of using a model with linear baselines, I
used a modified LEM, with an exponential rather than a linear native baseline and a linear
denatured baseline (the denatured baseline did not have enough points to support fitting with an
exponential) to obtain denaturation profiles (the fraction folded as a function of denaturant) (see
Methods). The resulting denaturation profiles overlay well with the global melt obtained by
intact HRF/MS (Fig. 2-2B). For all peptides monitored in this way, this fitting approach returned
denaturant concentration midpoints (Cm) within 0.2 M of the global intact melt (Fig. 2-2C, Table
2-2). The Cm determined for each peptide showed higher variation than the Cm determined for the
intact protein and each fit had poorly determined m-values (Fig. 2-2D). This is perhaps not
unexpected, since this modified model increases the total number of fit parameters from six to
seven, increasing the risk of overfitting. In addition, not all peptides were amenable to this
exponential baseline fit (for example see peptide 47-60). However, it is well known that m-values
are not always needed and that the Cm is often a more reliable parameter to determine.

27

Moreover, m-values are known to correlate with protein size and therefore can be independently
predicted based on the protein size.13,26 Using the predicted ecRNH* m-value, this modified LEM
approach returned a ∆GFolding in agreement with the known value determined by CD (Table 2-2).

Figure 2.2C diagrams the Cm determined for each tryptic fragment in RNase H. In a perfectly
two-state system, the Cm should be independent of the observation method (ie. CD, intact
HRF-MS, or peptide HRF-MS). While all peptides report a Cm consistent with global unfolding,
there appear to be some systematic deviations, which may suggest a deviation from two-state
behavior (see next section). Future work will determine if the difference between peptide Cm and
global Cm represents a genuine population of one or more partially folded conformations.
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Figure 2-2. Denaturant melt of ecRNH* by HRF monitored at the peptide level. (A) Percent modified vs.
denaturant concentration for eleven tryptic peptides from ecRNH*. Residue numbers are indicated in each panel.
Blue lines represent fits to a modified LEM with an exponential native baseline. (B) Overlay of denaturant melts for
all tryptic peptides with observable transitions, normalized to fraction folded. The expected fraction folded based on
intact melts shown in figure 2-1 is shown as a blue line. (C) Concentration midpoints (Cm) and (D) m-values for each
tryptic peptide. Sequence position for each peptide is represented by the x-axis. Error bars represent the standard
deviation from triplicate measurements. Solid lines indicate values from intact melts, with shaded regions
representing the standard deviation from triplicate measurements.

ecRNH* Peptide
Stability

m-value
(kcal/(mol*M))

Cm

(M)
∆G

(kcal/mol)
(Fit m-value)

∆G
(kcal/mol)
(Calculated
m-value)

Peptide 1 (4-27) 2.8 ± 0.5 4.40 ± 0.05 12.3 ± 1.9 8.86 ± 0.10

Peptide 2 (34-41) 2.7 ± 0.5 4.38 ± 0.07 12.0 ± 2.1 8.82 ± 0.14

Peptide 3 (61-75) 2.7 ± 0.7 4.44 ± 0.05 12.0 ± 3.2 8.95 ± 0.11

Peptide 4 (100-106) 1.98 ± 0.08 4.68 ± 0.06 9.3 ± 0.3 9.42 ± 0.11

Peptide 5 (107-117) 5.5 ± 0.7 4.62 ± 0.05 25.4 ± 3.4 9.31 ± 0.10
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Peptide 6 (118-122) 2.3 ± 0.3 4.78 ± 0.07 11.2 ± 1.7 9.63 ± 0.15

Peptide 7 (139-155) 2.0 ± 0.2 4.57 ± 0.03 8.9 ± 0.9 9.21 ± 0.06

Peptide Average 4.55 ± 0.02 9.17 ± 0.10

CD 2.10 ± 0.09 9.7 ± 0.4

Table 2-2. Thermodynamic parameters from ecRNH* HRF-MS denaturation monitored at the peptide level.
Peptide sequence positions are noted in brackets. Shown are the averages ± standard deviations resulting from
triplicate measurements. Parameters resulting from CD taken from Raschke et al.25 ∆G were calculated as the
product of the Cm and m-value (∆G = –m-value*Cm) using either the measured m-value or the m-value calculated

from the observed relationship between m-value and protein size (m-value = length*0.0013)13,26

2.3.3 Monitoring the chemical-induced denaturation of multiple proteins simultaneously
using HRF-MS

One weakness of traditional spectroscopic approaches is the need for purity. With a mixture of
proteins, each will contribute to the observed signal. When samples contain multiple proteins, the
observed results will produce either multiple transitions, which can be difficult to assign to
individual components, or a single broadened transition which when erroneously treated as a
single protein, returns thermodynamic values that are inconsistent with any of the proteins in
solution. LC/MS-based approaches are ideally suited to handle this heterogeneity. Thus,
HRF-MS should be amenable to any protein mixture as long as the proteins of interest (or
peptides resulting from the digestion of those proteins) are separable by LC or have
non-overlapping mass distributions. To demonstrate this, I performed chemical denaturation and
HRF-MS on a mixture of two proteins, ecRNH* and T4 lysozyme (T4L*, where again the *
represents a cysteine-free construct). ecRNH* and T4L* have non-overlapping mass
distributions, allowing for both proteins to be independently monitored by intact HRF-MS,
despite being a mixture (Fig. 2-3A).

  Monitoring each mass distribution as a function of denaturant allows for the assignment of
stability to each component (Fig. 2-3B). In either intact HRF-MS (Fig. 2-3C) or peptide
HRF-MS (Fig. 2-3D), the signals from each protein are easily monitored independently, resulting
in two distinct melts, from which thermodynamic values can be extracted that are consistent with
the known stabilities for both ecRNH* and T4L* (Table 2-3). By comparison, CD measurements
on the mixture do not generate independent stability measurements. When this same equimolar
mixture of ecRNH* and T4L* is monitored by CD, a single broad transition is observed (Fig.
2-3C). This broad transition does not reflect the behavior of either component in the system, nor
does it reflect any linear combination or average of the two. When fit using a traditional LEM,
the resulting stability is a non-sensical ∆Gfolding (6.9 kcal/mol), lower than either of the ∆Gfolding for
ecRNH* (9.06 kcal/mol) or T4L* (12.02 kcal/mol). Thus, HRF-MS provides a unique method
for quantitatively determining the stability of individual components within a mixture. While in
this case there are two different proteins, one could imagine a scenario where these instead are
two domains within the same protein. In this hypothetical, it would be easy to assume the
two-domain protein unfolded cooperatively and a two-state model would be chosen. However,

30

https://paperpile.com/c/V7fnLK/9HwS
https://paperpile.com/c/V7fnLK/RP7k+wT1f


with the peptide HRF-MS approach, it would be apparent that each domain has a different
unfolding transition and accurate thermodynamic parameters could be extracted. In future work,
we will use this approach to dissect the energetics of multidomain proteins.

Figure 2-3. Simultaneous denaturant melt of ecRNH* and T4L*. (A) Deconvoluted mass spectra for a mixture of
ecRNH* (blue) and T4L* (orange) in varying concentrations of denaturant for 1000 µs exposure time. Blue and
orange data are normalized separately for ease of visualization. (B) Weighted average mass for deconvoluted mass
spectra of ecRNH* (blue) and T4L* (orange) as a function of denaturant. (C) Overlay of denaturant melts
normalized to fraction folded. Melts obtained by HRF are shown for ecRNH* (blue) and T4L*(orange). A melt of an
equimolar mixture of ecRNH* and T4L* obtained by CD is shown as a black solid line. Expected fraction folded for
isolated ecRNH* and T4L* based on denaturant melts monitored by CD are shown as dotted lines. Overlay of
denaturant melts for all ecRNH* (D) and T4L* (E) tryptic peptides with observable transitions, normalized to
fraction folded. The expected fraction folded based on intact melts is shown as blue (ecRNH*) and orange (T4L*)
lines.
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ecRNH*/T4L* Stability m-value
(kcal/(mol*M))

Cm

(M)
∆G

(kcal/mol)
(Fit m-value)

∆G
(kcal/mol)
(Calculated
m-value)

ecRNH* (isolated - CD) 2.05 4.50 9.23 9.07

T4L* (isolated - CD) 2.28 5.34 12.15 11.38

Combined (CD) 1.37 5.06 6.91

ecRNH* (combined - HRF-MS) 1.94 4.50 8.72 9.06

T4L* (combined - HRF-MS) 2.67 5.64 15.03 12.02

Table 2-3. Thermodynamic parameters from the isolated and combined denaturation of ecRNH* and T4L*.
Shown are the results from single experiments. ∆G were calculated as the product of the Cm and m-value (∆G =
–m-value*Cm) using either the measured m-value or the m-value calculated from the observed relationship between

m-value and protein size (m-value = length*0.0013)13,26
.
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Figure 2-4. Denaturant melt of ecRNH* in the presence of E. coli lysate. (A) Overlay of denaturant melts
normalized to fraction folded. Melts obtained by HRF are shown for isolated ecRNH* (blue) and ecRNH* in the
presence of E. coli lysate (green) for two different exposure times, 500 us (gray outline) and 1000 us (black outline).
(B) Percent modified vs. denaturant concentration for eleven tryptic peptides from ecRNH*. Residue numbers are
indicated in each panel. Green lines represent fits to a LEM. (C) Overlay of denaturant melts for all ecRNH* tryptic
peptides, in the presence of lysate, with observable transitions, normalized to fraction folded. The expected fraction
folded based on intact melts shown in Figure 2-4A are shown as solid lines for isolated ecRNH* (blue) and ecRNH*
in lysate (green). (D) Structure of ecRNH (PDB ID: 2RN2). Peptides with depressed m-values are shown as dark
green. Peptides with observable transitions in isolation but no observable transition in lysate are shown as dark green
(E) m-values and (F) concentration midpoints (Cm) for isolated ecRNH* (blue) and ecRNH* in the presence of
lysate (green) tryptic peptides. The sequence position for each peptide is represented by the x-axis. Error bars
represent the standard deviation from triplicate measurements. Solid lines indicate values from intact melts, with
shaded regions representing the standard deviation from triplicate measurements.
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2.3.4 Monitoring the stability of unpurified proteins using HRF-MS

The ability to perform melts in clarified lysates allows for bypassing purification steps.
Additionally, the ability to perform denaturant melts in such complex environments allows for
investigations of how these biological components affect protein stability in cells, experiments
that are not amenable to traditional approaches. To further demonstrate the capability of this
approach to deal with sample complexity, I performed a denaturant melt on ecRNH* in clarified
E. coli lysate. The soluble components of E. coli were isolated, and diluted 10-fold into varying
concentrations of denaturant with 1 µM ecRNH* added (see methods) and HRF-MS was
performed.

Both the intact and peptide HRF-MS denaturation melts revealed unexpected differences that
suggest perturbations to the energy landscape for ecRNH*. The intact HRF-MS melt of ecRNH*
in lysate has a lower Cm and apparent m-value compared to ecRNH* in isolation (Fig 2-4A). A
lower Cm suggests some destabilization of ecRNH*, and the lower m-value suggests either a
change in the structure of the native state or a loss of two-state behavior. The peptide HRF-MS
melts similarly show apparent two-state transitions (Fig 2-4B). However, unlike ecRNH* in
isolation, not all peptide melts are consistent with the global transition (Fig 2-4C). Two peptides
show depressed m-values (0.6 kcal/(mol*M), compared to 1.5 kcal/(mol*M) for ecRNH* in
lysate and 2.1 kcal/(mol*M) for ecRNH* in isolation). Additionally, one peptide (residues 4-27)
that has a clear unfolding transition for ecRNH* in isolation shows no transition in lysate.
Disagreement between different probes of folding in a denaturant melt is strong evidence of a
lack of two-state folding behavior.8 However, unlike disagreement between spectroscopic probes,
differences in peptide HRF-MS denaturation melts allows for structural interpretation. When
mapped to the structure (Fig. 2-4D), perturbed peptides that have either a reduced m-value or no
transition form the center of the beta-sheet and the c-terminal helix. Interestingly, these are the
regions that are unfolded in the folding intermediate populated by ecRNH*, possibly suggesting
that this folding intermediate is selectively stabilized by one or more components in the clarified
E. coli lysate.25,28,29 It is important to note that the buffer conditions between the isolated sample
(20 mM NaOAc, 50 mM KCl, pH 5.5) and the lysate sample (PBS, pH 7.4) were not identical.
More experiments will be needed to identify the precise cause and mechanism of this
non-two-state behavior and destabilization.

2.4 Discussion

In this study, I demonstrated that HRF-MS, when combined with chemical denaturation, is a
viable approach for measuring global and local protein thermodynamic stability. Additionally, I
have demonstrated several advantages that HRF-MS has over both traditional methods and newer
approaches for measuring thermodynamic stability. Specifically, HRF-MS requires less sample,
is applicable to more systems, and has less stringent purity requirements. Compared to traditional
methods like circular dichroism (CD) or intrinsic fluorescence, HRF-MS requires orders of
magnitude less sample to measure stability. Compared to other recently developed methods such
as pulse proteolysis, SUPREX, and SPROX the HRF-MS approach described here is amenable to
a larger number of systems due to the faster labeling kinetics, broader reactivity, and less
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stringent sample requirements. Our results also show that the less stringent purity requirements
allow for HRF-MS to monitor specific proteins in mixtures, which can allow for bypassing
labor-intensive purification steps, and opens up new possibilities for investigating the effects of
biological components on protein stability.

In addition to the advantages outlined above, HRF-MS provides local information that can reveal
more detailed energetics of more complex protein conformational landscapes. The ability to
measure the stability of multiple proteins by monitoring their peptides is analogous to how we
can also measure the stability of multiple domains within larger proteins. This could lead to more
detailed descriptions of inter-domain energetic coupling. Additionally, the results for ecRNH*
within lysate highlight how HRF-MS is capable of detecting subtle deviations from two-state
behavior. In this specific case, further experiments are needed to identify the precise cause and
mechanism of this behavior. However, these findings underscore the potential of HRF-MS to
investigate the stability determinants of larger multi-domain proteins and non-two-state proteins.

This approach outlined in this work is likely to be generalizable and increasingly accessible.
Generating a signal difference between folded and unfolded protein in HRF relies on buried
hydrophobic residues in the native state, which is a nearly universal quality of globular proteins.
This feature makes it more broadly applicable compared to other MS-based methods that rely
instead on the selective aggregation of the unfolded state, like Thermal Proteome Profiling (TPP),
or changes in protease susceptibility, like Limited Proteolysis (LiP).30–37 Additionally, unlike TPP
and LiP, HRF-MS combined with chemical denaturation provides rigorous thermodynamic
information. However, TPP, LiP, and other methods have demonstrated the ability to probe many
proteins in parallel by mass spectrometry, and as the approach described here is also an
MS-based method, it can similarly take advantage of advances made by the proteomics field,
further expanding the range of systems for which quantitative thermodynamic parameters can be
measured. While HRF-MS is technically challenging, requiring a synchrotron and a mass
spectrometer, mass spectrometers are increasingly available in core facilities, and bench-top
hydroxyl radical footprinting instruments are now commercially available.38 The accessibility of
these instruments will facilitate the adoption of HRF-MS in a broader range of research settings.

In conclusion, the combination of HRF-MS with chemical denaturation represents a powerful
tool for studying protein thermodynamic stability in complex biological systems. Its advantages
over traditional methods and compatibility with a wide range of systems make it a valuable
addition to the toolbox of techniques for investigating protein structure, stability, and function.
Future work will focus on optimizing this method for high-throughput applications, expanding
the range of proteins and biological systems that can be studied, and elucidating the molecular
mechanisms underlying protein stability and folding dynamics in native-like conditions.
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2.5 Methods

2.5.1 Protein expression and purification

Plasmids were transformed into Rosetta 2(DE3)pLysS cells for expression. One liter of cells
were induced at OD = 0.6 with 1mM IPTG and grown at 37 °C for 3 hours. Cells were then
pelleted, resuspended in 25 mM Tris-HCl, 10 mM NaCl, 0.1 mM EDTA pH 8.0, and lysed via
sonication. Cell debris was then pelleted (ss34, 14k rpm, 30 minutes at 4 °C) and the resulting
supernatant was filtered (0.22 um).

For the purification of ecRNH*, the clarified lysate was purified first over a HiTrap Heparin
column (GE Healthcare) at pH 8. Peak fractions were pooled and diluted 3-fold with doubly
deionized water. The pH of the solution was then adjusted to 5.5 using dilute HCl. The resulting
aggregates were removed by another round of centrifugation and filtration. The filtered sample
was purified over a HiTrap S column (GE Healthcare). Protein was then concentrated and
buffer-exchanged into ammonium bicarbonate for subsequent freeze-drying and storage. Prior to
use, the freeze-dried protein was resuspended in 20 mM NaOAc, 50 mM KCl, pH 5.5, and
filtered (0.22 um).

For the purification of T4L*, clarified lysate was loaded onto a Capto S column, washed with 25
mM Tris, 10 mM NaCl, pH 8.0, and eluted with a gradient from 10 mM to 300 mM NaCl (25
mM Tris pH 8.0). Fractions containing T4L* were pooled, concentrated, and run on a S200 (GE
Healthcare) column in PBS pH 7.4 (Sigma Aldrich P4417). Protein was stored at 4 °C until use.

2.5.2 Preparation of soluble E. coli lysate

E. coli K12 was grown overnight at 37 °C in 50 ml of LB media and harvested by centrifugation.
The cell pellet was resuspended in 50 ml of 20 mM Tris–HCl, 250 mM NaCl, 10 mM EDTA pH
8.0 then pelleted again by centrifugation. The washed cell pellet was resuspended in 10 ml of 20
mM Tris–HCl, 50 mM NaCl, 1 mM EDTA pH 8.0 with added protease inhibitor and lysed by
lysozyme treatment and repeated freeze-thaw cycles. Cell debris was then pelleted (ss34, 14k
rpm, 30 minutes at 4 °C) and the resulting supernatant was filtered (0.22 um). Nucleic acids were
digested by incubating supernatant with 0.1 mg/ml DNase I and 0.1 mg/ml RNase A. MgCl2 and
CaCl2 were added to 2.5 mM and 1.0 mM, respectively, for this digestion reaction. To remove
small metabolites and digested nucleic acids, the lysate was buffer exchanged using an amicon
concentrator with a 3 kDa cutoff, first against 20 mM Tris–HCl, 250 mM NaCl, pH 8.0 and then
against Phosphate Buffered Saline (PBS, Sigma Aldrich P4417). The lysate was sterilized by
passing through a 0.22 μm syringe filter and stored at −20 °C until used.

2.5.3 X-ray hydroxyl radical footprinting

HRF experiments were carried out at the Advanced Light Source beamline 3.3.1 using a standard
microfluidic set-up.19,39,40 Protein concentrations were as follows: 5 uM for all isolated proteins,
2.5 uM each for the combined ecRNH* and T4L* experiments, and 1 uM ecRNH* in lysate.
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ecRNH* and T4L* experiments were in 20 mM NaOAc, 50 mM KCl, pH 5.5. Lysate
experiments were in PBS (Sigma Aldrich P4417). Samples were subject to X-ray exposures
between 500 and 1250 us then immediately quenched with methionine amide to prevent
secondary oxidations and stored at -80 °C until LC-MS analysis.

2.5.4 Intact protein mass spectrometry and analysis

Intact proteins were injected directly at a flow rate of 50 uL/min in 95% Buffer A (0.1% Formic
Acid) 5% buffer B (100% Acetonitrile, 0.1% Formic Acid) onto a mAbPac column (Thermo
Fisher) stored in a column oven maintained at 50 °C. Residual buffer and salts were removed by
maintaining flow for 4 minutes with a valve diverting to waste. Proteins were then eluted with a
gradient of 5-20% buffer B at a flow rate of 50 μL/min over 30 seconds, 20-70% buffer B over 4
minutes, then 70-90% over 30 seconds. The column was then subjected to a sawtooth wash and
equilibrated at 5% buffer B prior to the next injection. Proteins were eluted directly into a Q
Exactive Orbitrap Mass Spectrometer operating in positive mode (HESI source settings: Spray
voltage 4.0 kV, Capillary temp. 325 C, S-lens RF level 70, Aux gas heater temp. 150 °C,
In-source CID 15.0 eV —MS Settings: 6 microscans, resolution 140000, AGC target 5e6,
maximum IT 100 ms, scan range 600-3000 m/z).

Intact mass spectra were summed across the entire chromatographic peak, then exported from
Xcalibur and imported into Unidec.41,42 Spectra were deconvoluted with Unidec, to remove
charge state redundancy and reduce noise. Peak width was manually adjusted to match the
isotopically resolved data. Spectra were sampled at every 0.1 Da. Charge state distributions were
automatically smoothed. Deconvoluted spectra were quantified by calculating the weight average
mass across a mass region spanning all observed modifications for a given intact protein.

2.5.5 Peptide mass spectrometry and modification analysis

Prior to digestion, samples were diluted 5-fold with 100 mM Tris pH 8.0. Trypsin (Promega) was
added at a protease:protein ratio of 1:100 and samples were incubated overnight at 37 °C.
Digestion was quenched with addition of formic acid to a final concentration of 1%. Following
digestion, peptides were loaded at a flow rate of 50 uL/min in 99% Buffer A (0.1% Formic Acid)
1% buffer B (100% Acetonitrile, 0.1% Formic Acid) onto a Pepmap C18 column (Thermo Fisher
164711) stored in a column oven maintained at 50 °C. Residual buffer and salts were removed by
maintaining flow for 4 minutes with a valve diverting to waste. Peptides were then eluted with a
gradient of 1-40% buffer B at a flow rate of 50 μL/min over 15 minutes, and then of 40-90%
buffer B over 30 seconds. The column was then subjected to a sawtooth wash and equilibrated at
1% buffer B prior to the next injection. Peptides were eluted directly into a Q Exactive Orbitrap
Mass Spectrometer operating in positive mode (HESI source settings: Spray voltage 3.5 kV,
Capillary temp. 150 C, S-lens RF level 70, Aux gas heater temp. 150 °C — MS Settings:
resolution 70000, AGC target 3e6, maximum IT 50 ms, scan range 150-2000 m/z — dd-MS2

settings: resolution 17500, AGC target 1e5, maximum IT 50 ms, loop count 10, isolation window
2.6 m/z, NCE 28, charge state 1 and ≥7 excluded, dynamic exclusion of 2 seconds). LC and MS
methods were run using Xcalibur 4.1 (Thermo Scientific)
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Modified and unmodified peptide identification and quantification were performed using the
Byos Oxidative Footprinting platform (Protein Metrics Incorporated) incorporating both the
Byonic search engine and Byologic quantification program. All peptide experiments with
fragmentation data were searched for tryptic peptides originating from the search library. The
search library consisted of a fasta file containing sequences for all proteins present in solution.
Half tryptic peptides and peptides with missed tryptic cleavages were present, but with lower
intensity, and were excluded from further analysis. For a given tryptic peptide, all detected
modifications were quantified if they were observed in any sample. For each modification type
(i.e. +16 Da, +32 Da, +48 Da, etc.) was separately quantified by summing the area of all
chromatographic peaks with that mass, regardless of whether an MSMS identification was made
at that retention time. Chromatographic peaks with isotopic distribution that did not match the
unmodified peak, or for which MSMS had identified as a different peptide, were not quantified.
The final percent modified was the sum of all modified peak areas divided by the sum of all
modified and unmodified peak areas.

2.5.6 Circular dichroism

Circular dichroism experiments were performed with an Aviv 410 spectrometer. Each sample
contained 40 μg/mL protein (either ecRNH*, T4L*, or an equimolar mixture of both) with
varying concentrations of urea. All CD melts were performed in 20 mM NaOAc 50 mM KCl pH
5.5. The signal at 222 nm was measured in a 1-cm path length Starna Cells cuvette at 25°C with
stirring, averaged over one minute.

2.5.7 Extraction of thermodynamic parameters from denaturation melts

Denaturant melts, for both circular dichroism and HRF-MS, were analyzed using the linear
extrapolation model, resulting in both a Cm and m-value describing the unfolding transition,
along with parameters describing the native and denatured baselines. For data with linear
baselines, the following equation was used:
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Where m and Cm are the m-value and concentration midpoint, YD and YN represent the denatured
and native baseline Y-intercepts, BD and BN represent the denatured and native baseline slopes,
and where R is the gas constant and T is the temperature in Kelvin. R and T were fixed at
1.987E-3 kcal/mol/K and 293 K respectively.

For peptide HRF-MS melts with apparent exponential native baselines, the following equation
was used:
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With the same definitions as above and where AN, BN, and kn define the native baseline.

Parameters were determined by non-linear least squares fitting of the data to the appropriate
model in Igor Pro.
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Chapter 3

The SARS-CoV-2 spike reversibly samples an open-trimer
conformation exposing novel epitopes 

This chapter is adapted from the paper:
Costello SM, Shoemaker SR, Hobbs HT, Nguyen AW, Hsieh C-L, Maynard JA, McLellan JS,
Pak JE, Marqusee S. 2022. The SARS-CoV-2 spike reversibly samples an open-trimer
conformation exposing novel epitopes. Nature Structural & Molecular Biology. 29, 229–238.

I am the co-first author of this work. My contributions to this work include the conceptualization
of the project, performance of experimental work, data analysis and interpretation, and writing of
the manuscript.

3.1 Abstract

Current COVID-19 vaccines and many clinical diagnostics are based on the structure and
function of the SARS-CoV-2 spike ectodomain. Using hydrogen-deuterium exchange mass
spectrometry, we have uncovered that, in addition to the prefusion structure determined by
cryo-EM, this protein adopts an alternative conformation that interconverts slowly with the
canonical prefusion structure. This new conformation—an open trimer—contains easily
accessible RBDs. It exposes the conserved trimer interface buried in the prefusion conformation,
thus exposing potential epitopes for pan-coronavirus antibody and ligand recognition. The
population of this state and kinetics of interconversion are modulated by temperature, receptor
binding, antibody binding, and sequence variants observed in the natural population. Knowledge
of the structure and populations of this conformation will help improve existing diagnostics,
therapeutics, and vaccines.

3.2 Introduction

The spike protein from SARS-CoV-2 (also referred to as the S-protein) is the primary target for
current vaccines against COVID-19 and the focus of many therapeutic efforts (1–4). This large
heavily glycosylated trimeric protein is responsible for cell entry via recognition of the host
receptor angiotensin-converting enzyme 2 (ACE2) and membrane fusion (5–7). It is also the
principal antigenic determinant of neutralizing antibodies (8). Shortly after release of the viral
genome sequence, a version of the spike ectodomain (termed S-2P) was designed to stabilize the
prefusion conformation, and the structure was determined by cryo-electron microscopy
(cryo-EM) (9, 10).

This S-2P ectodomain comprises the first ~1200 residues of the spike protein (Fig. 3-1A) with
two proline substitutions in the S2 domain designed to stabilize the prefusion conformation,
mutations that abolish the furin-cleavage site, and the addition of a C-terminal trimerization
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motif (9). This mimic, its structure, and others that followed, have been widely used for vaccine
development and interpretation of many structure/function and epidemiological studies. To date
there are more than 250 structures of SARS-CoV-2 spike ectodomains in the Protein Data Bank
(11).

Figure 3-1. SARS-CoV-2 spike ectodomain and Hydrogen-Deuterium Exchange monitored by mass
spectrometry (HDX-MS) experimental overview. (A) Schematic of the prefusion-stabilized SARS-CoV-2 spike
protein and a model of the trimeric prefusion conformation (24). (B) Schematic of HDX-MS experiment and the
resulting mass distributions for a peptide that exists in either one (left) or two (right) separable conformations. In
order for the two conformations to result in a bimodal mass distribution, they must not interconvert during the
timescale of the HDX experiment (hours). Rapid interconversion would result in a single mass distribution with the
ensemble averaged mass profile.

These structural studies together with other functional studies demonstrate that, like all class 1
viral fusion proteins, the spike protein is dynamic, sampling several different conformations
during its functional lifecycle (12, 13). The three individual receptor-binding domains (RBDs)
sample an ‘up’ state and a ‘down’ state; the up state exposes the ACE2-binding motif and
therefore is required for infectivity (7, 10, 14, 15). After receptor binding and cleavage between
the S1 and S2 domains, the protein undergoes a major refolding event to allow fusion and adopts
the stable post-fusion conformation (6, 7, 16–18).

Despite the wealth of structural information, there are very few experimental studies on the
dynamics within the prefusion state. The noted RBD up/down conformational transition has been
monitored on the membrane via single molecule FRET and occurs on the order of seconds (19).
Large computational resources have been devoted to molecular simulations of the spike protein
revealing a dynamic pre-fusion state with a range of accessible conformations including the
potential of a further opening of the RBD and N-terminal domain (NTD) away from the trimer
interface (20, 21). Experimentally, the conformational landscape of spike has not been well
interrogated and the effects of perturbations, such as ligand binding (both receptor and
antibodies) or amino acid substitutions found in emerging variants of concern are unknown.
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For these reasons, we turned to hydrogen deuterium exchange monitored by mass spectrometry
(HDX-MS) to probe the conformational landscape of the soluble spike prefusion ectodomain as
well as the effects of ligand binding and sequence variation. We uncovered a stable alternative
conformation that interconverts slowly with the canonical prefusion structure. This conformation
is an open trimer, with easily accessible RBDs. It exposes the S2 trimer interface, providing new
epitopes in a highly conserved region of the protein.

3.3 Results

3.3.1 Continuous exchange HDX-MS on Spike 2P (S-2P)

HDX-MS offers an ideal complement to the ever-growing number of structural studies on the
SARS-CoV-2 spike protein, providing information on its conformational ensemble and
dynamics. HDX-MS monitors the time course of exchange of amide hydrogens on the peptide
backbone with the hydrogens in the solvent (see Fig. 3-1B for description). An individual
amide’s ability to undergo exchange is directly related to its structure and stability (22, 23).

We first followed the continuous exchange time course of hydrogen exchange at 25 °C on the
entire S-2P ectodomain, over a period of 15 seconds to 4 hours (see Materials and Methods).
Using a combination of porcine pepsin and aspergillopepsin digestion, we obtained 85% peptide
coverage allowing us to interrogate the dynamics of the entire protein (800 peptides, which
include 9 of the 22 glycosylation sites, average redundancy of 8.6) (Fig. 3-2A). Notably, we have
coverage in areas not resolved in the cryo-EM structure, including loops in the N-terminal
domain (NTD) and RBD that have been found to be recognized by antibodies, loops in the S2
region that include the protease cleavage sites, and C-terminal residues after residue 1145 which
includes the second heptad repeat (HR2). Based on control experiments using deuterated protein,
our HDX protocol results in an average back exchange of 22% (Fig. 3-2B).

The vast majority of peptides show a classic single isotopic envelope whose centroid increases in
mass as deuterons are added over time (Fig. 3-1B). A small minority of the peptides, however,
show bimodal behavior—with two isotopic envelopes both increasing in mass over time: one
less-exchanged distribution and a second more-exchanged distribution (these peptides are
described in detail below). The HDX profile of all the peptides, with the exception of the
more-exchanged distributions in the bimodal peptides, is consistent with the known prefusion
conformation (Fig. 3-3, Fig. 3-4): secondary structure and buried elements within the trimer
exchange slower than exposed loops. We also observe protection for residues 1140–1197, which
includes HR2, a region not defined in single-particle cryo-EM structures, supporting the
predicted helical structure of this region (24) and the relative rigidity of the stalk observed by
cryo-electron tomography (cryo-ET) (25).
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Figure 3-2. Coverage, redundancy, and back exchange results from HDX-MS experiments
(A) Peptide coverage and redundancy at each residue for all HDX-MS experiments. (B) Back-Exchange Control:
Cumulative histogram of the fractional deuterium maintained during workup of a fully deuterated sample. Fraction
max exchange is corrected for the 90% D2O experimental conditions.
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Figure 3-3. Peptide-level HDX is consistent with the known prefusion conformation. Percent deuteration after
one minute of deuterium labeling for every peptide in the S-2P continuous exchange dataset for the S1 (top) and S2
(bottom) domains. Each line represents an individual peptide spanning the residues indicated on the x-axis, with
percent deuteration after one minute of exchange indicated on the y-axis (for bimodal peptides, only the
less-exchanged centroid shown). Secondary structures in the prefusion conformation are shaded in blue (alpha
helices) and green (beta strands). A measure of solvent accessibility is shown above in Å2 (calculated as a
three-residue sliding average using the default get_area function in pymol) using a model of the full-length prefusion
trimer with all three RBDs in a down position (24). These data are consistent with the SARS-CoV-2 spike trimer
secondary structures, notably regions buried in the trimer interface, such as the central helix, show increased
protection relative to more exposed regions lacking secondary structure. Important sequence features are indicated
above the plot including the N-terminal domain (NTD - green), receptor binding domain (RBD - blue), fusion
peptide (FP - cyan), heptad repeat 1 (HR1 - yellow), central helix (CH - orange), core domain (CD - purple) and
heptad repeat 2 (HR2 - yellow). Locations of glycans are noted with stars with three categories - glycans detected in
at least one peptide of our data set (black, 9/22), glycans known to be on the spike protein where we lack coverage
(white, 12/22), and glycans known to be on the spike protein but for which non-glycosylated peptides are observed
(pink, 1/22).
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Figure 3-4. Spike HDX-MS results as a function of time. (Top) Deuterium uptake for each S-2P experimental
time point (left) shown as a function of sequence position for every peptide analyzed (center) and with per-residue
deuteration uptake (scale shown at bottom) mapped to the structure a single protomer of a full length prefusion spike
trimer model from (24) (right). Secondary structures in the prefusion structure are shaded in blue (alpha helices) and
green (beta strands). (Bottom) Per-residue deuterium uptake for each Apo-RBD experimental time point mapped to
the structure of the RBD (single RBD from a full-length spike trimer model from (24)). Per-residue deuteration
calculated from all peptide data by HDExaminer 3.
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Figure 5. Bimodal peptide spectra observed in continuous labeling HDX-MS experiments Observed spectra of
a representative set of peptides with observed bimodal behavior for (A) S-2P and (B) HexaPro (C) Disulfide-locked
HexaPro
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3.3.2 Identification of an alternative conformation

Bimodal mass envelopes can indicate the presence of two different conformations that
interconvert slowly on the timescale of our hydrogen exchange experiment: one where the
amides are more accessible to exchange compared to the other. However, it can also be a result of
the kinetics of the hydrogen exchange process itself, so-called EX1 exchange (when the rates of
hydrogen bond closing are much slower than the intrinsic chemistry of the exchange process). In
this rare scenario, the heavier mass distribution will increase in intensity at the expense of the
lighter one over the observed time period. This is not what we observe for the spike protein: the
bimodal mass distributions retain their relative intensities, increasing in average mass over time
(Fig. 3-5). The observed ratio is the same for every bimodal peptide under any given condition.
The fact that every peptide shows the same ratio indicates that these bimodal peptides reflect two
conformations; they report on the regions of the protein that show differences in hydrogen
exchange in each conformation.

The bimodal peptides we observe are predominantly in the most conserved region of the
protein—the S2 region (26) (Fig. 3-6A). When mapped onto the canonical prefusion
conformation, many come from the helices at the trimer interface (residues 962–1024,
1146–1166, 1187–1196), indicating a second conformation with less stable hydrogen bonding
for these helices, consistent with a loss of interprotomer contacts and increased solvent
accessibility. We also observe bimodal peptides in other areas of the inter-protomer interface,
such as residues 870–916 in S2 and residues 553–574 and 662–673 in S1, again suggesting a
change in trimer contacts. Finally, we see bimodal peptides in two regions that do not form
interprotomer contacts (residues 291–305, 626–636); instead, these residues form the interface
between the NTD and second S1 subdomain (SD2), suggesting that this subdomain interface is
also structurally different in this second conformation. All the other peptides (the majority) fit to
a classic unimodal distribution in the mass spectrum. The fact that the majority of the peptides
are unimodal and that they behave the same in both conformations, indicate that they exist in
similar structures in each conformation and suggest that the individual domains have the same
structure in each conformation. Previous HDX studies involving the spike protein did not note
this behavior, which can be attributed to differences in the experimental conditions and protocols.
(27, 28) (see Supplementary Text).
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Figure 3-6. The Spike ectodomain reversibly
samples two conformations. (A) Left:
SARS-CoV-2 spike monomer with all regions that
have peptides showing bimodal mass distributions
colored in blue. Right: Example mass spectra from
two peptides after one minute of deuteration (top:
residues 982–1001, bottom: residues 878–903) with
overlaid fitted gaussian distributions that describe
each protein conformation in blue (light blue: less
exchanged A state, dark blue: the more exchanged
B state). (B) Conformational preference for the
S-2P spike construct at 25 °C, 4 °C and 37 °C
monitored by pulsed-labeling. At 25 °C S-2P
converts from primarily state A to ~50:50 A:B after
4 days. At 4 °C, S-2P prefers state B while at 37
°C, S-2P prefers state A. (C) The kinetics of
interconversion between the A and B states for
different of spike variants. Starting from an initial
prefusion conformation (state A, 37 °C), samples
were rapidly transferred to 4 °C and assayed for
conversion to state B over time using
pulsed-labeling HDX-MS. To estimate fraction
state A, peptides from two different regions
(residues 982-1001 (circles) and residues 878-903
(triangles)) were fit to two gaussians. Data from
both regions were used to determine the rate of
interconversion.
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3.3.3 Interconversion between the two conformations

These data suggest a model where the spike protein populates two conformations within the
prefusion state—the classical prefusion structure seen in cryo-EM (herein referred to as state
A)—and one where each domain has a similar protomer topology and a more flexible or exposed
open-trimer interface (herein referred to as state B). The above data do not, however, provide
evidence that these states interconvert; any potential interconversion must be slower than the
four-hour hydrogen-exchange experiment. Since the transition of the RBD between the up and
down conformation occurs on the order of seconds, this conformational heterogeneity is not the
source of the bimodal distributions and the observed hydrogen exchange reports on the weighted
average of the two RBD conformations. There are several irreversible situations that could
account for conformational heterogeneity such as differences in glycosylation, proteolytic
degradation, irreversible misfolding, or aggregation. To rule these out, we tested whether the two
conformations interconvert reversibly. We used bimodal peptides to quantify the population of
each conformation under differing conditions (such as temperature, time, ligand, etc.). Under
each condition, we carried out a one-minute pulse of hydrogen exchange (25 °C) and integrated
the area under the two mass envelopes for a single bimodal peptide to ascertain the fraction of
each conformation under that condition or moment in time (see Materials and Methods). We
monitored two bimodal peptides, one from region 878-903 and one from region 978-1001.
Using these two peptides, we quantified the population of each conformation under different
conditions (29), such as temperature, time, and ligand. We chose these bimodal peptides because
of their high signal to noise ratio and because they report on two distinct regions, thus providing
information from both the top and bottom of the S2 interface. We selected a pulse length of
one-minute as it provides clearly separable bimodal distributions for these two peptides. For
every condition tested, irrespective of the A:B ratio, both peptides report the same fractional
population for the two conformations, indicating that all these data can be best described as a
variable mixture of just two conformations: the canonical prefusion conformation and an
unexpected alternative conformation.

Long-term incubation (four days, 25 °C, pH 7.4) demonstrated a slow shift in population from a
majority in the canonical prefusion state (state A) to a majority in the alternative conformation
(state B) (Fig. 3-6B, Fig. 3-7A). Thus, the prefusion state can transform into the alternative state
and the bimodal behavior cannot be due to sample heterogeneity such as differential
glycosylation. This observed A → B conversion, however, does not rule out an irreversible
process such as degradation or misfolding.

Postulating that the bimodal peaks represent a reversible structural transition, we used
temperature to perturb the system and investigate the ability to interconvert. Indeed, the
conformations do interconvert reversibly, with a preference for B at 4 °C and A at 37 °C (Fig.
3-6B). The observed kinetics of interconversion are extremely slow: A → B t1/2 of ~17 hours at 4
°C and, when that same sample is moved to ~37 °C, B → A t1/2 of ~ 9 hours (Fig. 3-6C, Table
3-1). Notably the final, and presumably equilibrium, distribution at either temperature shows an
observable population of both states (>5%), indicating an energy difference of less than 2
kcal/mol between the two conformations under both conditions.

54



Figure 3-7. Example bimodal peptide spectra observed in pulsed-labeling HDX-MS experiments One example
time course for a peptide from each of the two regions used to quantify states A and B in (A) S-2P, (B) HexaPro, and
(C) alpha S1 HexaPro. The bimodals in the time course were globally fit to a sum of two gaussians to determine the
distributions for state A and state B, the fits were then used to quantify the relative populations of state A and state B
(see methods), the resulting gaussian fits are overlaid. Undeuterated spectra are shown at the top in gray.
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Table 3-1. Rates of interconversion between the A (prefusion) and B (open trimer) conformations of spike
ectodomains. kobserved is the observed rate of change in the population of the A state after a temperature jump. This
relaxation rate is the sum of the forward and reverse rates, which is dominated by the major conformational change
(A→B at 4 °C, 10 °C and B→A at 37°C). t1/2 is the half time for that same rate, ln2/kobs).

Temperature
 

Protein kobserved
(hr-1)

t1/2
(hours)

37 °C→4 °C

S-2P 0.04 17

HexaPro 0.005 143

Alpha S1
HexaPro

0.2 4

S-2P + 3A3 0.1 5

37 °C→10 °C

S-2P 0.05 14

HexaPro 0.004 171

Alpha S1
HexaPro

0.1, 0.2 (*) 3, 5 (*)

4 °C→ 37 °C

S-2P 0.08 9

HexaPro 0.3 2

Alpha S1
HexaPro

0.2 4

(*) Time course was monitored twice, and the results of each fit are reported.
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The prefusion conformation of spike has already been noted to be temperature dependent.
Cryo-EM experiments of spike incubated at 4 °C for 5 to 7 days showed less than 10% of the
definable prefusion spike particles seen on grids of freshly prepared spike. Incubating spike at 37
°C for three hours after storage at 4 °C recovered particle density to the level seen using freshly
prepared protein (30). Failure to detect particles also correlated with a loss in recognition by an
antibody known to recognize quaternary structure. These studies are consistent with our
findings—long-term incubation of spike at 37 °C biases to the prefusion conformation while
long-term incubation at 4 °C prefers an expanded conformation, which is apparently not well
visualized on cryo-EM grids. Our results suggest that, while there is a loss of quaternary
structure, the HDX protection and therefore secondary structures for each domain are similar for
both states, indicating that each protomer is still structured and not denatured – a feature
uniquely addressable by HDX.

3.3.4 Effects of sequence changes—HexaPro

The small energetic difference between these states indicates that small changes in sequence may
affect the relative populations and/or rates of interconversion between them. Indeed, the S-2P
variant was designed to stabilize the pre-fusion conformation avoiding spontaneous conversion to
the post-fusion form. This S-2P construct is the basis for most currently employed vaccines.
Shortly after the determination of the S-2P structure by cryo-EM, a new version was constructed,
termed HexaPro or S-6P, which contains four additional proline mutations designed to increase
the apparent stability of the pre-fusion state and improve cellular expression (31).

Using the same pulsed-labeling HDX-MS process, HexaPro shows the same bimodal behavior,
with the same regions reporting on the two conformations (see Fig. 3-6A, Fig. 3-7B). At 4 °C,
HexaPro, like S-2P, converts to state B, but with slower kinetics (t1/2 of ~6 days). At 37 °C
HexaPro shifts back to state A with a t1/2 of ~2 hours (Fig. 3-6C). In sum, as expected based on
the design criteria, HexaPro does result in a bias towards the prefusion conformation.
Importantly, these changes demonstrate how a small number of mutations can perturb and
modulate the conformational landscape of spike, suggesting that the evolving sequence variants
may show differences in this conformational exchange (see below).

3.3.5 Effects of sequence changes—an interprotomer disulfide bond

To further probe the structural features of the B conformation, we turned to a variant of HexaPro
engineered to contain a disulfide bond. This variant trimer contains three disulfide bonds
(S383C/D985C) that reach across protomers and lock the RBDs in the down state (32–34). When
probed by continuous-exchange HDX-MS we find that this disulfide-locked variant remains
completely in the A state and does not show any observable population of the B state, even after
O/N incubation at 25 °C (Fig. 3-5C). These data are consistent with a model where formation of
the B state requires opening of the inter-protomer (trimer) interface and exposure of the RBDs,
which would be prohibited by the interprotomer crosslinks.
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3.3.6 Effects of sequence changes—B.1.1.7 (Alpha) variant

Increasingly infectious SARS-CoV-2 variants of concern are being discovered throughout the
global population on a regular basis. Most of these include mutations in the spike protein,
primarily in the S1 domain; some reside in the ACE2-interaction surface, while others do not.
Therefore, we asked if these mutations can influence the biases and kinetics of interconversion of
the A and B conformation. We monitored the A/B conversion for a variant of HexaPro that
includes five S1 mutations in the B.1.1.7 (alpha) variant and none in the S2, (Δ69–70 (NTD),
Δ144 (NTD), N501Y(RBD), A570D (SD1), P681H (SD2)), termed alpha S1 HexaPro. Indeed,
alpha S1 HexaPro shows notable differences in both the relative preference for state B and the
kinetics of interconversion. At 4 °C, alpha S1 HexaPro converts to state B nearly 20 times faster
than HexaPro (Fig. 3-6C, Table 3-1). Furthermore, alpha S1 HexaPro shows no detectable
prefusion conformer at 4 °C, while HexaPro shows at least 30% even after several weeks at 4 °C
(Fig. 3-7B). At 37 °C, the kinetics and equilibrium distribution appear nearly identical between
the two. All of the mutations are at solvent-exposed residues, except residue 570, which contacts
the S2 subunit and resides in a region with observed bimodal behavior. Thus, despite their
location in the S1 subunit and not at the core trimer interface, these specific B.1.1.7 mutations
allosterically affect the interconversion of these two states.

3.3.7 Effects of ACE2 binding

The primary function of the RBD is to recognize the host cell receptor ACE2. In the down
conformation, the RBD is occluded from binding to ACE2, and in the up conformation its
accessible. The entire trimer can exist with zero, one, two, or all three RBDs in the up
conformation (7, 15). In the isolated RBD, the Receptor Binding Motif (RBM) should always be
accessible for ACE2 binding. We used continuous-exchange HDX to monitor the binding of the
receptor, both in isolation and in the full-length spike (S-2P), using a soluble dimeric form of
ACE2 (ACE2-Fc, herein referred to as ACE2). For isolated RBD (residues 319–541, see
Materials and Methods), we obtained 141 peptides, including one glycosylated peptide spanning
the N-glycosylation site at residue 343 (no peptides are observed for site 331), resulting in 82%
sequence coverage with an average redundancy of 8 (Fig. 3-2A).

The effects of ACE2 binding are illustrated in Figure 3-8. In the presence of ACE2, the latter half
of the RBM (residues 472–513), shows a notable decrease in hydrogen exchange upon binding
ACE2 (Fig. 3-8B), consistent with the known ACE2/RBD binding interface (35, 36). We also
observe small, but significant, changes for other regions that are near the binding interface.
Importantly, we see very similar changes in HDX rates in RBD for both the isolated domain and
in the context of the spike ectodomain, suggesting that all three RBDs in full-length spike
interact with ACE2 in our experiment and that both the A and the B state can productively bind
ACE2, which for the prefusion (A) state requires that RBD transition to the up state.
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Figure 3-8. ACE2-binding effects are similar on isolated RBD and RBD in the context of the full-length
ectodomain. (A) Diagram of the spike structure with regions of interest highlighted. (B) Left: Heatmap showing the
difference in RBD peptide deuteration (from continuous-exchange HDX-MS) in the presence and absence of ACE2
on the isolated RBD. Middle: The deuterium uptake plots are illustrated for three peptides of interest with error bars
representing the standard deviation of three replicates (some are smaller than marker size). The uptake plot for the
RBM (residues 487- 510) is shown for both the isolated RBD and HexaPro. Right: Schematic representation of the
heatmap data on the structure of the RBD•ACE2 complex (PDB 6M0J). The structure of the RBD is colored based
on the maximum change shown in the heatmap for that residue in any peptide. (C) Changes to peptides from
HexaPro upon binding of ACE2 outside of the RBD during continuous-exchange HDX-MS. When ACE2 binds the
canonical prefusion structure, state A, peptide 982-1001 (Region II) loses inter-subunit contacts with the RBD and
thus exchanges faster, but when ACE2 binds the open trimer (state B) it does not, presumably because it is already
maximally exposed. For peptide 878-903 (Region III), there is no change in the exchange rate to either state A or
state B indicating this region is not affected by ACE2 binding. In the schematic for region II, one NTD has been
removed to visualize the peptide of interest. (D). Time course of interconversion in the presence of ACE2. Top:
Pulsed-labeling HDX-MS example spectra of S-2P peptide 878-902 with and without ACE2 before and after 24
hours of incubation at 25 °C. Bottom: time vs fraction state A for peptide 878-902 in S-2P with and without ACE2
over 24 hours monitored by pulsed-labeling. After 24 hours ACE2 bound S-2P prefers state B.
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In the context of the spike trimer, we also observe notable changes outside of the RBD,
particularly in state A, where a few peptides exchange more rapidly in the presence of ACE2 (in
state B these peptides do not have any notable difference in the presence of ACE2) (Fig. 3-8C).
These peptides are located on the top of S2 (residues 978–1001), a region known to become
more exposed when RBD transitions from a down to an up conformation. Since ACE2 binding in
the prefusion state requires the RBDs to be in the up conformation, this increased exchange
reflects the known biases in the RBD conformation—a prefusion state whose RBDs are primarily
in the down conformation and must transition to an up conformation to bind ACE2. We also see
changes in the interconversion between state A and state B in the presence of ACE2, such that
state B is more preferred (Fig. 3-8D).

3.3.8 RBD dynamics are similar in isolation and in intact spike

The isolated RBD has been used for many biochemical studies and is the main component of
many clinical diagnostics. It is therefore important to ask whether there are large differences in
the RBD when it is in isolation versus in the context of the spike trimer; our experiments allow
us to directly compare the two. Very few peptides in the RBD show substantial changes in HDX
behavior (Fig. 3-9) and support the use of approaches such as deep sequence mutagenesis on the
isolated RBD to gain information on the potential effects of variants, such as escape mutations
(37).

We do, however, see some key differences in the RBD—mostly at the termini of the isolated
domain and in the expected interactions with the rest of spike and across the protomer interface.
The C-terminal region of the RBD (residues 516–537) is notably less protected in the isolated
domain. This region is not part of the RBD globular domain and in full-length spike forms part
of subdomain 1, so it is not surprising that there would be an increase in flexibility when isolated
from the rest of this subdomain. Future studies with the isolated RBD may benefit from removal
of both C-terminal and N-terminal (no peptide coverage observed for this region) regions, as they
are likely disordered and may interfere with crystallization or lead to increases in aggregation.

3.3.9 3A3—an antibody that binds specifically to the B state

Recently, an antibody, 3A3, was developed that binds to MERS-CoV, SARS-CoV-1, and
SARS-CoV-2, with an apparent epitope in a region where we observe bimodal behavior (residues
~980–1000) (28). This region, however, is inaccessible in the prefusion structure—it is buried in
the prefusion structure when all RBDs are down, and highly occluded when the RBDs are up.
Our HDX data indicate that this region is exposed in state B. To confirm the epitope, we repeated
the continuous-exchange HDX studies in the presence of 3A3; indeed, we see strong increased
protection in the 978–1001 region. Moreover, this protection is directly associated with state B as
evidenced by the now unimodal distribution for peptides in region 978-1001 (Fig. 3-10A). This
unimodal distribution can be explained by a decrease in hydrogen exchange in state B due to
direct binding of 3A3 to this region such that the exchange is similar in both the A and B state.
These data support a model where the 3A3 antibody binds uniquely to the B state.
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Figure 3-9. Comparison of HDX on RBD in isolation
versus in S-2P
Left: Heat map showing the difference in peptide
deuteration for isolated RBD compared to the RBD in
S-2P. Bottom: Selected uptake plots of isolated RBD
and S-2P RBD. Right: Structure of the RBD (model of a
single RBD taken from a full-length spike trimer model
from (24)) colored based on the maximum change
shown in the heat map for that residue in any peptide.
For reference, spheres are shown denoting the beginning
and end of the peptides displayed in the uptake plots.

Figure 3-10. The antibody 3A3 binds selectively to
state B in the 978-1001 region. (A) Example mass
spectra for HexaPro with and without 3A3 for two
different peptides that have bimodal mass distributions.
The bottom peptide (878-902) shows no change in the
presence of 3A3, which indicates that the amount of
state A and state B has not significantly changed 13
minutes after adding 3A3. The top peptide (978-1001),
however, shows significant protection in the presence of
3A3, shifting the distribution belonging to state B to a
deuteration amount indistinguishable from state A.
These data are the three-minute time point from a
continuous-exchange HDX-MS time course. (B) The
kinetics of interconversion of S-2P in the presence of
3A3 monitored by pulsed-labeling HDX-MS. The
addition of 3A3 accelerated the rate of conversion to
state B at 4 °C. The binding of 3A3 prevents the return
to state A at 37 °C. Dotted lines indicate the conversion
in the absence of 3A3.
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To confirm this hypothesis, we looked at the effect of 3A3 binding on the temperature-induced
conversion between A and B using our pulsed-labeling HDX-MS method. 3A3 increases the rate
of conversion from A to B at 4 °C, decreasing the t1/2 from ~17 hours to ~5 hours (Fig. 3-10B,
Table 3-1). This increase in the observed rate implies that 3A3 also affects the transition state for
the conversion. Furthermore, returning the sample to 37 °C in the presence of 3A3 (state B
saturated with 3A3) prohibits any transition back to the prefusion state, indicating that the
binding of 3A3 prevents formation of the prefusion state most likely due to steric hindrance of
the antibody being bound to the trimer interface. Since 3A3 binds wild-type and D614G spike
when expressed on the surface of cells and neutralizes pseudovirus expressing these spikes (28),
the data collectively suggest state B exposes broadly neutralization-sensitive epitopes that may be
of interest for future therapeutics and vaccines.

3.4 Discussion

The above data allow us to create a structural model for state B (Fig. 3-11). The overall fold, or
topology, of each domain is likely similar to the prefusion structure as, with the exception of the
bimodal peptides, their hydrogen exchange patterns are similar. The bimodal peptides, which
report on the two different conformations, cluster in the trimer interface, suggesting that this
interface is less protected in state B. State B is not a monomer. Size-exclusion chromatography
combined with multi-angle light scattering (SEC-MALS) and the hydrogen exchange data at the
trimerization motif, confirm that both conformations are trimeric (Fig. 3-12). In these soluble
ectodomain constructs, the trimer is held together by the appended C-terminal trimerization
domain, while in the full-length native spike trimer, the transmembrane helical segment likely
serves this function. Therefore, state B is best modeled as an opened-up trimer with three
protomers whose domains are structurally uncoupled. Our data do not let us address the relative
orientation of the protomers within individual trimers; however, an ensemble of opened-up
trimers with heterogeneous positioning of the protomers would best explain the lack of cryo-EM
data. An opened-up class 1 viral fusion protein has been reported for respiratory syncytial virus
(RSV) and visualized by a low resolution structure (38). This structural data from RSV and
reports of an opening up of other viral fusion proteins (39–41) support our model of an ensemble
of open-trimers with various degrees of openness.

Figure 3-11. Schematic of the energy landscape
for the SARS-CoV-2 Spike ectodomain. Reaction
coordinate illustrating the different conformations
accessible by Spike. Three different conformational
states are depicted: the canonical prefusion
ensemble, the expanded open trimer, and the
postfusion conformation. The prefusion
conformation contains all four RBD states (0,1,2, or
3 up). The relative energies and barrier heights as
well as the placement of the open trimer along the
reaction coordinate are drawn for illustration only.
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Figure 3-12. State A and state B are both Trimeric. (A) Top: SEC-MALS (Superose 6 increase 10/300) UV
(black line, left axis) and estimated molecular weight (red line, right axis) traces from S-2P performed after four
days of incubation at 4 °C (left) and 37 °C (right). The molecular weights of all primary species are most consistent
with the spike ectodomain trimer (~600 kilodaltons). Bottom: MS spectra of a bimodal peptides from each sample
taken immediately before SEC-MALS experiment with gaussian fits and estimated populations shown. Populations
of states A and B are consistent with the observed peaks shapes in the SEC-MALS experiments (one predominant
peak at 37 °C, and two predominant peaks with a ratio of ~3:2 at 4 °C) the earlier elution volume of state B supports
a model of a more expanded conformation (Fig. 3-7) (B) Top: Structure of the T4 fibritin trimerization domain (PDB
1RFO) with peptide shown in blue. Bottom: peptide deuterium uptake at one minute as a function of fraction state B.
The observed lack of dependence is consistent with the maintenance of the trimerization domain structure in both
states A and B.

We propose that this conformational change occurs because the trimer interface of the spike
protein consists of weak, hydrophobic interactions which are further weakened at low
temperatures. This can be thought of as a form of cold denaturation where the open trimer has a
higher heat capacity than the canonical prefusion structure, consistent with solvation of the
hydrophobic trimer interface. As for what is responsible for the slow rate of interconversion, this
is still unknown. We believe that in order for state B to be formed all three RBDs would need to
be in the up position, which could be the rate-limiting step for the formation of state B, and thus
the slow rate may be a result of the intertwined nature of the trimer. While it is known that RBDs
moving up and down occurs on the order of seconds, having all three RBDs being open
simultaneously long enough for the trimer interface to disassociate, may be rare enough to result
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in a high kinetic barrier. Similarly, the role of the designed prolines (in S-2P and HexaPro) is
unclear. The rates of interconversion are not consistent with a model where the isomerization of
prolines is playing a role. Rather, our data are consistent with the model where the introduction
of prolines successfully stabilizes the prefusion conformation.

A loss of interprotomer contacts in state B implies that the RBDs no longer contact adjacent
protomers, and thus do occupy distinct ‘down’ and ‘up’ conformations; rather, they are likely
always in a binding-competent state, perhaps even more accessible than the canonical ‘up’ state.
This increased availability of the RBD may drive a preference for the B state in the presence of
ACE2. Furthermore, in the prefusion conformation, having all three RBDs bound to ACE2 could
lead to steric hindrances, but in state B, all three RBDs should be able to bind ACE2 with high
affinity. Interestingly, introduction of variants of concern, such as in the alpha S1 HexaPro variant
greatly increases the rate of conversion to state B. Whether this plays a role in the noted
increased infectivity remains to be determined.

Molecular dynamics has shown a smaller opening of the spike protein where an RBD and
adjacent NTD twist and peel away from the center of the spike protein, revealing a cryptic
epitope at the top of the S2 domain (20). This rapidly sampled conformation is not state B, as it
does not involve the S2 trimer interface and the timescale of conversion to state B is unlikely to
be sampled during a molecular dynamics simulation. This partial opening, however, could be on
pathway to state B.

3.4.1 A potential role for state B in spike function

The increase in the formation of state B upon binding ACE2 suggests that state B may be a
functional intermediate. While we cannot say whether this transition occurs in wild-type spike on
virions, it is possible that state B represent an intermediate along the pathway to S1 shedding
during the transition from the prefusion conformation to the postfusion conformation. This
irreversible transition is not possible in the soluble ectodomain which removes the proteolytic
cleavage site. If this is an on-pathway intermediate, antibodies or ligands that trap the protein in
this state may block the protein along the pathway to fusion (42) those that act on the transition
state and increase the rate of formation of the intermediate could promote the premature
formation of the postfusion conformation and thus aid in neutralization. If instead, formation of
state B is off-pathway, antibodies or other ligands that favor state B would essentially trap the
protein in an inactive conformation.

3.4.2 The alternative conformation presents new druggable sites

Based on our model, the newly identified B state contains a large and unique accessible surface
area that is buried in the canonical prefusion conformation, thus exposing different epitopes for
antibody and ligand recognition. Moreover, these regions arise from the most highly conserved
part of the protein, the S2 trimer interface, and therefore may present an ideal target for vaccines
that would provide protection across coronaviruses (pan-coronavirus). In terms of therapeutics,
ligands directed towards this region may also be broadly efficacious against variants of concern
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as well as other coronaviruses. Indeed, the antibody 3A3 represents one such potential
therapeutic.

3.4.3 State B will affect measured ligand-binding affinities.

Finally, independent of whether this additional conformation is an on-pathway intermediate in
the coronavirus functional lifecycle, it is ubiquitous among in vitro preparations of the spike
protein. We see evidence of this conformation in every variant examined, excluding the
disulfide-locked sample. Many biochemical and diagnostic assays use these isolated spike
constructs, and many laboratories store this protein at 4 °C, where the alternative, expanded
conformation is favored. Given that state A and B have differing affinities for the receptor and
some antibodies, the temperature and time-dependent changes in the population of state B
complicates quantitative analysis of binding affinities and needs to be further evaluated.

3.5 Conclusion

In sum, we have found that the SARS-CoV-2 spike ectodomain reversibly samples an
open-trimer conformation, potentially allowing for the development of pan-coronavirus vaccines
and therapeutics. This open trimer is folded and exposes a highly conserved region of the protein.
It is similar in energy to the well-characterized prefusion conformation determined by cryo-EM.
The fraction of spike in each conformer depends on temperature, ligands, and sequence.
Mutations, receptor binding, antibodies, and temperature all affect the kinetics and energetics of
this conformational change. Thus, quantitative measurements, such as in vitro binding assays,
need to be re-evaluated for possible effects due to this mixed population. How easily this
conformation is sampled in natural membrane-bound spike and its position in the viral lifecycle
are still unknown; however, an antibody specific for this conformation can bind and neutralize in
in vitro SARS-CoV-2 cell fusion and pseudovirus assays suggesting an important role.
Determining which conformation elicits more robust protective immunity against both
SARS-CoV-2 variants and other coronaviruses will be important for future vaccine development.

3.6 Methods

3.6.1 Protein expression and purification

SARS-CoV-2 Spike (2P) and RBD were expressed and purified from stably transformed Expi293
cells, following methods as described (43). Briefly, stable Expi293 suspension cells were
maintained in Expi293 media at 37°C. Cells were grown for 6 days, then harvested by
centrifugation, and filtered. Supernatant was adjusted to pH 7.4 and loaded onto a 5 mL HisTrap
Excel column and washed with 60 CV of buffer. Captured proteins were eluted with 10 CV of
(20 mM sodium phosphate, 500 mM NaCl, 500 mM imidazole, pH 7.4). Eluted proteins were
buffer exchanged into PBS using either 3kDa MWCO (for RBD) or 100 kDa MWCO (for Spike)
Amicon concentrators and filtered prior to storage at -80°C. HexaPro, HexaPro S383C/D985C,
and alpha S1 HexaPro were expressed and purified from transiently transfected Freestyle 293-F
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cells as described (31). Briefly, cell cultures were harvested four days after transfection and
centrifuged. Supernatants were filtered and flowed over StrepTactin resin (IBA). Proteins were
further purified by size-exclusion chromatography using a Superose 6 increase column (GE
Healthcare) in a buffer composed of 2 mM Tris pH 8.0, 200 mM NaCl and 0.02% NaN3.
ACE2-Fc was a gift from the Wells lab (44). 3A3 IgG was expressed and purified from ExpiCHO
cells as described (28). Briefly, Antibodies were expressed in ExpiCHO cells according to the
high titer protocol provided and purified on a Protein A HiTrap column (GE Healthcare) and
buffer exchanged to PBS.

3.6.2 Continuous hydrogen exchange labeling

For all continuous hydrogen exchange experiments, deuterated buffer was prepared by
lyophilizing PBS (pH 7.4, Sigma-Aldrich P4417) and resuspending in D2O (Sigma-Aldrich
151882). To initiate the continuous exchange experiment, samples were diluted 10-fold (final
spike trimer concentration of 0.167 μM) into temperature equilibrated deuterated PBS buffer
(pHread 7, pD 7.4). Samples were quenched, at the timepoints outlined below, by mixing 30 μL of
the partially exchanged protein with 30 μL of 2x quench buffer (3.6 M GdmCl, 500 mM TCEP,
200 mM Glycine pH 2.4) on ice. Samples were incubated on ice for one minute to allow for
partial unfolding to assist with proteolytic degradation and then flash frozen in liquid nitrogen
and stored at -80°C.

For studies comparing HexaPro ± ACE2 the RBD in isolation vs in S-2P, purified spike (1.67 μM
spike trimer or 5 μM RBD) was incubated in PBS at 25°C overnight (12-16 hours) before the
initiation of hydrogen exchange. For experiments done in the presence of ACE2-Fc, the ligand
was added during this incubation at a 1.25:1 molar ratio of ligand to spike monomer (6.25 μM
ligand) to ensure saturation. Based on the reported affinity (KD ~15 nM) for ACE2-Fc, fraction
bound can be assumed to be greater than 97%. The hydrogen exchange time points for these
experiments were 15 seconds, 60 seconds, 180 seconds, 600 seconds, 1800 seconds, 5400
seconds, and 14400 seconds.

For the comparison of HexaPro ± 3A3, HexaPro was incubated overnight at 37 °C (12-16 hours).
After incubation the protein was moved to 25 °C and diluted to 1.67 μM spike trimer. In the 3A3
bound condition, 6.25 μM antibody was added and allowed to bind for 10 minutes at 25 °C.
Given the affinity of 3A3 for HexaPro (12 nM, fraction bound can be assumed to be greater than
97%. The quench time points for this experiment were 15 seconds, 180 seconds, 1800 seconds
and 14400 seconds.

3.6.3 Back exchange control preparation

S-2P was diluted to 1.67 μM trimer in PBS pH 7.4. To initiate hydrogen exchange, the sample
was diluted 10-fold (final spike trimer concentration of 0.167 μM) into deuterated PBS buffer
(pHread 7, pD 7.4) that was supplemented with 3.6 M GdmCl, and then incubated at 37 °C. The
addition of denaturant and increased temperature should both promote hydrogen exchange, by
destabilizing folded structures and increasing the intrinsic rate of hydrogen exchange,
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respectively. Following two weeks of exchange, 30 μL of deuterated spike was mixed with 30 μL
of 2X quench buffer lacking denaturant (500 mM TCEP, 200 mM Glycine pH 2.4) and kept on
ice for one minute prior to flash freezing in liquid nitrogen and storage at -80 °C. The results of
this control experiment were used to characterize the back exchange of the system and were not
used to adjust deuteration values of continuous-exchange experiments.

3.6.4 Incubation kinetics and pulse labeling

For evaluating the temperature dependent kinetics of interconversion, frozen spike samples were
thawed, diluted to 5 μM spike monomer, and incubated at 37°C overnight. Samples were then
moved to a temperature-controlled chamber at 4°C and the population of each state was
evaluated at the specified time points as described below. After the final 4 °C sample was taken
(96–526 hours, depending on the spike construct), the sample was returned to a 37° heat block
for further incubation and the population of each state was again evaluated at the specified time
points as described below. To evaluate the relative population of the A and B conformer at each
time point, 3 μL of spike sample was removed from the incubation tube and mixed with 27 μL of
room temperature deuterated buffer. After a one-minute labeling pulse, 30 μL of quench buffer
kept on ice was mixed with the 30 μL of labeled protein. Quenched samples were kept on ice for
one minute to allow for partial unfolding, and then flash frozen in liquid nitrogen.

For kinetics carried out in the presence of ACE2 or 3A3, after the initial 37 °C incubation the
sample was brought to 25 °C and ligand was added (6.25 μM). To monitor the population of state
A and B as a function of time at 25 °C in the presence of ACE2 the sample was kept in a
temperature-controlled chamber at 25 °C and aliquots were removed for pulse labeling as
described above at 0 hours, 30 minutes, 3 hours, 6 hours and 24 hours.

3.6.5 Protease digestion and LC/MS

All samples were thawed immediately before injection into a cooled valve system (Trajan LEAP)
coupled to a LC (Thermo UltiMate 3000). Sample time points were injected in random order.
The temperature of the valve chamber, trap column, and analytical column were maintained at 2
°C. The temperature of the protease column was maintained at 10 °C. The quenched sample was
subjected to inline digestion by two immobilized acid proteases in order, aspergillopepsin
(Sigma-Aldrich P2143) and porcine pepsin (Sigma-Aldrich P6887) at a flow rate of 200 μL/min
of buffer A (0.1 % formic acid). Protease columns were prepared in house by coupling protease
to beads (Thermo Scientific POROS 20 Al aldehyde activated resin 1602906) and packed by
hand into a column (2mm ID x 2 cm, IDEX C-130B). Following digestion, peptides were
desalted for 4 minutes on a hand-packed trap column (Thermo Scientific POROS R2
reversed-phase resin 1112906, 1 mm ID x 2 cm, IDEX C-128). Peptides were then separated
with a C8 analytical column (Thermo Scientific BioBasic-8 5 μm particle size 0.5 mm ID x 50
mm 72205-050565) and a gradient of 5-40% buffer B (100% Acetonitrile, 0.1% Formic Acid) at
a flow rate of 40 μL/min over 14 minutes, and then of 40-90% buffer B over 30 seconds. The
analytical and trap columns were then subjected to a sawtooth wash and equilibrated at 5% buffer
B prior to the next injection. Protease columns were washed with two injections of 100 μL 1.6 M
GdmCl, 0.1% formic acid prior to the next injection. Peptides were eluted directly into a Q
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Exactive Orbitrap Mass Spectrometer operating in positive mode (resolution 70000, AGC target
3e6, maximum IT 50 ms, scan range 300-1500 m/z). For each spike construct, a tandem mass
spectrometry experiment was performed (Full MS settings the same as above, dd-MS2 settings as
follows: resolution 17500, AGC target 2e5, maximum IT 100 ms, loop count 10, isolation
window 2.0 m/z, NCE 28, charge state 1 and ≥7 excluded, dynamic exclusion of 15 seconds) on
undeuterated samples. LC and MS methods were run using Xcalibur 4.1 (Thermo Scientific)

3.6.6 Peptide identification

Byonic (Protein Metrics) was used to identify unmodified and glycosylated peptides in the
tandem mass spectrometry data. The sequence of the expressed construct, including signal
sequence and trimerization domain, was used as the search library. Sample digestion parameters
were set to non-specific. Precursor mass tolerance and fragment mass tolerance was set to 6 and
10 ppm respectively. Variable N-linked glycosylation was allowed, with a library of 132 human
N-glycans used in the search. No non-glycosylated peptides spanning any of the 22 known
glycosylation sites in the spike sequence were ever observed, independent of the glycosylation
search parameters. Peptide lists (sequence, charge state, and retention time) were exported from
Byonic and imported into HDExaminer 3 (Sierra Analytics). When multiple peptide lists were
obtained, all were imported and combined in HDExaminer 3.

3.6.7 HDExaminer 3 analysis

Peptide isotope distributions at each exchange time point were fit in HDExaminer 3. For
glycosylated peptides, only the highest confidence modification was included in the mass spectra
search and analysis. For unimodal peptides, deuteration levels were determined by subtracting
mass centroids of deuterated peptides from undeuterated peptides. For bimodal peaks, extracted
peptide isotope spectra were exported from HDExaminer 3 and analyzed separately (see below
for details).

3.6.8 Bimodal fitting and conformation quantification

Peptide mass spectra for bimodal peptides were exported from HDExaminer 3.0. All quantitative
analysis of the exported peptide mass spectra was performed using python scripts in Jupyter
notebooks. After importing a peptide mass spectra, the m/z range containing all possible
deuteration states of the selected peptide was isolated and the find_peaks method from the
scipy.signal package was used to identify each isotope in the mass envelope and the height of
each peak was used as its intensity. The area of the total mass envelope was normalized to
account for run-to-run differences in intensity. The bimodal mass envelopes for all timepoints
under the same condition were globally fit to a sum of two gaussians, keeping the center and
width of each gaussian constant across all incubation time points. Fitting was done using the
curve_fit function from the scipy.optimize package. After fitting, the area under each individual
gaussian was determined to approximate the relative population of each state.
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3.6.9 Size Exclusion Chromatography – Multiangle Light Scattering (SEC-MALS)

To generate variable populations of states A and B, S-2P (100 μL, 0.18 mg/mL) was incubated at
either 4 °C or 37 °C for four days. Post-incubation, and prior to SEC-MALS injection, an aliquot
from each sample was taken and a one-minute pulse-labeling experiment was performed (see
above). The resulting bimodal peptide distributions were used to calculate a fraction state A and
B. Samples were filtered (0.22 um
um hydrophilic polyvinylidene fluoride Ultrafree-MC GV centrifugal filter) prior to SEC-MALS
injection. 90 μL of sample (0.18 mg/mL) was then injected onto a Superose 6 increase 10/300
(GE Healthcare) preequilibrated in filtered (0.1 um polyethersulfone Nalgene Rapid-Flow
vacuum filter) PBS flowing at 0.5 ml/min at 4 °C. The ÄKTA Pure 25 M1 (Cytiva)
chromatography system was coupled to an 18-angle light scattering Wyatt Dawn detector and
Wyatt Optilab refractive index detector (Wyatt Technology). Data analysis was carried out using
the program ASTRA 7.1.4.8.
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Chapter 4

A kinetic and structural comparison of a protein’s co-translational
folding and refolding pathways

This chapter is adapted from the paper:
Samelson AJ, Bolin E, Costello SM, Sharma AK, O’Brien EP, Marqusee S. 2018. Kinetic and
structural comparison of a protein’s co-translational and refolding pathways. Science Advances.
Vol 4, Issue 5.

I am the third listed author of this work. My contributions to this work include experimental and
analytical work for the denaturant melt portion of the project.

4.1 Abstract

  Precise protein folding is essential for the survival of all cells and protein misfolding causes a
number of diseases that lack effective therapies. Yet, the general principles governing protein
folding in the cell remain poorly understood. In vivo, folding can begin cotranslationally, and
protein quality control at the ribosome is essential for cellular proteostasis. Here, we directly
characterize and compare the refolding and cotranslational folding trajectories of the protein
HaloTag. We introduce new techniques for both measuring folding kinetics and detecting the
conformations of partially folded intermediates during translation in real time. We find that
although the rate-limiting step of HaloTag folding is not affected by translation, a key
aggregation-prone intermediate observed during in vitro refolding experiments is no longer
detectable. This rerouting of the folding pathway increases HaloTag’s folding efficiency and may
serve as a general chaperone-independent mechanism of quality control by the ribosome.

4.2 Introduction

Biophysical characterization of protein energy landscapes has provided key insights into the
mechanisms of protein folding and misfolding, design, and structure prediction. These in vitro
studies, however, often fail to recapitulate the folding process in vivo (1, 2). In the cell, proteins
are synthesized by the ribosome one amino acid at a time and the translational machinery is a
major hub for protein quality control (3, 4). During translation, the nascent chain has the
opportunity to explore regions of the energy landscape in the absence of the protein’s entire
sequence. Therefore, cotranslational folding is fundamentally different than typical refolding
experiments, where the full-length protein is denatured and then allowed to refold (5).
Cotranslational folding has thus become a highly active area of research (6–10), and has revealed
insights into the mechanisms of protein-misfolding diseases (11).

Recent studies on stalled ribosome nascent chain complexes (RNCs) have illuminated some of
the features that guide co-translational protein folding, specifically effects due to the tethering
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and proximity of the ribosome (12–15). These elegant studies, however, fail to recapitulate the
dynamic process of translation; isolated, stalled RNCs are not sufficient to understand the
interplay between translation and protein folding. The importance of co-translational folding is
highlighted by biochemical studies which have demonstrated that concurrent translation can
increase the fidelity of protein folding and quaternary structure formation (16–21). Small
changes in protein folding efficiency (the fraction of produced protein that folds to its native
state) can have dramatic effects – they can overwhelm the cellular proteostasis machinery and
lead to protein-misfolding diseases (4, 22). Thus, proper co-translational folding is essential for
maintaining cellular and organismal proteostasis. The structural details for the folding process,
however, have only been characterized during in vitro refolding where the protein is refolded via
dilution from a chemically or thermally denatured state. In order to understand how translation
modulates protein folding, a direct comparison of the cotranslational- and re- folding trajectories
is essential. However, we lack the high-resolution tools needed to monitor co-translational
folding.

Here, we determine the structural basis by which co-translational folding increases the folding
efficiency of the protein HaloTag and present new techniques to directly compare the structural
and energetic differences between a protein’s co-translational and standard refolding trajectories.
We find that translation inhibits formation of a folding intermediate without changing the
observed rate of overall folding, providing a general, chaperone-independent mechanism for
increasing folding efficiency in vivo.

4.3 Results

4.3.1 HaloTag refolding can be monitored by fluorescence polarization (FP)
    
HaloTag is a modified haloalkane dehalogenase commonly used as a tool for in vivo imaging
(Fig. 4-1A-B) that covalently binds ligand in its native conformation (k = 2.7x106M-1 sec-1, ~27.0
sec-1 at 10µM Tetramethylrhodamine-ligand (TMR), the concentration used in this study) (23).  If
folding is much slower than 27.0 sec-1, we reasoned that the amount of protein-bound ligand in a
folding experiment would be a direct measurement of folded HaloTag at any specific time.
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Figure 4-1. Cotranslational folding of HaloTag monitored in real-time with fluorescence polarization. (A)
Cartoon representation of the crystal structure of HaloTag from PDB 5UY1 (39). Cysteines 61 and 262, as well as
the active-site Asp (D106), are represented as spheres (B) Secondary structure map of HaloTag (40) (C) Refolding
of HaloTag as a function of time monitored by fluorescence polarization. HaloTag refolding as a function of
denaturant concentration (inset). (D) HaloTag cotranslational folding (blue; left axis) measured by FP, and HaloTag
synthesis (black circles with red fit; right axis), measured by gel (see Figure 4-2). Elongation rate as a function of
time is shown inset.

We monitored refolding of HaloTag in the presence of free TMR-functionalized ligand using
fluorescence polarization (FP). FP reports on the relative tumbling time of the fluorophore and
thus is related to its apparent molecular weight. Rapid dilution of unfolded HaloTag into folding
conditions (e.g. 8M urea to 0.8M urea), results in single exponential kinetics (kobs = 4.7±0.9x10-4

sec-1 at a final urea concentration of 0.8M urea, Fig. 4-1). Linear extrapolation of the natural log
of the folding rate, ln(kobs), as a function of the final urea concentration (24) yields a folding rate
in the absence of denaturant, kf,H2O,FP = 4.8±0.6x10-4sec-1, >10,000 times slower than ligand
binding (Table 4-1) and similar to the folding rate determined by circular dichroism (see below).
Thus, changes in FP are a measure of HaloTag folding.
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Thermodynamic Data
ΔGunf (kcal⋅mol-1) (CD) 6.03±0.39
m-value (kcal⋅mol-1M-1) 1.57±0.11

Kinetic Data
ΔGunf (kcal⋅mol-1) 5.24±2.0
m-value (kcal⋅mol-1M-1) 1.41±0.58
kf,H2O (sec-1) 0.04±0.02
mf (kcal⋅mol-1M-1) 1.46±0.71
kconstant, H2O (sec-1) 6.6±0.71x10-

4

mconstant (kcal⋅mol-1M-1) 0.02±0.1
kf, H2O, FP (sec-1) 4.8±0.6x10-4

mFP (kcal⋅mol-1M-1) -0.1±0.04
kNI, H2O (sec-1) 8.47±20±10-6

mNI (kcal⋅mol-1M-1) -0.44±0.3
kIU, H2O (sec-1) 3.3±9.9x10-4

mIU (kcal⋅mol-1M-1) 0.70±.15

Cysteine Accessibility
kWT,refolding, slow (sec-1) 7.8±0.6±10-4

kWT,refolding, fast (sec-1) 0.03±.02
kWT,IVT (sec-1) 4.7±0.3x10-4

kM129C,refolding (sec-1) >0.01
kM129C,IVT (sec-1) 3.2±0.2x10-4

kI126C,refolding (sec-1) >0.01
kI126C,IVT (sec-1) 2.2±0.2x10-4

kE121C,refolding (sec-1) >0.01
kE121C,IVT (sec-1) >0.01

Table 4-1: Summary of kinetic and thermodynamic data of HaloTag and its mutants (error bars are standard
deviations of at least three separate measurements).
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4.3.2 Co-translational folding can be monitored by fluorescence polarization

In order to monitor co-translational folding in real time, we harnessed the same methodology,
following FP, during in vitro translation. We initiated the IVT (in vitro transcription and
translation) reaction directly in the fluorimeter by adding DNA encoding HaloTag to the coupled
in vitro transcription/translation system (NEB PURExpress). Figure 4-1D reveals biphasic
kinetics: a lag phase and an exponential phase. Importantly, the observed kinetics are
independent of the TMR-ligand concentration and are specific for the HaloTag gene (Fig. 4-2,
Table 4-2). To confirm that the changes in TMR polarization monitor co-translational folding
and not protein synthesis, we determined the time-dependence of protein production
independently using a gel-based assay (Fig. 4-1D) (25). The observed kinetics of protein
synthesis are also biphasic, but with a lag phase significantly shorter than that observed by FP. In
addition, we observed an exponential increase in FP signal even after the addition of the
translation inhibitor neomycin, confirming that the change in fluorescence polarization reports on
HaloTag folding and is not translation-limited (Fig. 4-2).

Figure 4-2. Cotranslational folding of HaloTag can be measured using fluorescence polarization. (A) Raw FP
data (left axis) for IVT reactions initiated with HaloTag (black) and DHFR (gray) plasmids. Translation (right axis)
of HaloTag as determined by gel. (B) Polarization as a function of TMR-ligand concentration during IVT of
HaloTag. (C) Folding probability (left axis, blue lines) and HaloTag protein concentration (right axis, black dots with
red line) as a function of time before and after the addition of neomycin. (D) and (E) Representative gels used to
measure protein translation in (A) and (C).
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Lag Time (sec) Rate (x10-4 sec-1)

Refolding (polarization) NA 4.8±0.6

Folding (in vitro
translation)

811.29±8.57 4.42±0.02

Translation 251.29±34.6 4.50±0.10

Foldingbefore +neo 724.18±17.0 5.49±0.07

Foldingafter +neo NA 9.13±0.19

Folding[TMR] = 5uM 1065.89±17.32 4.39±0.04

Folding[TMR] = 10uM 811.29±8.6 4.42±0.02

Folding[TMR] = 12.5uM 780.05±8.9 6.13±0.04

Table 4-2. Kinetic data obtained for HaloTag folding using fluorescence polarization.

4.3.3 Analysis of translation and folding kinetics

These data were analyzed with a kinetic model to account for the asynchronous nature of both
protein synthesis and protein folding (see methods). The protein synthesis data were analyzed to
determine the translation lag phase (251±35 seconds), which represents the time to synthesize
detectable protein levels, and the time-dependent translation rate. The average translation rate,
~1aa/sec, is similar to translation rates determined for other in vitro systems (26, 27). To
determine the co-translational folding rate, we augmented this model to include a protein-folding
component.  The lag time observed for the change in polarization is four-fold larger than that
observed for protein synthesis, 811±9 versus 251±35 seconds, respectively. The resulting
co-translational folding rate is thus 4.42±0.02x10-4sec-1, similar to that obtained in the absence of
translation (Table 4-1).

4.3.4 Refolding studies of HaloTag

We then characterized the stability and refolding of HaloTag using recombinant, purified protein
(Fig. 4-3; Table 4-1).  Folding kinetics, determined by CD, fit to two exponential phases, a
fast-folding phase and a urea-independent slow phase (Fig. 4-3A-C).   The slow phase, as
measured by CD, corresponds to the refolding rate determined by FP (Table 4-1). Often,
urea-independent folding is attributed to cis-trans proline isomerization. However, both refolding
and co-translational folding in the presence of the proline isomerase cyclophilin A revealed no
effect, which suggests this may not be due to proline isomerization (Fig. 4-4, Tables 4-1 and 4-3).
Surprisingly, refolding to below 1.0M urea resulted in visible precipitation and protein
aggregation (Fig. 4-3 and 4-5) even though no aggregation was observed in the above
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co-translational folding experiments that take place at 0M urea.  Aggregation occurred after an
initial decrease in CD signal with a rate similar to the fast refolding phase observed in
non-aggregating conditions. Using centrifugation, we determined the fraction of soluble protein
to be 0.70±0.06 under these conditions (Fig. 4-6).

Figure 4-3. Characterization of HaloTag folding kinetics and stability. (A) Chevron plot of HaloTag folding and
unfolding rates as a function of urea concentration. Fast phase (black circles) and slow phase (white circles, black
outline). Refolding as measured by FP is shown in blue. Refolding traces of HaloTag at 0.8M urea, where there is
visible protein aggregation (B), and 1.6M urea, (C), where no precipitation is observed. (D) CD spectrum of
HaloTag at 0M urea. (E) Equilibrium denaturant melt of HaloTag. (F) Burst-phase amplitudes for refolding (white
triangles with black outline) and unfolding (white squares with black outline). Kinetic final amplitudes (black
circles) overlay well with the fit of equilibrium data (blue line). Error bars represent the SD of three separate
experiments.
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Figure 4-4. Addition of the peptidyl-proline isomerase
CypA does not affect HaloTag refolding or
co-translational folding rates. (A) Refolding of HaloTag in
increasing concentrations of CypA as monitored by CD. (B)
FP of HaloTag in the presence of 10mM CypA (blue) and
no CypA (gray).

Figure 4-5. Aggregation of HaloTag. HaloTag aggregates after
refolding via dilution from 8.0M urea to the indicated final
concentrations of urea.
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Rate (x10-4 sec-1) t0 (sec)

WT (10µM TMR) 4.40±0.02 811.3±9

+10µM CypA 2.12±0.02 2007±70

Halo** I126C 2.08±0.02 612±33

Halo** M129C 2.20±0.08 848±10

Halo** E121C 2.32±0.11 755±57

Table 4-3. Folding rates of HaloTag and variants measured by FP.
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Figure 4-6. HaloTag folding is more efficient during in vitro translation than after refolding. (A) Fraction of
total protein remaining in supernatant after centrifugation following refolding of HaloTag to 0.8M urea. (B) Fraction
folded as measured by pulse proteolysis in conditions as indicated; either after refolding, after in vitro translation, or
both. Blue circles are in vitro translated protein. (C) Representative gels for panels (A) and (B). All error bars are the
SD of at least 15 separate experiments except for HaloTag in 0.8 and 8.0M urea, which are the SD of three
experiments. ‘*’ represents a p-value of less than 0.01, using a student’s unpaired t-test.

84



4.3.5 HaloTag co-translational folding is more efficient than refolding

To compare the efficiencies of refolding and co-translational folding, i.e. the fraction of protein
that reaches the native state, we used pulse proteolysis (28), a gel-based method for measuring
the amount of folded protein (Fig. 4-6). Purified HaloTag incubated in 0.8 M urea is completely
folded when evaluated by pulse proteolysis. But, when refolded by dilution from 8.0M to 0.8M
urea, the efficiency is only 0.73±0.03, consistent with that determined by centrifugation above. In
contrast, co-translational folding is significantly more efficient than refolding: 0.91±0.03 versus
0.73±0.03 (p<.01, student’s unpaired t-test; n > 12; Fig. 4-6, Table 4-4).  It is important to note
that IVT reactions are carried out at a higher protein concentration than the less-efficient
refolding studies (>5uM and 3uM, respectively; see Fig. 4-2 and Methods). To rule out any
possible chemical differences between in vitro translated protein and recombinant protein, we
measured the refolding efficiency of IVT protein and determined it to be similar to that of
purified protein: 0.69±0.06 versus 0.70±0.06, respectively (Fig. 4-6). Why is co-translational
folding significantly more efficient than refolding; how does translation alter the folding pathway
of HaloTag?

Fraction Folded Number of samples

Native 1.04±0.01 3

Unfolded 0.0006±0.0003 3

0.8M refolded 0.73±0.10 15

0.8M dialysis 0.74±0.11 15

IVT refolded 0.69±0.06 15

IVT native 0.91±0.03 15

Table 4-4. Determination of HaloTag folding efficiency under different conditions.
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4.3.6 Structural characterization of the in vitro refolding pathway using HXMS

To compare the refolding and co-translational folding pathways of HaloTag, we first used
pulse-labeling hydrogen-deuterium exchange coupled with proteolysis and mass spectrometry
(HX-MS) to obtain structural information about the conformations formed during HaloTag
refolding (29, 30). Pulses of hydrogen exchange are applied at various refolding times and the
mass of individual peptides is monitored as a function of refolding time. Changes in mass are a
measure of backbone amide accessibility at that particular refolding time. Figure 4-7A shows the
fraction deuterated for each peptide after ten seconds of refolding and reveals two populations:
those that are at least 25% deuterated by ten seconds (“fast”, red) and those that are not (“slow”,
blue). Plotting the mean normalized fraction deuterated for both “slow” and “fast” peptides
further highlights that these two groups of peptides have distinct behaviors throughout the
folding trajectory (Fig. 4-7B). On average, “fast” peptides are more deuterated at all time points
analyzed than “slow” peptides. These data, together with the biphasic CD kinetics (Fig. 4-3),
suggest that the early protection is a result of the formation of a fast-folding intermediate. The
early phase corresponds to protection of peptides comprising the Rossman-fold core of the
protein, while the entire lid domain, as well as β-strand 8, are protected more slowly (Fig. 4-7C).
It is possible that the formation of this intermediate is directly responsible for HaloTag’s
aggregation. For instance, Helix B and β-strand 4 remain unprotected, despite the fact they both
make critical contacts with the rest of the Rossman fold (β-strands 1, 2 and Helix C) (Fig, 4-7C).
 This likely results in a large, exposed hydrophobic surface. Thus, during the early steps of
folding, not only is the lid domain completely unprotected, but there is also a large exposed
hydrophobic surface. Moreover, since this intermediate is comprised of residues distant in
sequence space, it is possible that co-translational folding does not involve formation of this
intermediate.
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Figure 4-7. The HaloTag folding trajectory changes during cotranslational folding. (A) Peptides derived from
HX-MS experiments after ten seconds of refolding were plotted according to their corresponding secondary
structural element. Helices are lettered while beta-sheets are numbered. Secondary structural elements were then
divided into fast (red circles) or slow (blue circles) folding regions based on the average fraction deuterated (solid
line) for peptides within those secondary structures at the ten-second time point (above or below dashed line). Error
bars represent the SEM. (B) Normalized fraction deuterated for all peptides (filled circles) plotted with the mean
fraction deuterated for each group of peptides (solid lines) is shown for three time points. (C) Crystal structure of
HaloTag with slow (blue) and fast (red) secondary structural elements colored. Loops are colored in white.
Cysteines probed in D-G are represented as spheres: Yellow – Cys61 and Cys262; Purple – M129C; Blue – I126C;
Green – E121C. (D)-(G) Cysteine accessibility experiments during in vitro translation (colored lines and circles) and
refolding (dotted lines and black dots). (D)WT HaloTag. (E) Halo* M129C (F) Halo* I126C (G) Halo* E121C.
Error bars represent the SD of three separate experiments except for (A) where error bars are the SEM.
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4.3.7 Comparison of the HaloTag refolding and co-translational folding trajectories using
pulsed cysteine labeling

Unfortunately, the above HX-MS studies are currently not feasible for investigating
co-translational folding. Therefore, to determine if HaloTag populates the same folding
intermediate during co-translational folding and refolding, we designed specific thiol probes
based on the above HX-MS data. Labeling of reactive cysteines has been used successfully in the
past on stalled RNCs (7). We monitored thiol accessibility during both refolding and
cotranslational folding using a fluorescein-conjugated maleimide (F5M), detected by in-gel
fluorescence.

Both of HaloTag’s native cysteines, positioned at the base of two beta-strands, β4 and β8, are
completely protected in the folded state and accessible in the unfolded state (modified within 30
seconds; Fig. 4-8). One of these, Cys262, is in the region we anticipate to be structured in the
intermediate and the other, Cys61, is not. Pulsed-thiol labeling during refolding of the wild-type
protein showed two phases with similar rates to those obtained by CD. In contrast, pulsed-thiol
labeling during co-translational folding resulted in only a single exponential indistinguishable
from HaloTag’s slow folding rate during refolding (Fig. 4-7D, Table 4-1).We then created three
site-specific cysteine variants to probe the very early stages of folding (E121C, I126C, M129C)
in an otherwise cysteine-free background (Halo*).  Residues 126 and 129 are both buried side
chains on β6, and, during refolding, both are protected within the burst-phase of the experiment
(Fig. 4-7E and F). E121C is on the surface of HaloTag and remains unprotected throughout the
folding reaction (Fig. 4-7G).  All three variants bind TMR and display similar folding kinetics as
WT HaloTag (Fig. 4-9).  In contrast to the previous refolding experiments, during in vitro
translation, sites 126 and 129 are not protected early, but rather show slow protection
corresponding to the overall folding rate of the protein (Fig, 4-7D). Thus, the folding pathway of
HaloTag is altered during translation.
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Figure 4-8. Cysteine accessibility of WT
HaloTag. (A) Cysteine accessibility as a function
of time as measured by fluorescein-maleimide
fluorescence for unfolded (yellow circles) and
folded (grey circles) HaloTag. (B) Raw data for
plot in (A)
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Figure 4-9. Characterization of Halo* cysteine mutants. (A) Refolding rate as a function of [urea] as measured
by FP for different HaloTag constructs. WT – yellow; Halo* M129C – purple; Halo* I126C – blue. (B)
Cotranslational folding of HaloTag variants measure by FP. WT – yellow; Halo* M129C – purple; Halo* I126C –
blue; Halo*E121C – green. (C) Cysteine accessibility as a function of time at 1.6M urea for Halo variants. (D)
Cysteine accessibility as a fraction of unfolded intensity for refolded and native state Halo variants at 1.6M urea. (E)
And (F) Gels used for plots in (C) and (D) respectively
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4.4 Discussion

Together, our results suggest that the HaloTag refolding intermediate, which is likely the
precursor for aggregation, is not populated during translation-coupled folding. This change in
the folding trajectory is likely responsible for HaloTag’s increased co-translational folding
efficiency. Moreover, this model also provides an explanation for the recent report that the
mutation K73T, located within the structured region of the refolding intermediate, leads to
increased HaloTag aggregation (31). The specific cysteines characterized here, however, do not
yield further insight into other potential intermediates that may form during translation.
Interestingly, the overall rate of folding is not changed during co-translational folding and thus
the rate-limiting step for folding does not appear to require the formation of this specific
intermediate.

Intermediates in protein folding can play both positive and negative roles. Intermediates are often
beneficial to the folding process by narrowing conformational space, while access to transient
intermediates is also a major determinant for the formation of toxic aggregates associated with
disease (32, 33). Previous studies have suggested that formation of translation-specific
intermediates may help to guide the folding process; our data support the hypothesis that
destabilization of potentially toxic or off-pathway intermediates that form during translation are
also advantageous (12, 34, 35). Thus, we have determined an additional mechanism by which
translation helps to avoid aggregation of the emerging protein.

Our findings highlight the interplay between the rates of translation and folding (36–38).  For
instance, the relatively slow rate of translation in our IVT setup may aid in increasing HaloTag
folding efficiency.  Using the methods described here, it will now be possible to measure how
folding efficiency and folding trajectories are modulated by the rate of translation.  

HaloTag is ideally suited for these kinds of studies. HaloTag folding can be monitored by FP,
thus folding experiments can be performed with high-throughput and in the presence of many
other biologically active molecules including during IVT. This is a powerful system to
systematically investigate how the translational and quality control machinery modulates protein
folding.  These types of unbiased approaches will lead to the discovery of general and
quantitative rules that govern not only protein folding during translation, but also protein folding
in other high-complexity environments.
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4.5 Methods

4.5.1 Protein expression and purification

BL21(DE3) cells were transformed with expression vectors containing the wild-type or mutant
HaloTag cDNA. Single colonies were used to seed starter cultures grown overnight to saturation.
Large-scale cultures were inoculated with 5mL of overnight culture, grown at 37°C to an OD600
of 0.6-0.8 and induced with 1 mM IPTG for 2-3 hours at 37°C. After induction, cultures were
pelleted at 5000 x g for 10 minutes at 4°C, flash frozen, and stored at -80°C.

Cell pellets were resuspended in 10 mM Tris/H2SO4, pH 7.5, 1 mM TCEP (Lysis Buffer) and
lysed by sonication on ice. Lysates were cleared by centrifugation for 30 minutes at 20,000 xg,
4°C and subsequently filtered through 0.2 μm filters. After clearing, lysate was dialyzed into at
least a 10-fold volume excess of Lysis Buffer, loaded onto a HiPrep 16/10 Q Xl column
equilibrated with Lysis Buffer and eluted with a gradient of Lysis Buffer plus 0 to 600mM NaCl.
Fractions containing the HaloTag protein were dialyzed into at least a 10-fold volume excess of
20mM Sodium Acetate, pH 5.0 (Q Buffer) loaded onto a HiPrep 16/10 Q Xl column equilibrated
with Q Buffer and eluted with a gradient of Q Buffer plus 0 to 800mM NaCl. Fractions
containing HaloTag protein were then concentrated and purified on a HiLoad 16/600 Superdex
75 pg column equilibrated with 50mM ammonium bicarbonate or 25mM HEPES KOH pH 7.5,
15mM MgOAc, 150mM KCl, 0.1mM TCEP (HKMT) and the fractions with the retention
volume corresponding to the size of monomeric HaloTag were either lyophilized (ammonium
bicarbonate runs) and subsequently stored at -80°C or concentrated and immediately used for
experiments (HKMT runs). All lyophilized protein was resuspended in HKMT and spun filtered
at 4°C before use in experiments.

4.5.2 Fluorescence polarization

Data collection: All experiments were performed at 37°C unless otherwise noted. Fluorescence
polarization was performed on a BioTek Synergy Neo2 plate reader in 384-well, black flat
bottom plates for IVT reactions (Corning) or 96 well clear flat bottom plates (refolding
experiments). Acquisitions were collected using polarizers as well as a 530nm/590nm filters
with side gain set at 45 and top gain set at 40. Read height was 7.5mm and 10 measurements
were made per data point. After a 15 minute incubation at 37°C, readings were initialized by the
addition of DNA (IVT reactions) or unfolded protein (refolding experiments). Measurements
were taken every 20 seconds for five hours after thirty seconds of mixing and a 90 second delay
for temperature equilibration.

IVT Reactions: IVT reactions using the PURExpress system were set up on ice per the
manufacturer’s protocols for a 30μL reaction with the addition of 1μL RNase Inhibitior, Murine
and 1μL of 300μM TMR (in 100% anhydrous DMSO, for a final TMR concentration of 10μM)
and pipetted into wells. Plates were covered with clear titer-tops to prevent evaporation and
equilibrated at 37°C for at least 15 minutes. Reactions were initiated with 2μL of 125ng/µL
plasmid DNA.

92



Refolding experiments: Refolding experiments were performed in HKMT buffer plus appropriate
concentrations of urea and TMR (to a final concentration of 5µM TMR, 3.33% DMSO). Plates
were sealed and incubated at 37°C for fifteen minutes until reactions were initiated by adding
10μL of 20μM HaloTag in 8M urea that had been incubated at 37°C for at least 12 hours.
Refolding traces were fit to the following equation in Matlab, using bi-square fitting and “k”
bounded at zero:

f(t) = a*(1-e-kt)+c

Urea concentrations were measured using a refractometer as previously described (28).

4.5.3 Circular dichroism

Kinetic and equilibrium experiments were performed using a 0.5 cm cuvette at 37°C with
constant stirring at 3μM (0.1mg/mL) in HKMT buffer. Equilibrium and kinetic experiments
were performed as previously described (41), but at a wavelength of 225nm instead of 222nm to
increase signal-to-noise. Analysis was performed as described (41).

Wavelength experiments were performed in a 0.1cm cuvette at 37°C with 15μM protein
(~0.5mg/mL) in HKMT buffer.

4.5.4 Determination of folding efficiency

All reactions were performed at 37°C at a final concentration of 3μM protein in HKMT buffer
unless otherwise noted.

Centrifugation assay: Proteins were refolded by the dilution of protein in 8M urea to the proper
urea concentration and allowed to reach equilibrium for at least 12 hours. Samples were then
centrifuged at 21,130xg for 30 minutes and the supernatant was carefully removed. The pellet
was resuspended in an equal volume of 8M urea. Both the supernatant and pellet were then
mixed with 6x SDS-PAGE loading dye and run on a 4-12% Bis Tris gel in MES run buffer and
subsequently stained with SYPRO Red for 30 minutes in 10% acetic acid. After destain in 10%
acetic acid for an hour, gels were imaged using a Typhoon Trio (GE) and analyzed with ImageJ.

Pulse Proteolysis: IVT reactions were performed as per the manufacturer’s instructions but with
the addition of 1µL of RNase inhibitor, murine and 1.25μL Fluorotect Greenlys (Promega) per
30μL IVT reaction (25). IVT reactions were quenched after 1 hour to a final concentration of
2mM Chloramphenicol and 0.1mg/mL RNase A. Refolding experiments were performed as
described above. IVT reactions and refolding reactions were allowed to reach equilibrium for at
least 12 hours. Subsequently, reactions were aliquoted to 10μL and 1μL of 1mg/mL Thermolysin
(Sigma) was added to each reaction for 1 minute and quenched with EDTA to a final
concentration of 83mM. SDS-PAGE loading dye was then added to each reaction and each
reaction run on a 4-12% Bis Tris gel in MES run buffer. Imaging and analysis was performed as
described previously (28).
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Refolding of IVT translated protein: IVT reactions were performed and quenched as described
above. A 10-fold volume excess of 8M urea in HKMT buffer was then added and mixed to the
IVT translation reaction and allowed to equilibrate at 37°C overnight. Reactions were then
concentrated in a 0.5mL 10kD cutoff spin concentrator (Amicon) and diluted to 0.8M urea.
After equilibration at 37°C overnight, pulse proteolysis was performed and analyzed as described
above.
 
4.5.5 Translation rate measurement

IVT reactions were performed as per the manufacturer’s instructions but with the addition of 1μL
of RNase inhibitor, murine and 1.25μL Fluorotect Greenlys (Promega) per 30μL IVT reaction
and initiated with 250ng/25μL IVT reaction of DNA. At each time point, 1.5μL of IVT reaction
were quenched into a final concentration of 2mM Chloramphenicol and 0.1mg/mL RNase A and
then SDS-PAGE loading dye. Reactions were then run on a 4-12% Bis Tris gel in MES run
buffer and imaged using a Typhoon Trio. Analysis was performed using ImageJ.

4.5.6 Cysteine protection assays

Purified protein: Refolding reactions were initiated as described above. At each time point, a
50-fold molar excess of fluorescein-maleimide (F5M) was added for 30 seconds and quenched
into an equal volume of SDS-PAGE loading dye containing Beta-mercaptoethanol to a final
BME concentration of 2.15M. Reactions were then run on 4-12% Bis Tris gel in MES run buffer
and imaged using a Typhoon Trio. Analysis was performed using ImageJ. Traces were fit to the
following equation in Matlab, using bi-square fitting and “k” bounded at zero (for those data
which displayed exponential kinetics):

f(t) = a*(1-e-kt)+c

Since folded Halo**E121C cysteine reactivity is time-dependent over the labeling time of the
reaction, intensities, after refolding was initiated, were normalized to the reactivity at that
labeling time as determined in Figure 4-10.
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Figure 4-10. Characterization of Halo* E121C
cysteine accessibility (A) Cysteine accessibility of
folded (black circles) and unfolded (white circles) Halo*
E121C as measured by fluorescein-maleimide reactivity.
(B) Gel used in (A)

IVT reactions: IVT reactions were initiated as described above. At each time point, an equal
volume of 2mM F5M was mixed with IVT reaction for 30 seconds and quenched into
SDS-PAGE loading dye as above. At 45 minutes, reactions were halted by the addition of
chloramphenicol to a final concentration of 2mM. Reactions were then run on a 4-12% Bis Tris
gel in MES run buffer and imaged using a Typhoon Trio. A sample of purified, TMR-bound
HaloTag was run to determine the size of the Halo-F5M band. Analysis was performed using
ImageJ. Intensities were normalized to a major protein product running at ~65kD to control for
effects of evaporation, fluorescein bleaching and gel loading. Traces were fit to the following
equation in Matlab after exclusion of points before 45 minutes, using bi-square fitting and “k”
bounded at zero:

f(t) = a*(1-e-kt)+c
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4.5.7 Pulsed labeling HX-MS

Pulse-labeling scheme: The HX-MS pulsed labeling experiments were based on previously
described approaches (29, 30). Deuterated protein was prepared by lyophilizing unfolded
HaloTag in 8M urea followed by resuspension in D2O, repeated four times. Refolding
experiments were carried out using a Bio-logic QFM-4 apparatus in interrupted flow mode. To
initiate refolding, deuterated protein in 8M urea (deuterated HKMT buffer, pDread 7.9, 10°C) was
diluted with 10 volumes of deuterated HKMT to a final urea concentration of 1.6M. After a
variable delay time (refolding time), D to H exchange at still-exposed sites was induced by a
high-pH pulse of protonated buffer (200 mM Glycine, 10ms, 5 volumes; final pH=10.00). Due to
the large volume changes, the final solution is only 31% protonated. The pulse was quenched by
dilution with a low pH buffer (1M Glycine, 5 volumes; final pH=2.00) to slow any further
exchange. Protein samples were then collected and injected into a custom LC/MS system. A
folded control sample was prepared by subjecting deuterated, native protein to the same
pulse/quench sequence, and an unfolded control was measured by performing the pulse/quench
using fully deuterated, unfolded protein.

LC/MS system: A custom HPLC system was used for in-line protease digestion, desalting, and
separation of peptides. Peptides were eluted from the trap column and separated on an analytical
C8 column using an acetonitrile gradient (5 to 90% acetonitrile) at 17 µL/min. The output of this
system was directly injected into a Thermo Scientific LTQ Orbitrap Discovery using electrospray
ionization.

Data Analysis of HX-MS pulsed labeling: Peptides were identified using a SEQUEST search
using Proteome Discoverer 2.0 software. Peptide mass envelopes were fit using HDExaminer
(Sierra Analytics) followed by manual confirmation of each peptide. Deuterium content was
assessed by examination of the centroid of each fitted peptide mass envelope. Only peptides with
high signal/noise ratio at each time point were used for further analysis. For each peptide at each
time point, the fraction deuterated was determined by comparison to the folded and unfolded
control samples.

4.5.8 Kinetic modeling of translation and folding

Model for protein production in an IVT experiment: To derive a chemical kinetic expression for
the amount of protein produced as a function of time, we note that the rate of protein synthesis is
the rate at which it takes for amino acids to be covalently linked together to create a protein .𝐿 𝑃
Thus, the simplest reaction scheme for this process is

. [1]𝐿→𝑃

This reaction occurs with some rate , which is a function of many processes including𝑘
translation-initiation, -elongation and -termination. We consider number of amino acids as one𝐿
“bundle” (B) of monomer subunits; one bundle is required to synthesize one protein molecule. If

is the total number of free amino acids in solution then the total number of bundles is𝑁
𝐴𝐴

𝑁
𝐵
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. Thus, to express these reactants in concentration form we write the reaction scheme as𝑁
𝐴𝐴

/𝐿

, [2]𝐵→𝑃

that is, state consists of free amino acids that are converted into .𝐵 𝐿 𝑃
The time evolution of the protein concentration, , is governed by the master equation[𝑃(𝑡)]

. [3]𝑑[𝑃(𝑡)]
𝑑𝑡 = 𝑘[𝐵 0( ) − 𝑃(𝑡)]

Solving Eq. [3] under boundary conditions, at , yields𝑃 𝑡( )[ ] = 0 𝑡 = 0

. [4]𝑃 𝑡( )[ ] = [𝐵(0)](1 − 𝑒−𝑘𝑡)

The maximum protein concentration at time is equal to . Therefore,[𝑃
𝑚𝑎𝑥

] 𝑡→∞ [𝐵(0)]

. [5]𝑃 𝑡( )[ ] = [𝑃
𝑚𝑎𝑥

](1 − 𝑒−𝑘𝑡)

There must be a time lag between the time at which transcription starts and the time at which the
first protein molecule is fully synthesized. If this time lag is then Eq. [5] becomes𝑡

0

. [6]𝑃 𝑡( )[ ] = [𝑃
𝑚𝑎𝑥

](1 − 𝑒
−𝑘(𝑡−𝑡

0
)
)

We fit the experimentally measured protein production curve using Eq. [6] and extracted the
overall rate of protein synthesis and time lag .𝑘 𝑡

0

Translation speed: We estimated the average translation speed based on the method described in
(42). We calculated the rate of protein production by taking the derivative of Eq. [6]𝐽(𝑡)

[7]𝐽 𝑡( ) = [𝑃
𝑚𝑎𝑥

]𝑘𝑒
−𝑘(𝑡−𝑡

0
)

Next, we normalized this quantity with the ribosome concentration (i.e., 0.45 ), which weµ𝑀
denote as . Here is the rate of protein production from a single ribosome. On average𝑗(𝑡) 𝑗(𝑡)
then, is the time required to synthesize a protein molecule and a ribosome goes through a1/𝑗(𝑡)
round of initiation, elongation, termination and recycling during this time. Thus, is an1/𝑗(𝑡)
upper bound on the gene translation time, and if elongation is the rate limiting step then is𝑗(𝑡)𝐿
an estimate of the average codon translation rate.

Analytical derivation for the fraction of folded protein: To derive an expression for the
probability of protein folding in an IVT experiment we assume that the protein is released in the
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unfolded state. Unfolded proteins fold post-translationally with rate and the backward𝑘
𝐹

transition occurs with rate . In this situation, the following chemical kinetic equations govern𝑘
𝑈

the time evolution of the concentration of proteins in the unfolded and folded state.

[8]𝑑[𝑈(𝑡)]
𝑑𝑡 = 𝑑[𝑃(𝑡)]

𝑑𝑡 + 𝑘
𝑈

𝐹 𝑡( )[ ] − 𝑘
𝐹
[𝑈(𝑡)]

[9]𝑑[𝐹(𝑡)]
𝑑𝑡 = 𝑘

𝐹
𝑈 𝑡( )[ ] − 𝑘

𝑈
[𝐹(𝑡)]

and
. [10]𝑈 𝑡( )[ ] + 𝐹 𝑡( )[ ] = [𝑃 𝑡( )]

and in Eqs. [8]-[10] are the concentration of proteins in the folded and unfolded𝐹 𝑡( )[ ] [𝑈(𝑡)]
state, respectively, whereas (Eq. [6]) is the total protein concentration at time .[𝑃 𝑡( )] 𝑡

Solving Eqs. [8]-[10] yields

=1+ when [11] [𝐹(𝑡)]
[𝐹

𝑚𝑎𝑥
]

𝑘
𝑘

𝐹
+𝑘

𝑈
−𝑘 𝑒

−(𝑘
𝐹
+𝑘

𝑈
)(𝑡−𝑡

0
)

−
𝑘

𝐹
+𝑘

𝑈

𝑘
𝐹
+𝑘

𝑈
−𝑘 𝑒

−𝑘(𝑡−𝑡
0
)

𝑡 > 𝑡
0

and

when [𝐹(𝑡)]
[𝐹

𝑚𝑎𝑥
] = 0 𝑡≤𝑡

0

where is the concentration of folded protein at . We used Eq. 11 to fit the𝐹
𝑚𝑎𝑥[ ] =

𝑘
𝐹
[𝑃

𝑚𝑎𝑥
]

𝑘
𝐹
+𝑘

𝑈
𝑡→∞

experimentally measured folding probability and extract the numerical value of ,[𝐹(𝑡)]
[𝐹

𝑚𝑎𝑥
]( ) 𝑘

𝐹

assuming .𝑘
𝑈

= 0
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Chapter 5

Future directions for the biophysical and structural investigation of
nascent chains during translation

This chapter serves as a summary and future outlook for the co-translational protein folding field.
The work presented in this chapter was led by me. Single-molecule fluorescence experiments
were performed in close collaboration with Arjun Prabhakar and Joseph D. Puglisi at Stanford
University.

5.1 Introduction.

As discussed in Chapter 1, a central goal of the work presented in this dissertation is to develop
tools and approaches that will allow us to ask detailed biophysical questions about protein energy
landscapes in native biological environments. One area of particular interest, explored in Chapter
4, is how protein folding is modulated by the ribosome during translation. As a field, we have
learned an immense amount about the physical effect of the ribosome, and we now have an
abundance of evidence that co-translational folding occurs regularly and can influence proper
protein folding outcomes (outlined below). However, the majority of our experimental
descriptions of nascent chain energy landscapes come from the study of nascent chains that are
stalled on the ribosome. This eliminates a key component of co-translational folding, the
vectorial nature of translation.

5.1.1 Folding during vectorial synthesis—a kinetic competition

For larger proteins, vectorial synthesis allows regions at the N-terminus the opportunity to fold
before C-terminal regions have been synthesized.1 This results in a complex kinetic competition
between protein folding and translation where the energy landscape that a nascent chain can
explore changes as each successive amino acid is added by the ribosome. Protein folding, and
conformational changes in general, have a very broad distribution of timescales (see Chapter 1).
Minor conformational changes, like transitions between side-chain rotamers, occur on the
picosecond to nanosecond timescale, and more complex transitions, like the folding of entire
domains, can be as fast as tens of microseconds and as slow as minutes.2,3 Importantly, proteins
that stably populate their native state, by definition, will unfold much slower than they fold. The
range of protein unfolding rates for known two-state proteins ranges from hundreds of
milliseconds to tens of days.3 Protein translation rates fall in the middle of these timescales,
where the addition of a single amino acid takes between 50 milliseconds and 1 second.4 This
means that proteins can explore regions of their conformational energy landscape, but not so
thoroughly that equilibrium is necessarily reached, in other words, a kinetic competition occurs
where certain unique structures can form during translation, and these structures can persist until
after translation of the entire polypeptide is complete. This concept was elegantly explained by
Clark as an evolving series of energy landscapes.5 This raises the question - how can we

102

https://paperpile.com/c/k7k3mp/5jjq
https://paperpile.com/c/k7k3mp/Ko60+YCMT
https://paperpile.com/c/k7k3mp/YCMT
https://paperpile.com/c/k7k3mp/lECn
https://paperpile.com/c/k7k3mp/1rKT


experimentally determine what the nascent chain energy landscape looks like for each
translational intermediate, and how does the kinetic competition between translation and the
exploration of these landscapes dictate protein-folding outcomes?

5.1.2 Current state of the nascent chain biophysics field

To date, the majority of detailed biophysical and structural studies of co-translational folding
involve some mechanism of translational stalling. One of the most common approaches uses a
specific amino acid sequence, known as a translational arrest peptide (the most commonly used
being the SecM stalling sequence), that interacts strongly with the ribosome exit tunnel, halting
translation and resulting in a stable ribosome-nascent chain (RNC) complex.6,7 This arrest
peptide approach allows for the purification of large quantities of homogeneous RNCs,
facilitating the use of advanced biophysical methods.8 This has allowed for the determination of
nascent-chain structures by CryoEM9–11, the study of nascent-chain dynamics and ribosomal
interactions by NMR and HDX-MS12–15, the quantitative measurement of global nascent-chain
stability and kinetics with pulse proteolysis16,17, and investigations of folding kinetics and
pathways using single-molecule force spectroscopy18,19, amongst many other experiments. These
studies have been instrumental in understanding how protein energy landscapes are perturbed by
the ribosome.20,21 However, it is labor-intensive to perform these experiments for every possible
nascent chain length, and in none of these experiments is the kinetic competition between
translation and folding taking place.

Arrest peptides have also been leveraged, on their own, as effective probes for co-translational
protein folding. When a domain in a nascent chain folds from a flexible disordered unfolded state
to a more rigid globular state near the surface of the ribosome, it can generate a force that
propagates through the ribosome exit tunnel.22 This force dislodges the arrest peptide, allowing
translation to continue.6 The Von Heijne group, among others, has leveraged this behavior to
develop force profile analysis (FPA).9–11,22–25 In FPA many protein constructs are created, each
with a stalling sequence, a protein of interest, and a variable length linking sequence in between
the two. Each construct is then separately assayed to determine which lengths create enough
force to release the translational stall. When this release occurs efficiently it is interpreted as a
co-translational folding event. The relative ease of this approach allows the interrogation of many
different proteins, revealing trends between size, charge, thermodynamic stability, and the
propensity to fold near the ribosome.22 However, even this experiment does not probe the true
kinetic competition between translation and folding, as in each case the arrest peptide engages,
and several minutes are allowed for any folding force to dislodge the arrest peptide.

Other methods more closely capture the true kinetic competition, but even they indirectly rely on
stalling translation. For instance, ribosome profiling can map the points in translation when
FKBP12-rapamycin binding domain (FRB) acquires a native-like structure, defined as its ability
to bind the ligand rapamycin.26 In theory, this approach probes folding events occurring during
translation, without stalling sequences, and in the native cellular environment. However, the
assay itself involves stalling since it requires the addition of small molecules to bind the
ribosome and halt translation, allowing RNCs to be isolated for RNA footprinting. It is entirely
possible that structures form during this extended time period that otherwise would not have had
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time to form before translation continued. Another promising set of methods for monitoring
structure formation during translation is FRET and PET, where one can monitor the distance
between two probes in the nascent chain during the translation process. This is, of course, a
technically challenging experiment since one has to incorporate two probes (either two
fluorophores or a fluorophore and a quencher) into the actively translating nascent chain. Despite
the challenges, co-translational FRET and PET have both provided an unprecedented level of
detail about nascent chain structure formation during translation.27–29 While this method does
involve monitoring a probe during active translation, the deconvolution of the data to assign
structure at the resolution of individual nascent chain lengths incorporates the FRET and PET
values of stalled nascent chains at different lengths. Therefore, this method is also incapable of
completely reproducing the kinetic competition between folding and translation.

Finally, there are several studies monitoring nascent chain folding during active translation
without any stalling involved. One is described in chapter 4, where we used the ligand binding
activity of the protein HaloTag to watch the acquisition of native structure during translation in
real-time.30 This experiment, along with other in vitro re-folding experiments, provided evidence
that co-translational folding can prevent the formation of an aggregation-prone intermediate. This
approach has several weaknesses, one being that it is not generalizable, as it depends on the
activity and slow folding of HaloTag. Another weakness is that this assay reports on the folding
of the protein after release from the ribosome, only indirectly reporting on events taking place
during translation. Another conceptually similar approach was used by the Clark lab, where they
cleverly designed a protein fusion construct based on two different fluorescent proteins, where a
single beta-strand is shared between them.31 As a result, each individual protein molecule can
only successfully fold one of the two fluorescent protein domains. When this construct is
translated, the N-terminal fluorescent protein is preferentially formed, providing direct evidence
that the vectorial nature of translation can bias co-translational folding. Both of these studies
provided convincing evidence that kinetic competition occurring during translation can bias
folding outcomes, but neither provided detailed structural information on nascent chain folding
during translation.

5.2 Future strategies for studying nascent chain folding during translation

What is needed are methods that can provide structural information of nascent chains, as
ribosomes are actively synthesizing, without any stalling. The ideal method would (1) report on
the structure of the nascent chain, either in terms of the acquisition of native structure or ideally
more local information on the formation of secondary structures or burial of side chains (2)
return this information as a function of nascent chain length and (3) do both of the above under
conditions where the ribosome is actively translating the nascent chain. Here I propose several
ways we can accomplish this.
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5.2.1 Development of single-molecule approaches for monitoring co-translational folding
in real-time

There are many detailed studies on the kinetics and mechanisms of translation using
single-molecule fluorescence and single-molecule FRET.32–34 By fluorescently labeling ribosomal
subunits, tRNAs, initiation factors, elongation factors, and termination factors and monitoring
their assembly and dynamics, we now have an extremely detailed view of nearly every assembly
step and conformational change that takes place. These robust and powerful platforms can now
be leveraged to ask questions about co-translational folding. Having already established that
translation can be monitored in real-time for single ribosomes, all that is required is a
fluorescence read-out that is sensitive to the folding of the nascent chain. In Chapter 4, we
leverage the ability of HaloTag to rapidly, specifically, and irreversibly bind a fluorescent ligand.
This could be adapted to a single-molecule approach, where a C-terminal linker could be
appended to a protein, and during translation, as the domain exits the ribosome and folds, it
would rapidly bind its fluorescent ligand indicating a folding event occurred. This could be
combined with ribosomal subunit FRET and/or fluorescently labeled tRNAs to simultaneously
monitor the addition of each amino acid to the nascent chain, and determine at exactly which
nascent chain length folding occurred. The key problem with extending this experiment using
HaloTag is that it folds extremely slowly. While this was an asset in Chapter 4, it means that in
this experiment we would likely never observe HaloTag folding during translation. However, this
same concept could be applied to any protein that rapidly binds a fluorescent molecule or a
molecule that can be fluorescently labeled as long as the binding kinetics are suitably fast, and
the dissociation is suitably slow.

Together with the Puglisi lab at Stanford University, we have already begun to make progress
toward this goal. First, we chose other model systems where folding can be monitored by the
binding of a molecule to the native state, E. coli Dihydrofolate Reductase (DHFR) which binds
to Methotrexate (MTX), and an RNase from Bacillus amyloliquefaciens (Barnase) which binds
to its inhibitor, the protein Barstar.35,36 We demonstrated that by fluorescently labeling MTX and
Barstar and monitoring the fluorescence polarization of these molecules during the translation of
DHFR and Barnase, we can monitor the simultaneous translation and folding of these proteins
(Fig. 5-1). This is the same experiment as the HaloTag fluorescence polarization experiment
described in Chapter 4. However, since both DHFR and Barnase are known to fold rapidly, both
likely fold immediately upon release from the ribosome. We verified this by halting the
translation of DHFR with an antibiotic that binds to the ribosome. This quenching of the reaction
immediately halted the increase in fluorescence polarization of MTX, confirming that folding
occurred nearly immediately after the translation and release of the full-length nascent chain (Fig
5-1).

We went on to generate Barnase and DHFR constructs with SecM stall sequences and flexible
linkers. We then demonstrated that we could capture individual ribosomes and translate DHFR
and Barnase in the presence of fluorescently labeled MTX and Barstar. MTX proved to be too
hydrophobic of a molecule for this single-molecule platform, sticking to the slide surface and
providing a large background signal. The combination of Barnase and Barstar, however, proved
that we could successfully monitor single ribosomes that could translate Barnase and that Barstar
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could then bind to the folded stalled nascent chain (Fig. 5-1). The next steps for these
experiments will be to couple this assay to existing assays for monitoring translation and tRNA
binding, allowing us to simultaneously monitor both the folding of nascent chains and translation
in real-time, thus providing the first codon level resolution of co-translational protein folding
monitored in real-time.

This platform could be extended to ask various interesting biological questions. As monitoring
the binding of proteins to the ribosome has been done for many elongation factors, it should be
possible to similarly label and monitor the binding of co-translational chaperones like Trigger
Factor and DnaJ/K37–40, and co-translational modifying enzymes like peptide deformylase,
methionine aminopeptidase, and N-terminal acetyltransferase.41 Additionally, as nanobody
design and de novo protein design continue to improve, it will likely become possible to develop
bespoke probes of folding for any nascent chain.42–44 Admittedly, the constructs that we have
used so far are highly non-physiological, with artificial linkers and stalling sequences introduced.
However, by generating binders that recognize non-linear structural motifs unique to the native
(or non-native) state of a given protein, this same approach could be extended to any protein of
interest. These binders would be fluorescently labeled and this same single molecule
fluorescence approach would then determine at which nascent chain lengths a specific structural
motif forms.
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Figure 5-1. Monitoring co-translational folding with single-molecule fluorescence. (A) in vitro translation of the
proteins DHFR (left) and Barnase (right), monitored by the polarization of fluorophore-modified ligands MTX(left,
blue) and Barstar (right, purple). If translation is halted by the addition of neomycin (left, red), the increase in
polarization is instantly stopped, indicating folding is occurring immediately after release from the ribosome. (B)
Shown on the left is a diagram of a zero-mode waveguide (ZMW) well with an immobilized ribosome (green)
attached to RNA (gray) with two fluorescent labels attached (green and red). As translation of the nascent chain
(blue) continues, the nascent chain folds, and a fluorescent ligand binds (red). Shown on the right is the structure of
the Barnase:Barstar complex, with the catalytic residue and labeling positions, indicated. (C) Sample FRET trace
showing first photobleaching of the ribosome fluorophore labels, then the arrival of fluorescently labeled Barstar,
indicating the complete translation and folding of the Barnase nascent chain.
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5.2.2 Potential for covalent labeling methods to monitor co-translational folding

One weakness of the above approach is the probe is specific to attaining a native-like structure. A
promising alternative approach would be to leverage the power of covalent labeling methods,
such as those outlined in Chapters 1-3, as these provide local structural information on secondary
structure or side chain burial. Additionally, as these methods are ideal for handling complex
heterogeneous mixtures, they would be well suited to probe nascent chain structure formation
during translation, either in in vitro settings or in the native biological environment. One
experimental issue that plagues those who study co-translational folding is the synchronization of
ribosomes.45 As translation is a series of reactions, stochasticity will result in the
desynchronization of the translation reaction, where various ribosomes will be at different stages
of synthesis with variable-length nascent chains. One way to combat this is to monitor single
ribosomes, as described in section 5.2.1. Another potential solution is to encode structural
information into each nascent chain using a covalent labeling method like HDX or HRF, then
separate nascent chains by length, and then read out the structural information with a method like
mass spectrometry.

I have primarily focused on two covalent labeling methods in this dissertation, HDX-MS, and
HRF-MS. HDX-MS has already been successfully used to study RNCs.15 However, if our goal is
to study nascent chains of variable length, it is unlikely that HDX-MS will be viable, for multiple
reasons. First, most HDX-MS experiments rely on digesting proteins into peptides. If there is a
heterogeneous mixture of nascent chain lengths, as we would expect based on the difficulty in
ribosome synchronization, it would be impossible to know what nascent chain length a given
peptide originated from. One way to overcome this would be to first separate nascent chains by
length and then digest them into peptides.46 This is unlikely to work for HDX-MS, as back
exchange limits both the solution conditions (cold, pH~2.5) and the time between labeling and
measurement (maximum of tens of minutes).47 Given those restraints, it is unlikely that nascent
chains could be first labeled then separated and digested without complete back exchange
occurring. One alternative to both of the above approaches would be to bypass digestion entirely
and only monitor intact nascent chains. This is an even more attractive approach when you
consider that, as each nascent chain has a different mass, each would be able to be monitored
separately by mass spectrometry. However, here too the restrictions imposed by back exchange
likely prevent this strategy from working. Since each nascent chain is attached to a tRNA,
measuring HDX by MS will likely be a challenge, due to the higher mass, the difficulty of
ionization of such a negative molecule, and the ability of the tRNA itself to become deuterated.
Similarly, it is unlikely that first removing the tRNA will be feasible, as the cold and acidic
conditions will likely prevent timely enzymatic removal.

While HDX-MS will likely not be amenable to studying co-translational folding, HRF-MS does
not suffer from the same back exchange problems described above. The oxidative modifications
resulting from HRF are non-labile.48 Meaning that the information encoded during the HRF
labeling will remain stable during the various separation and digestion processes that will be
required to study co-translational folding. Both of the approaches outlined above are likely
feasible. After HRF labeling, all remaining RNA could be enzymatically degraded, and the
degree of modification for each nascent chain could be directly measured by mass spectrometry
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(Fig. 5-2). Once normalized using the known intrinsic rates (see Chapter 1) the resulting data
could be plotted as a measure of protection (y-axis) as a function of nascent chain length
(x-axis). If a co-translational folding intermediate buries side chains, protecting them from
solvent, we would expect to see an increase in protection at the nascent chain length where that
intermediate first forms. Additionally, higher structural resolution could be achieved by then
separating nascent chains chromatographically, and then digesting and measuring the protection
of individual peptides. In summary, the stability of the oxidation modifications in HRF makes
HRF-MS a promising approach for studying nascent chain structure formation during translation.

Figure 5-2. Detection of co-translational folding intermediates with HRF-MS. A heterogeneous mixtures of
Ribosomes (green) translating RNA (gray) and extending the nascent chain (blue). At some timepoint the nascent
chains can be labeled with hydroxyl radicals, and then the RNA and other proteins can be removed by digestion and
purification. The oxidation of the mixture of labeled nascent chains can be measured with mass spectrometry. Once
normalized to intrinsic rates of labeling, the protection at each nascent chain length can be determined, and increased
protection should be observed for lengths that populate folding intermediates.
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5.3 Conclusions

Every protein is translated by the ribosome, and the timescales of conformational changes
suggest that proteins are extensively searching their energy landscapes during this process. Given
the ubiquitousness of this process and the potential to dictate proper folding outcomes, the
sequence determinants that govern this process must be further investigated. The complex kinetic
interplay and the many macromolecular components involved have made descriptions of
structures during translation very difficult to acquire. Here I suggest two possible methods that
can describe either native state structure, or the formation of tertiary structure, by nascent chains
at the resolution of individual translation elongation steps. These unprecedented structural
descriptions of nascent chains will be instrumental in improving our understanding of
co-translational folding.

5.4 Methods

5.4.1 Fluorescence polarization

Data collection: All experiments were performed at 37°C. Fluorescence polarization was
performed on a BioTek Synergy Neo2 plate reader in 384-well black flat-bottom plates(Corning).
Acquisitions were collected using polarizers as well as 530nm/590nm filters with side gain set at
45 and top gain set at 40. Read height was 7.5mm and 10 measurements were made per data
point. After a 15-minute incubation at 37°C, readings were initialized by the addition of DNA
(encoding either E. coli DHFR or B. amyloliquefaciens Barnase H102A D44C). Measurements
were taken every 20 seconds for five hours after thirty seconds of mixing and a 90-second delay
for temperature equilibration.

IVT Reactions: IVT reactions using the PURExpress system were set up on ice per the
manufacturer’s protocols for a 30μL reaction with the addition of 1μL RNase Inhibitor, Murine,
and a final concentration of 10 uM fluorescently labeled ligand, either Fluorescien-Methotrexate
(Thermo Fisher) or Fluorescein-Maleimide labeled Barstar C40A and pipetted into wells. Plates
were covered with clear titer-tops to prevent evaporation and equilibrated at 37°C for at least 15
minutes. Reactions were initiated with 2μL of 125ng/µL plasmid DNA.

5.4.2 Single-molecule fluorescence

Single-molecule fluorescence assays were performed as previously described.49,50 Briefly, single
mRNA encoding for B. amyloliquefaciens Barnase H102A D44C, a (GS)25 linker sequence, and
a SecM stalling sequence were immobilized in zero-mode waveguide wells within a SMRT cell.
Fluorescently labeled ribosome subunits were assembled and translation was initiated in the
presence of translation components and Cy5-Maleimide labeled Barstar C40A. Fluorescence was
monitored on a modified PacBio sequencer.
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