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Directed cell migration is involved in a broad spectrum of biological phenomena, ranging 

from the metastatic spreading of cancer to the active migration of neutrophils in response to bacterial 

infection.  It requires a tightly regulated, spatiotemporal coordination of underlying biochemical 

processes. However, our understanding of how these processes are spatiotemporally coordinated with 

the mechanics of cell migration is poor. The objective of this Dissertation is, therefore, to investigate 

the mechanics of cell migration using Fourier Traction Force Microscopy (FTFM) measurements to 

shed light onto the key role of specific cytoskeletal proteins in the migration process. 

Using an improved traction force cytometry method, we calculated the traction stresses of 

wild-type cells and a range of mutants with cytoskeletal deficiencies. We confirmed that for both wild 

type and mutants, the strength of the traction stresses and the cell length followed a quasi-periodic 

temporal evolution, supporting the existence of a motility cycle. In addition, we found that the cells 

with misregulated SCAR/WAVE-mediated, dendritic F-actin polymerization at the cell’s leading edge 

were unable to move periodically, rendering their efficiency in migrating poor. We were able to 
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demonstrate that wild type and cells lacking the SCAR/WAVE complex protein PIR121 (pirA-) or 

SCAR (scrA-) exert stresses of different strength that correlate with their levels of F-actin, suggesting 

that the amount of F-actin present within a cell is a determinant of its stress strength. 

In addition to FTFM, we also constructed traction tension kymographs to obtain a space-time 

representation of traction stresses. Kymographic representation of the traction stresses allowed us to 

determine, for the first time, how the formation and disassembly of adhesions are coupled with the 

generation of axial and lateral traction stresses to control cell migration. Our findings revealed that 

wild-type cells migrate by switching between two motility modes with distinct adhesion and 

contractility dynamics. These two modes are not conserved when wild-type cells migrate on highly 

adhesive substrates, where cells implement modes that rely on lateral contractility. 

Finally, we observed that cells with cytoskeletal crosslinking defects (mhcA- and abp120- 

cells) also move by developing increased lateral contractility. However, under conditions of increased 

adherence, they were unable to move due to their inability to augment the strength of their traction 

stresses, break their back adhesions, and migrate forward. 
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Chapter 1          
Introduction 
 

1.1 Background 

 

1.1.1 Cell migration is involved in many physiological and disease processes  

Cell migration is crucial in a wide range of physiological processes essential to survival and 

life (1-3). For instance, embryonic development and organogenesis require the mobilization of cells to 

generate new structures and organs (4, 5). Furthermore, both immunity and wound healing are two 

homeostatic processes in the body that rely on the ability of cells to migrate (6, 7). During the immune 

response against pathogens, leukocytes from the circulation make their way through the walls of 

vessels and migrate into the surrounding infected tissue to engulf and destroy the pathogens. 

Similarly, wound healing, angiogenesis (new blood vessel formation) and re-epithelialization occur 

due to the proliferation and migration of vascular endothelial cells and epithelial cells respectively (8).  

The failure of cells to migrate, or any inappropriate migratory movements, are key 

components of many serious and life-threatening diseases (9, 10). The metastatic spreading of cancer 

is such an example. Cancer cells characterized by increased motility, leave the initial site of tumor 

growth, enter the blood or lymph vessels and, then cross the vessel wall to exit the vasculature in 

distal organs where they can continue to proliferate forming a secondary tumor (11-13). Moreover, a 

key component to the development of many vascular diseases among which is atherosclerosis, is the 

migration and proliferation of vascular smooth muscle cells which lead to progressive vessel 

thickening (14). Subsequent vascular injury leads to endothelial dysfunction, which, in turn, promotes 

the expression of inflammatory markers and trans-endothelial leukocyte migration (15). Recruitment 

of leukocytes from the circulation into the vessel intima is a crucial step for the development of 
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fibrous, atherosclerotic plaques (16). Many chronic inflammation processes (asthma, rheumatoid 

arthritis, multiple sclerosis, psoriasis) are characterized by the constant infiltration of immune cells 

into inappropriate places which, once they’ve reached and due to their activation, can cause massive 

damage and progressive deterioration of the tissue (17). Finally, understanding the mechanisms 

underlying cell migration is also important to emerging areas of biotechnology that focus on cellular 

transplantation and the engineering of artificial tissues, as well as to the development of new 

therapeutic strategies that aim at controlling invasive tumor cells (18, 19).  

 

1.1.2 Cells can migrate in different ways  

There are many ways cells can move (20). Similar to bacteria, some cells swim in the liquid 

environment in which they are found in order to propel themselves by using specialized structures 

(cilia, flagella) (20). Crawling over flat surfaces is another type of cell movement that can be further 

divided into lamellipodial and amoeboid crawling. In the case of lamellipodial motility, cells migrate 

by projecting a bi-dimensional, flat veil-shaped protrusion (lamella) with which they move forward 

together with the continuous retraction of their backs (21). Amoeboid motility refers to the locomotion 

of all eukaryotic cells that move by protruding their stubby three-dimensional leading edge, called 

pseudopodium. The migration of these cells consists of a limited repertoire of discrete movements - 

extension (pseudopods) and retractions (22). Finally, there are cells that move in three-dimensional 

matrices, as usually occurring in vivo, by projecting specialized structures called podosomes and 

invadopodia and at the same time by degrading their extracellular matrix (ECM) by means of various 

enzymes (23). 

 

1.1.3 Traction force microscopy used to study the mechanics of cell migration  

Several methods have been developed recentely in order to study the mechanics of cell 

locomotion (24-26). Some of them focus on the study of the traction stresses that the cells exert on the 

substrate over which they migrate, calculated from the resultant deformation field induced by the cells 
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on the substrate. To this end, several authors relied on the classical solution of the elastostatic equation 

for a homogeneous, semi-infinite medium proposed by Boussinesq (27). This solution expresses the 

deformations as functions of the traction stresses and has to be inverted. Since that inversion leads to a 

numerically-stiff and computationally-expensive problem, Butler et. al inverted Boussinesq’s solution, 

making it trivial in the Fourier space and proposed a spectral method to obtain a computationally-

efficient solution of the elastostatic equation (28). Our group extended this method by taking into 

account the finite thickness of the substrate and the fine distance between the measurement plane and 

the surface of the substrate (29). Despite the advances made in this direction, there is still an important 

need to better understand the spatiotemporal integration of the biochemical together with the 

mechanical processes that lead to cell migration. In order to develop a better understanding of the 

relation between the mechanics and biochemistry sufficient to predict and control cell motility, each 

mechanical event characterizing the motility has to be associated with specific biochemical signalling 

events, thus enabling us to elucidate the effects that the regulation of these signalling pathways has on 

the mechanics of cell motility.  

 

1.1.4 Additional techniques used to examine the spatiotemporal organization of traction 

stresses and localization of fluorescent protein markers 

In the present study a variety of methods and analytical techniques are used to examine the 

spatiotemporal organization of traction stresses and the localization of fluorescent markers, which tag 

specific cytoskeletal proteins. As mentioned in the previous section, applying Fourier Traction Force 

Microscopy (FTFM) and using additional novel Microscopy technics, we measure traction stresses 

and 3D shape changes with high temporal resolution. By stacking the traction stress measurements 

jointly in space and time, we obtain kymographs of the traction tension of cells, which enables us to 

look at the traction adhesion dynamics of motility. In addition, using these kymographs we classify 

motility into different modes depending on the traction adhesion dynamics of the cells with an 

unprecedented level of detail. By quantitatively dissecting the dynamics of amoeboid motility into 
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modes and comparing wild-type cells with mutants with defects in their cytoskeletal organization or 

with cells moving on substrates with altered mechanical properties, we gain further insight into the 

mechanics of cell locomotion. 

In addition to the kymographic analysis of traction stresses, we apply techniques previously 

developed and applied (29-31) to analyze whether the migrating cells, in addition to the traction 

adhesion modes they implement during migration, they also follow a motility cycle characterized by 

periodic oscillations of their cells shape and strain energy (2, 32-34). We first characterize the degree 

of periodicity of various mechanical and biochemical signals and then analyze their temporal 

relationship (35). In addition by transforming the fields of the traction stresses and of the fluorescence 

localization of any protein marker, from the lab-based to a cell-based dimensionless coordinate 

system, we calculate average traction stress maps of many cells and thus compare different strains but 

also same strains migrating under different conditions. Finally, for cells exhibiting a motility cycle 

during migration, we apply conditional statistics based on the oscillations of the cell length and dissect 

motility into phases. We then compile averages of various fields such as of the traction stresses and 

the localization of fluorescent protein markers. We thus examine the relationship between the 

mechanics of cell migration and the underling biochemistry. 

 

1.1.5 Dictyostelium discoideum as model organism for studying the mechanics of cell 

migration  

We apply the aforementioned techniques to study cell locomotion by using the social amoeba 

Dictyostelium discoideum as our model organism. Dictyostelium shares many mechanical traits of its 

migration and chemotaxis with motile mammalian cells such as neutrophils and macrophages (36); the 

conservation of the basic principles extends to the biochemical level where many proteins involved in 

motility of metazoans are conserved as well. The experimental advantages of using Dictyostelium as a 

model system stem from the combination of multiple factors: Dictyostelium is a unicellular amoeba, 

largely eliminating complications from cell-cell interactions, and it has very modest growth 
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requirements (tissue culture of axenic strains). Genetically, Dictyostelium is haploid; its genes have 

only a few and small introns which simplifies the generation of new knockout strains, and a wide 

range of mutant cell lines is already available.  

Amoeboid cells migrate towards attractive stimuli by adopting an elongated shape and 

orienting parallel to the direction of motion (chemotaxis). This process is controlled by a complex 

network of signaling biochemical pathways, which drive the continuous remodeling of the 

cytoskeleton of the cell and its adhesions to the extracellular matrix (ECM). Despite the complexity of 

these processes, the cell can be viewed as a mechanically interconnected system consisting of a 

dynamic cytoskeleton cross-linked with motor proteins and attached to a membrane, using its 

adhesion sites to the substrate to migrate efficiently. By doing so, the mechanical implementation of 

cell motility can be approximated as a simple cyclic succession of mechanical events called the 

motility cycle, consisting of: 1. protrusion of temporary projections (pseudopodia); 2. attachment to 

the substrate; 3. contraction of the cell body; 4. detachment and retraction of the back of the cell 

(Figure 1.1) (2, 32-34). Furthermore, it has been shown that for both leukocytes and Dictyostelium 

discoideum these pseudopodia are successively extending and retracting. These successive extensions 

and retractions lead to periodic oscillations of the shape morphology of the cells, their velocity and the 

traction stresses they exert through their adhesions to the substrate (37-44). 

 

 
 
Figure 1.1: Different phases comprising the motility cycle followed by amoeboid cells during 
chemotaxis. 1. Protrusion: actin polymerization at the cell’s front, where new attachments are formed 
with the substrate. 2. Contraction: increase in the contractile forces exerted on the substrate. 3. 
Retraction: the cell releases attachments at the back and retracts it by myosin-mediated actin filament 
contraction. 4. Relaxation: phase before a new motility cycle begins. 
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1.1.6 Key cytoskeletal components involved in cell migration   

It is widely accepted that actin assembly (polymerization) generates a major part of the force 

required for cell movement. Globular actin can polymerize to form polarized actin filaments (F-actin) 

(45). Together with a multitude of actin interacting proteins, these filaments form the dynamic 

skeleton of the cell (cytoskeleton) and play an important role in the protrusion of the leading edge and 

the formation of the pseudopod. Translocation of the leading edge is driven by the formation of actin-

based structures at the front of the cell such as filopodia (long parallel or bundled filaments leading to 

spikes), lamellipodia (branched filaments leading to sheet-like protrusions) or pseudopodia in the case 

of Dictyostelium (branched filaments leading to three-dimensional protrusions) (46). By regulated 

polymerization and depolymerization, actin filaments allow cells to change shape and contribute to the 

necessary force needed for cell movement. This dynamic regulation of the actin cytoskeleton is 

spatiotemporally coordinated by a myriad of actin binding proteins, actin nucleators as well as their 

upstream signaling regulators (47-49). 

 

 
 
Figure 1.2: The mechanism of action of the Scar/Wave complex. Sketch showing how the activation 
of the Arp2/3 complex by the Scar/Wave complex leads to the dendritic polymerization of F-actin at 
the frontal cell edge and thus the pseudopod protrusion. Notice that the Scar/Wave is a pentameric 
complex that is activated by the Rac-GTPase and other possible signals and through its SCAR 
component directly interacts with the Arp2/3. The Arp2/3 in turn acts as a catalyst for F-actin 
polymerization, promoting the growth of the F-actin filaments in a Y-shaped (dendritic) mode. As the 
dendritic network of F-actin grows at the leading edge of the cell, the pseudopod is eventually pushed 
forward. 
 



7 
 

 

New actin polymerization occurs by either extending existing filaments in a linear fashion or 

by lateral branching at a roughly 70o angle. Forward extension of a lamellipodium (or pseudopodium 

in the case of Dictyostelium) containing a meshwork of branched filaments occurs by the growth of 

actin filaments adjacent to the plasma membrane, where branching is initiated in a Y-shaped mode by 

a heptameric complex called Arp2/3 (Figure 1.2) (48-57). A 70o angle is created between an existing 

actin filament and a new filament, which Arp2/3 nucleates, forming a dendritically-architectured 

skeleton at the frontal edge which helps propel the edge of the cell forward. WASP and SCAR/WAVE 

complexes are nucleation-promoting factors that activate Arp2/3 (Figure 1.2) (50, 58-65). The highly 

conserved SCAR/WAVE pentameric complex includes PIR121 (Sra-1/CYFIP/GEX-2), SCAR 

(WAVE), HSPC300, ABI1, and NAP1 (Hem2/KETTE/GEX-3) which bind and activate Arp2/3, and 

also bind other signaling factors that activate the SCAR/WAVE complex (66-69). Thus, 

SCAR/WAVE proteins are essential, since they may determine where in the cell actin polymerization 

will occur.  

Actin binding and crosslinking proteins are also essential since they crosslink actin filaments 

in different ways and contribute to the mechanical integrity of the cytoskeleton. Among them, ABP-

120 has been proposed to cross-link actin filaments in nascent pseudopodia and to play a key role in 

cell motility since it is required for normal pseudopod extension (70-73). ABP-120 is incorporated 

into the actin cytoskeleton shortly after stimulation with cAMP at a time that correlates with the cross-

linking of actin into the cytoskeleton and with the pseudopod extension (74). In vitro, ABP-120 has 

been shown to orthogonally cross-link actin filaments to form a rigid actin gel (70).  

Another important actin cross-linker is the motor protein MyoII. MyoII is important due to its 

contractile activity that is essential to the retraction of the trailing edge of the cell. The MyoII complex 

contains two heavy chains, two regulatory light chains, and two essential light chains (75-77). 

MyoII’s motor activity is regulated by phosphorylation of the regulatory light chain and requires the 

essential light chain (78). The MyoII complexes can assemble into antiparallel bundles with motor 

head groups at both ends. These bipolar filaments bind and crosslink actin filaments to form a 
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cortical meshwork that increases in density from the front to the back of the cell (79). This 

cytoskeletal structure is important for the mechanical stiffness of the cell (cortical tension) and can 

also generate the contractile forces required for efficient cell motility (80). 

In addition to motors, translocation requires cell-substrate adhesions to transmit traction 

forces to the substrate (81). The mechanisms underlying cell-substrate adhesion and their role in the 

locomotion efficiency have been investigated in fibroblasts, keratocytes, and other eukaryotic cells, 

which attach to the substrate via discrete and localized focal adhesions (82, 83). Unlike fibroblasts, 

Dictyostelium and other amoeboid cells do not form localized focal adhesions, but rather attach to the 

substrate via more diffuse areas (38, 84, 85). 

 

 

Figure 1.3: F-actin dynamics, motor proteins and adhesion are key components that drive cell 
migration. (a) Sketch of the cell depicting the key components comprising the dynamic cell’s 
cytoskeleton, which are essential for cell migration. The blue contour represents the cell’s surface, the 
orange circle the nucleus of the cell and the gray rectangle under the cell, the substrate. Notice the 
cytoskeletal filaments (blue and white-black lines), the F-actin crosslinking proteins (green arches), 
the adhesion proteins (red triangles) and the motor proteins (hollow green circles). (b) Diagram 
showing how the presence of cAmP eventually elicits a sequence of signaling events that lead to 
directional motility (chemotaxis). On the bottom of the diagram, key proteins of the cytoskeleton are 
shown as well as which aspect of motility their presence controls. 
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The composition and structure of these adhesions is less well understood in molecular terms. 

More importantly, the high speed of these cells means that they undergo much quicker assembly and 

disassembly of adhesions, which renders them challenging to study. For both of these two classes of 

motile cells, little is known about how key biochemical processes coordinate the formation and 

breakage of adhesions with the generation of traction stresses to control movement. 

 

1.1.7 Aims of this dissertation 

The present dissertation intends to elucidate how the regulation of F-actin polymerization by 

SCAR/WAVE, the proper F-actin crosslinking, and the adhesion of the cell to the substrate affect the 

production and dynamics of the traction stresses that drive cell movement. Traction Force Cytometry 

(TFC) has been used to measure the spatiotemporal distribution of the traction stresses exerted by 

wild-type cells and relevant mutant strains migrating up a chemoattractant gradient on flat elastic 

substrates (Figure 1.3). By jointly stacking these traction stress measurements in space and time, high-

resolution kymographs that capture the key features of the adhesion and traction tension dynamics 

were also produced. The precise characterization of each traction stress and adhesion phenotype was 

then used to determine the role that SCAR/WAVE-mediated dendritic F-actin polymerization plays in 

the modulation of the cellular traction stresses and in the implementation of the motility cycle. In a 

similar manner by comparing wild-type cells with mutants with defective crosslinking, we elucidate 

the role of proper F-actin crosslinking in the mechanics of cell movement and highlight its importance 

for efficient cell migration. Finally, to gain more insight into the role of cell-substrate adhesion in cell 

migration we have analyzed cells migrating on substrates of varying stiffness and adhesivity, 

emphasizing as well the important role of the extracellular environment on cell migration. 

 

1.2 Outline of dissertation 

 

In Chapter 2, we present the experimental methodology used for the experiments carried out 
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for this Dissertation. Using an exact solution of the elastostatic equation based on Fourier expansions 

that expresses the tractions explicitly as functions of the deformations, we calculate both the axial and 

lateral components of the traction stresses, and by jointly stacking these measurements in space and 

time, we produce traction tension kymographs that allow us to gain insight into the adhesion dynamics. 

Moreover, we present the methodology by which motility is divided in different motility modes with 

distinct contractility and adhesion dynamics based on the traction tension kymograph data. Finally, by 

studying and characterizing the periodicity of the cell length and strain energy time records, we 

categorize the various cell lines depending on whether they move quasi-periodically or not, and in the 

former case apply our cycle-splitting algorithm to gain further insight on the cyclic movement of the 

specific strains. 

In Chapter 3, using the above-mentioned methodology, we study the dynamics of wild-

type cells moving up a chemoattractant gradient on an elastic substrate. We reconfirm that their 

migration is composed of a repetitive sequence of canonical steps where the cells adhere, on average, 

at two sites at their back and front halves and are in a contractile state constantly. Our analysis shows 

that the temporal evolution of the cell length, strain energy exerted on the substrate, and maximum F-

actin florescence at the front of the cell present a quasi-periodic evolution. All the above three time 

records oscillate with the same frequency and are in phase while their frequency correlates with the 

mean migration velocity of the cells. Using the traction tension kymographs, we split motility into 

modes and find that wild-type cells move by switching mainly between two modes of distinct 

adhesion and contractility dynamics. Moreover, we find that changes in adhesion dynamics 

accompany contractility and migration speed changes. 

In Chapter 4, similar to the wild type, we analyze two mutant strains that lack two key proteins of 

the SCAR/WAVE complex that regulates the dendritic F-actin architecture at leading cell edge (scrA- and 

pirA- cells). We find that the polarity and speed of the SCAR/WAVE mutants do not correlate with 

their F-actin levels. Moreover, disruption of the SCAR/WAVE complex causes the misregulation of 

the motility cycle. The strength of traction stresses differs in the SCAR/WAVE mutants and correlates 
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with their altered F-actin levels while the spatial organization of the stresses and their F-actin 

localization remains similar to wild-type. Finally, using the traction tension kymographs, we show that 

scrA- move by employing one motility mode solely unlike the wild-type or pirA- cells. 

In Chapter 5, we compare the mechanics of cell migration of wild-type cells with cells with 

defects in F-actin crosslinking (abp120- and mhcA-). Our findings indicate that cells with cytoskeletal 

defects rely on lateral contractility in order to move, which emphasizes the key role of lateral 

contractility for cell migration. Unlike mhcA- cells, which constantly contract laterally using many 

adhesion sites located at the cell’s periphery, abp120-, which lack an effective pseudopod, move by 

establishing two adhesion areas and by periodically switching from a mode in which they contract 

axially to a mode in which they contract laterally. 

In Chapter 6, we investigate the role of adhesion in amoeboid cell migration by altering the 

mechanical properties of the substrate on which cells migrate. We find that when wild-type cells 

chemotax on substrates of increasing stiffness, they increase the strength of their traction stresses but 

decrease their velocity while their shape becomes less polarized. Moreover, the area gain/loss of the 

cell due to deformation remains constant while the area gain/loss of the cell due to pure translocation 

reduces when moving on stiffer substrates. When wild-type cells migrate on substrates of increased 

adhesiveness, lateral contractility becomes essential while the motility modes utilized by the wild-type 

cells to move are completely different from those observed in regular substrates. 

Finally, in Chapter 7, general conclusions are made and specific areas and subjects that would 

require further study are pinpointed and briefly discussed. 

 



 

12 

Chapter 2       
Experimental Methods † 
 

2. 1 Polyacrylamide Gel Fabrication  
 

We prepared polyacrylamide gels of 5% acrylamide and 0.06% bis-acrylamide coated with 

0.2 mg/ml collagen to use as substrates for our cells. We constructed the gels similar to those 

described elsewhere (86, 87). The gel consisted of two layers with the bottom layer containing no 

beads and the upper layer containing 4 μL of 2% carboxylate modified yellow latex beads of 0.1 μm 

diameter (Fluospheres, Molecular Probes, Eugene, Oregon). The thickness of the gels was ൎ43 μm. 

The exact protocol we followed is described in detail below. 

 

2.1.1 Upper and lower glass coverslips treatment 

The first step of the procedure consisted of the treatment of the coverslips on which our gels 

would attach. Initially, 25 mm glass coverslips were placed on a hot plate and 500μL of 0.1 M NaOH 

were added so that they covered the entire surface of the coverslips. Once the liquid evaporated 

leaving a uniform, white thin film of NaOH on the surface to allow uniform gel attachment, the 

coverslips were removed from the plate and placed in a fume hood. The coverslips were covered with 

100μL of 3-Aminopropyltriethoxysilane (APES) for 5 minutes and then rinsed thoroughly with 

distilled water. After verifying that the coverslips were dry, 100μL of a premixed solution of 0.5% 

                                                 
† Chapter 2 in part, has been published in the Conference Proceedings of the IEEE Engineering in Medicine 
and Biology Society. Distribution of traction forces associated with shape changes during amoeboid cell 
migration. Alonso-Latorre B., Meili R., Bastounis E., del Álamo J.C., Firtel R., Lasheras J.C.. In addition, 
the Traction Force Cytometry method presented has been published in the Proceedings of the National 
Academy of Sciences of the United States of America. Spatio-temporal analysis of eukaryotic cell motility 
by improved force cytometry. del Álamo J.C., Meili R., Alonso-Latorre B., Rodriguez-Rodriguez J., 
Aliseda A., Firtel R., and Lasheras J.C.. 
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glutaraldehyde in PBS buffer was added to them and was let stand for 30 minutes up to 2 hours. The 

coverslips were then rinsed thoroughly and the excess liquid was aspirated. The dry coverslips were 

then ready for gel attachment. 

 

2.1.2 Preparation of the two gel layers 

The polyacrylamide gel consisted of two layers: the bottom one containing no beads and the 

upper one containing 4μL of 2% carboxylate modified yellow latex beads. The second step of this 

procedure consistsed of the preparation of these two layers. In order to make these two layers, two 

tubes were initially prepared. The tube with the beads contained: 25μL of 40% acrylamide, 4μL of 

2.5% bis-acrylamide, 150μL of Na/K phosphate buffer and 4 μL of of a 2% carboxylate modified red 

latex beads with 0.1nm diameter (Fluospheres, Molecular Probes, Eugene, Oregon). The tube without 

beads is similar but contained no beads and 154μL of Na/K phosphate buffer. The solutions were 

mixed and placed on ice in vacuum for 15 minutes to reduce dissolved oxygen, which inhibits 

polymerization. 0.8μL of TEMED (crosslinker) and 1.2μL of 10% APS (catalyst) were added to the 

tube containing no beads and then 3.6μL of the mixture was placed at the center of circular glass 

coverslips which were positioned on top of the treated square ones to “sandwich” the polyacrylamide 

gel. Once the gel was polymerized (10-30 minutes later), the second layer containing the tracker beads 

was added in a similar manner and some weight was placed on the top coverslip to make the bead-

containing layer slightly thinner. The square coverslips with the two layers on top of them were then 

mounted into Petri dishes filled with 50mM HEPES buffer (pH=8.5) using silicon grease (Dow 

Corning, Midland, Michigan). 

 

2.1.3 Inspection of the gel under the microscope and activation with Sulfo-SANPAH 

The last step involved the examination of the gels under the microscope to verify that the 

distribution of beads was uniform and the layer of beads was confined essentially in one focal plane 

(the uppermost) and the subsequent procedure for collagen attachment. For the second part, 200μL of 
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1mM Sulfo-SANPAH in HEPES buffer were added to the gel surface, which was then placed under 

365nm UV light for approximately 10 minutes until the solution turns from bright red to brownish. 

After thoroughly washing the gel from the Sulfo-SANPAH, 0.2mg/ml collagen protein was added, 

and the gels were incubated with it overnight. The next day, the gel was rinsed, and then 4ml of 

HEPES buffer and 40 μL Ampicillin were added. The gel was stored in 4oC and could be used for one 

week. 

 

2.1.4 Altering the substrate stiffness and adhesivity 

To test the effect of increased substrate stiffness on cell migration, we constructed a stiffer 

substrate with increased bis-acrylamide concentration (from 0.06% to 0.15%) and kept the acrylamide 

concentration constant (5%). The expected stiffness of the resulting substrates was E= 5.6 kPa. To test 

the effect of increased cell adherence, 20 mg/ml of poly-L-Lys (MW=30000-70000, P9155 Sigma-

Aldrich) were mixed together with the collagen solution, while the remaining protocol steps were the 

same as described above (88). Different concentrations of poly-L-lysine were tested, and the one 

selected was chosen since wild-type cells were still able to chemotax, but with deeply decreased 

speed. 

 

2.2 Determination of the Elasticity of the Substrates 

 

To verify that the published values of our gels’ elasticity were the real ones, we performed 

sphere indentation experiments and also used AFM measurements. We used a tungsten carbide sphere 

(R=150μm, W=1.898μN, Hoover Precision, East Gramby, CT USA) which we carefully deposited on 

our substrate using a micro-aspirator. The microsphere caused an indentation on the elastic substrate. 

Dimitriadis et al. showed that the relation between Young’s modulus of a gel slab of thickness h, an 

indentation depth of the sphere z, and a radius R and weight W, can be described by the following 

equation:	
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where ߉ ൌ  and ܾ௢ are	௢ߙ the Poisson’s ratio is assumed σ=0.45 and the coefficients ,݄/ݖߜܴ√

functions of σ: 

α0ൌെሺ1.2876െ1.4678ߪ൅1.34722ߪሻ/ሺ1െߪሻ,	ܾ0ൌെሺ0.6387െ1.0277ߪ൅1.51642ߪሻ/ሺ1െߪሻ ሺ2ሻ. 

Further details on the method can be found elsewhere (89). It should be noted that the above 

methodology is subjected to the need of small strains within the gel (
௭

௛
≪ 1ሻ. That is, gels of thickness 

40μm can be indented up to 4μm in order to have a solution using the above equations. To solve that 

problem, we needed to change the material of the ball we were using, switching, for instance, to glass 

(density ~3000kg/m3) or alternatively, to create thicker gels and assume that the elastic properties of 

the gels are conserved, which is what we did. We confirmed that our hypothesis was right by 

performing AFM measurements of the original thin gels. We then acquired a z-stack of images every 

δz=0.4μm. The indentation depth z was determined as the depth where the beads displaced by the 

sphere came into focus. The in-focus beads were detected using the SOBEL function in MATLAB. 

We also used AFM to measure the elasticity of the gels. Below Table 2.1 shows the expected elasticity 

predicted by Engler et al. (3rd column) (90), the one we measured using AFM (4th column) and the one 

we found using the indentation of a tungsten sphere (5th column) and its standard deviation (6th 

column) for both stiffness gels. 

 

Table 2.1: Young’s Modulus of the PA gels. Upper and lower rows show the two different stiffness 
gels constructed. The six columns show: acrylamide concentration (%); bis-acrylamide concentration 
(%); expected Young’s modulus, EREF (kPa) from Engler et al (90); average value of AFM measured 
Young’s modulus (average of N=5 gels for each case), EAFM (kPa); average value of calculated 
Young’s modulus, EIND (kPa) by measuring the identation of a tungsten carbide sphere in the gel 
(average of N=12 gels and N=7 gels respectively). +/- values indicate standard deviation from the 
mean value. Notice that the calculated modulus using the indentation of a tungsten carbide sphere 
gives values similar to the measured modulus using the atomic force microscope (AFM). 
 

Acrylamide Bis-acrylamide EREF (kPa) EAFM (kPa) EIND (kPa) 

5% 0.06% 2 1.31+/-0.46 1.06+/-0.41 

5% 0.15% 5.6 3.74+/-1.38 3.75+/-0.57 
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2.3 Actin-Myosin Assay 

 

Dictyostelium cells were grown under axenic conditions in HL5 growth medium in tissue 

culture plates. Aggregation competent cells were prepared by starving them for 1 hour and then 

pulsing them for 5 hours by placing 10 ml of a 5 x 106 cells/ml suspension in a starvation buffer (20 

mM MES pH 6.8, 0.2 mM CaCl2, 2 mM MgSO4,) with cAMP to a concentration of 30 nM every 6 

minutes. The cells were then pelleted, washed once in the starvation buffer, and then resuspended in 

10 ml of starvation buffer to get rid of the cAMP and then incubated for 30 minutes with 2 mM 

caffeine at room temperature. Tubes were then prepared for time points 0”, 5”, 10”, 20”, 30”, 40”, 

50”, 60”, 2’, 3’, and 4’, and 300 μl of 2x lysis buffer (20 mM TES pH 6.8, 1% Triton X-100, 2 mM 

MgCl2, 5 mM EGTA, 10 μg/ml aprotinin, 10 μg/ml leupeptin) was added to each tube while they were 

kept on ice. An additional 30 μl of Na/K phosphate buffer was added to the 0” time point. A 270 μl 

cell sample was taken for the zero time point and added to the lysis buffer and 300 μl of cells 

stimulated with 1 μΜ cAMP were lysed for the other time points. The cell lysates were vortexed and 

incubated on ice for 10 minutes. After spinning at 15000 rpm for 10 min at 4°C, the supernatant was 

removed, and the pellet was washed once in 1X lysis buffer. After the washing step, the residual liquid 

was carefully removed and the pellet was resuspended in 20 μl 2x SDS sample buffer. The samples 

were then boiled for 5 minutes and 10 μl were loaded on an 8% polyacrylamide protein gel. Actin 

bands were approximately 45 kD. The gel was stained with Coomassie blue and the band intensities 

were quantified with Image-J. A rectangle encompassing the sample lane was drawn around each 

protein band and converted to an intensity graph for each lane from which the area of the peak 

corresponding to the actin band was determined.  
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2.4 Total DC Protein Assay 

 

The DC (detergent compatible) protein assay (Bio-Rad Laboratories, Hercules, CA) is a 

colorimetric assay for protein concentration following detergent solubilization. The reaction is similar 

to the well-documented Lowry assay. A 10 μl sample of cell lysates prepared during the actin/myosin 

assay was mixed with the reagents provided by Biorad to a final volume of 0.94 ml according to the 

manufacturer's protocol. The absorbencies were read at 750 nm using a spectrophotometer. These 

measurements were used to normalize the F-actin content according to the relative total protein 

content of the initial lysates. 

 

2.5 Cell Contour Identification 

 

Differential interference contrast (DIC) images were acquired by using a 40X air lens at 4 s 

intervals when the cells where chemotaxing on polyacrylamide gel substrates. To identify the contours 

of the cells using the DIC images, MATLAB (Mathworks Inc, Natick, MA) was used to perform the 

digital processing of the image sequences. Since while recording the cells are moving on the 

polyacrylamide substrate, imperfections of the substrate can easily interfere with the outline 

identification of the cell. Consequently, it was necessary to use a custom algorithm to automatically 

determine the cell outline for each given cell. This procedure is comprised of five steps: First static 

imperfections from the original DIC image (Figure 2.1.a) were removed from the individual images 

by using the average of the image series as follows: 

,ݔ௜௡௧௘௥ሺܫ ሻݕ ൌ
ሺூ೚ೝ೔೒ሺ௫,௬ሻିூೌೡ೐ሺ௫,௬ሻሻ

ሺூೌೡ೐ሺ௫,௬ሻାఌሻ
 (3) 

where Iorig(x,y), Iave(x,y), Iinter(x,y) are the intensity fields of each raw image, the average image and the 

resulting intermediate image (Figure 2.1.b). The small parameter  is defined by the bit depth of Iorig 
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that was introduced to avoid division by zero; Second, the logarithm of the absolute value of the 

intensity field of the intermediate image Iinter(x,y) was taken, and the resulting intensity field I(x,y) was 

thresholded to extract its brightest features (Figure 2.1.c). The threshold was calculated using the 

histogram of intensities of the image resulting from the previous step, H(I), and is given by: 

௧௛௥ܫ ൌ
׬ ுሺூሻ∙ூ∙ௗூ
಺మ
಺భ

׬ ுሺூሻ∙ௗூ
಺మ
಺భ

 (4) 

where I0, I2 are the intensities at which H reaches its global maximum, and its next local maximum to 

the right of I0 (I2>I0) respectively and I1 is the intensity at which H has maximal curvature in the 

interval [I0, I2] (Figure 2.1.d). These calculations were performed on a polynomial fit to H of an order 

high enough to represent the basic features of the distribution. Because H is the slope of the 

cumulative distribution of intensities, the present choice of a threshold is in a region of high H yet 

away from the global maximum of H balances robustness and sensitivity. To ensure that the evolution 

of the threshold was smooth from frame to frame, the threshold at each frame was chosen as the 

average of the most recent ten thresholds. Third, the features obtained after the application of the 

threshold were refined using a process of image dilation and erosion with a structuring element of 

small size, S0 (S0=4-6 pixels~0.7-1 μm) (Figure 2.1.e). This procedure coalesces the nearby image 

features detected in the previous step (Figure 2.1.f). Fourth, a second image dilation and erosion was 

applied having a second structuring element S1, whose size was determined empirically by comparing 

the resulting cell contours with manually traced contours on a number of cases (typically 1 every 50 

frames). This comparison yielded the semi-empirical expression: 

ଵܵሺݏ݈݁ݔ݅݌ሻ ൌ 80 ∙
஺೎೐೗೗

஺೑೐ೌ೟ೠೝ೐ೞ
െ ሺ80 െ ܵ଴ሺݏ݈݁ݔ݅݌ሻሻ (5) 

where Acell is the average area of the cell contours of the previous three images, and Afeatures is the area 

of the features obtained after the initial dilation and erosion in step 3, so that the ratio Acell/Afeatures is 

typically larger than 1. This step is based on the percolation theory, a mathematical theory that studies 

the behavior of connected clusters in a random graph that has applications in different areas of 

science. The main difference between our case and the aforementioned theory is that, the latter deals 
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with large or infinite networks, whereas our network is highly reduced since it is composed of just a 

few features obtained after step 3. For this reason the determination of the structuring element size to 

be used is semi-empirical. Finally, the centroid coordinates (xc,yc) and principal axes of each cell were 

calculated (major and minor second moments of inertia). The front and back were determined as the 

two parts in which the cell is divided by its minor axis of inertia, with the front pointing towards the 

direction of motion. Given that  is the angle between the x axis and the cell’s major axis, the front is 

defined as:  

ሾሺݔ െ ܽݏ݋௖ሻܿݔ ൅ ሺݕ െ ܽݏ݋ሻܿݐ݀/௖ݔሿሾሺ݀ܽ݊݅ݏ௖ሻݕ ൅ ሺ݀ݕ௖/݀ݐሻܽ݊݅ݏሿ ൐ 0 (6). 
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Figure 2.1: Cell shape segmentation. (a) Raw instantaneous DIC image of a WT cell. (b) Image 
resulting after removing static imperfections of DIC image in panel (a). (c) I(x, y), natural logarithm of 
the absolute value of the image in panel (b). (d) Probability density function (PDF) of I(x, y) (blue 
line); H(I), polynomial fit to that PDF (red line); I0, location of the global maximum of H(I) 
(cyan dot); I1 and I2 (green dots) define the region of H(I) whose centroid provides the instantaneous 
threshold Ithr for the detection of the cell shape (yellow square). (e) Features detected (white 
contours) after application to image in panel (c) of threshold Ithr. (f) Cell shape (white contour) 
resulting from application of dilation/filling/erosion with structuring element of size S0 = 6 pixels to 
features in panel (e). (g) Detected cell shape (white contour) after application of dilation/filling/erosion 
with structuring element of size S1 to features in panel (f). Scale-bar in panel (a) represents 10 nm and 
 60 pixels. Background image in panels (e-g) is the same as in panel (b). 
 

To retrieve the 3D shape of the cell time-lapse, fluorescent confocal images were acquired 

using a 40 X air lens at 12 s intervals. For each time point, z-stacks along the cell height were also 

acquired having a z-interval of 1 μm (typically 15 images). In this specific case, the 3D reconstruction 

(rendering) of the cell was performed using IMARIS. 
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2.6 Determination of the Substrate Deformation, Calculation of the 

Traction Stresses, and Construction of the Traction Tension 

Kymograph 

 

2.6.1 Determination of the substrate deformation 

The deformation of the substrate was determined from the displacements of fiduciary 

fluorescent beads embedded in the substrate which were measured using image correlation techniques 

similar to Particle Image Velocimetry (PIV), a technique commonly used for fluid flow visualization 

(91, 92) (Figure 2.2.e). To do so, we modified an already existing, open-source Matlab toolbox for 

PIV analysis named Urapiv, so that it suited the needs of this specific application and could be used to 

obtain the horizontal displacements of the beads (Figure 2.2.f). Square windows of 16 pixels with an 

overlap of 50% were used to perform the correlation. In each experimental session, the beads were 

imaged at the plane where their fluorescence intensity was maximal in order to minimize any 

systematic errors caused by out-of-focus beads (29). 

 



22 
 

 

 

 
Figure 2.2: Sketch showing the methodology followed to calculate the displacement field induced on the 
substrate on which amoeboid cells crawl. (a) Setup of the experiment. The black irregular shapes 
represent the cells and the green fluorescent dots the beads embedded on the upper substrate portion. The 
black box represents the plate that contains the substrate on which the cells migrate. h0 is the height from 
the bottom of the substrate to the plane where the intensity of the fluorescent beads is maximum and at 
which we acquire the image of the beads. h is the height from the bottom of the substrate to the plane at 
which we acquire the DIC image of the cells. (b) DIC image of the cells. (c) Binary image of the cells 
after automatically determining the threshold of the image. (d) Binary image after application of 
dilations/erosion using a certain circular morphological structuring element (strel). (e) Fluorescent image 
of the beads. (f) Calculated displacement field. The black line shows the cell’s contour, the red arrows the 
direction and magnitude of the displacements of the beads and the color-map the amplitude of the 
displacements.  

 

2.6.2 Calculation of the traction stresses 

The traction stress field ࣎ ൌ ሺ࢞ࢠ࣎,  ሻ௭ୀ௛ applied by a cell on its substrate surface was࢟ࢠ࣎

calculated by solving the elasticity equation of equilibrium for a linear, homogeneous, isotropic, 3D 

body of finite thickness h. For the calculations high-resolution Fourier Traction Force Cytometry 

techniques (FTFC) were used, developed by del Álamo et al (29), which consist of solving the 

elastostatic equation in the Fourier space, as originally proposed by Butler et al (28) taking into 

account the finite thickness of the substrate. Thus the method used is based on an explicit calculation 

of the adhesion force field in Fourier space, which takes into account the finite thickness of the elastic 
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substrate, thus improving the accuracy and resolution of previous methods (89). The Young’s modulus 

E of the substrate was 1.2 kPa (93), and the Poisson’s ratio σ was assumed ൎ0.45, as reported in 

previous studies (94, 95).  

We assumed that the cell was moving on a free surface of finite known thickness h of a 

linearly elastic substrate (Figure 2.2.a). The distance between the focal plane of the beads’ maximal 

intensity where we calculated the displacement field u= (u, v, w) and the free surface is h-ho (in our 

PA substrates the beads seem to be confined to a layer just where the cells move so that h0≈h). 

Because the densities of the cells and the surrounding buffer were similar and the contractile fibers of 

the cytoskeleton tend to predominantly orient horizontally, we also assumed that τzz(z=h) ≈0. Thus the 

equations governing the displacement field for a linear, homogeneous, isotropic, 3D body of finite 

thickness are:  

ఇሺఇ∙࢛ሻ

ሺଵିଶఙሻ
൅ ࢛߂ ൌ 0 (7) 

The boundary conditions are no slip at the bottom of the substrate, 	ࢠ࢛ୀ૙ ൌ ሺݑ, ,ݒ ሻ௭ୀ଴ݓ ൌ 0, and the 

measured lateral displacements ݑ௛଴ and ݒ௛଴ at the average vertical position of the beads, at ݖ ൌ ݄଴ ൌ

݄. We assume periodicity in the horizontal directions and that ࢠࢠ࣎ሺݖ ൌ ݄ሻ ൌ 0. In order to find the 

analytical solution of the equation, we expressed the displacements in Fourier series such that: 

,ݔሺ࢛ ,ݕ ሻݖ ൌ ∑ ∑ ࢼ,ࢻෝ࢛
ஶ
ఉୀିஶ

ஶ
ఈୀିஶ expሺ݅ݔߙሻ exp	ሺ݅ݕߚሻ (8) 

where α, β were the wavenumbers for the x, y directions and ࢛ෝࢼ,ࢻ were the complex Fourier 

coefficients of u. We expressed the traction stresses in a similar manner and thus solved analytically 

the elastostatic equations using Fourier series. The details of the method can be found elsewhere (29, 

89). Using this force cytometry method both the forces exerted on the front and back halves of the cell 

can be calculated (ࡲ௙ and ࡲ௕) and the strain energy (Us ) imparted by the cell to the substrate can be 

calculated.  
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2.6.3 Construction of the traction tension kymograph 

Once the cell contour was determined from the differential interference contrast (DIC) 

images, we identified the location of the major and minor second moments of inertia and the 

orientation of their axes.  

 

 
Figure 2.3: Traction stress and tension kymographs quantify the dynamics of amoeboid cell motility 
with high spatio-temporal resolution. (a) Spatio-temporal map of a cell’s instantaneous magnitude of 
stresses x,y), taken every 40 s. The cell’s major moment of inertia has been aligned with the y-axis, 
so that the cell is moving from bottom to top with the centroid velocity V(t). The black contour 
superimposed onto the stress maps shows the instantaneous cell outline. Red and black lines indicate 
the front and back cell edge positions respectively. The color contours depict the magnitude of the 
total traction stresses (axial and lateral) in [Pa]. (b) Calculation of the traction tension T as a function 
of the position along the cell’s length, x. (c) Tension kymograph showing the spatio-temporal 
dynamics of the traction tension, T(x,t), as a function of the position along the cell length, x, and time, 
t, for the cell shown in panel a. The black contours and red and black lines are the same as in (A). The 
color map represents the magnitude of T(x,t) in [nN/μm]. Red (blue) patches represent positive 
(negative) values of T corresponding to tensions pointing towards (away from) the direction of cell 
motion. 
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The traction stress field	࣎ሺݔ,  ሻ was then calculated and rotated to make the cell’s major axisݕ

parallel to the vertical direction at each instant of time, as shown in Figure 2.3.a. In this coordinate 

system, we calculated the axial tension (traction force per unit length) at each instant of time by 

integrating the x-component of the traction stresses across the cell width (minor axis, y-direction), as 

shown in Figure 2.3.b: 

ܶሺݔ, ሻݐ ൌ ׬ ,ݔሺࢠ࢞࣎ ,ݕ ݕሻ݀ݐ
௬ଶ
௬ଵ  (9). 

The tension kymograph was then constructed by stacking different temporal measurements and 

plotting T(x,t) in two dimensions with t in the horizontal axis and x in the vertical axis (Figure 2.3.c). 

This representation allows for a detailed quantitative analysis of the coupled evolution of shape 

changes and traction stresses during migration with very high temporal resolution. 

In order to investigate how directed contractility contributes to the cell motility, we 

decomposed the traction force vector exerted by the cell on the substrate into its axial and lateral 

components ࡲ௫	and ࡲ௬. We define the axial and lateral contractility 	࢞ࡲ and ࡲ௬ as: 

௫ܨ	 ൌ
ห	ࡲ೑หା|	್ࡲ|

ଶ
 and 	ࡲ௬	 ൌ

|೗ࡲ	|ೝ|ାࡲ	|

ଶ
 (10), 

where ࡲ௙	and ࡲ௕	are the average values of the axial traction forces exerted by the cell in its frontal and 

back halves, while ࡲ௥	and ࡲ௟ are the average values of the lateral traction stresses that the cell exerts 

at its right and left halves: 

௙ࡲ ൌ ∬ ሺ୶வ଴ࢠ࢞࣎ ,ݔ ௕ࡲ	 and ݕ݀ݔሻ݀ݕ ൌ ∬ ሺ୶ழ଴ࢠ࢞࣎ ,ݔ  ,(11) ݕ݀ݔሻ݀ݕ

௥ࡲ ൌ ∬ ,ݔሺࢠ࢟࣎ ௬வ଴ݕ݀ݔሻ݀ݕ  and ࡲ௟ ൌ ∬ ,ݔሺࢠ࢟࣎ ௬ழ଴ݕ݀ݔሻ݀ݕ  (12). 

Note that Ff = -Fb and Fr = -Fl as the inertia of the cell is negligible. We calculate at each instant of 

time the strain energy Us (mechanical work) that the cells exert on their substrate as described 

elsewhere (29). Further details of the calculation of the traction stresses were provided previously (29, 

89). 
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Figure 2.4: Traction stresses in the cell based coordinate system. (a) Representation of the cell-based 
reference system in which both traction stresses and shape of the cell are expressed. The black contour 
indicates the instantaneous contour of the cell, of length L(t). The laboratory reference frame is 
indicated by axes (x,y). The axes of the cell-based reference frame (ξ, η) are centered at the 
instantaneous centroid of the cell (xc(t), yc(t)) and are aligned with its major and minor axes, which lie 
at an angle φ(t) with respect to (x,y). The color-map and arrows indicate respectively the strength [Pa], 
and the direction of the total traction stresses exerted by the cell on the substrate. The thick black 
arrow indicates the direction of motion of the cell, moving with velocity V(t). (b) The upper map 
shows the instantaneous traction stress field of a cell, measured in a reference frame rotated to 
coincide with the instantaneous principal axes of the cell and scaled with its half-length, L(t)/2 (cell 
based). The colors indicate the magnitude of the stresses in [pN/unit area] and the arrows indicate their 
direction. The black contour is the outline of the cell. The front of the cell corresponds to > 0 and the 
back corresponds to  < 0. Middle and lower maps show the components of the axial and lateral 
traction stresses, which are parallel and perpendicular to the major axis of the cell respectively. In 
these two latter cases the color-maps indicate the magnitude and direction of the axial and lateral 
stresses respectively. The red color indicates positive value, in the direction of the positive  and  
axis, and the blue color indicates negative value, in the opposite direction. 
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In order to perform proper statistical analysis and to compute average stress maps, we also converted 

the instantaneous stress maps into a “cell-based, dimensionless coordinate system” (ξ,η) as defined in 

del Álamo et al (29), where ξ=x/a and η=y/a are the axial and lateral coordinates made dimensionless 

with the half length of the instantaneous major moment of inertia of the cell a (29). In the “cell-based 

coordinate system” the axis of the major moment of inertia of the cell is always aligned with the 

positive horizontal axis (ξ), and the origin is located at the instantaneous centroid of each cell. This 

coordinate system allowed us to compile statistics of the distribution of stresses and shapes at different 

instants of time coming from a large number of cells (Figure 2.4.a). We calculate at each instant of 

time the strain energy Us (mechanical work) that the cells exert on their substrate as:  

௦ܷ ൌ
ଵ

ଶ
׬ ஺࣎

ሺݔ, ሻݕ ∙ ,ݔሺ࢛  ,(13) ݕ݀ݔሻ݀ݕ

where ࢛ is the measured displacement vector field at each point on the surface of the substrate and 

,ݔሺ࣎  ሻ the corresponding stresses at each location. Additional details of the calculation of the tractionݕ

stresses are provided elsewhere (29, 96). 

 

2.7 Classifying of Motility in Different Modes 

 

To dissect motility into different modes, we used the information provided by the tension 

kymographs. First, we located for each time point the maxima of the tension T(x,t) at the front 

(negative stresses) and at the back (positive stresses) of the cell by calculating the fourth moment of 

inertia. The resulting time records were smoothed by convolving them with a triangular smoothing 

kernel. We then found the time derivative of the two smoothed time records by calculating their 

centered second order finite difference. The aforementioned time derivatives represent the velocity of 

the location of maximum tension at the front and back of the cell and their magnitude shows how 

stationary the adhesion sites are or conversely how much the adhesion sites are gliding, while their 

peaks show the number of adhesion sites formed as the cell migrates (Figure 2.5). 
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Figure 2.5: Identification of the motility modes. (a) Same tension kymograph as in Figure 3.2.a. Black 
solid (dotted) lines track the spatio-temporal evolution of the peak value of the negative (front) 
(positive (back)) traction tension, T(x,t). The two lines are smoothed in time using a triangular 5-point 
kernel. (b) Criterion for the identification of the motility modes based on the speed of adhesion 
regions. Blue and red solid lines show the speed of the adhesion regions, defined as the slope of the 
solid and dotted lines in panel A. The green line shows the velocity of the cell centroid, obtained after 
smoothing its trajectory with the same kernel used for the adhesion regions. Black solid lines indicate 
the first and third quartiles of the distribution of the adhesion speeds. Speed points that are lower than 
the first quartile are marked with a hollow circle, while those between the first and third quartiles are 
marked with an asterisk. Speed points above the third quartile were observed only when new 
adhesions were created or existing adhesions were broken. These points are not considered for mode 
sorting, together with their two previous and posterior data points. Four different modes can arise from 
this classification; 1) S-S or stepping-stepping, when both frontal and rear adhesion sites are 
stationary. 2) S-G or stepping–gliding, when the frontal adhesion is stationary but the rear adhesion is 
moving forward. 3) G-S or gliding-stepping, when the frontal adhesion site is moving but the rear one 
is stationary. 4) G-G or gliding-gliding, when both adhesion sites are moving forward. (c) Same as 
panel (a) for a wild-type cell migrating on poly-L-lysine coated substrate. (d) Same as panel (a) 
referring to the tension kymograph of panel (c). Notice that the velocity of migration oscillates in 
phase with the speeds of the front and back adhesions (R>0.6, p=0.000). Thus, when the adhesion 
sites are stationary the velocity of migration is minimal and the cell is in a nearly stationary (NS) 
mode. (e) Same as panel (a) for a mhcA- cell chemotaxing on regular collagen-coated substrate. (f) 
Same as panel (b) referring to the tension kymograph of panel (a). (g) Same as panel (a) for an 
abp120- cell chemotaxing on regular collagen-coated substrate. (h) Same as panel (b) referring to the 
tension kymograph of panel (g). 
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We calculated the cumulative histogram of the distribution of the adhesion velocities for the 

front and back of the cell and located where the 25th and 75th percentiles lie. We assumed that all 

values lower than the 25th percentile suggest stationary adhesion sites, while values between the 25th 

and 75th percentiles, suggest gliding adhesion sites. Finally, values higher than 75th percentile were not 

taken into account since they coincide with peaks of the two time records due to creation of either 

front or back adhesion sites (Figure 2.5.b, d). In cases where the correlation coefficient between the  

instantaneous velocity of migration V(t) and the two time derivatives was higher than 0.4, we 

considered that the cell is quasi-stationary. 

 

2.8 Determination of the Location of the Actin Foci and the Local 

Maxima of Instantaneous Stresses 

 

We used a custom Matlab function (localMaximum.m) to detect the local maxima of stresses 

(traction adhesion sites) of the instantaneous stress maps. The aforementioned function receives three 

input parameters: the matrix containing the data, the minimum distance between peaks, and a flag that 

allows for the exclusion of equal points. After locating the local maxima, we calculated the integral of 

stresses of circles centered on the maxima with a radius equal to 1/10 the length of the cell. The 

magnitude of those vector integrals are a good estimation of the force strength of the specific traction 

adhesion sites while their direction indicates towards where the cell is contracting. 

We used the same function to locate the maxima of Lifeact (marker for F-acitn) fluorescence 

intensity at the ventral side of the cells (actin foci). Actin foci are very dynamic and transient 

structures that remain static with respect to the substrate during cell migration and are thought to be 

indicative of adhesion sites (38). They have a lifetime that varies between 15 to 25 s. During	 their	

lifetime,	the	actin foci appear to be stationary, consistent with the adhesion sites remaining on average 

stationary while cells move. The velocity seems to be inversely proportional to the number of actin 
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foci (we found a similar relationship for the strain energy within a cell). An interesting question is 

does the number of actin foci correlate with the strength of the stresses? To address that question, we 

calculated the number of foci that lie within a traction adhesion circle and correlated the number of 

foci with the magnitude of the integral of the stresses within the specific circle. We also constructed 

traction tension kymographs and superimposed the actin foci (bright dots at the ventral side of the cell 

shown as hollow circles) on them at each instant of time depending on their axial position. Data points 

coming from the spatio-temporal evolution of one single actin spot were automatically connected by 

lines, while the appearance of each new spot was highlighted by a bold circle.  

 

2.9 Determination of the Periodicity of the Cell Length and Strain 

Energy Time Records 

 

We applied wave analysis to test if the measured time records of the cell length and strain 

energy were periodic (i.e. narrow-band spectrum) and to calculate their dominant period (Figure 

2.6.a). First, we obtained an initial estimate of the main period, T0, of these records from the peaks in 

their autocorrelation functions (Figure 2.6.b). Second, we determined the period of the cycle T by 

fitting the time records to a sinusoidal function of the form ݂ሺݐሻ ൌ ܽ ∙ sin	ሺ
ଶగ௧

்
൅ ߮ሻ in a nonlinear, 

least squares sense. The signal frequency was estimated as: ݂ ൌ 	1/ܶ. Since secular fluctuations can 

shift the detected periods to spurious, long values not related to the changes in cell length associated 

with the motility cycle, the period T was constrained using the initial estimate between T0/2 and 2T0. 

We observed consistently that the best fit resulted from a sine function of a frequency similar to the 

one determined initially through the autocorrelation function. The value of the coefficient ܽ was 

independently set equal to the absolute maximum of the normalized time record, and its value did not 

affect the estimation of T. The value of the coefficient ߮ was not constrained.  
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After determining the best fitted sine waves forthe time records of the cell length during 

motility, we cross-correlated them to determine their degree of periodicity. Thus, we were able to 

quantify the extent to which a sine wave of period T can capture the behavior of the particular cell 

length time record. We computed the Spearman’s correlation coefficients RL_sine and the p-values pm 

for Spearman’s RL_sine to test the hypothesis of no correlation. We also defined the parameter degree of 

periodicity as: DOP= RL_sine ·100, so that 0<DOP<100.  

We applied a similar analysis in order to find the degree of correlation between the time 

records of the cell length and strain energy. We computed the Spearman’s correlation coefficients RL_U 

to assess how well cross-correlated the cell length and strain energy time records were and the p-

values pm for Spearman’s RL_U to test the hypothesis of no correlation between the time records. We 

also calculated the time delay between the two time records by locating the maximum of their cross-

correlation function.  

 

Figure 2.6: Splitting the motility cycle followed by the cells into four distinct phases. (a) Time 
evolution of the cell length, L(t) (blue), and of the elastic energy Us(t) (red), of a representative wild-
type cell. Notice that both time records oscillate periodically with the same frequency and are in 
phase. (b) Autocorrelation function of the time records of the cell length, RL_L (red), and of the strain 
energy, RL_Us (black). The distance between the peaks of RL_L and RL_Us is equal to the period T of the 
motility cycle of the given cell. In this particular example T is ~100 s. (c) Splitting of the motility 
cycle into the four phases based on the oscillations of the cell length (blue) using our semi-automatic 
algorithm, based on conditional statistics of the cell length. Time points corresponding to protrusion, 
contraction, retraction and relaxation are shown with black, red, green and blue dots respectively. 

 
To optimally locate the peak of the correlation function, we applied parabolic-fitting 

interpolation to the vicinity of the peak point of the cross-correlation function, as described elsewhere 

(97). We followed a similar technique for the cell lines expressing Lifeact to analyze the correlation 
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between the time records of the maximum Lifeact fluorescence intensity at the cell’s front and the cell 

length. 

 

2.10 Phase Statistical Analysis of the Motility Cycle 

 

For those cell lines for which we identified the existence of a motility cycle, we obtained the 

spatiotemporal organization of cell shape and traction stresses during each stage of the motility cycle 

by using a phase-averaging technique previously developed in our lab (29,	31). This algorithm uses 

the time evolution of the cell length or strain energy as a criterion for splitting the motility cycle into 

four different phases: 1, protrusion, identified as the time during which L and Us are increasing; 2, 

contraction, time during which L and Us are near a local maximum; 3, retraction; time during which L 

and Us are decreasing; 4, relaxation time during which L and Us are near a local minimum (Figure 

2.6.c). 

 

Chapter 2 in part, has been published in the Conference Proceedings of the IEEE Engineering 

in Medicine and Biology Society. Distribution of traction forces associated with shape changes during 

amoeboid cell migration. Alonso-Latorre B., Meili R., Bastounis E., del Álamo J.C., Firtel R., 

Lasheras J.C.. In addition the Traction Force Cytometry method presented has been published in the 

Proceedings of the National Academy of Sciences of the United States of America. Spatio-temporal 

analysis of eukaryotic cell motility by improved force cytometry. del Álamo J.C., Meili R., Alonso-

Latorre B., Rodriguez-Rodriguez J., Aliseda A., Firtel R., and Lasheras J.C.. 
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Chapter 3       
Dictyostelium Cells Regulate Their 
Migration Speed by Alternating Between 
Two Motility Modes † 

 

Chemotaxing cells integrate the complex signaling networks that regulate their directional 

migration into a repetitive sequence of shape changes that involve protrusion of the frontal 

pseudopodia and retraction of the back of the cell (1, 33, 38, 98). The time variation of these shape 

changes and the mechanical work exerted by the cells on the substrate have a broad frequency 

spectrum, but both signals exhibit a well-defined periodicity (Figure 2.6) (25, 29, 38). These periodic 

fluctuations of the cell’s shape and traction stresses are coordinated into four broadly defined phases: 

protrusion of the cell’s front, contraction of the cell’s body, retraction of its rear, and relaxation 

(Figure 1.1) (29, 30, 99). Essential to the implementation of these phases are: a) the dynamics of the 

actin cytoskeleton and its associated crosslinking proteins, b) the regulation of the actin-myosin 

contraction, and c) the dynamics of assembly and disassembly of substrate adhesions (Figure 1.3) 

(31).  

In amoeboid-type locomotion, the directional dendritic polymerization of F-actin at the front 

creates a pseudopod and is important for propelling the edge of the cell forward (100). As the 

pseudopod advances, new substrate adhesions are created which, upon maturation, allow the cell to 

generate traction forces via actin-myosin contraction. Although it has long been established that these 

contractile forces are essential to propelling the cell’s body forward (31), the precise mechanism 

                                                 
† Chapter 3 is being prepared in part for publication. Chemotaxing amoeboid cells migrate by switching 
between distinct modes of adhesion dynamics and contractility. Bastounis E., Meili R., Alvarez-Gonzalez 
B., del Álamo J.C., Lasheras J.C., Firtel R. 
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connecting the spatiotemporal coordination of the traction forces implemented by the cell to control its 

migration speed is still unknown.  

 Wild-type cells crawling up a chemoattractant gradient adjust their migration speed in 

response to environmental factors such as changes in the substrate stiffness and/or the substrate 

adhesiveness (94, 101, 102). Even when cells move on substrates of uniform chemical and mechanical 

properties, they do not migrate at a constant speed, often switching between periods of fast and slow 

speeds (103, 104). The dynamics of assembly and disassembly of adhesions to the substratum directly 

affect the cell migration speed (88, 105). Presently, little is known about the mechanisms by which the 

adhesion dynamics are coordinated with the traction stresses during migration and the key 

biochemical processes involved. The mechanisms underlying cell-substrate adhesion and their role in 

the locomotion speed have been investigated in fibroblasts, keratocytes, and other eukaryotic cells, 

which attach to the substrate, forming discretely localized focal adhesions (82, 83). However, it has 

been more challenging to examine how the adhesions dynamics control the cell’s migration speed in 

fast moving cells such as Dictyostelium, with their much quicker assembly and disassembly adhesions 

turnover. Furthermore, unlike fibroblasts, Dictyostelium cells do not form localized focal adhesions, 

but rather attach to the substrate on larger areas (38, 84, 106).  

In this chapter, we aim at investigating the coordinated dynamics of substrate adhesions and 

traction stresses generation by which wild-type Dictyostelium cells control and adjust their migration 

speed. We use high-resolution Fourier Traction Force Cytometry (FTFC), to simultaneously measure 

the spatiotemporal distribution of traction stress and shape changes of wild-type cells migrating up a 

chemoattractant gradient. Employing kymographs of adhesion and force dynamics, we demonstrate 

that Dictyostelium cells migrate by switching between two motility modes each of which has distinct 

adhesion dynamics and axial and lateral contractility. 
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3.1 Quantitative Evidence of a Force Regulated Motility Cycle 

 

It has previously been shown that amoeboid cells move by following a series of well-defined 

steps that result from periodic oscillations of the cell length, L(t) (30, 40) and of the strain energy, 

Us(t) deposited on the substrate (30, 31, 37, 38, 107) (Figure 2.6). To determine a measure of the 

degree of periodicity of wild type chemotactic migration, we first examined and compared the 

temporal evolution of cell length, L(t), and strain energy, Us(t) for individual wild-type cells. To that 

end, we calculated the autocorrelation of L(t) and Us(t) signals as well as their cross-correlation to 

determine the periodic content of each signal, and the correlation between signals as described 

previously (Figures 2.6, Chapter 2.10). 

 

 
 
Figure 3.1: Boxplots of kinematic parameters of chemotaxing wild-type cells  (N = 14). (a) Speed of 
migration, V (μm/min). (b) Aspect ratio, AR (cell length divided by cell width). (c) Cell length, L 
(μm). (d) Cell width, I (μm). (e) Area, A (μm2). (f) DOP of the time evolution of the cell length L(t). 
(g) Correlation coefficients, RL_U, between the time evolution of the strain energy, Us(t), and the cell 
length, L(t). (h) Boxplots of the time delay between the cell length and the strain energy (ΔτU_L), where 
the cell length serves as the reference function. Open circles represent outliers and the notched section 
of the boxplots shows the 95% confidence interval around the median. The red asterisks indicate a 
distribution with a median significantly different from zero: *, pz < 0.05 (Wilcoxon signed rank test). 
 

We determined the main frequency component of the motility cycle for each cell line using 

the autocorrelation function of both L(t) and Us(t). A harmonic sinusoidal signal oscillating with that 

specific frequency was then fitted to the data in a non-linear least squares sense (Figure 2.6, see 

Materials and Methods). We found that the distributions of the correlation coefficient between L(t) 

and Us(t), respectively, with the best fitting, harmonic sinusoidal signal were positive and significantly 
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different from zero, while the average p-values obtained suggested significant correlations (quality of 

fit) (Figure 3.1.f). This finding proves quantitatively that both the cell length and strain energy 

(mechanical work) oscillate periodically. The above method can be further used to compare the 

periodicity of migration of wild type versus mutants. 

Consistent with previous findings (29, 31), the correlation coefficients between L(t) and Us(t) 

for wild type were significantly greater than zero based on p-value tests, suggesting that the cell 

length, as represented by the length of the major moment of inertia of the cell, oscillates periodically 

and in-phase with the strain energy (Figure 3.1.g). We also observed an average 1.3 second time delay 

between the strain energy, Us(t) and the length, L(t) for wild type, which appeared not to be significant 

(Figure 3.1.h). According to these results, cell lengthening and increase of force exertion on the 

substrate occur nearly simultaneously for wild-type cells (at least within the time resolution of our 

experiments).  

We also reconfirmed that wild-type cells migrate with an average speed, V linearly 

proportional to the frequency, f of the oscillations in their cell length and strain energy (see Figure 4.5) 

(31). This suggests the relation V = f · λ = λ/T, in which λ is a constant equal to the average step 

length advanced by the cell per cycle. Interestingly, we found that λ is always smaller than the length 

of the cell but we did not find any correlation between the size of the cell and the migration speed. The 

above findings suggest first that wild-type cells move as fast as they can repeat their motility cycle, 

and second, that during a motility cycle, the cells cannot take a step bigger than their own cell length.  

 

3.2 Cells Migrate by Switching Between Distinct Motility Modes 

 

While migrating up a chemoattractant gradient, wild-type cells move by periodic elongation 

and contraction as described in Figure 2.3 (29, 31, 98, 108). Integrating the axial traction stresses 

across the cell’s width yields the contractile tension along the cell’s major axis (Figure 2.3.b). 
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Figure 3.2: Spatio-temporal dynamics and motility modes in wild-type cells migrating on collagen-
functionalized polyacrylamide substrata.  (a) Kymographs of traction stresses (x,y) (upper part) and 
traction tension T(x,t) (lower part) for a representative chemotaxing wild-type cell (for explanation see 
Figure 2.3). The instantaneous traction stresses and cell contours are shown every 28 s. Analysis of 
spatio-temporal patterns in the traction stresses and tension reveals different motility modes (for 
explanation see Figure 2.5). The modes are indicated as: S-S (stepping-stepping); S-G (stepping-
gliding); G-S (gliding-stepping); G-G (gliding-gliding). The first and second letters correspond to the 
frontal and to the back adhesion respectively. (b) Identification of the distinct motility modes based on 
the front and back adhesion speeds. Blue (red) solid lines show the speed of the front (back) adhesion 
regions defined by T(x,t). Black solid lines show where the first and third quartiles of the distribution 
of adhesion region speed (0.1 and 0.4 m/s) (see Figure 2.5).  
 

Jointly stacking these measurements in space and time produces high-resolution kymographs that 

capture the key features of the adhesion and traction tension dynamics. Thus, these tension 
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kymographs allow for a detailed analysis of the various motility modes implemented by the cells as 

they migrate. (Experimental Procedures, Figure 2.3.c) 

 

Figure 3.3: Average traction stress maps in the cell-based reference frame.  The  - and  -axes 
coincide with the instantaneous principal cell axes and the origin is the cell centroid. Spatial 
coordinates are scaled with the instantaneous length of the major axis of each cell, L(t) (Figure 2.4). 
Left column shows the average stress maps during the S-S (upper), S-G (middle) and G-G (lower) 
motility modes. Details of how the cell-coordinate system used in these plots is constructed can be 
found elsewhere (29). The color maps indicate the magnitude of the total stresses in [pN/unit area], 
and the arrows indicate their direction. The white line contours show the average shape of the cells in 
this reference frame. The front (F) of the cell corresponds to  > 0 and the back (B) to  < 0. The 
second and third columns show the axial and lateral components of the traction stresses respectively.  

 

 Inspection of these kymographs reveals that wild-type cells continuously contract axially and 

most often form two diffuse adhesion regions located at the front and back halves of the cell. These 

axial tensions are represented in the tension kymograph by the blue (front-to-back direction) and red 

(back-to-front direction) patches (Figure 2.3.c). Based on the characteristics of the adhesion dynamics 

in these kymographs, we can distinguish four motility configurations or modes during the migration of 

wild-type cells. This classification provides insight into the role played by the forces during cell 

movement (Figure 2.3.c and Figure 3.2.a). The first mode is defined by the evolution of the red and 
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blue patches parallel to the horizontal time axis, indicating that the adhesion sites where the cell 

applies traction stresses remain stationary while the cell protrudes a pseudopod (Figure 3.2.a and 

Figure 3.4.a). After the cell establishes a new adhesion under the nascent frontal pseudopod, the back  

 

 

 
Figure 3.4: Characterization S-S and S-G/G-G motility modes in wild-type cells.  (a) Kymographs of 
traction stresses  (x,y) (upper part) and tension T(x,t) (lower part) for the representative wild-type cell 
of Figure 3.2.a during the S-S motility mode (for explanations see Figure 2.3). Notice that both frontal 
and back adhesions remain stationary. (b) Same as Figure 3.2.a, for the S-G/G-G motility modes. 
Notice that in the S-G mode the frontal adhesion remains stationary during the protrusion of the new 
pseudopod but the back adhesion glides forward. During the G-G mode both frontal and back 
adhesion sites are gliding forward. (c) Sketch depicting how the cell migrates during the S-S mode. 
The vertical axis indicates time and the horizontal axis indicates the cell location in the direction of the 
major axis of the cell. Four representative instants of time are displayed and labeled with the 
corresponding time frame numbers in panel (a). Black contours are cartoon representations of the 
cell’s side view showing frontal and back adhesion sites with blue and red ovals underneath the cell. 
Blue and red arrows show the direction of the contractile axial forces at the front and back of the cell 
respectively. The experimental profiles of traction tension corresponding to each instant of time are 
plotted underneath its sketch. The insert between graphs C and D indicates the scale for tension 
values. (d) Sketch depicting how the cell migrates during the S-G (5-8) and G-G (8-9) motility modes, 
similar to panel (c). 
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adhesion breaks and the “old” front adhesion now becomes the “new” back adhesion (see the 

switching from blue to red occurring in the horizontal patches in Figure 3.4.a). This process is 

repeated periodically (motility cycle) and is illustrated in Figure 3.4.c which shows sketches of 

thecell’s shape and the measurements of the traction tension ܶሺݔ,  during three motility cycles, with	ሻݐ

each lasting, on average, ~88 s (Figure 3.4.a, c). The sketches show that, as the cell translocates, the 

back adhesion B1 breaks when a new frontal adhesion F2 is formed. The previous stationary frontal 

adhesion F1 now becomes the new back adhesion B2. Subsequently, when a new pseudopod forms, a 

new frontal adhesion F3 is created and the back adhesion B2 breaks. This process can repeat itself in 

perpetuity. We named this mode “Stepping-Stepping” or “S-S”, since the cell steps through a series 

of stationary frontal and back adhesions, (Figure 3.4.c and Figure 3.5.c). During this periodic process, 

the cell always moves forward, with the average speed varying only slightly between cycles. 

In the second most frequent mode, we observed that during the formation of new pseudopods, 

the blue anterior patches (and therefore adhesions) remain nearly stationary, while the red posterior 

patches are inclined at a constant angle, suggesting that the back adhesions glide forward at a constant 

speed (Figures 3.2.a and Figure 3.4.b, d). We named this second motility mode “Stepping-Gliding” 

mode (“S-G”) (Figure 3.4.b, d and Figure 3.5.b, d). The cyclic nature of this second mode is further 

illustrated in Figure 3.4.b, which shows the time evolution of the axial tension over 4 motility cycles. 

As was the case with the S-S mode, in the S-G mode, the cell is also in a constant axial contraction 

between the front and back adhesions F and B (Figure 3.4.b, d and Figure 3.5.b, d). When the cell 

protrudes a pseudopod forward, the front adhesion F1 remains stationary while the back adhesion B1 

constantly glides forward. The stationary front adhesion F1 progressively weakens with time, and a 

new front adhesion F2 forms under the extending pseudopod, and this process then repeats itself. In 

addition, we found that when the temporal changes of the elastic energy are analyzed, the degree of 

periodicity (DOP) is lower in the S-G compared to the S-S mode (Table 3.1). The tension kymograph 

shown in Figure 3.4.b confirms this finding as it shows that the cell in the S-G mode exhibits 
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periodicity in the formation of frontal adhesion but not in the back, which is continuously sliding 

forward (Figure 3.4.b, d). 

 
Table 3.1: Summary of the average motility parameters for the S-S, S-G and G-G motility modes for 
the cell shown in panel (a). The parameters shown in the table include averages of speed of migration 
(V); aspect ratio (AR); length of the cell (L); strain energy (Us); axial forces (Fx); lateral forces (Fy); 
mode time duration (); mode-specific motility cycle period determined through the strain energy 
time record (Pmode); mode-specific motility cycle period normalized with the overall motility cycle 
period (Pmode /P); mode-specific degree of periodicity of the strain energy time record (DOPUs).  
 
Mode V(m/min) 

d ((( / i
AR L(m) Us(nNm) Fx (nN Fy (nN  (s) Pmode (s) Pmode/P (s) DOP(%) 

S-S 9.76 2.75 23.8 0.72 1.23 0.67 112 88 1.12 40 

S-G 13.7 3.55 28.0 0.54 0.94 0.51 96 64 0.94 29 

G-G 16.2 3.87 28.4 0.56 0.93 0.57 46 --- --- --- 

 

We also observed a third mode where both the blue and red patches are inclined at a relatively 

constant angle. We termed this mode “Gliding-Gliding” or “G-G” implying that both the front and 

back adhesions of the cell are simultaneously gliding forward as the cell migrates (Figure 3.4.b, d). 

Finally, the fourth mode, which occurs rarely, takes place when the back adhesion is stationary (red 

patch at the back half of the cell that is horizontal) whereas the front adhesion is gliding at a nearly 

constant speed (blue patch at the front half of the cell that has an upward slope) (Figure 3.2.a). We 

named this fourth mode “Gliding- Stepping” (“G-S”), since the front adhesion is gliding while the 

back remains stationary.  

 

3.3 Changes in the Adhesion Dynamics are Concomitant with Changes 

in Contractility Dynamics and Cellular Migration Speed  

 

 To analyze the tension kymographs of a large number of wild-type cells, we developed a 

technique to determine automatically when a cell was implementing each of the distinct modes 

described above (Figure 3.2.a-b and Figure 2.5, Experimental Procedures).  
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 Although wild-type cells always exhibit periodic axial contractions while moving, we found 

that, in addition, they alternate mainly between the S-S and S-G modes, seldom employing the G-G 

and G-S modes (Figure 3.2.a and Figure 3.2). Since the Gliding-Stepping (G-S) mode was observed 

<5% of the time, it was not analyzed. further. We observed that the Gliding-Gliding (G-G) mode is 

short-lived and always appears between two S-G modes. Closer inspection of the stress maps of the 

entire cell revealed that the G-G mode usually appears due to two front adhesions in close proximity, 

and in the tension kymographs, resemble a single adhesion that is gliding. (Figure 3.2 and Figure 

2.5.a-b). 

We found that the period of the S-G mode cycle (64 s) is ~30% lower than that of the S-S 

mode (88 s), and the velocity of cell migration in the S-G mode is ~40% higher than that of the S-S 

mode (Figure 3.2.a and Table 3.1). During the S-G mode, the cell exerts weaker traction stresses 

compared to the S-S mode (Figure 3.2 and Table 3.1). The G-G mode appears to be associated with 

bouts of maximal migration (~65% higher than the average migration speed of the “S-S” mode) 

(Figure 3.4.b, d and Table 3.1). Inspection of the tension kymograph suggests that this mode may arise 

due to the increased frequency of front adhesion formation that results in an overlapping of multiple 

tension patches at the front (Figure 3.2.a and Figure 3.4.b). As seen in Table 3.1, the increase in the 

frequency of front adhesion formation in the G-G mode is associated with an increase of the velocity 

of migration, similar to our previous finding that the cell varies its speed by adjusting the period of the 

motility cycle (29). Figure 3.5 shows the traction stresses together with the three dimensional (3D) 

reconstruction of the cell body obtained using confocal microscopy for each motility mode. The cell is 

initially moving implementing the S-S mode where both front and back adhesion sites are stationary 

(~300 s), and then, while maintaining its front adhesion stationary, it starts gliding its back adhesion 

forward, thus switching into the S-G mode (~300 s). Notice the slight decrease in the magnitude of 

stresses when switching into the S-G mode as well as the increase in the cell’s speed and aspect ratio. 
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Figure 3.5: Three-Dimensional Characterization of S-S and S-G motility modes.  (a, b) Maps of the 
instantaneous magnitude of the traction stresses (x,y) for a representative wild-type cell expressing 
lifeact-GFP (F-actin marker) during the S-S (panel a) and S-G (panel b) motility modes. (c) Time 
evolution of traction stresses and three-dimensional cell shape during the S-S motility mode (see 
corresponding stress fields in panel a). The purple lines correspond to the dashed horizontal lines in 
panel a. The specific experiments required simultaneous acquisition of the fluorescence image of the 
beads and of the entire lifeact-GFP expressing cell (dz=0.1µm). The 3D cell was rendered using 
IMARIS and the stresses calculated using MATLAB where imported as additional channel in 
IMARIS and can be viewed as an ortho-slice just below the semi-transparent cell. (d) Same as panel c 
for the S-G motility mode (see corresponding stress field in panel b). Notice that in both modes but 
particularly during the S-G mode the pseudopods tend to protrude initially upwards and then 
eventually adhere on the substrate. 

 

3.4 Traction Strain Energy is Higher in the S-S Mode than in the S-G 

and G-G Modes  

 

For a statistical description of the distinct motility modes, we analyzed their characteristics 

using wild-type cells that were tracked for a minimum of 500 s (N=8). For each specific mode, all 
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motility parameters were normalized with their mean value for the whole migration period, so that 

averages of many cells could be compiled. The normalized averages of the migration speed V, aspect 

ratio AR, elastic energy Us, and the axial and lateral contraction forces ࡲ௫	and ࡲ௬	for each mode and 

their durations  are shown in Figure 3.6.  

 

 

Figure 3.6: Statistical quantification of motility modes in wild-type cells. Boxplots of the motility 
parameters corresponding to the S-S (blue), S-G (red) and G-G (green) motility modes, for N=8 wild-
type cells. Each motility parameter is normalized with the mean value of the specific parameter during 
the whole time the cell is migrating. (a) Speed of migration (V). (b) Strain Energy (Us). (c) Aspect 
ratio (AR). (d) Mode duration (). Below each boxplot the number of modes N identified is indicated. 
(e) Axial force (Fx). (f) Lateral force (Fy). (g) Ratio of axial to lateral forces. Circles represent outliers, 
and the notched section of the boxplots shows the 95% confidence interval around the median. One 
and two asterisks denote statistically significant differences between the median of two distributions 
(<0.05 and <0.01 respectively obtained by non-parametric wilcoxon rank sum test).  
 

We found that cells move faster when they impart less mechanical energy on the substrate 

(Figure 3.6.a, b). The strain energy in the S-S mode is approximately twice that of the S-G or G-G 

modes, while the average speed is ~30% lower. We observed that the mean aspect ratio during the S-S 

mode is lower than that of the other two modes although the difference is not statistically significant 

(Figure 3.6.c and Table 3.2). We found that the average durations of the S-S and S-G modes are 

similar (Figure 3.6.d). When these modes are implemented, they last considerably longer than the G-G 



45 
 

 

mode (Figure 3.6.d, h), further supporting our hypothesis that the G-G mode is just a hybrid form of 

the S-G mode as discussed above. 

 
Table 3.2: Summary of average motility parameters for the S-S, S-G and G-G motility modes, for 
wild-type chemotaxing cells (N=8). The parameters shown include averages of speed of migration 
(V); aspect ratio (AR); cell length (L); strain energy (Us); mode time duration (); axial force (Fx); 
lateral force (Fy). 
 

Mode V (m/min) AR L (m) Us (nNm)  (s) Fx (nN Fy (nN 
S-S 9.40 3.03 25.7 0.64 133 0.95 0.51 

S-G 11.1 3.28 27.7 0.39 97 0.70 0.41 

G-G 14.6 3.81 31.2 0.37 36 0.67 0.40 

 

To investigate whether the different modes also exhibit differences in the lateral contractility, 

we decomposed the traction stresses for all three modes into their axial and lateral components 

expressed in cell-based coordinates (Experimental Procedures). In all three modes, the axial 

contractility was ~50% greater than the lateral contractility (Figure 3.6.g, Table 3.1and Table 3.2). 

Importantly, we found that in wild-type cells, the axial and lateral stresses decrease proportionally (by 

~30%) when the cell switches from the S-S to either the S-G or G-G modes (Figure 3.6.e-f, Table 

3.1and Table 3.2).  

 

3.5 Actin Foci Localization Corroborate the Existence of Motility Modes 

 

In order that traction stresses be exerted, the areas on the ventral side of the cells where they 

are exerted, need to be in direct contact with the substrate. However, we cannot claim there the ventral 

areas of the cell are not adhering on the substrate, if there is no stress exertion on the substrate. Thus, 

while tractions stress exertion requires attachment of the cell to the substrate, a lack of traction stresses 
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Figure 3.7: Regions of high traction stresses coincide with adhesion sites and traction tension 
kymographs track the spatio-temporal dynamics of the adhesion sites. (a) Snapshots of the traction 
stresses (top row) and of the basal lifeact fluorescence at the ventral side of a representative 
chemotaxing wild-type cell, in the cell based coordinate system. Black (top) and red (bottom) contours 
show the outline of the cell. Red arrows point at local stress maxima, which coincide with the location 
of spots of increased fluorescence. (b) Traction tension kymograph for the same cell. The local 
maxima of fluorescence have been tracked and superimposed on the kymograph (black circles). Data 
points coming from the spatio-temporal evolution of one single actin spot are connected by lines. The 
appearance of each new spot is highlighted by a bold circle. Adhesion sites at the front of the cell tend 
to be stationary. Rear adhesions tend to glide forward during the S-G mode and remain stationary 
during the S-S mode. 
 

does not suffice for non-adhesion to the substrate. Consequently, in order to be able to assess the 

dynamics of the adhesion sites of the cells through the stress kymographs, we had to correlate the 

stress kymographs with kymographs of the localization of a fluorescent marker of some adhesion-
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specific molecule (Figure 3.7). Unfortunately, the receptors controlling the adhesion of free-living 

Dictyostelium cells to their substrate have not been yet identified unambiguously (84). To date, no 

Dictyostelium integrin homologue has been identified, but there are several proteins that are thought to 

be involved in adhesion, such as paxillin, talin and myosin VII (109). Nevertheless, under the 

microscope, wild-type cells expressing talin-GFP and myosin VII-GFP showed no localization at their 

ventral sides. 

Yumura et al. proposed that on the ventral side of the Dictyostelium cells there are actin-

containing structures which act as a “foot” and which they named actin foci (38). Simultaneous 

observations by internal reflection microscopy (IRM) and confocal fluorescence microscopy revealed 

that the ventral cell membrane is closest to the substratum at actin foci, and that although they are 

really transient structures, the actin foci remain spatially stationary during their short life (110). 

Furthermore, using purely qualitative evidence, they showed that actin foci loci co-localized with 

areas of traction stress exertion. These findings represent the first evidence that actin foci serve as the 

feet of Dictyostelium cells, and that adhesion sites during migration most probably remain stationary 

with respect to the substrate.  

We reconfirmed that actin foci are very dynamic, transient structures that on average remain 

static with respect to the substrate during cell migration (Figure 3.8.b, c). They have a lifetime that 

varies between 15 to 25 s (Figure 3.8.c). During that time, they are stationary, consistent with the 

hypothesis of the adhesion sites remaining on average stationary while cells move (Figure 3.7.a-b). 

The velocity was found to be inversely proportional to the number of actin foci. An interesting 

question we tried to address was whether the number of actin foci correlates with the strength of the 

traction stresses. To answer that question, we located the instantaneous peaks of stresses, defined a 

circular area around them, and calculated the integral of stresses at these disks (Figure 3.8.d). We then 

calculated the number of foci that were found within those disks and compared this number to the  
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Figure 3.8: Traction tension kymographs and the spatio-temporal dynamics of the actin foci confirm 
the existence of motility modes. (a) Traction tension kymograph of the cell shown in Figure 3.7. The 
local maxima of fluorescence have been tracked and superimposed on the kymograph (black circles). 
Data points coming from the spatio-temporal evolution of one single actin spot are connected by lines. 
The appearance of each new spot is highlighted by a bold circle. Adhesion sites at the front of the cell 
tend to be stationary. Rear adhesions tend to glide forward during the S-G mode and remain stationary 
during the S-S mode. (b) Boxplot showing the velocity of the adhesion foci tracked and depicted in 
panel (a) for the half front (F) and half back (B) of the cell. The difference is significant suggesting 
that the foci at the back slip more than do at the front of the cell and confirming that the frontal 
adhesion are always stationary. (c) Histogram of the mean lifetime of the adhesion foci tracked and 
depicted in panel A. Notice that the actin foci are dynamic and transient structures as shown elsewhere 
(38). (d) Snapshots of the traction stresses (top row) for the representative chemotaxing wild-type cell 
shown in panel a, in the cell based coordinate system. Stresses are shown in a different colormap to 
emphasize the local maxima. Black contours show the outline of the cell. Hollow black circles point at 
calculated local stress maxima and black asterisks point at maxima of fluorescence. A stress disc (s.d.) 
is defined as a disk that has its center at the position of a certain local maximum and a radius equal to 
1m and all stress disks are shown in red. Notice that most of the actin foci lie within these disks. (e) 
Table categorizing the stress disks depending on the number of actin foci that lie within them (second 
column). Notice that the majority of stress disks contain 1 to 2 actin foci. The third column shows the 
average ratio of the integral of stress within the specific disks to the total integral of instantaneous 
stresses. The specific value is multiplied by 100 and presented as a percentage. Notice that the more 
foci a stress disk contains the higher tend to be the stresses applied. (f) Boxplots showing the average 
ratio of the integral of stress within stress disks (containing 0, 1, 2, and 3 actin foci) to the total 
integral of instantaneous stresses. Notice that the higher the number of foci that lie within the disks, 
the more stress applied within the specific stress disk. 
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strength of the integral of stresses in each “stress” disk. We found that 21%, 26%, 26% of the disks 

contained 1, 2, 3 foci respectively whereas only 15% of the disks contained zero foci (Figure 3.8.e). 

Moreover, we found that the magnitude of the integral of stresses within the disks increased 

significantly when comparing disks that contained 0 versus 1 and 1 versus 2 foci (Figure 3.8.f). 

Nevertheless, we found no significant difference in the strength of the stresses when comparing disks 

containing 2 versus 3 foci (plateau) (Figure 3.8.f). 

Following the aforementioned analysis, we created stress kymographs and then superimposed 

the actin foci information on them (Figure 3.7 and Figure 3.8). For every instant of time, we plotted 

the integral of stresses across the cell width as a function of the cell length. In a similar analogy, we 

located the actin foci (local maxima) in the instantaneous 2D fluorescence maps and then projected 

them across the cell length (1D). We developed a code to automatically connect by a line, data points 

coming from the spatio-temporal evolution of one single actin spot (Figure 3.8.a). After inspecting a 

large number of individual cells, we concluded that the foci are always localized at the front and back 

of the cell where the stresses are exerted and not in the middle of the cells where there are typically 

minimal stresses. We also measured the velocity of gliding of actin foci (the slope of the line that 

connects in the stress kymograph circles that represent the time history of a specific focus) (Figure 

3.8.b). Consistent with our previous findings, we observed that actin foci at the front of the cell tend to 

be stationary, while rear foci tend to glide forward during the S-G mode and remain stationary during 

the S-S mode. 

 

3.6 Discussion 

 

 To shed light on the mechanisms that control amoeboid migration speed, we have used FTFC 

to measure the spatial and temporal evolution of traction stresses and shape dynamics during 

migration. This technique, together with the construction of traction tension kymographs, allowed us 
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to study how the formation and disassembly of adhesions coupled with the generation of axial and 

lateral traction stresses control the migration efficiency of chemotaxing Dictyostelium amoebae. We 

examined the dynamics of locomotion of wild-type cells and demonstrated that wild-type cells control 

their migration by mainly switching between two motility modes with distinct migration speed, 

adhesion dynamics, and periodic modulation of axial and lateral contractions of varying strength. 

It was previously shown through simultaneous observation of the dynamics of F-actin and 

traction stresses on Dictyostelium migrating cells that forces generated by the cells are transmitted to 

the substratum at spots where F-actin accumulates (111). This was reconfirmed using interference 

reflection microscopy indicating that a cell applies the traction stresses at cell-substratum attachment 

sites, where there is an increased F-actin localization (111). Since our analysis of the dynamics of the 

locomotion is based on the assertion that the cell is attached to the substrate at the location where we 

measure the traction stresses, we recorded simultaneously the traction forces and F-actin localization 

in multiple planes across the height of the cell. We then used the multiple F-actin planes to reconstruct 

the 3D cell body using the rendering options provided by IMARIS. With this technique, we visually 

observed where the ventral side of the cell lies and which parts of it are in contact with the substrate or 

not. By then overlapping the stress maps and ventral F-actin fluorescence maps consecutively in time, 

we concluded that the localization of the traction stresses precisely coincides with the peaks in 

fluorescence activity where the adhesions are localized (Figure 3.8).  

To examine the dynamics of adhesion formation, we mapped the traction stresses in a new 

way by creating traction tension kymographs (see Materials and Methods). In accordance to previous 

findings, we found that when amoeboid cells undergo chemotaxis on elastic substrates, they establish, 

on average, two stationary adhesion sites located at the front and back halves of their cell body and 

move by periodically modulating the strength of the axial contractility (29, 31). The periodic 

modulation of the axial contractility coincides with the periodic variation in the cell length and 

frequency of formation of frontal adhesion, consistent with previous descriptions of the motility cycle 
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(1, 29). This finding reconfirms that when amoeboid cells chemotax, they follow a relatively coherent 

(periodic) motion largely dominated by the front protrusion and rear retraction (106, 112). 

The stationary nature of the adhesion sites has been mostly investigated in cells that form 

focal adhesions. For instance in fibroblasts, the protruding lamellipodia form focal adhesions to the 

substrate that remain stationary until they are ripped off when they reach the back of the cell (50). 

However, with Dictyostelium cells, it has been more challenging to examine the dynamics of adhesion 

since the receptors controlling the adhesion have not been unambiguously identified and no integrin 

homologue has been found so far (84). In accordance with our findings, there is evidence suggesting 

that the adhesion sites in Dictyostelium are stationary (38, 106), although these studies do not provide 

quantitative information nor examine extensively the dynamics of the adhesion sites during migration. 

Our traction tension kymographs corroborate our findings and provide strong quantitative evidence 

that the adhesion sites do not always remain stationary while the cell body translocates forward. 

Our analysis uncovered several modes of movement with distinct adhesion and contractility 

dynamics. On a collagen-coated elastic substrate, moving wild-type cells switch between these modes 

with no apparent order, although the S-S and S-G modes are dominant. The S-S mode, characterized 

by two discrete adhesion sites located at the front and back halves of the cell, is associated with a 

slower velocity of migration. Cells protrude an anterior pseudopod that binds to the substrate, forming 

an anterior adhesion with the former front adhesion that then becomes the posterior adhesion. Both the 

front and back adhesions remain stationary during the S-S mode with the cell moving across these 

sites presumably using lateral contractions to allow an almost constant velocity throughout the 

motility cycle. During the S-S mode, cells protrude an anterior pseudopod, which then binds to the 

substrate forming an anterior adhesion with the former front adhesion becoming the posterior 

adhesion. In the S-G mode, the cell also establishes anterior and posterior adhesion sites, but the back 

adhesion is continuously dragged forward while the magnitude of the traction stresses and motility 

speed are considerably reduced compared to the S-S mode.  
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Although the two motility modes have different adhesion dynamics, they also have important 

characteristics in common. In both modes, the front adhesion sites are stationary, and the frequency of 

formation of front adhesions determines the cell’s speed. Moreover, in both modes, the axial 

contractility dominates over the lateral one. The signaling and/or mechanical changes responsible for 

the abrupt switch from one mode to the other are currently unknown. It is possible that slight 

inhomogeneities of the mechanical or chemical properties of the substrate, either due to the surface 

topography or in the collagen concentration, could trigger the switch between modes (113). Different 

motility modes, characterized by varying speed or adhesion dynamics, were observed in other cell 

types (103, 114). It has been shown that lymphocytes switch between a fast “amoeboid-like” mode 

that uses sequential, discontinuous contacts to the substrate and a slower mode that uses a single, 

continuously translating adhesion, similar to mesenchymal motility (103). 

In conclusion, our study of the mechanics of wild-type chemotaxing cells has contributed to a 

more precise understanding of how the coordination of traction stresses together with the adhesion 

dynamics result in efficient amoeboid cell migration. We have shown that cells migrate by switching 

between several modes of distinct adhesion dynamics, while at the same time following a motility 

cycle. Our findings also reveal that changes in cell migration speed are concomitant to changes in both 

contractility and adhesion dynamics. 

 

Chapter 3 is being prepared in part for publication. Chemotaxing amoeboid cells migrate by 

switching between distinct modes of adhesion dynamics and contractility. Bastounis E., Meili R., 

Alvarez-Gonzalez B., del Álamo J.C., Lasheras J.C., Firtel R. 
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Chapter 4            
Role of the Scar/WAVE Complex in 
Regulating Traction Forces during 
Amoeboid Motility † 

 

 A key driver for the protrusion of the leading edge and the generation of cell movement is F-

actin polymerization. The dynamic regulation of the actin cytoskeleton is spatiotemporally 

coordinated by upstream signaling regulators, including actin nucleators, and by actin cross-linking 

proteins whose combined activity results in pseudopod protrusion (45). One important mechanism for 

F-actin growth is filament branching (dendritic polymerization) initiated by the Arp2/3 heptameric 

complex (50-53, 55, 56, 64) and regulated by nucleation promotion factors (NPFs), the WASP and 

SCAR/WAVE protein complexes (Figure 1.2) (115). The highly conserved SCAR/WAVE complex 

includes PIR121 (Sra-1/CYFIP/GEX-2), SCAR (WAVE), HSPC300, ABI1, and NAP1 

(Hem2/KETTE/GEX-3), which have domains that bind and activate Arp2/3, as well as domains that 

recognize and bind to signaling factors (membrane phospholipids, Rho family GTPases, tyrosine 

kinases) to locally activate the complex (66, 115). Unlike mammalian cells that lack SCAR protein, 

Dictyostelium cells lacking SCAR (scrA- cells) can still move, albeit with reduced chemoattractant-

induced F-actin polymerization, presumably by employing other NPFs such as WASP (116). On the 

other hand, Dictyostelium cells lacking Pir121 (pirA- cells) undergo increased F-actin polymerization, 

enhanced pseudopod activity, and reduced substrate adhesion (64, 65). 

Misregulated dendritic actin polymerization causes a decrease in cell speed and changes in 

cell shape (66, 117). Despite a growing body of data on the biochemical processes controlling cell 

                                                 
† Chapter 4 has been published in part in the Molecular Biology of the Cell journal. The SCAR/WAVE 
complex is necessary for proper regulation of traction stresses during amoeboid motility. Bastounis E., 
Alonso-Latorre B., Meili R., del Álamo J.C., Lasheras J.C., Firtel R. 
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motility and F-actin polymerization in particular, our knowledge of how these biochemical events are 

linked to the spatiotemporal mechanics of cell movement is still in its infancy. Is the decrease in the 

migration speed of the cell due to an increase of the time needed for the pseudopod to protrude 

(protrusion phase)? Or, does the misregulation of F-actin polymerization affect the duration of the 

other phases of the motility cycle as well (contraction of the cell body, retraction of the rear)? Is there 

still a motility cycle present when F-actin branching in the front of the cell is disrupted? How does the 

misregulation of F-actin polymerization affect the localization and magnitude of the traction stresses 

exerted by the cells on their substrate? The objective of this chapter is to answer the aforementioned 

questions. In order to understand the relationship between the mechanics and biochemistry needed to 

make a comprehensive description of cell motility, we used traction force cytometry (TFC) 

techniques, in combination with statistical analysis, to define the traction stress fields of the 

SCAR/WAVE-complex mutants and to compare them with wild type. Thus, we were able to examine 

how enhanced or reduced F-actin polymerization alters the biomechanics of chemotactic cell 

migration. In particular, we were driven by the need to better determine the role of anterior F-actin 

polymerization in each of the steps of the motility cycle and in mediating the strength and timing of 

the applied traction forces required for cell movement as well as the adhesion dynamics.  

 

4.1 Disruption of the SCAR/WAVE Complex Strongly Affects Cell 

Shape and Speed of Cells Chemotaxing on Elastic Substrates 

 

To examine the role that SCAR/WAVE mediated dendritic polymerization of F-actin plays in 

regulating the synchronized mechanics of amoeboid motility, we acquired time-lapse images of two 

SCAR/WAVE complex mutant strains (scrA- and pirA- cells) moving up a chemoattractant gradient on 

the surface of a polyacrylamide matrix, as described in Chapter 3 for wild-type cells (Chapter 3, 

Experimental Methods). When the cells move, they deform the substrate, producing time-dependent 
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displacements of the beads. We used traction force cytometry and field statistical analysis to compare 

the behavior of wild-type, scrA-, and pirA- cells. Previously, scrA- and pirA- cells were shown to have 

decreased or increased F-actin levels respectively (117).  

 

4.1.1 Basal F-actin levels correlate with migration speed 

In agreement with previous reports (117), we found that both scrA- and pirA- cells chemotax 

with approximately half the velocity of wild-type cells (Figure 4.1.a and Figure 4.2.a-c). Moreover, 

both mutants were less polarized than wild-type (Figure 4.1.b). In addition, scrA- cells have a reduced 

area (Figure 4.1.c-e). Also in agreement with previous studies (117), pirA- cells have 50% more F-

actin/cell than wild-type cells, while scrA- cells have 30% less F-actin/cell than wild-type (Figure 4.1.f 

and Figure 4.2.e).  

 

Figure 4.1: Boxplots of kinematic parameters of chemotaxing wild-type (blue), pirA− (green), and 
scrA− (red) cells. (a) Speed of migration (μm/min). (b) Aspect ratio (cell length divided by cell width). 
(c) Cell length (μm). (d) Cell width (μm). (e) Area (μm2). Open circles represent outliers, and the 
notched section of the boxplots shows the 95% confidence interval around the median. Asterisks 
denote significant differences between distributions: *, 0.01 < pd < 0.05; **, pd < 0.01 (Wilcoxon rank 
sum test for equal medians). (f) Levels of F-actin of unstimulated cells normalized by the 
corresponding levels of unstimulated wild-type cells (F-actin assay). Error bars, SD from the average. 
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Figure 4.2: The motility phenotype and the mechanics of migration of the Scar/Wave mutants differ 
considerably from wild type. (a) Time-lapse images of a representative wild-type (Δt =40 s) (a), pirA- 
(Δt = 80 s) (b), and scrA- (Δt = 80 s) (c) cell. The color map shows the magnitude of the stresses 
applied to the substrate. The blue arrows show the pole forces applied by the cells. The bar plots on 
the right of each time-lapse image represent the magnitude of the pole forces exerted on the cell’s 
front F (blue) and back B (red); the similar values of the F and B pole forces indicate that cells are in 
quasi-static equilibrium. Note the differences in the migration speeds and stresses exerted by the cells 
of each different cell line. All cells show a marked degree of polarization and apply pole forces 
simultaneously contracting front and back towards the cell’s center. (d) cAMP-induced F-actin 
polymerization was assessed as described in (Chung and Firtel, 1999). cAMP-induced F-actin levels 
during different time points after stimulation for the three cell lines, normalized with respect to the 
corresponding levels of unstimulated wild-type cells. 
 
4.1.2 Cell shape is less polarized than wild-type cells  

In contrast to Blagg et al. (66, 117) who observed frequent, multiple leading edge formations 

in both mutant cell lines, we did not observe such extreme phenotypes in our experiments (66, 117) 

(Figure 4.2.a-c). This difference may be due to differences in the experimental conditions, since our 

experiments were not performed under agar, and thus, the cells were not constrained in the z direction. 
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increased pseudopodal activity that is superimposed on the length oscillation mode that drives motility 

(Figure 4.2.d). 

 

4.2.Disruption of the SCAR/WAVE Complex Causes the Misregulation 

of the Motility Cycle 

 

As described in Chapter 3, wild-type amoeboid cells move by following a series of well-

defined steps that result from periodic oscillations of the cell length L(t) (30, 40) and of the strain 

energy Us(t) deposited on the substrate (30, 31, 37, 38, 107) (Figure 4.3.a). To assess the importance 

of properly regulated F-actin polymerization for the periodicity of the motility cycle, we examined and 

compared the temporal evolution of cell length, L(t), and strain energy, Us(t), in wild-type and the 

SCAR/WAVE complex mutant strains during chemotactic migration. To that end, we calculated the 

autocorrelation of L(t) and Us(t) signals as well as their cross-correlation to determine the periodic 

content of each signal and the correlation between signals as described previously (Figure 4.3.a-b, 

Materials and Methods).  

 

4.2.1 pirA- do not chemotax periodically 

The average p-values obtained suggested significant correlations (quality of fit) for wild-type 

and scrA- cells (p<0.005) only, indicating quasi-periodic oscillations of the cell length and strain 

energy (mechanical work) for scrA- cells in a manner similar to the one previously shown for wild-

type cells (30). In contrast, the p-value (hypothesis of no correlation) for pirA- cells was >0.09 for both 

time records, indicating that these cells exhibit a more random and uncoordinated variation in both 

time records during migration (Figure 4.4.a-d). These observations suggest that the mis-regulation of 

F-actin polymerization observed for pirA- cells results in a more random sequence of protrusions, 

contractions and retractions leading to aberrant cell motility. 
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Figure 4.3: The cell length and strain energy time records do not correlate for pirA- cells. (a) Time 
evolution of the cell length L(t) (blue) and of the strain energy Us(t) (red) of a representative cell for 
each cell line. The amplitude of the variations in both records have been normalized between [-1 1]. T 
indicates the period determined through the autocorrelation function of cell length time record. (b) 
Boxplots of the correlation coefficients, RL_U, between the time evolution of the strain energy, Us(t), 
and the cell length, L(t), for each cell line. Boxplots refer to wild-type (N = 18, blue), pirA− (N = 16, 
green), and scrA− (N = 16, red) cells. Black asterisks, significant differences between distributions: *, 
0.01 < pd < 0.05, **, pd < 0.01; red asterisks, a distribution with a median significantly different from 
zero: *, pz < 0.05 (Wilcoxon signed rank test). (c) Boxplots of the time delay between the cell length 
and the strain energy (U_L), where the cell length serves as the reference function. Boxplots refer to 
wild-type (N = 18, blue), pirA- (N = 16, green), and scrA- (N = 16, red) cells. Black asterisks denote 
significant differences between distributions, while red asterisks indicate a distribution with a median 
significantly different from zero: p<0.05 (Wilcoxon signed rank test for zero median). Note the non-
zero positive delay in the scrA- with a median value of 2.5 s (p=0.011). 
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Figure 4.4: pirA- cells do not follow a motility cycle while chemotaxing. (a) Method used to calculate 
the degree of periodicity (DOP) by fitting a sine wave (red) to the cell length L(t) time record (blue) of 
a representative cell for each cell line. The period TL, the degree of periodicity DOP, and the p-value 
pm for testing the hypothesis of no correlation between the cell length and the sine wave fit are also 
shown. (b) Boxplots of the DOP of the time evolution of the cell length L(t). Boxplots refer to wild-
type (N = 29, blue), pirA− (N = 18, green), and scrA− (N = 17, red) cells. 

 

4.2.2 No correlation between cell length and strain energy oscillations for pirA- cells 

The correlation coefficients between L(t) and Us(t) for scrA- cells, similar to wild type, were 

found significantly greater than zero, based on p-value tests, suggesting that the cell length, as 

represented by the length of the major moment of inertia of the cell, oscillates periodically and in-

phase with the strain energy (Figure 4.3.a-b). In marked contrast, the cross-correlation coefficients 

were much lower for pirA- cells and not significantly different than zero (Figure 4.3.b). This indicates 

that pirA- cells do not oscillate their length and strain energy in a periodic manner and suggests that the 

motility of pirA- cells is less coordinated. We also observed an average 4.3 s time delay between the 

two time records for scrA- cells, representing a statistically significant increase based on p-value tests 

(Figure 4.3.c). According to this result, cell lengthening occurs ~4 s prior to force exertion for scrA- 

cells, suggesting a considerable time delay in generating forces as compared to the wild type where 

cell lengthening and an increase of force exertion on the substrate occur nearly simultaneously (at 

least within the time resolution of our experiments). 
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4.3 The Frequency of the Motility Cycle and Distance Advanced per 

Cycle Decrease in Cells Lacking SCAR 

 

We observed previously that wild-type cells and strains with contractility deficiencies 

(myosin II heavy chain null cells, myosin II essential light chain null cells) exhibit in-phase quasi-

periodic oscillations of their cell length and strain energy (31). Furthermore, the speed of migration of 

these cells (V) is linearly proportional to the step length λ (the step length advanced by the cell per 

cycle) and the frequency ߱ of these oscillations according to the relation ܸ ൌ ߣ߱ߨ2 ൌ  Figure .	ܶ/ߣ

4.5.a suggests that scrA- cells also exhibit a strong correlation between their average migration speed 

ܸ and the frequency of their motility cycle ߱, the same way wild-type cells do. Interestingly, the step 

length is shortened significantly for scrA- cells, as shown in Figure 4.5.a-b from the slope of the linear 

fits to the data (dashed lines), which represent the average values of λ for each strain and the boxplots. 

Within the population of scrA- cells, we found that the value of λ does not correlate with the size of 

the cells, suggesting that the cause of the reduced value of λ for scrA- cells is, most likely, not due to 

their smaller cell size (Figure 4.5.d). It should be noted that in Figure 4.5.a, the frequencies were 

calculated from the cell length, L(t), but identical results were obtained for Us(t) since both signals are 

highly correlated in wild-type and scrA- cells (Figure 4.5.b-c). 

Figure 4.5.a illustrates that the motility cycle of scrA- cells has a longer period (i.e. lower 

frequency) than wild-type cells. We previously segmented the motility cycle into four phases 

protrusion, contraction, retraction, and relaxation based on the changes in cell length and traction 

forces which were based on similar analyses as described in this work (2, 33, 45). We also showed  
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Figure 4.5: The frequency of the motility cycle is determined by the speed of the cells but scrA- travel 
a lower distance per cycle than wild-type. (a) Scatter plot of the average speed of migration V versus 
the frequency f of their motility cycle determined through the time evolution of cell length, L(t) (N = 
46). The data points refer to N = 29 wild-type (blue circles) and N = 17 scrA− cells (red circles). The 
dashed blue and red lines are the least square fits to the data for wild-type and scrA− cells, 
respectively. V = 18.5×f for wild-type and V = 16.1×f for scrA− cells, showing that the scrA− cells 
perform a motility cycle with an average step length of 16.1 μm vs. the 18.5 μm in the wild-type cells. 
The root mean square errors (RMSEs) when fitting the data linearly were RMSEWT = 3.20 and 
RMSEscrA = 0.99. The correlation coefficients of the two variables were RWT = 0.364 and RscrA = 
0.785. To better visualize the correlation, the f–V plane was divided into rectangular tiles of equal 
area, and the size and color of each data point were scaled according to the total number of data points 
that fall on each specific tile (i.e., its rate of occurrence). As a result, darker, larger circles represent 
those data points that were observed more often in our experiments, and vice versa. A boxplot of the 
average step length λ advanced per period is shown on the bottom right corner of the plot. Asterisks 
denote significant differences between distributions: *, 0.01< pd < 0.05; **, pd < 0.01. (b) Scatter plot 
of the average migration speed of chemotaxing cells (N = 34) versus the frequency of their motility 
cycle, determined using the strain energy Us(t) time record. The data points come from N = 18 wild-
type (blue circles) and N = 16 scrA- (red circles) cells. The dashed blue and red lines are the least 
square fits to the data, yielding V = 20.4×f for wild-type and V = 15.5×f for scrA- cells. Note that the 
step lengths calculated from the time records of the cell length shown in panel (a) are within 10% of 
those calculated here with the strain energy, showing the high degree of correlation between these two 
parameters. As it was the case in panel (a), the average step length per cycle is shown to be markedly 
reduced in the scrA- cells (almost a 25% reduction). (c) Scatter plot of the periods determined through 
the cell length, TL versus the periods determined through the strain energy, TU, indicating the high 
degree of correlation between these two functions. The dashed black line is TL = TU. (d) Scatter plot of 
the step length λ versus the length of the cell L. The dashed black line is λ=L. In all three panels, the 
size and color of each data point are proportional to its rate of occurrence, similar to panel (a). 
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that the longer period observed in scrA- cells was the result of a considerable increase in the time 

duration of the protrusion phase and, to a lesser extent, to the duration of the retraction phase (Figure 

4.10.b). This will be discussed in greater detail further on. 

 

4.4 The Magnitude of the Front to Back Contraction Forces (Pole 

Forces) Correlates with F-actin Levels 

 

A critical question not yet addressed is: what effect, if any, does the misregulation of F-actin 

polymerization have on the localization and magnitude of the traction stresses exerted by the cells on 

their substrate on average as well as during the different stages of their motility cycle? To answer that, 

we determined the cell shape changes and calculated the associated distribution of traction stresses 

from the measured deformation of the elastic substrate (Figure 4.2.a-c, see Materials and Methods). 

To answer the second part of the question, for the cell lines exhibiting a motility cycle, we used 

conditional statistics to characterize the traction stresses exerted by the cells during the different 

phases of their motility cycle (29).  

 

4.4.1 Traction stress strength correlates with basal F-actin levels 

Figure 4.6.a shows the average stress patterns over multiple motility cycles for all three 

strains. Figure 4.6.a confirms that for all strains the average stress pattern consists of the localized 

attachment at the cell’s front and back, contracting the substrate towards the cell’s center in a similar 

pattern to that found in our previous observations of wild-type cells moving on gelatin substrates 

(Figure 4.6.a and Figure 4.7) (30). However, while the overall force pattern is conserved in the SCAR 

mutants, the magnitude of the traction stresses is quite different. scrA- cells exert ~50% weaker 

traction stresses, while the traction stresses exerted by pirA- cells are slightly larger than those of wild-
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type cells. The average magnitude of the pole forces transmitted to the substrate (pairs of opposing 

contractile forces resulting from the integral of the traction stresses at the front and back of the 

adhering to the substrate cells) decreases from 1100 pN for wild-type cells to 473 pN for scrA- cells 

and increases to 1249 pN for pirA- cells. Similarly, the average strain energy (mechanical work) 

exchanged with the substrate in wild-type and pirA- cells are 0.56 nNμm and 0.7 nNμm respectively, 

whereas the strain energy for scrA- is only 0.13 nNμm (Table 4.1).  

 
Table 4.1: Summary and comparison of the average motility parameters for wild type and Scar/Wave 
mutants. Rows show different cell types (C.T.). First five columns: cell type; average values of the 
pole forces obtained from the integration of the stresses in the front and the back halves of the cells 
(Fp); average magnitude of the pole forces normalized by the cell area (Fp/Ac); average strain energy 
(Us); average strain energy normalized by the cell area (Us/Ac). The last two columns show the 
average protein amount (P.A.) in μg/cell (DC assay) for each cell line and the average protein amounts 
in the mutants compared with that measured in wild-type cells 

C.T. Fp (nN) Fp/Ac (pN/m2) Us (nN m) Us/Ac (pN/ m) P.A. (m/cell) P.A. 

WT 1.08+/-0.44 8.68+/-4.49 0.64+/-0.35 5.4+/-3.2 8.33x10-5 100% 

pirA 1.24+/-0.68 9.97+/-1.75 0.86+/-0.41 6.6+/-3.5 7.76x10-5 93% 

scrA 0.60+/-0.28 4.49+/-1.96 0.23+/-0.11 1.2+/-1.1 6.54x10-5 78% 

 

These differences cannot be attributed simply to differences in cell size between the strains, since 

statistics of both the pole force and the strain energy per unit area of the cell (Figure 4.6.a, c) reveal 

that adhesion to the substrate is significantly stronger in wild-type and pirA- cells compared to scrA- 

cells. As scrA- cells exhibit reduced F-actin, while there is an increase in F-actin in pirA- cells (Figure 

4.1.f) (66, 117), it is possible that the differences in the magnitude of the cellular traction forces may 

be partially due to the changes in the levels of polymerized actin present in the cells. 
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Figure 4.6: Strength of the traction stresses differs on the Scar/Wave mutants and correlates with their 
F-actin levels. (a) Average stress distribution pattern for wild-type (N = 14), pirA− (N = 17), and scrA− 
(N = 14) cells during chemotaxis on elastic polyacrylamide substrate. The contour maps show the 
average traction stress field, computed in a reference frame rotated to have the x- and y-axes coincide 
with the instantaneous principal axes of the cells. All dimensions are scaled with the length of their 
instantaneous major axis, a. Details of how the cell-coordinate system used in these plots is 
constructed can be found elsewhere (29). The colors indicate the magnitude of the stresses in pN/unit 
area, and the arrows indicate their direction. The white contours show the average shape of the cells in 
this reference frame. The front (F) of the cell corresponds to x > 0 and the back (B) to x < 0. (b) 
Boxplot showing the average location of the peak stresses at the front and back halves of the cell 
along the cell length calculated after integrating along the cell width, for wild-type (blue), pirA- 
(green) and scrA- (red) cells. The peak stresses are significantly closer to the cell centroid in the 
mutants than in wild-type, while the opposite happens for the peak stresses at the back half of the cell. 
(c) Time evolution of the magnitude of the integral of the traction stresses along the width of the cell 
as a function of the position along the cell length for a representative wild-type, pirA−, and scrA− cell 
(sketch). Dashed lines indicate the cell front. The adhesion sites of the cell can be clearly seen, as well 
as the frequency of the formation of frontal adhesions, which coincides with the measured period of 
the motility cycle (T). 
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Figure 4.7: Both wild-type and the Scar/Wave mutants move by contracting predominantly axially. (a, 
b) Components of the traction stresses parallel and perpendicular to the major axis (length) of the cell. 
In (a) the stresses are shown using the same color map for all cell lines whereas in (b) the color map 
for each cell line is normalized by the maximum value of the traction stresses in each cell line. 
 

4.4.1 Leading edge of the mutants does not exert stresses 

In addition to the altered magnitude of the stress applied to the substrate by the mutants, we 

found that the leading edge of both SCAR/WAVE mutant strains does not exert significant traction 

stresses (Figure 4.6.b, c). The location of the local maximum in the magnitude of the traction stresses 

in the mutant cells is shifted towards the center of the cell when compared to that observed in wild-

type cells. This shift of the region of the frontal attachment may be due to either defective/decreased 

attachment of the leading edge of these cells or perhaps to fast blebbing of F-actin free protrusions. 

However, prompted by earlier findings showing that during cytokinesis scrA- cells produce numerous 

bulbous projections which do not contain actin, we carefully examined the localization of F-actin in 

chemotaxing cells (118, 119). In our experiments, actin remained localized at the front of the leading 

edge, suggesting that there is minimal to no bleb formation (Figure 4.12.a-b).  
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Figure 4.8: Identification of the motility modes of the Scar/WAVE mutants. (a) Traction tension 
kymograph of a representative scrA- cell (see Figure 3.2.a). Black solid (dotted) lines track the spatio-
temporal evolution of the peak value of the negative (front) (positive (back) traction tension, T(x,t). (b) 
Criterion for the identification of the motility modes based on the speed of adhesion regions. Blue and 
red solid lines show the speed of the adhesion regions, defined as the slope of the solid and dotted 
lines in panel A. Black solid lines indicate the first and third quartiles of the distribution of the 
adhesion speeds. Speed points that are lower than the first quartile are marked with a hollow circle, 
while those between the first and third quartiles are marked with an asterisk. Speed points above the 
third quartile were observed only when new adhesions were created or existing adhesions were broken 
(see Figure 2.5). Notice that scrA- cells move by exclusively implementing the S-S motility mode. (c) 
Same as panel (a) for a representative pirA- cell. (d) Same as panel B for the cell shown in panel (c).  
 

4.4.3.scrA- implement only the S-S motility mode while pirA- switch between the S-S and G-

S motility modes 

As in Chapter 3, we calculated the integrals of stresses across the width of the chemotaxing 

mutants and plotted them during time, creating traction tension kymographs. We found that scrA- keep 

both their frontal and back adhesions stationary, thus implementing only the S-S mode (Figure 4.8.a-

b). This suggests that scrA- cells chemotax similarly to the wild type, but are unable to implement the 
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S-G mode which is associated with higher migration speed. Nevertheless, we found that unlike wild-

type, scrA- cells have, on average, two to three adhesion sites along their length (Figure 4.8.a). A 

frontal adhesion is created at the front of the cell usually before the previous frontal adhesion has 

become a back adhesion. Moreover, in certain circumstances when an adhesion is created at the front, 

it exerts stresses that are pointing towards the front of the cell (Figure 4.8.a). Finally the frontal 

adhesion formation usually occurs farther away from the leading edge as observed by the calculation 

of the average stress maps (Figure 4.8.a).  

pirA- cells, similar to scrA- cells, have, on average, two to three adhesion sites along their 

length (Figure 4.8.c). In marked contrast to scrA- cells, the adhesions that they form at their front are 

not always stationary, but occasionally slide forwards or backwards (Figure 4.8.c-d). Thus, pirA- cells 

migrate by switching between the S-S and the G-S motility modes (Figure 4.9.a). This suggests that 

potentially due to the cytoskeletal defects of these cells or the disorganized architecture of the F-actin 

network, pirA- cells are unable to grab the substrate strongly and maintain their frontal adhesion still. 

It is interesting that for both mutants the back adhesions are always stationary as opposed to what is 

observed in the case of wild-type cells. Both mutant strains were transformed with Lifeact. 

Determination of the time history of the actin foci, reconfirmed the above observations. 
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Figure 4.9: Spatio-temporal dynamics and motility modes in pirA- cells migrating on collagen-
functionalized polyacrylamide substrata. (a) Kymographs of traction stresses (x,y) (upper part) and 
traction tension T(x,t) (lower part) for a representative chemotaxing pirA- cell (for explanation see 
Figure 3.2.a). The instantaneous traction stresses and cell contours are shown every 28 s. Analysis of 
spatio-temporal patterns in the traction stresses and tension reveals different motility modes (for 
explanation see Figure 2.5). The modes observed are the S-S (stepping-stepping) and the G-G 
(gliding-gliding). The first and second letters correspond to the frontal and to the back adhesion 
respectively. (b) Average traction stress maps in the cell-based reference frame. The  - and  -axes 
coincide with the instantaneous principal cell axes and the origin is the cell centroid. Spatial 
coordinates are scaled with the instantaneous length of the major axis of each cell, L(t) (Figure 2.4). 
Left column shows the average stress maps during the S-S (upper) and G-G (lower) motility modes. 
Details of how the cell-coordinate system used in these plots is constructed can be found elsewhere 
(29). The color maps indicate the magnitude of the total stresses in [pN/unit area], and the arrows 
indicate their direction. The white line contours show the average shape of the cells in this reference 
frame. The front (F) of the cell corresponds to  > 0 and the back (B) to  < 0. The second and third 
columns show the axial and lateral components of the traction stresses respectively. (c-i) Boxplots of 
the motility parameters corresponding to the S-S (blue), S-G (red) and G-G (green) motility modes, 
for N=8 wild-type cells. Each motility parameter is normalized with the mean value of the specific 
parameter during the whole time the cell is migrating. (c) Speed of migration (V). (d) Strain Energy 
(Us). (e) Aspect ratio (AR). (f)Mode duration ). Below each boxplot the number of modes N 
identified is indicated. (g) Axial force (Fx). (h) Lateral force (Fy). (i) Ratio of axial to lateral forces. 
Circles represent outliers, and the notched section of the boxplots shows the 95% confidence interval 
around the median. One and two asterisks denote statistically significant differences between the 
median of two distributions (<0.05 and <0.01 respectively). 
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4.4.4 Phase average stress pattern of scrA-cells is similar to wild-type 

 The overall time evolutions of the stress patterns during the different phases of the motility 

cycle are similar for wild-type and scrA- cells except for the aforementioned reduced magnitude in 

scrA- cells (Figure 4.10.a). During all the phases of the motility cycle, the frontal traction forces in 

scrA- cells are more focused and intense than those at the rear, with a peak value closer to the cell 

center (Figure 4.10.c). In wild-type cells such a pattern is only observed during the protrusion phase 

(Figure 4.10.a, c). During relaxation, the forces are minimal in both cell lines and the cells spread out. 

The cells elongate during protrusion and exert higher forces of similar magnitude contracting their 

front and back. The frontal attachment region is closer to the centroid of the cell than the back, 

suggesting that the frontal part of the cell glides over the substrate during pseudopod extension. In 

wild-type cells, the magnitude of the traction forces peaks during contraction with the frontal 

attachment regions located closer to the leading edge of the cell, indicating formation of new adhesion 

regions. Similarly, stresses are also maximal during contraction in scrA- cells, although there is no 

shift of the peak stresses towards the front, suggesting a continuous forward shift of adhesion rather 

than an identifiable event of frontal attachment. During retraction, the peak stress at the back of the 

cell moves closer to the centroid, meaning that the back of the cell glides or slips forward in both 

wild-type and scrA- cells. There is also an asymmetry between the front and back due to the 

accumulation of mass in the front and the retraction of the rear part of the cell (Figure 4.10.a, c). 

Finally, no dissection into phases was done for pirA- cells since they do not exhibit a motility cycle. 
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Figure 4.10: Phase-averaged stress maps of scrA- cells are similar to wild-type but strength of stresses 
is reduced and leading edge is not adhering. (a) Phase-averaged traction stress maps and cell shapes 
corresponding to the four phases of the motility cycle for wild-type (N = 14) and scrA− (N = 14) cells. 
The contour maps show the phase-averaged traction stress field computed in a reference frame rotated 
to have the x- and y-axes coincide with the instantaneous principal axes of the cells. All dimensions 
are scaled with the length of their instantaneous major axis, a. The colors indicate the magnitude of the 
stresses in pN/unit area, and the arrows indicate their direction. The white contours show the average 
shape of the cells in this reference frame. The front (F) of the cell corresponds to  > 0 and the back 
(B) to  < 0. The legends show the average durations, T1,…, T4, and the corresponding average speeds 
during each phase, V1,…, V4. (b) Boxplots of time duration of each of the four phases for wild-type 
(blue) and scrA− cells (red). Asterisks, significant differences between distributions: *, 0.01< pd < 
0.05; **, pd < 0.01. (c) Boxplot showing the phase averaged location of the peak stresses at the front 
and back halves of the cell along the cell length calculated after integrating along the cell width, for 
wild-type (blue) and scrA- (red) cells. The peak stresses during protrusion are significantly closer to 
the cell centroid in scrA- cells than in wild-type, while the opposite happens during retraction. 
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4.5 Spatial and Temporal Control of Cellular Kinematics by F-actin in 

Chemotaxing Cells  

 

The differences found in the traction stresses corroborate that regulated F-actin 

polymerization is critical to the generation of traction stresses required for the forward movement of 

the cells. But how the changes in the amount of F-actin of the different strains may relate to the 

average stresses observed is still unclear and difficult to assess. To examine this question, we 

quantified the changes in F-actin levels of cells in response to cAMP stimulation. Figure 4.2.e shows 

that, as previously described (66, 117), cells exhibit a biphasic curve with a sharp initial peak 

identified with the global cringe response at ~5 sec, and a shallower peak corresponding to pseudopod 

extension at 25-40 sec (120). The first peak was of comparable intensity for wild-type and scrA- cells 

and slightly reduced for pirA- cells. The decrease to basal levels occurred within 10 sec for wild-type 

and pirA- cells but took 20-30 sec for scrA- cells. Interestingly, scrA- cells exhibited a narrow second 

peak, whereas in pirA- cells, the second peak was extended. In spite of these differences, the results 

indicate that the mutant strains respond to cAMP effectively, and that actin nucleation is not 

exclusively regulated by SCAR/WAVE (66).  

 

4.5.1.Cell length and frontal Lifeact fluorescence oscillate periodically and in phase for scrA- 

cells 

To examine the spatiotemporal control of F-actin, we used the F-actin reporter Lifeact, a 

peptide derived from the F-actin binding protein Abp140 fused to GFP (121) to examine F-actin in 

vivo during chemotaxis. Joint analysis of the temporal evolution of the fluorescent intensity of Lifeact 

and cell length (Figure 4.11.a, c) revealed that these signals are coordinated for wild-type and scrA- 

but not pirA- cells. Figure 4.11.d shows the boxplots of the calculated time delays between the 
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instantaneous cell length L(t) and the instantaneous maximum fluorescence at the front Gmax(t) and 

  

 

Figure 4.11: Cell length and maximum Lifeact fluorescence intensity at the cell’s front oscillate in 
time together for all cell lines. (a) Time evolution of the cell length L(t) (blue) and of the maximum 
Lifeact fluorescence intensity at the cell’s front Gmax(t) (red) for a representative wild-type, pirA- and 
scrA- cell. Each plot also shows the periods determined through the time variation of the cell length 
TL, and through the time variation of the frontal peak fluorescence TG. Also shown is the time delay 
between the two records (ΔτL_G ). The time variation of the amplitude of each quantity is normalized 
between [-1 1]. (b) Table showing the average speed of migration V of the different cell lines with and 
without Lifeact expression. Even though their migration speeds are reduced by approximately 40%, 
the mutant cells still migrate at much slower speeds (less than half of the wild-type speed). (c) 
Boxplots of the correlation coefficients between the cell length and the maximum frontal Lifeact 
fluorescence intensity of the cell (RL_G) for each cell line. Observe that in both wild-type and scrA- 
cells the correlation is significant while the two parameters are less correlated in pirA- cells. (d) 
Boxplots of the time delay (ΔτL_G) between the above time records, where the cell length serves as the 
reference function. The above boxplots refer to wild-type (N = 9, blue), pirA- (N = 8, green), and scrA- 
(N = 9, red) cells. Black asterisks, significant differences between distributions: *, 0.01 < pd < 0.05, 
**, pd < 0.01; red asterisks, a distribution with a median significantly different from zero: *, pz < 0.05 
(Wilcoxon signed rank test).  
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suggests that based on p-value tests all three lag distributions are not significantly different than zero. 

Figure 4.11.c displays the cross-correlation coefficients between the instantaneous cell length, L(t), 

and the instantaneous maximum of the fluorescent signal in the cell front, Gmax(t), after correcting for 

the corresponding time delays. For wild-type and scrA- cells, these correlations are positive and 

significantly different than zero. On the other hand, pirA- cells show an insignificant correlation 

between L(t) and G(t), indicating that morphological changes and F-actin localization are not well 

coordinated in these cells. This is consistent with our finding that these cells do not undergo a 

synchronized, periodic motility cycle (Figure 4.4.d). 

 

4.5.2 Phase average traction stress strength and frontal Lifeact fluorescence correlate for 

scrA- cells  

We determined the period of the motility cycle of each cell expressing Lifeact from the time 

evolution of the cell length, L(t), and dissected the cycle into phases using the algorithms described 

previously in Materials and Methods and Chapter 3. This allowed us to map F-actin localization in 

both space and time throughout the motility cycle (Figure 4.12.a, b). Figure 4.12.b illustrates the 

spatial distribution and intensity modulation of Lifeact during the four phases of the cycle. Both wild-

type and scrA- cells show the highest frontal and back fluorescent intensity during contraction where 

the cell reaches its maximum length. Wild-type cells present moderate F-actin fluorescent localization 

during protrusion with a relatively high concentration at the front that is reduced during retraction and 

further lowered during relaxation. In contrast, scrA- cells present similar frontal fluorescent intensity 

during protrusion and retraction which is reduced only during relaxation. Although there is more 

intense fluorescent activity in the front for both wild-type and scrA- cells during protrusion and 

contraction, most of the F-actin is localized in a confined area, while the F-actin peak is more spread 

across the frontal edge of the cell, and its intensity is much lower in the preceding phases. In addition, 

we found that the fluorescence at the back of the cells is considerably lower than at the front and its 

intensity significantly increases during contraction, reaching values similar to the peak values at the 
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front of the cell. The average fluorescence localization over multiple cycles indicates that pirA- cells 

have a localization similar to scrA- at the front, while at the back the intensity of both is slightly  

 

Figure 4.12: Strength of the phase-averaged traction stresses correlates with the maximum Lifeact 
fluorescence intensity at the cell’s front for both wild-type and scrA- cells. (a) Average cell shape and 
localization of Lifeact, a reporter for F-actin, for wild-type (N = 9), pirA− (N = 8), and scrA− (N = 9) 
cells. The contour maps show the average fluorescence, computed in the same cell-based normalized 
reference frame as used in Figure 4.6.a. The colors indicate the intensity of Lifeact. The white 
contours show the average shape of the cells. The front (F) of the cell corresponds to x > 0 and the 
back (B) corresponds to x < 0. (B) Phase-averaged cell shape and localization of Lifeact during the 
four stereotypical phases of the motility cycle for wild-type (N = 9) and scrA− (N = 9) cells. (C) 
Phase-averaged values of the Lifeact fluorescence intensity (dashed line) and of the traction stresses 
(solid line) integrated along the width of the cell as a function of the position along the cell length for 
wild-type (N = 6) and scrA− (N = 4) cells. The intensity and force levels are normalized with their 
maximum value for each cell.  
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decreased compared to that in wild-type cells (Figure 4.12.a). Further, the aforementioned maps 

clearly depict that the maximum fluorescence for wild- type is confined to two very specific areas at 

the cell front and back while it is spread in broader areas for pirA- and scrA- cells (Figure 4.12a, b). 

To further assess the variations of the F-actin concentration throughout the cell, we considered the 

integral of fluorescence across the centerline through the major axis of the cell, normalized with the 

integral of the mean fluorescent field in each cell (Figures 4.12c). This analysis confirms that the 

peaks of fluorescence intensity at the front and back of the cell are modulated up and down during the 

different phases (Figure 4.12.c). Wild-type cells present the peak value of fluorescence at the front 

during contraction that progressively decreases through protrusion, retraction and relaxation, while the 

localization of these intensity peaks at the front remain on average almost unchanged. On the contrary, 

scrA- cells show a build-up of F-actin at the front during protrusion that reaches a maximum during 

contraction and decreases during retraction to levels similar to those of the protrusion phase (Figure 

4.12.b, c). During retraction and relaxation, the peak value in scrA- cells is also clearly displaced 

toward the cell centroid as compared to what is observed for wild-type cells. In accordance with 

Figure 4.12.b, it appears that for wild-type and scrA- cells, traction forces and fluorescent intensity are 

both modulated up and down during the different phases in a similar manner. Furthermore, Figure 

4.12.b shows that for wild-type cells, the onset of the F-actin increase is located at the positions where 

we measure the peak force at the front and at the back of the cell. Similarly, the peak fluorescence at 

the front and back of the cell is located at the position where the absolute rate of change of the traction 

forces (first derivative) is maximum. scrA- cells, on the other hand, show an increase in the distance 

between the locations of the frontal force and fluorescent intensity peaks while the onset of F-actin 

increase at the front is located in between the position of the peak traction forces and the position of 

maximum absolute rate of change of the traction forces. We note that the location in the cells where 

the F-actin levels are highest (maximum fluorescence at the front) is at the position where the traction 

forces are almost zero, while peak force and peak fluorescence at the back colocalize. Figure 4.12.c 

also shows that, in the case of scrA- cells, both the peak force at the front and the minimum force in 
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between the front and back are displaced towards the back of the cell. However, for wild-type cells, 

the point of minimal force exertion is located very near the centroid of the cell. While traction force is 

clearly displaced towards the cell centroid, the Lifeact fluorescence peak remains localized at the 

leading edge suggesting that scrA- cells have adherence defects (Figure 4.12.c). 

 

4.6 Discussion 

 

We measured the time evolution of cell length, traction forces, and strain energy (mechanical 

work) exerted by two mutant cell lines of the SCAR/WAVE complex (pirA- and scrA- cells), with high 

spatial and temporal resolution and investigated how actin polymerization contributes to the 

coordination of these quantities during chemotactic migration. By establishing a quantitative 

comparison between wild-type, pirA- and scrA- cells, we provide new insight into the role that actin 

polymerization plays in the conservation of the periodicity of cell migration as well as into the spatial 

and temporal regulation of the traction stresses and adhesion dynamics. 

We found that the periodicity of the motility for pirA- cells is considerably reduced when 

compared to wild-type and scrA- cells. The dramatic disruption of the motility cycle underlines the 

specific role and importance of regulated actin polymerization at the cell front for the coordination of 

the motility cycle. For wild-type and scrA- cells, we found that the period T of the oscillations in cell 

length and strain energy is inversely proportional to the average migration speed for those cell lines 

which have a clear motility cycle, in agreement with our previous findings (31). This correlation 

implies that the average migration velocity V of a cell is determined by the frequency at which the cell 

can perform its motility cycle in a coordinated manner. However, we found that the step length 

(average distance travelled by the cells each cycle) of the mutants is shorter than for the wild-type, 

suggesting that actin dynamics play an important role in determining the step length. The observed 

differences suggest that the step length depends on the regulated dendritic actin polymerization and is 

therefore modulated by the efficiency of the dendritic polymerization process rather than the cell size. 
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Cells move by attaching and transmitting forces to the substrate on which they migrate 

through the formation of adhesion sites whose function is controlled by membrane proteins bound to 

the cytoskeletal F-actin filaments. Consistent with this notion, the F-actin content and cytoskeletal 

architecture appear to be key components in determining the magnitude of the traction stresses. 

Traction force cytometry allows us to compute the traction field produced by the cells during 

chemotactic migration. We found that for all cell lines under study, the time-averaged traction forces 

showed a contractile pattern consisting of the localized attachment of the cell at the front and back, 

while simultaneously contracting the substrate towards the cell’s center (pole forces) (29). However, 

we also found that the strength of the pole forces is stronger in pirA- cells and weaker for scrA- when 

compared to wild-type cells. This result suggests that there is a correlation between the strength of the 

traction forces and the F-actin levels measured in the different cell lines, since the amount of F-actin 

present is higher in wild-type than in pirA- and lower in scrA- cells. Thus, it is the amount of F-actin 

present that is determining the strength of the applied to the substrate forces. Alternatively the 

difference may be due to the structure of the F-actin networks (more or less dendritic actin) rather than 

simply the amount of F-actin. Simultaneous phase average analysis of traction forces and Lifeact (a 

fluorescent marker for F-actin) show that the modulation of F-actin polymerization during the 

different phases of the motility cycle correlates with the modulation of the traction forces in 

chemotactic cells. 

F-actin and its regulation also play an important role in maintaining the cell’s overall 

geometry. While wild-type cells adopt an ellipsoidal shape with approximately the same area in the 

front and the back, we found that both scrA- and pirA- cells possess higher frontal areas while their 

frontal pole force is located further away from the cell’s leading edge and closer to the centroid of the 

cell. There is evidence that the scrA- cells studied during cytokinesis produce numerous bulbous 

projections which do not contain actin and that are presumably driven by internal gradients of 

hydrostatic pressure. In addition, these cells often detach from the substrate during mitosis (119). In 

our investigation of chemotactic motility, we did not observe any blebs devoid of F-actin associated 
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with membrane protrusion, and the peak fluorescence of the Lifeact marker remained localized close 

to the leading edge in wild type and mutant cells. This indicates that in both the scrA- and pirA- cells 

the displacement of the frontal pole force towards the centroid of the mutant cells is the result of 

gliding over the substrate. These pleiotropic effects suggest that the role of the proteins forming the 

SCAR/WAVE complex is not limited to the regulation of the dendritic actin polymerization but that 

this complex, or some of its components, may also be involved in other pathways potentially 

regulating the cell-substrate adhesion.  

Our phase average analysis of the motility cycle for wild-type and scrA- cells revealed that the 

longer period observed in scrA- cells was due primarily to an increase in the duration of the protrusion 

phase and, to a lesser extent, an increase in the duration of retraction phase. The increase in the 

duration of these two phases indicates that misregulating actin polymerization primarily affects the 

duration of the phases where the cell is either increasing or decreasing its length. The increase in the 

duration of protrusion may result from lack of positive feedback from F-actin polymerization. This 

may also explain why the duration of the contraction and relaxation phases are only slightly prolonged 

since they do not require changes in F-actin levels. However, the reasons for an increase in the 

duration of the retraction phase is unclear. One possible explanation could be the effects of the 

misregulated actin dynamics on the coordination of the actomyosin contractile network. 

The phase average analysis of traction forces revealed that the patterns of the average stresses 

during the different phases of the motility cycle are similar when comparing wild-type to scrA- cells. It 

was somewhat counterintuitive to observe that for scrA- cells, the frontal traction stresses are stronger 

relative to the back and are closer to the centroid of the cell for all the phases, a characteristic 

observed in wild-type cells only during the protrusion phase. This behavior indicated that the leading 

edge was constantly gliding and that scrA- cells presented reduced adhesion.  

We confirmed the previously reported small, but important differences between the F-actin 

response of wild-type cells and SCAR/WAVE mutants when stimulated with cAMP suspension (66, 

117). We also found relative changes in the localization of F-actin marker Lifeact between cell lines 
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which confirmed that misregulation of the SCAR/WAVE complex directly affects F-actin 

polymerization activity. The relative timings of different mechanical variables were also affected. We 

found that for wild-type cells, there is no significant time delay between the temporal evolution of the 

cell length, the strain energy, and the maximum F-actin signals. However, scrA- cells showed a 

significant mean time delay between the cell length and the strain energy of 4 sec, while there was no 

time delay between the cell length and maximum F-actin at the front. In that case, actin 

polymerization occurs at the same time as cell lengthening, while force increase follows with a delay 

of 4 sec suggesting that scrA- cells are slower in generating forces. Moreover, the increase in the time 

delay between cell length and strain energy exerted by scrA- cells in the substrate indicates the 

importance of regulated actin polymerization for the maintenance of the precise timing of the various 

mechanical events occurring during migration. Although scrA- cells still move quasi-periodically, we 

observed that the mechanical events that drive motility are impaired compared to wild-type cells, as 

suggested by the increased duration of protrusion and retraction. We therefore conclude that the 

activity of the SCAR/WAVE complex is essential for the preservation of the timings of actin 

polymerization and of the various mechanical events driving the cell motility cycle. We suspect that 

actin turnover may play a role in the determination of the duration of the phases of the cycle, and that 

it may act as an internal clock regulating the relative timings of events during chemotaxis.  

Finally, by constructing and inspecting the traction tension kymographs of both mutants for a 

number of cells, we concuded that scrA- cells only implement the Stepping-Stepping motility mode 

while pirA- cells alternate between the Stepping-Stepping and the Stepping-Gliding motility modes. It 

is interesting that both mutants maintain their back adhesion stationary. In wild-type cells, the sliding 

of the back adhesion is associated with an increase in the migration speed (S-G mode). This finding 

suggests that the migration speed may control which motility mode the cell will follow.  

Further analysis with better spatial and temporal resolutions are required to elucidate these 

aspects of motility, and the variables that control the succession of the various mechanical events. In 

addition, future studies of actin related proteins that affect stabilization, crosslinking, and turnover of 
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F-actin filaments will help us to better understand the precise role of regulated F-actin polymerization 

in regulating the mechanics of cell migration. 

 

Chapter 4 has been published in part in the Molecular Biology of the Cell journal. The 

SCAR/WAVE complex is necessary for proper regulation of traction stresses during amoeboid 

motility. Bastounis E., Alonso-Latorre B., Meili R., del Álamo J.C., Lasheras J.C., Firtel R. 
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Chapter 5          
Cytoskeletal Crosslinking Defects Impair 
Axial Contractility † 
 

In the previous chapters, we showed that an important factor controlling the efficiency of 

migration is the spatiotemporal coordination of traction forces and adhesion dynamics. In this chapter, 

to further investigate the role of contractility and adhesion dynamics in regulating motility, we will 

examine two strains with cytoskeletal crosslinking defects: Myosin heavy chain (MyoII) null cells 

(mhcA-) and filamin (Abp120) null cells (abp120-).  

The mechanics of migration of mhcA- cells, which lack both Myosin II cross-linking and 

motor function, have been to a certain degree studied previously (31, 122). Unlike the wild type, they 

exert increased lateral stresses that may be partially due to defects in F-actin crosslinking resulting in 

less rigid cells that are unable to develop axial contractility (31, 122). This suggests that the 

architecture of the actin polymer network is crucial in determining the cell speed through the effect it 

has on the mechanical properties of the cell (stiffness) (123). On the other hand, Filamin A is known 

to crosslink the F-actin network in an orthogonal fashion and to be the most efficient cross-linking 

protein in vitro (72, 124). Dictyostelium cells null for filamin, similar to mhcA- cells, are known to 

have decreased elastic moduli and deeply reduced speed (70, 123, 124) 

 

 

                                                 
† Chapter 5 is being prepared in part for publication. Chemotaxing amoeboid cells migrate by switching 
between distinct modes of adhesion dynamics and contractility. Bastounis E., Meili R., Alvarez-Gonzalez 
B., del Álamo J.C., Lasheras J.C., Firtel R. 
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5.1 Cytoskeletal Crosslinking Defects Impair Axial Contractility but 

Such Cells Still Move Using Motility Modes that Rely on Periodic 

Lateral Contractions 

 

 As indicated in the previous chapters, the spatiotemporal coordination of traction forces plays 

an important role in establishing different motility modes during migration. To further understand this 

coordination, we examined two strains with cytoskeletal crosslinking defects that may affect the 

spatiotemporal coordination of the traction stresses and adhesion dynamics: myosin heavy chain 

(MyoII) null cells (mhcA-) and filamin (Abp120) null cells (abp120-).  

 

5.1.1 mhcA- cells exert stresses peripherally and form a gliding front adhesion 

 In agreement with previous studies, we found that mhcA- cells move following a motility 

cycle but with a much lower migration speed than wild-type cells. Moreover, they have increased 

lateral contractility, but no major differences in their average length, aspect ratio, or strain energy 

(Figure 5.1.a-f) (31, 123). Although the magnitude of the traction stresses is not substantially different 

from wild-type cells, we found that the axial contractility of mhcA- cells is decreased by 21% whereas 

the lateral contractility is increased by 26% (Figure 5.1.d-f). These findings confirm that the 

architecture of the F-actin network and/or the motor activity of MyoII are essential to the cell’s ability 

to develop axial contractility, as reported previously (31, 125). 

Using the mode sorting algorithm introduced above, we found that mhcA- cells move 

exclusively by switching between the G-S and G-G modes, suggesting that the lack of contractile 

MyoII pushes cells to use modes that we seldom observe in wild-type cells migrating on collagen 

substrates (Figure 5.2.a). The front adhesion of mhcA- cells is always gliding forward whereas the 

back either glides or remains stationary. We found that the velocity of migration in the G-S mode is 

lower than in the G-G mode (Figure 5.2.c). 
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Figure 5.1: Boxplots of motility parameters for N=10 wild-type (blue) and N=8 mhcA- cells (red) . (a) 
Speed of migration (V). (b) Strain Energy (Us). (c) Aspect ratio (AR). (d) Axial force (Fx). (e) Lateral 
force (Fy). (f) Average stress maps in cell based coordinates (see Figure 2.3). First column shows the 
average stress distribution pattern for the N=8 mhcA- cells. The second and third columns show the 
axial and lateral component of the stresses respectively.(g) Phase-averaged traction stress maps and 
cell shapes corresponding to the four phases of the motility cycle for N=8 mhcA- (for description of 
the contour maps see Figure 3.8). The legends show the average durations, T1,…, T4, and the 
corresponding average speeds during each phase, V1,…, V4. Second row shows the phase-averaged 
area fluxes and cell shape corresponding to the four stereotypical stages for the same cell line. The 
colors indicate the magnitude of the area fluxes in m2/s (red: positive area flux or gain of cell area; blue: 
negative area flux or loss of cell area). 

 

The average stress maps also suggest that the shape of the cell is less polarized during the G-G mode, 

and at the same time, is applying increased lateral stresses all along its periphery (Figure 5.2.b). In 

contrast, the cell’s shape is more polarized during the G-S when the lateral stresses are confined to a 

region near the centroid of the cell (Figure 5.2.b). Inspection of the tension kymographs for mhcA- 

cells also suggests that when the back adhesion reaches the back edge of the cell, its strength 
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increases, and the cell is always in a G-S mode (Figure 5.2.a), consistent with its inability to detach 

the rear by contraction. We observed no significant differences in the rest of the motility parameters 

analyzed for these two modes (Figure 5.2.d-i). The mean time duration of both modes was ~200 s 

(Figure 5.2.f). 

 
Table 5.1: Summary and comparison of average motility parameters for wild-type (N=10) and mhcA- 
cells (N=8). The parameters shown include the averages of speed of migration (V); aspect ratio (AR); 
cell length (L); strain energy (Us); axial force (Fx); lateral force (Fy). Red colored numbers indicate the 
percentage increase (+) or decrease (-) of Fx and Fy with respect to control. 

Cell Type V (μm/min) AR L (μm) Us (nNμm) Fx (nN)+%incr Fy (nN)+%incr 

Wild-type 11.10 3.39 28.3 0.51 0.92 0.53 

mhcA- 6.26 3.07 28.0 0.29 0.72-21% 0.67+26% 

 

 

Figure 5.2: Spatio-temporal dynamics and statistics of motility modes in mhcA- cells. (a) Kymograph 
of traction stresses (x,y) (upper part) and tension T(x,t) (lower part) for a representative mhcA- cell, 
showing that the cell implements the G-S and G-G modes. (b) Average stress maps in cell-based 
coordinates during G-S (upper row) and G-G (lower row) motility modes. (c-i) Boxplots of the 
motility parameters corresponding to the G-S (blue) and G-G (red) motility modes for N=5 mhcA- 
cells, similar to Figure3.6.a-g.  
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5.1.2.abp120- cells move extremely slowly and exert very low stresses with the lateral 

component higher than the axial 

We used cells lacking the F-actin cross-linker filamin (Abp120) to investigate the role that F-

actin crosslinking at the leading edge may play in controlling the ability of the cell to develop axial 

tension. Filamin null (abp120-) cells polymerize F-actin but are unable to properly cross-link it at the 

leading edge. Thus, they are defective in protruding the frontal pseudopod (71, 74, 126); accordingly, 

abp120- cells exhibit poor cortical F-actin localization at the front of the cells (Figure 5.3.a).  

 

Figure 5.3: Boxplots of motility parameters for N=10 wild-type (blue) and N=9 abp120- cells (red). 
(a) Speed of migration (V). (b) Strain Energy (Us). (c) Aspect ratio (AR). (d) Axial force (Fx). (e) 
Lateral force (Fy). (f) Average stress maps in cell based coordinates (see Figure 2.3). First column 
shows the average stress distribution pattern for the N=9 abp120- cells. The second and third columns 
show the axial and lateral component of the stresses respectively.(g) Phase-averaged traction stress 
maps and cell shapes corresponding to the four phases of the motility cycle for N=9 abp120- cells. 
Second row shows the phase-averaged area fluxes and cell shape corresponding to the four 
stereotypical stages for the same cell line (for further description see Figure 5.1). 
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We found that abp120- cells have greatly reduced speed (<50% that of wild-type cells), a smaller 

aspect ratio and cell length, and lower strain energy (Figure 5.3.h, i and Table 5.2). Consistent with the 

reduction in strain energy, we found that the overall traction stresses in these cells are much lower 

than those of wild-type cells (Figure 5.4.j-k and Table 5.2). However, this strain map shows a slightly 

stronger lateral squeezing (~18% higher than wild-type cells) while exerting axial tensions that are 

almost 50% lower (Figure 5.4.j and Figure 5.3.j-k).  

 

Table 5.2: Summary and comparison of the average motility parameters for wild-type (N=10) and 
abp120- (N=9) cells  (see Table 5.1). 
 
Cell Type V (μm/min) AR L (μm) Us (nNμm) Fx (nN)+%incr Fy (nN)+%incr 

Wild-type 11.10 3.39 28.3 0.51 0.92 0.53 

abp120- 4.31 2.00 17.3 0.29 0.46-50% 0.63+18% 

 

 

Figure 5.4: Spatio-temporal dynamics and statistics of motility modes in abp120- cells. (a) Kymograph 
of traction stresses (x,y) (upper part) and tension T(x,t) (lower part) for a representative abp120- cell, 
showing that the cell implements the S-S and S-G modes, similar to wild type. (b) Average stress 
maps in cell-based coordinates during S-S (upper row) and S-G (lower row) motility modes. (c-i) 
Boxplots of the motility parameters corresponding to the S-S (blue) and S-G (red) motility modes for 
N=6 abp120- cells, similar to Figure3.6 .a-g.  
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5.1.3 abp120- cells follow a well-defined motility cycle 

We also found that abp120- cells show a high degree of periodicity in the time variation of 

their strain energy and cell length (Figure 5.5.b-c). The stress kymograph in Figure 5.3.a illustrates 

that abp120- cells alternate between phases of roundness followed by periodic elongations, which are 

produced by lateral contractions (Figure 5.3.a). Thus, their motility cycle is controlled by the 

frequency of lateral squeezing that produces periodic oscillations of roundness and elongations rather 

than by axial contractions. Consistent with that, splitting the motility cycle into phases and calculating 

the phase-averaged traction stresses reveal that they retain the phase characteristics of wild type, with 

the exception that they exert much higher lateral stresses. 
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Figure 5.5: abp120- cells undergo a motility cycle when chemotaxing but without showing any F-actin 
localization. (a) Snapshots of a representative wild type (first row), abp120- (middle row) and mhcA- 
cell (third row) expressing lifeact-GFP, showing that the abp120- cell shows no apparent F-actin 
localization. (b) Cell length, L(t) (blue) and strain energy, Us(t) (red) oscillations over time for an 
abp120- representative cell. Notice that both oscillate periodically. (c) Characterization of the DOP of 
L(t) and Us(t) for N=10 wild-type cells and N=9 abp120- cells. 
 

5.1.4 abp120- cells alternate between the same motility modes as wild-type cells 

To further investigate the motility of abp120- cells, we split motility into modes applying our 

analytical sorting tool and found that during movement, abp120- cells switch between the S-S and S-G 

modes, in a manner similar to wild-type (Figure 5.3.a and Figure 2.5.g-h). This suggests that although 
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the lateral stresses of abp120- cells increase similarly to those of mhcA- cells, the motility modes of 

these two cell lines, which both exhibit crosslinking defects, are completely different. Unlike mhcA- 

cells, yet similar to wild-type, the front adhesion of abp120- cells is always stationary, while the back 

adhesion is either stationary (S-S) or gliding (S-G). However, we found no significant differences in 

the migration speed and aspect ratio between these two modes (Figure 5.3.c, d). We did, however, find 

a significant increase in strain energy when switching from the S-G to the S-S mode that was 

primarily due to the increase in the axial stresses (Figure 5.3.d, g-h). This is consistent with the ratio 

of axial to lateral stresses being significantly reduced in the S-G mode, where the lateral stresses 

become more important (Figure 5.3.b, i). As a result, during the S-G mode, the back edge of the 

abp120- cell moves forward almost continuously, whereas the speed of the frontal edge oscillates in 

phase with the modulated lateral squeezing. Finally, we did not find significant differences in the 

mean time duration of these two modes (Figure 5.3.f). The above findings suggest that, as a result of 

ineffective cytoskeletal crosslinking, the cells cannot effectively implement a motility cycle driven by 

axial contractions and must rely on lateral squeezing for their motion. 

 

5.1.4 roco2- cells have similar motility phenotype to abp120- cells 

We observed a similar stress phenotype in those cells lacking Roco2 (roco2- cells), a 

(LRRK2)-related Roco kinase that binds to and lies upstream from filamin in controlling cell 

polarization and chemotaxis (Figure 5.6) (74). This finding supports the model that Roco2 is a 

regulator of filamin (74). The traction tension kymographs of Roco2- cells and their motility 

phenotype are similar to those of abp120- cells, with the exception that the former move slightly faster, 

and their traction stresses are stronger (Figure 5.7 and Table 5.3). 

Table 5.3: Summary and comparison of the average motility parameters for wild-type (N=10) and 
roco2- (N=5) cells (see Table 5.1). 

Cell Type V (μm/min) AR L (μm) Us (nNμm) Fx (nN)+%incr Fy (nN)+%incr 

Wild-type 11.10 3.39 28.3 0.51 0.92 0.53 

roco2- 7.10 2.34 18.6 0.40 0.76-17% 0.60+13% 
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Figure 5.6: Average traction stress maps reveal similar force distribution in abp120- and roco2- cells, 
characterized by increased lateral contractility. (a) Axial (first row) and lateral (second row) 
components of the average stress maps for N=14 wild-type cells, N=9 abp120- cells and N=6 roco2- 
cells. Details of how the cell-coordinate system used in these plots is constructed can be found 
elsewhere (29). The color maps indicate the magnitude of the total stresses in [pN/unit area], and the 
arrows indicate their direction. The white line contours show the average shape of the cells in this 
reference frame. The front (F) of the cell corresponds to  > 0 and the back (B) to  < 0. The second 
and third columns show the axial and lateral components of the traction stresses respectively. The 
stresses are shown using the same color map for all cell lines whereas in (b) the color map for each 
cell line is normalized by the maximum value of the traction stresses in each cell line. 
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Figure 5.7: Spatio-temporal dynamics and statistics of motility in roco2- cells. (a) Kymographs of 
traction stresses (x,y) (upper part) and traction tension T(x,t) (lower part) for a representative roco2- 
cell. (b) Same as Figure 5.3.f for the roco2- cell shown in panel (a). (c-g) Same as Figure 5.3.a-e for 
N=10 wild type (blue) and N=5 roco2- cells (red).  
 

5.2 Discussion 

 

Our analysis of two mutant strains that lack distinct F-actin crosslinkers supports a key role 

for lateral contractions in amoeboid cell motility. We have shown that, compared to wild-type cells, 

mhcA- cells exert increased lateral stresses. This may be partially due to defects in F-actin crosslinking 

that result in cells unable to develop axial contractility (31, 77, 127). This observation confirms the 

idea that the architecture of the F-actin polymer network is crucial to the dynamics of cell motility. By 

analyzing mhcA- cells migrating on elastic substrata, we found that these cells move by developing an 

axial contractility similar to that of wild-type cells while also exerting periodic lateral contractions. 
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Unlike wild-type cells, we found that the front adhesions of mhcA- cells are always gliding forward, 

whereas the back adhesions are either stationary (G-S) or gliding (G-G). We found that mhcA- cells 

placed on substrates of increased adhesiveness are unable to migrate. This is consistent with previous 

studies performed on glass substrates that demonstrated the importance of increased actin-myosin 

contractility when the adhesiveness of the substrate increases (80).  

We also found that cells lacking Filamin A (abp120), an orthogonal F-actin crosslinker that 

localizes to the leading-edge F-actin network and is required for pseudopod protrusion, have a 

significantly reduced speed and move by using enhanced lateral contractility (70, 72, 128). Unlike 

mhcA- cells, which constantly contract laterally using many adhesion sites located at the cell’s 

periphery, abp120- and roco2- cells, which lack an effective pseudopod, move by establishing two 

adhesion areas and by periodically switching from a mode in which they contract axially to a mode in 

which they contract laterally. This observation suggests a new mechanism by which cells can move. 

Although we do not know the precise biochemical reasons for the difference between mhcA- and 

abp120- cells, we expect that some of the differences may be due to the motor function of MyoII 

present in abp120- cells, and that Abp120 may function primarily in the front of cells. It is clear that 

defects in cytoskeletal crosslinking give rise to ineffective axial contractility and migration that relies 

on lateral contractions, resulting in a significantly reduced migration speed. 

In conclusion, in this chapter we have demonstrated a critical role for lateral contractility in 

driving cell migration in mutant cells lacking essential cytoskeletal crosslinkers (mhcA- and abp120-).  

 

Chapter 5 is being prepared in part for publication. Chemotaxing amoeboid cells migrate by 

switching between distinct modes of adhesion dynamics and contractility. Bastounis E., Meili R., 

Alvarez-Gonzalez B., del Álamo J.C., Lasheras J.C., Firtel R. 
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Chapter 6             
Mechanics of Amoeboid Cell Migration 
on Substrates of Varying Stiffness and 
Adhesivity † 
 

In the previous chapters, we investigated the role of dendritic actin polymerization at the 

frontal cell edge and of proper F-actin crosslinking in the mechanics of cell migration, by comparing 

the motility phenotype of wild-type cells with a number of mutant cell lines. In the current chapter, we 

are examining another important factor controlling the efficiency of migration, namely the mechanical 

properties of the substrate on which cells migrate. 

Cell migration of anchorage-dependent cells depends on both chemical and mechanical 

interactions (129). Various cells following a chemoattractant gradient are known to adjust their 

morphology and migration speed in response to environmental factors including substrate stiffness 

and adhesiveness (101, 102, 130, 131). The mechanisms underlying cell-substrate adhesion and their 

role in the locomotion efficiency have been investigated in fibroblasts, keratocytes, and other 

eukaryotic cells that attach to the substrate via discrete and localized focal adhesions (83, 132). Unlike 

fibroblasts, Dictyostelium and other amoeboid cells do not form localized focal adhesions, but rather 

attach to the substrate via more diffuse areas (38, 84, 85). The composition and structure of these 

adhesions is less well understood in molecular terms. More importantly, the high speed of these cells 

means that they undergo much quicker assembly and disassembly of adhesions, which renders them 

challenging to study. For these two classes of motile cells, little is known about how key biochemical 

                                                 
† Chapter 6 is being prepared in part for publication. Chemotaxing amoeboid cells migrate by switching 
between distinct modes of adhesion dynamics and contractility. Bastounis E., Meili R., Alvarez-Gonzalez 
B., del Álamo J.C., Lasheras J.C., Firtel R. 
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processes coordinate the formation and breakage of adhesions with the generation of traction stresses 

to control movement. 

Although extensive studies have been made on the responses of Dictyostelium to chemical 

cues, little is known about the effect of the mechanics of the substrate on the migration and adhesion 

of the cells. To address this question and to gain more insight into the role of cell-substrate adhesions 

in cell migration, we have analyzed the mechanics of migration of wild-type cells chemotaxing on 

adhesive (poly-L-Lys treated) substrates as well as on substrates of increased stiffness. We then 

compared the motility phenotype of these cells with that of cells migrating on standard collagen 

substrates. Thus, the present study examines the coordinated dynamics of substrate adhesions and 

traction stress generation by which fast-moving, amoeboid cells adjust their migration.  

 

6.1 Migration on Highly Adhesive Substrates Requires Lateral as well 

as Axial Contractions 

 As indicated in the previous chapters, the spatiotemporal coordination of traction forces and 

adhesion dynamics plays an important role in establishing different motility modes during migration. 

To further understand this coordination and to assess the role that the strength of the adhesions and the 

dynamics of their assembly and disassembly play in the migration process, we examined the 

movement of cells chemotaxing on substrates coated with collagen plus poly-L-Lys. Poly-L-Lys, is a 

polycation that when used for coating, enhances the electrostatic interaction between the negatively 

charged cell membrane and the positively charged substrate, thus increasing cell adherence (80).  

 

6.1.1 Wild-type cells chemotaxing on adhesive substrates implement completely different 

motility modes  

When plated on a substrates coated with collagen plus poly-L-Lys (20mg/ml), the wild-type 

cells initially round up and contract uniformly inward, as can be seen by the build-up of traction stress 
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and tension (Figure 6.1.a-b). In a chemoattractant gradient on this type of substrate, the cells exhibit 

two main motility modes, but only one of them seems derived from the modes observed on collagen 

only substrates (Figure 6.1.a).  

 

Figure 6.1: Spatio-temporal dynamics of motility modes in wild-type cells migrating on highly 
adhesive, poly-L-Lys-functionalized polyacrylamide substrata. (a) Kymographs of traction stresses 
(x,y) (upper part) and tension T(x,t) (lower part) for a representative wild-type cell chemotaxing on a 
20mg/ml poly-L-Lys coated substratum (for explanations see Figure 2.5), showing that the cell 
alternates between two motility modes: the NS mode (nearly-stationary) and the G-G mode. (b) 
Average stress maps in cell based coordinates for the cell in panel (a), during the NS (upper row) and 
G-G (lower row) motility modes. The second and third columns show the axial and lateral component 
of the stresses respectively.  
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On poly-L-Lys, initially, both front and back adhesions are stationary (Figure 2.5.c-d). We named this 

new mode “NS” (nearly stationary), referring to the extremely low velocity of migration. The cells 

initiate movement from the NS mode by producing strong lateral contractions (lateral squeezing) with 

values similar to those of the axial contractions (Figure 6.1.b and Figure 6.2.e-g).  

 

Figure 6.2: Statistics of motility modes in wild-type cells migrating on highly adhesive, poly-L-Lys-
functionalized polyacrylamide substrata. (a-g) Boxplots of the motility parameters corresponding to 
the NS (red) and G-G (blue) motility modes for N=6 wild-type cells chemotaxing on 20mg/ml poly-L-
Lys coated substrata, similar to Figure 3.5.a-g. (h) Degree of periodicity (DOP) of the cell length and 
strain energy for N=8 and N=6 wild-type cells on normal (COL) and poly-L-Lys coated substrates 
(COL/PL) respectively. (i) Cell length, L(t) (blue) and strain energy, Us(t) (red) as a function of time 
for the cell shown in Figure 6.1.a. (j) Boxplot of the correlation coefficient between the strain energy, 
Us(t) and the velocity of migration, V(t) for N=6 wild-type cells showing negative correlation 
(p=0.006). 
 
This directed, lateral contractility leads to an elongation of the cell’s body and the protrusion of a 

pseudopod. Cells randomly switch from the NS to a G-G like mode in which the cell forms no 
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persistent front nor back adhesions, but forms numerous, weak, transient adhesions all along the cell’s 

length instead (Figure 6.1.a and Figure 6.3).  

 

Figure 6.3: Three-Dimensional Characterization of NS and G-G motility modes on highly adhesive 
substrata. (a) Time evolution of the magnitude of the instantaneous traction stresses (x,y) for a 
representative wild-type cell expressing lifeact-GFP (F-actin marker) that is migrating on a poly-L-
Lys coated substratum, while it is implementing the G-G (t1-t5) and NS (t6-t8) motility modes 
respectively. (b) Time evolution of the traction stresses and the 3D shape of the same cell. Notice that 
in the G-G mode the cell is barely touching the substrate, exerts weak stresses at various adhesion 
sites, which are gliding (t1-t5), whereas in the NS mode the cell is essentially stationary, and exerts 
high lateral stresses (t6-t8). Notice that during the G-G mode the cell is barely attaching at the 
substrate, its front is always lifted and it forms multiple, weak, transient adhesions. On the contrary, 
during the NS mode the cell rounds up and exerts higher stresses all around the cell periphery.  
 

The cell’s aspect ratio in the NS mode is considerably larger than in the G-G mode (Figure 

6.2.c). When comparing the two main modes for cells migrating on collagen surfaces (S-S and S-G) 

and for cells migrating on poly-L-Lys coated substrates (NS and G-G), we observed that the strain 

energy in the S-G and G-G modes is lower than that in the S-S and NS modes, but this difference was 
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greater on the more adhesive substrate (Figure 6.2.b). We also found that in the NS mode, the cells 

move even slower (3.3 μm/min; occasionally even seeming to get stuck and be unable to continue 

moving) than they do in the G-G mode (6.5 μm/min). While the speeds of the cells in both modes on 

poly-L-Lys are 40-50% slower than those of cells on collagen alone, the strain energy in the NS mode 

is >200% higher than in the G-G mode (Figure 6.2.b and Table 6.1). The duration is similar for both 

modes and is >2-fold higher than those of the two main modes of wild type migrating on regular 

substrates (Figure 6.2.d). 

Table 6.1: Summary and comparison of the average motility parameters for wild-type cells on poly-L-
Lys coated substrate (N=6) versus control (collagen-coated substratum, N=10). The parameters shown 
include the averages of speed of migration (V); aspect ratio (AR); cell length (L); strain energy (Us); 
axial force (Fx); lateral force (Fy). Red colored numbers indicate the percentage increase (+) or 
decrease (-) of Fx and Fy with respect to control. 
 
Cell Type V (μm/min) AR L (μm) Us (nNμm) Fx (nN)+%incr Fy (nN)+%incr 

WT on COL 11.10 3.39 28.3 0.51 0.92 0.53 

WT on COL/PL 4.94 2.76 17.80 0.76 0.84-9% 0.73+43% 

 

6.1.2 Axial and lateral stresses do not increase proportionally when the cell switches from 

the G-G to the NS mode 

To understand the role of contractility in the G-G and NS modes under conditions of 

increased adherence, we compiled average traction stress maps for both modes in cell-based 

coordinates and dissected their axial and lateral components (Figure 6.1.b). Interestingly, we found 

that on the very adhesive substrates, the axial and lateral stresses do not increase proportionally when 

the cell switches from the G-G to the NS mode (Figure 6.2.e-g).  

In the G-G mode, the magnitude of the axial stresses decreases by half while the lateral 

squeezing decreases by only one third (Figure 6.2.e-g). Moreover, we found that the change in the 

magnitude of both axial and lateral traction stresses between the two main modes implemented by 

wild-type cells migrating on poly-L-Lys coated substrates (NS, G-G) is more pronounced compared to 

the change between the two main modes implemented by wild-type cells on collagen-coated control 
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substrates (S-S, S-G). In addition, we found a strong negative correlation between the velocity of 

migration and the strain energy (Figure 6.2.j). 

 

6.1.3 Wild-type cells migrating on adhesive substrates do not follow a motility cycle 

 Inspection of the traction tension kymograph of a large number of wild-type cells 

chemotaxing on highly adhesive substrate, reveals that the positions of the front and back edges of the 

cells are parallel to the trajectory of the cells’ centroid (Figure 6.1.a). The above observation suggests 

that cells migrate on highly adhesive surfaces without undergoing significant changes in their length. 

Consistent with this observation, we found that the time evolution of cell length as well as the strain 

energy show a considerably reduced level of periodicity when compared to the modes described above 

for wild-type cells chemotaxing on collagen only substrates (Figure 6.2.h, i). Figure 6.3.b shows the 

traction stresses together with the three-dimensional (3D) reconstruction of the cell when migrating on 

a poly-L-Lys coated substrate (Figure 6.3.a-b). Notice that the cell is initially in the G-G mode, 

forming numerous, weak, transient adhesions while its body (especially the front) is barely in contact 

with the substrate. When the cell enters the NS mode, it starts rounding and exerting stresses of higher 

magnitude all around its periphery. 

 

6.1.4 abp120- and mhcA- cells are unable to migrate on highly adhesive substrate 

Unlike wild-type cells, mhcA- cells are unable to move on a poly-L-Lys coated substrate as 

previously reported (80). We also observed this for abp120- cells, but the effect is not as dramatic as 

in mhcA- cells. When mhcA- and abp120- cells are placed on poly-L-Lys, they firmly attach to the 

substrate, generating contractile traction stresses. However, most of these cells are unable to generate 

enough lateral squeezing to break the adhesions, adopt a rounder shape, and eventually lyse (Figure 

6.4).  
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Figure 6.4: Average stress maps of mutants with F-actin crosslinking defects placed on substrates 
coated additionally with poly-L-Lys. (a, b). Average stress distribution pattern for (a) mhcA- cells (N = 
8) on regular collagen-coated substrates and (b) on substrates additionally coated with 20mg/ml poly-
L-Lys (N = 5). The contour maps show the average traction stress field, computed in a reference frame 
rotated to have the x- and y-axes coincide with the instantaneous principal axes of the cells. All 
dimensions are scaled with the length of their instantaneous major axis, a. Details of how the cell-
coordinate system used in these plots is constructed can be found elsewhere (29). The colors indicate 
the magnitude of the stresses in pN/unit area, and the arrows indicate their direction. The white 
contours show the average shape of the cells in this reference frame. The front (F) of the cell 
corresponds to x > 0 and the back (B) to x < 0. The migration speed (V) is indicated on the upper left 
corner of the stress maps, in white color. Notice that mhcA- cells cannot essentially move on highly 
adhesive substrates. They exert stresses of slightly higher magnitude to the ones they exert on regular 
substrates, all around the cell periphery and round up. (c) Same as panels a for abp120- cells (N=9 
cells). (d) Same as panels b for abp120- cells (N=5 cells).  
 

In order to understand why these two mutant strains are unable to move on adhesive 

substrates, we placed the cells on the poly-L-Lys treated substrates and recorded the displacements of 

the beads embedded on the substrate. Few cells would move with an extremely slow speed before 

eventually lysing. Thus, we recorded the movement of these cells and extracted their displacement 

field. Alternatively, before the cells eventually would lyse, we could have added some detergent to the 

substrate and remove the cells to obtain a reference image of the beads in order to extract the 
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displacement field induced by the cells during the period that they would be unable to move. We 

found that mhcA- cells on adhesive substrates exert similar magnitude stresses compared to regular 

substrates, and like in the control wild type case these contractile stresses are found all around the 

periphery of these cells. This finding suggests that mhcA- cells cannot really modulate their traction 

stresses, as wild-type cells do, which increase their traction stresses’ strength when placed on an 

adhesive environment. Moreover, this finding suggests that it is Myosin II responsible for the ability 

of wild-type cells to squeeze strongly laterally and eventually achieve migration when placed on 

adhesive substrate. 

We performed the same experiment for abp120- to assess whether the cells can modulate the 

strength of their stresses when placed on adhesive substrates, similar to mhcA- cells, or not. In marked 

contrast to mhcA- cells, we found that abp120- when placed on adhesive substrate, similar to wild-type 

increase their traction stress strength significantly and maintain a stress distribution similar as the one 

observed on regular collagen coated substrates but with increased lateral squeezing. Nevertheless, the 

increase in the traction stress strength and lateral stresses is not sufficient for the cells to achieve 

efficient movement forward. This finding confirms our hypothesis that Myosin II is involved in the 

ability of the cells to develop lateral stresses, since abp120- indeed increase their lateral squeezing. In 

addition, it suggests that for cells to migrate on adhesive environments, apart from their ability to 

squeeze laterally crucial is also their proper cytoskeletal organization (crosslinking) that will permit 

the cells to protrude efficiently a front.  

 

6.2 Cells become less polarized, exert higher stresses and only 

implement the S-S motility mode when migrating on stiffer substrates 

 

As indicated in the previous chapters, the spatiotemporal coordination of traction forces and 

adhesion dynamics plays an important role in establishing different motility modes during migration. 
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To further understand this coordination and to assess the role that the strength of the adhesions and the 

dynamics of their assembly and disassembly play in the migration process, we examined the 

movement of cells chemotaxing on substrates of different stiffness.  

It has been shown that Dictyostelium cells as well as other cell types spread much more on 

rigid surfaces (glass or stiff gels) than on soft surfaces (130). In certain cases, cell migration has been 

shown to be guided by gradients in substrate rigidity so that the cells move preferentially towards 

regions where the substrate is stiffer in a process called durotaxis (133). From these observations, one 

may predict that cells can sense the mechanical properties of their substrate and respond to them. Lo et 

al. suggested that cells go through a truly active, tactile exploration process by exerting contractile 

forces, and then, by interpreting the deformation of their substrate, they determine a preferred 

direction for their movement (133). It has also been suggested that certain cell types adapt/regulate 

their contractility in accordance with the substrate’s stiffness, increasing both their contact area and 

traction forces when on stiff substrates (129, 133). 

In the section 6.2 of this chapter, we investigate the effect of increasing substrate stiffness on 

the mechanics of wild-type Dictyostelium migration. The cells were placed on regular 1.2 kPa 

polyacrylamide substrates and on stiffer 5.6 kPa substrates. Using stiffer substrates leads to 

displacement fields that cannot be detected. The cells were also placed on glass substrates to further 

compare the kinematics of migration with the softer gels. The present study showed that Dictyostelium 

cells, similar to other cell types, respond differently when their substrate stiffness is tuned. 

 

6.2.1 Migration speed and Aspect ratio is lower for cells migrating on stiffer substrates 

We compared the kinematics of wild-type cell migration on soft substrates of 1.2 kPa, on 

medium stiffness 5.6 kPa substrates and on glass. We found that cells on soft substrates (1.2 kPa) 

migrate with an average speed ~13μm/min. The speed is reduced 23% on 5.6 kPa gels and 38% on 

glass (Figure 6.5.a). As shown in Figure 6.5.b, we also found that the aspect ratio of the cells is 

reduced when migrating on stiffer surfaces.  
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Figure 6.5:Boxplots of kinematic parameters of chemotaxing wild-type cells on regular 1.2 kPa 
substrates (blue), stiffer 5.6 kPa substrates (green), and on glass (red) cells. (a) Speed of migration 
(μm/min). (b) Aspect ratio (cell length divided by cell width). (c) Time duration of each of the four 
phases comprising the motility cycle. Splitting into phases was performed using the cell length time 
record after verifying that in all three cases cells still migrate periodically. Open circles represent 
outliers, and the notched section of the boxplots shows the 95% confidence interval around the 
median. Asterisks denote significant differences between distributions: *, 0.01 < pd < 0.05; **, pd < 
0.01 (Wilcoxon rank sum test for equal medians).  
 

Figure 6.6.a shows the area fluxes, or else area gains and losses (red: positive are flux or gain in cell 

area; blue: negative area flux or loss in cell area), for all substrates which range from 1 to 5 μm2/s, in 

agreement with previous findings (89). We found that cells on stiffer substrates adopt a more spread 

out shape compared to the softer substrates where the shape of the cells is more polarized.  
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Figure 6.6: Phase-averaged area fluxes of wild-type cells on substrates of varying stiffness. (a) Phase-
averaged area fluxes and cell shape corresponding to the four stereotypical stages of the motility 
cycle.First row refers to chemotaxing wild-type cells on regular 1.2 kPa substrates, second row to 
stiffer 5.6 kPa substrates, and third row to glass substrate. The contour maps show the average area flux field, 
measured in a reference frame rotated to coincide with the length of their instantaneous major axis, a. 
The colors indicate the magnitude of the area fluxes in m2/s (red: positive area flux or gain of cell area; 
blue: negative area flux or loss of cell area). (b) Area flux due to cell shape change (area flux of 
deformation, white boxes) and area flux attributable to continuous translocation (area flux of 
translocation, in gray). Both types of average area fluxes during each phase are shown as determined 
by our phase statistical analysis. (b) Phase-averaged area flux of deformation at the front half 
(forward) in gray and at the back half (backward) in white of the cells. (c) Phase-averaged area flux of 
translocation at the front half (forward) in gray and at the back half (backward) in white of the cells. 
 

6.2.2 Area flux of deformation remains constant when the stiffness of the substrate changes  

As shown by Alonso-Latorre et al. (89), if a cell simply moves forward without 

altering/deforming its shape, the area fluxes at the front of the cell is equal and opposite to the area 

fluxes at the back of the cell. That is not the case in amoeboid cells, since while migrating they also 
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deform their body, giving rise to an additional component of area flux, namely, that of deformation. 

To distinguish between shape preserving translocation and the component of cell movement that 

involves deformation, two different types of area flux have been calculated AFtrans and AFdeform 

respectively, as shown elsewhere (89). We compared both types of area fluxes in the case of wild-type 

cells migrating on soft substrates of 1.2 kPa, on medium stiffness 5.6 kPa substrates, and on glass (70 

GPa) (134). Figure 6.5.b shows the phase-averaged total area fluxes of deformation and translocation.  

We found that, similar to the cell length, the area fluxes vary periodically (Figure 6.6.b-d). 

These plots also confirm that our cycle splitting algorithm, which sorts the motility cycle into phases, can 

capture the physical events defining it. Figure 6.6.b shows that the area fluxes of translocation, for all 

three cases and for all phases, are always positive. On the other hand, in all three cases, the area fluxes 

of deformation are positive in protrusion where the cell deforms its front, protruding a pseudopod, by 

means of F-actin polymerization (Figure 6.6.b). In addition, during retraction, all area fluxes of 

deformation are negative, suggesting that during the specific phase the cell breaks its back adhesions 

and retracts forward. During contraction and relaxation, the area fluxes of deformation are low, 

especially on stiffer substrates. Figure 6.6.c, which shows the area flux of deformation at the front and 

back of the cell respectively, confirms the above observation, showing that on stiffer substrates, the 

ability of the cell to deform both at the front and at the back is reduced primarily during contraction 

and retraction. Most importantly Figure 6.5.b, shows that when moving on stiffer substrates what 

mostly changes is the area flux of translocation rather than of deformation (Figure 6.6.b,c). That 

suggests that the amount by which the cell body is deformed does not depend strongly on the 

substrate’s stiffness. Conversely, the translocation of the cell strongly depends on the Young’s 

modulus of the substrate. 
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6.2.3 Cells exert higher stresses on stiffer substrates, migrate following a motility cycle and 

implement the S-S motility only 

We found that when wild-type cells are placed on a stiffer substrate (1.2 kPa versus 5.6 kPa), 

they exert ~80% higher magnitude stresses (Figure 6.7.a, b and Figure 6.8.a). 

 

Figure 6.7: Traction stresses on substrates of varying stiffness. (a) Upper and lower rows refer to wild-
type cells chemotaxing on substrate of 1.2 kPa and 5.6 kPa stiffness, respectively. The stress maps on 
the left column show the average stress field for both categories, measured in a reference frame 
rotated to coincide with the instantaneous principal axes of the cells and scaled with their length. The 
colors of the contour maps indicate the magnitude of the stresses in pN/unit area, and the arrows 
indicate their direction. The white contours show the average shape of the cells in this reference 
frame. The front (F) of the cell corresponds to  > 0 and the back (B) to  < 0. Middle and right 
column stress maps show the components of the axial and lateral traction stresses, which are parallel 
and perpendicular to the major axis of the cell respectively. (B) Phase-averaged traction stress maps 
for wild-type cells chemotaxing on substrate of 1.2 kPa (upper row) and 5.6 kPa stiffness (bottom 
row) (for explanation see panel (a). The legends show the average durations, T1,…, T4, and the 
corresponding average speeds during each phase, V1,…, V4 of the motility cycle. Notice that in all 
cases the traction stresses are at least twice as high when cells are chemotaxing on the stiffer substrate. 
In addition, in the latter case, the cells are more spread-out and their migration speed is lower. 
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Figure 6.8: Traction stresses significantly increase when cells migrate on stiffer substrates while only 
the S-S motility mode is implemented. (a) Boxplot of the pole forces, Fp for chemotaxing wild-type 
cells on regular 1.2 kPa substrates (blue) and stiffer 5.6 kPa substrates (green). (b) Boxplot of the 
strain energy, Us for chemotaxing wild-type cells on regular 1.2 kPa substrates (blue) and stiffer 5.6 
kPa substrates (green). Open circles represent outliers, and the notched section of the boxplots shows 
the 95% confidence interval around the median. Asterisks denote significant differences between 
distributions: *, 0.01 < pd < 0.05; **, pd < 0.01 (Wilcoxon rank sum test for equal medians). (c) 
Traction tension kymograph, T(x,t) of a representative wild-type cell chemotaxing on a stiffer 5.6 kPa 
substrate. Black solid (dotted) lines track the spatio-temporal evolution of the peak value of the 
negative (front) (positive (back)) traction tension, T(x,t). The two lines are smoothed in time using a 
triangular 5-point kernel. (d) Identification of the motility modes based on the speed of adhesion 
regions for the traction tension kymograph shown in panel (c). Blue and red solid lines show the speed 
of the adhesion regions, defined as the slope of the solid and dotted lines in panel (a). The green line 
shows the velocity of the cell centroid, obtained after smoothing its trajectory with the same kernel 
used for the adhesion regions. Black solid lines indicate the first and third quartiles of the distribution 
of the adhesion speeds. Speed points that are lower than the first quartile are marked with a hollow 
circle, while those between the first and third quartiles are marked with an asterisk. Speed points 
above the third quartile were observed only when new adhesions were created or existing adhesions 
were broken. These points are not considered for mode sorting, together with their two previous and 
posterior data points. Notice that only one mode arises, the S-S or stepping-stepping when wild type 
migrates on stiffer substrate. 
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Nevertheless, the strain energy when comparing the two cases is not significantly different (Figure 

6.8.b). This suggests that the displacements that the cells induce to their substrate are smaller when 

they are moving on stiffer substrates. Nevertheless, to induce the smaller displacement observed in the 

5.6 kPa gels, the cells need to apply twice as much force (Figure 6.8.a). Figure 6.7.b, shows the phase-

averaged stresses of wild-type cells moving on both types of substrate and confirms that in both cases, 

cells move following a well-defined motility cycle, preserving the phase characteristics observed on 

regular 1.2 kPa, although both the velocity of migration and the aspect ratio is lower on the stiffer 

substrate. 

Finally, we applied our mode-splitting algorithm to dissect motility into modes using the 

traction tension kymographs of a large number of wild-type cells chemotaxing on substrates of 5.6 

kPa. Unlike wild-type cells chemotaxing on 1.2 kPa gels, we found that on stiffer substrates cells just 

implement the S-S mode (Figure 6.8.c-d). This finding supports our hypothesis, that the switching 

from the S-S to the S-G mode observed on the soft 1.2 kPa gels may be due to inhomogeneities of the 

substrate, most probably related to the collagen spreading. Thus, it is possible that when the cell 

senses a stiffer environment/substrate, it switches to the S-S mode while when the substrate is softer, it 

switches back to the S-G motility mode. 

 

6.3 Discussion 

 

In this chapter, we have used FTFM to measure the spatial and temporal evolution of traction 

stresses and shape dynamics during migration, using kymograph representations of the traction tension 

to determine, for the first time, how motile cells coordinate the formation and disassembly of 

adhesions as well as the generation of axial and lateral traction stresses when the mechanics of their 

substrate are altered. The mechanical aspects of the substrate, we examined, were the adhesivity and 

the stiffness. 
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Our previous studies on the movement of wild-type cells on our “standard” collagen-coated 

substrate and those described herein indicate that the anterior/posterior traction stresses are 

approximately double the lateral stresses that result from the “squeezing” inward from the sides of the 

cells perpendicular to the AP axis. We envision that these lateral forces play important roles in cell 

motility, possibly by allowing the cell to respond differently to such specific environmental conditions 

as increased substrate adhesiveness. These lateral forces may also be part of the underlying 

mechanism that produces blebs, which, along with anterior, dendritic F-actin polymerization, are 

thought to be important components underlying cell motility. On poly-L-Lys-coated substrates, we 

showed that wild-type cells also exhibit a bimodal motility, although the dominant modes are the NS 

and the G-G modes. In contrast to movement on collagen, on poly-L-Lys during the NS mode, cells 

exert lateral contractions that are ~2-fold stronger than those exerted on collagen. Cells use these 

increased lateral contractions, localized in the back half of the body, to break the strong adhesions 

with the substrate, while simultaneously promoting the protrusion of the front pseudopod and 

elongating along the direction of motion. When cells are first placed in a chemoattractant gradient on 

poly-L-Lys, it takes more time to initiate cell movement than when cells are plated on standard 

collagen-coated substrates, presumably because the cells must develop sufficient directional forces to 

break the cell-substrate adhesions produced by the lateral contractions. 

In the G-G mode on poly-L-Lys, multiple, weaker adhesion sites are observed, that are not 

stationary. As the cell moves, its length remains almost constant and no apparent periodicity is 

observed in the time evolution of the strain energy appearing as if the cell is “skipping” along the 

surface. On a sticky surface, however, the cell overcomes the increased resistance to motion by 

forming and disassembling adhesions rapidly. This is consistent with the amount of F-actin 

fluorescence present in the plane of poly-L-Lys coated substrate, thereby indicating that the surface 

area of the cell in contact with the substrate is considerably reduced both during the protrusion of the 

frontal pseudopod in the NS mode and throughout the G-G mode as compared to the collagen-only 

substrates. When stronger adhesions are formed, the cell’s speed rapidly decreases. The cell then 
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remains in the NS mode until a sufficient proportion of adhesive bonds are broken by strong lateral 

contractions.  

We found that cells lacking essential F-actin crosslinkers (abp120- and mhcA- cells) are 

unable to move on highly adhesive substrates. We examined the reason of this behavior by measuring 

the traction stresses of these cells prior to lysis. We found that mhcA- cells, when placed on highly 

adhesive substrates, round up, exerting stresses all around the periphery of the cell, which are not 

significantly different in strength from those on regular substrates. This suggests that MyosinII is 

essential to the movement under conditions of increased adhesivity, due to its motor role and/or due to 

the integrity it provides to the F-actin cytoskeleton acting as a crosslinker. We also found that abp120- 

cells, on highly adhesive substrates, prior to lysis, increase their traction stress strength and lateral 

squeezing. These findings suggest that the ability of the cell to produce high lateral squeezing when 

placed on adhesive environments is most probably due to the activity of the Myosin II motor, since 

lack of it results in cells that are unable to squeeze strongly laterally and thus migrate. Furthermore, it 

suggests that both the activity of Myosin II and the cell’s cytoskeletal integrity/crosslinking are 

necessary conditions for movement on adhesive substrates. 

When the stiffness of the substrate is altered, the migration pattern of wild-type cells is altered 

as well. Although they continue migrating following a motility cycle, their migration speed is reduced, 

their shape becomes less polarized, and the traction stresses they exert on their substrate are increased 

significantly. The cells stop migrating by switching between different motility modes and just 

implement the S-S or Stepping-Stepping mode. This finding suggests that the switching between 

modes on regular 1.2 kPa substrates may be due to substrate inhomogeneities.  

In conclusion, the present chapter has shed more light on a more precise understanding of 

how the coordination of traction stresses together with the adhesion dynamics, result in efficient 

amoeboid cell migration. We showed that cells migrate by switching between several modes of 

distinct adhesion dynamics when placed on soft substrates and/ or adhesive ones. Our findings also 

reveal that changes in cell migration speed are concomitant to changes in both contractility and 
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adhesion dynamics. Nevertheless, we did not see this switch on stiffer substrates where the cells move 

even more periodically by just “Stepping” both at the front and at their back adhesion sites. We have 

further demonstrated a critical role for lateral contractility in driving cell migration in cells placed on 

highly adhesive substrates. We have shown that mutant cells lacking the Abp120 F-actin crosslinker 

and the Myosin II motor are unable to increase their traction stresses so as to be able to migrate on 

adhesive substrates, suggesting that both the integrity of the F-actin cytoskeleton and the motor 

activity of Myosin II are essential for movement under these conditions and for the development of 

lateral contractility. We propose that these are highly conserved mechanisms that function in a range 

of amoeboid cells, including leukocytes, as well as other forms of cell motility. 

 

Chapter 6 is being prepared in part for publication. Chemotaxing amoeboid cells migrate by 

switching between distinct modes of adhesion dynamics and contractility. Bastounis E., Meili R., 

Alvarez-Gonzalez B., del Álamo J.C., Lasheras J.C., Firtel R. 
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Chapter 7           
Concluding Remarks and Future Work 

 

This dissertation deals with a detailed analysis of the spatiotemporal coordination between the 

kinematics, traction forces and adhesion dynamics of amoeboid cells migrating towards a chemical 

stimulus over elastic substrates. Using an improved analytical Fourier method for the calculation of 

the traction stresses exerted by cells, we have systematically studied and compared the behavior of 

wild-type cells on regular collagen-coated substrates to those on substrates of different mechanical 

properties. We have also studied and compared the behavior of wild-type cells to cells that lack key 

cytoskeletal proteins. Following the above methodology allowed us to understand the role and the 

importance that the substrate and specific cytoskeletal proteins assume and play during guided 

amoeboid single cell migration.  

This specific chapter reflects on the results of this dissertation. Section 7.1 recapitulates the 

work presented in the previous chapters and summarizes the specific contributions/conclusions. 

Section 7.2 presents the possible directions of future work that can be carried out on the foundations 

of this thesis. Finally, Section 7.3 recapitulates the objective and contribution of the studies carried 

out and presented in this Dissertation. 

 

7.1 Summary of the Chapters and Their Specific Conclusions 

 

7.1.1 Chapter 1 – Introduction 

Chapter 1 introduces the background and motivation of this work. It points out the importance 

of cell migration for many physiological as well as pathological biological processes. It also clarifies 

that while there are many ways cells can move, this dissertation is focused on the study of the 
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amoeboid type of crawling as it occurs in neutrophils or the simplified amoeboid model Dictyostelium 

discoideum. The main method followed to study the mechanics of single cell locomotion, Traction 

Force Cytometry (TFC), is introduced here. In addition, background information and previous 

knowledge related to the mechanical contribution of key cytoskeletal components, crucial to the cell 

migration process, is also provided., Moreover, the vision and specific aims of this work, the main 

problems to be solved, as well as the goals to be achieved are presented. Finally, a short outline of the 

dissertation and the structure of its chapters is provided. 

 

7.1.2 Chapter 2 – Experimental Methods 

In Chapter 2, we present the experimental methodology followed to perform the experiments 

carried out for this dissertation. We also offer a detailed description of the techniques that were 

developed to analyze and calculate various parameters characterizing the mechanics of motility. We 

show how we calculated both the axial and lateral components of the traction stresses, using an exact 

solution of the elastostatic equation based on Fourier expansions that express the tractions explicitly as 

functions of the deformations. In addition, we present how by jointly stacking the above measurements 

in space and time we could produce traction tension kymographs that allowed us to gain deep insight 

into the adhesion dynamics of cell locomotion. Moreover, we present the methodology followed to sort 

motility into different modes based on the adhesion dynamics of the cells, as revealed through 

thorough analysis of the traction tension kymograph data. Finally, by studying and characterizing the 

periodicity of the cell length and strain energy time records, we categorize the various cell lines 

depending on whether they move quasi-periodically or not. And, in the former case, we apply our 

cycle-splitting algorithm to gain further insight on the cyclic movement of the specific strains. The 

significance and innovation of this chapter can be further appreciated by reading the following 

chapters, which present the results obtained using all the aforementioned techniques. 
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7.1.3 Chapter 3 – Dictyostelium Cells Regulate Their Migration Speed by Alternating 

Between Two Motility Modes 

In Chapter 3, using the aforementioned methodology, we study how the formation and 

disassembly of adhesions coupled with the generation of axial and lateral traction stresses control the 

migration efficiency of chemotaxing Dictyostelium amoebae. We reconfirm and show that their 

migration is composed of a repetitive sequence of canonical steps (phases of motility cycle) whereby 

the cells adhere, on average, at two sites at their back and front halves while constantly in a contractile 

state. Our analysis shows that the temporal evolution of the cell length, strain energy exerted on the 

substrate, and maximum F-actin florescence at the front of the cell, present a quasi-periodic evolution. 

All three-time records oscillate with the same frequency and are in phase while their frequency 

correlates with the mean migration velocity of the cells. Using the traction tension kymographs, we 

splitted motility into different modes and found that wild-type cells move by switching mainly 

between two modes of distinct adhesion and contractility dynamics. Moreover, we found that changes 

in adhesion dynamics accompany contractility and migration speed changes. The main conclusions of 

Chapter 3 are: 

 Amoeboid wild-type cells undergoing chemotaxis on elastic substrates establish, on average, two 

stationary adhesion sites located at the front and back halves of their body and move by 

periodically modulating the strength of the axial contractility, following a relatively coherent 

(periodic) motion largely dominated by the front protrusion and rear retraction. 

 Wild-type cells migrate by mainly switching between two motility modes (S-S and S-G) with 

distinct migration speed, adhesion dynamics, and periodic modulation of axial and lateral 

contractions of varying strength. 

 The S-S mode, characterized by two discrete, stationary adhesion sites located at the front and 

back halves of the cell, is associated with a slower velocity of migration. 
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 In the S-G mode, the cell also establishes anterior and posterior adhesion sites, although the back 

adhesion is continuously dragged forward while the magnitude of the traction stresses and 

motility speed are considerably reduced compared to the S-S mode.  

 

7.1.4 Chapter 4 – Role of the Scar/WAVE Complex in Regulating Traction Forces During 

Amoeboid Motility 

In Chapter 4, we elucidate the role of the dendritic F-actin polymerization at the cell’s leading 

edge for efficient cell migration. To do that, we analyzed similarly to wild type, two mutant strains that 

lack two key proteins of the SCAR/WAVE complex that regulates the Arp2/3-mediated dendritic F-actin 

architecture at the leading cell edge (scrA- and pirA- cells). By establishing a quantitative comparison 

between wild-type, pirA- and scrA- cells, we provide new insight into the role that actin 

polymerization plays in the conservation of the periodicity of cell migration and also in the spatial and 

temporal regulation of the traction stresses and adhesion dynamics. The main findings/conclusions of 

this study are: 

 Polarity and speed of the SCAR/WAVE mutants do not correlate with their F-actin levels. pirA- 

cells have higher F-actin content than wild type but move as slowly as scrA- that have less F-actin 

content than wild type. 

 Disruption of the SCAR/WAVE complex causes the misregulation of the motility cycle. pirA- 

cells do not migrate in a periodic manner; thus, the ability of a cell to migrate efficiently does not 

depend on its F-actin content, but rather on its ability to move in a coordinated periodic manner. 

 The strength of traction stresses differs in the SCAR/WAVE mutants and correlates with their 

altered F-actin levels. Phase-averaged F-actin levels at the frontal cell edge also correlate with the 

phase-averaged strength of traction stresses. Thus, the level of leading edge, SCAR/WAVE 

complex-mediated F-actin polymerizations is critical for the level and spatiotemporal control of 

the traction stresses.  
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7.1.5 Chapter 5 – Cytoskeletal Crosslinking Defects Impair Axial Contractility 

In Chapter 5, we compare the mechanics of cell migration of wild-type cells with cells with 

defects in F-actin crosslinking. Two cell lines are chosen for this purpose: a) abp120- cells that lack 

the Abp120 protein which crosslinks actin filaments in an orthogonal fashion and b) mhcA- cells that 

lack the motor protein MyoII, which together with its motor function also has a crosslinking one. 

Following the same comparative approach of wild type to mutants used in Chapter 4 we arrived at the 

following main findings: 

 Cells with cytoskeletal crosslinking defects rely on lateral contractility in order to move, 

underlining the key role of lateral contractility for cell migration. 

  Unlike mhcA- cells which constantly contract laterally using many adhesion sites located at the 

cell’s periphery, abp120- lack an effective pseudopod, move by establishing two adhesion areas, 

and by switching periodically from a mode in which they contract axially to a mode in which they 

contract laterally. 

 

7.1.6 Chapter 6 – Mechanics of Amoeboid Cell Migration on Substrates of Varying Stiffness 

and Adhesivity  

In Chapter 6, we investigate the role of adhesion in amoeboid cell migration by altering the 

mechanical properties of the substrate on which cells migrate. Using the same methodology as in the 

previous chapters, we compare the motility phenotype of our control group (wild-type cells on regular 

1.2 kPa collagen-coated substrates) to wild-type cells moving on substrates that differ either in 

stiffness or in adhesivity. The chapter’s main conclusions are: 

 Wild-type cells chemotaxing on substrates of increasing stiffness increase the strength of their 

traction stresses but decrease their velocity while their shape becomes less polarized. They 

migrate with increased periodicity implementing just the S-S motility mode. 

 The area flux of deformation remains constant while the area flux of translocation reduces when 

moving on stiffer substrates. Thus, the degree by which a cell gets deformed does not depend on 
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the elastic properties of its substrate. 

 On substrates of increased adhesiveness, lateral contractility becomes essential for wild-type cell 

migration as well as the ability of the cells to increase the strength of their traction stresses. As a 

consequence, mutants with F-actin crosslinking defects are unable to migrate under such 

conditions.  

 On substrates of increased adhesiveness, the motility modes employed by chemotaxing wild-type 

cells are completely different from those observed on regular substrates. The first mode consists 

of lateral squeezing aiming to break back adhesions while protruding a frontal pseudopod. During 

the second mode, the cells barely attach to the substrate forming adhesions that are transient, weak 

and gliding. Thus, the cell appears to act in an intelligent way in order to achieve migration in an 

adhesive environment. 

 

7.2 Future Work 

 

The work presented in this thesis provides several possibilities for further work. Whereas 

some of them concern straightforward extensions of the approach utilized and the developed 

techniques, there are also possibilities to combine the results of the thesis with other research areas. 

Among the most important and interesting issues (some of which are already being addressed in 

ongoing work), the following can be mentioned along with their potential limitations/boundaries: 

 

7.2.1 Using the same tools to investigate whether the specific mechanisms are conserved in 

different cell types 

We have already proposed that the migration mechanisms discussed in the current dissertation 

may be highly conserved and may function in a range of amoeboid cells, including leukocytes, as well 

as other forms of cell motility. Thus, to confirm and further investigate that, further experiments using 
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cell types that exhibit amoeboid type motility, such as neutrophils are required. Additional work is 

needed to find the optimal conditions required for such cells to migrate on polyacrylamide substrates, 

including verifying with what protein to coat the substrates so that the specific cell type can attach and 

migrate, what chemoattractant to use, etc.  

In addition, the method can also be used to study the mechanics of migration of less motile 

cells, implementing for instance mesenchymal type of motility (keratocytes, endothelial cells, neurons, 

etc.). Since the specific cells move significantly more slowly, it is possible that treatment with 

detergent will be needed at the end of the time-lapse recording of migration in order to remove the 

cells attached to the substrate and to be able to obtain a reference image of the beads to extract the 

displacement field. 

 

7.2.2 Using the same tools to investigate the behavior of cells: (a) under different external 

conditions; (b) lacking key proteins involved in migration; (c) in the presence of toxins; (d) 

expressing different cytoskeletal protein fluorescent markers 

In the present dissertation, we have investigated how wild-type Dictyostelium cells migrate on 

substrates of varying stiffness and adhesivity. There are many other parameters related to the external 

environment of the cell that can be further investigated using the methodology presented in this 

dissertation. Some examples are: 1. Varying the concentration of the protein coating the substrate 

(collagen); 2. Varying the concentration of the chemoattractant; 3. Using substrates with gradient of 

stiffness (durotaxis) as proposed by (135); 4. Using substrates with varying height; 5. Using substrates 

with varying porosity etc. We believe that in so doing, both the mechanosensivity and 

mechanoresponse of the cell will be better understood. 

Throughout this dissertation, we have investigated and studied the migration of a wide range 

of mutant strains by comparing them to the migration of wild-type cells. Some mutants lacked specific 

F-actin crosslinkers (abp120- and mhcA-), while others had misregulated dendritic F-actin 

misregulation (pirA- and scrA-). Mutants lacking MyoII motor components (elc- and mhcA-) were 
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studied previously (31). Still, there are a number of other mutants with cytoskeletal defects available 

(described in the literature), and many more cytoskeletal proteins and upregulators known to play a 

crucial role in the mechanics of cell migration. Using the methodologies presented in this dissertation 

to examine more mutant strains will eventually allow us to have a more complete understanding of the 

biomechanics of cell migration.  

Prior studies showed that amoeboid cells move by generating front to back traction stresses 

that are caused by protrusion of the leading edge by F-actin polymerization and by retraction of the 

trailing edge by MyoII/F-actin contraction (31, 111, 120, 136). Since F-actin polymerization and 

Myosin based contraction are so crucial to the cell’s ability to move, we believe further studies should 

be conducted in that area. Toxins are commonly used to alter actin (cytochalasin, latrunculin, 

jasplakinolide, phalloidin) (137) and myosin II (blebbistatin) (138) dynamics. By performing 

experiments such as the ones described in this dissertation that use wild-type cells and adding 

gradually, increasing concentrations of these toxins could potentially answer many of the remaining 

questions related to the specific role of these two key components of cell migration. 

Finally, the same way in which we used the Lifeact marker for F-actin to elucidate the 

relationship between the F-actin’s localization and the traction stresses and to understand the relative 

timing of events that take place during the phases of the motility cycle, different markers could also be 

used and studied. These markers could include GFP-myosin (139) as well as upregulators of actin or 

myosin. Moreover, 3-channel time-lapse experiments could be performed using two fluorescent 

probes within the cell (for example, RFP and GFP) and a third for the substrate beads. Information 

about the relative timing and localization of different signaling molecules together with the traction 

stresses would lead to a more complete image of the biochemical and signaling events taking place 

during the specific phases of the motility cycle. 
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7.2.3 Extension of the current 2D method to 3D Flat: (a) planar 3D substrates; (b) 3D 

volumetric matrices 

Previous methods to calculate cell traction stresses have usually assumed that the vertical 

stresses exerted by the cells on their substrate are negligible. Recent evidence shows that in many 

instances the vertical stresses are comparable to tangential stresses (140, 141). Nevertheless, it has been 

shown that the assumption that vertical stresses are negligible in the calculation of the cell traction 

stresses is not inaccurate. Recent calculations showed that with the 2D compared to the 3D method, the 

tangential stresses differ by just  10% (89). The above finding is important since it provides a proof that our studies 

of the 2D cell traction stresses are indeed meaningful, and that the 2D technique still provides useful 

information even if the vertical stresses are not taken into consideration (89). However, the presence of 

significant vertical stresses (the cell pushing down the substrate at its center and pulling it up from the 

sides) indicates the need for a more refined interpretation of the mechanical interaction of the cell with 

its substrate, possibly involving signaling processes triggered through the deformation of the cell 

nucleus (142). Both experimental and modeling efforts will be required to answer these questions.  

Another possible extension of this work, apart from studying the 3D traction stresses exerted on a 

planar substrate, is to study cell migration across 3D matrices. Studying cell migration across a 3D 

matrix is crucial since that is the way migration occurs in the case of tumor cells or fibroblasts that are 

surrounded by tissue and ECM (143, 144). Although the impact and importance of such an experiment 

is expected to be tremendous, there are still a number of challenges that need to be addressed and 

solved. For instance, the mechanical characterization of such a matrix is difficult since it is constantly 

being remodeled due to the degrading activity of enzymes secreted by the cells (MMPs). In that sense, the 

matrix cannot be considered homogenous, and its non-linear mechanical properties need to be 

considered.  
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7.2.4 Studying the cell mechanoresponse to applied external forces: (a) mild hydrodynamic 

shear stress experiment; (b) micro-aspiration; (c) hypertonic/hypotonic buffers 

It has been previously shown that a variety of eukaryotic cells exhibit force sensitivity, 

especially in the context of cell adhesion (145). For instance, fibroblasts adhere to the ECM through 

focal adhesions, whose number and surface area increase with the mechanical tension applied to the 

cell (Choquet et al., 1997; Riveline et al., 2001). Epithelial cells form closed vessels through the 

apposition of membranes bearing adhesion proteins (145). These structures are mechanically 

stabilized by expressing genes induced by the blood flow shear stress (Chappell et al., 1998; Nerem et 

al., 1998). Thus, the mechanosensitivity seems to have evolved from mechanisms of cell osmotic 

protection since stress-activated membrane channels exist in all organisms from bacteria to humans 

(Hamill and Martinac, 2001). Application of a mild, hydrodynamic shear stress (unable to detach cells 

from the substrate ) to Dicytostelium triggers a cellular response consisting of steady membrane 

peeling at the rear edge of the cell and periodic cell contact extensions at its front edge (146). When 

the flow is reversed, cells respond almost instantaneously and move in the opposite direction. The 

origin of the signaling taking place is still unknown (145). One possible reason for this behavior may 

be the mechanical deformation of the actin cortex, which results in protein recruitment at the most 

stressed side of the cell. We propose to apply our TFC techniques on single Dictyostelium cells under 

steady state, shear stress to further investigate the shear flow response in terms of distribution and 

dynamics of traction stresses and adhesions as well as F-actin localization. We believe that such a 

study could shed light on the mechanism behind the specific behavior of Dictyostelium on shear flow.  

By studying neutrophils, Houk et al. intended to answer why cells establish a single zone of 

actin assembly at their front during migration (147). They showed that diffusion-based mechanisms 

are not sufficient for long-range inhibition by the pseudopod. Through their experiments involving 

micropipette aspiration, they y concluded that tension, rather than diffusible molecules generated or 

sequestered at the leading edge, is the dominant, long-range inhibitor that constrains the spread of the 

existing front and prevents the formation of secondary fronts (147). Another interesting experiment, to 
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perform in neutrophils and potentially in Dictyostelium, would be to induce deformation locally at the 

cell’s body by aspiring it (suction) with a definite amount of pressure thereby increasing its surface 

tension), using a microaspirator. At the same time, TFC could be performed to calculate the traction 

stresses together with tracking of the localization of some fluorescent marker, for instance for F-actin 

or MyoII. The specific experiment would demonstrate what occurs when surface tension is increased 

in terms of both F-actin localization and stress application. Another alternative would be the use of 

both hypertonic and hypotonic buffers to understand the mechanical effect of decreased (cell shrinks) 

and increased (cell expands) surface tension on cell migration (148). Nevertheless, we would need to 

make sure that the components used in the buffer do not affect other aspects (chemical) of the cell. 

 

7.2.5 Switch from single cell migration to collective: (a) multiple cells on the row and slug; 

(b) monolayer; (c) cancer 

The life cycle of Dictyostelium consists of the vegetative and the developmental phase (149). 

In the presence of adequate levels of nutrients, Dictyostelium cells exist as undifferentiated, single 

cells capable of dividing indefinitely by mitosis every ~6 hr and of exhibiting random motility (149). 

The developmental phase can be induced by starvation (environment becoming depleted of nutrients). 

The amoebas then stop dividing and start responding to the depleted levels of nutrients by attracting 

other starving cells chemotactically with pulses of extracellular cAMP. It is in this specific phase that 

we record where the cells migrate as single cells. As time passes (>3hr), the cAMP signal is amplified 

by the cells which start migrating towards each other (forming streams) and eventually towards the 

aggregation center where they form a mound of cells. The formation of the multicellular aggregate 

(slug) marks the developmental phase (149). Various groups have focused their studies on the 

migration of the Dictyostelium slug (99, 150), since coordinated movements of cells is a topic of great 

interest aimed at contributing to the understanding of tissue development and repair. Using our 

techniques, we can investigate: (a) The mechanics of migration of Dictyostelium cells just as they start 

streaming (two or three cells on a row); (b) The mechanics of migration of slugs. This study can shed 
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light onto the changes in the migration mechanism between single and progressively collective cell 

migration. It could also contribute in understanding whether there are any advantages and if so, which 

ones in the choice of cells to move collectively (for instance more efficient migration). Nevertheless, 

cell-cell interactions have to be taken into account, which could potentially complicate the problem. 

Finally, collective cell migration can also be studied in the context of different cell types that 

are more medically relevant. Epithelial wound healing and cancer are two areas where understanding 

the mechanics of collective cell migration is crucial. Recent works have investigated traction force 

organization and have identified coherent motions during the migration of cell monolayers (151-153). 

There is still much more to learn about the mechanics and rules of collective cell migration and many 

limitations/restrictions that prevent in depth studies of the specific process. First, there is the need to 

obtain detailed information about the coupling between the dynamics of cell-cell and cell-substrate 

interaction. Second, as discussed earlier, the need to mimic the real environment of the cells and develop 

the appropriate techniques and tools to analyze migration in that case (ie cancer cells in 3D matrices).   

 

7.3 Conclusion 

 

The overall objective of the studies carried out and presented in this Dissertation was to 

investigate and determine in a quantitative manner the spatiotemporal relationship between the 

mechanical events and the biochemical processes taking place during amoeboid cell migration. For 

that purpose, we have used Microscopy and Fourier Traction Force Cytometry techniques to calculate 

the traction stresses exerted by Dictyostelium discoideum amoeboid cells on the substrate on which 

they migrate. We have used a number of mutants and compared their mechanical phenotype to that of 

wild type, aiming to elucidate the role and importance of key cytoskeletal proteins in the mechanics of 

cell migration.  
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We found that for all the strains under study, the migrating cells attached at a reduced number 

of adhesion sites and contracted the substrate inwards, consistent with the idea of the cytoskeleton 

being subjected to internal tension. We confirmed that for wild type and a range of mutants the 

strength of the traction stresses and the cell length follow a quasi-periodic temporal evolution. This 

quasi-periodic evolution supports and confirms the idea that amoeboid cells move by following 

discrete repetitive steps, termed as phases of their motility cycle. In addition, we found for the first 

time that these oscillations are highly correlated with the maximum fluorescence of F-actin at the 

frontal cell edge.  

Nevertheless, unlike previous studies we found that not all cells move periodically. Cells with 

misregulated SCAR/WAVE-mediated dendritic F-actin polymerization at the cell’s leading edge, are 

unable to move periodically, which renders the efficiency of their migration really poor. By measuring 

and comparing the traction stresses of wild-type Dictyostelium cells with cells lacking the 

SCAR/WAVE complex proteins PIR121 (pirA-) and SCAR (scrA-), we found that, compared to the 

wild-type, both mutant strains exert stresses of different strength that correlate with their levels of F-

actin, suggesting that F-actin is a key determinant of the traction stress strength.  

In addition to the use of the Fourier Traction Force Microscopy (FTFM) to measure the 

spatiotemporal evolution of shape and traction stress dynamics during migration, we constructed 

traction tension kymographs. The kymographic representation of the traction stresses allowed us to to 

determine, for the first time, how the formation and disassembly of adhesions are coupled with the 

generation of axial and lateral traction stresses to control cell migration. We showed that wild-type 

cells migrate by switching between two motility modes with distinct adhesion and contractility 

dynamics. In the “Stepping-Stepping” mode, the adhesion sites remain stationary while the body 

moves forward by periodic axial contractions. The back adhesions break after new frontal adhesions 

are formed. In the “Stepping-Gliding” mode, the cell reduces the magnitude of the traction stresses, 

increases the frequency of axial contractions and its migration speed, and keeps the frontal adhesion 

stationary while sliding the back adhesion forward.  
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We showed that these two motility modes are not conserved when cells move on highly 

adhesive poly-L-lysine coated substrates, where cells alternate between a “Nearly Stationary” mode, 

characterized by strong lateral contractions and extremely low migration speed and a “Gliding-

Gliding” mode where multiple weak and transient adhesions are formed which are gliding forward as 

the cell moves by barely adhering at the substrate. We thus showed that the cells migrate not only by 

contracting axially but also perpendicularly to their direction of motion and that the ability of the cells 

to contract laterally is crucial when migration occurs under conditions of increased adherence. We 

also showed that cells can adjust the way they move in distinct ways to achieve efficient migration 

when their environment (substrate adhesivity and stiffness) is altered. 

Finally, we found that cells with cytoskeletal crosslinking defects (mhcA- and abp120- cells), 

also move by developing increased lateral contractility implementing distinct motility modes, which 

slightly differ from those observed in wild-type cells. Surprisingly, we found that these cells are 

unable to move on highly adhesive substrates. In the case of mhcA- cells, we identified that the reason 

for that is the inability of the cells to increase their traction stress strength suggesting that the 

increased lateral contraction observed in wild-type is originated from the action of the MyoII motor. 

Unlike mhcA- cells, we found that abp120- cell increase their traction stress strength on highly 

adhesive substrates but not enough to be able to migrate, which underlines the importance of the 

cytoskeletal integrity in the migration process. 

In summary, we have contributed to a more precise understanding of the mechanics of the 

amoeboid cell migration and the specific roles of key cytoskeletal proteins in the above process. We 

believe that these are highly conserved mechanisms that function in a range of amoeboid cells, 

including leukocytes, as well as other forms of cell motility. Cell migration is known to be central in 

many pathological processes such as cancer metastasis and inflammatory diseases, both of which are 

still poorly understood and remain partially treated. It is thus of major importance through a 

multidisciplinary approach to investigate the causes of the aforementioned diseases starting from the 
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origin: “How does the cell migrate?”. Only then will we be able to control and predict cell migration, 

finding novel therapeutic approaches and efficient treatments. 
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