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Abstract 
 
 

The role of drought on root-associated bacterial communities across diverse cereal grass 
species and over a developmental gradient 

 
by 
 

Daniel T. Naylor 
 

Doctor of Philosophy in Plant Biology 
 

University of California, Berkeley 
 

Professor Devin Coleman-Derr, Co-Chair 
 

Professor Sarah Hake, Co-Chair 
 
 
Plant roots represent a unique environmental niche within which diverse assemblages of 
bacteria come to flourish. Over the course of evolution, co-evolution between plant hosts 
and their associated bacterial communities have resulted in an intimate association 
between these two, such that plant health is highly dependent on presence and 
composition of these communities. It is known that plant tolerance to abiotic stresses is at 
least partially mediated by responses in belowground root communities – however, the 
community response to drought, perhaps the most agronomically important abiotic stress, 
remains largely unexplored.  
 
While the response to moisture limitation in soil bacterial communities and plant 
physiology have been detailed, synthesizing the existing literature to explore how these 
responses pertain to root community responses reveals a number of specific limitations in 
the current knowledge base for the droughted root microbiome. The dissertation 
presented here addresses important questions remaining in this area, including how 
community responses to drought are similar and different between a broad-ranging 
phylogenetic framework of plant hosts, how community profiles correspond to host 
relatedness and the effect drought may have on this relationship, and the response 
community profiles exhibit during host development with concurrent drought exposure. 
 
To explore common and distinct trends in the root microbiome under drought, eighteen 
grass lineages were planted in a common field and exposed to drought conditions, after 
which bacterial community profiles were examined. These results indicated a number of 
environmental and host factors exert a sigificant influence on bacterial community 
diversity. These factors included not only watering regime, but also compartment, 
species, and time point. The most striking drought-related trend was elevated relative 
abundance for lineages belonging to class Actinobacteria, a lineage of Gram-positive, 
monoderm bacteria. This enrichment was conserved across all examined plant host 
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species and compartments, though especially pronounced in roots. As genomic analysis 
of enriched bacterial OTUs revealed sporulation is unlikely to account for elevated 
presence of Actinobacteria, we hypothesize a number of potential alternatives for this 
enrichment, such as the ability to degrade plant cell walls or putative plant growth-
promotion abilities. 
 
This same work also investigates a potential correlation between host phylogeny and 
microbiome dissimilarity. While previous studies have looked at the role of genotype in 
microbiome community composition, limitations in experimental methodologies have 
precluded the ability to make inferences about how closely related plant species may 
harbor more similar root microbiota; furthermore, no studies as of yet have investigated 
whether drought affects this relationship. Using statistical tests, we confirm that a 
significant positive correlation exists between host phylogenetic distance and microbiome 
dissimilarity. This correlation is strongest in root-associated communities; however, 
effect size is smaller and less significant in compartments with increasing distance from 
the roots, and is weaker in drought treatments. We propose that there may be a conserved 
drought response shared between grass species that circumvents species-specific 
enrichment trends. Further research into the species effect on the microbiome reveals the 
existence of a drought core grass microbiome that includes a diverse array of bacteria.  
 
There is little knowledge available about how root communities change over the course 
of plant development, especially in response to abiotic stress, as plants are expected to 
take an active role in recruiting a beneficial microbiome upon stress exposure. Growing 
two cultivars of the grass Sorghum bicolor with distinct drought susceptibilities in a 
common field revealed that host plant developmental stage is a significant factor 
influencing microbiome composition. With respect to abundance trends, in replicates 
exposed to drought, relative abundance of class Actinobacteria increased with duration of 
drought at the expense of classes Sphingobacteria and multiple classes belonging to 
phylum Proteobacteria, a trend largely reversed upon rewetting. Replication of this 
experiment at an additional field site, incorporating pre- and post-flowering drought 
treatments and a full time series from emergence to senescence, allowed for further 
investigation of developmental trends. We observed that the root microbiome experiences 
an initial period of flux under control conditions but reaches an approximate steady state 
after roughly 3-5 weeks. Under pre-flowering drought stress, perturbations such as 
drought imposition or rewetting induce bacterial communities to echo this pattern of 
stability followed by flux, although this trend is not seen under post-flowering drought. 
Similarly, bacteria enrichment and depletion trends under drought from the initial pilot 
experiment were confirmed from results in this main experiment, but they were 
dependent on what developmental stage drought was imposed on plants, as community 
responses were far more pronounced for pre-flowering compared to post-flowering 
drought. We propose that a stable root microbial community is related to the plant’s 
acclimatization to the surrounding water conditions, and will continuously change under 
continuous application of a consistent watering treatment before reaching equilibrium 
after 3-5 weeks. Furthermore, as developmental stage was a significant factor in 
abundance trends, we hypothesize that plant establishment and maturity by post-
flowering developmental stages allows for a microbiome more resistant to drought stress. 
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Chapter 1 
 
 
 
The multidirectional role of 
environmental and host-specific 
factors in shaping root-associated 
endophytic bacterial communities 
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1.1    Introduction 
 
Plants are intimately intertwined with the bacterial communities found in and around 
their roots, which include both rhizosphere (soils in close enough proximity to the root to 
be influenced by root exudate release) and root endosphere (the root interior) 
communities (Berg et al., 2014). Plant health is closely tied to the activity of these 
associated microbes, and plants are known to play a role in determining the composition 
of their associated bacterial microbiomes (Berendsen et al., 2012). As a result of this tight 
interconnection, perturbations in the abiotic environment that affect either plants or their 
associated microbial communities can be expected to also influence the other (Wardle et 
al., 2004). One such wide-scale perturbation is drought, which has recently been shown 
to be the most influential natural disaster when it comes to agricultural productivity (Lesk 
et al., 2016; Gornall et al., 2010). Environmental models predict increasing frequency 
and intensity of drought in coming years due to global climate change (Lesk et al., 2016; 
Battisti and Naylor, 2009). Ongoing research conducted to understand the plant genetic 
mechanisms involved in tolerance to environmental stress often identifies a significant 
portion of missing variance attributable to the environment, the ‘environment’ in 
‘genotype by environment’ interactions (Chapman et al., 1997; Xu, 2016). As one 
component of variance caused by the environment may be related to the plant’s 
microbiome, understanding exactly how drought affects root-associated bacterial 
communities is an essential step in developing strategies to combat drought. 

Unfortunately, elucidating just how drought impacts root-associated bacterial 
communities is challenging due to the complexity and interconnectedness of the factors 
that govern establishment of the root microbiome. Plants recruit bacteria from soil 
communities and enrich for a host-specific root endophytic community typically of 
decreased diversity (Bulgarelli et al., 2012). However, this ‘starting inoculum’ of the soil 
microbiome will be affected by drought - both directly by selection for desiccation-
tolerant taxa, as well as indirectly through altered soil chemistry and diffusion rates. Like 
soils, plants also undergo a set of physiological responses to drought in an effort to shield 
themselves from its harmful effects. These responses include alterations in root exudate 
profile (the primary means by which plants recruit bacteria) and in root morphology. 
Thus, the root microbiome under drought is determined by how drought shapes both the 
host plant as well as surrounding soils. To complicate matters further, each of these 
factors can influence the others: altered soil nutrient cycles and resulting shifts in the soil 
microbiome under drought will in turn have implications for plant health, as plants 
depend on bacterial activity to make soil nutrients bioavailable. Similarly, drought-
induced changes in plant exudate profiles can alter the composition and activity of the 
surrounding soil microbiome, promoting further alterations to soil geochemistry that in 
turn alter magnitude and directionality of soil community shifts. As a result of this 
complexity, a truly integrated understanding of the effect of drought on the root 
microbiome is extremely challenging to achieve.  

Here, we address the complex interplay between soil, plant and microbe that together 
determine the dynamics in the root microbiome during drought [Figure 1-1]. While we 
attempt to synthesize the available literature by grouping results into commonly observed 
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trends in several major topical areas, we acknowledge there are many factors with 
potential impacts on soil and root microbiomes that we do not cover in great detail, 
including climatic variables, host genotype and host developmental stage. However, we 
propose that a first step is establishing an understanding of the effects of drought on soils 
and on plant physiology. The first section focuses on drought-induced compositional and 
functional responses of soil bacterial communities, with an emphasis on non-plant 
associated soils, and discusses possible reasons for the observed responses. In the second 
section we consider how root-associated communities shift under drought, we address the 
plant’s physiological responses to drought and how these exert an impact on root-
associated communities, and we discuss the role of specific plant growth-promoting traits 
in the selection of drought-enriched taxa. We conclude with a consideration of technical 
challenges and limitations in current research approaches used to study the plant root 
microbiome under drought, and offer suggestions on directions for future research. 

1.1.1 Soil bacteria community responses to drought 

Given that soils are the primary repository from which roots recruit their microbiomes, 
the drought-treated root microbiome is heavily dependent on the response of soil bacterial 
communities to moisture limitation. It should be noted that the term ‘soil’ in the context 
of microbiome studies may be used to refer to root zone soil, rhizosphere soil, or bulk 
soil, where the latter is assumed to be largely free of direct root influence and has higher 
diversity than rhizosphere soil (Lundberg et al., 2012). For consistency, research cited in 
this section concerning soil microbiomes was conducted on non-plant associated bulk soil 
(except where noted); however, it is worth mentioning that in some environments, the 
methodology of bulk soil collection occasionally necessitates removal of root tissue from 
soil samples, and therefore presence of root tissue may present a potential confounding 
factor in such analyses. Here, we summarize the observed trends in microbial biomass, 
diversity, composition and activity in soil microbial communities following drought 
treatment, and describe potential causes of these shifts, focusing first on potentially direct 
causes due to a loss of soil moisture, and second on indirect causes mediated through 
changes in soil physicochemistry.  

In general, total bacterial biomass has been observed to go down under drought (Alster et 
al., 2013; Hueso et al., 2012) as well as in more arid soils along a precipitation gradient 
(Bachar et al., 2010), as a consequence of resource limitation. That being said, in certain 
cases soil bacterial biomass remains stable under drought (Hartmann et al., 2017) or goes 
up (Fuchslueger et al., 2014), possibly due to attenuation of bacteria to repeated drought 
exposure (Hueso et al., 2011) and/or altered functional potential to aid in resilience 
(Bouskill et al., 2016b). A confounding factor may be the methodology by which 
bacterial biomass is determined: one method is quantification of microbial DNA (Kassem 
et al., 2008), whereas other studies rely on soil phospholipid fatty acid (PLFA) content 
(Fuchslueger et al., 2014). A definitive explanation for the observed trends in soil 
bacterial biomass has yet to be elucidated.  

Community diversity represents another metric often applied in soil microbiome studies, 
where greater diversity is generally thought to be beneficial for the soils as a whole: 
increased species richness allows for more metabolic activities to be present, facilitating 
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more efficient nutrient mineralization and decomposition of organic matter (Nautiyal and 
Dion, 2008). Overall, drought appears to have little impact on bacterial phylogenetic 
diversity for soil communities (Acosta-Martínez et al., 2014; Armstrong et al., 2016; 
Bachar et al., 2010; Tóth et al., 2017). This trend may be dependent on drought context, 
as in one study where plots exposed to drought for the first time were reduced by 40% in 
phylogenetic alpha-diversity, compared to no observed change in pre-exposed plots 
(Bouskill et al., 2013). With respect to drought context, a confounding factor that may 
contribute to discrepancies described throughout this chapter is a lack of standardization 
with respect to drought treatment. Studies have imposed drought on soils through a 
variety of means, including exposure of water-limited replicates to throughfall rain 
exclusion for varying time periods (Bouskill et al., 2013; Hartmann et al., 2013; Tóth et 
al., 2017; Yuste et al., 2014), collecting samples along a precipitation gradient (Bachar et 
al., 2010), or collecting soil samples from droughted and non-droughted time points 
(Acosta-Martínez et al., 2014).  

In contrast to microbial diversity, community composition is significantly impacted by 
drought. The observed shifts in the soil microbiome under drought tend to involve 
changes in relative abundance, rather than outright abolition of drought-susceptible taxa 
and concomitant appearance of tolerant ones, which helps to explain the lack of change in 
alpha-diversity. A widely observed phenomenon is an increase in the ratio of Gram-
positive to Gram-negative bacteria under drought (Fuchslueger et al., 2014, 2016; 
Acosta-Martínez et al., 2014; Chodak et al., 2015). Specifically, in moisture-limited soils, 
commonly seen relative abundance shifts include decreases in largely Gram-negative 
phyla Proteobacteria, Verrucomicrobia, and Bacteroidetes (Acosta-Martínez et al., 2014; 
Barnard et al., 2013; Bouskill et al., 2013; Yuste et al., 2014), and increases in largely 
Gram-positive phyla Firmicutes and Actinobacteria (Bouskill et al., 2013; Chodak et al., 
2015; Hartmann et al., 2017). Often, these changes in relative abundance are driven by 
one or a few members of a phylum, as seen in Barnard et al. (2013); while relatively few 
groups had a large magnitude of change, most bacterial groups only experienced small 
shifts in abundance after exposure to drought. An experimental reduction of precipitation 
in German forest ecosystems provoked an increase of 300% for the family 
Micromonosporaceae, which was far more than its parent phylum Actinobacteria 
(Felsmann et al., 2015); another study found increases in Actinobacteria that were mainly 
attributable to members of order Actinomycetales (Bouskill et al., 2013). 

It is worth noting that taxa-specific abundance changes in soil bacteria under drought are, 
to an extent, context-dependent: phyla including Proteobacteria, Planctomycetes, and 
Acidobacteria have shown varying trends in response to water limitation. While 
Proteobacteria has been shown to accumulate in irrigated or non-arid soils (Hartmann et 
al., 2017; Yuste et al., 2014; Bachar et al., 2010), in other studies it decreases under these 
conditions (Acosta-Martínez et al., 2014; Bouskill et al., 2013). Another example is 
Acidobacteria: while this phylum has been shown to be better represented in droughted 
roots (Desgarennes et al., 2014) and soils (Yuste et al., 2014), it is also believed to be 
highly drought-sensitive (Acosta-Martínez et al., 2014) and decreases in abundance under 
soil dry-down (Barnard et al., 2013). Complicating matters further, Acidobacteria has 
been shown to have roughly equal numbers of OTUs associated with irrigated and non-
irrigated soils (Hartmann et al., 2017). Such discrepancies might be explained by the 
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relative abundance of sub-phyla in each of these studies; for example, different 
Acidobacteria groups display contrasting abundance shifts between control and water-
excluded plots (Bouskill et al., 2013), possibly due to occupying disparate ecological 
niches with contrasting life-strategies (Hartmann et al., 2017) or having distinct 
morphologies, such as cell membrane structure, that contribute to different tolerances to 
desiccation.  

1.1.2  Potential causes of soil community trends under drought 

A number of putative causes for the aforementioned shifts in soil community composition 
have been hypothesized. First, differences in substrate preference and metabolic 
capacities between Gram-positive and -negative bacteria may explain their distinct 
drought susceptibilities. Droughted environments are characteristically ‘oligotrophic’: 
that is, nutrient-poor but oxygen-rich. Microbes that thrive under these conditions 
(‘oligotrophs’) are known for being slow-growers, but can sustain growth under poor 
conditions. They also tend to be specialists in terms of substrate utilization (Kurm et al., 
2017), rather than the more generalist copiotrophs that thrive under nutrient- and water-
rich conditions such as increased litter fall after rewetting (Hartmann et al., 2017; 
Pascault et al., 2013). In droughted soils there is a greater abundance of bacterial genes 
involved in the degradation of complex plant polysaccharides and a decreased abundance 
targeting oligosaccharides (Bouskill et al., 2016b; Martiny et al., 2016), suggesting 
proliferation of oligotrophic bacteria. The oligotrophic-copiotrophic distinction overlaps 
with that of Gram-positive and Gram-negative bacteria, as Gram-positive bacteria are 
more metabolically ‘hardy’ than Gram-negative bacteria: they can utilize inorganic 
nitrogen to produce extracellular enzymes that degrade complex organic compounds that 
are relatively abundant in soils under drought (Treseder et al., 2011). For example, 
genera within the Gram-positive phylum Actinobacteria are capable of utilizing 
recalcitrant carbon sources and are highly present in arid, nutrient-poor soils (Hartmann 
et al., 2017; Yuste et al., 2014; Mohammadipanah and Wink, 2016; Connon et al., 2007). 
By contrast, Gram-negative bacteria contain characteristics of copiotrophs, as they prefer 
labile carbon compounds and organic nitrogen (Treseder et al., 2011), particularly in the 
form of plant root exudates (Balasooriya et al., 2014); and indeed it has been observed 
that Gram-negative bacteria incorporated almost ten times as much plant-derived carbon 
as Gram-positive bacteria under well-watered conditions (Fuchslueger et al., 2014). 
Under drought, labile organic carbon is increasingly scarce within soils (Thaysen et al., 
2017), and in turn the rate of transfer of plant-derived carbon to microbes has been 
observed to go down (Ruehr et al., 2009), possibly as microbial communities switch to 
degrading more recalcitrant carbon sources within plant organic matter (Bradford et al., 
2008). Karst (2016) posited that plants close protein channels to prevent sugar transport 
to the rhizosphere as part of osmotic adjustment under drought. However, while lifestyle 
differences might partially explain the observed enrichment patterns, certain phyla that 
are predominantly Gram-negative or -positive are not universally copiotrophic or 
oligotrophic (Fierer et al., 2007), suggesting other factors likely also contribute. 

A second putative and more direct cause of the altered soil community composition under 
drought is related to differences in tolerance to loss of soil moisture. The various 
physiological mechanisms that allow bacteria to tolerate drought, including sporulation 
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and thick cell walls, are not evenly distributed between bacterial groups. Many genera 
within primarily Gram-positive phyla are known sporulators, while Gram-negative phyla 
largely lost the capacity to sporulate during the course of evolution (Tocheva et al., 
2016). Sporulation allows bacteria to enter dormancy under periods of environmental 
stress and has been posited as a contributing factor for observed abundance trends 
(Acosta-Martínez et al., 2014; Hayden et al., 2012; Marasco et al., 2012). Additionally, 
Gram-positive bacteria are characterized by a thicker peptidoglycan cell wall layer than 
that of Gram-negative bacteria, which may render them more resistant to drought 
(Schimel et al., 2007). The correlation between cell wall thickness and Gram-staining is 
not universal, however: there are numerous exceptions of thin-walled taxa within 
primarily Gram-positive phyla and vice versa, and for this reason it may be advisable to 
consider the role of physiology in drought resistance in terms of thick-walled 
(monoderm) vs. thin-walled (diderm) taxa, in particular as largely monoderm phyla have 
been demonstrated to have far drier optimal environmental niches than largely diderm 
phyla (Lennon et al., 2012). 

A third hypothetical cause of the drought-induced shifts in community composition is 
related to levels of general and specific bacterial activities. Overall bacterial activity is 
positively correlated with moisture availability, to the point where a massive increase in 
activity and CO2 efflux is observed after rewetting of dry soils (Armstrong et al., 2016; 
Blazewicz et al., 2014), a phenomenon known as the ‘Birch effect’. In wetter soils, 
gaseous diffusion into and out of soil is reduced, creating a more anaerobic environment 
(Liptzin et al., 2011) and thus higher bacterial gene abundances for genes involved in 
anaerobic fermentation (Schwartz et al., 2007), O2 limitation and other anaerobic 
processes such as denitrification are observed (Bouskill et al., 2016b). By contrast, under 
drought soil bacterial activity tends to decrease as microbes die or enter dormancy 
(Jensen et al., 2003; Alster et al., 2013), although elevated gene abundance for complex 
carbon degradation has been observed (Bouskill et al., 2016b). As a result, bacterial 
groups containing activities favored under a given moisture level may be enriched under 
such conditions. 

In addition to the above, a range of other activities may play a role in community trends. 
First, drought may induce existing microbes to produce a variety of compounds that 
affect community stability. For instance, drought-treated soils contain more antibiotics, 
which are hypothesized to be produced by drought-tolerant bacteria as a physiological 
response to outcompete other bacteria for limited resources, or possibly as signals to 
induce drought-response pathways like biofilm formation (Bouskill et al., 2016a). 
Additionally, certain bacteria synthesize compounds during drought that influence 
rhizosphere soil aggregate stability (Kohler et al., 2009) and hydrophobicity (Elbl et al., 
2014). Finally, differences in the ability to produce and accumulate osmolytes, which 
maintain cellular turgor and protect macromolecular structures (Welsh, 2000), may play a 
role. These compounds include amino acids, such as proline, glutamine, and glycine 
betaine, and carbohydrates, such as trehalose and ectoine (Bouskill et al., 2016b). It has 
been shown that Gram-negative bacteria produce osmolytes purely as a drought-inducible 
response, whereas Gram-positive bacteria tend to produce osmolytes, at least partially, on 
a constitutive basis (Schimel et al., 2007). Synthesis of osmolytes is metabolically 
demanding; it is estimated that 3-6% of net primary production in a grassland ecosystem 
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can be consumed by microbes within a single drought event (Schimel et al., 2007). As a 
result of this increased demand for carbon, enzyme activities related to depolymerization 
of plant macromolecules are elevated in drought-treated soils than control (Bouskill et al., 
2016b). The observed enrichment for Gram-positive bacteria, especially lineages such as 
Actinobacteria that contain genes for complex carbon degradation, is in line with these 
observations (Mohammadipanah and Wink, 2016). Future study of microbial functional 
capacity will help identify specific activities that are enriched or depleted under drought 
and how such shifts contribute to observed community abundance trends. 

Indirect causes mediated by changes in the soil physicochemical properties are also 
known to play a role in shaping microbial communities. For instance, low soil moisture 
reduces soil pore connectivity, raises solute concentrations in the remaining water, and 
limits substrate diffusion (Schimel et al., 2007; Liptzin et al., 2011). Water-limited soils 
may be decreased in overall ion content including calcium carbonate, sodium, potassium 
(Bachar et al., 2010), phosphorus, and other redox-sensitive compounds (Al, Fe, Mo) 
(Bouskill et al., 2016b). These changes in soil chemistry will exert an influence on the 
microbiome - in experiments analyzing the influence of various factors on soil bacteria, 
chemical properties including pH and ion content were significant in determining 
community composition (Gunnigle et al., 2017; Lauber et al., 2009; Hartmann et al., 
2017), often on a taxa-specific basis. For example, when looking at Mediterranean forest 
sites with different soil moisture levels (in which ion content decreased along the 
precipitation gradient), abundance of phylum Acidobacteria correlated positively with 
soil ammonium and phosphorus, and negatively with nitrate and magnesium, whereas 
phylum Chloroflexi displayed the opposite trend (Bachar et al., 2010). It is worth noting 
that the influence of soil chemistry is an important albeit sometimes overlooked factor, 
and that identical drought treatments placed upon chemically distinct soils will induce 
different responses in their respective bacterial communities - factors including pH, total 
nitrogen, and organic carbon content have been shown to influence how different 
bacterial phyla respond to drought and rewetting (Chodak et al., 2015).  

One challenge in establishing an unconditional link between drought-induced changes in 
soil chemistry and bacterial communities is that bacteria themselves may play a role in 
soil chemical cycles (Coleman et al., 1983). Under water stress, rates of microbial 
enzymes responsible for biogeochemical nutrient cycling and decomposition go down 
(Stark and Firestone, 1995; Hueso et al., 2012), likely due to a combination of limited 
substrate supply due to decreased diffusion (German et al., 2011), intracellular 
accumulation of ions and osmolytes to levels inhibitory towards enzymes, as well as 
lower enzymatic hydration and altered conformation (Csonka, 1989). For example, an 
experimental 10% reduction in soil moisture significantly decreased rates of nutrient 
cycling enzymes, an effect that was enhanced by increasing the reduction to 21% 
(Sardans and Peñuelas, 2005). In another study, when fertilizer was applied to soil plots 
that were subsequently exposed to drought, there were vast increases in soil ammonium 
and nitrate, which were hypothesized as being a result of reduced nitrification activity in 
soil microbes (Hartmann et al., 2013). Additional studies have confirmed a decline in 
nitrification (Stark and Firestone, 1995; Ford et al., 2007), phosphorus solubilization 
(Sardans and Peñuelas, 2004), and carbon cycling (Hueso et al., 2012; van der Molen et 
al., 2011). Likely due to reduced nutrient cycling, soils under drought have been shown 
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to contain lower levels of soil nitrate (Fuchslueger et al., 2014), soil-available forms of 
phosphorus (Sardans and Peñuelas, 2004), as well as increases in complex organic carbon 
(Sardans et al., 2008; Hueso et al., 2012). However, it is important to note that in some 
studies a less pronounced correlation has been found between soil moisture and nutrient 
cycling activities, perhaps as a consequence of additional confounding factors, such as 
temperature and season (Sardans et al., 2008; Kramer and Green, 2000), that were not 
controlled or measured in these studies.  

It should be noted that several important and often overlooked factors might contribute to 
discrepancies observed across and within soil microbiome studies. First, studies are often 
conducted at different times or seasons: when studying the soil microbial community 
drought response over the course of a year, a number of enrichment patterns were more 
pronounced during summer than winter and spring seasons (Yuste et al., 2014). Even 
over the course of a single day, differences in Actinobacteria and Proteobacteria can be 
seen, which is at least in part due to fluctuating microenvironmental parameters including 
soil humidity, which was found to differ by 34% over the course of a 24-hour cycle 
(Gunnigle et al., 2017). In the case of field studies, differences in the frequency of 
drought between fields may also represent a confounding factor, as repeated exposure to 
drought can ‘attenuate’ soils to future drought events (Cruz-Martínez et al., 2009). Soil 
respiratory responses, as well as soil physical and chemical responses, are less 
pronounced in previously drought-exposed soils compared with soils not exposed to 
drought beforehand (Göransson et al., 2013; Bouskill et al., 2016a). With respect to 
community responses, decreases in phylogenetic diversity (relative to control plots) were 
seen only in experimental plots exposed to drought for the first time, and not those with 
drought history – perhaps due to sensitive taxa evolving drought resistance (Bouskill et 
al., 2013), or accumulation of communities that remain robust against changing soil 
water dynamics (Cruz-Martínez et al., 2009). The precise mechanism by which bacterial 
resistance improves is unclear. However, soils with drought history have decreased 
presence of plant-derived carbon in microbial biomarkers, suggesting that attenuation to 
drought in the soil microbes includes a decreasing dependence on plant carbon sources 
(Fuchslueger et al., 2016) and selection for bacteria with an oligotrophic lifestyle, as 
discussed earlier. Thus, while broad and common trends in bacterial abundance can be 
observed within soils under drought, many additional environmental factors may reduce 
or reverse these patterns. In the future, additional research to identify missing 
environmental parameters that play roles in shaping soil microbiomes under drought is 
needed.  

1.1.3 Plant responses to drought  

While changes in the surrounding soil chemistry and soil microbiome composition and 
activity can be expected to alter the available pool of bacteria from which plants recruit 
endophytic communities, drought-induced changes in plant physiology and biochemistry 
are perhaps even more influential on root microbiome dynamics. Such changes include 
alterations in root morphology, overall carbon efflux into the soils, and the root exudate 
profile. In looking at the effect of soil moisture on the root microbiome, experiments have 
been conducted in the context of experimental drought, but also in the context of season 
(i.e. dry vs. rainy), the latter being more common (Coleman-Derr et al., 2016; 
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Desgarennes et al., 2014; Fonseca-García et al., 2016; Nessner Kavamura et al., 2013; 
Taketani et al., 2017; Torres-Cortés et al., 2012). Here, both contexts will be considered, 
as the available literature on experimental drought’s effects on the root microbiome is 
limited. Similarly, in the following sections we include discussion of both rhizosphere 
and root endosphere microbial communities, differentiating between the two sample 
types where applicable. While each sample type may exhibit some distinct trends from 
the other, they are both subject to significant influence by the root and fall under the 
heading of ‘root-associated’ communities; furthermore, research conducted on the effect 
of drought on either sample type alone is limited, and considering them in conjunction 
can help us to establish general trends otherwise obscured by current knowledge gaps. 
Here, we first summarize the observed trends in microbial composition and activity in 
root-associated microbiomes following exposure to drought, and then we explore plant 
responses to drought that might influence the root microbiome and discuss the potential 
benefit that plants receive from recruitment of specific bacterial lineages.  

Seasonality, specifically the ‘dry’ vs. ‘rainy’ season division, has been demonstrated as a 
statistically significant factor in determining root-associated microbial community 
composition (Taketani et al., 2017) (albeit in some cases exerting a relatively small 
influence (Desgarennes et al., 2014)). In some cases, the relative strength of this effect 
depends on host species or sample type. In studies on wild and cultivated Agave species, 
season was the greatest contributing factor to variance in the root endosphere 
microbiome, whereas the rhizosphere and leaf phyllosphere were primarily influenced by 
host species (Desgarennes et al., 2014; Coleman-Derr et al., 2016). Heightened influence 
by season within the root endosphere was also seen in cacti (Fonseca-García et al., 2016) 
and the tree species Populus deltoides (Shakya et al., 2013), which may reflect the 
increased plant-microbe intimacy inside roots, and that the plant’s responses to drought 
will be most likely to influence these communities as compared to external ones. Another 
study found season was a significant factor on Agave bacterial communities, but only for 
cultivated species (Coleman-Derr et al., 2016), suggesting wild species’ bacterial 
communities are more resistant to changes in season and therefore water availability.  

An important caveat to note is while some of these papers noted seasonal differences in 
precipitation (Coleman-Derr et al., 2016; Desgarennes et al., 2014; Fonseca-García et al., 
2016) or soil moisture around the base of the plant (Shakya et al., 2013), ‘drought’ and 
‘season’ are not synonymous, and such experiments can provide only indirect 
connections between community composition and water content, as there may be 
confounding factors that differ by season. As a result, studies looking at experimental 
manipulations in soil moisture within a single time frame are preferable. Experimental 
designs in such studies have included measuring soil water content and including that as 
an explanatory factor (Marschner et al., 2005; Nuccio et al., 2016), or experimentally 
manipulating irrigation to artificially impose drought (Cherif et al., 2015; Santos-
Medellín et al., 2017) (however, it should be mentioned that in the latter case, there exists 
a lack of consistency to the definition of drought, ranging from intermittent watering to 
complete cessation of irrigation during the drought treatment (Cherif et al., 2015; Santos-
Medellín et al., 2017). Variations in soil moisture content within a season have been 
shown to be a significant factor in determining bacterial community composition in root 
and/or rhizosphere communities, as shown in the wildflower genus Banksia (Marschner 
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et al., 2005) and date palms (Cherif et al., 2015). In fact, a study looking at grassland 
rhizosphere communities found of all soil properties, it was gravimetric water content at 
the time of sampling that had the greatest effect on the rhizosphere microbiome 
community (Nuccio et al., 2016). A study of four distinct rice genotypes in three soil 
types again found drought to be a significant factor, and that directionality in drought 
responses in rhizosphere and root endosphere bacterial communities were largely 
conserved between soil types (Santos-Medellín et al., 2017), implicating the plant host as 
an important player in such responses. 

Whether as a consequence of recruiting from drought-affected soil communities, or due 
to endophytic communities experiencing similar responses to those in the exterior 
environment, it has been shown that changes in relative abundance in the root 
microbiome are largely similar to those seen in soil. Like in soil, during the dry season 
root-associated communities show elevated abundance for Actinobacteria, Acidobacteria, 
and Bacillus, whereas in the rainy season Proteobacteria and Bacteroidetes are enriched; 
these trends have been demonstrated for rhizosphere communities in the tree species 
Populus deltoides (Shakya et al., 2013) and Mimosa tenuiflora (Taketani et al., 2017), 
and in the cactus Cereus jamacaru (Nessner Kavamura et al., 2013), suggesting the 
inherent qualities that cause enrichment by a given water strategy in the soil are not 
circumvented by the change in local environment. However, in a recent direct 
manipulation experiment, higher levels of drought enrichment were observed for 
members of the Actinobacteria and Firmicutes (Santos-Medellín et al., 2017) within root 
endosphere and rhizosphere communities as compared to the surrounding soil. These 
studies suggest that while similar taxonomic trends may be observable between soil and 
root communities exposed to drought, the degree of enrichment and in some cases the 
specific taxa may differ.  

Interestingly, identification of a ‘core microbiome’ of drought-enriched taxa in root 
endospheres in several different studies (Coleman-Derr et al., 2016; Desgarennes et al., 
2014) found that these cores contained numerous members of classes Alpha-, Beta-, and 
Gammaproteobacteria, in addition to more commonly drought-associated Gram-positive 
lineages. These trends might reflect laxity in the parameters used to obtain the core 
microbiome, as well as disparity between sites (for example, Coleman-Derr (2016) used 
different field sites to grow their three Agave species). Alternatively, there may also be 
innate plant growth-promoting (PGP) properties in the enriched taxa within 
Proteobacteria, such as nutrient solubilization or presence of ACC deaminase, which 
plants select for under drought. Indeed, as broad trends of enrichment are not necessarily 
universally true for all members of a phylum, it is feasible that specific outlying lineages 
may be actively recruited by the root based on the presence of specific PGP traits despite 
harboring a degree of drought sensitivity. 

In addition to shifts in community composition, drought will induce shifts in the 
functional profile of the rhizosphere, as plants are implicated in recruiting beneficial 
bacteria in response to drought (Marasco et al., 2012). Rhizosphere bacterial enzymatic 
activity is generally higher than that of bulk soil (Marschner et al., 2005), as is functional 
diversity (Li et al., 2014), suggesting part of bacterial enrichment around plant roots is 
for their functional capacity. Costa (2014) hypothesized that under nutrient-rich 
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conditions plants will favor recruitment of phytohormone-producing microbes, while in 
nutrient-poor conditions plants will tend to favor interactions with nutrient solubilizers, as 
soil mineralization and plant uptake of nutrients are impaired under drought (He and 
Dijkstra, 2014). Diazotrophic bacteria, which solubilize nitrogen and have demonstrated 
capacity to enhance plant growth (Knoth et al., 2014), are associated with Agave roots 
under drought (Desgarennes et al., 2014). Similarly, comparative analysis of corn 
rhizospheres under drought found higher protease, catalase, alkaline phosphatase, and 
invertase activities at most growth stages in drought-tolerant cultivars compared with 
drought-susceptible cultivars, a discrepancy they posited was attributable to differences 
in root exudates and microbial community composition (Song et al., 2012).  

An important question is whether the observed shifts in root microbiome composition and 
activity are conserved across the plant kingdom. In a study comparing the effect of 
various experimental factors on the rhizosphere bacterial communities in four grass 
species, while both host species and watering regime affected beta-diversity, the drought 
effect was particularly pronounced for the more drought-susceptible species (Bouasria et 
al., 2012). Similarly, when comparing local soil communities in the presence of three 
common pasture plants, bacterial resistance and resilience to drying were distinct 
between the tested plant species (Orwin and Wardle, 2005). By contrast, when comparing 
rice varieties, drought responses were largely comparable between genotype (Santos-
Medellín et al., 2017), suggesting that more genetically distant plant species should be 
included to allow for observations of more distinct drought trends by host species, as root 
and rhizosphere communities are more similar for closely related lineages (Bouffaud et 
al., 2014; Peiffer et al., 2013). While we can draw broad conclusions about common 
trends in the root microbiome under drought, it should be stressed that they should be 
taken with the caveat that factors including host genotype, as well as duration and type of 
drought treatment, can all influence observed outcomes. Future research on how the 
drought effect is similar and different between related species in a broad phylogenetic 
framework will help us determine how generalizable a given drought trend is. 

1.1.4  Causes for bacterial community trends in drought-stressed roots 

Plants have evolved complex morphological and metabolic responses to drought stress, 
many of which have been hypothesized or demonstrated to play a role in shaping root 
associated microbial communities. The full contingent of metabolic mechanisms plants 
use to deal with low water availability have previously been extensively reviewed (Fang 
and Xiong, 2015), and many of these responses overlap with those of bacteria. For 
instance, both plants and bacteria alter metabolism in accordance with available carbon 
pools, synthesize osmolytes to reduce osmotic stress, and activate stress pathways, such 
as antioxidant defense. One plant process that is particularly affected is photosynthesis, 
where reduced stomatal conductance and lowered photosynthetic capacity have been 
observed under drought (Albert et al., 2011), as the result of decreased chlorophyll 
content, fluorescence, and quantum yield (Ghotbi-Ravandi et al., 2014; Khan et al., 
2016). Upregulation of chlorophyll synthesis is a common drought tolerance strategy in 
plants (Fang and Xiong, 2015) - drought resistance in certain cultivars of barley and 
sorghum has been attributed to their ability to ameliorate photosynthetic inhibition 
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through retaining chlorophyll content and CO2 assimilation (Ghotbi-Ravandi et al., 2014; 
Ogbaga et al., 2014).  

As a consequence of these shifts in photosynthesis, changes in the plant metabolomic 
profile are common under drought - one study identified 163 metabolites that 
significantly change in abundance during water stress in roots (Tripathi et al., 2016). 
Compounds with upregulated synthesis include sugars, polyols, amino acids, alkaloids, 
and ions, which help with maintaining photosynthesis, cell osmolarity, as well as 
delaying leaf senescence and enhancing root growth (Fang and Xiong, 2015). 
Additionally, increased synthesis in cell wall polymers helps to maintain cell turgor and 
strengthen the cell wall (Gall et al., 2015); to that end, syntheses of xyloglucan, expansin, 
pectins, lignin, and suberin are shown to be upregulated under drought (Cho et al., 2006; 
Jones and McQueen-Mason, 2004; Peaucelle et al., 2012; Moura et al., 2010).  

The rate of translocation of newly assimilated carbon from shoots to roots has been 
hypothesized to go down under drought (Hasibeder et al., 2015), as plants close protein 
channels and shift carbon towards production of osmolytes and storage compounds. 
Concurrently, bacteria groups largely reliant on plant carbon will die or decrease in 
abundance (Fontaine et al., 2003), and remaining bacterial activity is restricted to isolated 
areas of moisture such as soil pores, hindering their ability to interact with plants 
(Schimel et al., 2007). Drought alters plant carbon output into the soil (Ruehr et al., 2009; 
Albert et al., 2011) - multiple studies where radiolabeled carbon was supplied to plants 
under drought observed reduced uptake of tracers in soil bacteria compared to control 
conditions (Fuchslueger et al., 2014; Ruehr et al., 2009), an effect exacerbated in soil 
plots with previous drought history (Fuchslueger et al., 2016). However, the 
methodologies used in these studies may have been fundamentally flawed: observations 
of decreased carbon flux from plants to soils under drought may be partially attributable 
to failure to account for changes in root production. When corrected for, it has been 
found carbon flux was not affected by drought (Canarini and Dijkstra, 2015). One review 
(Preece and Peñuelas, 2016) systematically compared studies, finding that when a 
decrease in plant biomass is accounted for, moderate drought tends to increase carbon 
flux into the soil per gram of plant (although severe drought can halt or even reverse this 
trend, suggesting that there is a ‘threshold’ of drought). Furthermore, the proportion of 
carbon allocated to roots versus shoots increases (Palta and Gregory, 1997), especially 
with increasing drought stress dose (Zang et al., 2014), suggesting that rather than a 
breakdown of the relationship between plants and bacteria, instead it is enhanced under 
drought. Increases in carbon efflux to soils could implicate the plant in altering its root 
communities in response to drought, considering the importance of root exudates in 
microbial recruitment.  

Carbon efflux from the plant to the soil may take several forms (including release of dead 
cell contents, VOC emission, and transfer of carbon to microbial symbionts), but of these 
forms, root exudates are most directly implicated in recruitment of the root microbiome. 
Root exudates are carbon-containing compounds (ions, sugars, amino acids, enzymes, 
organic acids, and mucilage (Preece and Peñuelas, 2016)) released from roots either 
indirectly (i.e. from senescing roots and/or lysis of root cells) or directly through a 
process known as ‘rhizodeposition’. Root exudates are considered to ‘prime’ the soil 
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environment around the roots - that is, they will attract beneficial bacteria to the 
rhizosphere, thereby increasing respiration rates and percentage of bacterial biomass in 
rhizosphere compared to bulk soil (Nannipieri et al., 2007). In doing so, rates of soil 
mineralization and soil organic matter decomposition go up (Fontaine et al., 2003; 
Fuchslueger et al., 2014), which benefits both plants and bacteria.  

While between 64-86% of characteristic plant rhizodeposits are capable of being respired 
by microorganisms (Hutsch et al., 2002), recruitment patterns of root-associated bacterial 
communities are highly dependent on the exact root exudate profile (Badri et al., 2013) – 
for example, various Arabidopsis accessions have distinct exudate profiles, and both root 
and rhizosphere bacterial communities were in turn found to be distinct between these 
accessions (Micallef et al., 2009b). Due to the complexity of the microbiome, it is 
difficult to elucidate a connection between a given exudate and which microbe(s) it 
recruits. Instead, broad changes in community abundance and diversity have been 
reported. Organic acids, and to a lesser extent sugars, increase overall bacterial richness 
in the rhizosphere community, and varying effects were found between the individual 
organic acids (Shi et al., 2011). Results from Badri (2013) imply that sugar, sugar 
alcohols, and amino acids are broad-range attractants while phenolic compounds recruit 
bacterial taxa in a more specific manner. While it is difficult to correlate exudate profile 
changes with particular community responses, it has been shown that exudate profiles 
differ under drought, which will have significant implications for root communities. 

Firstly, as previously mentioned, cumulative organic carbon exudation per gram dry plant 
increases up to 71% under drought (Henry et al., 2007), though much like growth, this 
response is attenuated by increasing severity of the stress (Reid, 1974). More specifically, 
in Calvo (2016) barley plants under reduced water supply exhibited greater proline, 
potassium, and phytohormone concentrations in root exudates, which have roles in 
enhancing root growth, osmoprotection, and stress signaling, if not necessarily bacterial 
recruitment. Elevated presence of organic acids (fumaric acid, succinic acid, oxalic acid, 
malonic acid, and malic acid) (Henry et al., 2007), water-soluble carbon, mucilage, 
sterols, and polar lipids (Svenningsson et al., 1990; Whipps and Lynch, 1983) have been 
seen around drought-stressed roots. The exudate response can be distinct between plant 
species (Canarini et al., 2016) or even cultivars - rhizodeposition increases under drought 
for monocots, while it tends to decrease for dicots; similarly, cultivated species have a 
less pronounced change than wild species (Preece and Peñuelas, 2016). In one study 
comparing drought-tolerant and -susceptible corn hybrid cultivars (Song et al., 2012), the 
former exuded greater quantities of organic acids (in this case, lactic, acetic, citric, and 
maleic acids) under drought.  

Taken together, the studies above implicate organic acids as part of the root exudate 
profile response to drought. Organic acids promote drought tolerance for the plant 
independently of bacteria, through solubilization of nutrients such as iron, manganese, 
and phosphorus, among others (Delhaize et al., 1993; Ström et al., 2002). But, as 
discussed above, organic acids are implicated in recruiting bacteria in distinct ways (Shi 
et al., 2011) – for example, a positive correlation was seen for exudation of salicylic acid 
and GABA with Actinobacteria and other ACC deaminase-producing bacteria (Badri et 
al., 2013). Apart from organic acid release, efflux of hydrogen peroxide has been 
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implicated as a means of plant drought tolerance to protect against ROS damage (Huang 
et al., 2017) and maintain apical root growth (Voothuluru and Sharp, 2012), which may 
explain increased prevalence of Actinobacterial genera such as Streptomyces around 
droughted plant roots and rhizospheres, as many Streptomyces lineages are able to 
effectively reduce ROS damage in plants (Lee et al., 2005; Leiros et al., 2014). More 
research will be needed to make explicit connections for microbial recruitment patterns 
by plant root exudates under drought. 

These shifts in plant metabolism and exudation are mirrored by changes in plant 
morphological responses, which include leaf rolling, stomatal closure, decreased leaf 
area, increased synthesis of water-storing tissues such as tubers, and wax accumulation 
on the leaf surface. However, given that the phenotypic changes that will have the 
greatest impact on the root microbiome will naturally be in the roots, here we focus on 
those changes. Root morphology is highly associated with drought resistance, as longer 
and more extensive root systems allow plants more opportunities to take up water and 
nutrients. Drought-tolerant plants will tend to have a greater rooting depth, density, root 
volume and weight (Fang and Xiong, 2015). Grasses such as sorghum that evolved in 
more arid regions display a more vertical root morphology and deeper rooting depth than 
grasses such as maize that evolved in more temperate regions (Singh et al., 2010). Under 
drought, a common plant response is to enhance root growth to maintain water uptake, 
even as shoot growth is hindered (Spollen and Sharp, 1991), although under severe 
drought, root growth is severely abated (Zang et al., 2014). Plants may dynamically 
modify root architecture to account for limited water availability. Aspects of soybean root 
architecture (depth, branching density, root angle, ratio of root to shoot biomass) are all 
affected by drought (Fenta et al., 2014). Root modification may even occur in a species-
specific manner (Smith and De Smet, 2012; Bouasria et al., 2012; Hartung and Turner, 
1997). Changing root morphology - in particular rooting depth - may alter the 
composition of the bacterial communities, as soils at different depths have their own 
characteristic bacterial community patterns (Delmont et al., 2012; Zhang et al., 2017) and 
furthermore rhizospheres from root sections taken at different depths have distinct 
microbiota (Kawasaki et al., 2016).  

1.1.5 The role of bacteria in plant growth promotion under drought 

Plant recruitment of a drought-specific microbiome could be an evolved trait, where 
generations of repeated drought events have led to evolution of stable and beneficial 
plant-microbe interactions that improve the reproductive fitness of both host and microbe. 
In one study, Brassica rapa plants that had been exposed to generations of drought were 
better able than control plants to increase bacterial abundance and diversity around roots 
under dry contemporary environments (terHorst et al., 2014). Alternatively, a drought-
tolerant community may be achieved through soil attenuation, in which bacterial 
communities in soils exposed to drought have developed resistance, and thus the plant 
will have no choice but to recruit a beneficial microbiome. Such attenuation was 
demonstrated in Lau and Lennon (2012), where plant fitness under drought was highest 
when grown in previously droughted soils, while plant fitness under well-watered 
conditions was highest in soils where water was historically abundant. Even simply 
having a sympatric soil (i.e. a soil in which a given plant has been repeatedly grown in) 
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can improve a plant’s performance (in this case, biomass and drought-responsive gene 
expression) under drought compared with the same conditions in non-sympatric soils 
(Zolla et al., 2013), suggesting that even when not under stress, plants will recruit 
beneficial bacteria that remain in the soil and can enhance drought tolerance for other 
members of their species. 

By definition, a plant’s relative health and fitness increases following the recruitment of 
microbes with PGP activities, and engineering stable interactions between plants and a 
desired microbiome represents an attractive target for crop improvement through stress 
tolerance (Quiza et al., 2015). An exploration of previously identified plant growth-
promoting microbes from drought treated plants may offer clues as to which microbial 
traits are likely beneficial to and potentially selected for by plants. Indeed, roots and soils 
are frequently found to harbor bacteria with PGP abilities (Grönemeyer et al., 2012), 
especially in chronically drought stressed regions (Mayak et al., 2004; Timmusk et al., 
2014). For example, a survey of barley rhizospheres and bulk soil found isolates from a 
sunny, stressed site in Israel had a greater variety of PGP abilities than the non-stressed 
site’s isolates. Furthermore, enzymatic activities were much higher for rhizosphere-
associated isolates compared with those from bulk soil (Timmusk et al., 2011). 
Interestingly, in another study looking at pepper plants, activities that affected the plant 
most directly, such as phytohormone synthesis, were primarily in root endophytes, 
whereas nutrient solubilizers were better represented in rhizosphere and bulk soil 
(Marasco et al., 2012).  

Screening of putative plant growth-promoting bacteria (PGPB) in vivo on droughted 
plants is a frequent strategy used to confirm growth promotion, and has been done in a 
variety of plant species (Cherif et al., 2015; Mayak et al., 2004; Yandigeri et al., 2012; 
Wang et al., 2014; Marasco et al., 2012; Timmusk et al., 2014). PGPB may enhance 
drought tolerance in plants other than those they were originally isolated from (Marasco 
et al., 2013; Wang et al., 2014), and in some cases enhance plant growth only under 
drought conditions (Wang et al., 2014; Rolli et al., 2015). Creating consortia of bacteria 
may have greater and synergistic effects at alleviating drought than applications of 
individual genera (Timm et al., 2016; Knoth et al., 2014). A consortium of 10 endophytic 
strains applied to hybrid poplar enhanced plant survival under water limitation through 
multiple distinct drought-response pathways (Khan et al., 2016). These results serve to 
highlight that drought may induce the plant to accumulate bacteria with specific tolerance 
activities, and this accumulation occurs on a community level rather than enriching for 
specific genera. 

A variety of PGP abilities are implicated in conferring drought tolerance, of which 
perhaps the most studied is presence of 1-aminocyclopropane-1-carboxylate deaminase 
(ACCd). Through ACCd activity, the plant hormone ethylene remains below inhibitory 
levels, maintaining normal root growth and delaying senescence under drought (Glick, 
2004). PGPB are also known for synthesizing other phytohormones, including the auxin 
analog indole-3-acetic acid (IAA), which can enhance shoot and root growth among other 
plant developmental processes (Glick, 1995). During drought, PGPB may be involved in 
nutrient cycling, including diazotrophy, phosphorus solubilization, and siderophore 
synthesis (Kim et al., 2012); they have also been shown to enhance photosynthesis, 
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increase fine root production and greater overall root surface area, and decrease stress 
volatile emission, all of which have demonstrated improvement of plant performance 
(Gagné-Bourque et al., 2016; Casanovas et al., 2002; Timmusk et al., 2014). They have 
even been implicated in accelerating flowering (Lau and Lennon, 2012; Gagne-Bourque 
et al., 2015), including earlier seed set times and senescence, as early flowering is a 
strategy plants can evolve as a means of drought escape (Franks et al., 2007).  

While it is difficult to elucidate the explicit mechanism by which PGPB act to enhance 
drought tolerance, in certain cases it has been demonstrated. For example, PGPB in 
Sandhya (2009) produced extracellular matrices to maintain a hydrated root environment, 
increasing root-adhering soil and stability. Similar results were seen in Timmusk (2015), 
in which a mutant of Paenibacillus polymyxa lacking an Sfp-type 4’-phosphopantetheinyl 
transferase had heightened biofilm production, and upon inoculation in drought-stressed 
wheat plants this mutant was shown to enhance plant survival and biomass production 
two- and three-fold respectively. In the presence of droughted Arabidopsis roots, Bacillus 
megaterium BOFC15 secretes the polyamine spermidine, which scavenges ROS, 
upregulates ABA biosynthesis and response genes, and by extension augments 
photosynthesis and root system architecture (Zhou et al., 2016). Similarly, Pseudomonas 
chloroaphis O6 will synthesize 2R-3R-butanediol, which is involved in the SA signaling 
pathway and elicits stomatal closure in Arabidopsis (Cho et al., 2008).  

Altering plant gene expression is a common mechanism PGPB can use to confer drought 
tolerance in the plants. Often this has been demonstrated in a nonspecific manner, such as 
upregulation of marker drought-response genes such as DREB1B-like or ERD15 (Gagne-
Bourque et al., 2015; Kariola et al., 2006), which have numerous downstream targets. 
Furthermore, PGPB may induce broad-range gene expression changes that induce 
tolerance to both abiotic and biotic stresses, as seen in a study whereupon inoculation of 
Arabidopsis with a Paenibacillus polymyxa isolate increased plant resistance to both 
pathogenicity and drought stress (Timmusk and Wagner, 1999). Sometimes, a more 
specific gene is the focus. Bacillus subtilis GB03 colonization on Arabidopsis roots 
upregulates PEAMT, a rate-limiting step in the biosynthesis of the osmolyte choline 
(Zhang et al., 2010). Similarly, rhizobacteria on cucumber plants mitigated drought-
triggered down-regulation of genes cAPX, rbcL, and rbcS for ROS scavenging and 
Rubisco (Wang et al., 2012).  

1.2 Conclusion  
In this chapter, we have addressed the interdependent factors that determine drought 
response in root-associated bacterial communities. While there are promising findings 
that have come out of the extensive research conducted thus far, numerous limitations in 
experimental methodologies preclude drawing more concrete conclusions about the 
observed trends. Here, we present a brief overview of three of these issues and present 
suggestions for future research to address them. 

One self-imposed limitation in this chapter was a conscious decision to omit discussion 
of the fungal microbiome in soils and roots under drought. Similar to bacteria, fungal 
endophytes are necessary for plant health, to the extent that over 80% of terrestrial plant 
species display fungal symbioses (Wang and Qiu, 2006). They are also implicated in 
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enhancing drought stress tolerance in plants, as they create hyphal networks to enhance 
root uptake of water and nutrients (Allen, 2007) and can stimulate root growth and lateral 
root hair formation (Malinowski and Belesky, 2000). It has even been hypothesized that 
tolerance of drought stress from plant-fungal symbiosis was a driving factor that led to 
plant colonization of land (Pirozynski and Malloch, 1975). However, fungi are 
significantly more drought-resistant than bacteria (Strickland and Rousk, 2010) - for 
example, during drought-rewetting studies in grassland soils, fungi maintained 71% of 
their pre-wet population compared to 46% for bacteria (Blazewicz et al., 2014). While in 
certain studies there have been significant differences in soil fungal populations after 
drought imposition (Acosta-Martínez et al., 2014), by and large the effect of drought on 
soil or root fungal communities is small or non-existent (Barnard et al., 2013; Bouasria et 
al., 2012; Fuchslueger et al., 2016; Yuste et al., 2011), which may be attributable to their 
inherent drought tolerance. However, the observed stability in fungal community activity 
and composition may in fact be artifactual. It should be mentioned that analysis of 
community shifts may depend on the taxonomic level: in Hartmann (2017), they did not 
observe fungal community shifts at the phylum level, but despite this there were massive 
shifts within phyla at lower levels, which is likely due to the variety of resource niches 
and host affinities present within fungal phyla. Another issue with analysis of fungal 
communities are primers used to estimate community composition, as older ITS2 primer 
sets may fail to capture the true extent of diversity compared to more recently developed 
primers (Taylor et al., 2016). Refining techniques used to analyze fungal communities 
will help shed light on the role the fungal microbiome plays in alleviating drought stress 
in plants. 

A significant hindrance in analysis of the drought root microbiome is the methodology 
used to elucidate the effect of soil moisture on the root-associated bacterial communities. 
Relatively few studies have examined root microbiome in the context of an experimental 
drought; instead, seasonality and associated changes in rainfall and soil water content are 
used as a proxy. Unfortunately, while in such studies soil moisture is indeed significantly 
different between seasons, presumably there are a number of environmental variables that 
similarly differ between seasons that represent confounding factors that cannot be 
separated from soil moisture, such as atmospheric [CO2] and soil temperature (both of 
which are confirmed to exert effects on soil bacterial communities (Hayden et al., 2012; 
Gunnigle et al., 2017)). In order to simplify analysis of microbiome trends, we propose 
that studies of drought’s effect on root bacterial communities should be conducted in the 
presence of an experimental drought in order to draw meaningful conclusions. One 
optimal approach could involve imposition of a consistent drought stress for future 
studies, which would help remove discrepancies in drought treatments as a potential 
confounding factor when comparing results. In addition, including multiple plant species 
in these studies would be beneficial, as genotypic differences between plant species will 
elicit differences in root-associated community composition, whether through differences 
in root exudate profile, root morphology, or other factors. Such studies will help refine 
our knowledge and determine the universality about microbiome trends in plant roots 
under drought – for instance, to what extent root microbiome composition is correlated 
with host phylogenetic distance and how this relationship differs under drought. 
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Plant responses to drought involve a number of dynamic phenotypic modifications that 
will differ depending on how long they have been under water limitation. Thus, it might 
be expected that the length of exposure to drought will affect the root microbiome, such 
that community composition at drought onset could be drastically different from that seen 
weeks or months later. It has already been demonstrated that root and rhizosphere 
assemblages are affected by plant age and developmental stage (Chaparro et al., 2014; 
Wagner et al., 2016), indicating that even under control watering conditions there are 
shifts in the microbiome over time. A true time series for the root microbiome over the 
course of drought exposure and plant development would serve to highlight significant 
trends in accumulation or depletion of bacterial taxa, as well as the effect of plant 
developmental stage on microbiome recruitment under drought. Furthermore, as 
discussed, community abundance and diversity responses will vary based on drought 
history of the local environment (Bouskill et al., 2013, 2016a; Göransson et al., 2013), In 
future experiments, noting the environmental context and developmental stage a study is 
conducted in would be essential for explaining potential conflicts with other research.  

With respect to the bacterial community under drought, a question that warrants future 
investigation is: what exactly are the criteria that lead to proliferation of certain bacterial 
taxa in water-limited systems? Here, we have extensively discussed divisions that might 
influence drought enrichment, including Gram-positive vs. Gram-negative, monoderm vs. 
diderm, oligotrophy vs. copiotrophy, and presence vs. absence of known PGP traits. 
However, none of these traits are universally linked with drought enrichment: for 
example, Proteobacteria are almost universally Gram-negative, yet members of 
Proteobacteria have been found in core droughted root microbiomes (Coleman-Derr et 
al., 2016). Thus, broad conclusions about susceptibility or tolerance of a given group of 
bacteria should be made carefully, as the basis for drought enrichment may in some cases 
be more complex than the presence of a certain single trait.  

In this chapter, we have attempted to summarize existing knowledge regarding the 
complex interplay between soils, plants, microbes and drought, which ultimately act to 
determine root-associated bacterial community composition. Plants are non-autonomous 
systems in their ecosystems, and much of their functioning, including nutrient uptake and 
stress response, is linked to soil bacterial communities. However, despite the importance 
of the root microbiome on plant health, as well as the increasing frequency of drought 
events due to climate change, very little research is available on the root microbiome 
under drought. This gap exists in part due to our incomplete understanding of relative 
contributions of and interactions between the various factors that produce the resultant 
bacterial communities. Future refinement and consolidation of methods by which the 
drought-root microbiome is studied will lead to a much richer understanding of these 
processes. Insight into plant enrichment of bacterial taxa under drought will identify taxa 
implicated in plant growth promotion, and in turn enhance development of microbial-
based soil amendment strategies to alleviate drought stress for crops in arid regions, thus 
boosting food security against the increasing threat of climate change.  
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Figure 1-1 

 

 

Figure 1-1. The effects of drought on soils, plants and their associated bacterial 
communities. Drought induces shifts in soil physicochemistry (upper left), plant phenotype 
(upper right), root exudation (lower right) and soil and rhizosphere microbiome function (lower 
left). These shifts are capable of influencing one other; for instance decreases in soil moisture 
availability (upper left) leads to a decrease in the rate of plant photosynthesis (upper right), which 
in turn leads to a reduction in the rate of labile carbon exudation to the rhizosphere (lower right) 
and a greater prevalence in bacteria with oligotrophic life-strategies (lower left), who are less 
reliant on such simple carbon sources. These shifts lead to a selection for specific phyla (center 
panel) within the soil, rhizosphere and root microbiome, including enrichment for many Gram-
positive, oligotrophic (middle left) phyla, and concurrent depletion of many Gram-negative, 
copiotrophic (middle right) phyla. Members of other phyla exhibit a more balanced mixture of 
enrichment and depletion (middle bottom). 
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Chapter 2 
 
 
 
Drought influences bacterial 
community dynamics across a broad 
phylogenetic framework of cereal 
grasses 
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2.1     Abstract 
Root endophytes are tightly linked to their plant hosts to the extent they can be 
effectively considered a single ecological unit (Philippot et al., 2013; Berg et al., 2016; 
Gaiero et al., 2013), and consequently have been shown to play key roles in maintaining 
host fitness under periods of abiotic stresses, including drought (Dimkpa et al., 2009; 
Yang et al., 2009). Thus, drought responses in soil and root-associated bacterial 
communities may be attributable to a number of factors, not only bacterial morphology 
and alterations in the niche space within soils and roots, but also possible plant 
enrichment for bacteria that allow them to tolerate moisture limitation. In this study, we 
present phylogenetic profiles of bacterial communities associated with droughted soils, as 
well as drought-treated root and rhizosphere tissues of eighteen species of plants 
belonging to the Poaceae family with varying degrees of drought tolerance. Through 16S 
rRNA gene profiling across two distinct watering regimes and two developmental time 
points, we identify trends in microbial community abundance in response to drought, 
including elevated abundance in class Bacilli and depletions of multiple classes within 
phylum Proteobacteria. However, of the identified trends, the most striking enrichment 
exists in a wide variety of Actinobacterial lineages during drought within the roots of all 
examined host species. This enrichment was higher within the root than it is in the 
surrounding environments, and additionally was seen in multiple environmental contexts. 
We hypothesize that the observed trend is likely the result of an overall increase in 
Actinobacterial abundance, and that proposed mechanisms for recorded elevations in 
abundance in Actinobacteria under drought are unlikely to fully account for the 
phenomena observed here. 

2.2    Introduction 
Few environmental stresses are as omnipresent and devastating to agriculture as drought, 
which annually results in billions of dollars worth of crop losses worldwide (Lesk et al., 
2016). As a natural consequence of the close relationship between plant roots and 
bacterial communities present within and on root surfaces, perturbations in plant 
physiology and metabolism relating to drought response mechanisms can be expected to 
alter the composition of the plant microbiome with potential consequences for host 
fitness (Berg et al., 2014). Alterations in local soil communities due to moisture 
limitation can be expected to also affect the root microbiome, as plants enrich for root 
endophytes from such communities. However, the effect of drought on the broader root 
endosphere bacterial community remains largely uncharacterized. 

Recent studies have noted conserved abundance shifts in soil and root environments 
under drought: for example, commonly observed trends include enrichment for bacterial 
phyla Firmicutes and Chloroflexi at the expense of Proteobacteria, Planctomycetes, 
Bacteroidetes, among others (Acosta-Martínez et al., 2014; Santos-Medellín et al., 2017). 
One trend of particular note is enrichment of phylum Actinobacteria, which has been seen 
in drought-treated soils across a range of environments (Bouskill et al., 2013, 2016) and 
in drought-treated rhizospheres in several plant species (Taketani et al., 2017; Nessner 
Kavamura et al., 2013). There are a number of proposed physiological adaptations in 
bacteria to drought stress (e.g. solute accumulation, exopolysaccharide production to 
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maintain a hydrated local environment, and spore production), and it has been suggested 
that observed relative enrichment of certain taxa is due to presence of such adaptations 
(Ngumbi and Kloepper, 2016). Membrane physiology has been hypothesized as a 
putative cause for drought resistance (Santos-Medellín et al., 2017), as many monoderm 
lineages are found to be enriched under drought at the expense of diderm ones (Xu et al., 
2017). Additionally, the spore-forming ability of Actinobacteria, which allows them to 
enter a stable and quiescent state during periods of environmental stress, would lead them 
to persist under drought conditions while less fit bacterial lineages decrease in abundance 
(Nessner Kavamura et al., 2013; Taketani et al., 2017). Whether Actinobacteria are also 
enriched within the plant root under drought, and the degree to which such enrichment 
patterns are generalizable across a broad range of hosts and Actinobacterial taxa, remains 
unknown. We hypothesize that the plant root microbiome will exhibit significant shifts 
during drought, including an increase in Actinobacteria, and while differing drought 
response mechanisms between plant clades will likely ensure these changes are at least in 
part host-specific, the root bacterial communities will all undergo significant shifts 
regardless of host species.  

Another area of interest is whether drought-induced shifts in the root microbiome are 
conserved across diverse environments. While plant phenotype plays a role in 
determining which microbes are enriched from soils, this ‘starting pool’ in the soil is 
highly dependent on a number of factors, including soil chemical characteristics as well 
as local environmental parameters such as soil moisture and climate, and management 
methods including use of soil additives, tillage, and cropping systems (Santhanam et al., 
2015; Carbonetto et al., 2014). A study of soil bacteria biogeographical patterns across a 
wide spatial scale found that soil characteristics, most notably soil pH, were strong 
predictors of bacterial community diversity and community composition (Fierer and 
Jackson, 2006), and drought has been demonstrated to induce differing abundance shifts 
by soil type (Chodak et al., 2015), suggesting that environments with distinct soil 
characteristics may provoke a different drought response in soil communities. Given that 
the local environment is often the strongest predictor of root microbiome composition, 
even outweighing host genotype in certain cases (Wagner et al., 2016; Peiffer et al., 
2013; Lundberg et al., 2012), it might be expected the drought response in root 
communities will similarly differ by environment – however, plants will maintain a 
distinct microenvironment around their roots, altering factors such as porosity and pH 
through release of ions (Hinsinger et al., 2003), so it is possible drought responses in the 
roots may be more similar across different environments than those in soils. Thus, 
incorporating multiple environments can help determine the extent to which trends in the 
root microbiome under drought are field-specific or universal, and in turn the efficacy of 
a given microbial-based crop amendment for different field settings can be evaluated. 
This question was addressed to an extent in a previous study (Santos-Medellín et al., 
2017), in which soil and root-associated microbiota under drought for four rice cultivars 
grown in three soil types were examined. In this study, they observed a consistent 
response for enrichment of Actinobacteria and Chloroflexi with concurrent reduction in 
Acidobacteria and Deltaproteobacteria; however, the study in question failed to account 
for distinct climatic variables that would be present at the original environments from 
which these soils were taken, as all replicates were taken from identical controlled 
greenhouse conditions. Other environmental factors that might differ by sites, such as soil 
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moisture and temperature, have been shown to be strong determinants in rhizosphere 
community composition (Nuccio et al., 2016). We hypothesize that drought trends will 
be broadly similar across field settings, and this similarity will be to a greater extent in 
roots than in soils, but the specific field and environmental context will prevent these 
trends from being identical. 

 To test these hypotheses, we analyzed bacterial community composition in soils 
and in root-associated samples (rhizosphere and root endosphere) for eighteen grass 
lineages in the Poaceae clade (with tomato as an outgroup), grown in a common field 
under control and drought conditions. Through 16S rRNA gene profiling across two 
distinct watering regimes and two developmental time points, we identify trends in 
microbial community abundance in response to drought. We show that all experimental 
factors, including sample type (root/rhizosphere/bulk soil), watering treatment, time 
point, and species (‘species’ referring to host plant species, rather than bacterial species), 
significantly influence diversity in these communities. We find enrichment in a wide 
variety of Actinobacteria lineages during drought within the roots of all examined host 
species, and this enrichment is higher within the root than it is in the surrounding soil 
environment. Replication of this experiment with a subset of plant host species at a 
separate field site with distinct characteristics showed similar trends for Actinobacterial 
enrichment, albeit with pronounced dissimilarities we hypothesize as being attributable to 
differences in soil and climatic variables. We argue that the observed enrichment is likely 
the result of an absolute increase in Actinobacterial abundance, rather than a relative 
increase; furthermore, previously hypothesized mechanisms that may enhance bacterial 
dessication tolerance, such as sporulation, are unlikely to fully account for the 
phenomena observed here within the root.  

2.3    Results 
We planted eighteen grass lineages [Table 2-1] including varieties of wheat, rye, barley, 
oat, Brachypodium, tall fescue, sorghum, Indian grass, Miscanthus, plume grass, maize, 
millet, and tef, as well as one dicot species, tomato, as an outgroup. Plants were grown in 
five replicated randomized blocks [Figure 2-2] within our experimental field, the Gill 
Tract in Albany, CA. As plant developmental stage has been implicated as a factor 
shaping the root microbiome (Yuan et al., 2015; Chaparro et al., 2014), and as drought 
has different effects on host physiology depending on when it occurs in development 
(Fang and Xiong, 2015), we used two distinct treatments for drought-treated replicates. In 
half of each of the five full factorial replicate blocks, we imposed drought for non-control 
plants at week 4 and harvested 3 weeks later before most plants had flowered; in the other 
half of the five blocks we imposed drought for non-control plants at week 6 and 
harvested 8 weeks later after the majority of plants had flowered. This design allowed us 
to obtain samples from both pre-flowering (early) and post-flowering (late) time points. 
To test whether irrigation treatments had a significant effect on both plant growth and 
available soil moisture, all samples in the five replicate blocks belonging to the late time 
point were used to measure aboveground shoot biomass and soil water content. Both 
biomass and soil moisture were significantly lower under drought [Figure 2-3], 
suggesting both environment and plant were affected, even across the broad range of 
hosts.  
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To obtain microbiome data, all samples from three replicate blocks, including both early 
and late time points, were harvested and bacterial communities in root, rhizosphere, and 
bulk soil samples were examined. We chose to focus on bacterial communities because of 
their demonstrated potential for plant growth promotion during periods of drought 
(Casanovas et al., 2002; Marasco et al., 2012), their responsiveness to drought in soils 
(Bouskill et al., 2013), and their relative abundance within the root microbiome (Shakya 
et al., 2013; de Souza et al., 2016). By comparison, fungal communities in soils and 
rhizosphere have been observed to remain relatively similar between drought and control 
conditions (Barnard et al., 2013; Blazewicz et al., 2014), and archaea are a relatively 
minor component of the total community in agricultural sites (Taketani et al., 2015). 
Community analyses were performed using paired-end sequencing of the V3-V4 region 
of the ribosomal 16S rRNA on an Illumina MiSeq platform, generating 57,380,917 reads 
[Table 2-4]. These raw sequence data were demultiplexed, trimmed, quality-filtered, 
clustered, and assigned taxonomies, resulting in a reduction to 25,694,125 read counts 
which mapped to 8,434 distinct OTUs (Operational Taxonomic Units) based on 97% 
similarity threshold. After removing low abundance OTUs and normalizing to account 
for differences in read depth, the dataset included 2,760 OTUs representing 32 distinct 
phyla of bacteria. 

2.3.1    Environmental and host factors exert a significant effect on 
community diversity 

To investigate how bacterial alpha-diversity was affected by sample type, time 
point, species and watering treatment, Shannon’s Diversity index was calculated for each 
sample. ANOVA analysis revealed that all four factors had significant effects, and that 
sample type had the greatest effect on diversity [Table 2-5]. Alpha-diversity decreases 
significantly from soil to root, as found in similar previous studies (Rascovan et al., 
2016), although rhizosphere diversity was not significantly lower than that in the soil. 
Within the nine most abundant bacterial classes, alpha-diversity was more affected by 
sample type for some than others. The class Actinobacteria displayed the most significant 
decrease in alpha-diversity in roots [Figure 2-6, Table 2-7], and this was attributed 
mainly to one genus, Streptomyces, which was greatly enriched in roots relative to soils, 
representing up to 50% of all Actinobacteria read counts [Figure 2-8]. Of the remaining 
three factors, treatment had the greatest effect, followed by species and time point. For 
treatment, median values of Shannon’s Diversity were lower for drought than for control 
in all pairwise combinations of sample type and time point, though Tukey’s post hoc tests 
indicated these differences were only significant at early time points [Figure 2-9a].  

 To determine which factors most influenced differences in community structure 
between samples, we investigated beta-diversity through principal coordinate analysis 
(PCoA) using Bray-Curtis dissimilarities generated for all samples [Figure 2-9b]. 
Together, the first two axes explained 35.4% of the variance, with the primary axis 
(27.6%) primarily distinguishing samples by sample type and the secondary axis (7.6%) 
by watering treatment [Figure 2-9b]. PCoA based on weighted UniFrac distances 
[Figure 2-11] supported similar trends, with the two axes explaining a greater proportion 
of variance (37.6% and 17.4% respectively). To investigate the amount of variance in the 
dataset attributable to each of our experimental variables, we used Canonical Analysis of 
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Principal Coordinates (CAPS), which allows for constrained evaluation of each 
experimental factor. After separating the dataset into groups based on sample type and 
watering treatment, which were the two most significant factors [Table 2-12a], nearly all 
remaining factors were significant in all sample groups, but host species explained a 
relatively large proportion of variance in both rhizosphere and root under both watering 
treatments [Figure 2-9c, Table 2-12b]. Interestingly, the level of variance explained by 
host species was not significantly greater in drought than control samples, contradicting 
our hypothesis that drought might increase the effect of host species on community 
composition. Indeed, when using weighted UniFrac distances, the variance attributable to 
host species was lower under drought than control conditions [Figure 2-11b], suggesting 
that drought may instead induce conserved shifts in the root and rhizosphere microbiome 
across our eighteen grass hosts.  

Finally, a smaller experiment to test the effect of drought on fungal communities 
was performed using fungal-specific ITS2 amplicon sequencing of samples belonging to 
only the early time point from one replicate block. Despite bacterial 16S sequences 
displaying clear segregation between control and drought samples, especially at the early 
time point, these trends were not reflected in fungal sequences. Through PCoA and 
CAPS analyses, we observed that while sample type (root/rhizosphere/soil) was highly 
significant, drought had no significant effect on community composition in any of the 
three sample types [Figure 2-13], as had been reported recently for comparative analyses 
of dry and wet soils (Barnard et al., 2013).  

2.3.2    Community trends under drought include a universal 
enrichment for Actinobacteria 

We next investigated changes in relative abundance patterns associated with drought, 
which are broadly illustrated in Figure 2-14a. Significant enrichment under drought was 
also observed for class Bacilli, whereas Acidobacteria and Deltaproteobacteria were 
relatively diminished. By contrast, both Betaproteobacteria and Alphaproteobacteria 
showed altered patterns of enrichment depending on sample type [Figure 2-14b]. 
Furthermore, other classes (Solibacteres, Gammaproteobacteria) displayed non-
significant enrichment trends regardless of sample type or time point, despite reports of 
their parent phyla (Acidobacteria and Proteobacteria, respectively) showing significant 
shifts under drought (Santos-Medellín et al., 2017). As has been reported for drought-
treated soils and rhizosphere (Blazewicz et al., 2014; Taketani et al., 2017), the most 
striking change observed was enrichment for Actinobacteria [Figure 2-14a]. Notably, 
this enrichment was most pronounced in the roots, where Actinobacteria exhibited a 3.1-
fold increase, as compared to 2.3-fold and 1.5-fold enrichment in rhizospheres and soils, 
respectively.  

To determine if these trends were driven by many or few members of each 
bacterial class, we investigated enrichment patterns in roots for all bacterial genera 
identified as indicators of either drought or control treatments through Indicator Species 
Analysis (ISA) (Dufrene and Legendre, 1997) [Figure 2-14c]. All indicator genera 
belonging to both Actinobacteria (52) and Bacilli (8) were enriched under drought 
relative to control – in fact, there were no Actinobacteria genera identified as indicators 
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of the control treatment in any sample type [Figure 2-15]. By contrast, most indicator 
genera belonging to other classes exhibited enrichment under control conditions [Figure 
2-14c]. A phylogenetic reconstruction of all indicator Actinobacterial lineages [Figure 2-
16] showed that while 33% of genera are enriched under drought in all sample types, the 
majority were specifically enriched in either roots and/or rhizosphere 
(Saccharopolyspora, Actinopolymorpha, Glycomyces) or exclusively in soils (Kribbella, 
Curtobacterium, Nonomurea), and that there was no overarching trend with respect to 
Actinobacterial taxonomy and sample type-specific enrichment patterns.  

2.3.3    Replication at an additional field site reveals similar trends 

An additional field site located at the Kearney Agricultural Research station in Parlier, 
CA represents an environment with distinct soil and climatic characteristics from the Gill 
Tract [Table 2-17]. Therefore, we incorporated Kearney as a field site in order to 
determine the strength of the ‘field site effect’, i.e. if environmental context outweighed 
treatment- and species-specific trends in the microbiome, and also to see to what extent 
trends from our main field site were replicable across environments.  

Replication of our experiment at Kearney with a subset of the original array of host 
species and one (early) time point showed largely similar trends between fields. 
Investigations into phenotypic characteristics such as biomass [Figure 2-18] and soil 
relative water content [Figure 2-19] were comparable between the two fields, although 
soil relative water content differences between control and drought treatments were more 
pronounced at Kearney, perhaps due to the lower clay content and hotter summer 
temperatures at this site hindering soil water retention and hastening evaporation [Table 
2-17]. Analysis of diversity trends confirms that when taken into account, field site far 
outweighs treatment and even sample type as explaining the greatest variance [Figure 2-
20]. Interaction terms between field site and other experimental factors including 
treatment and host species were also significant [Table 2-21].  

When community abundance trends by field site were further investigated, the observed 
Actinobacterial enrichment under drought in our primary field site was also reflected at 
the Kearney site [Figure 2-22a, Figure 2-23a]. The effect was particularly pronounced in 
the roots (2.8-fold enrichment) compared to rhizospheres (2.0-fold) and soils (1.1-fold), 
and the difference between root and soil enrichment levels was almost 50% greater than 
at our primary field site. Most Actinobacterial genera enriched under drought at our Gill 
Tract field site were also enriched at the Kearney field site [Figure 2-22b], with two 
exceptions (Catellatospora and Virgisporangium) that were enriched under control 
conditions. However, overlap in the enrichment patterns were not limited to 
Actinobacteria; while there were some discrepancies, most bacterial lineages identified as 
enriched under drought or control in the Gill Tract had similar patterns when their 
respective abundance trends at the Kearney site were examined [Figure 2-22b, Figure 2-
23b]. Nevertheless, the two fields had distinct trends [Figure 2-24a] – for example, only 
about half of lineages identified as indicator lineages at the Gill Tract were similarly 
identified as indicators at Kearney [Figure 2-24b,c].!! 
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2.3.4    Bioinformatic and ddPCR investigation negates a putative role 
for sporulation in Actinobacteria enrichment 

As some genera of Actinobacteria sporulate under unfavorable environmental conditions 
(BERGEY’S, 2010), the relative increase in abundance observed here and in recent 
studies has been hypothesized to be due to DNA replication and cell division inherent to 
sporulation (Taketani et al., 2016); if true, the resulting cells would be largely quiescent 
and perhaps unlikely to affect community function (McCormick and Flärdh, 2012). To 
test this hypothesis, we documented all Actinobacterial lineages with genus level-
classifications enriched under drought in all sample types (32). A literature search 
indicated that only half of these lineages have been observed to form spores [Figure 2-
25]. Similarly, a bioinformatic analysis of representative sequenced genomes indicated 
that only half of these genera contain copies of two genes (ssgB and bldD) essential to 
Actinobacterial sporulation (Bush et al., 2015), although absence of a gene does not 
necessarily preclude absence of the corresponding trait. An alternative explanation for the 
observed enrichment could be that Actinobacteria do not in fact increase in absolute 
abundance, but instead other bacterial lineages perish under these conditions, leading to 
the observed relative increase. To test this hypothesis, we performed quantification of 
absolute abundance of Actinobacteria in roots under both drought and control conditions 
using digital droplet PCR [Figure 2-26]. The results demonstrate that Actinobacteria 
exhibit a marked increase in absolute abundance in drought-treated roots for all C3 and 
C4 grass hosts tested [Figure 2-26]. Taken together, the above analyses suggest that 
neither decreases in the abundances of other taxa nor sporulation are likely to be the only 
factors responsible for enrichment of Actinobacteria under drought in roots observed 
here, although further experimental evidence is needed to test how universal these 
patterns are.  

2.4    Discussion 
To our knowledge this study represents the first major investigation of the role of drought 
in determining root endosphere microbiome composition. Here we identified watering 
treatment as a significant factor in determining community composition within root 
communities; drought was found to explain 8.8% and 9.9% of variance within the root 
and rhizosphere, as compared to 5.6% within soils. While drought induced many changes 
in microbiome composition, the most pronounced change at the class level was an 
increase of Actinobacteria. While enrichment of Actinobacteria under drought has been 
reported in soils (Bouskill et al., 2013; Hayden et al., 2012; Bouskill et al., 2016) and 
rhizosphere (Taketani et al., 2016; Nessner Kavamura et al., 2013), enrichment has not 
been reported in the root endosphere, nor have abundance trends been compared between 
these distinct microhabitats. Our observation that enrichment of Actinobacteria under 
drought is significantly higher in the root endosphere compared with either rhizosphere or 
bulk soil suggests that while Actinobacterial enrichment under drought is not unique to 
roots, it is enhanced by them. Indeed, 24 genera, including Saccharopolyspora, 
Glycomyces, Actinopolymorpha, were exclusively significantly enriched in roots and 
rhizosphere and not in surrounding soil. The observed enrichment in Actinobacteria 
under drought treatment within roots was found in two field sites, suggesting these results 
may be generalizable not only across different plant hosts, but across distinct 
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environments as well. Additionally, while levels of enrichment for individual 
Actinobacterial lineages were largely consistent across all hosts, there were notable 
exceptions. For example, an Actinobacteria genus with the most significant enrichment 
under drought in grass roots (20.3-fold), Glycomyces, had the opposite pattern in tomato. 
Further comparative genomic analyses and functional studies using these lineages that 
exhibit sample type- and host-specific enrichment patterns might help decipher 
underlying mechanisms involved in this process. 

The general enrichment of nearly all Actinobacteria under drought suggests that the force 
driving this enrichment is related to one or more conserved properties of the 
Actinobacterial lineage. For example, among bacteria, they are highly tolerant of life in 
arid environments (Stevenson and Hallsworth, 2014; Pearce et al., 2013; Bull and 
Asenjo, 2013; Cherif et al., 2015) where other bacterial lineages have difficulty 
surviving, thanks in part to their ability to form spores. Our observation that only about 
half of drought-enriched Actinobacteria in our study are likely capable of forming spores 
suggests sporulation is not fully responsible for their prevalence under drought observed 
here. Additionally, the two Actinobacteria genera observed to be enriched under control 
conditions in the Kearney dataset are both reported to be capable of forming spores, 
suggesting that the ability to form spores does not necessarily lead to enrichment under 
drought conditions (BERGEY’S 2010); however, the evidence presented in this study is 
based on reports in the literature and bioinformatic analyses, and further experimental 
evidence is needed to determine whether this pattern holds true for other lineages and in 
other environments and hosts.  

Alternatively, the strong enrichment for Actinobacteria within plant-associated samples 
could be the result of direct or indirect effects due to drought-induced changes in plant 
root traits, exudation patterns, or changes in niche opportunities on and inside the root 
surface. One putative mechanism for this selection could include shifts in cell wall 
biochemistry, as plants are known to modulate cell wall components in response to 
drought (Gall et al., 2015) and as Actinobacteria are capable of responding to and 
utilizing some of these compounds - possibly as part of their own drought response (Pold 
et al., 2016). Whether this selection is ultimately beneficial for the host remains unclear. 
Many Actinobacteria, particularly members of order Actinomycetales, are known 
saprophytes (Solans, 2007) with the capability to degrade relatively recalcitrant plant 
polymers, such as lignin and suberin (Komeil et al., 2013; de Gonzalo et al., 2016). 
However, three drought-tolerant strains of the Actinobacteria genus Streptomyces were 
shown to enhance wheat seedling vigor in water-stressed soils (Yandigeri et al., 2012); 
additionally, Actinobacteria were reported to alleviate drought stress in peppers (Marasco 
et al., 2012). The highly conserved nature of this enrichment across both diverse hosts 
and microbes suggests to us that this is an ancient and potentially mutually beneficial 
relationship, though further molecular and biochemical analyses will be necessary to 
explore this hypotheses.  

Drought is an important selective pressure that may drive plant and bacterial evolutionary 
responses (terHorst et al., 2014). The influence of drought on bacterial communities in 
soils is increasingly recognized (Pold et al., 2016; Sheik et al., 2011); this study adds to 
this emerging field by showing that drought significantly impacts the composition and 
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diversity of the plant root microbiome, and that recently observed enrichments in 
Actinobacteria under drought are in fact more pronounced in root endosphere than in the 
surrounding soils. Our research suggests that previously hypothesized causes for this 
enrichment in soils, including sporulation and relative fitness in dry environments, are 
unlikely to fully explain the enrichment observed here in roots. Further research aimed at 
understanding the causes and consequences for this highly conserved relationship 
between an entire class of bacteria and many species of plants will be important for 
improving our understanding of the role that environmental parameters play in shaping 
plant-bacterial interactions. 

2.5 Methods 
Primary Field Experimental Design. The primary experimental field used in our 

study is an agricultural field site (the Gill Tract) located in Albany, CA [37.8864° N, 
122.2982° W] characterized by a silty loam soil with low pH (5.2), clay-heavy, and 
magnesium-rich [Supplemental Table ST1]. During the previous twenty years, this field 
has been primarily cultivated with maize, with periodic rotations of tomato, sunflower 
and other cereal crops. Through preliminary tests with germplasm of approximately fifty 
candidate grasses, we had determined that all of the species used in this study were able 
to grow in this soil type. The nine C3 and nine C4 grasses and tomato germplasm used in 
the primary study include nine C3 species (two varieties of Triticum aestivum (TaB and 
TaG), Triticum monococcum (Tm), Triticum turgidum (Tt), Secale cereale (Sc), 
Hordeum vulgare (Hv), Avena sativa (As), Festuca arundinaceae (Fa), Brachypodium 
distachyon (Bd)), nine C4 species (two varieties of Sorghum bicolor (SbA and SbH), 
Sorghum laxiflorum (Sl), Sorghastrum nutans (Sn), Miscanthus sinensis (Ms), 
Bothriochloa bladhii (Bb), Zea mays (Zm), Pennisetum americanum (Pa), Eragrostis tef 
(Et)), and an outgroup, Solanum lycopersicum (Out). 

To prepare plants, seeds were first surface sterilized through soaking 5 min in 
50% bleach + 0.1% Tween-20, followed by at least 3 washes in sterile H20. Four species 
(B. distachyon, A. sativa, T. monococcum, T. aestivum) had glumes that were removed 
prior to sterilization in order to aid germination. Sterilized seeds were transferred to 
sterile 0.8% agar plates (approx. 6-12 per plate, depending on seed size), sealed with 
surgical tape, and allowed to sit at 27°C in a Percival growth chamber for 3-7 days until a 
majority of seed had germinated. 2-3 germinated plants were sown in 7.6 cm pots with 
field soil, and grown in a growth chamber for 2 weeks under a 24°:20°C, 16:8 L/D cycle. 
After two weeks, plants were transplanted into the field. The field consisted of five 
replicate plots (or blocks) and four plants were transplanted into each replicate block. 
Each block was a full factorial replicate of the treatments, in the sense that all 
combinations of the two time points, two watering treatments, and the 19 species were 
grown in each block. Within the block, the physical assignment of the plant locations to 
treatments was nested: each replicate block was divided into two subplots, corresponding 
to each time point; each time point subplot was further divided into two sub-subplots 
corresponding to the two watering treatments; within each water treatment sub-subplot of 
a replicate, the position of plant species was randomly assigned [Figure 2-2]. To help 
seedlings adjust to field conditions, plants were covered with Reemay (Avintiv, 
Charlotte, NC) for one week to deter herbivory and maintain relatively stable temperature 
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and humidity, after which point plastic netting approximately 0.91m high was added to 
do the same while allowing for free airflow and sunlight. Subsequently, plants were 
watered for ~1 hr, 3x per week using drip irrigation with 1.89 L /hour rate flow emitters, 
which is the equivalent of 5.67 L per plant per week.  

For the early (pre-flowering) time point, we imposed drought 2 weeks post-
transplantation and harvested 5 weeks post-transplantation. For the late (post-flowering) 
time point, we imposed drought 4 weeks post-transplantation, and harvested at 12 weeks 
post-transplantation. For the duration of the experiment plants were monitored to ensure 
drought conditions did not induce lethality, and plots were regularly weeded to remove 
possible confounding plant factors that could influence the microbiome. At collection 
time, the percentage of plants that had transitioned from vegetative to reproductive 
growth was 2.1% at the early time point (almost entirely attributable to Solanum 
lycopersicum), in contrast to 93.4% at the late time point (Miscanthus sinensis was the 
only plant that had not flowered). For soil moisture content and plant biomass, samples 
were collected at harvest time in all five replicate blocks. For plant biomass 
measurements, above ground biomass was measured by removing the aerial portion of 
the plant and measuring fresh weight in the field. Due to the quantity and volume of these 
samples, dry weight measurements were not collected. For soil moisture content analyses, 
approximately ten cubic cm of soil was collected using a 15 cm soil corer (Forestry 
Suppliers Inc, Jackson, MS) inserted approximately 20.3 cm from the stem of each plant; 
these soil samples were stored in 15 mL Falcon tubes, transported to the lab, weighed and 
dried in a 80°C oven for three days. Samples were reweighed and soil moisture content 
was determined by subtracting one from the ratio of the initial measurement to the final 
measurement.  

 For microbiome data, bulk soil, rhizosphere, and root samples were collected 
from three replicate blocks (due to limitations in time and funding available, only three of 
the five replicate blocks were used for microbiome analyses) and gDNA prepared as in 
(Coleman-Derr et al., 2016) with minor modifications, for 206, 207, and 211 soil, root, 
and rhizosphere samples. Root systems were excavated from the top 25 cm of soil, 
shaken briefly to remove excess soil, and root tissue was collected and stored in epiphyte 
removal buffer (0.75% KH2PO4, 0.95% K2HPO4, 1% Triton X-100 in ddH20; filter 
sterilized at 0.2 µM) on ice. Samples were then sonicated for 10 min at ‘Low’ in a 
Diagenode Bioruptor (Diagenode Inc., Denville, NJ); residual soil remaining at the 
bottom of the tube after this step was retained as ‘rhizosphere soil’, whereas the roots 
were transferred to a new tube, rinsed twice with sterile water, and stored in with sterile 
epiphyte removal buffer. All samples were stored at -80°C until DNA extraction. 

 DNA Extraction. For bulk soil and rhizosphere soil samples, total gDNA was 
isolated using MoBio PowerSoil DNA Isolation Kit® (catalog No. 12888-100) according 
to the manufacturer’s directions (MoBio Inc., Carlsbad, CA), apart from the modification 
of using 0.30-0.40 g soil sample for rhizosphere samples to compensate for the added 
weight of epiphyte removal buffer. Samples were eluted in 50 µL sterile DNase-free H20. 
For root endosphere samples, roots were thawed on ice, washed 2x in sterile H20, and 
subsequently 600-700 mg root tissue was frozen in liquid N2 and homogenized using 
mortar and pestle. To the powdered sample, 2x volume CTAB buffer was added (100 
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mM Tris-HCl pH 8.0, 20 mM EDTA, 1.4 M NaCl, 2.5% cetyl trimethylammonium 
bromide) and samples were incubated at 65°C with 1200 rpm shaking for 1 hour. Tubes 
were then centrifuged 5 min at 12,000 rpm, supernatant transferred to a new tube and 
washed with equal volume of 24:1 chloroform:isoamyl alcohol, and centrifugation 
repeated. Aqueous phase was incubated with 0.6-1.0x volume ice-cold isopropanol at -
20°C for 20-30 min to aid in DNA precipitation. Centrifugation was repeated, the pellet 
washed with 70% EtOH and then the dried pellet was eluted in 50 µL DNase-free sterile 
H20. A further cleanup step was performed using a modified MoBio PowerSoil kit 
protocol supplied by the manufacturer to remove remaining humic substances that can 
inhibit PCR reactions. Use of different protocols for DNA extraction between sample 
types may have contributed to the size of the effect in community differences between 
roots and soil-derived samples (soils and rhizospheres). To test if DNA extraction method 
had a significant effect on community diversity patterns, we conducted direct 
comparisons of 16S rRNA data generated using the two different extraction methods, 
CTAB followed by MoBio PowerSoil Clean-Up (used on all root samples in the larger 
dataset) and direct MoBio PowerSoil (used on all soil-derived samples in the larger 
dataset) on a set of 22 root samples. We found no significant effect of DNA preparation 
method in these analyses [Table 2-10, Figure 2-27]. The gDNA extraction yielded a total 
of 213, 211, and 210 soil, root, and rhizosphere samples, respectively. 

16S Library Preparation. Samples were amplified using a dual-indexed 16S 
rRNA Illumina iTags primer set specific to the V3-V4 region (341F (5’-
CCTACGGGNBGCASCAG-3’) and 785R (5’-GACTACNVGGGTATCTAATCC-3’) as 
described in (Takahashi et al., 2014) using 5-Prime Hot Master Mix® (catalog # 
2200410). Reactions included 11.12 µL DNase-free sterile H20, 0.4 µg BSA, 10.0 µL 5-
Prime Hot Master Mix, and 2 µL template, and 0.75 µM PNAs (Lundberg et al., 2013) 
targeting host derived amplicons from both chloroplast and mitochondria 16S sequences. 
PCR reactions were performed in triplicate in separate thermocyclers (to account for 
possible thermocycler bias) with the following conditions: initial 3 min cycle at 94°C, 
then 30 cycles of 45 sec at 94°C, 10 sec at 78°C, 1 min at 50°C, and 1.5 min at 72°C, 
followed by a final cycle of 10 min at 72°C. Triplicates were then pooled (192 samples 
per library) and DNA concentration for each sample was quantified using Qubit reader. 
Pools of amplicons were constructed using 100 ng for each PCR product. Before 
submitting for sequencing, pooled samples were cleaned up with 1.0X volume Agencourt 
AMPureXP® (Beckman-Coulter, West Sacramento, CA) beads according to the 
manufacturer’s directions, except for the modifications of using 1.0X rather than 1.6X 
volume beads per sample, dispensing 1500 µL 70% EtOH to each well rather than 200 
µL, and eluting in 100 µL DNase-free H20 rather than 40 µL. An aliquot of the pooled 
amplicons was diluted to 10 nM in 30µL total volume before submitting to the QB3 
facility at UC Berkeley for sequencing using Miseq PE x 300 with v3 chemistry. In total, 
206, 207, and 211 soil, root, and rhizosphere samples, respectively, were submitted for 
sequencing. As the data was distributed across a total of six sequencing runs, we 
performed an ANOVA analysis across all samples using Shannon’s Diversity to 
determine whether sequencing run had any significant effect on the dataset [Table 2-5]. 
This analysis revealed that while sequencing run has a significant effect, the size of this 
effect is small relative to the other major factors in our analysis, explaining 
approximately 1.5 % of total variance. Additionally, all samples were randomly 
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distributed across sequencing runs according to treatment, species, and time point, so that 
plate effects should not impact our measurement of the size of effects attributable to these 
factors. However, samples were not fully randomized by block and sample type, making 
it challenging to disentangle the potential confounding effect of plate from analyses 
pertaining to these factors.  

Clustering. Raw reads were processed using the iTagger pipeline (Tremblay et 
al., 2015) developed at the Joint Genome Institute. This pipeline wraps several packages 
for the filtering, merging, clustering and taxonomy assignment, including CUTADAPT, 
FLASH, USEARCH, and RDP (Wang et al., 2007; Edgar, 2010; Magoc and Salzberg, 
2011; Martin, 2011). In brief, after filtering 57,380,917 16S raw reads for known 
contaminants (Illumina adapter sequence) and PhiX, primer sequences were trimmed 
from the 5’ ends of reads. Low-quality bases were trimmed from the 3’ ends prior to 
read1 and read2 assembly with FLASH. The remaining 45,977,229 high-quality merged 
reads were clustered using an iterative clustering algorithm with simultaneous chimera 
removal using UPARSE (Edgar, 2013). The iterative clustering starts at 99% identity and 
each iteration is performed at 1% decreasing increments of percent identity until the final 
threshold (97%) is reached. This process is designed to provide faster processing and to 
allow processing of larger datasets that are normally able to processed with the 32-bit 
version of the software. This iterative clustering switches between single and multi-
threaded clustering to reduce runtime. The pipeline also tracks cluster members 
throughout the clustering process, to eliminate the need for a final mapping and counting 
step. This process yielded 25,694,125 read counts that mapped to 8,434 operational 
taxonomic units (OTUs) at 97% identity. The nearly 50% reduction in read counts results 
in high quality reads with low chimeric content, but may lead to global underestimate of 
number of observed species (Kopylova et al., 2016); for this reason, we caution against 
direct comparisons to alpha diversity levels obtained in other experiments and datasets. 
Taxonomies were assigned to each OTU using the RDP Naïve Bayesian Classifier (Wang 
et al., 2007) with custom reference databases. For the 16S V4 data, this database was 
compiled from the May 2013 version of the GreenGenes 16S database (DeSantis et al., 
2006), the Silva 16S database (Quast et al., 2013) and additional manually curated 16S 
sequences, trimmed to the V4 region. After taxonomies were assigned to each OTU, we 
discarded 1) all OTUs that were not assigned a Kingdom level RDP classification score 
of at least 0.5, 2) all OTUs that were not assigned to kingdoms Bacteria. To remove low 
abundance OTUs which are in many cases artifacts generated through the sequencing 
process, we removed OTUs without at least 5 reads in at least 5 samples, which yielded 
2,760 high-abundance OTUs (respectively) for downstream analyses. These thresholds 
were found to be suitable using technical replicates in a similarly sized dataset published 
previously (Coleman-Derr et al., 2016). To account for differences in sequencing read 
depth across samples, and in particular to deal with the low read counts obtained from 
root endosphere samples, all samples were rarefied to 10,000 reads per sample; OTUs 
which were reduced to less than one read per OTU after rarefaction were discarded to 
yield 6,120,000 measureable, rarefied reads for downstream analysis. In total, 201, 200, 
and 211 soil, root, and rhizosphere samples were included in downstream analysis.  

Actinobacterial-specific ddPCR. We used ddPCR as a means to quantify 
absolute abundance shifts in Actinobacteria sequences present in gDNA samples from 
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control and drought-treated root samples. Template concentrations were first normalized 
to 5 ng/µL to ensure differences in PCR product concentration were due to differences in 
absolute abundance in the initial root samples. Digital droplet PCR using Bio-Rad 
QX200 Droplet Reader™ (Bio-Rad, Hercules, CA) was performed according to 
manufacturer’s instructions. The reaction volume was 20 µL, including 900 nM 
Actinobacteria-specific primers (Act920F3/Act1200R (Bacchetti De Gregoris et al., 
2011) and Act664F/Act941R (Yang et al., 2015)), 1x EvaGreen supermix, and 1 ng 
template DNA. Droplets were generated using 20 µL sample and 70 µL oil; 30 µL 
droplets were used for amplification, with the following conditions: 5 min at 95°C, then 
40 cycles of 30 sec at 95°C, 1 min at 61.5°C, followed by 5 min at 4°C, 5 min at 90°C, 
and holding at 4°C. All steps were performed with a slow ramp rate of 2°C/second. Plates 
were promptly analyzed after conclusion of PCR runs using the aforementioned droplet 
reader. The Actinobacteria specific primers used here have reported specificities of 
91.8% and 99.4% respectively, according to in vitro sequence based analyses. In silico 
analyses using SILVA TestPrime (Quast et al., 2013) with zero allowed mismatches 
revealed similar specificity values of 87.8% and 99.3%. 

Statistical Analyses. All statistical analyses were performed in R using the 
normalized reduced dataset with 2,760 OTUs and 612 samples, with each sample 
containing 10,000 reads, unless stated otherwise. For plant and soil phenotype data, 
Gaussian Kernel Density Estimate plots were generated using ggplot2, and ANOVA 
analyses were performed with function aov using full interactions. For alpha-diversity 
measurement, Shannon’s Diversity was calculated as eX, where X is Shannon’s Entropy 
as determined with the diversity function in the R package vegan (Oksanen et al., 
2016). Gaussian Kernel Density Estimate plots were generated using ggplot2, and 
ANOVA analyses were performed with function aov using full interaction between 
Sample Type, Treatment, and Time Point. All interactions except Treatment: Time Point 
were found to not be significant. A Tukey’s Posthoc test was performed using function 
TukeyHSD in the stats package and with HSD.test in the package agricolea to 
test which levels were significantly different from one another.  

Principal coordinate analyses were performed with the function pcoa in the R 
package ape (Paradis et al., 2004), using either Bray-Curtis distance obtained from 
function vegdist in the R package vegan (Oksanen et al., 2016), or the UniFrac 
distance obtained from the R package phyloseq (McMurdie and Holmes, 2013). For 
UniFrac distances, trees were built with default parameters using FastTree (Price et al., 
2010) with an alignment constructed in Muscle (Edgar, 2004). Ordinations were done 
using the first two Principal Coordinate Axes. Canonical Analysis of Principal 
Coordinates (CAPS) was performed for subsets of the data corresponding to each 
pairwise combination of Sample Type and Treatment to test the amount of variance 
explained by Species, Time Point, and Replicate, using the capscale function in the R 
package vegan (Oksanen et al., 2016); an ANOVA like permutation test using the sum 
of all constrained eigenvalues was performed to determine the percent variance explained 
by each factor using the function anova.cca in the R package vegan. Confidence 
intervals around each factor's amount of explained variance were generated using the 
nonparametric bootstrap with 1,000 bootstrap samples. 
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Indicator species analyses run on all roots, rhizosphere and soils to determine 
genera that were enriched for either drought or control treatments were performed using 
the function indval in the R package labdsv (Roberts, 2016), with p-values based on 
permutation tests run with 86,000 permutations. To account for multiple testing 
performed for all genera in our dataset, multiple testing correction was performed with an 
FDR of 0.05 using the p.adjust function in the base R package stats.  

For genomic analysis of the spore-forming ability of the drought enriched 
Actinobacterial lineages, gene sequences for bldD [NP_625769.1] and ssgB 
[BAD00037.1] were screened using IMG (Markowitz et al., 2014) against a 
representative fully sequenced genome for each of the Actinobacterial genera. Three 
additional single copy genes (ef-Tu, gyrB, recA) were also used in this query to test for 
genome completeness.  

Secondary Field Site Dataset. In the summer of 2016, we repeated our field 
experiments using an additional site located at the Kearney Agricultural Research station 
[36.6008° N, 119.5109° W], run by the University of California, and has sandy loam soils 
with a silty substratum with neutral pH (7.37) [Table 2-17]. Plants were grown, 
transplanted, harvested, processed, and 16S rRNA libraries were prepared, sequenced and 
analyzed as described in the previous sections, with the following exceptions: due to 
limitations in time and funding, (a) only the early time point was used, and (b) a subset 
consisting of seven species (Triticum aestivum B, Triticum turgidum, Avena sativa, 
Sorghum bicolor A, Sorghum bicolor H, Pennisetum americanum, and Zea mays) were 
selected. Raw sequencing data were deposited in the NCBI Short Read Archive (SRA), 
BioProjectID PRJNA369551, accession number SRP098753. 

DNA Extraction Method Dataset. To test if DNA extraction method had a 
significant effect on community diversity patterns, we conducted direct comparisons of 
16S rRNA iTag data generated using the two different extraction methods, CTAB 
followed by MoBio PowerSoil Clean-Up (used on all root samples in the larger dataset) 
and direct MoBio PowerSoil (used on all soil-derived samples in the larger dataset) on a 
set of 22 root samples. Samples used in this experiment were derived from plants grown, 
transplanted, harvested, as part of the secondary field site dataset (see above) and 
corresponded to seven species of plants (Triticum aestivum B, Triticum turgidum, Avena 
sativa, Sorghum bicolor A, Sorghum bicolor H, Pennisetum americanum, and Zea mays). 
Following the differential processing using the two DNA extraction methods outlined 
above, 16S rRNA amplicon libraries were prepared, sequenced and analyzed as described 
in the previous section. Raw sequencing data were deposited in the NCBI Short Read 
Archive (SRA), BioProjectID PRJNA369551, accession number SRP098753. 

Fungal ITS2 Dataset. A secondary experiment to test the effect of drought on 
fungal communities was performed using ITS2 amplicon sequencing of all soil, 
rhizosphere and root samples belonging to only the early time point from one replicate 
block. Samples used in this experiment were derived from gDNAs from plants grown, 
transplanted, harvested, processed as part of the primary field site dataset (see above). 
Fungal specific ITS2 libraries were amplified, sequenced, and processed using the same 
protocols as the 16S rRNA libraries with the following exceptions: 1) we used the ITS9F 
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(5’ -GAACGCAGCRAAIIGYGA- 3’ ) and ITS4R (5’ -TCCTCCGCTTATTGATATGC- 
3’ ) primer sets for amplification; 2) no PNA clamps were added to the PCR reactions as 
these ITS2 primers do not amplify large amounts of host gDNA; 3) sequence datasets 
were clustered at 95% identity, rather than 97% identity, as in (Coleman-Derr 2016). 4) 
Taxonomies were assigned to each OTU using the RDP Naïve Bayesian Classifier (Wang 
et al., 2007b) with the UNITE database (Koljalg, 2013). Raw sequencing data were 
deposited in the NCBI Short Read Archive (SRA), BioProjectID PRJNA369551, 
accession number SRP098753. 
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Chapter 3 
 
 
 
Cereal host phylogenetic distance 
correlates with root microbiome 
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3.1    Abstract 
 
A number of factors are hypothesized to contribute to assembly and composition of the 
plant root microbiome, including environment, plant developmental stage, and genotype. 
With respect to genotype, it is likely that over the course of millennia, co-evolution 
between plants and their associated root microbiota have resulted in unique community 
assemblages between different plant species and even lineages within species. However, 
investigation of the relationship between host taxonomy and microbiome similarity has 
yet to be conducted in a thoroughly broad-ranging phylogenetic framework. Recently we 
reported that drought induces significant changes in root-associated bacterial 
communities across a diverse array of cereal grasses, including eighteen distinct lineages 
encompassing two types of carbon metabolism. Here, we utilize this same dataset to 
investigate the role of genotype in the root-associated microbiome, both at the species 
level and at the broader clade-level (where clades are defined by method of carbon 
metabolism) confirming that both are significant in explaining variation in the root-
associated microbiome. Replication of this experiment at an additional field site 
demonstrated that the species effect remains significant regardless of environmental 
context. Furthermore, we demonstrate the existence of a statistically significant positive 
correlation between host phylogeny and root microbiome composition that is strongest in 
root endosphere, less strong in rhizosphere, and non-significant in bulk soil samples. We 
also show that drought weakens this correlation, which we propose is due to a putative 
drought response mechanism, universal across grasses, that enriches for plant growth-
promoting microbes for drought tolerance. We further investigate the species effect by 
presenting a core microbiome for cereal grass root communities under drought.  

 
3.2     Introduction 
 
There are a number of proposed factors that may contribute to root microbiome 
composition, not only drought but also factors such as sample type, soil chemistry, plant 
developmental stage, climatic parameters, and host genotype (Nuccio et al., 2016; 
Edwards et al., 2015). Of these factors, host genotype is of particular interest, as 
determining the extent to which root community composition is attributable due to host 
traits can lead to informed predictions as to whether distinct plant species will exhibit 
similar or distinct community shifts when exposed to drought. However, while the effect 
of drought on the root microbiome remains largely uninvestigated, more effort has been 
made to understand the role of plant host genotype in shaping root-associated bacterial 
communities (Aleklett et al., 2015; Bulgarelli et al., 2015; Kuske et al., 2002; Brusetti et 
al., 2005).  
 
A number of traits under host genetic control are known to influence microbiome 
structure, underlying a potential connection between genotype and community 
composition. Root exudates have been directly linked to microbial recruitment (Bais et 
al., 2006), and changing root exudate composition over the course of plant development 
has been implicated to a shift from a broad to more specified microbiome (Chaparro et 
al., 2013). Considering root exudate profile is under genetic control, and host species 
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have unique exudation patterns (Cavaglieri et al., 2009), it is likely that differences in 
exudation will promote distinct root microbiota by host genotype, as has already been 
seen in Arabidopsis mutants with compromised amino acid exudation (Carvalhais et al., 
2015). Additionally, morphology of roots will influence which microbes the plant comes 
in contact with, as soil depth explains significant variation in local community 
composition (Delmont et al., 2012; Zhang et al., 2017), as does root section (Kawasaki et 
al., 2016). Traits such as root architecture, lifespan, and rooting depth, have all been 
shown to influence microbiome structure (Berendsen et al., 2012; Fierer et al., 2003; Shi 
et al., 2011; Chaparro et al., 2013; Badri et al., 2013). Cuticle thickness will also affect 
colonization, and indeed mutants for cuticle formation display perturbation in their 
microbiome (Bodenhausen et al., 2014). As root exudation and morphology is largely 
under genetic control of their hosts, genetically similar hosts might be expected to harbor 
comparable microbiome profiles (Parker and Spoerke, 1998; Ushio et al., 2008).  
 
The proposed model for root community assembly is one where the plant host enriches 
for a specific community, one with reduced diversity relative to the surrounding soil 
community (Lundberg et al., 2012); this model suggests that root-associated 
communities, especially root endosphere, would display a significant genotype effect 
regardless of environment. However, as of yet the genotype effect typically has been 
shown to explain a small and/or non-significant proportion of variation in investigations 
of the root microbiome, whereas environmental factors, specifically soil type, have been 
implicated as the major determinants in root microbiome composition (Edwards et al., 
2015; Lundberg et al., 2012; Bulgarelli et al., 2015), such that genotypic effects may only 
be strongly seen within sites (Wagner et al., 2016). Despite these findings, in separate 
studies plant genotype has been observed as being a major factor in microbiome 
composition (Costa et al., 2006; Marschner et al., 2005). One caveat to the observed 
limited strength of the genotype effect may be limited phylogenetic spread in such 
research, which has traditionally focused on accessions of a single species (Bulgarelli et 
al., 2015; Edwards et al., 2015; Peiffer et al., 2013), or relatively closely related species 
(Dombrowski et al., 2017), potentially hindering the ability to truly capture how strong 
genetic diversity results in microbial community differences. Indeed, a more varied 
approach can lead to more distinguishable communities, as was seen when comparing 
strawberry and oilseed rape root-associated microbiota (Costa et al., 2006). Incorporating 
many genetically distinct plant hosts into a single study has yet to be conducted.  
 
The advantage to such an approach is twofold, as it may also allow for elucidation of the 
relationship between host phylogeny and microbiome dissimilarity. As mentioned, 
genetically similar hosts theoretically may harbor more similar root communities. 
However, relatively few studies have investigated the question of whether a statistically 
significant correlation between host diversification history and root microbiome distance 
exists. Furthermore, in these studies, such a correlation has so far been examined only 
within the context of a few separate species (Dombrowski et al., 2017; Schlaeppi et al., 
2014) or accessions of a single species (Peiffer et al., 2013; Bouffaud et al., 2012), and 
have found host phylogeny to be incongruent with bacterial community distance. By 
contrast, when eight plant genotypes comprising five species were utilized, host 
phylogenetic relationships were shown to be correlated with microbiome dissimilarity in 
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the rhizosphere (Bouffaud et al., 2014). However, the relative strength of this correlation 
within roots and rhizospheres have yet to be compared within a phylogenetically diverse 
host framework. Additionally, it remains to be seen whether drought stress strengthens or 
weakens the correlation between host phylogeny and bacterial community composition. 
Plant species such as maize show significant genotype by environment effects under 
drought vs. well-watered conditions (Chapman et al., 1997), implying environmental 
context is essential to consider when examining genotype effects on the microbiome. We 
hypothesize that a positive correlation between host phylogenetic and microbiome 
distance exists and will be strongest inside the root, where plants have greater influence 
over bacterial interactions and recruitment; furthermore, we hypothesize drought will 
strengthen this correlation, because the metabolic and phenotypic factors driving host-
specific differences in bacterial recruitment are, at least in part, adaptive traits to differing 
water availability in each host’s native environment.  
 
To test these hypotheses, we analyzed bacterial community composition in root 
endosphere and rhizosphere for eighteen grass species in the Poaceae clade, grown in the 
field under drought conditions. We included nine species with C4 carbon metabolism and 
nine with C3 carbon metabolism, as plant species using C4 metabolism are better adapted 
to arid environments (Fang and Xiong, 2015). The grasses we chose included 
agronomically valuable C3 crops with moderate to poor drought tolerance, such as wheat 
and barley (Ghotbi-Ravandi et al., 2014; Nezhadahmadi et al., 2013), but also highly 
drought-tolerant C4 species, such as sorghum (Sabadin et al., 2012). Examination of 16S 
rRNA profiles of sample microbiomes along with chloroplast sequences from host plant 
species allowed us to elucidate the relationship between host phylogeny and microbiome 
distance. We show that there exists a significant positive correlation between host 
phylogeny and microbiome dissimilarity that is strongest in roots, weaker in rhizosphere, 
and non-significant in soil samples. Furthermore, this correlation is weakened by drought, 
which we propose is attributable to common drought responses shared across grasses 
overpowering genotype-specific differences in root microbiota. We also investigate the 
genotype effect on the microbiome, finding that it is a significant factor in explaining 
microbiome variance, but upon incorporation of an additional environment into the 
dataset, we confirm that genotype is not more significant than field context. We also look 
at clade-specific trends in abundance, finding that C3 and C4 grasses have unique trends 
in community composition, most notably a higher accumulation of Actinobacterial taxa 
in C4 roots, and we generate a proposed ‘core microbiome’ of enriched taxa present in 
droughted roots of all examined grass species. 
 

3.3    Results 

 
To construct a diverse phylogenetic framework, eighteen distinct host lineages were 
utilized [Table 2-1] including agronomically valuable crops such as wheat, rye, barley, 
oat, Brachypodium, tall fescue, sorghum, Indian grass, Miscanthus, plume grass, maize, 
millet, and tef, as well as one dicot species, tomato, as an outgroup. Cereals were chosen 
based on a number of factors: firstly, as they were to be grown in a common field under 
identical environmental conditions, one criterion of importance was that all cereals had 
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comparable growth optima (e.g. similar day length, soil type, soil pH and temperature, 
and planting season). Furthermore, as they were to be harvested at the same time points, 
we chose grasses that had similar developmental patterns (days to flowering and days to 
harvest), and harvested based on whether plants had flowered or not. Additionally, we 
included an equal representation of C3 and C4 grasses (i.e. nine species for each) to 
better assess any specific recruitment patterns associated with plants of a particular 
carbon metabolism and environmental niche (Edwards and Smith, 2010). 

Finally, as our desire was to analyze the correlation between host phylogeny and 
microbiome distance, we chose grasses based on divergence time. Within the C3 and C4 
clades, two cultivars of a single species were chosen (Triticum aestivum for C3 and 
Sorghum bicolor for C4). Additional lineages were chosen that were increasingly 
divergent from those species in a “stepwise” fashion. More exact phylogenetic 
relationships were obtained through amplification of three conserved full-length 
chloroplast gene sequences for each of our plant species, using primer sets from Grass 
Phylogeny Working Group II (2012) [Table 3-1], and sequencing the resultant PCR 
products. Pairwise distances calculated from sequence data were used as the basis for 
subsequent analyses. 

3.3.1    The genotype effect explains a significant portion of variance in 
microbiome datasets 

The first area of interest was to confirm the strength of the genotype effect, given that in 
previous studies genotype has been shown to exert a negligible effect over root 
microbiome composition (Lundberg et al., 2012; Wagner et al., 2016). To investigate the 
genotype effect, we incorporated species as a factor into our primary field 16S dataset. 
While biomass trends between C3 and C4 grasses were broadly similar [Figure 2-3b], 
analysis of Shannon’s Diversity found that alpha-diversity is significantly affected by 
species, specifically in root and rhizosphere samples, and not in bulk soil samples, the 
putative negative control for this factor [Table 2-5]. Similar results were found after 
conducting PERMANOVA analysis on beta-diversity based on Bray-Curtis distances 
[Table 3-2], and analyses substituting weighted UniFrac as a distance metric confirmed 
these results, albeit with slightly reduced significance [Figure 2-11]. 
 
Next, to ascertain whether the strength of the species effect was dependent on field 
context, we included the dataset obtained for the additional field site at Kearney (one 
caveat to this inclusion is that only a subset of species (7 of the original 19) were utilized 
at both sites, such that the strength of the species effect would potentially be weakened in 
this analysis). Indeed, PERMANOVA analysis of beta-diversity trends confirmed that 
both field site and sample type explained a larger proportion of variance than did species 
[Table 3-3]. Nevertheless, performing a constrained ordination to investigate the variance 
attributable to species found that both sites displayed largely similar trends (significant 
large-effect sizes in root-associated samples and non-significant small-effect sizes in 
soils), although root-associated samples from the primary field site at the Gill Tract in 
Albany appeared to explain a larger percent variance than those at the Kearney field site 
[Figure 3-4]. Interestingly, the interaction term between species and field was significant 
[Table 3-3] in explaining beta-diversity. Taken together, the results here suggest that 
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plant host genotype exerts a significant effect on the microbiome, and while significant 
regardless, the specific field site may explain discrepancies in the relative strength of this 
effect.  
 
Constrained (CAPS) analysis revealed that the C3/C4 photosynthesis division between 
our grasses was a significant factor in root-associated samples, though it explained much 
less variance than did species [Figure 3-6]. With respect to community patterns, analysis 
of relative abundance shifts on a species-by-species basis largely corroborates our 
previous findings of Actinobacterial enrichment under drought. This enrichment pattern 
was found broadly across all host species, including the non-grass outgroup tomato 
[Figure 2-14c, Figure 3-5], suggesting that this phenomenon might be generally true for 
both monocots and dicots. We did observe that Actinobacteria represented a larger 
fraction of the drought-treated root microbiome in C4 than in C3 grasses [Figure 3-5], 
and relative enrichment between drought and control was on average more pronounced in 
C4 grasses (3.4-fold enrichment in C4 compared to 2.7 in C3). Pairwise comparisons of 
abundance trends by bacteria class in C3 and C4 grasses suggests that the only notable 
class-specific differences between C3 and C4 grasses are the aforementioned root 
Actinobacteria enrichment under drought and possibly Betaproteobacteria enrichment 
under control conditions [Figure 3-7], although the taxonomic makeup of all indicator 
lineages between C3 and C4 grasses appears roughly comparable [Figure 3-8]. Further 
work will be needed to definitively confirm and explain the observed enrichment trends. 
 
3.3.2    Host phylogenetic distance is significantly correlated with 
microbiome dissimilarity 

 
We next used the dataset to test our hypotheses that host phylogenetic distance is 
positively correlated with microbiome community distance inside the plant root, and that 
drought strengthens this correlation. To do so, we first determined plant host distances by 
obtaining sequences for three chloroplast genes, matK/trnK, rbcL, and ndhF, in each host 
species and performing phylogenetic analysis on the concatenated sequences [Figure 3-
9a]. We used Mantel’s tests to compare distances based on host phylogeny and Bray-
Curtis dissimilarity [Figure 3-9b] for each pairwise combination of sample type, time 
point, treatment, and photosynthesis (C3 and C4); the latter segregation was introduced to 
aid in detection of the correlation between species with a simple nested-monophyletic 
relationship, as is broadly true of the members chosen here to represent the C3 and C4 
clades. These analyses indicated that root samples generally displayed a significant 
correlation between host phylogenetic distance and microbiome distance, but that 
Mantel’s R-statistic values for rhizosphere samples tended to be smaller and not always 
significant. Soil microbiome samples showed no significant correlation. Contrary to our 
hypothesis that environmental stress might induce host-specific shifts in root-associated 
bacterial communities, at the early time point drought significantly reduced the size of the 
correlation in both rhizosphere and roots. The early time point is also the time point in 
which we observe the greatest fold-enrichment in Actinobacteria between drought and 
control across both roots and rhizosphere [Figure 2-14a, 2-14b]. However, at the late 
time point, we observed no significant reduction in the effect size of the correlation, 
which could be explained by the emergence of additional and/or stronger host selection 
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phenotypes appearing later in plant development. Interestingly, when a Mantel’s test was 
used to compare pairwise matrices for microbiome-related and Euclidean distances 
between host plants, the opposite pattern was seen, with significant and large correlation 
in soils, but no correlation observed in rhizosphere and roots [Figure 3-9c]. Taken 
together, these results confirm our hypothesis that community composition is most highly 
correlated with host phylogenetic distance within the roots. However, in contrast to our 
hypothesis that drought would strengthen this correlation, we observed evidence that 
drought weakens it. 
 
3.3.3    The core microbiome of cereal grasses 

 
Our experimental design, incorporating eighteen grass species grown in a single 
environment, allowed for exploration of the taxa found in common across each of our 
grass root microbiomes. First, the set of taxa commonly observed in each individual host 
species was determined by retaining only those OTUs that were present in at least 30% of 
samples and which represent at least 0.01% of read count abundance for root samples for 
that host. To obtain the list of taxa found in common across the broader grass root 
microbiome, we identified those OTUs that were shared between the eighteen lists of taxa 
common to each individual grass host [Figure 3-10]. Of these 224 OTUs, which 
represent 8.1% of all OTUs and 26.1% of total read count abundance, all but 6 were also 
identified as members of the taxa commonly found in tomato, suggesting that the 
microbes identified here as taxa common to the grass root microbiome are not necessarily 
specific to grasses but instead represent commonly enriched root endophytes of both 
monocots and dicots. Pairwise comparisons of individual lists of common taxa for all 
nineteen hosts [Figure 3-11] indicate a varying degree of similarity (ranging from 42.2% 
to 73.5% overlap). Interestingly, we observed that the three species of sorghum had larger 
sets of commonly observed taxa than any other host. Notably, two of these hosts 
(Sorghum bicolor H and Sorghum laxiflorum) also had the lowest median overlap with 
the lists of taxa commonly observed in the other hosts (55.8% and 58.3%), including the 
outgroup tomato (59.4%). Taken together, these results suggest that while a collective set 
of common root taxa exists for grass species, these microbes represent a small fraction of 
all root OTUs (6%) and are likely generalist colonizers of the roots of most plants.  
However, as field site and soil type can have a large effect on overall microbiome 
composition, further work will be needed to determine the reproducibility of these results 
in other systems.  
 

3.4    Discussion 
 
A wide range of host and environmental factors have been shown to influence plant 
microbiome composition (Gaiero et al., 2013; Berg and Smalla, 2009). Using CAPS 
analysis, we found that host species and mode of photosynthesis were important sources 
of compositional variance, primarily in root-associated samples, and while effect size was 
not identical between field sites, it remained significant. Previous studies investigating 
the effect of host genetics have tended to focus on varieties of a single given host species, 
such as barley (Bulgarelli et al., 2015), maize (Peiffer et al., 2013), or agave (Coleman-
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Derr et al., 2016; Desgarennes et al., 2014), or on a few distinct species (Schlaeppi et al., 
2014; Bouffaud et al., 2014; el Zahar Haichar et al., 2008). In these studies species 
effects tended to be non-significant (Schlaeppi et al., 2014) or small (Fonseca-García et 
al., 2016; Peiffer et al., 2013; Lundberg et al., 2012). By comparison, we found host 
species was highly significant and explained approximately 19.4% and 23.4% of variance 
within the rhizosphere and root endosphere in our primary field site. The species effect 
size observed in our study as compared to the relatively low values observed in previous 
studies suggests that the influence of host species on the root microbiome should be 
considered in the context of the broad phylogenetic framework, and a wider array of 
considered species will accordingly produce a greater host effect. Differences in the 
developmental timelines between species may have introduced variability with respect to 
developmental stage at the time of harvest between species; however, based on field 
observations for flowering time, the time points we selected broadly represented pre- and 
post-flowering stages for nearly all species. In contrast to our hypothesis that drought 
might increase the differences in root community composition between different hosts, 
we observed that the effect of host species was not substantially different between 
drought and control when using Bray-Curtis distances, and was marginally reduced when 
using weighted UniFrac distances. These results are consistent with the large shift in 
Actinobacteria we observe in roots, which is broadly conserved across all hosts we 
examined. Other environmental stresses may provoke similar trends in conserved 
enrichment patterns across hosts, whether in Actinobacteria or other bacterial taxa, and 
will need to be investigated.  
 
While previous studies have confirmed the role of genotype in determining microbiome 
composition, very few have tested the correlation between host phylogenetic and 
microbiome distances. In examining four Brassicaceae members, microbiota 
diversification was not consistent with host distance (Schlaeppi et al., 2014); likewise, 
two studies of maize inbred lines (Peiffer et al., 2013; Bouffaud et al., 2012) found that 
differences in rhizobacterial communities did not correlate with host genetic distance. 
However, these studies may have been hampered by low sample size and close 
relatedness of host species. A study using five maize varietals and two additional Poaceae 
members (Bouffaud et al., 2014) did detect a significant correlation between plant 
phylogenetic distance and microbiome distance in rhizospheres, but did not investigate 
root endospheres. In this study, we expand on previous results by: 1) incorporating many 
distinct species from both C3 and C4 grasses; 2) examining the relative effect size in the 
rhizosphere and root endosphere; and 3) investigating how environmental stress might 
perturb the relationship between host phylogeny and microbiome composition. Our data 
confirm our hypothesis of a positive correlation between host phylogenetic and 
microbiome distance that is strongest in roots, weaker in the rhizosphere, and nonexistent 
in the surrounding soil, indicating that host selective forces on the microbiome grow in 
magnitude with increased plant-microbe intimacy, which has been recently demonstrated 
in two studies (Samad et al., 2017; Beckers et al., 2017). We also observed that drought 
generally decreased the effect size and significance of the Mantel’s statistic, most notably 
at the early time point, contradicting our hypothesis that drought strengthens the 
correlation between host phylogeny and microbiome distance due to host species-specific 
drought response mechanisms. Instead, these results are consistent with the idea that 
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conserved plant responses to drought, especially early in development (such as increased 
ABA production), have larger effects on microbiome composition than individual and 
species-specific adaptations. Additionally, the observation that in the late time point 
drought provokes a less similar, and therefore a more host-specific, microbial community 
across hosts, as indicated by the relatively larger size and significance of the Mantel's 
correlation, is evidence that perhaps host specificity due to species-specific drought 
responses may take time to accumulate. Phylogenetic distance is not the only factor that 
differentiates our selected grasses: for example, root morphology can vary significantly 
between different grasses (Rich and Watt, 2013) and could have affected the microbiome 
composition. To account for this factor, plant roots were harvested to a consistent rooting 
depth (25 cm) for all species, though it is possible that root morphology or other species-
specific root characteristics that do not necessarily correlate with host phylogenetic 
relatedness may represent compounding factors in our analysis of the host effect. 
 
Interestingly, within the eighteen grasses tested, the sorghum species exhibited larger and 
more distinct sets of commonly observed taxa compared to the other hosts. In addition to 
their remarkable drought tolerance, sorghum plants are known to exude novel secondary 
metabolites from their roots (Dayan et al., 2010). One such product, the terpenoid 
sorgoleone, has been shown to have significant allelopathic properties (Uddin et al., 
2014), though its effect on the root microbiome has yet to be tested. Despite host-specific 
differences, all cereals in our study shared a subset of their common root OTUs; it is 
interesting that more than 95% of these were also detected as part of the common taxa 
found in tomato, which suggests that these microbes may be generalist colonizers of the 
plant root. It should be noted that criteria used to define the shared microbiome have a 
large effect on the specific taxa that are identified, and that the choices used in this 
analysis were intentionally permissive in order to select a broader list of shared microbes.  
One caveat to our observations for the common taxa microbiome, and indeed the root 
microbiome generally, is that the microbiome is heavily influenced by the local soil 
environment from which samples were collected; even genotypically identical grasses 
may have strikingly distinct root microbiota patterns when grown in different 
environments (Rascovan et al., 2016; Lundberg et al., 2012). More work will be needed 
to determine if the patterns observed here are found across a broad range of other soil 
types and locales. 
 
3.5    Methods 

 
Germplasm. The germplasm used in this study includes: two varieties of 

Triticum aestivum (TaB and TaG), Triticum monococcum (Tm), Triticum turgidum (Tt), 
Secale cereale (Sc), Hordeum vulgare (Hv), Avena sativa (As), Festuca arundinaceae 
(Fa), Brachypodium distachyon (Bd), two varieties of Sorghum bicolor (SbA and SbH), 
Sorghum laxiflorum (Sl), Sorghastrum nutans (Sn), Miscanthus sinensis (Ms), 
Bothriochloa bladhii (Bb), Zea mays (Zm), Pennisetum americanum (Pa), Eragrostis tef 
(Et), and Solanum lycopersicum (Out). A complete list of germplasm sources and 
accession numbers (where applicable) is provided in [Table 2-1]. 
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Plant Phylogenetic Distance. Phylogenetic distances between our nineteen host 
species were determined through analysis of three genes previously established as well 
suited for creating grass phylogenies (Edwards and Smith, 2010; Grass Phylogeny 
Working Group II, 2012), including the coding genes rbcL (Rubisco large subunit), ndhF 
(NADH dehydrogenase subunit F), and matK (tRNA-Lys) intron; the primers used for the 
amplification of these regions are described in (Grass Phylogeny Working Group II, 
2012) and included in [Table 3-1]. Sequence information for each germplasm was 
obtained through genomic DNA extraction, PCR amplification, and subsequent 
sequencing. In the first of these steps, surface sterilized seed were plated on sterile 0.8% 
agar plates and allowed to sit at RT for 3-7 days until they had germinated and generated 
sufficient (>100mg) tissue for gDNA extraction using CTAB and MoBio purification. 
PCR amplification was performed using an Eppendorf Mastercycler Pro, using a 
Promega GoTaq reaction (1X GoTaq reaction buffer, 0.025 mM for each dNTP, 0.1 µM 
per primer, 1 mM MgCl2, 0.5 U GoTaq enzyme, and 1 µL (20 - 40 µg) template DNA, 
sterile ddH20 for 25 µL total reaction volume). Thermocycler settings were as follows: 3 
min cycle at 94°C, followed by 36 cycles of 1 min at 94°C, 30 sec at 48°C, 1 min at 
72°C, then a final cycle of 10 min at 72°C. Products were quantified using Qubit 
fluorometric quantitation (Thermofisher Scientific in Waltham, MA) and purified using 
ExoSAP-IT PCR Product Cleanup® (Affymetrix in Santa Clara, CA) according to the 
manufacturer’s directions. 100 ng of purified PCR products were sequenced from both 
ends using Sanger Sequencing, at the DNA Sequencing Facility in Barker Hall at UC 
Berkeley. Sequences were concatenated using ApE, aligned using MUSCLE (Edgar, 
2004) with the UPGMB clustering method. Phylogenetic analysis was completed using 
MEGA 6.06 (Tamura et al., 2013) using the Maximum Composite Likelihood model to 
estimate pairwise distances between sequences. 
 

Statistical Analyses. Mantel’s tests were used to determine the correlation 
between host phylogenetic distances and microbiome distances [Figure 3-9b], and also 
field distance between samples and microbiome distances [Figure 3-9c]. Separate 
analyses were performed for each photosynthetic group to aid in detection of the 
correlation between the species with a simple nested-monophyletic relationship as is 
broadly true for members chosen here to represent the C3 and C4 clades. For each 
photosynthetic group (C3 and C4), one member of the other clade (SbH for C4, and TaB 
for C3) was included in the analysis to extend the phylogenetic distance captured across 
host species. The Mantel’s Test was performed using the mantel function in the R 
package vegan with 9,999 permutations, and using Spearman’s correlations to reduce 
the effect of outliers. For the Euclidean distance matrix generated from the physical 
distances within the field, the dist function in the base R stats package was used.  
 

Microbiome analyses to identify commonly observed taxa for each individual host 
and across all hosts were performed as follows. After the nineteen sets of commonly 
observed taxa were determined for individual hosts, separate analyses were run to 
determine the overlapping (OTUs shared between sets) and unique (OTUs only found in 
one of the sets) features. All common taxa analyses were run using custom R functions 
designed to filter taxa both by persistence and abundance. For persistence, only OTUs 
that were found in at least 30% of the samples belonging to a specific subset were kept. 
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For abundance, only OTUs that contributed at least 0.01% of the total cumulative read 
count abundance for all samples in that subset were included. For the common taxa 
heatmap in [Figure 3-11a], the lists of commonly observed taxa for each host were 
compared to that of other hosts for all possible pairwise combinations, and the relative 
percentage of overlap between these lists is reported.  
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Chapter 4 
 
 
 
Sorghum root bacterial community 
trends over a developmental gradient 
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4.1    Abstract 
 
In addition to previously studied host and environmental factors discussed in Chapters 2 
and 3, including water availability, host genotype, and field site, another contributor to 
the root microbiome is host developmental stage. It has been hypothesized that plant 
hosts modulate establishment of the root microbiome over the course of development, 
where microbes are broadly attracted at early growth stages in a dynamic period of 
establishment before being winnowed down to a specific, more defined community at 
later growth stages. However, as of yet practical investigations into root microbiome 
trends over developmental time have been studied in few species, and have incorporated 
relatively few time points. Furthermore, no research has been conducted on how 
continuous imposition of an abiotic stress affects root microbiome establishment and 
compositional patterns. In this study, we analyze microbiome profiles from two Sorghum 
bicolor cultivars of differing drought tolerance over the course of development. To study 
how watering impacts microbiome development, we imposed distinct watering regimes 
including both constitutive watering and two distinct drought treatments. We observed 
periods of dynamism in the root microbiome that reached stability after approximately 3-
5 weeks, a trend both seen during initial microbiome establishment in early time points as 
well as in response to disturbances including imposition of drought or rewetting. Thus, 
we hypothesize that microbiome establishment over plant development is not continuous, 
but reaches a steady state within a few weeks of an external perturbation. Additionally, 
community abundance trends under drought in root tissues included reductions in classes 
Sphingobacteria and multiple classes belonging to phylum Proteobacteria, as well as a 
pronounced continuous elevations in phylum Actinobacteria, over development as length 
of drought stress increased. Reproduction of this experiment with more replicates at a 
separate field site largely corroborated these trends, additionally revealing that the 
microbial community drought response is dependent upon which host developmental 
stage it is initially imposed in. We hypothesize that the increasing enrichment for 
Actinobacteria over the course of drought, a trend not seen in the surrounding soil, is 
largely mediated by the plant and may represent host-mediated enrichment for a 
beneficial root microbiota.  
 
4.2 Introduction 
 
The importance of the root microbiome in plant health is well established (Goh et al., 
2013), assisting the plant in nutrient exchange, protection against pathogens, and abiotic 
and biotic stress tolerance. Due to their functional plasticity, root microbiota have been 
proposed as being agents that facilitate their host plants’ adaptation to new environments 
and their associated stresses, and as such are invaluable for plant evolution and 
diversification (Vandenkoornhuyse et al., 2015). Establishing the root community can be 
considered a component of plant development as much as flowering or root development, 
and host control over establishment will have significant consequences for long-term 
plant health, influencing processes such as nutrient uptake and pathogen defense 
(Chaparro et al., 2014). While to a large extent root communities will be determined by 
composition of local soil communities (Gottel et al., 2011), evidence points to root-
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associated communities, particularly those in the root endosphere, exhibiting significant 
differences and reduced diversity relative to soil communities (Edwards et al., 2015), 
suggesting hosts are responsible for which microbes are able to persist in the more 
selective environment of the root itself. Indeed, hosts are hypothesized to exert a 
significant degree of control over this process (Micallef et al., 2009b), largely through 
controlled release of root exudates. When applied to the soil, root exudates are capable of 
regulating local microbial community composition, where specific groups of 
phytochemicals such as phenolics can selectively enrich for certain groups of bacteria 
while causing depletions in others (Badri et al., 2013); rhizodeposition is especially high 
during early stages of development, when the microbiome is being established (Micallef 
et al., 2009a). However, while the mechanisms by which plants modulate their 
microbiome has been investigated to an extent (Preece and Peñuelas, 2016; Micallef et 
al., 2009b; Bais et al., 2006), how the microbiome is established and maintained over the 
course of plant development remains underexplored. 

While establishment of a root microbiome has been shown to occur within 24 hours of 
transplanting plants into soil, the time necessary for these communities to reach a relative 
steady-state is not so brief (Edwards et al., 2015), possibly taking weeks, and in some 
cases the root microbiome is not stable over the entire duration of plant development 
(Mougel et al., 2006). The few root microbiome studies incorporating multiple sampling 
times have found time point to explain a relatively small but significant proportion of 
variance in the dataset (Dombrowski et al., 2017; Mougel et al., 2006). Depending on 
species or even cultivar, root community composition and diversity can fluctuate 
depending on which growth stage the plant currently is in (Inceoglu et al., 2011; 
Chaparro et al., 2014). The aforementioned mechanism of root exudation has been 
hypothesized as one means by which these microbiome shifts are induced, as root 
exudate quantity and composition both change over development (Rovira, 1956; De-la-
Peña et al., 2010). The proposed pattern for microbiome assemblage by development 
involves broad-range attraction for many microbes in early growth (i.e. through release of 
simple sugars), followed by selectively enriching for a more specific root community in 
later growth stages (Chaparro et al., 2013). In practice, root communities have been 
observed to follow a pattern of high diversity and significant distinction from surrounding 
soil communities early in development, while in later growth stages these differences 
decrease (Inceoglu et al., 2011; Xu et al., 2009), possibly because root exudation is 
highest at these early growth stages (Micallef et al., 2009a). However, the exact rate at 
which the microbiome is established and remains relatively consistent over time has not 
yet been thoroughly examined. 

Additionally, establishment of a stable root microbiome across plant development may be 
hindered by imposition of abiotic stresses such as drought. Under stress, plants are 
hypothesized to recruit a beneficial microbiome to help combat said stress (Turner et al., 
2013; Nguyen et al., 2016). While indeed it has been shown that under drought, root 
microbiome composition is significantly different than under control conditions (Cherif et 
al., 2015; Marschner et al., 2005; Nuccio et al., 2016; Santos-Medellín et al., 2017), it 
has not yet been shown how such an altered microbiome is established and maintained 
over time. Considering susceptibility to drought may vary depending on the 
developmental stage of the plant (Obidiegwu, 2015; Serraj et al., 2004; Pinheiro and 
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Chaves, 2011), examining the root microbiome as drought stress increases in duration 
over different growth stages could point to potential recruitment trends for bacteria to aid 
in drought tolerance. Unfortunately, the majority of extant studies concerning the 
droughted root microbiome only include one time point; complicating matters, the 
duration and means of imposing drought is inconsistent between studies (Coleman-Derr 
et al., 2016; Cherif et al., 2015; Marschner et al., 2005; Fonseca-García et al., 2016; 
Nuccio et al., 2016; Santos-Medellín et al., 2017). Considering the aforementioned 
differences in the root microbiome over plant development, it can be assumed that the 
lack of consistency in experimental methodologies in these studies are a hindrance to 
drawing effective conclusions regarding the “true” drought effect. In our study of the 
cereal root microbiome and its responses to drought over two time points (Chapter 2), the 
early time point provoked more diverse communities and more significant differences 
between treatment types than did the later time point, suggesting as the duration of 
drought continues, communities converge. Analyzing the root microbiome under drought 
in the context of a time-series experiment would help illuminate the process by which the 
plant recruits a beneficial microbiome, answering such questions as when the droughted 
root microbiome becomes stable and whether drought-induced changes in community 
composition are consistent or fluctuate over time.  

In this study, we performed a longitudinal analysis of root-associated communities for 
two cultivars of Sorghum bicolor, each with distinct drought tolerance profiles. Through 
analysis of 16S bacterial community profiles over weekly time points throughout the 
course of development, in both a pilot and a main experiment, we identify patterns 
involved in the establishment and maintenance of the root microbiome. We found that 
microbiome stability was dependent on imposition of a consistent watering regime and 
was reached within 3-5 weeks of said imposition, which we hypothesize to be due to the 
plant and its root-associated communities reaching a new equilibrium with the 
surrounding environment. Furthermore, through imposition of drought stress on a subset 
of replicates, we observe consistent patterns in community profiles over time under 
drought. These patterns included a notable increase in class Actinobacteria, and decreases 
in class Sphingobacteria and multiple classes belonging to phylum Proteobacteria, 
abundances that were maintained upon reaching microbiome stability, and largely 
reversed by rewetting. We hypothesize that the consistency over time in patterns of 
enrichment or depletion is due to a stress response in which potentially beneficial bacteria 
are recruited and maintained in root communities. 

4.3  Results  
In order to investigate longitudinal trends in the root microbiome, we used two distinct 
inbred lines of Sorghum bicolor: cultivar BTx642, which is characterized by drought 
tolerance primarily after flowering, and RTx430, which displays drought tolerance prior 
to flowering. The choice of these particular cultivars allowed us to determine what 
responses in root-associated microbial communities might be correlated with drought 
tolerance, as drought is expected to affect plants differently based on their developmental 
stage (Martiniello and Teixeira da Silva, 2011; Lopez et al., 2003), and the time series 
used in our experiment would be expected to encompass both pre- and post-flowering 
growth stages. In both sets of experiments described below, plants were grown in a 
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common field and exposed to distinct watering treatments. In the initial pilot experiment, 
two watering treatments were used: constitutive watering with 5.67 liters (1.5 gallons) per 
plant per week, and a drought treatment where no water was applied between weeks 5 – 
12, after which point watering resumed for a subsequent two weeks. By contrast, in the 
main experiment there were three watering regimes: constitutive watering, a pre-
flowering drought treatment (no water between weeks 3-8) and post-flowering drought 
treatment (no water after week 10). It is important to note the division of labor: while the 
entirety of the pilot experiment as well as all analyses in both experiments were 
conducted by myself, the fieldwork, collection, and processing in the main experiment 
were largely carried out by other members of the lab. In both experiments, samples were 
harvested on a weekly basis, which included bulk soil, rhizosphere, and root endosphere 
samples, which were subsequently used to obtain microbiome data for bacterial 
communities. Community analyses were performed using paired-end sequencing of the 
V3-V4 region of the bacterial 16S rRNA gene on an Illumina MiSeq platform, and 
processing was performed using the iTagger pipeline, resulting in reduced normalized 
datasets containing 1,978 OTUs within 111 samples (pilot experiment) and 11,611 OTUs 
within 746 samples (main experiment). 

 4.3.1 A pilot experiment reveals trends in community abundance 

To test the feasibility of a longitudinal study on the sorghum root microbiome over 
development, an initial pilot experiment was conducted in the Gill Tract experimental 
field [37.8864° N, 122.2982° W] in Albany, CA, during the summer of 2015. After 2 
weeks of growth, sorghum plants were transplanted from growth chambers to replicate 
blocks in our experimental field [Figure 4-1b], and grown for a subsequent 12 weeks 
under two distinct watering regimes [Figure 4-1a]. While root, rhizosphere, and soil 
samples were harvested on a weekly basis to generate community data, and phenotypic 
measures were able to incorporate multiple replicates, due to limitations in funding, 
samples from only one replicate block (of six planted) were processed to generate 
community data. Thus, results discussing community abundance trends in this pilot 
experiment must be taken with the caveat that they only represent one replicate’s worth 
of data. 

While our experimental design incorporated approximately 10 weeks where no water was 
applied to the replicates under drought, sorghum (as a C4 grass) is comparatively hardy 
under water-limited conditions (Fracasso et al., 2016; Borrell et al., 2014); thus, prior to 
analyzing community trends, a preliminary step taken was to evaluate phenotypic 
performance to confirm that the drought treatment significantly impacted sorghum 
growth. Soil moisture was significantly lower under drought and rebounded to control 
levels after rewatering [Figure 4-2a]. With respect to plant phenotype, imposition of 
drought slowed the increase in plant height over time [Figure 4-2b] for both genotypes 
tested. Plant biomass was measured at the conclusion of the experiment, and was found to 
be lower for replicates under drought for both genotypes, though the effect was more 
pronounced for the RTx430 genotype [Figure 4-2c]. These results suggest that our 
drought treatment in this pilot was sufficient to impact phenotypic performance. 



 

 90!

To investigate how development and drought impacted bacterial communities, we first 
looked at trends in alpha-diversity. The dearth of replicates used in this pilot prevents any 
conclusions about which trends were statistically significant, and indeed ANOVA 
analysis indicated that the only significant experimental factors in explaining variation in 
Shannon’s Diversity were sample type (full dataset) and host species (root samples only) 
[Table 4-3]. In contrast to previous studies indicating alpha-diversity decreases from soil 
to rhizosphere to roots (Lundberg et al., 2012), we did not see a decrease between soil 
and rhizosphere samples, despite root samples exhibiting lower diversity than soils 
[Figure 4-4], although these results are consistent with our previous experiment across 
cereal grasses, as discussed in Chapter 2. Interestingly, we did observe a general trend of 
increasing alpha-diversity across all sample types over time in control conditions, which 
was most pronounced for rhizosphere [Figure 4-4]. By contrast, under drought 
Shannon’s Diversity tended to decrease slightly, with a subsequent increase upon 
rewetting, suggesting that changes in alpha-diversity over plant development can be 
linked to water availability. Again, the lack of adequate replicates in this dataset may be 
skewing the data; repeating this experiment with more replicates and time points would 
allow for more definitive conclusions to be made about diversity trends over time. 

Our experimental factors were further investigated using PERMANOVA analysis to 
evaluate their relative effects on beta-diversity (using Bray-Curtis distance) in our 
dataset. In contrast to alpha-diversity, all experimental factors explained a significant 
proportion of beta-diversity [Table 4-5], with sample type being responsible for the most 
variance, followed by time point, treatment, and species. An unconstrained Principal 
Coordinate Analysis confirmed these patterns: samples tended to cluster by sample type 
along the primary axis, which explained 29.92% of variance, whereas treatment was the 
factor by which samples grouped along the secondary axis (14.20% of variance) [Figure 
4-6a]. To investigate the amount of variance attributable to our experimental variables 
after segregating by sample type, we performed CAPS analysis [Figure 4-6b], finding 
that time point was only a significant factor for root-associated samples (although 
inclusion of multiple replicates may have increased significance for soils). Also in root 
samples, it was found that host genotype was a significant but comparatively minor 
factor, which is in contrast to our analysis across cereal grasses (Chapter 3), and may be 
attributable to the small phylogenetic distance between these two cultivars of sorghum. 

Bacterial class-level relative abundance patterns are shown for root and rhizosphere 
samples in Figure 4-7a and 4-7b respectively. While communities appear fairly static in 
all control samples, especially for rhizospheres, droughted samples display very defined 
trends of accumulation of Actinobacteria taxa over the course of drought, with a 
concurrent decrease in Sphingobacteria. In fact, of the most abundant bacteria classes 
represented in this dataset, Actinobacteria and Sphingobacteria are the only two to 
display any discrepancies in abundance by treatment [Figure 4-9]. The enrichment in 
Actinobacteria is pronounced in root samples and is visible in rhizospheres, but is not 
present in soils [Figure 4-8], despite previous studies indicating drought causes an 
increase in Actinobacteria in soils (Bouskill et al., 2013; Barnard et al., 2013). 
Furthermore, root Actinobacterial abundance under drought is elevated to a greater extent 
in the BTx642 genotype than in RTx430 [Figure 4-7a], suggesting there may be a degree 
of genotypic control over this effect, despite species explaining a comparatively 
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miniscule proportion of variance [Figure 4-6b]. The enrichment in Actinobacteria is 
largely due to increases in genus Streptomyces [Figure 4-10], which is consistent with 
our results seen in cereal grasses under drought (Chapter 2) and warrants further 
investigation as to the role of Streptomyces, if any, in drought tolerance. 

4.3.2  Large-scale replication at an additional field site confirms 
microbiome development is significantly affected by drought 

The above pilot experiment was replicated at an additional field site at the Kearney 
Agricultural Research station in Parlier, CA [36.6008° N, 119.5109° W], which (as 
discussed in chapter 2, where the same two fields were used) represents a site with unique 
environmental and soil chemical characteristics compared to the Gill Tract. In this new 
experiment, the goal was to conduct an in-depth exploration of the sorghum root 
microbiome over the full course of development, from germination until senescence. In 
addition to investigating developmental trends in the root microbiome at a distinct field 
site, a number of significant changes were made to the experimental design that widened 
the scope of this study, which is outlined in [Figure 4-11a]. While the number and 
specific genotypes of sorghum remained the same (BTx642 and RTx430), we expanded 
on the initial pilot by incorporating additional time points: instead of collecting soil and 
root samples weekly between weeks 3 to 14, they were instead collected beginning at 
week 1 (week 0 representing seedling emergence) and continuing until onset of 
senescence at week 17. The benefit to this approach is that it allowed for a more detailed 
analysis of early and late developmental trends, especially with respect to both pre- and 
post-flowering development. Additionally, the watering treatments (in addition to 
constitutive watering as a control) included a pre-flowering drought treatment where 
watering ceased between weeks 3 and 8 (week 8 being the approximate onset of 
flowering), and a post-flowering drought treatment no water was applied after week 10, 
by which point all plants had flowered. It should be stated that while seeds were sown in 
pre-watered fields, no irrigation was supplied for the first two weeks for all treatments, as 
crops grown in California’s Central Valley are typically germinated in this manner. Pre-
flowering drought was confirmed to exert significant effects on plant performance both 
by metrics for flowering time and plant height [Figure 4-11b]; in the latter case 
imposition of drought in the pre-flowering treatment slowed rates of growth similar to 
that seen in our initial pilot experiment, suggesting drought treatments have comparable 
effects on plant performance across distinct environments. Post-flowering drought did not 
greatly impact height, which may be explainable by this treatment’s respective replicates 
largely being established by the time of drought commencement. 

Of all the experimental factors examined (sample type, treatment, time point, species, and 
replicate), all were confirmed to exert a significant effect on alpha-diversity except 
species [Table 4-12] (a surprising finding, as drought would be expected to exert more of 
an influence in the arid region of California’s Central Valley, so differences between 
drought-tolerant and drought-susceptible cultivars should be more pronounced). As we 
were primarily interested in time point as an experimental factor, we included interaction 
terms involving time point in our ANOVA analysis of Shannon’s Diversity, finding that 
the interaction terms of sample type and time point (all samples) and treatment and time 
point (root and rhizosphere samples only) were significant [Table 4-12], suggesting that 
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the drought will affect patterns of diversity over time, and that these may in turn be 
dependent on the sample type being examined. These hypotheses were corroborated 
when looking at trends in Shannon’s Diversity by time point [Figure 4-13]. In contrast to 
the initial pilot experiment at the Gill Tract in Albany, alpha-diversity tended to decrease 
by sample type, being highest in soils, lower in rhizosphere, and lowest in roots, which is 
consistent with hypothesized methods of microbial recruitment where the root selects for 
a specific community of reduced diversity relative to outside soils (Lundberg et al., 
2012). Under control conditions, Shannon’s Diversity tended to increase linearly over 
time in soil and rhizosphere samples, whereas root samples exhibited no strong increase 
over time. The effect drought had on Shannon’s Diversity over time was dependent on 
the specific treatment imposed: while under both pre- and post-flowering drought 
treatments diversity was lower across all sample types, this effect was particularly 
pronounced under pre-flowering drought. Under this drought treatment, diversity 
remained relatively stable over time (in contrast to the increases for control samples for 
the same time points), only experiencing an increase upon rewetting [Figure 4-13]. 
However, under post-flowering drought treatment, an initial decrease in diversity was 
then accompanied by a subsequent increase after 3-4 weeks, suggesting that acclimation 
to drought may be easier to attain if drought is imposed during a later growth stage when 
plants are more established.  

To further investigate the role of our experimental factors, PERMANOVA analysis was 
performed using Bray-Curtis distances, finding that all factors, as well as interaction 
terms involving time point (except species x time point) were significant in explaining 
beta-diversity [Table 4-14]; however, as in the initial pilot experiment, species explained 
a negligible proportion of variance. The factors explaining the most variance were sample 
type, time point, and treatment, as confirmed by an unconstrained ordination using 
Principal Coordinate Analysis (PCoA) based on Bray-Curtis distance [Figure 4-15a], in 
which samples primarily clustered by sample type along the primary axis (38.12% of 
variance) and (to a lesser extent) by treatment on the secondary axis (15.31%). A 
constrained analysis of experimental factors within each sample type reveals that the 
amount of variance explained by time point increased from roughly 30% in soils to over 
40% in roots [Figure 4-15b], suggesting that the developmental changes taking place 
over time in plants induce changes in the root microbiome that are at least partially 
independent of shifts occurring in the outside soil communities.  

To determine the role of time point, an in-depth set of Principal Coordinate Analyses 
were performed, with this factor as the explanatory variable. Results from these analyses 
[Figures 4-16, 4-17] confirm that samples from similar time points tend to be located 
together on a PCoA graph, an effect that is more pronounced in rhizosphere than soils 
and in turn more in roots than in rhizosphere. Furthermore, under pre-flowering drought 
treatments root samples currently experiencing drought (derived from time points 3-8) 
cluster differently from the rest of the remaining time points for the same and control 
treatments [Figure 4-16], an effect not seen under post-flowering drought treatments 
[Figure 4-17]. These results serve to highlight the drastic effects that (pre-flowering) 
drought imposes on the microbiome, as samples experiencing drought cluster far away 
from control samples, whereas shifts between consecutive time points are more gradual 
but still significant. To determine exactly which time points over the course of plant 
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development are the most significant in explaining root microbiome variance, a 
constrained analysis was performed examining the individual variance between 
consecutive time points for root communities [Figure 4-18]. It was found that under 
control conditions, the root microbiome becomes stable by week 7 (that is, variation 
between consecutive time points is no longer significant). Imposition of drought during 
the pre-flowering treatment causes significant shifts in the microbiome but it returns to 
stability after 3 weeks of drought, whereas after watering is reintroduced there are again 
significant shifts for the next 4-5 weeks before variation between time points is no longer 
significant. By contrast, under the post-flowering drought treatment, variation between 
time points remains low, suggesting that the root microbiome is well-established during 
the pre-flowering growth stages and is resistant to future perturbations. Heatmaps 
generated from mean Bray-Curtis distances between root communities by time point 
largely confirmed these results [Figure 4-19], showing that root samples under a 
consistent treatment (control, drought, or rewetting) showed increasing similarity over 
time with those of a previous time point; regardless of time point, samples from different 
treatments were largely dissimilar from one another, apart from post-flowering drought 
samples retaining strong similarity with control samples that only diminished slightly as 
time went on [Figure 4-19]. Additionally, either under control conditions or under 
drought, root and soil communities remained highly distinct from one another with no 
clear trends over time [Figure 4-20], despite previous studies indicating that communities 
in these two sample types tend to converge as plants age and active recruitment to the 
roots ceases (Micallef et al., 2009a; Xu et al., 2009). 

4.3.3  Control and drought treatments induce specific compositional 
trends over time 

While we determined the significance of time point across different treatments, the next 
step was to look at compositional trends visible over time in response to different 
treatments, which are shown in soils [Figure 4-21], rhizospheres [Figure 4-22], and roots 
[Figure 4-23] at the class level. Interestingly, much like the initial pilot study, there are 
no clear trends in soils over time [Figure 4-21], apart from a slight increase in 
Actinobacteria and Bacilli under drought that nevertheless are far less apparent than in 
similar studies examining droughted soil communities (Evans et al., 2014; Felsmann et 
al., 2015; Coleman-Derr et al., 2016). However, in root-associated sample types (roots 
and rhizosphere), there exist a number of visible compositional shifts. As discussed 
earlier, between-time point variation remains large and significant for several weeks 
[Figure 4-18], suggesting the microbiome remains largely in flux over the initial period 
of recruitment, and indeed a number of classes exhibit significant shifts in abundance for 
the first several weeks regardless of treatment [Figure 4-24]. For example, under control 
conditions classes Bacilli, Solibacteres, Actinobacteria, Delta- and Gammaproteobacteria 
all show linear trends of increasing or decreasing in relative abundance for before 
reaching a plateau roughly around the onset of flowering at week 8-9. Others, such as 
Acidobacteria and Betaproteobacteria, reach a peak or valley around flowering and 
subsequently continue to change in abundance during post-flowering time points [Figure 
4-24], suggesting these may be more strongly affected by later growth stages.  
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With respect to drought, by and large control and post-flowering drought treatments 
exhibited few differences during the weeks where this drought treatment was in effect 
(weeks 10-17), with perhaps the only notable differences being somewhat lower 
abundances in Acidobacteria and Deltaproteobacteria under drought; these results 
reinforce the hardiness in the microbiome after the initial establishment during pre-
flowering growth. By contrast, the pre-flowering drought treatments showed several 
significant differences in class-level abundances, including decreases in Sphingobacteria 
and all classes of phylum Proteobacteria, as well as increases in Bacilli and 
Actinobacteria, although the latter changes were somewhat moderated near the 
conclusion of the pre-flowering drought treatment, suggesting a degree of acclimation to 
drought by the plant root. 

4.3.4  The sorghum core microbiome over development 

While it has been understood that there may be fluctuations in the root microbiome over 
the course of development (Baudoin et al., 2002; Houlden et al., 2008), or in response to 
external abiotic or biotic factors, it is nevertheless plausible that the plant maintains a 
‘core’ microbiome of abundant, persistent bacterial taxa that remain present over 
development under normal, non-stressed growing conditions. Our experimental design 
afforded us the opportunity to investigate the existence of such a core microbiome 
present in sorghum based on our control root dataset. Given that the root microbiome 
experiences great variability between time points up to and including week 5 of 
development even under control conditions [Figure 4-18], we created both an ‘early’ and 
‘late’ core microbiome, where the former represents time points 1-5, and the latter from 
time points 6-17, during which time the microbiome is comparatively stable. These core 
microbiomes represent OTUs common to root samples from replicates for both genotypes 
across all included time points, where the specific criteria for inclusion included OTUs 
present in at least 50% of samples and contributing to at least 0.01% of cumulative read 
count abundance for that subset. Despite the comparatively few time points with respect 
to the late core microbiome, the early core microbiome [4-25a] contains only 26 OTUs, 
reflecting the high degree of flux the microbiome experiences during this initial period of 
establishment, and is predominantly represented by Actinobacteria and (to a lesser extent) 
Sphingobacteria. By contrast, the late core microbiome [4-25b] includes 59 OTUs and a 
more even distribution of taxa across classes, with the most pronounced differences being 
a decrease in emphasis on Actinobacteria in favor of Sphingobacteria and multiple 
classes of phylum Proteobacteria. Interestingly, there are 16 OTUs shared between these 
two core microbiomes, which may represent bacterial taxa that colonize well initially and 
are able to persist during the entirety of plant development either due to their own innate 
ability, or possibly possessing an attribute the plant actively seeks to recruit and maintain. 
However, all 59 OTUs were found to be significantly present in soil communities for the 
same time points and under the same inclusion criteria, so the plant’s role in actively 
enriching for these taxa may be limited. 

We also chose to investigate the core microbiomes for control vs. drought conditions, 
specifically focusing on the pre-flowering drought treatment as this appeared to provoke 
more pronounced shifts in the microbiome [Figure 4-23], and taxa that persist in the core 
drought microbiome (particularly those that are not present in the comparable control 
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core) may represent commonly enriched OTUs under drought. We chose a subset of time 
points, 6–8, during which a) the pre-flowering drought treatment was in effect, and b) the 
microbiome was stable in both control and pre-flowering replicates [Figure 4-18]. The 
control root microbiome [4-26a] contains 88 OTUs, as compared to 46 for the drought 
root microbiome [4-26b], perhaps as a consequence of the plant selecting for a specific 
subset of bacterial taxa with desired properties for drought tolerance. While 20 OTUs are 
shared between these two cores, there are a number of striking trends with the drought 
compared to the control, specifically enrichment in Actinobacteria and Bacilli with strong 
depletions in Sphingobacteria and most classes of phylum Proteobacteria (save 
Alphaproteobacteria, which has been shown before to persist under drought conditions 
(Bouskill et al., 2013; Coleman-Derr et al., 2016)). However, as the core microbiomes 
discussed above only incorporate a single field site, additional experimentation will be 
necessary to confirm how generalizable OTU-specific enrichments are across a broad 
range of environments. 

4.4  Discussion 
The study above represents, to our knowledge, the most comprehensive investigation of 
the root microbiome over the course of development, containing 17 distinct time points, 
as compared to previous studies, which generally have a maximum of 4 or 5 (Chaparro et 
al., 2014; Dombrowski et al., 2017; Micallef et al., 2009a; Mougel et al., 2006); 
furthermore, apart from a limited investigation involving two time points only (discussed 
in Chapter 2) across cereal grasses, this study expands on previous developmental 
microbiome studies by examining the effects of continuous exposure to an abiotic stress. 
In this study, we confirmed that not only did time point have a significant effect on 
microbiome composition, but also interactions between time point and other experimental 
factors, most notably treatment, were also significant, suggesting that microbiome 
dynamism over time is influenced by presence of external perturbations such as drought. 
Indeed, we identified a decrease in microbiome variance under control conditions over 
time, reaching an approximate steady state by week 6. These results are consistent with a 
previous study in Arabidopsis, in which early seedling stages were significantly different 
from the subsequent three stages (vegetative, bolting, and flowering), while the latter 
three exhibited far less inter-stage variance (Chaparro et al., 2014). The observed stability 
in our study by weeks 6 through 17 allowed for us to construct a core microbiome of 59 
conserved OTUs across these time points in roots. However, all 59 of these OTUs were 
identified as core taxa under the same parameters of persistence and abundance for the 
same time points in soil samples, suggesting the reason for persistence in roots may be 
because these microbes are highly present in the surrounding environment; although there 
were 34 remaining common OTUs in soils that failed to reach these criteria in roots, 
supporting the hypothesis that plant selects for a subset of the surrounding microbial 
community for root endosphere (Mendes et al., 2014). Further investigation of the 
sorghum root core microbiome over development between distinct fields will aid the 
construction of a true developmental core microbiome, where the plant’s role in 
enrichment is more defined. 

The trends of microbiome stability from week 6 onwards in control root samples were not 
similarly reflected in all different treatments – while under post-flowering drought there 
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were no significant changes in the root microbiome over time points (possibly as a 
reflection of the microbiome reaching a degree of stability at this stage in plant 
development that cements its resistance to external perturbations), the pre-flowering 
drought treatment was marked by an initial period of dynamism followed by stability 
after approximately 2-3 weeks of drought exposure, which was subsequently reversed by 
rewetting. One explanation for the observed microbiome trends under pre-flowering 
drought treatment is that drought may induce delays in plant development that 
concordantly result in retardation of microbiome assemblage. It has been demonstrated 
that drought can hinder plant development (Lau and Lennon, 2012), and in fact plants 
repeatedly exposed to drought may evolve accelerated flowering time as a drought 
avoidance strategy (Franks et al., 2007), not to mention beneficial microbial communities 
have been shown to induce the same in their hosts under drought (Gagne-Bourque et al., 
2015; Lau and Lennon, 2012). In this study, plants under the pre-flowering drought 
treatment showed lower rates of growth, and flowered approximately 1-2 weeks later 
than their control counterparts, both signs indicative of delayed growth. The trends 
characteristic of microbiome establishment in this study, namely steady decreases in 
Actinobacteria with concurrent increases in Sphingobacteria and multiple classes of 
phylum Proteobacteria, were seen in weeks 1-5 under control conditions and in weeks 9-
12 under pre-flowering drought (i.e. after watering resumed), suggesting plant 
microbiome development is essentially delayed by drought.  

In contrast to this hypothesis, in the original pilot study conducted at the Gill Tract there 
were few clear trends in control samples (of any sample type) as a function of 
development – specifically, there was an absence of an initial decrease in Actinobacteria 
and increase in Proteobacteria, although there was a continual if unsteady increase in 
Sphingobacteria. Furthermore, there was no clear microbiome trends present at early time 
points in the pilot (one caveat is that weeks 1 and 2 were not measured in the original 
pilot, so it is possible there was a high degree of microbiome heterogeneity present in 
these first two time points that was not captured, but the observation that control 
communities at the Kearney field site exhibited continual shifts until weeks 4-5 would 
indicate that some trends should still be visible during the first few weeks in the pilot). 
The fact that these early-stage trends were seen at the Kearney field site but not at Albany 
may lie in the differences between these experiments – firstly, the roots taken from the 
first two time points at Kearney were from young, underdeveloped plants, and were 
derived from the primary root as opposed to lateral roots taken later on. Secondly, 
another discrepancy between the two experiments was the lack of irrigation during the 
first two time points at Kearney, as opposed to the continual watering at Albany across all 
non-drought time points. This minor difference may explain why at Kearney, 
Actinobacteria are highly abundant during these early time points even under ‘control’ 
treatments, and decrease after watering commences at week 3 (with the reverse trends 
observed for Proteobacteria), as abundances of these taxa are directly and inversely 
(respectively) tied to drought (Bachar et al., 2010; Gunnigle et al., 2017; Barnard et al., 
2013). Even within this study, the only notable common long-term trends between the 
two field sites were an increase in relative abundance of Actinobacteria at the expense of 
Sphingobacteria and classes of Proteobacteria, trends that were largely reversed during 
rewetting. Furthermore, considering that in the main experiment at Kearney, root 
communities stabilized within 3-5 weeks after a shift in watering status (apart from post-
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flowering treatment), it is likely that establishment of a stable root microbial community 
over time is attributable to the surrounding water availability and the plant’s acclimation 
to it. 

This study builds on previous investigations into the drought effect on the microbiome in 
two major ways: firstly, by examining how the drought effect is dependent on plant 
developmental stage. Findings in other studies (Baudoin et al., 2002; Preece and 
Peñuelas, 2016) suggest rhizodeposition is highest during early growth stages, and thus 
the microbiome is largely in flux, so it can be inferred that drought is more likely to 
produce significant disruptions under a pre-flowering drought treatment, which was seen 
in this study. Interestingly, post-flowering drought treatment appears to provoke no 
significant changes in the microbiome, as opposed to the pronounced shifts under the pre-
flowering drought, which may be because the microbiome is established and resistant to 
future changes. However, considering a beneficial root microbiota has been implicated in 
drought tolerance (Zolla et al., 2013), and plants are more susceptible to drought during 
early as opposed to later growth stages (Kron et al., 2008), another explanation for this 
finding is that the plant is more resistant to drought and thus may not have as great a need 
to recruit a beneficial microbiome after flowering.  

The second way this study builds on previous ones is by determining how abundance 
trends progress over the duration of drought exposure. The observed trends in both field 
sites of drought enrichment of Actinobacteria and depletion of Proteobacteria and 
Sphingobacteria (or its parent phylum Bacteroidetes) (Bouskill et al., 2013; Curiel Yuste 
et al., 2014) have been reported previously, and are consistent with prevailing hypotheses 
about enrichments for oligotrophic, monoderm bacterial taxa (Actinobacteria) during 
drought at the expense of copiotrophic, diderm bacterial taxa (Proteobacteria and 
Bacteroidetes), as discussed in Chapter 1. However, all studies examining the drought 
effect in roots have, to our knowledge, examined a single time point (except for our 
cereal grass project as discussed in Chapter 2, which found similar results of enrichment 
and depletion trends across time points as found in this study). This study establishes that, 
in sorghum, the observed trends of community enrichment and depletion under a pre-
flowering drought treatment are not only consistent with previous studies, but are 
reasonably consistent between the two fields examined, and most importantly are 
continuous and occur over the period of roughly 3 weeks before reaching stability. For 
this reason, it would be advisable for future studies examining the drought effect on the 
root microbiome to choose a length of drought exposure that lasts at least 3 weeks, or if 
possible conduct a time-series for the system of interest to determine at which point the 
microbiome reaches stability. Furthermore, we confirmed that drought enrichment in 
Actinobacteria is not only continuous over time but also subsequently maintained over 
the duration of drought. While this may be due to its inherent desiccation tolerance, we 
hypothesize that these trends are attributable to plant selection for this class, possibly due 
to their proven ability to promote drought tolerance in plant hosts (Yandigeri et al., 2012; 
Grönemeyer et al., 2012), and as applying a number of Actinobacteria isolates to 
sorghum in a gnotobiotic system has proven their ability to enhance survival and increase 
biomass under drought (Xu et al., 2017). The specific mechanisms of Actinobacteria in 
plant growth promotion under drought remain an intriguing area of research to be 
investigated in future studies. 
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Interestingly, a slight genotype effect on relative abundance trends was observed at the 
Gill Tract, in which cultivar BTx642 showed a heightened enrichment for Actinobacteria 
as compared to RTx430. As drought was imposed prior to flowering during this 
treatment, this may reflect that the drought-susceptible BTx642 cultivar plays an active 
role in recruiting a beneficial microbiome to help cope with the stress, whereas the 
RTx430 cultivar has a less pronounced recruitment due to its inherent greater tolerance. 
Despite these findings, such a genotype effect was not observed during the main 
experiment at the Kearney field site under any treatment. This discrepancy may be 
explainable by high initial relative abundance of Actinobacteria in the Kearney soils 
precluding the necessity of recruiting more. Differences in soil chemical and local 
environmental variables between these two field sites are responsible for the Gill Tract’s 
clay-heavy soils retaining water more readily than Kearney soils, thus creating conditions 
in which the more desiccation-tolerant Actinobacteria are omnipresent in the latter group. 
However, it should also be reiterated that the Gill Tract dataset relies on one replicate’s 
worth of samples, and true conclusions about the existence of such a genotype effect 
would necessitate repeating this experiment at the Gill Tract (or another field site) with a 
full replicate series.  

In conclusion, while it has been demonstrated that plant development exerts a significant 
influence over root microbiome composition, the progression of root microbiome 
establishment and maintenance has only been investigated to a limited extent. The study 
described above presents the first complete longitudinal exploration of the root 
microbiome both under unstressed and stressed conditions. Our research adds to the 
existing literature by demonstrating that time point is a significant factor both in stressed 
and non-stressed conditions, and that root communities reach a degree of stability a short 
number of weeks that may represent adaptation to a consistent watering regime. 
Furthermore, our research confirms that observed drought enrichments in Actinobacteria, 
and depletions in Sphingobacteria and multiple classes of Proteobacteria are maintained 
over multiple time points, which we hypothesize as being part of the plant host’s active 
role in recruiting a beneficial microbiome for drought tolerance. Future research, 
incorporating additional plant hosts across multiple field sites, will further our 
understanding the precise role development plays in microbiome establishment. 

4.5  Methods 
 Pilot Field Experimental Design. The experimental field used in the pilot study 
is an agricultural field site (the Gill Tract) located in Albany, CA [37.8864° N, 122.2982° 
W] whose characteristics are described in Chapter 2. While previous cultivations of the 
Gill Tract had involved maize and other cereal crops, to our knowledge this study 
represents the first planting of sorghum. Sorghum germplasm used in this study consisted 
of two inbred lines, S. bicolor cultivar BTx642 (previously known as B-35) and RTx430, 
who are respectively characterized by drought resistance after and prior to flowering, and 
the reverse pattern with respect to drought susceptibility. Preliminary growth chamber 
cultivation tests revealed that both genotypes exhibit healthy, unimpeded growth in field 
soil from the Gill Tract.  
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Prior to planting, seeds were surface-sterilized through soaking in 50% bleach + 
0.1% Tween-20 (5 minutes), followed by at least 3 washes in sterile ddH20. Sterilized 
seeds were transferred to sterile 0.8% agar plates (approx. 6 per plate) sealed with 
surgical Micropore tape to allow for gas exchange, and allowed to sit at 27°C in a 
Percival growth chamber for 3 days until a majority of seed had germinated. Germination 
rates were roughly 90-95% for both genotypes. 2-3 germinated plants were sown in 7.6 
cm pots with field soil, and grown in a growth chamber for 2 weeks under a 24°:20°C, 
16:8 L/D cycle. After 2 weeks, all but the healthiest plant from each pot was removed, 
and the remaining plants in all pots were transplanted into the field. The field consisted of 
6 replicate blocks, in which 24 plants from each genotype were transplanted for a total of 
48 plants per replicate block. Each block was a full factorial replicate of the treatments 
and time points, such that randomized combinations of the twelve time points, two 
watering treatments, and two genotypes were grown in each block. Within the block, the 
physical assignment of the plant locations to treatments was nested: each replicate block 
was divided into two subplots, corresponding to each watering treatment; within each 
subplot the position of plant species x time point was randomly assigned. To help 
seedlings adjust to field conditions, plants were covered with Reemay (Avintiv, 
Charlotte, NC) for one week to deter herbivory and maintain relatively stable temperature 
and humidity, after which point plastic netting approximately 0.91m high was added to 
do the same while allowing for free airflow and sunlight. Subsequently, plants were 
watered for ~1 hr, 3x per week using drip irrigation with 1.89 L /hour rate flow emitters, 
which is the equivalent of 5.67 L (1.5 gallons) per plant per week.  

Plants under the control condition were watered according to the above conditions 
during the duration of the experiment. Plants under the drought regime had watering 
interrupted at week 4 and resumed at week 12 (in both cases, subsequent to collection of 
plant samples for the corresponding week). For the duration of the experiment plants 
were monitored to ensure drought conditions did not induce lethality, and plots were 
regularly weeded to remove possible confounding plant factors that could influence the 
microbiome. Plant height was monitored for all plants over the duration of the 
experiment. For soil moisture content, samples were collected at four time points, three of 
which represented drought conditions (weeks 7, 9, 11) and one represented rewetting 
(week 14). For soil collection, approximately ten cubic cm of soil was collected using a 
15 cm soil corer (Forestry Suppliers Inc, Jackson, MS) inserted approximately 20.3 cm 
from the stem of each plant; these soil samples were stored in 15 mL Falcon tubes, 
transported to the lab, weighed and dried in a 80°C oven for three days. Samples were 
reweighed and soil moisture content was determined by subtracting one from the ratio of 
the initial measurement to the final measurement. With respect to plant biomass, samples 
were collected at harvest time for all six replicate blocks. Above ground biomass was 
measured by removing the aerial portion of the plant and measuring fresh weight in the 
field.  

For microbiome data, bulk soil, rhizosphere, and root samples were collected 
from six replicate blocks (due to limitations in time and funding available, only one of the 
six replicate blocks was used for microbiome analyses) and gDNA prepared as in 
(Coleman-Derr et al., 2016) with minor modifications, for 47 root samples, 47 
rhizosphere samples, and 17 soil samples. Root systems were excavated from the top 25 



 

 100!

cm of soil, shaken briefly to remove excess soil, and root tissue was collected and stored 
in epiphyte removal buffer (0.75% KH2PO4, 0.95% K2HPO4, 1% Triton X-100 in ddH20; 
filter sterilized at 0.2 µM) on ice. Samples were then sonicated for 10 min at ‘Low’ in a 
Diagenode Bioruptor (Diagenode Inc., Denville, NJ); residual soil remaining at the 
bottom of the tube after this step was retained as ‘rhizosphere soil’, whereas the roots 
were transferred to a new tube, rinsed twice with sterile water, and stored in with sterile 
epiphyte removal buffer. All samples were stored at -80°C until DNA extraction. 

 Main Field Experimental Design. The main field experiment was conducted in 
the Kearney Agricultural Research and Extension Center in Parlier, CA [36.6008°N, 
119.5109°W], whose soil chemical and environmental characteristics are described in 
Chapter 2. While I carried out downstream computational analyses, the experimental 
design described here, as well as the following sample collection and processing steps for 
this experiment, was largely undertaken by other members of the lab. The same sorghum 
cultivars (RTx430 and BTx642) were planted in a block design in which combinations of 
treatment, genotype, and replicate were randomized across the replicate blocks used. 
Eighteen blocks were used, representing three treatments, two genotypes, and three 
replicates, which were arranged in a semi-randomized manner across a 400 m by 100 m 
field, with 10 m spacing between plots. Each plot consisted of ten 50 m long rows of 
plants, each containing approximately 200 plants spaced 10 cm apart. In addition to 
watering control plants constitutively, two distinct drought treatments were imposed. For 
the pre-flowering drought treatment, no water was applied for one-third of replicates until 
week 9, whereas under the post-flowering drought treatment, watering was ceased after 
plants reached flowering (by week 10) until the termination of the experiment at week 17. 
For the respective pre- and post-flowering drought treatments, samples were collected 
beginning at weeks 3 and 8, as all previous weeks were functionally identical to those of 
the control treatment. 

 Sample Collection and Processing. Samples from the pilot experiment were 
collected and processed as described in the above section. With respect to the main 
experiment at Kearney, roots from 10 plants per genotype x treatment combination were 
pooled at each time point. At each time point (exactly the same day every week for 17 
weeks), all samples were collected approximately the same time of day (10am – 1pm). 
Roots were vortexed in epiphyte removal buffer ((0.75% KH2PO4, 0.95% K2HPO4, 1% 
Triton X-100 in ddH20; filter sterilized at 0.2 µM) for 5 minutes. After removal of the 
roots the remaining solution was centrifuged at 3500 rpm for 5 minutes to pellet 
rhizosphere soil. Bulk soil samples were collected 12 inches from the plant using a 6-inch 
soil corer. Subsequent sample processing for all sample types was performed as described 
in Chapter 2, using the MoBio PowerSoil DNA isolation kit. Concentration was assessed 
using a Qubit 3 Fluorometer (Invitrogen, Carlsbad, CA, USA) and quality using an 
Agilent Bioanalyzer 2100 (Agilent, Santa Clara, CA, USA). Libraries were prepared 
using the same primers and Illumina MiSeq platform as described in Chapter 2. 
Amplicon sequence data processing was accomplished using the same 16S data analysis 
pipeline (iTagger) described in Chapter 2. 

Statistical Analyses and Core Microbiome Generation. Subsequent analysis 
was performed in R with several packages including phyloseq (McMurdie and 
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Holmes, 2013), on the normalized reduced dataset containing 11,611 OTUs and 746 
samples. Shannon’s Diversity, Principal Coordinate Analysis and Canonical Analysis of 
Principal Coordinates (CAPS) were performed as described in Chapter 2. To generate the 
core microbiome, custom R analyses were run designed to filter taxa by persistence and 
abundance, where (respectively) OTUs present in at least 50% of samples in a specific 
subset were kept, and contributed to at least 0.01% of total cumulative read count 
abundance for all samples in a given subset. Separate analyses were run to determine 
overlapping OTUs shared between control and drought, and early and late datasets. 
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