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Abstract: The endothelial glycocalyx layer is a ~2 µm thick
glycosaminoglycan rich pericellular matrix expressed on the luminal
surface of vascular endothelial cells, which has implications in vessel
mechanics and mechanotransduction. Despite its role in vascular
physiology, no direct measurement has of yet been made of vessel
glycocalyx material properties. Vaterite microviscometry is a laser tweezers
based microrheological method, which has been previously utilized to
measure the viscosity of linear and complex fluids under flow. This form of
microrheology has until now relied on complete recollection of the forward
scattered light. Here we present a novel method to extend vaterite
microviscometry to relatively thick samples. We validate our method and
its assumptions and measure the apparent viscosity as a function of distance
from the vascular endothelium. We observe a differential response in
conditions designed to preserve the EGL in comparison to those designed to
collapse it.
© 2011 Optical Society of America
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1. Introduction
Mechanical inputs in the form of surface shear stresses have a profound impact on the
development, morphology [1], homeostasis, and pathology [2] of the vascular endothelium.
Fluid shear stresses derived from blood flow are transduced by endothelial cells (ECs) to
biochemical signals in a process central to their overall role in vascular physiology. ECs
possess known molecular force sensors at their basolateral surface, cell-cell adhesions, and at
the cell plasma membrane [2]. However, ECs express an often overlooked
glycosaminoglycan (GAG) rich pericellular matrix, known as the endothelial glycocalyx layer
(EGL), on their luminal surface in contact with blood flow [3,4]. Overlooking the EGL is in
part understandable, as it is notoriously difficult to image. In situ imaging methods typically
rely on exclusion [5]. There is good reason to believe that the EGL is mechanically significant
[6,7], plays a role in distributing forces to the possible force sensors [8], or that it in fact acts
as a mechano-sensitive structure itself [4,9].
The biochemical composition of the EGL is well known. It is comprised primarily of free
GAGs, proteoglycans, and glycoproteins [4]. Heparin sulfate comprises the bulk of EGL
GAG content [10] and is typically found bound to syndecan-1, −2, and −4 [11,12]. The
balance of EGL GAG content consists of condroitin sulfate [10], which is typically bound to
syndecan-1 and hyaluronic acid (HA) [4,13]. HA is the highest molecular weight EGL GAG,
ranging from 200 kDa to 2 MDa [14]. HA is thought to contribute greatly to EGL material
properties as it is long enough to form an entangled network [15,16]. HA is binds to the cell
surface receptor CD44 and also associates with chondroitin sulfate side chains [4,17].
Syndecan [18] molecules as well as CD44 [19] have cytoplasmic tails which associate with
the actin cytoskeleton. This association may provide a mechanism to distribute fluid shear
stresses from the luminal side to mechano-sensitive structures at other locations with-in the
cell [8].
Despite the depth with which we understand the biochemical make-up of the EGL,
surprisingly little is known about its material properties. As a first approach, Nijenhuis et. al.
used passive michrorheology to measure the broadband shear modulus G * (ω ) of HA
solutions [16] and cocktails with other EGL GAGs [15]. Damiano’s group has used microparticle image velocimetry to map the fluid flow profile in venules [7], arterioles [6], and in
vitro collagen channels [20] to measure the hydrodynamic effect of the EGL. In these studies,
particles are not observed close to the endothelial layer and EGL thickness is estimated by
extrapolation of the measured flow profile to zero. Several mathematical models have been
developed to estimate EGL material properties based on its composition, structure, and
experimental observation [21–24]. However, direct measurement of flow mediated EGL
material properties has remained elusive.
Here we use microrheology to directly measure the EGL. Microrheology is a set of tools
and techniques designed to measure microscale material properties of soft materials such as
the EGL. In one form of laser tweezers based microrheology pioneered in the lab of Dr.
Halina Rubinsztein-Dunlop, small spherical vaterite crystals are optically rotated to probe
local apparent viscosity in purely viscous and viscoelastic systems [25,26]. Vaterite is a
birefringent form of crystalline CaCO3. It can however, be synthesized in the laboratory with
a simple precipitation reaction. The resulting spherical vaterite particles are on the order of 110 µm in diameter and can be manipulated with optical tweezers. A trapped vaterite
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microsphere orients itself in the electric field such that it can be rotated with circularly
polarized light. The applied torque can be accurately measured optically. When compared to
the viscous drag torque for a rotating spherical particle in a Newtonian fluid, the apparent
viscosity can be accurately determined [26]. Importantly, this form of microrheology applies
continuous flow to the material, which is essential to measuring the material properties and
hydrodynamic relevance of the EGL. However, published methods for measuring the angular
momentum transfer require recollection of all the trapping light [26–28]. This has limited
vaterite based microviscometry (VMV) to relatively thin samples. Here we present a method
in which changes in apparent viscosity are detected by a serial calibration protocol, without
the need for complete recollection of the forward scattered light. In our method we first
measure trap stiffness and culture media viscosity from the linear displacement of silica beads
far from a boundary. We then measure viscosity near to the vessel wall by first determining
vaterite rotation rate and thus applied optical torque far from the wall. We apply this
technique to the ex vivo porcine femoral artery, where we show a differential response in
luminal apparent viscosity as a function of radial distance from the vessel wall in a system
designed to preserve the EGL as compared to a system designed to collapse it.
2. Materials and methods
2.1. Experimental setup
All measurements were carried out using a custom built optical trapping and detection system
as described previously [29], modified to apply and measure optical torque. Briefly, the trap
is developed using a randomly polarized 1064 nm fiber laser (IPG Photonics, Oxford, MA).
The beam passes through a calcite polarizer (105:1) and quarter wave plate to generate
circular polarization, and expanded to fill the back aperture of the microscope objective. The
forward scattered light is collected by the microscope condenser and the back focal plane of
the microscope objective is imaged onto a quadrant photo diode (New Focus, Irvine, CA) for
position detection. A glass coverslip was placed in front of the quadrant photo diode at a 45
degree angle to partially reflect the S-polarized component of forward scattered light. As the
vaterite microsphere rotates, the S-polarized component will be modulated as detected by a
photodiode (ThorLabs, Newton, NJ), which measures vaterite microsphere rotational
orientation [26].
2.2. Calibration of trap stiffness and measurement of viscosity
The positional power spectral density S ( f ) of an optically trapped dielectric particle
fluctuating in purely viscous media takes the form of a Lorentzian [30,31]:

S( f )=

S0
f c2 + f 2

where S0 denotes the plateau value, f denotes frequency, and
frequency. The corner frequency is expressed as:

fc =

κ trap
2πγ

(1)

f c denotes the corner

(2)

where κ trap is the trap stiffness and γ is the drag coefficient. For a spherical particle, the drag
coefficient is simply γ = 6πη r for a bead of radius r in a Newtonian fluid of viscosity η .
Thus, for a particle of known radius we can simply determine the trap stiffness from a
measurement obtained in a purely viscous fluid of known viscosity [30–32]. On the other
hand, once we have determined the trap stiffness, the same process yields a measurement of
viscosity, provided the new fluid is of sufficiently similar index of refraction and the
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calibration and experimental measurements are conducted at the same temperature [33]. We
will take advantage of this relationship in our serial calibration approach to VMV.
2.3. Passive microrheology (PMR)
At equilibrium, the imaginary part of the complex material response function is related to the
power spectral density of probe particle position through the fluctuation-dissipation theorem.
Provided the measurement is obtained with sufficiently high sampling frequency and
duration, the real component can be recovered using the Kramer’s-Kronig integral [34],
evaluated as serial discrete cosine and sine transforms [16,34,35]. Evaluation of the real
component allows us to correct for the effect of the trap. The complex shear modulus G * (ω )
is then determined using the Generalized Stokes Einstein Relationship [34].
2.4. Vaterite microsphere production
Vaterite microspheres were synthesized via a precipitation reaction [27] and stabilized [36] as
previously described. One hundred µL of vaterite microsphere stock solution was washed 2X
and resuspended in 100 µL of Millipore water for each experiment. Both stabilized and nonstabilized vaterite microspheres tends to bind electrostatically to glass surfaces, making
optical manipulation difficult. We coated our glass bottom dishes (MatTek, Ashland, MA)
with bovine serum albumin (BSA) by pre incubation with a 10% BSA solution in phosphate
buffered saline at room temperature for ~30 minutes prior to the experiment to prevent this
interaction. We note that BSA alone is unable to rescue a collapsed glycocalyx [37].
Furthermore, coating the glass or the vaterite microspheres themselves are equally effective in
preventing the electrostatic binding (data not shown).
2.5. Tissue collection
Yucatan mini pigs of either sex (n = 3), weighing 30 kg, were initially sedated with ketamine,
20 mg/Kg and xylazine, 2 mg/Kg. Animals were intubated and then mechanically ventilated
(Seimens Elema, Solna, Sweden) at a rate of 10 mL/Kg/hour and placed under general
anesthesia (2.5% isoflurane). The animals had been used for a protease inhibition study under
protocol: 2006-2674. At the conclusion of these studies, but prior to animal sacrifice, we
administered heparin (300 units/Kg, IV), which we allowed to circulate for 90 seconds, and
immediately administered intravenous euthasol, 10 mL. Following euthasol administration,
2.5 cm of femoral artery was collected. The excised tissue was immediately placed in
modified KREBS-Henseleit buffer [38], placed on ice and transported from UCI Medical
Center to UCI Main Campus. The cold tissue was then cut into rings of roughly 1 mm in
thickness using a pair of sterilized safety razor blades. The rings were placed into incubation
medium (EBM-2 + 10% FBS + 5 units/mL Pen/Strep) and allowed to recover for at least 2
hours at 37 ̊C and 5% CO2.
2.6. Data collection

A femoral artery ring was placed in a number zero BSA coated glass bottom dish and held in
place with a weight. The dish was filled with either “EGL collapsing” media (Modified
KREBS-Henseleit buffer + 1% BSA) or “EGL preserving” media (incubation medium).
Samples were placed on the microscope stage within a XY piezo insert (Physik Instrumente,
Karlsruhe, Germany) and kept warm (24.6° C) with an objective warmer (Warner
Instruments, Hamden, CT). Five μL of the vaterite microsphere solution were added and a
single vaterite microsphere was selected which was both round in appearance and able to
rotate in the trap without noticeable wobble. The vaterite microsphere was moved to a
location at least 20 µm from the vessel endothelium, which typically was more than 50 µm
above the glass surface. Photodiode output was recorded at 10 kHz for one second and
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Fig. 1. Schematic of experimental approach. Laser trap stiffness,

κ trap ,

is first measured by

trapping a particle of known diameter in water (A), and then determining the corner frequency
from a Lorentzian fit to the power spectral density of particle fluctuations (B). κ trap is related
to the corner frequency by Eq. (2). The procedure is repeated in the center of an excised vessel
slice (C), where the corner frequency of the power spectral density (D) is used to determine the
viscosity, η0 of the culture media by Eq. (2). The apparent viscosity, ηi as a function of gap
thickness is determined by optically measuring the rotation rate of a vaterite particle rotating
under constant optical torque at various distances from the vessel wall (E). For each gap
thickness, ηi is calculated by measuring vaterite particle rotation rate and Eq. (5) (F).

transformed by fast Fourier transform to determine the rotational frequency. Measurements
were repeated five times. The microsphere was then stepped towards the wall in 0.5 µm steps
using the piezo insert, until the microsphere was displaced from the trap after contacting the
vessel wall. For each position, the gap thickness was measured as the shortest distance
between the vessel wall and the surface of the microsphere. Next, 1 µm diameter silica beads
(Bangs Laboratories, Fishers, IN) were pipetted into the vessel lumen and a single silica bead
was trapped hundreds of microns away from the vessel wall and at least 5 µm above the cover
glass. Silica bead fluctuations were recorded by sampling QPD signals at 100 kHz for 60
seconds. The viscosity η0 was then determined by solving Eq. (2) after computing f c by
fitting a Lorentzian function to the microsphere position power spectrum. In “solid boundary”
experiments, the femoral artery ring was replaced by a 0.5 inch diameter, number 1.5 glass
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cover slip placed in water at room temperature. VMV data acquisition was carried out as
described above.
2.7. Posterior calibration
Our approach to VMV near to a thick sample such as a vessel slice is to solve for apparent
viscosity near the vessel by comparing the rotational rate to that measured far from the vessel.
A schematic of our approach is shown in Fig. 1. The local viscosity η0 , of fluid surrounding
a vaterite microsphere rotating at Ω0 far from a boundary is given by [26,27]:

η0 =

∆σ P
8π r 3ωΩ0

(3)

where ∆σ is the difference in input vs. output circular polarization, P is the laser power, ω is
the frequency of the trapping light, and Ω0 is the rotational frequency of the vaterite
microsphere. It is assumed that input polarization is known, all the trapping light is
recollected, the fluid is continuous on the length scale of the microsphere and boundary
effects are insignificant. This condition is satisfied far from the vessel wall. Consider a
microsphere rotating near to, or within the EGL at rotational rate Ωi . If measurements are
made on the same microsphere far from the wall, but at the same laser wavelength,
polarization and power, then we can normalize the equation for viscosity at position ‘i’ by Eq.
(3):

∆σ P
ηi 8π r 3ωΩi Ω0
.
= =
∆σ P
η0
Ωi
8π r 3ωΩ0

(4)

Thus, the apparent viscosity

ηi =

Ω0
η0
Ωi

(5)

is simply a function of η0 and vaterite microsphere rotation rate. Since η0 can be determined
from fluctuation analysis of silica beads (Fig. 1 C) far from the wall using Eqs. 1 and 2 and
vaterite microsphere rotation rate (Fig. 1 F) can be determined without the use of a high
numerical aperture condenser, we can extend VMV to relatively thick samples. This will hold
for culture medium that is linear across observable frequencies.
3. Results
3.1. VMV in water near a solid boundary
To validate our method, we first measured the apparent viscosity ηi at each position as a
function of gap thickness by VMV with a 4.5 µm vaterite microsphere rotating at 6.4 Hz
approaching a solid boundary comprising a glass wall (Fig. 2 A). The ratio Ω0 Ωi remains
near unity until the surface of the microsphere was approximately 3 µm from the boundary
(Fig. 2 B). In Fig. 2 B, the data is fit to the model presented by Leach et. al. [39] for a sphere
rotating about an axis perpendicular to surface normal of a nearby solid boundary (residual =
0.0791). Important to our method, both culture media preparations behave as linearly viscous
materials (R2 > 0.99) with ηcollapsing
= 0.8375 ± 0.0028 cP and η preserving
= 0.8881 ± 0.0008 cP
(95% confidence interval) across observable frequencies as assessed by PMR (Figs. 2 C and
D).
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Fig. 2. Validating VMV near a glass boundary and linearity of our culture media. (A) A 4.5
µm vaterite microsphere rotating at 6.4 Hz in water at room temperature near a solid boundary
comprising a glass wall. The gap thickness is measured as shown. Scale bar is 10 µm (B)
Experimental data and fit of relative rotation rates as a function of gap thickness. The residual
of fit is 0.0791, mostly due the point closest to the boundary. Note the fine scale on the vertical
axis. (C) PMR measurement in EGL collapsing media. (D) PMR measurement in EGL
preserving media. PMR confirms linearity of the culture media across observed frequencies.

3.2. VMV in excised vessel slices
VMV was performed in excised vessels (Fig. 3 A) cultured in media known to preserve or
collapse the EGL [4,37]. As seen in Fig. 3 A, a vessel slice buckles when removed from an
intact vessel due to tissue prestress [40]. Using Eq. (5), ηi was measured by vaterite
microspheres approaching the vessel wall in media known to preserve EGL structure [4,37]
(Fig. 3 B). Viscosity was determined to be spatially heterogeneous and significantly greater
than that of the media far from the vessel wall or that in Fig. 2 B for a solid glass boundary. In
contrast, spatial variation in viscosity was confined to a region closer to the wall for vessel
slices cultured in media chosen to collapse the EGL (Fig. 3 C), as expected. To highlight role
of the EGL in modulating viscosity, sample curves from each condition are plotted together in
Fig. 3 D.
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Fig. 3. VMV of the EGL in an excised porcine femoral artery. (A) A 4.7 µm vaterite
microsphere rotating at 6.0 Hz in EGL preserving media near the endothelium of an excised
vessel slice. The gap thickness is measured as shown. Scale bar is 10 µm. (B) Apparent
viscosity, ηi measured in an excised vessel slice cultured in EGL preserving media (C)
Apparent viscosity,

ηi

measured in an excised vessel slice cultured in EGL collapsing media.

(D) Representative data for vessel experiments in EGL preserving and collapsing media, as
well as the solid glass boundary experiment in water highlight role of the EGL in modulating
local apparent viscosity.

4. Discussion
Much interest has been expressed towards measuring the material properties of the EGL
[15,16], as it may play key roles in regulating blood flow and vessel reactivity [4]. Mimetic
solutions have been previously measured by passive rheology [15,16], a powerful method that
reports broad spectrum measures of shear modulus. However PMR and oscillatory active
microrheology methods do not set up continuous flow, and will likely report different
material properties than VMV since the EGL is comprised of an entangled meshwork of long
fibrous components [4,16], which may rearrange themselves under flow. Typically biological
materials exhibit nonlinear material properties in which strain [29,41,42] and strain rate
[15,16,43] modulate elastic and viscous moduli. As such, it is expected that the EGL will
behave differently when probed by an oscillating microsphere as compared to a continuously
rotating one.
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VMV has been demonstrated to measure small volumes of fluid, both linear [27] and nonlinear [25,26], through continuous rotation of a vaterite microsphere under constant optical
torque. Our group has long sought a method for extending VMV to the direct measurement of
EGL hydrodynamic effects [6,7] in arteries, in which collection of all the forward scattered
light is not feasible and multiple scattering within the thick tissue will randomize polarization
independent of vaterite microsphere-material interactions, thus affecting our measurement of
optical torque. Important to our method, measurement of S polarization by partial reflection
off the glass coverslip maintains sufficient signal to noise to extract rotational position of the
vaterite microsphere (Fig. 1 F).
In our approach to VMV, the rotational position is recorded as described, but the applied
optical torque is not measured directly. Instead, we take advantage of the relatively large
vessel lumen to measure the applied torque in situ. We use passive fluctuation analysis (Fig. 1
B and D) to first characterize the media, and then calculate the applied torque from measured
vaterite microsphere rotation rates (Fig. 1 F). We maintain a constant laser power and assume
torque is not modulated significantly as we move the vaterite microsphere towards the EGL.
Critical to our method is the assumption of linearity with respect to the viscous behavior of
the culture media, which we validated using PMR as shown in Figs. 2 C and D. Since the
viscosity of the media is frequency independent, changes in microsphere rotation frequency
can be attributed to changes in the microenvironment. Therefore, modulation of apparent
viscosity shown in Figs. 3 B - D must be a result of either a boundary condition or the
presence of the EGL, which is notoriously difficult to image [3,4], but can be ‘felt’ by the
rotating microsphere.
Since the shape of the vessel wall is not easily determined, and more so for the EGL,
models for extracting material properties from VMV will not be exact. However, much can be
gained from understanding the differential apparent viscosity under varying physiological
conditions. By rotating a microsphere towards a glass boundary (Figs. 2 A and B), we
established a baseline against which we compare vessel measurements. Our solid glass
boundary data was well described and validated by the Leach model, and consistent with
previously reported VMV results [39]. When a rotating vaterite microsphere approaches a
collapsed EGL, ηi resembles that observed in the solid boundary experiments until the
microsphere is just against the vessel wall (Figs. 3 B and C). Deviation from the solid
boundary condition in ηi data near the wall may be attributed to vessel geometry and the
presence of a collapsed EGL. For the first time, we have observed the viscous properties of
the intact arterial EGL as shown in Figs. 3 B and D. As compared to both the solid boundary
and the collapsed EGL experiment, the intact EGL modulates viscosity far from the cell
plasma membrane, with ηi increasing by 3X at a gap thickness of 6 µm. In situ exclusion [5]
and imaging [44] experiments suggest the EGL thickness ranges from 0.4 to 4.5 µm, but do
not report a measure of its effect on hydrodynamics. Interestingly our vaterite microspheres
are similar in size to red blood cells and report hydrodynamic effects 6 µm from the solid cell
boundary, beyond the limits of the EGL as reported in dye exclusion experiments. Our
application of VMV opens the door to quantitatively analyze the role of the EGL in
determining near wall hemodynamics, the distribution of shear stresses on the endothelial
lining, and vascular mechano-sensing. With the development of our posterior calibration
methods, we can now proceed to integrate VMV with either dye exclusion or fluorescently
labeled HA binding protein measures of EGL geometry to quantitatively model EGL
properties.
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