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ABSTRACT OF THE DISSERTATION 

 

Mechanical performance, stability, and antimicrobial efficacy of a polymer surface with 

biomimetic nanopillars 

 

By Sara Elizabeth Heedy 

Doctor of Philosophy in Chemical and Biomolecular Engineering 

University of California, Irvine, 2021 

Professor Albert F. Yee, Chair 

 

Contact lenses contaminated by pathogenic fungi and bacteria cause eye infections, 

resulting in ~1 million doctor’s office visits every year, at a cost of $175 million annually in the 

USA alone. The most severe of these infections are plagued by protective biofilm, which make the 

microbes more tolerant to current drug therapies, and creates an urgent need for alternative 

strategies. In my thesis research, material and topographical solutions inspired by nature are 

explored. I investigated the use of the biopolymer chitosan, which is antimicrobial, biocompatible, 

plentiful, and inexpensive. The anti-biofouling surface structures found on cicada wings, shark 

skin, and fish scales are used as inspiration for nanopillars imprinted on chitosan. The fabricated 

surfaces can prevent biofouling and influence the mechanical performance of the material.  

 The specific goals of this dissertation are to: 1) Fabricate, characterize, and optimize the 

design of a chitosan hydrogel film with nanopillars which remain stabilize even after immersion 

in liquid; 2) Evaluate the antimicrobial efficacy of the chitosan hydrogels with nanopillars against 

Fusarium oxysporum and Pseudomonas aeruginosa; and 3) Investigate the link between the 

mechanical performance and nanopillar surface on the chitosan hydrogels. I demonstrated in this 

thesis a scalable process to fabricate bioinspired nanopillar surface structures. The bioinspired 

surface generally enhances the antimicrobial efficacy and mechanical performance of several types 

of hydrogel films. The generalization of this technique has important implications and commercial 

potential.  
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Chapter 1.  Introduction – Bioinspired nanopillar surfaces on a chitosan biopolymer 
hydrogel   

1.1. Introduction  

There are over 40.9 million contact lens wearers in the USA, one third of which report 

experiencing painful, red eyes that require a doctor’s office visit.1 Contact lens related eye 

infections account for ~1 million doctor’s office visits every year, at a cost of $175 million 

annually.2 The most severe of these infections are plagued by biofilm, a structured microbial 

community encased in a protective, self-produced extracellular polymer substance.3 From contact 

lenses to urinary catheters, there is an ever increasing need to engineer biocompatible materials 

that are both strong and tough, as well as antimicrobial. 

Once a biofilm has developed, microbes are less susceptible to antimicrobial agents, 

making it much more difficult to treat the infection.4 Resistant microbial infections in general have 

been listed as a top ten threat to global health by the World Health Organization in 2019.5 Medical 

device infections are particularly problematic, because  ~10,000x less bacteria are necessary to 

start an infection on their surfaces compared to tissue.6 

A more attractive option might be to prevent the infections from happening in the first 

place with antimicrobial materials and coatings. As of 2021, antimicrobial coatings are already at 

$3.4 billion industry, and it is expected to be a $5.9 billion industry by 2026.7 There are two main 

approaches to producing antimicrobial surfaces: using materials that incorporate antimicrobial 

agents such as cationic compounds, antibiotics, or silver; or surface topography that interacts with 

microbes and inhibits growth.8  

Antimicrobial surfaces that incorporate cationic compounds are increasingly popular 

because they are less likely to cause antimicrobial resistance compared to antibiotics or 

antifungals.9 Chitosan is a cationic polymer with demonstrated activity against bacteria, 

filamentous fungi, and yeasts.10 Chitosan is easily processed, abundant, non-toxic, and is currently 

used in commercial medical devices.11 

Bioinspired surfaces with complex sub-micron topography such as those found on the wing 

surface of the dermal denticles (placoid scales) of shark skin,12 glasswing butterfly (Chorinea 

faunus),13 setae of the Tokay gecko foot (Gekko gecko),14 and wing surface of the cicada 

(Megapomponia intermedia)15 exhibit antimicrobial properties. These surfaces generally consist 
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of arrays of nanostructures, particularly nanopillars, 100 – 500 nm in diameter with various heights 

and densities. Surfaces that harness these natural patterns have been engineered by various groups 

for applications in antimicrobial surfaces16 and structural mechanical surfaces.17 But as the use of 

these coatings becomes more ubiquitous, there is a greater need to understand exactly how these 

nanostructures are affecting the mechanical properties of the materials in which they are employed. 

In this work, I explore the properties of stiffness, strength, and toughness on antimicrobial, 

nanopillared chitosan based hydrogels, that were fabricated with dropcast lithography. 

1.2. Hydrogels for a contact lens application 

Hydrogels have appropriate material properties for many biomedical applications. 

Hydrogels are a 3-D network composed of polymer chains that can undergo network volume 

changes during swelling with up to 70~90% of water (Error! Reference source not found.). In t

he context of this work, the hydrogel must be compatible with the human eye; specifically it should 

not be cytotoxic to the epithelium on the inner surface of the eyelid or cause irritation. The 

engineering design challenge is due to the fact that overnight use of contact lens causes the highest 

rate of complication or chance of getting microbial keratitis.18Additionally, many of these high 

water content hydrogels suffer from protein deposition, poor handleability, and poor mechanical 

properties.19 

 

Figure 1.1. An illustration of a hydrogel network before (left) and after (right) swelling in solution. 

1.3. Universal prevalence of microbes 

Bacteria and fungi thrive in virtually every corner of the earth: from extreme environments 

as diverse as arctic glaciers20 and deep-sea vents21 to communities within and around the human 

environment.6 Multiple microbial species often exist within these environmental biofilms that 

reside symbiotically with the host. However, the opportunistic bacteria and fungi found in chronic 

infections form aggregates that are predominantly one species.4 Infection-causing opportunistic 



3 

bacteria and fungi penetrate and invade the skin and mucosal barriers, causing inflammation and 

disease.4 The hosts’ endogenous defenses are typically efficient at preventing infection.6 However, 

medical devices lack these natural defenses, and as a result ~10,000x less bacteria are necessary 

to start an infection on their surfaces compared to tissue.6 

Bacteria exist in two forms: the free-floating planktonic mode and the attached sessile 

mode. Planktonic bacteria are generally more vulnerable to antimicrobial agents in the surrounding 

environment. Sessile microbes form protective biofilms, which are extracellular polysaccharide 

matrix communities. A hallmark of biofilms is decreased susceptibility to antibiotics and 

antimicrobials. Biofilm formation has been observed in bacteria, yeast, and filamentous fungi.22–

24 Because adhesion is the first step of biofilm formation, it is desirable to stop the development 

of microbial biofilms by preventing the initial attachment. 

1.4. Causative organisms of microbial keratitis 

Microbial keratitis is an infection of the cornea, typically showing as redness and pain in 

the eye. This vision-threatening disease can be caused by ocular trauma, disease, surgery, and 

contact lens wear.25 A few of the opportunistic microbes that cause microbial keratitis are the 

gram-negative bacteria Pseudomonas aeruginosa and filamentous fungi Fusarium oxysporum.25  

A clinical study over a five year period in Australia found that P. aeruginosa was one of the most 

common pathogens in contact lens related keratitis.25 While bacterial keratitis is more common 

than fungal keratitis, fungal keratitis is associated with longer and more severe corneal infections.26  

In 2005-2006, an outbreak of Fusarium oxysporum related keratitis in the U.S. was associated with 

Bausch & Lomb’s contact lens solution.27 As a result of the infection, 37 of the 120 (31%) cases 

required corneal transplantation.27 Both of these pathogens were used in my thesis studies due to 

their prevalence in microbial keratitis cases. 

1.5. Methods to control microbial-surface interactions 

As mentioned above, there has been extensive research into methods to control microbial-

surface interactions and thus the development of biofilm. Microbial-surface interactions are 

heavily influenced by the surface topography, surface area, surface charge, 
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hydrophobicity/hydrophilicity, and stiffness.28 Combining multiple biologically inspired 

antimicrobial strategies has emerged as a new direction to combat microbial infestation.29–31 

1.5.1. Inherently antimicrobial materials 

Some of the earliest antimicrobial materials recorded and discovered were metals. The use 

of metallic copper to sterilize chest wounds dates as far back as 2600 – 2200 BC, in the Papyrus, 

an ancient Egyptian medical text32 discovered by Edwin Smith. In medieval times, silver was made 

into cups to sterilize drinking water.33 While the advent of antimicrobial medications made the use 

of metallic surfaces less popular, the rise of antimicrobial resistance has led to a resurgence in the 

investigation of the possibility of these surfaces in a clinical setting. In 1983, Kuhn documented 

the benefits of using such metals in a hygiene sensitive areas, such as a hospital doorknobs.34 

However, there have been reports that microbes can develop tolerance, or resistance, to these 

metals as well.35 Additionally, these materials are not suitable for biomedical applications such as 

a contact lens. 

Herbs and flower extracts were commonly used antimicrobial agents in traditional Chinese 

medicine. One such herb is Zhi Zi, also known as the ornamental shrub Gardenia jasminoides Ellis 

(Gardenia). Extraction with ethanol produces genipin, which has anti-inflammatory and anti-

cancer properties.36–38 Genipin has been used to crosslink amine-containing biomaterials, and is 

less cytotoxic and inflammatory than other common crosslinkers such as glutaraldehyde.39,40 

Additionally, genipin reduced colonization of bacteria and fungi in an ex vivo corneal infection 

model.41  

Cationic compounds, in the form of polymers, surfactants, and peptides have garnered 

significant interest for use as antimicrobial agents.42 Such compounds contain two functional 

components: the cationic group and a hydrophobic group. Mechanistically, the cationic group 

absorbs onto the microbial membrane, and the hydrophobic group infiltrates and disrupts the 

microbial membrane, ultimately causing microbial death.9 The cationic polymer chitosan is widely 

available and is biocompatible. Chitosan is a derivative of chitin, which is the second most 

abundant polysaccharide in the world after cellulose. The natural abundance of chitin, and 

therefore chitosan, make chitosan a promising candidate for green engineering applications. 
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1.6. Bioinspired nanopillar topography to hinder microbial proliferation 

Engineered surfaces inspired by the antibiofouling, nanopillared surfaces found in nature 

have become increasingly popular as a means to control microbial growth.43,44 The antimicrobial 

quality is generally believed to originate from the nanopillar tip causing mechanical stress on the 

microbial membrane, which increases the internal turgor pressure until the eventual membrane 

rupture and cell death.43,45,46 Authors have also noted that the efficacy of nanopillars varies with 

microbial species, as well as the nanopillar shape and size. More recently, alternative mechanisms 

that do not require cell lysis such as inhibition of microbial division and increased oxidative stress 

have been postulated.47,48 Although the specific antimicrobial mode of action remains ambiguous, 

using nanopillared surfaces may become a viable method to control microbial adhesion. 

1.6.1. Shape , size, and aspect ratio of nanopillars 

For the nanopillar surface to be effective the microbe must be in contact. The antimicrobial 

nanopillars exhibit size and shape-dependent antimicrobial activity. Typical geometric parameters 

of the nanopillars include height, diameter, shape, and periodicity (Figure 1.2a). The ratio of the 

height to the diameter of the nanopattern dictates the aspect ratio (h = h d-1) (Figure 1.2b). 

 

Figure 1.2. An illustration of the various nanopillar geometric parameters. (a) The height, periodicity, and 
diameter (characterized by the full width at half maximum) of a single nanopillar. (b) Examples of low 

and high aspect ratio nanopillars.  

Extensive research has been conducted using these nanopillared surfaces to hinder the 

growth of both gram-negative and gram-positive bacteria. During the initial adhesion, the 

bacteria will favor maximizing its contact surface area with a substrate. As a result, if the 

nanopillars are spaced too far apart the bacteria will tend to adhere to relatively flat regions 

between the features.49,50 

Decreasing the nanopillar periodicity increases the probability that the microbe will 

directly interact with the nanopillars. Nanopillars that are very tall and closely spaced can 

preferentially align and orient the bacteria between the posts.50 Smaller, more closely spaced 
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nanopillars (typically with a diameter of 200 – 500 nm) have been found to be the most 

antibacterial against gram-negative bacteria such as E. coli and P. aeruginosa.15,16 Filamentous 

fungi are much larger than gram-negative bacteria. A previous Yee lab member determined that 

larger, wider-spaced nanopillars were more effective at hindering the growth of filamentous 

fungi.51  

1.7. Chitosan  

Numerous groups have examined chitosan for potential application as a contact lens, since 

chitosan is intrinsically antimicrobial, has high oxygen permeability, can be transparent, and is 

biocompatible.  Li et al. utilized a quaternized-chitosan-graft-poly(ethylene glycol) to make an in 

situ coating for a contact lens with microbial suction capability.52 Xin-Yuan et al. utilized chitosan 

and gelatin composites to fabricate a highly oxygen permeable contact lens, although no microbial 

studies were conducted.53  

One of the primary sources of chitosan is chitin, a polysaccharide that occurs in fungi walls 

as well as crustacean and insect exoskeleton. The seafood industry alone generates ~1011 tons of 

waste annually.54 The global market for chitin and chitosan is estimated to be 106.9 thousand 

metric tons,54 and valued at $357 million USD in 2020.55 

The transformation of the C-2 acetamide groups (N-acetylglucosamine (GlcNAc)) in chitin 

into primary amino groups (D-glucosamine (GlcN)) results in chitosan (Figure 1.3).56 The ratio of 

glucosamine/N-acetyl glucosamine is referred to as the degree of deacetylation. Both the quantity 

and the pattern of deacetylated groups along the polymer chain backbone influence the 

characteristics of the polymer.57 

 

Figure 1.3.Chemical structure of chitin (left) and chitosan (right). 

The primary amino groups in chitosan have a pKa of ~6.3, so chitosan itself generally has 

a pKa between ~6.1 and ~6.4, and thus will become protonated in solutions with a pH below 6.0.58 
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The protonated amino groups allow chitosan to be soluble in the acid and become a polyelectrolyte. 

Thus, chitosan is easily processed with weak acids. Once the pH increases above 6.0, the amino 

groups become deprotonated, and chitosan loses its cationic nature and becomes nearly insoluble. 

Chitosan has a wide variety of properties that make it a potential material choice for 

engineering applications. Both the amino and hydroxyl groups are reactive, allowing chemical 

modification. It is non-toxic, biodegradable in normal physiological conditions, mucoadhesive, 

antimicrobial, antitumor, and accelerates bone formation.56,59 Chitosan has been suggested as a 

resource-efficient and zero-waste material for lunar and Mars space exploration missions.60 The 

relative abundance, easy processibility, and favorable properties of chitosan has made it of great 

interest for engineering applications. 

1.7.1. Antimicrobial properties of chitosan 

Chitosan has demonstrated antimicrobial properties against both fungus and bacteria.10,61 

The antimicrobial qualities are generally believed to originate from the cationic amine groups 

along the chitosan backbone, which are capable of binding to the anionic components of microbial 

membranes.62 Additional antimicrobial mechanisms including microbial membrane 

permeabilization and depolarization, as well as changes in gene expression related to stress and 

metabolism have been postulated.63–65 Authors have also noted that some microbes are more 

susceptible to chitosan than others,66,67 and the susceptibility depends upon factors such as the 

degree of deacetylation, deacetylation pattern, and molecular weight of chitosan.65,68 The 

ambiguity in the antimicrobial mode of action has prompted extensive, ongoing research into the 

underlying mechanisms.10,69  

1.8. Methods to enhance material mechanical performance 

As mentioned above, one major obstacle in the development of hydrogels for engineered 

devices is that hydrogels tend to be relatively weak. Classic, weak hydrogels typically contain > 

90% of water, with the remaining < 10% composed of a crosslinked polymer.70 There has been 

significant effort to develop hydrogels with enhanced mechanical performance for use as 

engineered, structural devices.71,72 
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1.8.1. Strategies to make stiff, strong tough hydrogel 

Recent strategies to obtain strong, stiff, and tough biopolymer hydrogels for structural 

applications include the use of double-network hydrogels, noncovalent interactions, and applying 

orientation to the network. A few of the first strong and tough structural hydrogels were double-

network hydrogels consisting of a tightly crosslinked rigid and brittle network intertwined with a 

loosely crosslinked soft and ductile network,73 wherein the rigid and brittle hydrogel network acts 

as sacrificial bonds to dissipate energy by breaking into small clusters upon crack propagation. 

Another method utilizes noncovalent interactions such as ionic74 and hydrogen bonding75,76 to 

increase strength and stiffness. When multiple bonds are clustered together, they act cooperatively 

and break concurrently, therefore stabilizing and strengthening the material.77,78 

1.8.2. Bioinspired nanostructured topography to enhance mechanical performance 

Nano- and micro-structured surfaces, such as those found on shark skin and fish scales,79,80 

demonstrate superior mechanical performance due to the structured interface. The mechanical 

characteristics of these surfaces is attributed to the hierarchical assembly of the weak building 

blocks, which allow energy absorption through out-of-plane deformation.79 Combining in-plane 

and out-of-plane deformation allows for increased crack deflection and energy absorption.81,82 

Periodic textures, such as those found on stitched composites, are strong energy absorption 

mechanisms during out-of-plane deformation.83 

1.9. Thesis summary and significance 

Nature generally uses multiple strategies to make superior engineered structures. Bioinspired 

nanostructured surfaces can be antimicrobial, antibiofouling while simultaneously enhancing the 

mechanical performance of the material. The naturally occurring cationic polymer chitosan is 

easily processable, abundant, and has a diverse set of properties. In this thesis, I chronicle my 

studies on the combination of multiple bioinspired strategies to generate hydrogels with superior 

antimicrobial effects and mechanical performance. Herein, I have the following aims: 

 

Aim 1: Fabricate, characterize, and optimize the design of a chitosan hydrogel film with 

nanopillars (Chapter 2) 
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Aim 2: Evaluate the antimicrobial efficacy of the chitosan hydrogel film with nanopillar 

surface (Chapter 3) 

Aim 3: Investigate the link between the mechanical performance and nanopillar surface 

structure on the developed chitosan hydrogels (Chapter 4) 
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Chapter 2.  Chitosan film with nanopillars: Fabrication, characterization and design 
optimization  

2.1. Abstract 

In this chapter, I discuss the fabrication, characterization, and optimization of a chitosan 

surface engineered to inhibit the growth of pathogenic fungi. I began by characterizing the starting 

chitosan solutions and directly cast nanopillar films. These films are water soluble. Two 

stabilization methods were used to render the films water insoluble. I examined the influence that 

the stabilization method had on the nanopillar morphology prior to and after immersion in solution. 

Finally, the in vitro antifungal properties of the chitosan films were tested. 

2.2. Introduction 

An overarching goal of my project was to fabricate a biopolymer hydrogel film capable of 

inhibiting growth of pathogenic microbes. I chose to utilize two antimicrobial strategies –an 

antimicrobial polymer chitosan, and imprinting the surface with antimicrobial structures. The 

antimicrobial qualities of chitosan are generally believed to originate from the cationic amine 

groups along the chitosan backbone, which are capable of binding and interacting with the anionic 

components of microbial membranes.62 Additional antimicrobial mechanisms including microbial 

membrane permeabilization and depolarization, as well as changes in gene expression related to 

stress and metabolism have been postulated.63–65  Arrays of sub-micron surface structures are 

generally believed to cause mechanical stress and tension on the microbial membrane in contact 

with the nanopillar,45 ultimately causing bacterial membrane rupture and death.46,84 More recently, 

additional antimicrobial mechanisms including inhibition of microbial division and increased 

oxidative stress, without requiring lysis, have been postulated.47,48 I designed a biopolymer 

hydrogel scaffold that harnessed the combination of an antimicrobial material and antimicrobial 

surface arrays to effectively inhibit microbial growth. Therefore, my goal was to develop, 

fabricate, and optimize a chitosan hydrogel with arrays of nanopillars on the surface. The methods 

used to stabilize and crosslink the chitosan nanopillar films controls the surface nanostructure 

morphology and the network structure. Furthermore, the effects of stabilizers on the antimicrobial 

efficacy of chitosan films remain unclear. Therefore, for the development of the biopolymer 

hydrogel films, I have the following goals: 1) Develop and design a fabrication process for 
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biopolymer films with high fidelity replication of high aspect ratio nanopillar arrays; 2) Modify 

the fabrication parameters to ensure the high aspect ratio nanopillar arrays are retained after 

immersion in aqueous solution for 24 hours; and 3) Optimize the biomaterial parameters to inhibit 

the growth of the disease causing fungus F. oxysporum.  

2.3. Film fabrication 

To fabricate nanoscale structures on the surface of the chitosan hydrogel I utilized dropcast 

lithography, also known as capillary force lithography. Before outlining considerations for this 

fabrication process, I briefly describe the process outlined in Figure 2.1. The process utilizes a 

mold with the negative relief of the desired surface pattern. The chitosan solution is poured onto 

the surface of the mold (left). The solvent is evaporated, causing the polymer chains to form a 

densified film (center). Finally, the densified polymer film is peeled from the negative mold (right).  

 

Figure 2.1. Schematic of the dropcast lithography process.  

2.3.1. Dropcast lithography: rheological & surface energy considerations 

Unlike traditional nanoimprint lithography in which pressure and temperature are applied 

to the solution or melt in order to force the liquid into the nanocavities, in dropcast lithography the 

infiltration of the polymer solution depends upon the surface tension and polymer density.85 If 

there is negligible interaction (adhesion or phobicity) between the polymer and the cavity wall, 

then the dominant factor that drives the polymer solution to infiltrate the nanocavities will be 

capillary action . The maximum height the polymer can rise by capillary action is: 

O O

OH

HO

NH2

O OO

OH OH

HO
OHO

NH

CH3

O
NH2

n

chitosan

Pour Peel-off

Evaporate

mold

Templated nanopillar
hydrogel film



12 

ℎ =
2𝛾𝑐𝑜𝑠𝜃
𝜌𝑔𝑟

 Equation 1. 

Here, h is maximum height of the nanopillar, g is polymer-air surface tension, q is the contact angle 

of the polymer-mold interface, r is the density of the polymer, g is the gravity acceleration 

constant, and r is the nanocavity radius. The time necessary for the polymer to fill the nanocavity 

can be estimated: If the effect of gravity is neglected, the capillary size and the surface tension and 

viscosity of the polymer solution dictate the flow such that the time is:85 

𝑡 =
2𝜂𝑧!

𝑅𝛾𝑐𝑜𝑠𝜃
 

Equation 2 

Here, t is the time, h is the viscosity of the polymer, z is the capillary length, and R is the 

hydraulic radius (ratio of the volume of the capillary liquid section to the area of the solid/liquid 

interface).  

The surface tension g, polymer viscosity h, and density r have a positive correlation with 

the chitosan solution concentration.86 A polymer solution will have difficulty in completely 

wetting a mold with a very low surface energy (large q). However, a mold with too high of a 

surface energy (small q) means that the polymer and mold cannot be separated after the infiltration 

process. Moreover, polymer solutions with large viscosities will need longer times to completely 

fill the nanocavity compared to lower viscosity solutions. Dropcast lithography does not rely on 

an increase in temperature to decrease the solution viscosity to facilitate nanocavity infiltration. 

Highly viscous polymer solutions may yield nanopillars with incomplete nanocavity filling before 

the solvent has evaporated. 

2.4. Nanopattern mold fabrication 

The fabrication process begins by fabricating a negative nanostructured mold. To make 

this, we purchased either a nickel mold from Temicon (Temicon, Germany) or a cicada wing from 

Etsy (Etsy, Brooklyn, NY). The dimensions of the molds and sources of the molds used are listed 

in Table 2.1. A previous Yee lab member, Junming “Jimmy” Cai, developed a simple mold 

fabrication process utilizing thermoplastic polyurethane (PU).87 After fabricating a PU solution, 

the PU molds take 1~2 hours to fabricate. The PU molds are stretchy and robust, rendering them 

resistant to fracture and breakage during handling and manipulation. Additionally, the PU molds 
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have a high surface energy, which allows the polymer solutions to easily wet the PU mold surface. 

The development of these PU molds was an encouraging advancement that hastened the 

fabrication of nanostructured biopolymer films. 

Table 2.1. Dimensions of feature measurements on nanopatterned molds. 

Pattern Source Periodicity (nm) Height (nm) Width (nm) 

P200 Cicada wing 170 210 70 

P300 Nickel mold 320 300 120 

P500 Nickel mold 500 700 100 

 

2.5. Characterization of the chitosan solutions 

Because chitosan is a naturally sourced material, the chitosan powder tends to have a lot of 

variability. I thoroughly characterized the starting material and solution for the degree of 

deacetylation and viscosity. Chitosan is soluble in weak acids. However, acid also causes acidic 

hydrolysis of the chitosan chains, subsequently reducing the molecular weight.57 To reduce the 

molecular weight degradation, I used 0.1 M acetic acid as the solvent and made small batches of 

solution (~20 mL). The small batches ensured that the solutions did not remain on a shelf for 

extended periods of time before they were used. I made chitosan solutions ranging from 0.05 w/v% 

to 2 w/v%.  

2.5.1. Degree of deacetylation 

The degree of deacetylation of chitosan (DA) relates the fraction of amine to acetyl groups 

present along the chitosan chain. Because chitosan is obtained from natural sources – ranging from 

shrimp to fungi – the DA can vary widely. The DA strongly influences the chitosan solution 

solubility, viscosity, reactivity, and performance. 

We obtained chitosan powder from Qingdao Yunzhou Biochemistry Co. A previous Yee 

lab researcher, Dr. Yuhang Cai, quantified the DA and the pKa of this chitosan powder by titration. 

The degree of deacetylation (DA) was 90%, and the pKa was 6.1. The pKa and DA are in 

agreement with previous literature reports that correlate chitosan pKa and DA.88  
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2.5.2. Degree of ionization 

The amine group in chitosan is generally responsible for its ability to undergo chemical 

modifications, chelate metals or interact with microbial membranes.59,89 In acidic media, the amine 

group is ionized and becomes protonated. The degree of ionization a' measures the number of 

neutral (Chit-NH2) or ionized (Chit-NH3+) groups in the polymer chain. As a' à 0 the chitosan 

molecule is completely deionized (Chit-NH2), and as a' à 1 the chitosan molecule is completely 

ionized (Chit-NH3+). Rinaudo et al. has shown that chitosan completely solubilized in acetic acid 

typically has a' > 0.6.58 

2.5.3. Solution viscosity and polymer chain interactions 

The interaction between neighboring polymer chains in solution is dependent upon the 

chain concentration. In a semi-dilute polymer solution, there are very few interactions between the 

hydrodynamic volumes of the polymer chains, and the viscosity has a linear relationship with 

concentration. As the solution concentration increases, the polymer chain-chain interactions 

increase, eventually forming entanglements, and the viscosity has a nonlinear relationship with 

concentration. The concentration at which the solution begins to form entanglements is the 

entanglement concentration C*. 

A plot of the polymer concentration versus the viscosity yields information about the type 

of polymer chain interactions at a given concentration. To gain an understanding of how the 

chitosan solution would flow into the nanocavities of the mold, the viscosities of the chitosan 

solutions were measured using rheology.  I calculated the specific viscosity of the solutions as:  

hsp = hrel – 1= ( h -ho )/ho 

where 𝜂!"# =
$
$!

, hsp is the specific viscosity, h is the viscosity of the solution, and ho is 

 the viscosity of the solvent.  
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Figure 2.2. Rheological characteristics of the chitosan solutions. (a) Flow curves of chitosan solutions in 
0.1 M acetic acid. (b) Plot of specific viscosity of the chitosan solutions in 0.1 M acetic acid. 

The viscosity vs. shear rate results are shown in Figure 2.2a. The viscosity of the solvent, 

0.1 M acetic acid, was measured as 0.9 cP. The lowest concentration of the chitosan solution, 0.05 

w/v% chitosan, had a viscosity of 2.8 cP. Increasing the concentration to 1 w/v % chitosan 

increased the viscosity to 63.5 cP. The highest concentration measured, 2 w/v% chitosan, had a 

viscosity of 420 cP. Figure 2.2a also demonstrates that the solution viscosities are relatively 

insensitive to the range of shear rates from 10-1 to 5x102 s-1.The log-log plot of the specific 

viscosity versus the chitosan solution concentration in Figure 2.2b shows two distinct regimes 

divided at the concentration of C*~0.82 w/v%. The slope at lower concentrations, ~ 1.6, apparently 

shows the semi-dilute, unentangled regime. The slope at higher concentrations, ~2.6, is the 

entangled regime, where the viscosity rose rapidly with concentration. C* is thus the entanglement 

concentration for this system.  
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I hypothesize that chitosan films cast from unentangled solutions would produce the tallest 

nanopillars. Unentangled chitosan solutions may infiltrate farther into the nanocavity hole than 

entangled solutions, because the individual polymer chains move with minimal interactions with 

neighbor polymer coils. At the same time, nanopillars cast from unentangled solutions may suffer 

from mechanical fragility, resulting in the nanopillars that fracture during the demolding step.90 

Nanopillar fracture during demolding could result in a large distribution in heights and aspect 

ratios (ratio of nanopillar height to nanopillar diameter), decreasing the replication fidelity, and 

compounding the difficulty in interpreting the results.  

Nanopillars cast from entangled solutions may have superior demolding behavior 

originating from the entanglement induced ductility. At the same time, the order of magnitude 

viscosity increase greatly increases the time necessary to fill the nanocavity hole.91 In the process 

we employ in this work the polymer matrix is assembled by solvent evaporation, i.e., dropcasting. 

An advantage of the dropcast lithography process is that it does not need heating that might alter 

the polymer solution characteristics. Therefore, nanopillars cast from highly viscous polymer 

solutions may succumb to solvent evaporation prior to the solution completely infiltrating the 

nanocavity. As a result, chitosan films cast from highly entangled solutions may produce stunted 

nanopillars.  

2.6. Matrix stabilization methods 

Films cast directly from the acidic solution retain the ionized amine group (R-NH3+) along 

the chitosan chain, which is linked to the antimicrobial properties of chitosan.92 Figure 2.3a shows 

an illustration of the neat films that contain chitosan chains with partially ionized amine groups. 

At the same time, the ionized amine groups interact with water in solution, causing dissolution of 

the film. To stabilize the chitosan films for use in an aqueous solution, the chitosan films must be 

either physically or chemically crosslinked.  

I mainly utilized neutralization and covalent crosslinking in my studies, although ionic 

crosslinking is discussed briefly in Chapter 4. The following describes advantages and limitations 

of each strategy applied to chitosan. 
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Figure 2.3. Example illustrations of the chitosan networks. (a) An illustration of the neat chitosan film, 
that demonstrates the partial ionization of the polymer chain. (b) An illustration of the NaOH-chitosan 
network that shows crystalline regions and hydrogen bonds and a decrease in ionized groups. (c) An 

illustration of the genipin-chitosan network that shows covalent bonds and the retention of the ionized 
groups.  

2.6.1. Neutralized chitosan films 

Neutralization of the acidic chitosan films is accomplished by soaking the chitosan film in 

a basic solution. A commonly used base is aqueous sodium hydroxide (NaOH) solution. The 

neutralizing reaction occurs between the protonated amine group (Chit-NH3+) and the -OH- ion, 

effectively stabilizing the polymer chains by converting the Chit-NH3+ into Chit-NH2 (Figure 

2.3b). In other words, the neutralization process decreases the number of ionized amine groups. 

Because NaOH is a monovalent salt the chitosan chains do not form ionic crosslinks between the 

chains. Instead, the chitosan film is formed from hydrogen bonds, hydrophobic interactions, and 

crystallites between the fibrous chitosan chains.93–95 The lack of ionized amine groups could 

provide the reason why some authors observe a decrease in antimicrobial efficacy with neutralized 

films.96,97 In fact, neutralized chitosan films have been used as a control for chitosan’s 

antimicrobial efficacy.98   
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A few major benefits of the neutralization process are the simplicity, tunability, and 

retention of biocompatibility of the resulting films.99 The major drawbacks of the neutralization 

process are that the physically formed networks can be reversed, the networks potentially lack 

dimensional stability in some environments, and can be difficult to precisely control their physical 

gel pore size.99  

I fabricated neutralized chitosan films by first preparing neat, unstabilized chitosan films. 

I subsequently immersed the films in either 5 wt.% or 10 wt.% NaOH aqueous solution for 1 

minute before rinsing them with deionized water. These films were dried on the mold before 

demolding. This process subjects the nanopillar surface to two competing processes: solvent 

induced dissolution and base induced stabilization. Fernandez et al.100 neutralized chitosan posts 

(1 µm tall and 5 µm diameter) with NaOH, and found that higher NaOH concentrations led to less 

structural degradation as measured by white-light interferometry. Concentrations of  >2 w/v% 

NaOH decreased the degradation to less than 4% for a 1 µm tall post.100 Although those studies 

were conducted on structures on the micron scale, while the features of this work are on the 

nanoscale, the work serves as a guideline to determine the NaOH concentration necessary to retain 

the nanopillar integrity and stabilize the underlying film.  

2.6.2. Covalently crosslinked chitosan films 

A commonly used biocompatible crosslinker is genipin. Genipin can be obtained from the 

geniposide compound found in fruits of Gardenia jasminoides Ellis flowers (Figure 2.4).  

 

Figure 2.4. Image of the Gardenia jasminoides flower. Image reproduced from Wikipedia101 

 In acidic conditions, genipin reacts with the neutral amine (Chit-NH2) to form a 

heterocyclic amine (Figure 2.3c).102 Therefore, any remaining ionized groups within the chitosan 
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solution may interact with the microbial membrane. A major benefit of this covalent crosslinking 

is the formation of permanent ties between the chitosan chains, causing permanent dimensional 

stability.99 Further benefits of utilizing genipin are: the decreased cytotoxicity in comparison to 

other chemical crosslinkers,40 naturally anti-inflammatory,103 and antifungal activity.104 The major 

drawbacks of genipin crosslinking are the slow, complex crosslinking reaction,102,105 and vibrant 

blue color which may be undesirable in some applications.106 

Following the work by Makita et al.107, Li et al.108 and Khan et al.97, I fabricated covalent 

crosslinked chitosan films using 0.25 mM to 1.5 mM genipin. I mixed solutions of chitosan in 0.1 

M acetic acid and genipin in ethanol, dropcast the crosslinking solution onto a PU mold, and 

covered the films to facilitate crosslinking between the chitosan and genipin molecules, before 

evaporating the solvent and drying the films. This process forms the covalently bonded hydrogel 

matrix directly in the nanocavity. This technique results in nanopillar morphology that should be 

independent of the crosslinker concentration, at least before immersion in solution. Makita et al.107 

quantified the stability of 500 nm nanogroove patterns on gelatin films crosslinked with 1 mM to 

20 mM of genipin, and found that the highest concentration of genipin was the most stable after 

14 days of immersion in culture medium. Although these studies were conducted on nanogroove 

structures on a gelatin film, while this work focuses on nanopillar structures on chitosan, the work 

serves as a preliminary guideline for the role of genipin crosslinker on the stabilized nanofeatures. 

2.7. Analysis and development of the nanopillar surface  

The first goal was to develop a high fidelity fabrication process that replicated high aspect 

nanopillar arrays onto a chitosan surface. Qualitatively, I evaluated the nanopillar shape, and 

quantitatively I evaluated the nanopillar height and aspect ratio. Subsequently, I characterized the 

nanopillar morphology at different fabrication stages using atomic force microscopy (AFM). I 

tuned the chitosan solution concentration and stabilization method to optimize the morphological 

parameters described above. To address the second goal, determination of nanopillar stability after 

immersion in aqueous solution, I examined the nanopillars before and after immersion in aqueous 

solution using scanning electron microscopy (SEM).  

Previous work has shown that the size and spacing of nanopillars influence the 

antimicrobial efficacy of the surface structures. A previous lab member, Dr. Rachel Rosenzweig, 

discovered that the P500 pattern was the most effective at inhibiting the growth of the fungus F. 
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oxysporum. Therefore, I chose to start the experiments by replicating the P500 pattern. The smaller 

P200 and P300 nanopillars are more likely to succumb to adhesive forces during demolding. Their 

results are discussed in Chapter 4.  

For each of the nanopillar parameters (shape, height, and aspect ratio) I had a target goal 

for the nanopillar shapes to be like cones or spikes, which could potentially impart the greatest 

amount of tension on the microbial membrane in contact with the nanopillar.43 As the nanopillar 

aspect ratio increases, additional lateral stress is imparted onto the microbial membrane.45 

Therefore, I also desired to have tall nanopillars, with an aspect ratio greater than 1.  

2.7.1. Influence of the solution concentration on nanopillar morphology 

The morphological parameters I examined were nanopillar shape, height, and aspect ratio. 

As described in Chapter 2.3.1. the maximum nanopillar height, and therefore aspect ratio, is 

controlled by the chitosan solution r, g, the mold material, and geometry. I expect that all of the 

nanopillar morphological parameters will also strongly depend on the concentration, because 

entangled and unentangled solutions will flow differently into the cavities. 

I examined neat P500 films (in the acidic form) to serve as a baseline for further 

modifications. I cast films with nanopillar topography from acidic chitosan solutions with chitosan 

concentrations (Cchitosan) ranging from 0.125 w/v% to 2 w/v%. The acidic nanopillar films were 

fixed to glass slides with tape, and examined in the tapping mode using an atomic force microscope 

(AFM). Further experimental details can be found in the methods section (Chapter 2.11. ). Three 

individual films were scanned for each concentration. 

To analyze the AFM data, I first processed the raw images using Gwyddion,109 a modular 

program for AFM data analysis and visualization. The AFM images were flattened by application 

of a watershed threshold (~56 px2) on the nanopillar tips, and removing a fourth-degree polynomial 

background to the unmasked region. The minimum value was shifted to zero (Figure 2.5a). 
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Figure 2.5. Example of AFM image analysis process to extract height and diameter of nanostructure 
topography. (a) Representative AFM micrograph of a P500 film. (b) The nanopillar tips are selected by 
isolating the region with the grain watershed function in Gwyddion. Each selected region is individually 

analyzed. (c) The nanopillar height distribution for the corresponding AFM micrograph. (d) The 
nanopillar diameter distribution for the corresponding AFM micrograph. The AFM scale bars are 500 nm.  

After preparing the images for analysis, the nanopillar heights and aspect ratios (h= hd-1) 

were determined using Gwyddion.109 As shown in Figure 2.5b, the watershed was reapplied to 

select the nanopillar tips. The watershed selection was justified as proper if it met the following 

criteria: (1) Selected objects near the micrograph edge that were more than 50% out of the 

micrograph were removed; (2) Selected objects between distinct pillars were removed; and (3) 

Selected objects were unaffected by neighboring objects. The maximum z-height (zmax) and mean 

radius (rmean) were then exported as a text file, and plotted in R using ggplot2 (Figure 2.5c,d).110,111 

Representative AFM scans are shown in Figure 2.6a. The nanostructures fabricated with a 

Cchitosan = 0.125 w/v% resulted in misshapen and missing features. Increasing to Cchitosan = 1 w/v% 

resulted in better cavity filling and more reliable nanopillar shapes.  Further increasing the solution 

concentration to 2.0 w/v% resulted in shortened, rounded nanopillars. 
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Figure 2.6. AFM data of the neat chitosan films cast from different solution concentrations. (a) 
Representative AFM topography scans of nanopillar films. Influence of the chitosan solution 
concentration on the (b) nanopillar height and (c) aspect ratio. Three individual surfaces were 

characterized for each concentration. 

Histograms of the corresponding nanopillar heights are shown in Figure 2.6b. The lowest 

concentration of chitosan (Cchitosan(0.125 w/v%)) resulted in the tallest mean nanopillar height of 

522 ± 71 nm. Increasing the concentration to Cchitosan(0.25 w/v%) slightly decreased the maximum 

nanopillar height to 415 ± 33 nm. In the entangled regime, the polymer viscosity (and 

subsequently, its flow properties) holds a non-linear relationship with concentration. This could 

explain why the nanopillar height increased at Cchitosan(1.0 w/v%) = 515 ± 67 nm, but increasing 

the solution concentration further (Cchitosan(1.5 w/v%) and Cchitosan(2.0 w/v%)) resulted in shorter 

nanopillars.  

Histograms of the nanopillar aspect ratios are shown in Figure 2.6c. The aspect ratios 

become more uniform as the unentangled solution concentration increases toward the 

entanglement concentration (Figure 2.2). The increase in aspect ratio observed at Cchitosan(1.0 

w/v%) is close to the entanglement concentration C*. Films cast from entangled solutions 

demonstrate very broad distributions in aspect ratios, perhaps due to the strong interactions 

between polymer chains.  

The height and aspect ratio of the individual nanopillars on the various chitosan films show 

that the starting solution concentration was an important parameter to consider. The height and 

aspect ratio of nanopillars cast from unentangled solutions (C < C* =0.82%) became increasingly 
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uniform as the concentration approaches C*. It is likely that films cast from the most dilute 

solutions examined had few polymer-polymer interactions between chains in each nanopillar, 

resulting in nanopillars that were easy to fracture during the demolding step. This hypothesis 

appears to agree with our observations about the uniformity of the nanopillars increasing in the 

unentangled region to the C*. In the entangled region ( C > C* = 0.82%) polymers have strong 

interactions between chains. The resulting nonlinear interactions in this region could explain why 

the C=1 w/v% films, which are close to C*, have a relatively normal distribution, but increasing 

the concentration further results in large, bimodal distributions in both the height and aspect ratio. 

2.7.2. Influence of the crosslinking method on the nanopillar morphology and stability  

Based on the results presented above on the neat chitosan nanopillar films, my subsequent 

studies use the 1.0 w/v% chitosan solutions. The nanopillar morphology (shape, height, and aspect 

ratio) of the acidic (Chit-NH3+), neat chitosan films forms an important baseline for subsequent 

stabilization attempts. Films were stabilized by neutralization with aqueous NaOH solution (5 

wt.% or 10 wt.% aqueous NaOH solution) or covalent genipin crosslinking (0.25 mM to 1.5 mM 

genipin). The naming scheme of the resulting films is presented in Table 2.2. 

Table 2.2. Naming scheme for chitosan film types. 

Film Code 

1 w/v% chitosan film, unstabilized Neat 

Neutralized with 5 wt. % NaOH 5% NaOH-chit 

Neutralized with 10 wt.% NaOH 10% NaOH-chit 

Crosslinked with 0.25 mM genipin 0.25 mM gen-chit 

Crosslinked with 0.5 mM genipin 0.5 mM gen-chit 

Crosslinked with 1.5 mM genipin 1.5 mM gen-chit 

 

The films were adhered onto a glass side for AFM analysis. Three films of each type were 

analyzed using the procedures developed in Chapter 2.7.1. To compare the stabilization method 

on the nanopillar heights and aspect ratios, the measured values were used to calculate the percent 

change relative to the neat film. I used the neat nanopillar height measurements, zo, to calculate 

the mean z-value, zmean. The percent change for each type of film was then calculated as: 
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𝑁𝑎𝑛𝑜𝑝𝑖𝑙𝑙𝑎𝑟	ℎ𝑒𝑖𝑔ℎ	𝑐ℎ𝑎𝑛𝑔𝑒	(%) = 3
𝑧%&#' − 𝑧'"()

𝑧'"()
6 ∗ 100% 

Where zfilm is the nanopillar height measured from the AFM micrographs for each type of film. 

The change in aspect ratio was calculated in a similar manner. 

 

Figure 2.7. Morphology of nanopillars after stabilization. (a) Representative AFM scans of 1 w/v% 
chitosan films. The films are either neat, or stabilized with 5 wt.% NaOH, 10 wt.% NaOH, 0.25 mM 
genipin, 0.5 mM genipin, or 1.5 mM genipin. Change in the (b) nanopillar height and (c) nanopillar 

aspect ratio after stabilization compared to the neat film. Three individual surfaces were characterized for 
each film. 

As seen in Figure 2.7a, the method used to stabilize the nanopillars strongly influenced the 

nanopillar height and aspect ratio. The neat nanopillar height was 515 ± 68 nm. After 1 minute in 

a 10 wt.% NaOH solution, there was a 11% loss in nanopillar height. At 5 wt.% NaOH the 

nanopillar height degraded 65% to 178 ± 10 nm (Figure 2.7b). The 10% NaOH-chit films show a 

17% increase while the 5 wt.% NaOH films show a 70% decrease in aspect ratio compared to the 
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neat control. Both neutralized films exhibit normal distributions in height and aspect ratio. In other 

words, the neutralization step results in shorter, more uniform nanopillars. 

The nanopillars on both the 0.25 mM gen-chit and 0.5 mM gen-chit films were 

approximately equivalent in height to the neat control (Figure 2.7b). The 0.5 mM gen-chit film 

exhibited nanopillars that were 15% taller than the neat control. The permanent stabilizing effect 

of genipin was also observed by the similarity (p > 0.05) of the aspect ratios between the control 

and genipin-crosslinked films (Figure 2.7c).  

 The variation of the nanopillar morphology originates from the stabilization procedures. In 

the neutralization procedure, a neat chitosan film was soaked in an aqueous NaOH solution. The 

neutralization process occurs at a time scale of seconds to minutes. This allows the competing 

processes of nanopillar degradation and base stabilization to occur.100 On the other hand, the 

covalently crosslinked genipin films are fabricated by mixing the crosslinking solution and then 

pouring that solution into the mold. The genipin crosslink reaction occurs at a time scale of hours 

to days.105 As a result, the genipin crosslinked film is formed directly, without an intermediate step 

that forms an un-stabilized film.   

 The nanopillars on the neutralized film have a decrease in height and aspect ratio compared 

to the neat control. This is most pronounced in the 5% NaOH-chit film, which could be because 

the NaOH concentration is not sufficient to swiftly stabilize the ionized amine groups. Chemically 

crosslinking the chitosan films with genipin led to substantially less degradation than that observed 

in the neutralized films.  

Influence of crosslinker on nanopillar stability 

To understand how the nanopillar morphology withstood immersion in aqueous solution, 

I characterized the surface morphology of the films with SEM. Two samples for each type of film 

were prepared. The as-prepared films (dry) were adhered onto conductive carbon tape and 

examined with SEM. The second film was immersed in deionized water for 24 hours, then dried 

completely in a petri dish.  
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Figure 2.8. Representative SEM micrographs of chitosan P500 films in the as-prepared state (top row) 
and after 24 hours immersed in deionized water (bottom row). Scale bars are 2 µm. Micrographs taken 

with a 45 ° tilt. 

The as-prepared neat chitosan film shows high fidelity replication of the nanopillars across 

the surface (Figure 2.8). However, the neat film completely dissolves in water after a few hours. 

The film stabilization by neutralization or genipin have a profound effect on the nanopillar 

morphology after immersion in solution. The as-prepared 5% NaOH-chit film nanopillars are 

shortened and stunted, which provide further support for the hypothesis that the neutralization step 

dissolved some of the nanopillars. After 24 hours in aqueous solution, the 5% NaOH-chit 

nanopillars are severely shortened. Both the 10% NaOH-chit and 0.25 mM gen-chit films shows 

good replication of the features before and after immersion in water. The 0.5 mM gen-chit 

nanopillars appear to have slightly relaxed into the bulk matrix, and large clusters of matrix 

material have migrated onto the surface. The 1.5 mM gen-chit surface has a wavy, wrinkled 

texture, which is typical of materials with an uneven crosslink density throughout the film 

thickness.112 As a result, I conjecture that the nanopillars had formed a tighter crosslinked network 

at the film surface, in comparison to the bulk matrix beneath it.  

 Clearly, films with the highest NaOH concentration (10% NaOH-chit) and the lowest 

genipin concentration (0.25 mM gen-chit) retained the features to the greatest extent after 

immersion in solution. I expect that nanopillar retention is an important parameter for the following 

fungal experiments. Therefore, I continued experiments with the 10% NaOH-chit, 0.25 mM gen-

chit, and 0.5 mM gen-chit in the rest of the text.   

As-prepared

After
24 hours

1.5 mM gen-chit0.5 mM gen-chit0.25 mM gen-chit5% NaOH-chitNeat 10% NaOH-chit

Dissolved
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2.8. Film characterization 

Next, I characterized the viscoelastic properties of the films. I fabricated the neutralized 

and genipin crosslinked films with nanopillar patterns of P500 and P300, as well as an unstructured 

flat control.  

2.8.1. Viscoelastic behavior of the hydrogel films 

The viscoelastic behavior of the materials was examined by determining the linear 

viscoelastic regime (LVE) with parallel plate rheology at increasing oscillatory strains. The 

experimental details are described in Chapter 2.11.  The storage modulus G’ represents the elastic 

behavior, while the loss modulus G” represents the viscous behavior. The G’ quantifies the 

capacity for a material to store energy, while G” quantifies the materials ability to dissipate energy 

through heat. When G’ > G” the material presents as a viscoelastic solid-like behavior. 

Examination of the linear viscoelastic region enables the determination of the limit of solid like 

properties for the sample. After the flow point (the crossover point of  G’ and G”) the viscous 

portion (G”) dominates and the sample will begin to flow. 

 

Figure 2.9. Typical oscillatory amplitude sweep of the chitosan hydrogels. The storage modulus G’ (blue) 
in the low strain region is greater than the loss modulus G” (red), indicating the solid like behavior of the 

hydrogels. The flow point (cross over when G’ is equal to G”) is marked by tf. 
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Storage and loss moduli (G’ and G”) versus strain for the hydrogels is shown in Figure 

2.10, and summarized in Table 2.3 In all of the films, the storage moduli are almost an order of 

magnitude greater than the loss moduli (G’ > G”), confirming that the solid-like behavior of the 

hydrogels. All of the types of stabilized films demonstrate a higher G’ value for the P500 films 

compared to the unstructured flat films, indicating that the P500 films have a more rigid network 

structure. This surprising result will be revisited in Chapter 4. 

 

Figure 2.10. Rheological properties of the hydrogels. Representative amplitude sweeps of the (a) 0.25 
mM gen-chit and (b) 0.5 mM gen-chit, and (c) 10% NaOH-chit flat (blue), P300 (yellow), and P500 

(grey) films. A total of 3 measurements were made for each type of film. 

The 0.25 mM gen-chit films show the P300 films storage modulus is 4.3 × 103 Pa, an order 

of magnitude lower than those of the flat and P500 films (Figure 2.10a). The P300 film had a flow 

point of ~320% strain, compared to the 200% of flat and 180% of the P500. The substantial 

increase in strain indicates that the polymer chains within the P300 film are able to undergo more 

deformation, possibly due to enhanced polymer microstructural rearrangement. 

The strain at which G’ begins to decrease can indicate the limit of the linear response of 

the material. A notable nonlinear behavior of the films is the overshoot and local maximum of G”. 

Materials such as associative polymer solutions,113 crosslinked biopolymer gels,114 concentrated 

emulsions,115 and electrorheological fluids116 show such a G” overshoot, and are classified as a 

type-III material.117 The origin of the G” overshoot has been explained by an increase in the 

effective network volume,113 rearrangements of polymer clusters and microstructure,118 and 
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particle aggregation.119 In other words, the overshoot of G” is due to the destruction and formation 

of the polymer network.117 At very high strains, the subsequent decrease in G” is due to the chain 

or microstructure aligning along the flow direction, or complete structural breakdown.120 

In the case of the hydrogels, the overshoot in G” at moderate strain can be attributed to 

rearrangement of the microstructure and increase in the effective network volume. Under 

deformation, the covalently bonded junctions of the 0.25 mM gen-chit and 0.5 mM gen-chit film 

network may rearrange before subsequent chain alignment. This could be the cause of the high G” 

overshoot. The higher flexibility and G” overshoot observed in the 0.25 mM gen-chit films 

compared to the 0.5 mM gen-chit films may be due to the lower crosslink density imparted from 

the crosslinker concentration, which allows the 0.25 mM gen-chit network to undergo a greater 

amount of deformation.  

By comparison, the 10% NaOH-chit films demonstrate a much lower G” overshoot. The 

network is stabilized by hydrogen bonds, hydrophobic interactions, and crystalline regions93 which 

begin to rearrange under deformation, but ultimately are more susceptible to chain and 

microstructural alignment, ultimately manifesting as a smaller G” overshoot. This susceptibility 

of the 10% NaOH-chit film network to chain or microstructural alignment is also manifested by 

the lower flow point compared to the genipin crosslinked films (Figure 2.10c, Table 2.3). 

Table 2.3. Storage and loss modulus of the hydrogels. 

Type Pattern Storage 

Modulus, G' 

(Pa) 

Loss Modulus, 

G", (Pa) 

Flow Point 

Strain, tf, (%) 

0.25 mM gen-chit Flat 3.3 × 104 3.9 × 102 2.0 × 102 

P300 4.3 × 103 8.4 × 101 3.2 × 102 

P500 6.4 × 104 5.7 × 103 1.8 × 102 

0.5 mM gen-chit Flat 1.7 × 104 5.1 × 102 2.7 × 102 

P300 2.3 × 104 8.2 × 102 3.1 × 102 

P500 2.1 × 104 3.4 × 102 2.9 × 102 

10% NaOH-chit Flat 6.6 × 104 5.7 × 103 1.5 × 102 

P300 1.0 × 105 1.3 × 104 4.3 × 101 

P500 1.4 × 105 1.1 × 104 7.2 × 101 
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The differences in the linear elastic behavior and nonlinear deformation observed between 

the flat, P300, and P500 films within each stabilizer is due to the effect of confined crosslinking 

and network development within the nanocavities, alongside orientation of the polymer chains. 

This effect will be discussed at length in Chapter 4.  

2.9. Effect of chitosan films on filamentous fungi growth  

Using the knowledge gained by developing the stabilized nanopillar surfaces, I optimized 

and engineered chitosan nanopillar surfaces to inhibit the growth of the opportunistic, disease-

causing filamentous fungi Fusarium oxysporum. Although the fungal growth on the final, 

optimized chitosan surfaces is discussed at length in Chapter 3, the optimization experiments 

warrant their own discussion. The experiments were performed with a strain of F. oxysporum that 

expresses green fluorescent protein (FOX GFP 8996), provided by Prof. Li-Jun Ma at the 

University of Massachusetts, Amherst. To prepare the samples for this study, holes were cut in the 

bottom of a 12-well tissue culture plate. The samples were hydrated in culture medium, positioned 

between the hole and a glass slide, and fixed to the bottom of the plate with a silicone sealant. By 

using this method, I was able to isolate the hydrogel surfaces for the antimicrobial experiments.  

2.9.1. Effect of unstructured chitosan films on fungal growth  

First, I examined the effect of different chitosan crosslinking methods on the growth of F. 

oxysporum. Fungi spores were added to the surfaces with an initial spore count of 2 × 105 onto 

triplicate surfaces in polystyrene wells. After 24 hours, I removed 10 µL of spore suspension and 

performed a serial dilution in phosphate buffered saline (PBS) solution. The diluent was plated 

onto SD agar plates, which were incubated for 24 hours before the colony forming units (CFU) 

were counted. I calculated the CFUs per mL of solution (CFU/mL) from the surviving growth at 

the sample surface. The initial experiments were performed on flat chitosan films, results from 

which are presented in Figure 2.11. 
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Figure 2.11. Antifungal activity against F. oxysporum of the unstructured stabilized chitosan surfaces. 
The 0.25 mM gen-chit (red), 0.5 mM gen-chit (blue), and 10% NaOH-chit (green) surfaces show varying 
amounts of antifungal activity after 24 hours. The gen-chit surfaces are n = 6, and the NaOH-chit surfaces 

are n=9. 

The surfaces influenced the amount of fungal growth after 24 hours. The surviving growth 

on the 10% NaOH-chit surfaces was ~1.3 × 105 CFU/mL (Table 2.4). The surviving F. oxysporum 

growth on the 0.25 mM gen-chit and 0.5 mM gen-chit surfaces was more than an order of 

magnitude lower, at 2.5 × 103 CFU/mL and 0.8 × 103 CFU/mL, respectively. The storage modulus 

of the 10% NaOH-chit films was 6.6 × 104 Pa, much higher than 3.3 × 104 Pa and 1.7 × 104 Pa of 

the 0.25 mM gen-chit or 0.5 mM gen-chit flat films, respectively. Kolewe et al. reported that more 

bacteria adhered to stiffer hydrogels.121 Therefore, it is possible that the 10% NaOH-chit facilitated 

more fungal growth due to the combination of a stiffer material (promoting microbial adhesion to 

the hydrogel scaffold) combined with the fewer cationic groups (reducing microbial membrane 

binding and permeabilization by the hydrogel). 

2.9.2. Effect of nanopillar chitosan films on fungal growth  

Next, the hydrogel surfaces were patterned with nanopillar surface structures using the 

dropcast lithography technique described above. For these studies, I used the P300 and P500 

patterns. I compared the growth of F. oxysporum after 24 hours on the genipin-chitosan films and 
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10% NaOH-chitosan films with nanopillar topography. F. oxysporum was added as 2 × 105 spores 

onto triplicate surfaces in polystyrene wells.   

 

Figure 2.12. Antifungal activity against F. oxysporum of the genipin crosslinked and NaOH neutralized 
chitosan unstructured flat and nanopillared surfaces. The flat (yellow), P300 (grey) and P500 (red) 

surfaces show varying amounts of antifungal activity after 24 hours, with a starting spore concentration of 
105 CFU/mL. The gen-chit surfaces are n = 6, the 10% NaOH-chit surfaces are n=9. 

The number of CFUs recovered from the suspension above the 0.25 mM gen-chit surfaces 

decreased with the addition of the nanopillars (Figure 2.12.). The CFU growth was ~2.5 × 103 

CFU/mL on the flat, decreasing ~73% to ~0.6 × 103 CFU/mL on both the P300 and P500 films. 

On the other hand, the number of CFUs recovered from the 0.5 mM gen-chit surfaces was ~0.8 × 

103 CFU/mL on the flat, and increased 100% to ~1.6 × 103 CFU/mL on the P500. The viable fungal 

growth on the 10% NaOH-chit surfaces was ~1.26 × 105 CFU/mL on the flat, decreasing 76% to 

~3.0 × 104 CFU/mL on the P500 surface.  
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Table 2.4. Antifungal properties of the hydrogel films 

Type Pattern CFU/mL 

10% NaOH-chit Flat 1.3 × 105 

P300 4.9 × 104 

P500 3.0 × 104 

0.25 mM gen-chit Flat 2.5 × 103 

P300 6.5 × 102 

P500 6.9 × 102 

0.5 mM gen-chit Flat 8.0 × 102 

P300 4.8 × 102 

P500 1.6 × 103 

 

Similar to the results from our initial studies on unstructured flat surfaces, the F. oxysporum 

growth on the 10% NaOH-chit nanopillar films were ~ 50-100X higher than that on the gen-chit 

films. The antimicrobial efficacy of chitosan likely originates from the ionized amine (Chit-NH3+) 

group binding to, permeabilizing, and depolarizing the negatively charged microbial 

membrane.10,63,122 The decrease in antifungal efficacy of the 10% NaOH-chit films might be due 

to the neutralizing reaction between sodium hydroxide and the ionized amine (Chit-NH3+) groups. 

Genipin reacts with neutral amine groups (Chit-NH2), while any ionized amine groups remain 

unperturbed along the polymer chain. These ionized groups could subsequently interact with the 

microbial membrane. In other words, the genipin crosslinked films will retain the antimicrobial 

character of chitosan, while the NaOH neutralized films will lose the antimicrobial character. 

These findings are consistent with several reports that neutralized chitosan films are not 

antimicrobial.96–98  

Both the 0.25 mM gen-chit and 10% NaOH-chit films showed less fungal growth on 

nanopillar films than the corresponding unstructured flat film. Surprisingly, the fungi on the 0.5 

mM gen-chit films showed an increase of growth on the nanopillar films. The SEM micrograph of 

the 0.5 mM gen-chit film after immersion in deionized water for 24 hours show that the P500 
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nanopillars are relaxed and slumped (Figure 2.8).  This relaxed, slumped nanopillar morphology 

perhaps may cause less lateral stress on the microbial membrane,43 therefore decreasing the 

antimicrobial efficacy of the nanopillar surface.  

I hypothesize that the nanopillar surface structure augments the polymer chain 

microstructure throughout the entire film. The surface structure may change the formation and 

location of crystalline domains and covalent crosslinks, subsequently changing the number of 

cationic groups available to interact with the microbial membrane. This hypothesis is discussed 

further in Chapter 4.  

The most promising antifungal coating candidate from these studies was the 0.25 mM gen-

chit nanopillar films. Both the P300 and the P500 0.25 mM gen-chit films demonstrate a 73% 

decrease in fungal growth compared to the 0.25 mM gen-chit unstructured flat film. Additionally, 

all of the 0.25 mM gen-chit films demonstrate at least 90% decrease in fungal growth compared 

to the inert control. However, there was no difference in growth between the two nanopillared 

surfaces. Therefore, the films must be challenged with a higher starting concentration to reveal a 

difference between growth. I increased the initial spore concentration to 2 × 107 CFU/mL, 

effectively challenging the 0.25 mM gen-chit films with a larger load of fungi. The results from 

these experiments are described in detail in the following chapter. 

2.10. Summary 

In this chapter, I have developed and optimized a simple fabrication process for chitosan 

hydrogels with high fidelity replication of nanopillar arrays. I discussed the influence of the 

chitosan solution concentration and entanglement on the formation of the nanopillar structure 

arrays. I discussed the advantages and disadvantages of stabilization with the covalent crosslinker 

genipin and neutralization with NaOH. I characterized the nanopillar morphology and viscoelastic 

film properties. Finally, I preformed preliminary in vitro studies using the fungi F. oxysporum to 

determine the antifungal efficacy of the developed films. The optimized chitosan films developed 

in this chapter will be further characterized and evaluated in Chapter 3. 
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2.11. Methods 

Materials 

Chitosan (90% deacetylated) was obtained from Qingdao Yunzhou Biochemistry Co., Ltd. 

(China). Acetic acid, sodium hydroxide, genipin, and ethanol were obtained from Sigma-Aldrich 

(Milwaukee, WI). Thermoplastic polyurethane 72D was obtained from Covestro (Pittsburgh, PA, 

USA).  

 

Polyurethane mold preparation 

A 10 wt.% polyurethane solution was prepared by dissolving thermoplastic polyurethane 72D into 

dimethylformamide at 90 ºC. The polyurethane solution was cast directly onto the master mold, 

then the solvent was annealed by placing the mold onto a hot plate at ~70 ºC. After the annealing 

step, the underlying mold and polyurethane film were transferred onto a hot embossing press 

(MTP-10, Tetrahedron, San Diego, CA). The temperature and the pressure were increased to 130 

ºC and 6.8 MPa for 5 minutes. Then, the temperature was decreased to 31 ºC while maintaining 

the pressure. Then the polyurethane mold can be released from the positive mold.  

 

NaOH-chitosan film preparation 

A chitosan film was made by drop casting chitosan solution (0.125 w/v% to 2 w/v% chitosan in 

0.1 M acetic acid) onto a mold with the nanocavity features or a flat mold serving as a control. The 

acetic acid solvent was allowed to evaporate. After evaporation, the acetic chitosan film attached 

to the mold was immersed in a neutralizing sodium hydroxide (5 wt.% or 10 wt.%) solution for 1 

minute. The film and mold were removed from the neutralization solution and rinsed with 

deionized water. The film was air dried while still attached to the mold, followed by de-molding 

and storage.  

 

Genipin- chitosan film preparation 

A stock genipin solution was prepared by dissolving genipin in ethanol. This mixture was added 

in a 10:1 (chitosan to ethanol) ratio to a 1.1 w/v% chitosan solution to obtain a final solution that 

was 1 w/v% chitosan. The crosslinking genipin-chitosan solution was drop-cast onto a 
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polyurethane mold and covered for 48 hours at room temperature before removing the cover and 

allowing the solvent to evaporate for 24 hours. Subsequently, the film and mold were immersed in 

ethanol to remove unreacted genipin. The films were dried on the polyurethane mold, followed by 

de-molding and storage. 

 

Scanning Electron Microscopy  

The nanoscale morphology of the dried films was observed with an FEI Magellan 400 XHR 

scanning electron microscope (FEI Company, Hillsboro, OR). Films were cut into 1 cm × 1 cm 

squares and adhered onto an SEM stub with conductive carbon tape. The films were coated with 

iridium (6 nm) using an ACE600 sputter coater (Leica Microsystems, Buffalo Grove, IL). The 

surfaces were observed using Immersion Mode and at 3 kV.  

 

Atomic Force Microscopy 

The nanopillar morphology was quantified by analysis with an Asylum Cypher ES atomic force 

microscope (AFM) (Asylum Research, Oxford Instruments, Goleta, CA). Films were cut into 1 

cm × 1 cm squares attached to a glass slide and examined using tapping mode with an AC55TS 

silicon AFM probe (Asylum Research, Oxford Instruments, Goleta, CA). The cantilevers have a 

typical radius of 7 nm, resonance frequency of 1600 kHz, and a spring constant 85 N m-1. Data 

was acquired at a rate of 1.0 line s-1.   

 

Viscosity rheological measurements 

The chitosan solution viscosity was measured with an AR-G2 rheometer (TA Instruments, New 

Castle, DE) using a 40 mm cone and plate geometry (1.988 º, Peltier stainless steel). A flow sweep 

was performed at 25 ºC from 0.1 to 500 1/s with an averaging time of 45.0 s.  

 

Viscoelastic measurements 

The viscoelasticity of the films was measured with an AR-G2 rheometer (TA Instruments, New 

Castle, DE) using an 8 mm parallel plate geometry and a 1 N normal force. Films were hydrated 

for 24 hours prior to the experiment. The frequency was set at 1 Hz and the strain was varied 

between 0.01 – 1000.0%.  
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Chapter 3.  Antimicrobial efficacy of nanopillared chitosan hydrogels 

3.1. Abstract 

Despite ongoing efforts and technology development, the contamination of medical device 

surfaces by disease-causing microbes remains problematic. Two approaches to producing 

antimicrobial surfaces are using antimicrobial materials and applying physical topography such as 

nanopatterns. In this work, we describe the use of physical topography on a soft hydrogel to control 

microbial growth. We demonstrate this approach by using chitosan hydrogel films with nanopillars 

having periodicities ranging from 300 to 500 nm. The flat hydrophilic chitosan films exhibit 

antimicrobial activity against the pathogenic bacteria Pseudomonas aeruginosa and filamentous 

fungi Fusarium oxysporum. The addition of nanopillars to the hydrogel surface further reduces 

the growth of P. aeruginosa and F. oxysporum up to ∼52 and ∼99%, respectively. Multiple modes 

of antimicrobial action appear to act synergistically to inhibit microbial growth on the nanopillar 

hydrogels. We verified that the strongly bactericidal and fungicidal nanopillared material retains 

biocompatibility to human epithelial cells with the MTT assay. The nanopillared material is a 

promising candidate for applications that require a biocompatible and antimicrobial film. The 

study demonstrates that taking advantage of multiple modes of antimicrobial action can effectively 

inhibit pathogenic microbial growth. 

3.2. Introduction 

Every year, there are an estimated 2 million hospital-acquired infections, resulting in 

99,000 deaths in the US alone.123,124 Most of these deaths are preventable.125 Hospital-acquired 

infections are also a financial burden, with an additional annual expense in the US of over $4 

billion.123 Mitigating microbial infection and contamination remains a global challenge, spurring 

the continued development of a diverse range of antimicrobial technologies and biomaterials. 

There are two main approaches to producing antimicrobial surfaces: using either a material that 

incorporates microbiostatic antimicrobial agents such as cationic compounds, antibiotics, or 

silver126–129 or microbiocidal topographical nanopatterns to physically interact with microbes, 

thereby inhibiting the growth of these organisms.16,130–133 Although the first strategy is effective 

and can have simple preparation, antimicrobial agents may have limitations in terms of stability 

and longevity. Moreover, microbes can develop antibiotic resistance. The second method, which 
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relies entirely on the physical interaction between the microbe and surface, is potentially a 

permanent and long-term solution. However, most nanopatterned surfaces require harsh 

fabrication conditions or use toxic chemicals during fabrication. A relatively unexplored 

alternative is to harness both systems’ advantages to combine the microbiostatic material with 

microbiocidal nanopattern surface topography. There are very few reports of coatings that combine 

a cationic polymer and nanopatterned surface, which are also antimicrobial and 

biocompatible.134,135 The combination of a microbiostatic material synergistically paired with a 

microbicidal nanopillar surface is a potentially effective, environmentally friendly, and long-

lasting antimicrobial approach.  

Chitosan is a microbiostatic cationic polymer with broad antimicrobial activity due to the 

positively charged amine groups that can interact with the cellular membrane.9,42,61,65,67 Chitosan 

is the deacetylated form of chitin, a major component of crustacean shells, cephalopod pens, and 

fungal cell walls. Fungal cell walls are composed of 50−60% glucans, 20−30% glycoproteins, and 

<20% chitin.136 Previous studies found that chitosan permeabilizes filamentous fungi plasma 

membranes.64 Membranes with higher fluidity and polyunsaturated fatty acids were more chitosan-

sensitive, whereas chitosan-resistant fungi had more rigid membranes and less polyunsaturated 

fatty acids.122 Also, fungi are more susceptible to chitosan than bacteria.61,66,137,138 The filamentous 

Fusarium oxysporum is a major cause of corneal infections (keratitis) worldwide.139 The bacterium 

Pseudomonas aeruginosa is also an important cause of keratitis, in addition to respiratory 

infections and infection on burn wounds.140 Both chitosan-based and nanopillar coatings have 

antimicrobial activity against P. aeruginosa.46,126 These findings suggest that a nanopatterned 

chitosan coating could be effective for antimicrobial ocular bandages such as a contact lens.  

Surfaces with topography such as nanopillars inspired by cicada wings,15 butterfly wings,13 

and shark skin12,29 are known to have antimicrobial activity against bacteria, yeast, and filamentous 

fungi.16,51 These surfaces have demonstrated activity as antibacterial materials, hypothesized as 

being due to the ability of nanopillar surfaces to deform bacterial membranes and cause oxidative 

stress.47,84 These nanopillared surfaces have been produced, replicated, or mimicked on a diverse 

range of materials, including black diamond,130 titanium,131 and a relatively rigid polymer, 

poly(methyl methacrylate) (PMMA),16,132 all materials without intrinsic antimicrobial properties. 

Utilizing an inherently antimicrobial material, such as chitosan, to fabricate nanopillars could 

impart additive antimicrobial properties to create a highly effective antimicrobial coating. We 
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hypothesized that nanopillars formed from such a cationic biopolymer would provide a potent 

antimicrobial coating with better efficacy than the cationic material alone.  

In this work, we report on the development and fabrication of a nanopillared surface 

coating from the microbiostatic biopolymer chitosan, which exhibits excellent antimicrobial 

properties against fungi and bacteria and exhibits biocompatibility with human epithelial cells. We 

utilized genipin to crosslink chitosan, which produces a chemically linked heterocyclic amine bond 

that prevents degradation in aqueous conditions. We examined the structure of the chitosan 

hydrogels using scanning electron microscopy (SEM) and atomic force microscopy (AFM) before 

assessing the chemical bond formation using Fourier transform infrared spectroscopy (FTIR). 

Finally, we evaluated the antimicrobial activity against clinically relevant pathogens and examined 

biocompatibility with human epithelial cells.  

3.3. Results and Discussion 

Chitosan nanopillar surfaces were fabricated using solvent- assisted dropcast lithography, 

which can produce flexible, freestanding films with nanostructures as small as 100 nm.141,142 A 

schematic of the procedure is shown in Figure 3.1a. Based on the film optimization experiments 

discussed in Chapter 2, chitosan was dissolved in a dilute acetic acid solution (1% w/v chitosan in 

0.1 M acetic acid) and cast into a nanohole mold to obtain the structured film. Chitosan films 

directly cast from acetic acid solutions are biodegradable and quickly dissolve in aqueous 

environments (∼pH 7) due to the protonated amine group (R- NH3+).143 
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Figure 3.1. Method to fabricate chitosan surfaces. (a) Schematic of the solvent-assisted dropcast 
lithography method used to fabricate cross-linked surfaces. (b) Photograph of the fabricated flexible 

hydrogel film and visualization of the cross-linked chitosan−genipin network. 

To make the resulting film more resistant to dissolution, the chitosan solution was 

crosslinked with genipin before pouring the mixture into the nanohole mold. Genipin is an extract 

of the gardenia flower and has lower cytotoxicity than other common chitosan cross-linkers such 

as glutaraldehyde.40 The cast films were allowed to dry at room temperature and 60% relative 

humidity and then the substrate was peeled off (Figure 3.1b). Uniform arrays of nanopillars with 

pillar periodicities of 300 and 500 nm (referenced here as P300 and P500) were easily fabricated 

(Table 3.1). The dimensions of the nano- features were chosen based on findings in previous 

work.16,51,132 The highly flexible films conform to many different surfaces, an attractive 

consequence of the fabrication method that will find many applications in areas that require 

antimicrobial coatings, such as contact lenses, hospital surfaces, or bandages.  
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Table 3.1. Period, Diameter, Height, and Aspect Ratio Indicate Nanopillar Dimensions 

Pattern Period, p (nm) Diameter, d 

(nm) 

Height, h (nm) Aspect ratio 

(h/d) 

P300 320 120 230 1.9 

P500 500 190 400 2.1 

 

We analyzed the morphology of the films using SEM. We found that the nanopillars are 

composed of fibrils with diameters that are less than 50 nm (Figure 3.2a). The chitosan nanofibers 

in the plane of the film were apparently bent into the nanopillars during the imprinting process, 

forming highly fibrous structures that have natural serration at the tips formed by the nanofibers. 

The oriented nanofibers are readily visible within the P500 nanopillar in SEM images of the 

surface. The dehydration effect of the SEM vacuum apparently enhances the fibrillar structure of 

the pillars. By contrast, the flat surface has an irregular texture, as found by AFM (Figure 3.2b,c), 

which could be due to fiber formation within the hydrogel matrix parallel to the plane of the flat 

film.  
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Figure 3.2. Morphology of the hydrogel surfaces. (a) Representative SEM images of the hydrogel 
surfaces with periodic nanostructures fabricated through solvent-assisted dropcast lithography. The 

structures are referenced here by periodicity. Images are taken at 45° tilt with 3 kV, using FEI Magellan 
SEM. (b) Representative AFM images of critical point-dried surfaces with different periodicities (300 and 

500 nm). The irregular, oriented texture on the surfaces is consistent with a fibrous structure. (c) AFM 
height profiles across the hydrogel surfaces demonstrate the surface texture of the flat film and periodic 

structure of the nanopillars. 

The aspect ratio or ratio of height to feature size (h/d) of each pattern was measured on five 

critical point-dried molded samples using AFM (Figure 3.2b). The diameter was measured at the 

full width at half-maximum. The P300 film has an aspect ratio of 1.9, while the P500 film has an 

average aspect ratio of 2.1. The heights of the imprinted features were slightly less than those of 

hole depths in the negative molds, an effect expected to vary with imprinting methods. The fact 

that the aspect ratios are greater than one perhaps increases the antimicrobial efficacy of 

nanostructures by preventing the bacteria from settling onto the bottom surface.43 The fibrillar 

quality of the P300 and P500 nanopillars is evidenced in the topographical AFM in the tapping 

mode by their multiple peaks and fibril texture on the sides of the pillars. The fibers within the flat 
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film run in one direction, which suggests an oriented texture. From the AFM, the root-mean-square 

surface roughness of the flat film is measured to be 1.2 nm.  

Complete wetting of the solid surface by water (Wenzel state) is expected when nanopillars 

are fabricated from an intrinsically hydrophilic material such as chitosan.144 Contact angle 

measurements indicated that the cross-linked surfaces have water contact angles of 68, 63, and 64° 

for the fully hydrated flat, P300, and P500 surfaces, respectively (Figure 3.3). Although a smaller 

contact angle of the nanopillar surface compared to the flat surface was observed previously,145 

we did not observe any significant difference between the contact angles.  

 

Figure 3.3. Example contact angle measurements of the flat, P300 and P500 crosslinked films. The 
contact angle is statistically similar on the three surfaces, which indicates similar hydrophilic character. 

The chemical change in the films due to cross-linking was characterized by attenuated total 

reflection Fourier transform infrared spectroscopy (ATR-FTIR) (Figure 3.4a). The chitosan 

spectrum exhibits hydroxyl −OH stretching at 3300 cm−1, C− H stretching vibration at 2918 cm−1, 

−CH3 group symmetric deformation at 1373 cm−1, ester group C−O−C stretching at 1020 cm−1, 

and ether group C−O−C bridges and glycosidic linkages at 896 cm−1. The chitosan powder exhibits 

the characteristic peaks expected from chitosan from the literature.146–148 The amide I carbonyl 

C=O peak is observed at 1639 and 1576 cm−1, which are consistent with the primary amino group 

of chitosan with a high degree of deacetylation.149 The addition of genipin to cross-link the films 

shifts the amide I band to 1560 cm−1. Genipin reacts with the amine groups of chitosan to form a 

heterocyclic amine compound (Figure 3.4b).102 This chemical change is observed by the 

broadening of the amide I peak due to the C=O stretch in chitosan that overlaps with the olefinic 

C=C stretch in the cyclic genipin structure. In the cross-linked film, the broader peak from 

3600−3000 cm−1 indicates the overlap of the chitosan −OH and genipin −NH groups.102 There are 

no observable spectral differences between cross-linked films with nanopillars and the flat film 

(Figure 3.5).  
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Figure 3.4. Chemical analysis of the cross-linked film. (a) ATR-FTIR spectra of the chitosan powder and 
genipin-cross-linked flat film. (b) Cross-linking reaction between chitosan and genipin results in a 

heterocyclic amine bond. 

 

 

Figure 3.5. FTIR spectra of the flat, P300 and P500 crosslinked films show similar absorption peaks 
which indicates the chemical composition is independent of the surface topography. 
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The hydrogel films and a PMMA surface, serving as a control, were incubated with two 

clinically relevant pathogenic microbes - the Gram-negative bacteria P. aeruginosa and the 

filamentous fungi F. oxysporum (Figure 3.6). As a continuation of the studies discussed in Chapter 

2, F. oxysporum was added as spores (2 × 107 spores) into a well plate lined with either the flat, 

P300, and P500 hydrogel surfaces or PMMA control. The survivors were plated onto agar, which 

was incubated for 18−24 hours before the colony-forming units (CFUs) were counted (Figure 3.8). 

Spores grown on the PMMA control surface germinated and formed hyphae, eventually forming 

a dense biofilm. The F. oxysporum incubated on all of the hydrogel surfaces exhibited a significant 

reduction in fungal growth compared with the growth on the control surface (Figure 3.7a). To 

determine whether the nanopillar surface could synergistically hinder the growth of F. oxysporum, 

the F. oxysporum growth on flat, P300, and P500 hydrogel surfaces was compared. We found 

significantly less F. oxysporum growth following the incubation on the P300 and P500 nanopillar 

surfaces compared to the flat hydrogel surface, indicating that the nanopillar surface enhances the 

antimicrobial activity of the chitosan film (Table 3.2).  

 

Figure 3.6. Representative SEM micrographs of the flat PMMA surface. Scale bar is 500 nm. Image taken 
at 3 kV. 
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Figure 3.7. Antifungal activity of the hydrogels against F. oxysporum after 24 hours. (a) Growth of F. 
oxysporum on the hydrogel surfaces compared to a control (n = 9) ****: p < 0.00001 (b) Hyphae and 

biofilm grow normally on the PMMA control surface. Few hyphae or germ tubes are observed on the flat 
hydrogel surface. F. oxysporum developed germ tubes on the nanopillared surfaces but did not form 

hyphae. Top row scale bars are 20 μm, and bottom row scale bars are 5 μm. 

 

 

Figure 3.8. Surface adherent F. oxysporum cells are grown on agar plates overnight to assess the growth 
inhibition caused by the surfaces. 

The morphologies of the fungi on the hydrogel and control surfaces were observed using 

SEM. Mature hyphae and thick biofilm were found on the control surface after 24 hours (Figure 

3.7b). In contrast, few hyphae or germ tubes were observed on the flat hydrogel surface. A decrease 

in germinated F. oxysporum spores and hyphal growth was observed on the nanopillared surfaces 

compared to the flat hydrogel surface. Qualitatively, spores were observed to have developed germ 

tubes on the P500 hydrogel surface but did not form hyphae. These results reinforce those obtained 

by the survival assay, both of which show that the P500 hydrogel surface inhibited fungal growth 

by a significant amount. Preparation for SEM, i.e., vacuum, resulted in cell collapse on all surfaces 

but did not alter the morphology of germ tubes that had developed.  
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Table 3.2. Antifungal Properties of the Hydrogel Films and Control 

Pattern CFU/mL % change relative to flat hydrogel 

Control 312 × 104 +5014% 

Flat hydrogel 6.1 × 104  

P300 hydrogel 0.08 × 104 -98% 

P500 hydrogel 0.03 × 104 -99% 

To determine whether the hydrogel surface can inhibit the growth of the pathogenic 

bacteria P. aeruginosa, bacteria from an overnight culture (2 × 106 bacteria) were added into a 

well plate lined with either the flat, P300, and P500 hydrogel surfaces or a control surface. The 

survivors were plated onto agar, which was incubated for 18 hours before the CFUs were counted. 

Bacteria grown on the control surface formed colonies, eventually becoming a dense biofilm. 

There was a significant decrease in growth on the flat hydrogel surface compared to the control 

PMMA surface (Figure 3.9a), supporting prior observations that the chitosan film has inherent 

antimicrobial qualities.65,67,150 The inhibition of bacterial growth on the P300 surface was more 

significant compared to the control, while the P500 surface exhibited an even more significant 

decrease in growth compared to the control (Table 3.3). We found significantly fewer bacteria on 

the P300 and P500 surfaces compared to the flat hydrogel surface. There was no significant 

difference between the bacteria growth on the P300 and P500 nanopillar surfaces. These results 

show that nanopillar surfaces combined with the antimicrobial material synergistically inhibit 

bacterial growth.  

 

Figure 3.9. Antibacterial activity of the hydrogel surfaces on P. aeruginosa. (a) Growth of P. aeruginosa 
on the hydrogel surfaces compared to a control (n = 9) *: p < 0.05, **: p < 0.01, ***: p < 0.0001, ****: p 
< 0.00001. (b) Colonies of P. aeruginosa cover the control surface, whereas the colony growth is lower 

on the flat surface, and cells appear deformed when in contact with the fibrous nanopillars. Top row scale 
bars are 5 μm, and bottom row scale bars are 2 μm. 
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The morphology of the bacteria was observed by SEM. Colonies of bacteria and 

extracellular material are observed on both the control and flat hydrogel surfaces. On the P300 and 

P500 surfaces, the P. aeruginosa cells appeared deformed in regions that were in contact with the 

nanopillars. Fewer P. aeruginosa cells appear to have divided after contact with the P500 hydrogel 

surface (Figure 3.9b). This observation is consistent with the survival assay, which showed the 

smallest amount of growth of bacteria on the P500 surface. Round nanoparticles observed on the 

flat surface are likely residual salt from the high-salt culture media (high-salt LB broth) used to 

grow the bacteria.  

Table 3.3. Antibacterial Properties of the Hydrogel Films and Control 

Pattern CFU/mL % change relative to flat hydrogel 

Control 17.4 × 108 +37% 

Flat hydrogel 12.7 × 108  

P300 hydrogel 8.8 × 108 -31% 

P500 hydrogel 6.1 × 108 -52% 

 

For application in a medical device such as a contact lens, it is crucial to assess the viability 

of mammalian cells on the surface architectures. Although contact lenses are separated from the 

corneal epithelium by a ∼3 μm-thick tear film,151,152 we nonetheless sought to determine its 

compatibility with epithelial cells. Chitosan membranes cross-linked with genipin are thought to 

be less cytotoxic than those cross-linked with glutaraldehyde,39,153 and previous studies showed 

chitosan cross-linked with 5.0 mM genipin did not affect mammalian cell viability.108  

The biocompatibility of the chitosan hydrogel films was demonstrated with in vitro 

experiments. Human corneal epithelial cells (hTCEpi cells)154 were seeded on a polystyrene tissue 

culture dish and incubated with the flat, P300, and P500 hydrogel films for 24 hours. Cells grown 

without the hydrogel were used as the control. MTT cell assays show that hTCEpi cells can 

proliferate while in contact with the nanopillared hydrogel surfaces (Figure 3.10). There was no 

significant difference in growth between the control surface and the hydrogel surfaces. The results 

show that these hydrogel surfaces do not affect cell viability, indicating their suitability for use as 

bandage materials such as contact lenses.  
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Figure 3.10. Viability of epithelial cells in contact with the hydrogels demonstrated with the MTT 
colorimetric assay (n = 6). 

The inherent antimicrobial quality of the chitosan film is demonstrated by observing the 

microbial growth on the flat film compared to a control surface (Figure 3.7 and Figure 3.9). It has 

been proposed that the cationic regions of chitosan have electrostatic interactions with the surface 

of the microbial membrane.9 The flat and nanopillar hydrogel films exhibit similar contact angles, 

suggesting similar attractive interactions between the films and the microbial membrane. The 

nanopillar surfaces further decrease microbial growth compared to the flat control. Taken together, 

these results suggest a synergistic effect between chitosan and nanopillar surfaces that reduces 

microbial growth.  

The exact mechanism for the synergism in inhibition of microbial growth has yet to be 

determined. The synergy is likely due to the different modes of action in chitosan and the 

nanopillar surface. Chitosan is known to have intrinsic antimicrobial qualities, although the mode 

of action is not entirely understood.61,62 Previous work suggests that the antimicrobial activity of 

chitosan is due to the electrostatic interaction between the positively charged amine group and the 

negatively charged microbial membrane that can stress and destabilize the microbial membrane.10 

The pH-sensitive amine group in chitosan becomes protonated below the pKa (pKa 6.3−6.5) and 

increases the overall charge density of the hydrogel.10 Therefore, the antimicrobial activity of 

chitosan is likely to be greater in acidic conditions than in neutral conditions. Nanopillar surfaces 

can induce oxidative stress in bacterial cell walls.47 The synergy is most likely a result of a general 

increase in stress on the microbes when multiple systems are simultaneously attacked. Specifically, 

the increased stress in the cell membrane caused by interaction with the nanopillars may have 
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allowed chitosan to destabilize the membrane earlier than if a flat chitosan surface had been used 

alone.  

Similar antifungal activity of these nanopillar structures was previously shown using a 

rigid, glassy polymer, PMMA. The growth inhibition values on those nanopillared surfaces were 

only 82% and 95% on P300 and P500 surfaces, respectively, compared to a flat control.51 In this 

study, we observed decreases of 98 and 99% on the P300 and P500 hydrogel surfaces, respectively, 

compared to a flat hydrogel surface. Therefore, the use of chitosan significantly enhances the 

antifungal characteristics of the structures, potentially due to chitosan permeating the fungi plasma 

membrane.122 The growth of P. aeruginosa or F. oxysporum was not significantly altered by the 

different sizes of the P300 and P500 nanostructures. This result may be because the naturally 

fibrous nanopillars increase the surface area and provide additional contact points for chitosan to 

interact with the microbe. These and whether the surface area of the fibrous nanopillars plays a 

role is the subject of another investigation.  

3.4. Methods 

 

Preparation of Chitosan Solutions. 

Deacetylated chitosan (90% deacetylated, Qingdao Yunzhou Biochemistry Co., Ltd., China) was 

dissolved in 0.1 M acetic acid (Sigma-Aldrich, Milwaukee, WI) to prepare a chitosan solution (1% 

w/v), by stirring at room temperature at 120 rpm for 6 hours.  

 

Polyurethane Mold Preparation.  

Molds were generated from polyurethane negative molds of a commercially available nickel stamp 

(holotools GmbH, Freiberg, Germany, 20 × 20 mm). Thermoplastic polyurethane 72D (Covestro, 

Leverkusen, Germany) was dissolved in dimethylformamide (Sigma-Aldrich, Milwaukee, WI) at 

90 °C overnight to make a 10 wt.% solution. The solution was cast onto the nickel stamp and dried 

at 70 °C. The film was cooled to room temperature. Next, 1.0 klbf from a Tetrahedron 100 hot 

embosser top plate (Tetrahedron, San Diego, CA) was applied while the mold was heated (130 °C 

for 5 minutes). The pressure was maintained while the film was cooled to room temperature and 

held there for 5 minutes. Surfaces were then demolded to reveal the polyurethane negative mold. 
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A flat polyurethane mold was fabricated in a similar manner for the flat control film. The 

polyurethane negative molds were used to fabricate the chitosan hydrogel films.  

 

Solvent-Assisted Dropcast Lithography of Chitosan.  

A stock cross-linker solution was prepared by dissolving genipin in ethanol (Sigma-Aldrich, 

Milwaukee, WI). An appropriate volume of genipin in the ethanol mixture was added to the 

chitosan solution (10:1 chitosan to ethanol ratio) to obtain a final concentration of 0.25 mM 

genipin. The solutions were thoroughly mixed with a micropipette, followed by mixing with a 

vortex mixer for 1 minute. The dilute cross-linking chitosan−genipin solution was dropcast into 

the nanohole polyurethane molds and covered for 48 hours at room temperature before removing 

the cover and allowing the solvent to evaporate for 24 hours. The film and mold were then 

immersed into ethanol for 1 minute. Since excess genipin has a higher solubility in ethanol, this is 

assumed to stop the reaction. The films were thoroughly dried and subsequently demolded, 

revealing a freestanding film with the nanopillars. The samples were sterilized with 15 minutes of 

UV exposure and washed twice with culture media prior to use in the biological experiments. The 

chitosan hydrogel films were used for all of the characterization and in vitro assays.  

 

Scanning Electron Microscopy.  

The morphology of the dried films was observed by an FEI Magellan 400 XHR scanning electron 

microscope (FEI Company, Hillsboro, OR). Films were cut into 1 cm × 1 cm squares and adhered 

onto an SEM stub with conductive carbon tape. The films were coated with iridium (6 nm) using 

an ACE600 sputter coater (Leica Microsystems, Buffalo Grove, IL). The surfaces were observed 

with a 45° tilt and at 3 kV.  

 

Atomic Force Microscopy.  

The nanopillar aspect ratio, h/d, was quantified by analysis with an Anton Paar Tosca atomic force 

microscope (AFM) (Anton Paar, Austria). Films were cut into 1 cm × 1 cm squares and critical 

point-dried using an EM 300 critical point drier (Leica Microsystems, Buffalo Grove, IL). The 

films were attached to a glass slide and examined using the tapping mode with an ACL-SS-10 

silicon AFM probe (AppNano, Mountain View, CA), which have a radius of less than 5 nm.  
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Contact Angle Measurements.  

Static contact angles of the cross-linked flat, P300, and P500 films were measured on a rame-́hart 

Model90 contact angle goniometer(rame-́hart, Succasunna, NJ). The films were hydrated prior to 

the experiment, and the measurements were performed within 2 minutes to ensure that the films 

did not dehydrate. The measurements were performed in an ambient temperature using the sessile 

drop method. The experiment measured three drops per film and used four films per surface type. 

The average value of the contact angle was reported.  

 

Attenuated Total Reflectance-Fourier Transform Infrared (ATR-FTIR) Spectroscopy.  

The changes in chemical groups due to cross-linking were characterized using Fourier transform 

infrared spectroscopy (FTIR). FTIR was performed on dried films using attenuated total 

reflectance (ATR) with a PerkinElmer Frontier spectrometer (PerkinElmer, Waltham, MA). Films 

were dried and the wavenumber range scanned from 4000 to 650 cm−1, eight accumulation scans, 

with a resolution of 4 cm−1.  

 

Fungal Growth Conditions.  

A strain of F. oxysporum expressing GFP (FOX GFP 8996), provided by Prof. Li-Jun Ma 

(University of Massachusetts, Amherst, Massachusetts, USA), was cultured on Sabouraud 

dextrose (SD) agar for 5−7 days at 34 °C. To harvest and prepare the spores, 10 mL of 0.001% 

PBS + Tween20 (Fisher Scientific, Hampton, NH) was added to the agar plates. Spores were 

scraped with plastic scrapers into the PBS-T, which was filtered to remove any agar residues. 

Spore suspensions were spun down at 600g for 5 min. Supernatant was decanted and spores were 

resuspended with 5 mL of sterile PBS (Corning, NY). Spore concentration was then assessed by 

hemocytometry and stocks were diluted to 1 × 107/ mL in sterile RPMI-1640 medium (Gibco, 

Fisher Scientific, Hampton, NH). Spores were then placed at 34 °C to swell for 6 hours. After 

swelling, 2 mL of spores was added to each sample and was left to culture for 18−24 hours at 34 

°C. CFU was plated on SD agar plates and assessed after 24 hours. Spores were fixed with 4% 

paraformaldehyde (PFA) and dehydrated for imaging.  

 

Bacterial Growth Conditions.  
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Pseudomonas aeruginosa stocks were cultured in 10 mL of high-salt Luria−Bertani (LB) broth for 

18 hours at 37 °C. The high-salt LB broth consisted of LB broth powder (BD Biosciences) 

supplemented with 200 mM NaCl, 10 mM MgCl2, 0.5 mM CaCl2, and 5 mM EGTA. After 18 

hours, 100 μL of the overnight culture was added to 10 mL of new LB broth, which was cultured 

for ∼3 hours until an optical density (OD) of 0.2 (approximately 1 × 108 CFU/mL) was reached. 

After the desired OD was reached, bacteria were spun down at 3000g for 10 min. The supernatant 

was aspirated and bacteria were resuspended in sterile PBS and brought to a concentration of 1 × 

107 CFU/mL. Two-hundred microliters of diluted bacteria was then pipetted into well plates 

containing surfaces and 1 mL of LB broth. Plates were left to culture for 4 hours at 37 °C. After 4 

hours, CFU was plated on LB agar plates and was assessed after 18 hours. Surfaces were fixed 

with 4% PFA and dehydrated for imaging.  

 

Cytotoxicity.  

To test the cytotoxicity of the hydrogel films, hTCEpi cells were grown in KGM-Gold media with 

BulletKit (Lonza, Basel, Switzerland) at 37 °C and 5% CO2 for 7 days until confluent. Cells were 

then plated at 1 × 105 cells per well in a 96-well tissue culture-treated plate. After 24 hours, the 

media were replaced with fresh media and either left untreated or incubated with 4 mm hydrogel 

composite disks for 24 hours. After 24 hours, the hydrogel disk was removed and 15 μL of 3-(4,5-

dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) reagent (Promega, Madison, WI) 

was added into each cell. The plate was incubated for 4 hours before the stop solution (100 μL) 

was added. After 1 hour, the absorbance at 570 nm was recorded using a cytation5 plate reader 

(BioTek, Winooski, VT).  

 

Statistical Analysis.  

Statistical significance was determined for experiments with analysis of variance and post-hoc t-

test using the open-source software R (R Core Team, Vienna, Austria). Differences were 

considered significant if p < 0.05.  

3.5. Conclusions and Future Outlook 

The most important result of the present study is the demonstration of enhanced growth 

inhibition while combining chitosan and nanopillar topography on a single surface. We have 
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described the development of a nanopillared hydrogel film based on chitosan that inhibits both 

bacterial and fungal growth. The flexible hydrogels were fabricated via solvent- assisted dropcast 

lithography to form arrays of nanopillars of varying diameters. We then demonstrated that the 

surface inhibits the growth of pathogenic fungi and bacteria. The microbial count decreased on the 

flat surface compared to a control, which indicates that the surface is inherently antimicrobial. The 

nanopillar surfaces were found to stunt the germination and germ tube development of F. 

oxysporum and suppress the growth and division of P. aeruginosa. The synergistic inhibition of 

microbial growth is likely due to the different modes of action in chitosan and the nanopillar 

surface that simultaneously stress multiple systems within the microbes. The surfaces retain 

biocompatibility with mammalian epithelial cells, demonstrating the potential of these materials 

for use as a contact lens. The application of nanopillars onto a biopolymer surface potentially 

allows a simple, yet effective method for controlling pathogenic disease causing microbes on a 

material surface with long-lasting effectiveness and without using any drugs. Our experiments 

demonstrate that taking advantage of multiple modes of antimicrobial action effectively inhibits 

pathogenic microbial growth in an additive manner. This study may inspire the design of future 

antimicrobial systems that harness multiple antimicrobial effects.  
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Chapter 4.  Mechanical performance of the nanopillar templated hydrogels 

4.1. Abstract 

Natural load-bearing mammalian tissues, such as cartilage and ligament, contain ~70% 

water yet can be mechanically stiff and strong due to the highly templated structures within. Here, 

we present a bio-inspired approach to significantly stiffen and strengthen biopolymer hydrogels 

and films through the combination of nanoscale architecture and templated microstructure. 

Imprinted sub-micron pillar arrays absorb energy and deflect cracks. The produced chitosan 

hydrogels show nanofiber chains aligned by the nanopillar topography, subsequently templating 

the microstructure throughout the film. These templated nanopillar chitosan hydrogels 

mechanically outperform unstructured flat hydrogels, with an increase the moduli of ~160%, up 

to ~20 MPa, and work at break of ~450%, up to 8.5 MJ m-3. Furthermore, the strength at break 

increases ~350%, up to ~37 MPa, and is one of the strongest hydrogels yet reported. The nanopillar 

templating strategy is generalizable to other biopolymers capable of forming oriented domains and 

strong interactions. Overall, this process yields hydrogel films that demonstrate exceptional 

performance, comparable to other stiff, strong hydrogels and natural tissues. Our strategy may 

open up new avenues to create structural biopolymer systems for a range of engineering 

applications. 

4.2. Introduction 

Natural biomaterials such as skin, ligament, and cartilage have outstanding and unusual 

mechanical properties. The enhanced mechanical deformation and fracture is governed by the 

hierarchical arrangement of relatively weak building blocks and interfaces contained within the 

material.155,156 Fibrous structures found within skin and cartilage achieve high strength and 

toughness via the hierarchical variation of orientation and concentration of the constituent building 

blocks.157–159 The organization of these nanoscale structures can be thought of as strong, polymer 

“bricks” with weak, glue-like “mortar” (groups of hydrogen bonds).160 The cohesive, clustered 

hydrogen bonds act cooperatively to stabilizing and strengthening the material.77,78 This concept 

has been exploited in structural polymers by imparting orientation through the physical 

confinement of constituents during fabrication that templates the microstructure to influence 

crystallinity and control stiffness, strength, and tensile toughness.161,162 Additionally, weak 
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interfacial layers allows nonlinear deformation, crack deflection, and energy absorption.163 The 

idea of utilizing a weak, structured interface to increase the mechanical performance is somewhat 

counterintuitive, but is actually common in nature.81,164,165 For example, the protective exterior 

scales of fish are hierarchically nano- and micro-textured, which provide outstanding mechanical 

response and enhanced flexibility.80,166 These structures achieve high strength and toughness by 

providing both in-plane and out-of-plane crack deflection and nonlinear deformation, therefore 

generating tortuous path and increasing energy dissipation.81,82 The concept of using bioinspired 

structured interfaces to toughen the bulk has been demonstrated by using laser cut glass and etched 

silicon with textured dimensions that are at a much smaller scale than the macroscale object.167–169 

Additionally, surface structure templated nanocellulose films rearrange the bulk microstructure, 

thereby making a more tortuous crack path, and enhancing the toughness compared to unstructured 

films.170 Nevertheless, in many natural materials, such as the collagen in cartilage and skin, the 

mechanical performance is enhanced by both the arrangement and dimensional confinement of 

these architectural building blocks (Figure 4.3a).72,171 Here, we report a bio-inspired approach to 

significantly strengthen and toughen a biopolymer through the combination of nanoscale 

architecture and templated microstructure (Figure 4.3b). The mechanical performance of the 

developed hydrogels rivals that of structural biomaterials (Figure 4.3c). 

Chitosan, alginate, cellulose, and chitin are all biopolymers that play critical roles as the 

structural elements in highly ordered biological systems.157 Chitin occurs as the ordered microfiber 

in crustacean exoskeletons, insect cuticles, and as the cell wall in fungi, and is the second most 

abundant polysaccharide in the world after cellulose.56 In other words, it is abundantly available 

and relatively inexpensive. The transformation of the C-2 acetamide groups in chitin into primary 

amino groups results in chitosan.56 The natural abundance of chitin, and therefore chitosan, make 

chitosan a promising candidate for green engineering applications of the future.  

 Herein, we demonstrate a new approach to modulating the mechanical response of 

biopolymer hydrogels and films by application of the templating surface topography. We first 

fabricate templated nanopillar hydrogel films via a common, scalable fabrication technique (Figure 

4.3d). Next, we demonstrate the enhanced mechanical properties of the templated nanopillar 

hydrogel films. The mechanical performance is comparable to structural biomaterials and other 

reported strong and stiff hydrogels (Figure 4.3c). Subsequently, we characterize the templated 

nanopillar systems morphology. Finally, we demonstrate that this technique is applicable to a wide 
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variety of biomedically relevant polymers. Overall, the templated nanopillar strategy may serve as 

a new method to make stiff and strong hydrogels for many applications. 

4.3. Design of the templated nanopillar hydrogel films 

For the design of our systems, we envision that as polymer chains infiltrate into the nano-

sized cavities, the fiber-forming polymer chains become aligned over a range of multiple fibers, 

extending the alignment to perhaps several microns.172,173 The nanocavity effectively reduces the 

polymer chain mobility, which increases the amount of inter-chain, inter-layer interactions that 

occur in the film extending many layers, thus templating the inter-layer microstructure.172,174,175 

The propensity for long range alignment would be enhanced in materials susceptible to 

development of anisotropic microstructures, such as biopolymers that tend to form these layered 

interchain structures.172 In other words, the alignment of polymer chains on the interface templates 

the polymer packing throughout the bulk of the film. Further, the nanopillar interface could serve 

as a region more susceptible to deformation. The nanopillar structures could redistribute stress, 

deflect incoming cracks and possibly redirect crack propagation, which would make crack 

propagation more difficult and increase the material toughness. Subsequently, we expect that 

biopolymer films templated with surface topography will exhibit enhanced mechanical properties 

(Figure 4.3b).  

We chose chitosan as the initial model biopolymer to demonstrate the templating strategy. 

Chitosan can form anisotropic microstructures, and can be readily fabricated into films with 3-D 

nanotopography surface structures that can be used in a variety of engineering 

applications.100,141,176 Here, we find that chitosan chains tend to assemble into nanofibrils that have 

a mean diameter of ~ 60 nm (Figure 4.1), consistent with literature reports.177,178 These nanofibrils, 

in turn, aggregate into microfibers with a diameter Df ~1 µm (Figure 4.2). To ensure the chitosan 

fibers will be spatially confined with reduced mobility during the templating process, we use 

nanohole diameters, d, that are commensurate with the characteristic nanofibril size of chitosan 

(Df ~ d).171,179 We therefore evaluated templated films with sub-micron arrays of pillars with hole 

diameters ranging from 140 nm to 300 nm and periodicities of 200 nm, 300 nm and 500 nm, 

referenced here as P200, P300 and P500 (Table 4.1).  
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Figure 4.1. Chitosan nanofibril analysis. (a) SEM image of multiple chitosan fibrils dispersed onto a glass 
slide (left), and a magnified SEM image of a single chitosan nanofibril (right). (b) Histogram of chitosan 
nanofibrils length. The mean fibril length is 1.4 ± 0.8 μm and is marked by the red line. (c) Histogram of 
chitosan nanofibril diameter. The mean fibril diameter is 58.8 ± 10.8 nm and is marked by the red line. 

The obtained dimensions of the chitosan nanofibrils are similar to previous literature values for chitosan 
nanofibrils prepared in a similar manner.177,178 

 

Figure 4.2. SEM image of chitosan microfiber. Individual chitosan nanofibrils are pointed out with orange 
arrows. 

Table 4.1. Dimensions of as-prepared nanopillar films. 

Pattern Period, P (nm) Height, h (nm) Diameter, d 
(nm) 

Aspect ratio 
(η =  h d-1) 

P200 175 280 140 2 
P300 300 270 150 1.8 
P500 500 500 280 1.8 
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4.4. Fabrication of the templated nanopillar hydrogel films 

We began by using standard fabrication techniques to replicate the templated hydrogels 

from molds with the desired pattern on the surface. First, we prepared nanostructured thermoplastic 

polyurethane molds using nanoimprint lithography, a method that is industrially scalable and can 

be used to produce large-area molds.180 Next, we prepared a solution of chitosan nanofibers by 

dissolving chitosan powder in 0.1 M acetic acid. This solution was dropcast onto molds with and 

without nanopillar topography (Figure 4.3d, left). Subsequently, the solvent was evaporated 

overnight, creating chitosan films that were water soluble due to the presence of ionized amine 

groups (Figure 4.3d, center). Finally, the films are stabilized and rendered water insoluble by 

neutralizing them in a 10 wt.% sodium hydroxide solution.99 Neutralization reduces the number of 

ionized amine groups, effectively reducing the electrostatic repulsion between the polymer 

chains.181 This facilitates the formation of interchain hydrogen bonds. The films are dried on the 

molds, facilitating the formation of anhydrous crystalline regions.182 Finally, the films are peeled 

from the mold (Figure 4.3d, right). Overall, this simple fabrication method resulted in films with 

arrays of nanopillars surface across the surface, which could be scaled to cover larger-areas in an 

industrial setting.  
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Figure 4.3. Design of the templated nanopillar hydrogel film system. (a) An illustration of a human arm 
that demonstrates the different types of stiff, strong, and tough biomaterials composed of hierarchically 
arranged building blocks. (b) General concept of using a weaker, textured interface to generate energy 
absorption. (c) Ashby diagram of the modulus versus strength of structural biomaterials, other reported 

strong and stiff hydrogels, and our templated hydrogels (stars). The data used is summarized in Tables S4 
and S5. (d) An illustration of the nanopillar fabrication process. The polymer solution is dropcast onto the 
nanohole mold, and the polymer chains infiltrate the mold nanocavities. The solvent is evaporated to form 

a film. A free-standing templated nanopillar film is peeled from the mold.   

4.5. Mechanical characterization  

First, we characterized the mechanical properties of the hydrated films via tensile testing. 

The films were trimmed into rectangular specimens with a gauge length (between grips) of 10 mm 

and width of 2 mm. The nanopillars were oriented perpendicular to the plane of the film. The films 

were uniaxially stretched at a strain rate of 0.3 mm min-1 (Figure 4.4a). We evaluated templated 

hydrogels and an unstructured flat control in the hydrated state (Figure 4.4b). The engineering 

stress vs. engineering strain curves indicate that the films exhibited a ‘J-shaped’ mechanical 

response which has been found in other structural biomaterials (Figure 4.4c).183,184  
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Figure 4.4. Mechanical properties of hydrogels are enhanced by the templating nanopillar surface. (a) 
Schematic of the in-plane tensile testing set-up. The P500 nanopillars are normal to the tensile stress 

direction. Digital camera images are of the P500 films deformed to tensile strains of 0%, 20%, 40%, and 
60%. The scale bars are 1 cm. (b) Illustration of the various templated nanopillar films analyzed. (c) 

Representative engineering stress vs. engineering strain curves of the templated nanopillar P500 (red), 
P300 (grey), P200 (yellow) and the unstructured flat film (blue) at equilibrium swelling that demonstrate 

the increase in stiffness and strength with the addition of the nanopillar topography. The slope of the 
initial linear region defines the Young’s modulus, E. The region is followed by a transition strain, etransition, 
after which the slope of the second region defines the tangent modulus, Etangent. Finally, failure occurred at 

the maximum stress which defines the stress at break sb and the strain at break eb. The area under the 
stress-strain curve is the work at break, Wb. (d) Dependence of the modulus, stress at break, strain at 

break, and work at break of the templated hydrogels. Data from n=6 films.  

The mechanical properties of the unstructured flat hydrogel film are typical of neutralized 

chitosan hydrogels reported in literature (Table 4.2). The templated nanopillar films show 

remarkable enhancements in mechanical performance. The periodicity of the nanopillars 

substantially enhanced the macroscopic mechanical response, following the order: P500 > P300 > 

P200 > Flat (Figure 4.4c, Figure 4.5). The slope in the initial region of the engineering stress vs. 

engineering strain curve, the Young’s modulus E, quantifies the stiffness of the material. We 

observed that the moduli was strongly affected by increasing the nanopillar dimensions (Figure 

4.4d, Table 4.3). The greatest increase was observed in the P500 film, with E ~ 20.7 MPa, a ~160% 

increase relative to the control. The stress at break, sb, increased to 36.8 MPa with the P500 film, 

a ~350% increase in strength compared to the control. The stiffness and strength of our developed 

templated nanopillar hydrogel films surpasses other strong and stiff hydrogels developed, while 
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retaining 60-70% water content, becoming comparable to biomaterials such as skin (Figure 4.1d, 

Table 4.4, Table 4.5). Additionally, the toughness of the P500 film, defined here as the work at 

break, increased significantly to 8.5 MJ m-3, a ~450% increase.  

 

Figure 4.5. Additional mechanical properties of the hydrated chitosan films. (a) The slope of the 
engineering stress vs. engineering strain curve after the proportionality limit, Etangent. (b) The transition 

strain, etransition of the hydrated films. Each data set represents n=6 films. 

While the stiffness, strength, and toughness increased the most with the P500 film, the 

strain at break, eb, of the specimens was particularly noteworthy. eb decreased in the order P300 > 

P200 ~ P500 > flat.  The P300 film showed the greatest eb of ~80%, compared to 50% in the flat 

film. Apparently, the smaller P300 nanopillar size results in a less highly aligned fibrous network 

in the film plane compared to the P500 film. As a result, the P300 film is able to sustain more 

stretching than the P500 film. Overall, these measurements show that our templated nanopillar 

hydrogel films have enhanced mechanical properties that are comparable to, or can even surpass, 

other stiff and strong hydrogels used for engineered devices (Table 4.5). 
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Table 4.2. Comparison of chitosan hydrogels prepared by neutralization method. 

content Performance Water content Reference 

1% E = 7.9 - 20.7 MPa 
sb = 8.2 - 36.8 MPa 
eb = 48 - 65% 

50 - 70% This Work 

NA E =  218.2 MPa 
sb = 0.2 - 25.6 MPa 
eb  = 22 - 495% 

60 - 72% 185 

4% E = 1.3  - 4.3 MPa 
sb = 0.8 - 1.45 MPa 
eb  = 31 - 38% 

90-93% 186 

2% E = 1.4 - 12.9 MPa 
sb = 0.6 - 2.7 MPa 
eb =41 - 68% 

70 - 190% 187 

3% E = NA 
sb =22.2 MPa 
eb  =32% 

NA 188 

2-3% E =  NA 
sb = NA 
eb  = NA 

NA 189 

1% E =  NA 
sb =66 - 104.0 MPa 
eb  = 2.6 - 3.2% 

NA 190 
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Table 4.3. Summary of the chitosan film properties. 
 Form 

  

Pattern Thickness 

(µm) 

E (MPa) Etangent 
(MPa) 

sy 

(MPa) 

sb 

(MPa) 

Wb  

(MJ m-3) 
eb 

(%) 

etransition 

(%) 

Water 

content (%) 

hydrate

d 

  

  

  

Flat 55.5 ± 

2.74 

7.9 ± 2.4 32.4 ± 8.7  NA 8.22 ± 

3.7 

1.5 ± 1.1 48.2 

± 

18.4 

32 ± 

7.3 

59.3 ± 5.2 

P200 39.8 ± 

2.14 

12.3 ± 

0.7 

36.5 ± 4.4  NA 14.3 ± 

4.3 

3.9 ± 1.8 65.0 

± 

8.3 

34.1 ± 

11.8 

63.9 ± 5.8 

P300 34.3 ± 

1.21 

12.9 ± 

5.0 

61.4 ± 

10.5 

 NA 25.7 ± 

7.5 

7.4 ± 3.9 82.2 

± 

17.4 

44.9 ± 

12.6 

68.6 ± 6.4 

P500 30.0 ± 

1.41 

20.7 ± 

4.6 

89.7 ± 

11.6 

 NA 36.8 ± 

9.2 

8.5 ± 3.2 64.5 

± 

14.8 

28.9 ± 

9.5 

67 ± 5.7 

dry Flat 22.7 ± 2.8 1410 ± 

300 

 NA 25.6 ± 

6.2 

41.1 ± 

8.6 

9.7 ± 3.1 33.6 

± 

5.1 

 NA NA  

P200 20.9 ± 0.9 1570 ± 

200 

 NA 32.9 ± 

6.8 

53.7 ± 

14.8 

10.9 ± 

6.1 

31.0 

± 

14.9 

 NA  NA 

P300 20.8 ± 0.7 1950 ± 

200 

 NA 39.0 ± 

1.9 

57.7 ± 

15.8 

14.5 ± 

8.8 

31.7 

± 

13.5 

 NA  NA 

P500 20.7 ± 0.4 2230 ± 

100 

 NA 43.6 ± 

7.4 

58.6 ± 

10.2 

10.1 ± 

6.5 

24.6 

± 

11.1 

 NA  NA 

The parameters E, Etangent, sy, sb, Wb, eb, and etransition are Young’s modulus, tangent modulus, 
yield strength, ultimate strength at break, work at break, strain at break, and transition strain, 
respectively. Data are from n=6 individual tests. The values are the mean and standard deviation. 
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Table 4.4. Comparison of nanopillar templated chitosan hydrogel to natural tissues. 

Type Performance Reference 

This work E = 7.9–20.7 MPa 

s = 8.2–36.8 MPa 

This work 

cartilage E = 5–25 MPa 

s = 0.8–25 MPa 

191 

cartilage E = 5-7 MPa 

s = 0.8–25 MPa 

192 
 

cartilage E = 3–8 MPa 

s = 8–10 MPa 

193 
 

cartilage E = 20 MPa 

s = 5 MPa 

194 
 

cartilage E = 8–20 MPa 

s = 7–25 MPa 

195 
 

cartilage E = 20 MPa 

s = 40 MPa 

156 
 

skin E = 58-94 MPa 

s = 12–25 MPa 

196 

skin E = 48-82 MPa 

s = 18-25 MPa 

156 
 

skin E = 19–44 MPa 

s = 8–15 MPa 

197 

skin E = 20 MPa 

s = 40 MPa 

198 
 

ligament E = 12–26 MPa 

s = 9–29 MPa 

195 

ligament E = 65–447 MPa 

s = 13–46 MPa 

199 
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Table 4.5. Comparison of nanopillar templated chitosan hydrogel to reported stiff and strong hydrogels. 

Type Performance Water Reference 
Nanopillar templating E = 7.9–20.7 MPa 

s=8.2–36.8 MPa 

50 - 
70% 

This work 

noncovalent E = 14 MPa 

s =1.3 MPa 

70% 75 

noncovalent E = 8 MPa 

s =1.8 MPa 

50-70% 74 

salting out E = 2.5 MPa 

s =15 MPa 

85-95% 200 

directional freezing & salting out E = 0-2.5 MPa 

s = 11-23 MPa 

70-95% 71 

Double network E = NA 

s = 80 MPa 

60-90% 73 

Double network E = 0.029 MPa 

s = 0.159 MPa 

86% 201 

double network E = 5–23 MPa 

s = 1 – 4 MPa 

90% 202 

Double network E = 0.3 MPa 

s = 2 MPa 

NA 203 

Mechanical stretching E =  218 MPa 

s = 25 MPa 

70-72% 185 

Mechanical stretching E = 0.2 - 37.9 MPa 

s = 8 MPa 

85-90% 204 

Mechanical stretching E = 203 MPa 

s =22.4 MPa 

57% 162 

dual-crosslink E = 0.2 MPa 

s =4 MPa 

90.30% 205 

dual-crosslink E = 12 MPa 

s = NA 

NA 159 

dual-crosslink E = 5 MPa 

s =2.5 MPa 

60-80% 206 

freeze-thawing E = 8 MPa 

s = 8 MPa 

60% 207 
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4.6. Evolution of morphology with tensile strain 

To gain further insight into the unexpected discovery that nanopillars on the surface of 

biopolymer hydrogel films enhance the mechanical performance, we examined the morphology of 

the films before and after mechanical stretching with scanning electron microscopy (SEM), 

polarized optical microscopy (POM) and atomic force microscopy (AFM). The hydrated films 

were first strained from strain e=0% to 60% in De= 10% increments. The stretched film specimens 

were mounted with adhesive tape onto glass slides to prevent relaxation while drying before they 

could be analyzed. 

Prior to mechanical stretching, the surface of the unstructured flat film was found by SEM 

and AFM to be covered in irregularly shaped domains and tufts of polymer fibers that jutted out 

from the surface (Figure 4.6a). POM images of the hydrated unstructured flat film with a full 

wavelength retardation plate show disordered regions (magenta) amongst ordered regions in 

yellow or blue (Figure 4.7). The nanopillared films show good replication of the nanopillar arrays 

across the entire sample surface. While the unstretched P200 film nanopillars collapsed into 

hierarchical clusters of 4 to 7 nanopillars, the P300 and P500 nanopillar structures were stable. 

POM images of the nanopillar films exhibit larger, coalescing birefringent domains, suggesting an 

increase in overall microstructure orientation (Figure 4.7).  
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Figure 4.6. Characterization of the evolution in hydrogel film morphology. (a) A schematic of the film 
prior to mechanical stretching. Representative SEM and AFM show the microstructure prior to 

mechanical stretching. (b) A schematic of the film after stretching to e=40%. Representative SEM and 
AFM show the microstructure at  e=40%. (c) The dependence of the normalized periodicity, Ps/Po, on 

tensile strain of the P300 (blue) and P500 (red) nanopillar films. Dashed lines are calculated from Ps(ε)/Po 

~ exp(ε). The periodicity was calculated through 2D FFT analysis of the images. (d) The dependence of 
the aspect ratio,h=hd-1, on the tensile strain of the P300 (blue) and P500 (red) nanopillar films. The AFM 
periodicity and aspect ratio analysis was performed on 3 regions in 3 films, for a total of 9 regions each. 

SEM micrographs taken at a 45º tilt. 

 

Representative SEM of the unstructured flat film after stretching to 40% strain shows 

regions with cracks, which are indicative of the imminent failure of the fibrous material (Figure 

4.6b). The corresponding AFM and POM micrographs of the flat film show banded, striped regions 

8 to 10 µm in width inclined approximately 45 ° to the applied strain, reminiscent of the shear 

bands formed under stress in ductile metals or plastics (Figure 4.7). Unlike the flat film, the 
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templated nanopillar hydrogels did not exhibit banded, striped regions at this length scale, instead 

developing ~90 µm wide bands at high overall strains (~50%). This suggests that the nanopillar 

templated films may be able to screen, or shield, the formation of shear bands during the initial 

stretching.155 Micrographs of the strained nanopillar films show elongation of the cross-sectional 

contours of the nanopillars in the direction of the applied strain. Thus, these measurements suggest 

that the nanopillar morphology could screen the yielding instabilities and shear bands that occur 

in the flat hydrogel. 

 

Figure 4.7. Polarized optical microscopy images of the chitosan hydrogels. Representative POM images 
of the (a) flat, (b) P200, (c) P300, and (d) P500 hydrogel films at increasing tensile strain. The 

micrographs were taken under crossed polarizers in conjunction with a retardation plate, the sample 
orientation is shown by the black arrow. The scale bar is 100 µm. 

We quantified the observed morphological changes in the P300 and P500 nanopillar films 

(the clustering of the P200 film was significant enough to not allow reliable measurements). The 

periodicity Ps of the nanopillars in our strained samples was determined by application of two-

dimensional fast Fourier Transform (2D FFT) to the AFM images (Figure 4.6c, Figure 4.8). The 

periodicity of the unstrained sample, Po = Ps (ε=0), was calculated to be 460 nm and 205 nm for 

the P500 and P300 samples, respectively. In both of the samples the periodicity had a non-linear 

dependence on strain, increasing by ~16%, ~44%, and  ~81% in the P500 film, and ~23%, ~70%, 

and ~115% in the P300 film at 20%, 40%, and 60% strain, respectively, relative to the unstrained 

periodicity (Table 4.6). Strikingly, this data has a good fit to Ps(ε)/Po ~ exp(ε), perhaps due to the 
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non-linear force transfer between extended polymer chains.179 The change in nanopillar periodicity 

suggests that the polymer chains within undergo out-of-plane deformation during stretching. 

 

Figure 4.8. AFM micrographs of stretched films. Micrographs of (a) P500 and (b) P300 films at 0%, 40%, 
and 60% strain. The insets are the corresponding 2D FFT images. The AFM scale bars are 500 nm. 

Table 4.6. Periodicity, nanopillar height, mean diameter, and aspect ratio of the P300 and P500 film at 
increasing tensile strain after air-drying. 

Pattern Tensile 
Strain (%) 

Periodicity (nm) Max. height, 
h (nm) 

Mean 
diameter, d 

(nm) 

Aspect ratio (h = h 
d-1) 

P300 0 205 ± 4 174 ± 60.4 166 ± 27 1.1 ± 0.5 
P300 10 222 ± 11.3 137 ± 43 169 ± 19.3 0.8 ± 0.3 
P300 20 252 ± 10.9 192 ± 62.6 148 ± 21.8 1.3 ± 0.5 
P300 30 282 ± 16.8 197 ± 60.8 171 ± 19.3 1.2 ± 0.4 
P300 40 349 ± 27.7 131 ± 34 177 ± 20.2 0.8 ± 0.2 
P300 50 358 ± 54.6 191 ± 23.1 135 ± 8.5 1.4 ± 0.2 
P300 60 440 ± 49.9 179 ± 37.5 173 ± 16.3 1 ± 0.2 
P500 0 460 ± 28.9 452 ± 39.6 261 ± 14.3 1.7 ± 0.2 
P500 10 513 ± 53.1 461 ± 23.4 275 ± 19.4 1.7 ± 0.1 
P500 20 532 ± 26.3 385 ± 115 301 ± 46.4 1.4 ± 0.5 
P500 30 595 ± 17.7 391 ± 139 312 ± 32.6 1.3 ± 0.5 
P500 40 664 ± 47.2 455 ± 69.8 312 ± 38.2 1.5 ± 0.3 
P500 50 667 ± 47.7 447 ± 51.1 305 ± 16.9 1.5 ± 0.2 
P500 60 835 ± 54 381 ± 87.7 324 ± 37.7 1.2 ± 0.4 

The periodicity was quantified using 2-D FFT from n=9 film for each strain. The maximum 
height and mean diameter were quantified from the nanopillars within n=9 films for each strain. 
The values are the mean and standard deviation. 
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Lastly, we examined the change in nanopillar shape by quantifying the aspect ratio (h = h 

d-1) at different amounts of stretching. We compared AFM micrographs of representative surfaces 

and used a watershed analysis developed in Chapter 2 to extrapolate the height and diameter of 

individual nanopillars on samples at each tensile strain. At low strains (10~20%) the nanopillars 

first began to align in the direction of the applied strain. At high strains (>40%) the nanopillar 

shape distorted and elongated in the direction of the applied strain. Quantitatively, the P500 

nanopillar height, h, decreased while the mean diameter, d, increased nearly linearly with the 

applied engineering strain ε. As a result, the aspect ratio of the P500 film decreased from 1.7 to 

1.2 (Figure 4.6d, Table 4.6). In contrast, the dependence of h and d on ε in the P300 film did not 

follow a discernable trend. This could be due to the collapse and clustering of the P300 nanopillars 

during drying, which became more prevalent at higher values of mechanical stretching. The 

reorientation of the nanopillars in the linear elastic region (ε ~10-20%) suggests that the polymer 

fibers had straightened and rearranged. The nanopillar periodicity greatly increased at ~30%-40% 

strain, consistent with the point of inflection observed in the engineering stress vs. engineering 

strain curves (Figure 4.4c). In the nonlinear region (ε > 40%) distortion of the strained nanopillar 

morphology suggests extensive deformation of the out-of-plane nanopillar. Altogether, the change 

in nanopillar periodicity and aspect ratio demonstrate how out-of-plane deformation of the 

templated nanopillar structures could absorb energy and provide a toughening mechanism. 

4.7. Processing-structure-property correlations  

To gain further insight into the microstructure of the templated nanopillar film, the films 

were examined with X-ray diffraction (XRD). XRD analysis shows scattering at 2q = 15 º, 

consistent with crystalline domain formation between chitosan (110) planes.182 The inter-plane 

scattering diffraction at 2q = 15 º becomes more prominent, while the diffraction at  2q = 21 º 

decreases in intensity on the nanopillar templated films (Figure 4.9a). The diffraction intensity 

ratio, I110/I200, increased from 0.76 to 1.1 from the flat to the P500 film, respectively. We speculate 

that infiltration of the chitosan chains along the nanocavity walls had increased the local polymer 

chain concentration to higher values than the nominal concentration. Polymer chains with high 

chain rigidity or reduced mobility have higher inter-chain orientational interactions and facilitate 

more lateral inter-chain interactions and interchain ordering between the chitosan layers (Figure 
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4.9b).172 Thus, the increase in crystallinity, signifying increased interchain interactions, may 

mechanistically contribute to the strengthening of the matrix. 

 

Figure 4.9. Microstructure of the unstructured flat and nanopillar templated chitosan hydrogels. (a) The 
X-ray diffraction scattering intensity of the inter-chain crystals at 2q = 15 º is increased in the nanopillar 
films compared to the unstructured flat film. (b) Example of the chitosan chain structure projected along 

the top, perpendicular (left) to the layers, and along (bottom) the chain axis of the chitosan layers. (c) 
Thickness of the chitosan films before and after hydration in deionized water. Data from n=6 films.  

 Prior to hydration, in the as-prepared, dry state the bulk film thickness averages ~20 µm 

for each type of film (Figure 4.9c). Uniaxial tensile tests verified that the nanopillar topography 

increased the mechanical properties of the dry films (Figure 4.10). The thickness of the flat 

hydrogels after hydration increased 144%, while the thickness of the P500 hydrogels increased by 

only 45%. The difference in hydrated film thickness can be understood by considering the increase 

of inter-plane crystalline regions that were observed in XRD, which could have restricted the 

microstructure from swelling vertically.  
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Figure 4.10. Mechanical properties of the as-prepared (dry) chitosan films. (a) Representative engineering 
stress vs. engineering strain curves of the templated nanopillar P500 (red), P300 (grey), P200 (yellow) 
and the unstructured flat film (blue) in the dry state. (b) The Young’s modulus, E (c) ultimate tensile 

strength, sUTS; and (d) yield strength, sy of the as-prepared (dry) films. Data from n=6 films.  

To learn more about the enhanced mechanical performance from a fracture mechanics 

perspective, we studied the mechanical reversibility of the hydrogels by performing loading and 

unloading tests. Such tests of the flat and P500 films confirm that both films demonstrate 

mechanical hysteresis, suggesting that secondary bonds had broken to dissipate energy during 

deformation. The hysteresis loop area quantifies the energy dissipated during the loading and 

unloading cycle. The nanopillar templated P500 film has a ~64% higher hysteresis area relative to 

the flat film, demonstrating that a greater quantity of secondary bonds had been broken (Figure 

4.11). After 30 minutes of waiting, about ~63% of the hysteresis area could be recovered in both 

the P500 and flat films. The existence of bonds that sacrificially break to protect the network from 

fracture increases toughness in hydrogels.73 The greater quantity of secondary bonds within the 
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P500 templated film supports the hypothesis that there are enhanced inter-chain interactions within 

the nanopillar templated films, that appear to sacrificially break to protect the matrix from fracture. 

 

Figure 4.11. Hysteresis of films measured by loading and unloading tests. (a) Representative loading and 
unloading engineering stress vs. engineering strain curves for the flat (red) and P500 (grey) films. (b) 

Hysteresis area after the first (left) and second (right) loading. Preformed n=3 loading and unloading tests. 

We examined the fracture surfaces with SEM. Structure wise, the cross-section SEM shows 

the orientation and alignment of individual biopolymer chains within the nanoscale surface 

structures (Figure 4.12a, inset). By comparison, the unstructured flat film cross-section highlights 

the unstructured surface (Figure 4.12b, inset). An SEM micrograph of the nanopillar fracture 

surface shows crack deflection between rows of nanopillar arrays on the surface (Figure 4.12c). 

The crack propagated into the bulk of the material, following a more tortuous path in the x-y-z 

planes. By comparison, the flat hydrogel showed linear crack propagation throughout the sample. 
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Figure 4.12. SEM characterization of the hydrogels. (a) A representative SEM shows fibrillar orientation 
in the microstructure of a P500 film. The inset depicts how individual polymer fibers have infiltrated into 
the nanopillars on the templated nanopillar film. (b) A representative SEM of the cross-section of a flat. 
The inset shows the bump surface of the unstructured flat film. (c) SEM micrograph of a crack tip region 
shows that the crack is deflected between nanopillars on the P500 surface. The white arrows in the inset 

depicts specific nanopillars that have deflected cracks. (d) SEM micrograph of the plastic zone at an 
advancing crack tip, the inset highlights the plastic deformation of the nanopillar array. 

Furthermore, a plastic zone deformation region was observed around a propagating crack 

tip on the P500 hydrogel (Figure 4.12d). The region was characterized by bending and deforming 

of nanopillars multiple rows away from the advancing crack tip. These deformations redistribute 

stress around the crack, and dissipate energy that would otherwise cause the crack to propagate 

further.81  

4.8. Generality of the nanopillar templating strategy  

Our strategy utilizes a general fabrication method to form nanopillars on the surface of 

biopolymer films that template the fiber assembly process throughout the underlying bulk film. 

We evaluated the efficacy of our templating approach by application of P300 and P500 nanopillars 

onto the surfaces of other biomaterials utilized in key biomedical applications.  
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First, we examined chemically crosslinked chitosan-genipin films. Genipin is a common 

covalent crosslinker for amine-containing biomaterials.40,208 Uniaxial tensile testing verified that 

the nanopillar topography enhanced the mechanical performance of the hydrogels (Figure 4.13a, 

Table 4.7). The moduli of the flat chitosan-genipin film was 3.8 MPa, similar to values previously 

reported.127,209 The moduli increased ~245% to 13.1 MPa for the P500 film. Unlike the hydrogen 

bonds and anhydrous crystalline domains in the neutralized chitosan film, these permanent, 

covalent crosslinks are unable to reform after fracture,181  resulting in a strain at break that 

decreases in the order flat > P300 > P500. These results suggest that a greater quantity of chemical, 

covalent crosslinks formed in nanopillar films. The nanopillar morphology and hierarchical fiber 

assembly throughout the film was confirmed by SEM (Figure 4.13b, Figure 4.14). 
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Figure 4.13. Templating strategy applied to additional biomaterial systems. (a) Representative 
engineering stress vs. engineering strain curves (left) of the covalently crosslinked chitosan-genipin 

hydrogels. The unstructured flat curve (grey) is shown, along with the P300 (orange) and P500 (blue) 
curves. The modulus (center) and strain at break. (right) of the genipin-chitosan hydrogels. (b) (Left) A 
schematic of the genipin-chitosan films. (Right) Representative SEM micrographs of the freeze dried 
chitosan-genipin flat and templated films. (c) Representative engineering stress vs. engineering strain 

curves (left) of the Ca-alginate films. The unstructured flat curve (green) is shown, along with the P300 
(orange), and P500 (blue) curves. The modulus (center) and strain at break  (right) of the Ca-alginate 

templated films. (d) (Left) A schematic of the Ca-alginate films. (Right) Representative SEM 
micrographs of the Ca-alginate flat and templated films. The chitosan-genipin mechanical data are from 
n=3 films, and the Ca-alginate mechanical data are from n=6 films. SEM micrographs taken at a 30º tilt. 
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Figure 4.14. Example SEM image of the P300 surface of a chitosan-genipin crosslinked film. (a) A tear in 
the film surface layer of the film exposes the fibrous sub-surface layer. (b) A zoomed-in picture of the 

tear that shows the hierarchical bundling of the chitosan-genipin crosslinked fibers. The fibrous surface 
layer is exposed beneath the surface tear.  

Table 4.7. Summary of the mechanical properties. 

Material Pattern Thickness 
(µm) 

E (MPa) sy (MPa) sb (MPa)  eb (%) 

Chitosan- genipin Flat 116 ± 5.4 3.8 ± 0.2 NA 1.9 ± 0.1 49.0 ± 4.5 

Chitosan- genipin P300 55.7 ± 5.1 6.3 ± 0.6 NA 1.3 ± 0.1 19.7 ± 3.1 

Chitosan-genipin P500 37.7 ± 1.5 13.1 ± 1.3 NA 1.8 ± 0.2 14.1 ± 0.7 

Ca-alginate Flat 32.0 ± 2.1 2640 ± 
200 

34.8 ± 8.2 45.0 ± 8.8 11.8 ± 8.9 

Ca-alginate P300 27 ± 1.3 3160 ± 
300 

44.0 ± 2.9 45.3 ± 1.8 4.5 ± 1.6 

Ca-alginate P500 23.3 ± 2.2 3560 ± 
700 

51.0 ± 
18.9 

45.6 ± 
11.9 

2.9 ± 0.68 

Chitosan TPP Flat 28.5 ± 2.9 1.3 ± 0.04 NA 0.8 ± 0.1 73.8 ± 1 

Chitosan TPP P300 28.5 ± 1.5 1.2 ± 0.07 NA 0.8 ± 0.01 71.3 ± 5.4 

Chitosan TPP P500 25.0 ± 5.8 1.4 ± 0.1 NA 1.0 ± 0.01 74.5 ± 0.3 

The parameters E, sy, sb, and eb are Young’s modulus,  yield strength, ultimate strength at break, 
and strain at break, respectively. Thickness data is from n=6 individual measurements for both 
materials. The mechanical data are from n=3 tests for the chitosan-genipin, and chitosan-TPP 
films; and n=6 tests for the Ca-alginate films. The values are the mean and standard deviation. 
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To further demonstrate the generality of the nanopillar templating strategy, we applied the 

same pillar templating technique to the biopolymer alginate. Extracted from seaweed, alginate is 

structurally similar to the extracellular matrix, and has found applications in tissue engineering, 

wound healing, and as cell culture scaffold.210 Alginate films can be ionically crosslinked with the 

divalent cation calcium (Ca2+) to form physical Ca-alginate hydrogels with anisotropic structure.211 

Unlike the neutralized chitosan films which contain hydrogen bonds and anhydrous crystallites, 

the Ca-alginate films contains both hydrogen and ionic bonds.212 We confirmed that the 

mechanical performance of the dry Ca-alginate film was influenced by the nanopillar surface 

(Figure 4.13c, Table 4.7). The moduli of the unstructured flat film was 2.6 GPa, similar to reported 

values of processed alginate films,213,214 and increased ~38% to 3.6 GPa in the P500 film. Similar 

to the covalently crosslinked chitosan-genipin films, the strain at break decreased in the order flat 

> P300 > P500. XRD confirmed that the nanopillars lead to an increase in the crystalline domains 

compared to the flat film, which led to an increase in the mechanical performance of the alginate 

film (Figure 4.15). SEM analysis confirms that the nanopillars were replicated onto the as-prepared 

Ca-alginate surface (Figure 4.13d). However, after 24 hours immersed in water, the nanopillar 

surface relaxed into the bulk as the ionic crosslinks dynamically broke and reformed,215 and the 

mechanical properties of the hydrated film are independent of surface topography (Data not 

shown). 

 

Figure 4.15. Representative X-ray diffraction peaks of as-prepared Ca-alginate films. The unstructured 
flat Ca-alginate film (red) has relatively broad diffraction peaks, which suggests low crystallinity. The 

P500 Ca-alginate film (blue) has sharper diffraction peaks, which corresponds to more crystalline 
domains within the films. Both the flat and P500 Ca-alginate film show diffraction scattering at 2θ ~ 13° 
corresponds to the lateral packing between the chains.216 Only the P500 Ca-alginate film shows scattering 

at 2θ ~ 23° corresponding to the chain inter-layer spacing. This shows that the as-prepared P500 Ca-
alginate film has enhanced crystallinity and polymer-polymer interactions in comparison to the flat film. 
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4.9. Discussion 

This work has shown that nanopillar templating enhances the mechanical performance of 

several biopolymer systems. The mechanism that simultaneously enhances the stiffness, strength, 

and toughness of the templated hydrogels is multi-faceted. We found that the nanopillars caused 

polymer chain aggregation, reduced chain mobility, and enhanced chain alignment throughout the 

microstructure of the bulk of the film, which stiffened and strengthened the bulk. The out-of-plane 

nanopillar deformation apparently enables energy absorption not possible in an unstructured flat 

sample. Finally, cracks were found to have deflected around and between nanopillar arrays. This 

unique mechanism occurs via a weak, structured interface to control deformation and strengthen 

the underlying material. 

The extent of enhanced mechanical performance is dependent upon the types of 

interactions within the biomaterials. The neutralized chitosan films showed an increase in both the 

stiffness and strain at break, while both the chitosan-genipin and Ca-alginate films showed an 

increase in stiffness and decreased strain at break. The covalent bonds between genipin and 

chitosan are strong (its dissociation energy D(C-N) ~ 348 kJ/mol),217 thus their formation result in 

the most substantial increase in the moduli. The physical ionic and hydrogen bonds in the Ca-

alginate film can dynamically reform, which have apparently resulted in the lowest stiffness 

enhancement observed. Ionic crosslinkers may act to destabilize aligned mesophases.218 To 

evaluate if an ionic crosslinked system would demonstrate the templated effect, we applied the 

technique to a purely ionic crosslinking system of chitosan and tri-polyphosphate (TPP). We did 

not observe an increase in mechanical performance with the application of nanopillar topography 

(Table 4.7). The results indicate that the intermolecular bonds are an important consideration for 

nanopillar templating of films. 

The strengthening mechanism may be unique to biopolymers which often consist of 

nanofibrils dispersed in a soft matrix. The nanofibrils are susceptible to processing, dispersing and 

reforming as a result of the processing, thus resulting the enhanced mechanical performance of the 

biopolymer hydrogel. 
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4.10. Conclusions 

In summary, we have demonstrated the development of a facile method to tune the 

mechanical properties of hydrogels through the application of nanopillar surface topography. We 

fabricated templated nanopillar hydrogels by using scalable fabrication techniques. The 

mechanical performance of the templated hydrogels were greatly enhanced in comparison to an 

unstructured flat control. We propose that the enhanced mechanical performance originates from 

out-of-plane nanopillar deformation, crack deflection, and enhanced interchain ordering due to 

templated microstructure. The nanopillar templating method presents a unique strategy to achieve 

high stiffness, strength, and toughness in biopolymer films. This strategy allows a system to be 

modified for mechanical compatibility with a vast range of biomaterials - including corneal tissue, 

skin, ligaments and tendons. Considering that multiple types of biomaterials are susceptible to this 

strategy, we foresee that it could be utilized in a range of engineering applications that use 

structured surfaces. Overall, our nanopillar templating method greatly enhances the stiffness, 

strength, and toughness of biomedically relevant polymers using an easily scalable, broadly 

available method, and therefore could greatly impact the development and research of structural 

biomaterials.  
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4.11. Methods 

Preparation of chitosan solution.  

A 1 w/v% or 1.1 w/v% chitosan solutions was prepared by dissolving chitosan powder (90% 

deacetylated, Qingdao Yunzhou Biochemistry Co., Ltd., China) in 0.1 M acetic acid while stirring 

at room temperature at 120 rpm. 

Fabrication of freestanding neutralized chitosan films.  

A chitosan film was obtained by drop-casting 1 w/v% chitosan solution onto a flat or nanohole 

polyurethane mold. The chitosan solution was allowed to air dry and form a film. The film was 

then immersed in a 10 wt.% sodium hydroxide solution for 1 minute. The films were washed in 

deionized water to remove residual sodium hydroxide, and air-dried before removing from the 

mold.  

Fabrication of crosslinked genipin-chitosan films.  

The genipin crosslinked films were fabricated as previously described.208  A stock crosslinker 

solution was prepared by dissolving genipin in ethanol. An appropriate volume of genipin in 

ethanol mixture was added to a 1.1 w/v% chitosan solution (10:1 chitosan to ethanol) to obtain a 

final concentration of 0.25 mM genipin and 1 w/v% chitosan solution. The solution was drop-cast 

onto flat or nanohole polyurethane mold and covered for 48 hours at room temperature before 

removing the cover and allowing the solvent to evaporate for 24 hours. The film and mold were 

then immersed into ethanol. Because excess genipin has a higher solubility in ethanol, this is 

assumed to stop the reaction. The films were dried before removing from the mold. 

Fabrication of tripolyphosphate crosslinked chitosan films 

First, neutralized films were prepared. Then, the neutralized films were immersed in a 0.1 wt.% 

sodium tripolyphosphate (TPP) distilled water solution for 5 minutes. The films were washed in 

deionized water to remove residual TPP, and dried before removing from the mold. 

Fabrication of freestanding alginate films   

A 1 w/v% sodium alginate solution was prepared by dissolving sodium alginate (Sigma-Aldrich, 

Milwaukee, WI) in water while stirring at room temperature at 120 rpm. A sodium alginate film 

was obtained by drop-casting the sodium alginate solution onto a flat or nanohole polyurethane 

mold and allowed to dry to form a film. The film was then immersed in a 0.4 M calcium chloride 

(Sigma-Aldrich, Milwaukee, WI) solution for 6 minutes to crosslink the material. The films were 
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washed in deionized water to remove residual calcium chloride. Films were allowed to dry a 

second time before removing from the mold.  

Nanohole mold preparation.  

A 10 wt.% polyurethane solution was prepared by dissolving thermoplastic polyurethane 72D 

(Covestro, Leverkusen, Germany) in dimethylformamide at 90 °C. The master molds were 

prepared as previously described.16,132,208  Briefly, the thermoplastic polyurethane solution was cast 

onto the prepared master molds or a flat polytetrafluoroethylene support. In both cases, the 

polyurethane coated master molds were annealed at 70 °C to evaporate residual solvent. A force 

of 1.0 klbf from a Tetrahedron 100 hot embosser top plate (Tetrahedron, San Diego, CA) was 

applied while the mold was heated to 130 °C for 5 minutes. The mold was cooled to room 

temperature while the pressure was maintained for 5 minutes. The polyurethane mold was then 

removed from the master mold. 

Scanning electron microscopy of the films.  

For characterization of the nanoscale and microscale structures in the hydrogels, samples were 

immersed in deionized water for 24 hours prior to freeze-drying using a VirTis BenchTop Pro 

freeze-dryer (SP Industries, Warminster, PA). The films were affixed to SEM stubs using 

conductive carbon tape and then sputter coated with 4 nm of iridium using an ACE 600 sputter 

coater (Leica Microsystems, Buffalo Grove, IL). Samples were imaged using a FEI Magellan 400 

XHR Scanning Electron Microscope (FEI Company, Hillsboro, OR). Secondary electron images 

were acquired using an Immersion lens and Through the Lens (TLD) detector typically with a 

voltage of 3 kV and a dwell time of 10.0 µs. Data collection and analysis was carried out using xT 

microscope control version 5.0.2.2666 build 2666. 

Swelling ratio and water content.  

The hydrogel swelling ratio and water content were measured by comparing the weight before, 

during and after equilibrium hydration. As-prepared films were cut into 8 mm disks with a surgical 

punch. The films were immersed in deionized water and the water sorption tracked over 24 hours. 

The equilibrium water content and swelling ratio were calculated as: 

	Equilibrium	water	content = 3
𝑤" −𝑤&
𝑤"

6 ∗ 100% 

Swelling	Ratio =
w*

w+
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Here, wi, and we represent the weight of the as-prepared dried hydrogel films and the weight of 

the equilibrated hydrogel after 24 hours, respectively. 

Preparation of films for uniaxial tensile testing.  

The hydrogels were cut into strips 20 mm in length using a scalpel. The sample thickness was 

measured manually with a micrometer that had precision to 0.01 mm. Test-ready samples were 2.0 

± 0.1 mm wide with a gauge length of 10.0 ± 0.1 mm. To protect the ends of the films from being 

crushed by the tensile test grips and facilitate better force transfer to the specimen, the ends were 

sandwiched between sandpaper (1200 grit) with double-sided adhesive tape (1.0 mm x 3.0 mm 

strip). The dehydrated films were allowed to equilibrate at room temperature and humidity (20 ºC 

and 50% RH, respectively), while the hydrated films were immersed in deionized water for 24 

hours prior to the experiment.  

Uniaxial tensile testing of the chitosan films.  

Uniaxial tensile testing was performed with a Test Resources testing system equipped with a 200-

N capacity load cell (Test Resources, Sharkopee MN). The films were strained at a rate of 0.3 mm 

min-1 with a sampling rate of 30 Hz until fracture. Data was collected with TestBuilder V5.10.3. 

For the hysteresis experiments, films were loaded to a set strain before unloading. The films rest 

for 30 minutes before the second loading and unloading cycle. 

Uniaxial tensile testing data analysis.  

The mechanical properties were obtained using a custom MATLAB script. The engineering stress 

was calculated as:  

𝜎 =
𝐹
𝐴 

Where F is the applied load, and A is the cross-sectional area. The engineering strain was 

calculated as: 

𝜀 =
∆𝐿
𝐿,

 

Where Lo is the initial length of the specimen. The Young’s modulus E was calculated from the 

slope of the linear region of the engineering stress vs. engineering strain curve as: 

𝐸 =
𝜎
𝜀  

The tangent modulus Etangent was calculated from the instantaneous slope of the linear portion of 

the engineering stress vs. engineering strain curve after the transition strain.  
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The work at break Wb (J m-3) was evaluated by integrating the stress-strain curve up to the point 

of fracture: 

𝑊- =	V 𝜎𝑑𝜀
."

/
 

 

Polarized optical microscopy (POM) characterization.  

Polarized optical microscope images of the films were observed with a Zeiss Axio Imager A1 

(Zeiss, Germany). The polarizer and analyzer were inserted at 90° with a full wavelength 

retardation plate at room temperature. Data was collected with AxioVision LE64. 

X-Ray Diffraction measurements.  

X-Ray diffraction measurements were performed on as-prepared films placed on a zero-

background sample holder. A Rigaku XRD was used with the Cu K-a line, with a range of 2q = 

5-30 °, scan rate 0.5 ° min-1, and step size of 0.07 °. Data were collected with SmartLab Guidance 

version 1.5.9.1 (Rigaku Corporation, Tokyo, Japan). Data analysis was performed using PDXL 2 

Version 2.8.4.0 (Rigaku Corporation, Tokyo, Japan). 

Atomic force microscopy measurements of the chitosan hydrogel films.  

The nanoscale  morphology of the films were characterized with atomic force microscopy (AFM). 

The specimen films were adhered to glass slides with double sided tape and examined using 

tapping mode with an Arrow NCR cantilever with a reflective aluminum coating (NanoAndMore 

USA, Watsonville, CA). The cantilevers have a typical tip radius of < 10 nm, resonance frequency 

of 285 kHz, and spring constant 42 N m-1. AFM images were acquired with a Tosca 400 AFM 

with firmware 1.8.55 (Anton Paar, Graz, Austria) at a rate of 1.0 line s-1. Data collection was 

carried out with ToscaControl version 1.8.104.29754. For each strain, we analyzed 9 micrographs 

from 3 regions in 3 films. 

Atomic force microscopy image processing.  

The AFM micrographs were loaded into Gwyddion for all subsequent analysis of images.109  All 

of the AFM images were first flattened before application of a threshold on the nanopillar tips 

using a watershed threshold (~56 px2). The images were flattened by removing a fourth-degree 

polynomial background to the unmasked region.  The minimum value was shifted to zero. 
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Height and aspect ratio analysis.  

After processing the AFM images, the watershed threshold was reapplied. The selection was 

justified as proper if it met the following criteria: (1) objects that were >50% out of the micrograph 

were removed; (2) objects that were between pillar edges were removed; and (3) unaffected by 

neighboring objects. The maximum z-height (zmax) and mean radius (rmean) within the masked areas 

were then exported as a text file. The aspect ratio h was calculated for each region by h = hd-1 = 

h(2r)-1 

Periodicity analysis.  

For analysis of the periodicity of the nanopillar topography, a 3 pixel Gaussian filter was applied 

to smooth the image. A two-dimensional fast Fourier transform (2D-FFT) filter was applied to the 

smoothed AFM image using Gwyddion.109 A line profile was drawn in the 2D-FFT image to 

measure the periodicity parallel and perpendicular to the tensile direction. The line profile peaks 

were fit with a Lorentzian and deemed acceptable if the 𝜒2 < 0.1. 

Statistical analysis.  

Samples for each hydrogel film were examined. Data analysis was conducted in R and figures 

were produced using the package ggplot2.110,111  Differences were considered significant if p < 

0.05.  
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Chapter 5.  Conclusions and Future Outlook 

In this thesis, I develop chitosan hydrogels with bioinspired surface patterns. The 

bioinspired surface patterns constitute a relatively small volume fraction of the hydrogel, yet 

strongly influence the antimicrobial efficacy and physical bulk properties of the matrix. Chitosan 

has intrinsic antimicrobial properties which make it especially attractive to incorporate into 

medical devices to prevent biofouling and infection. The mechanical properties of materials, 

including chitosan, are generally sensitive to the physical form, i.e. thin film or bulk, or size of the 

crystalline domains. Here, the nanopillar surface, which constitutes a relatively small volume 

fraction of the hydrogel, has a large influence on the mechanical performance of the hydrogels. A 

mechanistic study on the link between the nanopillar surface and enhanced mechanical 

performance was conducted. There is still a great deal that can be learned regarding effects of 

processing on the properties of biopolymers, and the studies presented here are a step toward 

providing some insight. 

I described the fabrication, characterization, and optimization of the design of the chitosan 

nanopillar hydrogel in Chapter 2. I showed that polymer interactions within the starting solution 

influence the final nanopillar morphology. I compared the nanopillar morphologies after using two 

methods to stabilize the chitosan nanopillars: aqueous solution neutralization and covalent 

crosslinking. Finally, I performed in vitro experiments to examine the hindered growth of 

filamentous fungi grown on the developed films. I discovered that the stabilizer used on the 

chitosan hydrogel had a profound effect on the antifungal efficacy, even on films with nanopillar 

surface. Thus, both the matrix properties and topographical structure need to be considered when 

developing an antimicrobial surface.  

In Chapter 3, I described the antimicrobial efficacy of an optimized, nanopillar chitosan 

hydrogel surface. I showed the intrinsic antimicrobial properties of the chitosan film against F. 

oxysporum and P. aeruginosa by demonstrating a decrease in fungal growth on an unstructured 

flat chitosan hydrogel relative to an inert control. I showed that the chitosan hydrogels with 

nanopillared surfaces inhibited growth an additional ~99% and ~52% of fungal and bacterial 

growth, respectively, compared to the unstructured flat surface control. Additionally, I confirmed 

that human corneal epithelial cells retained biocompatibility when grown in indirect contact with 

the surface. The results highlight that utilizing more than one antimicrobial strategy into a design 

enhances inhibition of microbial growth. 
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In Chapter 4, I examined the augmentation of mechanical performance through the 

application of nanopillar topography on biopolymer hydrogels. I characterized the tensile 

properties of an unstructured flat film control and nanopillared films via in-plane testing, such that 

the nanopillars were perpendicular to the tensile stress direction. The imparting of nanopillars to 

the film surface greatly enhanced the mechanical performance of the film, resulting in a stiffer, 

stronger, and tougher material. I also examined the microstructure of the films, and observed an 

increase in the crystalline domains in the nanopillar films in comparison to the unstructured flat 

control. I speculate that the enhanced mechanical performance of the nanopillar surface originates 

from out-of-plane nanopillar deformation, crack deflection, and enhanced interchain ordering due 

to nanopillar templated bulk microstructure. These results show that the incorporation of nanopillar 

surface topography in nanofibrous materials can be a useful tool to produce stiff and strong 

hydrogels suitable for certain structural applications.  

Several important questions remain unexplored in this thesis, such as:  

(1) How well does the chitosan hydrogel translate to a medical device in vivo?  

(2) How does the stabilization method used effect the quantity of free amines within the 

nanopillar surfaces that are capable of interacting with the microbial membrane?  

(3) What role does polymer solution concentration play in the enhanced mechanical 

performance?  

(4) How does the inter-layer polymer assembly change with tensile strain? 

To translate the chitosan hydrogel to a medical device, such as a contact lens, suitable for 

in vivo testing additional design criteria such as the contact lens curvature would need to be 

considered. Indeed, work has been done in the Yee lab to extend upon the work in this thesis into 

a curved contact lens device. The chitosan contact lens has undergone fit tests on rabbits, and shall 

soon undergo additional efficacy tests with a developed rabbit fungal keratitis model. 

In the experiments described within this thesis, a large difference in bulk microstructure 

was observed between biopolymer films with and without nanopillar topography. Indeed, a 

previous Yee lab member observed that the P500 chitosan nanopillar films had a higher degree of 

crosslinking – in other words, there were less free amines in the P500 films compared to the flat 

films.219 Extrapolating these results to the findings presented in this thesis, I hypothesize that the 

P500 films in this study had a lower amount of free amines available to interact with the microbial 
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membrane in comparison to a flat film. Future studies could be conducted to directly test this 

hypothesis.  

The concentration of the initial polymer solution dictates the extent of interactions and 

entanglements between polymer chains, as well as the final nanopillar morphology. A future study 

could examine the mechanical properties of nanopillared films cast from solutions in the dilute, 

semi-dilute, and concentrated regimes. Such studies would further the general understanding of 

polymer physics in addition to further practical applications of this strengthening strategy.  

Finally, future studies could investigate how the inter-layer polymer assembly changes 

with tensile strain. X-ray scattering studies to investigate the behavior of chitosan and similar 

biopolymer films at different tensile strains might illuminate the mechanisms responsible for the 

stiffening behavior and the complex interactions that occur at the nanoscale within the film. Small 

angle x-ray scattering of the films in the unstrained state and at increasing tensile strain would give 

a more complete picture of the structural interactions that occur within the film. The length scale 

of these interactions is expected to be at a scale of several angstroms to ~300 nm. Access to a 

beamline facility, such as those found at the Argonne National Laboratory, would enable these 

measurements.  

 In conclusion, I have expanded the library of materials applicable as a nanostructure 

coating and shown the importance of considering the biopolymer matrix and nanoscale topography 

when designing an engineered surface. I have shown that the method used on stabilize chitosan 

hydrogels influences the hindrance of pathogenic filamentous fungi and bacteria growth. 

Application of nanopillar topography to the antimicrobial matrix further reduces the growth of 

microbes. Furthermore, I have demonstrated that the microstructure of the biopolymer hydrogels 

can be templated by the presence of nanopillar topography, ultimately augmenting the bulk 

properties including stiffness, strength, and water content. My study has provided only a glimpse 

of the complex nanoscale interactions that occur between the biopolymer fibers, and between the 

fibers and micro-organisms such as fungi and bacteria. I hope that this work will catalyze and 

inspire future researchers to develop platforms to further this area of 2.5D biopolymer topography. 
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