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Abstract 

Structure and Mechanism of the Formylglycine-generating Enzyme 

By 

Mason J. Appel 

Doctor of Philosophy in Molecular and Cell Biology 

University of California, Berkeley 

Professor Carolyn R. Bertozzi, Co-Chair 

Professor Judith P. Klinman, Co-Chair 

 The ability of enzymes to make rapid the conversion between chemical entities represents 
an enabling feature for life. The strategies by which enzymes achieve this feat are manifold in 
their details and physiological consequences. Though the central importance of biological 
catalysis has been known for well over a century, the true breadth of enzyme function is still 
beginning to be appreciated. A fundamental description of enzyme catalysis is essential to 
understanding biological processes, and is also necessary in order to realize the promise of 
engineered enzymes for transforming medicine and manufacturing. 

 The formylglycine-generating enzyme (FGE) is responsible for activating sulfatase 
enzymes in aerobic organisms by catalyzing the post-translational modification of a cysteine 
residue to formylglycine. Formylglycine permits sulfatase activity by acting as a covalent 
cofactor. Thus, the diverse roles of sulfatases in both animal and microbial biology underscore 
the importance of FGE. However, early investigations made clear that this enzyme operates by a 
novel mechanism with a unique protein fold. In turn, elucidation of the details of this 
biochemical transformation have remained enigmatic for almost two decades. 

 This dissertation describes the structural and biochemical interrogation of FGE in pursuit 
of understanding its catalytic mechanism. Chapter 1 places into context the physiological 
importance and biochemical curiosities of formylglycine and FGE. In Chapter 2, I present the 
first structural and spectroscopic characterization of copper-bound FGE, defining it as a novel 
enzyme with intriguing features related to function. Finally, Chapter 3 reveals detailed structural 
and kinetic proof for several critical steps of catalysis by FGE, allowing the formulation of a 
mechanistic framework for further investigation. 
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Formylglycine, a posttranslationally generated residue with unique catalytic capabilities 

and biotechnology applications 
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Chapter 1. Formylglycine, a posttranslationally generated residue with unique catalytic 
capabilities and biotechnology applications 
 
Introduction 
 
Posttranslational modification (PTM) of canonical amino acid side chains is a mechanism for 
augmenting the chemical diversity of enzymatic catalysis.  Many cofactors involved in 
fundamental metabolic transformations derive from protein backbone or side chain 
modifications.1 The novel functionalities created – redox moieties, electrophiles or metal 
chelators, for example – allow for catalytic mechanisms unattainable with canonical protein 
chemical groups. A relative newcomer to the family of PTM-derived catalytic cofactors is Cα-
formylglycine (fGly, Figure 1.1A), a modification of Cys or Ser side chains that is essential for 
the activity of Type I sulfatases.2 Unlike the complex pathways for generating many of the 
peptide- and protein-derived quinocofactors,3 the biosynthesis of fGly is accomplished by only 
one enzymatic step. Astoundingly, Type I sulfatases achieve rate-enhancements (kcat/kuncat) of 
1026 for alkylsulfate substrates, making them among the most efficient enzymes ever measured, 
and this can be attributed in part to the unique catalytic properties of fGly.4  
 
Ubiquitous across all domains of life, sulfatases catalyze the hydrolysis of a vast array of natural 
and synthetic aryl- and alkylsulfate ester substrates. Three divergent classes of sulfatases have 
been identified, but the Type I family members are the most common and the only class found in 
eukaryotes. In aerobic organisms, Type I sulfatases become active when the formylglycine-
generating enzyme (FGE) (also referred to as sulfatase-modifying factor 1, or SUMF1)5, 6 
catalyzes the oxidation of cysteine to fGly. In humans, 17 sulfatases have been identified, of 
which 14 have been assigned specific activities in catabolism, signaling, and development.2, 7 
Human sulfatases are initially translated into the endoplasmic reticulum (ER); some are retained 
there while others are targeted to the lysosome, the Golgi, or to the cell surface.7 Lysosomal 
sulfatases act on sulfated glycolipids (sulfatides) and glycosaminoglycans, and their activities are 
necessary for proper degradation of these glycosides. ER-resident sulfatases, most notably 
steroid sulfatase (STS; arylsulfatase C, ASC), regulate hormone levels by desulfation of inactive 
precursors such as dehydroepiandrosterone 3-sulfate and iodothyronine sulfate.2 Secreted 
sulfatases (Sulf1, Sulf2) modulate the sulfation level of cell-surface heparan sufate, thereby 
regulating signaling events critical for development and tumor progression.8 The disruption of 
individual sulfatases causes at least 8 pathologies in humans, including 6 lysosomal storage 
disorders (e.g. mucopolysaccaridoses, metachromatic leukodystrophy), the bone disease 
chondrodysplasia punctate type 1, and skin disorder X-linked ichthyosis.9 Deficiency in FGE 
causes multiple sulfatase deficiency (MSD), a fatal disorder marked by decreased activity of all 
sulfatases.10 Microbial sulfatases were historically thought to be utilized for scavenging 
environmental sulfur, but a growing body of work over the past decade has revealed a much 
more elaborate role in modulating endosymbiont and host-pathogen interactions by remodeling 
host sulfation.11 Given the breadth of research on sulfatase biology, we defer to a number of 
reviews for a thorough appraisal of sulfatase biochemistry and physiology,2, 12, 13, 14 the genetic 
basis of FGE and sulfatase disorders in humans, 9, 15, 16 and the pursuit of novel sulfatases for 
bioengineering applications.17  
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This review will focus the catalytic function of fGly and mechanisms by which enzymes from 
various organisms are thought to produce this PTM. Finally, we discuss the use of fGly’s 
aldehyde functionality as a chemical handle for site-specific protein chemical modification, a 
biotechnology application of fGly that has undergone recent commercial translation. 
 
 
fGly is an essential posttranslation modification of Type I sulfatases  
 
Type I sulfatases are the predominant mediators of sulfate ester hydrolysis in all domains of life.  
They are abundant, highly conserved, and require the fGly PTM for catalysis.2  Some sulfatases 
have been assigned defined biological substrates (e.g., sulfatases that act on the 
glycosaminoglycans chondroitin and heparan sulfate),16 while most, particularly from microbial 
sources, have not been characterized at this level of biochemical detail. Thus, many Type I 
sulfatases are annotated as arylsulfatases, simply because they catalyze the hydrolysis of 
colorimetric arylsulfate substrates in vitro.2  
 
fGly is generated from a cysteine or serine residue embedded in a conserved active site-localized 
sequence motif, (C/S)XPXRXXXLTGR; cysteine predominates as the modification target in 
eukaryotes and aerobic microbes whereas cysteine or serine is found in anaerobes.15, 18  The 
original discovery of fGly was made during biochemical analysis of the fatal congenital illness 
Multiple Sulfatase Deficiency (MSD).19 The severe physiological defects associated with this 
condition reflected a combination of those associated with single sulfatase deficiencies.10 
Analysis of MSD-derived cell lines revealed diminished activity across the Type I sulfatase 
family, despite the fact that protein levels of specific sulfatases appeared unaltered.10, 20 This 
observation led to speculation that MSD patients lacked a regulatory component or catalytic 
cofactor required for sulfatase activity. Importantly, cell-fusion complementation of MSD cells 
with those deficient in a single-sulfatase could restore activity of the deficient sulfatase, 
confirming the competence of individual MSD sulfatase genes.21 The inability of MSD cells to 
produce active recombinant sulfatases likewise suggested a defect in a factor required for activity 
of several sulfatase gene products.22  
 
Direct biochemical characterization of human arylsulfatases A & B (ASA & ASB) revealed a 
tryptic peptide carrying an unknown modification. At the site where a cysteine residue was 
predicted, mass spectrometry analysis indicated a novel amino acid that formed an adduct with 
glycerol and, when treated with NaBH4, yielded a serine residue. fGly was thus identified for the 
first time as a PTM.19 Subsequently, MSD-derived sulfatases were shown to contain significantly 
lower amounts of fGly, but the complete loss of sulfatase activity is likely embryonic-lethal in 
humans.23 
A 
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D  

 

Figure 1.1. Hydration of fGly to fGly-diol, Pseudomonas aeruginosa arylsulfatase structure and 
active site architecture (PAS, PDB:1HDH), and proposed catalytic mechanisms of Type I 
sulfatase. (A) fGly is rapidly hydrated to a geminal diol, fGly-diol, and this form predominates in 
the sulfatase resting state. (B) fGly diol, yellow; Ca2+, green (C) Highlighted features: Ca2+, 
green; metal binding, magenta; substrate binding and catalytic, gray. (D) Following the binding 
of sulfate ester substrate, fGly-diol is activated for nucleophilic attack at sulfur by aspartate 
(Asp317). The sulfoenzyme is formed and desulfation may proceed by one of two pathways, 
hydrolysis at sulfur (SN2) or more probable, elimination from the remaining fGly-diol hydroxyl 
(E2), catalyzed by a histidine base (His115). Catalytic mechanism scheme adapted with 
alteration from reference (28). 

 

fGly participates directly in sulfate ester hydrolysis  
 
The correlation of fGly deficiency with loss of sulfatase activity implied a direct role for fGly in 
enzymatic activity. Absent further information, several modes of reactivity were proposed based 
on known chemistries of the aldehyde group – its electrophilicity as well as the nucleophilicity of 
the geminal diol formed by aldehyde hydration (Figure 1.1A). Clarity came from the analysis of 
several sulfatase crystal structures which support a role for fGly in covalent catalysis.24  The first 
sulfatase structure, that of human ASB, was solved by Guss and coworkers in 1997, and one year 
later the structure of ASA was solved by von Figura, Saenger and coworkers.25,26 A third human 
sulfatase structure, that of steroid sulfatase (ASC, STS) was later reported by Ghosh and 
coworkers.27 Notably, despite relatively low sequence homology, these sulfatases adopt a similar 
fold to alkaline phosphatases, consistent with their related catalytic functions.  
 
The sulfatase structures resolved several uncertainties regarding fGly. First, the fGly geminal 
diol (fGly-diol) was detected in ASA, suggesting a role as catalytic nucleophile. Electron density 
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consistent with a sulfated fGly-diol, a putative intermediate in a covalent catalysis mechanism, 
was observed both in ASB and ASC.25,27 However, it is important to note that the presence of an 
artifactual phosphate ester instead could not be ruled out. Further evidence came from the 1.3 Å 
resolution structure of the P. aeruginosa arylsulfatase (PAS), which clearly showed electron 
density for the fGly-diol at full occupancy (Figure 1.1B).28 An earlier observation that fGly 
within native folded ASA and ASB is refractory to NaBH4 reduction is consistent with the 
presence of the fGly-diol rather than the fGly-aldehyde in the resting enzyme.19 In addition to 
fGly, the active sites of Type I sulfatases contain a divalent cation, usually Ca2+ but also Mg2+, 
and a side-chain hydrogen bonding network which coordinates fGly and substrate. The metal 
helps to bind and polarize the substrate, and the fGly-centered hydrogen bonding network 
provides for general acid-base catalysis. Three aspartates, one of which H-bonds with an fGly-
diol hydroxyl, and a glutamine/asparagine constitute the metal-binding residues, leaving two 
open coordination sites for binding of sulfate and the second fGly-diol hydroxyl. Several acidic 
residues bind the substrate, and a histidine base is predicted to assist in catalysis. A concise 
comparison of the corresponding active site residues for seven (of eight total) fGly enzyme 
crystal structures is provided by Kraztner, Steinfeld and coworkers (Figure 1.1C).24 The first 
structure of human sulfamidase (N-sulfoglucosamine sulfohydrolase, SGSH) was recently 
reported and overlays closely with previous sulfatases, especially in the active site region, 
despite low overall sequence identity (between 19-25% across fGly enzymes that have been 
structurally characterized).24  
 
The presence of an active site fGly-diol suggested possible catalytic mechanisms (Figure 1.1D). 
Guss (ASB)25 and von Figura (ASA)26 both proposed that one of the hydroxyls of the fGly-diol 
acts as a nucleophile for initial attack at the substrate sulfur atom, releasing the alcohol co-
product and forming a sulfoenzyme intermediate. The details of their proposed pathways diverge 
thereafter, though both emphasize acid-base catalysis. In the latter case, deprotonation of the free 
remaining fGly-diol hydroxyl group by a conserved histidine would allow E2 elimination of 
sulfate, generating a transient fGly-aldehyde in a scheme abbreviated “SN2-E2”.26 Guss and 
coworkers proposed instead that SN2 substitution at sulfur by hydroxide or water was responsible 
for the breakdown of the sulfoenzyme intermediate, which can be designated as the “SN2- SN2” 
pathway (Figure 1.1D).25 Consistent with the unequal roles of each hydroxyl group in the 
geminal diol in either proposed mechanism, only the S stereoisomer of the transesterified enzyme 
has been observed in crystal structures of ASB and PAS.25,29  
 
Intuitively, one may suppose that the biosynthetic cost of installing the unusual fGly PTM is 
more than repaid because fGly enables a mechanism unavailable to Ser/Cys/Thr nucleophiles. 
Replacing cysteine with serine in recombinant sulfatases prevents the conversion to fGly by 
eukaryotic FGEs, and has provided an instructive probe to compare the two proposed 
mechanisms. In the case of ASA and ASB, the Cys-to-Ser mutant sulfatase will bind substrate 
and perform the initial S–O cleavage to form the serine sulfoenzyme and release the alcohol co-
product. But, this adduct is a dead-end product that will not release sulfate even after extended 
time periods.30 If the wild-type α-hydroxy sulfate ester intermediate were resolved by SN2-type 
attack of water at sulfur, and not by E2 eliminaton, the serine mutant would be expected to retain 
at least partial activity. Thus, the E2 pathway is presently favored. Sulfoenzyme formation is 
detected in only about 20% of the Cys-to-Ser sufatase mutant, however, and this complex is 
unable to form in crystals. These facts suggest that the fGly-diol contributes to accelerated 
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enzyme sulfation as well, either by the enhanced nucleophilicity of the diol hydroxyl group 
compared to a primary alcohol, or by specific hydrogen bonding features of the active site that 
are not replicated in the serine mutant.31 Since the serine mutant affects both breakdown and 
formation of the sulfoenzyme intermediate, its behavior alone is not sufficient to prove the 
elimination mechanism.  
 
Further chemical and theoretical analysis has yielded a framework for understanding the 
significance of fGly and its likely reaction pathway. First, the uncatalyzed hydrolysis of the S–O 
bond of sulfate esters proceeds 106-fold slower than spontaneous hydrolysis of the P–O bond of 
phosphate esters.4 The high barrier for the uncatalyzed reaction, with a t1/2 = 1018 years,4 may 
explain the evolutionary significance of fGly’s novel catalytic strategy. Alkaline phosphatase 
hydrolyzes phosphate esters through a phosphoserine intermediate that releases inorganic 
phosphate by attack of a Zn+-activated hydroxide.32 This catalytic paradigm may be inadequate 
for sulfate ester S–O cleavage, or was otherwise impractical or unavailable to sulfatases during 
evolution, thus requiring the specialized functionality of fGly. Of the two proposed fGly 
catalyzed pathways, the SN2-E2 mechanism requires only one high energy barrier S–O bond 
cleavage. The rate of the initial SN2 step may be accelerated by the decreased pKa of the geminal 
diol hydroxyl group (e.g., acetaldehyde hydrate has a pKa of 13.5733) compared to a conventional 
hydroxyl group (e.g., 15.9334). A recent theoretical study has suggested that the initial 
nucleophilic attack of fGly-diol on substrate may be rate-determining, and not the subsequent 
elimination.35 Perhaps inconsistent with this prediction, a measured βLG of 0 for Vmax but -0.86 
for Vmax/KM for PAS suggests that the alkoxide leaving group is not involved in the rate-
determining step, but only the first irreversible chemical step.36 For the desulfation step, 
hydrolysis of the sulfoenzyme intermediate by water in the SN2 pathway may be quite slow 
compared to E2, again for the reason of S–O bond cleavage. Experimentally, pre-steady state 
kinetics of the wild-type enzyme may permit the comparison of the relative sulfation/desulfation 
rates. Stereochemical characterization of reaction products can also provide valuable clues to 
mechanism. In principle, the SN2-E2 mechanism would result in net inversion at sulfate while 
SN2-SN2 would result in net retention. In an early study, prior to the discovery of fGly, 
interception of the sulfoenzyme intermediate generated using a chiral sulfate ester with an 
exogenous nucleophile produced a new sulfate ester with net retention of configuration.37 This 
observation is consistent with an initial SN2-like step in the sulfatase mechanism but does not 
inform the course of desulfation.  
 
Other determinants of reactivity may explain the proposed preference of sulfatases for an E2 
release pathway, and the differential specificity of sulfatases and phosphatases in general. A 
recent experimental and theoretical study by Krenske and coworkers affirms earlier theoretical 
studies,35 which predict a much lower transition state barrier for E2 elimination compared to SN2 
substitution to release sulfate (estimated ΔΔH‡ of 26.5 kcal/mol).36 This study estimates a ΔΔH‡ 

of only 12 kcal/mol for the corresponding phosphoenzyme intermediate, which may account for 
why fGly is found mostly in sulfatases, and not in alkaline phosphatase. Wild-type ASA is also 
inhibited by a prohibitively slow rate of elimination/hydrolysis of the corresponding 
phosphoenzyme intermediate at fGly.29 This is not an inherit characteristic of fGly enzymes, 
however. PAS can catalyze arylphosphate hydrolysis at a lower catalytic efficiency (kcat/KM) 
compared to arylsulfates (7.9 x 102 M-1 s-1 vs. 4.9 x 107 M-1 s-1), but with dramatic rate 
acceleration (kcat/kuncat) and catalytic proficiency ((kcat/KM)/kuncat) compared to the uncatalyzed 
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hydrolysis of arylphosphates; PAS is predicted to release phosphate by elimination as with 
sulfate.35, 38, 39 In the opposing case of promiscuous sulfatase activity in alkaline phosphatase, the 
source of large catalytic discrimination for phosphate esters over sulfate esters appears to be 
complex and only partially related to the difference in formal charge between the two 
substrates.40 Notably, a family of Type I sulfatase/alkaline phosphatase related fGly-dependent 
enzymes has been recently discovered and structurally characterized. It includes a 
phosphatase/phosphonatase from Rhizobium leguminosarum termed RlPMH,41 and an 
orthologous but highly promiscuous phosphate/phosphonate/sulfate/sulfonate ester hydrolase 
from Burkholderia caryophilli (BcPMH).42 RlPMH has a >103-fold preference for phosphonate 
monoesters/phosphate diesters over sulfate esters and displays burst-phase kinetics, indicating 
that formation of the phosphoenzyme intermediate is not rate-limiting.41 This enzyme family 
reflects the apparent catalytic versatility of fGly as tuned by protein context, as well as the shared 
ancestry of Type I sulfatases and alkaline phosphatases. 
 
It is important to note that two other unrelated sulfatase families exist in some prokaryotes, but 
unlike Type I, they proceed with concomitant oxidation of the alcohol co-product to an aldehyde 
(Type II), or stereochemical inversion of the alcohol co-product (Type III).17 It is clear that such 
changes would not be suitable for the signaling or catabolic roles of eukaryotic sulfatases. 
Though further experimental evidence is needed to clarify remaining mechanistic uncertainties, it 
is clear that Type I sulfatases are among the most extraordinary biological catalysts known, with 
rate enhancements (kcat/kuncat) as high as 1026, and undoubtedly warrant further studies.4 
 
 
FGE catalyzes fGly formation and is dysfunctional in MSD 
 
In 2003, the gene encoding FGE (also termed sulfatase-modifying factor 1 or SUMF1) was 
identified as responsible for MSD by Ballabio6 and von Figura,5 using genetic and biochemical 
approaches, respectively. Von Figura and coworkers exploited FGE’s ability to bind tightly but 
not turnover a peptide containing its recognition motif with serine substituted for cysteine 
(SXPXR). By affinity enrichment of bovine testis extract, FGE was thus purified for the first 
time.5 Investigation of human and bacterial FGEs has revealed a new enzyme family defined by 
both a novel catalytic mechanism and protein fold. Mapping the mutations in SUMF1 alleles 
from MSD patients onto the hFGE crystal structure, as well as in vivo and in vitro dissection of 
mutant phenotypes, has provided a rationale for their deleterious effects. MSD mutations result 
in structural, catalytic, and intracellular stability defects.43, 44, 45  
 
Prior to isolation of FGE, fGly formation was studied using intact microsomes and later with 
reticuloplasm, using an in vitro transcription/translation system.46,47 These studies indicated that 
fGly generation occurs cotranslationally, and prior to folding. These initial efforts suggested a 
dependence on thiol reductants, Ca2+ ions, and an alkaline pH optimum.48  Subsequently, it was 
observed that FGE activity is dependent on O2, presumably as a terminal electron acceptor (cf. 
Figure 1.3C).49 Interestingly, O2 availability can limit sulfatase activity in vivo by decreasing 
FGE activity, and the decrease of sulfatase activity levels can mediate hypoxic response.50  
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Mammalian FGE activity is regulated by protein partners  
 
Regulation of mammalian FGE activity occurs spatially and is mediated by protein-protein 
interactions in the ER and Golgi. Recent work has identified functional interactions with several 
proteins in the ER and along the secretory pathway including: ERp44, PDI, ERGIC-53, and 
pFGE among others.51, 52, 53, 54 FGE lacks a canonical ER retention sequence; instead, the N-
terminal region of FGE (residues 34-88 following signal peptide cleavage) forms both non-
covalent interactions and a disulfide linkage with ERp44, a trafficking protein that is the primary 
means for retrieval of FGE from the Golgi to the ER. In fact, this N-terminal region is also 
involved in activation of sulfatases by an unknown (ER-retention-independent) mechanism. The 
region contains a cysteine pair (Cys50 and Cys52) that form intermolecular disulfide bonds both 
with Erp44 and other FGE molecules. Only Cys52 is necessary for FGE activity in vivo, but not 
in vitro, 54 while both cysteines are dispensable for retrieval by ERp44 through noncovalent 
complex formation,51 though an alternate mutational study disputes this finding (Figure 1.2A).52  
 
Protein disulfide isomerase (PDI) is a well-known ER-resident chaperone that allows nascent 
polypeptides to reach their preferred disulfide configuration by catalyzing fast exchange with its 
own redox active disulfide.55 PDI appears to be involved both in retaining FGE in the ER and 
promoting activity, and these functions are dependent on catalytically active PDI (Figure 1.2B).52 
ERGIC-53 is an anterograde cargo binding protein which cycles between the ER and the Golgi.52 
It functions to traffic FGE from the ER to the cis-Golgi, and also seems to protect it from 
proteasomal degradation (Figure 1.2C). Once in the cis-Golgi, most FGE is retrieved to the ER 
via ERp44, with the remaining fraction secreted from the cell.52 It is possible that competition 
with other ERp44 substrates may regulate FGE secretion by this process. Downstream in the 
secretory pathway, a fraction of FGE is N-terminally truncated and inactivated by furin and 
furin-like proteases (Figure 1.2D). Approximately 20-30% of secreted FGE avoids proteolytic 
cleavage and remains active.56 Secreted FGE can traffic back to the ER from the cell surface. 
Indeed, tissue-specific expression of FGE in FGE-null mice has been shown to activate 
sulfatases in non-transduced tissues, in this way acting as a paracrine agent. Uptake is dependent 
in part on the mannose receptor and FGE N-glycosylation (Figure 1.2D-F).57 Taken together, a 
model for the localization and activity of FGE has emerged (Figure 1.2). However, it remains of 
great interest to understand the significance of FGE secretion and reuptake to the ER, as this 
offers a route for enzyme replacement therapy for treatment of MSD.  
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Figure 1.2. Regulation and trafficking of mammalian FGE by protein partners. (A) ERp44 binds 
the N-terminal extension of FGE and delivers it back to the ER. (B) Protein disulfide isomerase 
(PDI) retains FGE in the ER through binding, and increases catalytic activity, perhaps by acting 
as a disulfide reductant. (C) ERGIC-53 transports FGE to the Golgi and prevents degradation by 
the proteasome. (D) A portion of FGE is trafficked to the cell surface and secreted through the 
secretory pathway, furin and other proteases cleave and thereby inactivate 70-80% of secreted 
FGE. (E) Secreted FGE binds mannose receptor (MR) through its N-glycan. (F) Extracellular 
FGE can be trafficked back to the ER in an active state. (G) pFGE interacts with FGE for an 
unknown purpose, but may chaperone unfolded sulfatases or mediate their interaction with FGE. 

Finally, the paralog of FGE (pFGE, encoded by the gene SUMF2) was identified by homology 
shortly after SUMF1 was identified, and its precise role is the subject of ongoing investigation.6 
pFGE displays strong sequence and structural conservation (48% identity) with hFGE, is 
localized to the ER, and is transcribed at comparable levels to FGE in human tissues, but pFGE 
lacks FGE activity and is different by several features.58, 59, 60 pFGE lacks the active site cysteine 
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pair and functionally critical N-terminal region of FGE. Instead, pFGE has a C-terminal PGEL 
sequence, which is a noncanonical variant of the ER retention signal KDEL. Based on co-
immunoprecipitation data, pFGE forms heterodimers and higher order oligomers with FGE and 
also interacts with sulfatases, though direct physical evidence for pFGE interactions has 
remained elusive (Figure 1.2G). Curiously, pFGE overexpression decreases sulfatase activation 
in vivo in a dose-dependent manner, but does not increase FGE retention in the ER. The meaning 
of these results is unclear, but it is possible that in appropriate stoichiometry, pFGE may act as a 
sulfatase-specific chaperone or otherwise mediate interaction of FGE with sulfatases.58, 60  
 
 
FGE defines a novel protein fold 
 
The first series of crystal structures of human FGE were reported in 2005 by Dierks et al., and 
FGE was shown to adopt a novel fold, the FGE-fold (Figure 1.3A).43, 61 Subsequently, the crystal 
structure of the S. coelicolor FGE (scFGE) was solved in our laboratory and overlays closely 
with hFGE, with an rmsd of 0.65 Å.49 The FGE-fold is defined by one domain of low secondary 
structure content, approximately 30% combined β-sheet and α-helix in both orthologs. hFGE 
binds two Ca2+ ions and scFGE just one; two structural disulfides and an N-glycosite are 
particular the human enzyme. A cysteine pair (C336 and C341), shown to be catalytically 
essential and separated by four residues in a loop, exists in a distribution of the reduced (dithiol, 
FGEred) and oxidized (disulfide, FGEox) forms based on both crystal structures, and by mass 
spectrometry (Figure 1.3A).62,43 A co-crystal structure of hFGE C336S with LCTPSRA substrate 
was obtained by Roeser et al in 2006 and defined a shallow substrate binding channel which can 
bind up to 6 substrate residues in the consensus peptide sequence in an extended conformation 
(Figure 1.3B).63 Additional structures support the existence of a probable O2 binding pocket 
adjacent to the active site cysteines. The use of halide bound hFGE crystal structures to define 
the size and environment of this pocket predict that it could accommodate a negatively charged 
oxidative intermediate in complex with substrate.64 Homologs of FGE have been found in a class 
of bacteria and bacteriophage diversity-generating retroelement (DGR) variable proteins, which 
generate adaptive protein variation through an RNA intermediate.65 With an rmsd of 0.98 Å 
between the catalytic region of FGE and the Treponema denticola TvpA variable region, the 
FGE-fold has since been classified as a sub-type of the C-type lectin fold.66  
 
 
FGE is a unique cysteine-dependent oxidase/oxygenase 
 
Many biochemical transformations in both primary and secondary metabolism across aerobic 
organisms harness the reduction potential of O2. Reduction of molecular oxygen is 
thermodynamically favorable, but there is a high barrier to its reaction with singlet state organic 
compounds due to its triplet ground state.67 Most oxidases/oxygenases require reductants of 
sufficient strength, typically paramagnetic transition metals (mainly Fe2+ & Cu2+), and/or organic 
cofactors (flavins, pterins, quinones) which generate a stabilized radical following single electron 
transfer.68 Subsequent one or two electron transfer events are very favorable and rapid, 
producing potent O2-derived oxidants that may add in to substrate (oxygenase) or become further 
reduced to H2O or H2O2 (oxidase). Cofactorless oxidases/oxygenases have also been identified.  
They typically promote the direct oxidation of substrates, without the intermediacy of a metal or 
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cofactor, by targeting O2 to a stabilized carbanion at a specific position of an aryl substrate in a 
manner comparable to flavin reactivity.69  
 
A 

   
B 
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Figure 1.3. FGE structure, overall reaction, and speculative mechanistic proposal. (A) Crystal 
structure of human FGE (PDB:1Y1E), with active site cysteines (Cys336, Cys341; engaged in 
partial disulfide bond), the essential serine (Ser333), and Ca2+ ions (green) highlighted. (B) 
Close-up of human FGE Cys336S (PDB:2AFY) in complex with substrate as Cys341-LCTPSRA 
mixed disulfide, with substrate binding residues highlighted. (C) Overall reaction catalyzed by 
FGE on generic CTPSR substrate. Given the 2e- oxidation of cysteine to formylglycine, O2 is 
reduced to H2O2. However, as has been proposed, the concomitant input of an additional 2e- and 
protons would result in the production of 2 H2O instead. (D) Abbreviated summary of proposed 
mechanism provided by Roeser et al.63 FGEox binds substrate through thiol-disulfide exchange 
with substrate at Cys341. Cys336 then reacts with O2 to generate a peroxysulfenic acid. 
Decomposition of this intermediate, and perhaps the input of 2 external electrons, would 
regenerate FGEox, release 1 H2O, and form a substrate cysteine sulfenic acid. Base-catalyzed 
elimination of H2O from substrate sulfenic acid produces a transient thioaldehyde, which gives 
fGly upon hydrolysis.  

 

FGE does not possess a canonical metal or organic redox cofactor and thus has been categorized 
as a cofactorless oxidase/oxygenase.  But, there is no evidence that FGE utilizes any variation of 
the strategies above to catalyze reaction with O2. Instead, mechanistic proposals center on the 
essential redox-active C336/C341 pair located in the active site. The lability of these cysteines to 
irreversible oxidation by air or H2O2, creating cysteine sulfinic and sulfonic acids, suggests that 
they may mediate reaction of O2 with the substrate cysteine side chain.49,43 Mutation of either of 
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these cysteines abrogates activity, and they are positioned closely to the substrate cysteine in a 
cocrystal structure where Cys336 (hFGE) is mutated to serine (Figure 1.3B).63 The isolation of 
this complex, and the observation of partially oxidized cysteine side chains in various crystal 
structures, formed the basis of the proposed mechanism shown in Figure 1.3D.   This scheme 
invokes a disulfide bonded form of FGE (FGEox) as the enzyme’s resting state.  Substrate 
binding is then followed by disulfide exchange, forming a covalent mixed disulfide bond 
between enzyme and substrate.  Direct reaction of a free cysteine side chain at C336 with O2 is 
proposed to generate a reactive intermediate, a cysteine oxoform presumably, that then targets 
the substrate cysteine side chain.  
 
In both the hFGE and scFGE apo crystal structures, Cys336 (hFGE numbering) displays 
additional electron density that can be modeled as a sulfenic acid, peroxysulfenic acid, free 
peroxide or water. Ser333 is likely critical for catalysis due its role in coordinating such an 
intermediate. A substrate cysteine sulfenic acid may be generated through the transfer of 
oxidative species from one of the above reactive derivatives. Elimination of H2O from sulfenic 
acid would then generate a thioaldehyde intermediate, which would hydrolyze to generate fGly 
and H2S (Figure 1.3D).  Notably, in vitro biochemical studies have shown that an external 
reductant is required to achieve high substrate turnover (e.g. GSH or DTT).48 Thus, although 
FGE activates O2 in a cofactor-independent manner, a reductant may be required to regenerate 
the enzyme’s active state during each catalytic cycle, or at an intermediate stage.69 It is possible 
that hFGE relies on PDI as a reducing agent in vivo, but there is no direct evidence for this.52  
 
 
anSME catalyzes O2-independent fGly formation on Ser/Cys sulfatases in anaerobes 
 
Given fGly’s impressive catalytic capability, it is not surprising that an O2-independent fGly 
generating system also exists in anaerobic and facultative anaerobic microbes. A family of 
radical S-adenosylmethione (RS)-dependent dehydrogenases has been identified to fill this role. 
AtsB from Klebsiella pneumoniae was identified as an fGly generating enzyme by Dierks and 
coworkers in 1999, and was previously shown to be required for high activity of recombinant 
Klebsiella sulfatase in E. coli.70, 71 Curiously, the native substrate of this enzyme contains Ser 
and not Cys in a recognition motif that is otherwise identical to the FGE-dependent sulfatase 
sequences. Based on biochemical and taxonomic evidence, the discovery of a Cys-sulfatase-
specific ortholog from Clostridium perfringens (cpe) led to the designation of a new enzyme 
family, the anaerobic sulfatase-maturating enzymes (anSME).18  anSMEcpe can also oxidize Ser-
type substrates,72 suggesting a similar reaction pathway for both targeted side chains.73 AtsB, 
whose native substrates are Ser-type, is 4-fold more active with cysteine-based substrates in 
vitro. This preference for Cys may originate from increased thiol compared to alcohol reactivity 
at one or more proposed elementary steps. Spectroscopic characterization revealed that anSME, 
in addition to the canonical RS [4Fe-4S] cluster, contains two auxiliary [4Fe-4S] clusters as well 
(Aux I and Aux II).74  Drennan, Booker and coworkers recently reported the first crystal 
structure of anSMEcpe with and without bound substrate (1.6-1.8 Å resolution), showing both 
Aux clusters in the C-terminal SPASM domain with fully occupied coordination sites, unlike the 
RS cluster which contains an open Fe-binding site for substrate.75  
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Mechanistic investigation of anSMEs has revealed many details of this reaction (Figure 1.4). As 
with all RS enzymes, a canonical [4Fe-4S]+ cluster reductively cleaves S-adenosylmethionine 
(SAM) to generate Met and the 5'-deoxyadenosine radical (5'-dA.). Initial H. abstraction by 5'-
dA., as evidenced by substrate deuterium labeling and stereospecific Cβ-methyl substitution, is 
performed at the pro-(S)-Cβ-hydrogen of Cys/Ser in the consensus sequence.73, 76 Deprotonation 
of the thiol/alcohol Cβ radical by an asparate side chain and charge donation into the radical 
promotes the second substrate oxidation step. The second one-electron oxidation would yield a 
thioaldehyde intermediate in the case of cysteine, which would hydrolyze to fGly, or would yield 
fGly directly in the case of serine. Based on the orientation of Aux I and Aux II in relation to the 
RS cluster, Aux I is the likely electron acceptor for the second oxidation step. Aux II is proximal 
to bulk solvent and may receive this electron from Aux I and donate it to a soluble carrier. This 
pathway accounts for the multiple turnover ability of anSME in the presence of flavodoxin 
without external reductants, meaning that recycling of the second substrate electron to reduce the 
RS cluster cannot occur directly from AuxI/II.75 Further experimentation will clarify the role of 
each Aux cluster. Despite the strong conservation between substrates of anSME and FGE, the 
way each enzyme binds substrate is distinct. FGE-substrate interaction hinges on a hydrophobic 
pocket for Pro binding and several hydrogen bond partners to Arg (in CXPXR), with only 4 of 
12 H-bonds to the substrate backbone.63 However, anSME binds substrate primarily through the 
substrate backbone, accounting for 14 of 17 H-bonds; this explains the existence of alternative 
native anSME substrates containing CXAXR without Pro, though Arg side-chain binding is  
maintained.75 
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Figure 1.4. Mechanism of fGly biogenesis= by the anaerobic sulfatase maturing enzyme 
(anSME). The reduced radical S-adenosylmethionine (RS) [4Fe-4S]+ cluster first binds and 
reductively cleaves SAM to produce methionine (Met) and 5’-deoxyadenosyl radical (5’-dA.). 
The 5’-dA. abstracts the pro-(S)-Cβ-hydrogen from the conserved substrate cysteine or serine 
residue. Thiol deprotonation by an active site aspartyl side chain generates a transient radical 
anion, which is thought to be oxidized by auxiliary [4Fe-4S]2+ cluster I (Aux I). Auxiliary cluster 
II may oxidize Aux I and transfer the second substrate electron to a soluble carrier for 
regeneration of the reduced RS cluster. 

 

Some organisms have as yet unidentified fGly producing systems  
 
Yet a third means for producing fGly has been observed, with the responsible enzyme(s) 
remaining elusive. Recombinant expression of Type I sulfatases in E. coli has been shown to 
produce active enzymes with varying proportions of fGly modification.77 Berteau and coworkers 
have shown that a putative E. coli anSME ortholog was unnecessary for the conversion of 
recombinant sulfatases, and that an unidentified, O2-dependent, Cys-type fGly-generating 
enzyme must be responsible for installing the aldehyde. According to sequence data available at 
the time, as of 2007, approximately 10% of bacterial genomes were predicted to encode 
arylsulfatase genes without the co-occurrence of obvious FGE or anSME orthologs.78 This is also 
true for several fungi, and even for the metazoan Caenorhabditis elegans, which contains 3 
sulfatase genes.12, 79 C. elegans has been shown to utilize sulfatases for heparan sulfate 
remodeling, as in humans.80 Thus, it is likely that these organisms all carry a related system for 
fGly production with important functional consequences. We believe that identification of the 
putative third type of fGly-generating enzyme may reveal new aspects of fGly biology.  
 
 
fGly provides a genetically encoded, site-specific protein bioconjugation handle 
 
During characterization of the sequence determinants of cotranslational FGE activity, it was 
reported that the minimal 5-residue motif, CXPXR, is efficiently converted when embedded in 
an otherwise nonnative sequence.81 This observation led us to speculate that the CXPXR 
sequence could be exploited as a means to genetically encode fGly residues in various proteins 
of interest.  The aldehyde group, in addition to its unique catalytic nature within sulfatases, is 
also a reactive electrophile with orthogonal reactivity to canonical protein side chain 
functionalities.  We proposed that classical carbonyl-based bioconjugation chemistries, such as 
oxime and hydrazine formation, could be used to covalently attach various cargo to such 
“aldehyde tagged” proteins in a site-specific manner.  The use of FGE and its 5-residue motif to 
arm recombinant proteins with aldehyde “chemical handles” was first reduced to practice in E. 
coli expression systems.82  The limited endogenous FGE-like activity in E. coli was found to be 
saturated by overexpressed proteins, necessitating co-expression of ectopic FGE along with the 
protein of interest in order to achieve high yields of Cys-to-fGly conversion.  The M. 
tuberculosis FGE was particularly useful in this regard, as the enzyme was found to have relaxed 
sequence specificity and tolerated single alanine substitutions within the CXPXR motif.83 
Subsequently, the method was used to produce aldehyde tagged recombinant proteins in 
mammalian cell expression systems.  As eukaryotic FGE is naturally ER localized, membrane-
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associated and secreted proteins, both of which traffic through the secretory pathway, were found 
to be viable targets for aldehyde tagging.84, 85 
 
As a site-specific protein modification method, the aldehyde tag has many advantages compared 
to other options.86, 87 It is operationally simple, requiring simple cloning of the CXPXR motif at 
the desired modification site and expression of the protein of interest in FGE-expressing cells.  
Once installed, the aldehyde can be reacted with aminooxy or hydrazide reagents to form the 
corresponding oxime and hydrazone conjugates, respectively (Figure 1.5A).  This 
straightforward process has been used to site-specifically PEGylate proteins,82 to introduce 
biophysical probes at discrete locations for single molecule studies of protein dynamics,88, 89 to 
immobilize proteins and phage on solid materials,90, 91, 92 to construct artificially glycosylated 
proteins,93, 94 and to generate DNA-protein conjugates.95 The aldehyde tag method has also been 
used in conjunction with other bioconjugation reactions to generate chemically-fused protein 
heterodimers (Figure 1.5B).96  
 
A 

 

B 
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Figure 1.5. Principle and application of aldehyde tag engineering. (A) fGly is installed on a 
protein target and used as a bioconjugation handle with aminooxy, or modified Pictet-Spengler 
reagent functionalized molecules. (B) Bifunctional protein fusion of human growth hormone 
(hGH) and human IgG (hIgG) synthesized by aldehyde tagging each followed by Cu-free azide-
alkyne cycloaddition (taken with permission from reference 96). (C) ADC produced site-
specifically and with precise drug:antibody ratio, shown with hydrazino Pictet-Spengler ligation 
product, for recent example of Trastuzumab and Maytansine.102 
 
The biopharma industry has a growing interest in chemically modified protein therapeutics.  
Antibody-drug conjugates (ADCs) in particular are highly represented in biopharma pipelines, 
largely for cancer indications.97 There is increasing awareness of the benefits of generating such 
constructs via site-specific attachment of drug molecules to the antibody scaffold.98, 99 This trend 
presents an opportunity for clinical applications of fGly-functionalized proteins. However, 
critical to the therapeutic performance of such constructs is stability of the drug-protein linkage.  
Oximes and hydrazones can undergo reversible hydrolysis at physiologically relevant pHs, an 
inherent liability to their use in ADCs. To address this issue, we developed a new C-C bond 
forming reaction of protein-associated fGly residues with alkoxyamine-functionalized indoles (1, 
Figure 1.5A), an adaptation of the classic Pictet-Spengler reaction that we termed the Pictet-
Spengler ligation.100 A second-generation version, the hydrazino Pictet-Spengler ligation (2, 
Figure 1.5A), proceeds readily at neutral pH to give stable fGly conjugates.101 This chemistry has 
recently been employed to construct homogeneous ADCs comprising the antimitotic natural 
product maytansine linked to the anti-Her2 antibody Trastuzumab (Figure 1.5C).102 The use of 
fGly as a chemical handle for these ADCs enabled precise control over the site and stoichiometry 
of drug conjugation, thereby facilitating drug optimization. 
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Conclusion 
 
Many questions remain regarding the molecular details of fGly biogenesis and its role in 
catalysis. But in the two decades since fGly was first discovered, sulfatases and the enzymes that 
activate them have become widely appreciated as lessons in enzyme evolution and catalytic 
strategy. As well, the orthogonal reactivity of the aldehyde group with respect to canonical 
protein functionality has enabled biotechnology applications of fGly that are approaching clinical 
translation. The scope of FGE as a tool for protein engineering has yet to be fully explored.  
Interesting questions abound, such as the amenability of the enzyme to targeted engineering for 
enhanced performance or altered substrate specificity. As well, the intriguing discovery of fGly 
outside the Type I sulfatase family as required for the phosphatase/phosphonatase RlPMH and 
multi-substrate hydrolase BcPMH, hints that fGly could be more widespread across microbial 
proteomes. And the search for additional FGE-like enzymes is far from over. Organisms as 
familiar as E. coli and C. elegans generate fGly on recombinant proteins and produce fGly-
dependent sulfatases respectively, but their FGE-like machineries remain undefined. We 
anticipate a rich future for fundamental and applied studies of this small but powerful PTM. 
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Chapter 2. Structural and spectroscopic characterization of the formylglycine-generating 
enzyme defines a singular class of copper-dependent oxidasea 
 

 
Introduction 

 

The formylglycine-generating enzyme (FGE) is responsible for the co- or posttranslational 
activation of Type I sulfatases in eukaryotes and aerobic microbes.1 This is accomplished by 
oxidation of a sulfatase active site cysteine to Cα-formylglycine (fGly), a critical cofactor in the 
hydrolysis of sulfate ester substrates. Previously, FGE was thought to catalyze this reaction using 
a novel oxidase/monooxygenase mechanism without the assistance of a metal or organic cofactor 
(i.e., a cofactor-independent mechanism).2 However, it has recently been reported that it is in fact 
a copper-dependent metalloenzyme; two active site cysteine residues have been implicated in 
copper binding.3-5 This evidence strongly suggests that FGE represents a novel class of 
monocopper oxidases.6 Despite this revelation, structural characterization of an authentic Cu-
FGE complex has not been reported. Other major aspects of this transformation remain a 
mystery, including the manner in which reaction with O2 at the monocopper center is initiated, 
and how reactive intermediates are directed for oxidation of substrate to fGly. Of relevance to 
human health, dysfunction of FGE results in a rare congenital disease caused by global decrease 
of sulfatase function, Multiple Sulfatase Deficiency (MSD).7, 8 Also, owing to the promiscuity of 
FGE, unique biotechnology applications are accessible by the site-specific introduction of fGly 
into recombinant proteins as a bioconjugation handle.9 Therefore, elucidation of the reaction 
mechanism of FGE is of great interest and could reveal a new paradigm of bioinorganic 
catalysis.  
 
Prior to 2015, biochemical studies and X-ray crystal structures which provide mechanistic 
information regarding FGE were reported. FGE requires O2 for activity,8, 10 and the 
stoichiometry of O2 consumption was reported to be 1:1 with substrate.11  The active site is 
comprised of a critical cysteine pair separated by five residues in a structured loop. Both 
crystallographic and mass spectrometry data show that this pair is redox-active depending on 
applied potential and, exists in the dithiol (FGEred) and disulfide (FGEox) oxidation states.12, 10 
They are also sensitive to irreversible oxidation to sulfonic acid following exposure to elevated 
pH or H2O2 during crystallization. Curiously, electron density adjacent to Cys336 may be 
ambiguously modeled as H2O, sulfenic acid, or peroxysulfenic acid and is observed in crystals 
from both human and Streptomyces coelicolor FGE. These data suggested that the labile active-
site cysteines are directly involved in catalysis. Mutation of Cys336 to Ser allows the co-
crystallization of an enzyme-substrate complex in which Cys341 is engaged in a mixed disulfide 
bond with the substrate cysteine. Presumed to be a mimic of the Michaelis complex formed 
following thiol-disulfide interchange between FGEox and substrate, a speculative catalytic cycle 
was proposed by Roeser et al.13 

However, a critical discovery by Holder et. al. in 2015 which FGE as a Cu-dependent enzyme.3 
This report demonstrated both activation and stoichiometric Cu binding in S. coelicolor and 
human FGEs. Despite crystallographic and biochemical studies of FGE over the preceding 
decade, the involvement of Cu remained unknown, perhaps owing to a non-canonical Cu binding 
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site, and the saturation of available copper during recombinant expression prior to isolation. 
Indeed, initial investigation of this phenomenon by Knop et. al. questioned the mechanism of 
activation by copper.4 Further studies confirmed high affinity (Kd ~ 10-17 M) copper binding 
dependent on both active site cysteine residues.5 Additionally, during the preparation of this 
chapter, publication of FGE crystal structures bound to catalytically inactive cuprous (Ag(I)) and 
cupric (Cd(II)) mimics have recently provided structural confirmation of a linear di-cysteine 
binding motif reminiscent of known Cu(I) binding proteins and chaperones.14 The authors 
propose that a conformational change observed between Ag(I)- and Cd(II)- bound FGE 
represents a catalytically relevant Cu(II)-ligated intermediate state. The native metal-bound 
crystal structure has remained elusive, likely owing to the difficulty of preparing stably 
metallated Cu-FGE crystals.  

Here, we present the first X-ray crystal structure of Cu-bound Streptomyces coelicolor FGE 
(scFGE) at a resolution of 2.2 Å. This represents the first holoenzyme structure of a copper 
oxidase which utilizes a linear cuprous bis(thiolate) ligand system (C272, C277) superficially 
similar to well-characterized Cu(I) transporters, chaperones, and binding/electron transfer 
proteins.15-17 Additionally, we report the first electronic absorption and electron paramagnetic 
resonance features of a transient cupric-FGE complex, providing evidence that FGE can bind 
both copper redox states with the same active site. An autoreduction phenomenon converts 
Cu(II)-scFGE to Cu(I)-scFGE. However, Cu(I)-scFGE alone is the catalytically competent 
resting enzyme. By directly interrogating Cu(I)-scFGE using X-ray absorption spectroscopy, the 
linear 2-coordinate bis(thiolate) model observed in crystallo was authenticated. Together, these 
results represent the first structural characterization of copper-bound FGE, in both redox states. 
Finally, we speculate on the structural and biochemical determinants that distinguish the catalytic 
requirements of FGE from disparate copper proteins and which inspire plausible reaction 
mechanisms. In light of the fascinating biology,18 biotechnology applications,19 and unique 
enzymology of FGE,3-5, 14 these findings provide an essential framework for expanding 
knowledge of biological O2 catalysis and copper metalloenzyme chemistry. 

 

Results 

 

X-ray crystal structure of the copper-bound S. coelicolor FGE holoenzyme  

Owing to its biochemical tractability and previously reported apo X-ray crystal structure,10 the S. 
coelicolor FGE (scFGE) was chosen for structural studies with the reconstituted holoenzyme. 
Using the copper activation procedure described previously,3 a crystallization screen was 
performed around the conditions which generated the apo enzyme crystal.10 Initial screens with 
pre-metallated enzyme, as well as supplementation with copper salts, failed to yield copper-
containing crystals. This suggested that copper may be released during crystallization conditions, 
or that a disulfide active-site conformation which excluded copper entirely was a prerequisite for 
crystallization. However, successful crystallization of the C277A mutant (data not shown) 
contradicted the latter explanation. Instead, an irreversible copper dissociation mechanism 
accounts for the absence of bound copper among crystallization trials. Following copper binding, 
the extended time period of crystal growth could allow the dissociation of copper, made 
irreversible by oxidation of the putative cysteine ligands and yielding apo crystals only. The 
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apparent instability of Cu-FGE is consistent with the recent biochemical findings of Knop & 
Seebeck et. al.5 

A       

 

    B 

 
Figure 2.1. Crystal structure of copper-bound S. coelicolor FGE. (A) Cu-scFGE holoenzyme 
crystal structure (green) closely aligns to the apo enzyme structure (purple, PDB 2Q17), RMSD 
= 0.8 Å. Shown with Cu (brown sphere) and structural Ca (green sphere). (B) Copper bound at 
the FGE active site, ligated to Cys272 (Cu–S1 2.2 Å) and Cys277 (Cu–S2 2.3 Å), and shown with 
adjacent active site residues. The electron density map is overlaid as gray mesh (2Fo-Fc, 1.5 σ). 
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Table 2.1. Crystallography data collection and refinement statistics 
 

 Cu-scFGE 
Data collection  
Space group P3121 
Cell dimensions  
    a=b, c (Å) 140.0, 217.1 
Resolution (Å) 46-2.11 (2.4-2.11) 
Completeness (%) 97.13 

 
Refinement  
No. reflections 137788 
Rwork / Rfree 0.2128/0.2530 
No. atoms  
    Protein 11086 
    Ligand/ion 10 
    Water 642 
R.m.s. deviations  
    Bond lengths (Å) 0.014 
    Bond angles (°) 1.198 

 

With this dissociation mechanism in mind, a specific multi-solution crystal soaking procedure 
was employed. In brief, crystals were harvested, reduced with dithiothreitol (DTT) treatment, 
soaked with CuSO4, and lastly, soaked in cryoprotectant for storage in liquid N2. This sequence 
resulted in the first crystal structure of FGE with copper, its native and sole functional metal 
cofactor (Figure 2.1). Holoenzyme crystals diffracted to a resolution of 2.2 Å, and phases were 
determined by molecular replacement using apo-scFGE. During the completion of this work, an 
Ag(I)-bound FGE crystal structure from the species Thermomonospora curvata was published 
(PDB 5NXL).14 The coordination environment of the copper center is isostructural to the inactive 
Ag(I)-FGE and features a linear, 2-coordinate metal binding site comprised of both active site 
cysteines, superficially similar to cuprous trafficking proteins (Figure 2.1B).16 The S1-[Cu]-S2 
angle is 171°, and S–Cu bond distances are 2.2 Å and 2.3 Å for C272 and C277, respectively, 
with their accuracy limited by resolution. Aside from side chain rotations of Tyr44 and Arg279, 
separated from the active site by distances of 5-10 Å, the apo and holoenzyme structures align 
closely with RMSD = 0.8 Å (Figure 2.1A). Data collection and refinement statistics are listed in 
Table 2.1. Though the redox state of copper in crystallo was not explicitly known, Cu(I) is 
inferred from the 2-coordinate linear ligand geometry and the propensity for copper 
photoreduction during X-ray diffraction data collection at 77K.20-21 This crystal structure is 
particularly revelatory because this binding motif is absent from previously described copper 
oxidases/oxygenases6 and must confer reactivity that is uniquely suited to the catalysis of O2-
dependent fGly formation. 
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Unique spectroscopic features of a transient Cu(II)-FGE complex 

Upon obtaining a crystallographic model of the copper active site, structural and biochemical 
interrogation of solution holoenzyme was pursued using UV/vis and electron paramagnetic 
resonance spectroscopy (EPR). These efforts revealed the first Cu(II)-FGE complex and its 
characteristic UV/vis features (Figure 2.2). When Cu(II) salts were mixed with apo-scFGE in the 
absence of external reductants, a vivid blue color developed after several seconds. This color 
corresponds to at least two broad absorbance features with maxima at 348 and 380 nm. These 
features saturate in intensity at approximately 1:1 Cu(II):FGE, and possess a molar absorptivity 
of 4940 M-1 cm-1 at 380 nm (Figure 2.2A). Curiously, solutions of Cu(II)-scFGE returned to 
transparency after incubation for 10-60 min. Stopped-flow UV/vis spectroscopy was employed 
to measure the precise formation and decay kinetics of this newly reported optically-active 
species. Anaerobically prepared apo-scFGE was mixed with one equivalent of Cu(NO3)2, both in 
Tris pH 9.0 buffer (Figure 2.2B, left panel). Broad absorbance features in the region of 320-450 
nm form immediately and maximize in intensity by 175 s. Features decay to baseline at 
approximately 17 min. But, these features are absent when an identical experiment is performed 
using the inactive scFGE C272A/C277A double mutant (Figure 2.2B, right panel). Therefore, 
Cu(II) binding occurs at the active site and forms a transient Cys272-S-Cu(II)-S-Cys277 complex 
analogous to that of the crystal structure. However, the presence of additional ligands from 
solvent or protein is not discernible from these data. The kinetics of the 380 nm absorbance 
feature were fit to a double-exponential (Equation 1) using nonlinear regression. 

(1)											     Y = A 1-e-k1t  + 	Ae-k2t + C 

The observed rate constants were k1 = 0.02 s-1 for formation, and k2 = 0.001 s-1 for decay, at 100 
µM Cu(II)-scFGE. 
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B 

 
Figure 2.2. Characterization of a transient Cu(II)-scFGE complex by UV/vis spectroscopy. (A) 
Titration of 300 µM apo-scFGE with Cu(II) by addition of increasing molar equivalents of 
Cu(NO3)2 followed by immediate measurement (left panel). The apparent molar absorptivity of 
the Cu(II)-scFGE complex is ε380 = 4940 M-1 cm-1 (right panel). (B) Kinetics of the Cu(II)-
scFGE complex measured by stopped-flow UV/vis spectroscopy under anaerobic conditions. 
Solutions containing 200 µM of the apo enzyme were mixed with 200 µM Cu(NO3)2, both in 50 
mM Tris 9.0, 0.5 M NaCl, 10% glycerol. The WT enzyme (left panel) exhibits absorbance 
maxima 348 nm and 380 nm. Growth of these features from 1 s (black) to 175 s (red) is indicated 
by gray spectra. Disappearance of these features from 175 s (red) to 1000 s (blue) is indicated by 
green spectra. The active-site double mutant FGE C272A/C277A lacked Cu(II)-dependent 
absorbance features (right panel). All spectra were collected at 4 °C. 

Given its instability, the Cys272-S-Cu(II)-S-Cys277 complex was reasoned to decay by either 
release of bound copper to solution, or 1e– reduction to form an optically transparent Cys272-S-
Cu(I)-S-Cys277 complex. To address the validity of the former mechanism, a copper binding time 
course was examined. One equivalent of Cu(II) was combined manually with apo-scFGE under 
anaerobic conditions and time-point aliquots were immediately buffer exchanged to remove 
unbound Cu(II). FGE samples were assayed for total copper content after buffer exchange. Over 
one hour, the Cu:FGE ratio declined from 0.99 to 0.9 (Figure 2.3A). This decrease was minor 
compared to the total loss of UV/vis signal during the analogous stopped-flow experiment 
(Figure 2.2B). Therefore, the disappearance of the optically-active Cys272-S-Cu(II)-S-Cys277 
complex is not attributed to copper release. To test the likelihood of a reductive decay pathway, 
X-band electron paramagnetic resonance (EPR) spectra were collected during a parallel time 
course (Figure 2.3B). The EPR time course shows the presence of at least two closely related 
paramagnetic copper species forming within 86 s (black trace) and their near-disappearance over 
approximately 1 hour (green trace). Experimental constraints on the mixing dead time prevented 
capture of the initial binding phase. Qualitatively, the EPR spectra contains a mixture of at least 
3 species. Two of these species, with similar g values and hyperfine coupling constants, appear 
to be sulfur-ligated copper (purple arrows). Additionally, the intense feature near g = 2.00 may 
be tentatively assigned as an organic radical. Despite these complexities, the EPR time course 
demonstrates the disappearance of EPR-active copper with comparable kinetics to the decay of 
Cu(II)-scFGE absorbance features. The loss of EPR-active copper is consistent with the 
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autoreduction of Cu(II)-scFGE to Cu(I)-scFGE. As expected from prior studies, direct binding of 
Cu(I) to scFGE was also possible. Anaerobic addition of a single equivalent of Cu(MeCN)4+PF6–

, followed by buffer exchange, yielded stable holoenzyme with >0.98:1 Cu:FGE (data not 
shown).  

A                B      

 

Figure 2.3. The transient Cu(II)-scFGE complex is autoreduced to Cu(I)-bound scFGE. (A) The 
fraction of bound Cu over time following addition of Cu(NO3)2 to apo-scFGE, under anaerobic 
conditions. Time-point aliquots were removed and buffer exchanged prior to measurement of 
FGE-bound copper by biquinoline assay. Error bars represent the standard deviation of three 
replicates. (B) X-band EPR quantification of total Cu(II) following addition of Cu(NO3)2 to apo-
scFGE under anaerobic conditions. Each spectra represents a single time point aliquot (black 
trace = 86 s, green trace = 1 hr) removed from a solution of Cu(II)-scFGE and flash frozen in 
liquid N2 for analysis. Purple arrows indicate the hyperfine-coupling features of two similar 
copper species. The intense feature near g =2.00 may be ascribed to an organic radical. 

 

Insight into the mechanism of Cu(II)-FGE autoreduction 

Typically, biological copper is transferred to nascent copper enzymes from cuprous carriers.17 
Therefore, the function of the transient Cu(II)-scFGE species may be related to a specific 
catalytic context as opposed to a native metallation process. It was for this reason especially that 
information detailing the mechanism of autoreduction was desired. In binding reactions 
containing only enzyme and Cu(II), protected from O2, we sought to first identify the origin of 
electrons that reduce Cu(II) to Cu(I). Considering the facile oxidation of thiols by Cu(II),22 
enzyme cysteines were predicted to act as terminal electron donors for autoreduction. In addition 
to the C272 and C277 copper ligands, scFGE possess 3 isolated and surface-exposed cysteine 
residues (C193, C237, C301). To determine if Cu(II) autoreduction accompanies a change in the 
thiol-disulfide redox balance, anaerobic reconstitution reactions were analyzed by non-reducing 
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SDS-PAGE (Figure 2.4). Therein, Cu(II) treatment accompanies time-dependent formation of 
disulfide mediated FGE homodimers and trimers. Observation of this effect does not inform the 
individual steps of Cu(II) autoreduction, but underscores the apparent instability of Cu(II)-
scFGE. Though apo-scFGE binds Cu(II) rapidly, it forms a complex with sufficiently high 
reduction potential to scavenge FGE-derived electrons. We posit that the organic radical present 
in Cu(II)-scFGE EPR spectra may originate from active site or surface exposed cysteinyl-
radicals which form as intermediates of copper autoreduction. 

 
Figure 2.4. Oxidative dimerization of apo-FGE following Cu(II) addition. One equivalent of 
Cu(NO3)2 was added to apo-scFGE anaerobically, and time point aliquots were removed and 
alkylated with N-ethylmaleimide in SDS to prevent further thiol-disulfide exchange. Aliquots 
were analyzed by non-reducing SDS-PAGE 1. apo enzyme control; 2-7. 1, 2, 5, 10, 30, and 60 
min following Cu(II) addition.  

 

Redox preference of the resting enzyme 

The catalytic properties of each copper oxidation state have not been addressed directly in prior 
studies. Though the activity of Cu(I)-loaded FGE has been demonstrated under steady-state 
conditions,4-5 our data prove that apo-FGE binds both Cu(I) and Cu(II). Cu(II)-scFGE is unstable 
over a period of minutes, but the possibility that it is catalytically competent in the presence of 
substrate and O2 is kinetically feasible. The observed rate-constant for the decay of Cu(II)-scFGE 
is more than 2 orders of magnitude lower than that of the turnover number previously reported 
for scFGE (0.001 s-1 vs. 0.3 s-1).3 Further, the oxidation state of the resting enzyme places 
specific constraints on the mechanistic pathway available for substrate oxidation. For this reason, 
testing explicitly the catalytic ability of each Cu-FGE species was of fundamental importance. 
Single-turnover reaction conditions, containing a ratio of 1:1 FGE:substrate, were employed to 
compare the activity of Cu(I)- and Cu(II)-scFGE during the first turnover. These assays used a 
15-mer peptide substrate (Cys-scP15) containing a 13 residue recognition motif from an S. 
coelicolor sulfatase. To account for the inherent instability of the Cu(II)-scFGE complex, the 
addition of 1 equivalent of Cu(NO3)2 to apo-scFGE was performed immediately prior to each 
reaction time course. After 2 minutes of reaction time, Cu(I)-scFGE achieves nearly 70% 
conversion of substrate to fGly, compared to only 10% conversion by Cu(II)-scFGE (Figure 2.5). 



 
 

 
 38 
 

A 5 minute pretreatment with a 200-fold excess of DTT (2mM) has no effect on the rate of 
product formation for Cu(I)-scFGE, but results in a substantial activation of Cu(II)-scFGE. These 
data authoritatively define Cu(I)-scFGE as the resting enzyme. It is notable that the inclusion of 
DTT does not further activate the pre-reduced enzyme for a single turnover, as during multi-
turnover conditions.4 This effect provides clarification; the input of external electrons from a 
soluble donor is not required to resolve an intermediate, but instead occurs only after the 
chemical steps leading to product formation. 
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Figure 2.5. Single-turnover activity assays of Cu(I)- and Cu(II)-loaded scFGE. Reactions were 
initiated by the addition of FGE, in either copper redox state, to a final concentration of 100 µM 
in solutions containing 100 µM substrate peptide (DNP-GGICTPARASLLTGQ-NH2) in 50 mM 
Tris 7.5, 0.5 M NaCl, 10% glycerol (v/v) buffer at 4 °C. Reactions were performed in the 
presence or absence of the reducing agent DTT.   

 

X-ray absorption spectroscopy of Cu(I)-scFGE 

Our biochemical data define the importance of the Cu(I)-scFGE complex as the catalytic state, a 
structural model of which was provided by X-ray crystallography. However, the fraction of any 
oxidized copper, and the distribution of alternative coordination states can be obscured during 
the collection of X-ray diffraction data.23 Particularly, the 2-coordinate crystallographic model of 
Cu-FGE cannot definitively rule out the existence of a third ligand to copper in solution. For 
FGE, such a ligand could be contributed by solvent, and the abundance of a 3-coordinate 
complex may be controlled by equilibria dependent on temperature or pH effects. Several water 
molecules, bound 3-4 Å from Cu, and H-bonded to active-site side chains, could be candidates 
for a labile third ligand. This ambiguity restricts the utility of extrapolation from the crystal 
structure, and can be eliminated by further structural interrogation of the catalytic cuprous 
complex. Unfortunately, the closed shell d10 configuration of Cu(I) is silent by EPR or optical 
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methods. Therefore, X-ray absorption spectroscopy (XAS) was selected for characterizing Cu(I)-
FGE. XAS permits interrogation of oxidation state, coordination number, ligand identity, and 
bond distances in Cu(I) complexes.24  

The Cu(I)-scFGE holoenzyme was prepared anaerobically and found to be stable at a 
concentration of 1 mM in 50 mM Tris 9.0, 0.5 M NaCl, 10% glycerol. Buffer pH 9.0 was 
selected because it is close to the maxima in the pH-rate profile,25 which may have important 
effects on the ligand occupancy. First, the Cu K-edge X-ray absorption spectrum of a frozen 
solution of Cu(I)-scFGE was examined (Figure 2.6A). The presence of an absorption feature in 
the region of 8984 eV distinguishes Cu(I) from Cu(II) complexes. This K-edge feature has been 
assigned as the Cu (1s  4p) transition, and its intensity is indicative of coordination number, 
among other properties.26 The normalized intensity of this feature in the Cu(I)-scFGE complex is 
close to 1.0, corresponding to the presence of 2-coordinate Cu(I).27 For reference, the Cu(I)-
scFGE absorption spectrum is plotted with those of model 2- and 3-coordinate cuprous 
complexes (Figure 2.6A).  

A 

 
B       C 
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Figure 2.6. X-ray absorption spectra of Cu(I)-scFGE. (A) Cu K-edge XAS spectra of Cu(I)-
scFGE, shown for comparison with model 2- and 3-coordinate cuprous complexes. (B) Cu K-
edge spectra and (C) EXAFS data (inset) and non-phase-shift-corrected Fourier transforms for 
Cu(I)-FGE (black) and autoreduced Cu(II)-scFGE  Cu(I)-scFGE (blue). All samples were 
prepared anaerobically in 50 mM Tris 9.0, 0.5 M NaCl, 10% glycerol buffer. 

 

Extended X-ray absorption fine structure (EXAFS) spectra are collected energy levels beyond 
the edge region, where rapid oscillations in absorption intensity correspond to constructive and 
destructive scattering of X-ray excited photoelectrons by ligand atoms.28 EXAFS data (Figure 
2.6C) was used, starting with initial parameters derived from the crystal structure, to estimate 
bond length and identity of ligand atoms in Cu(I)-scFGE. The best fit was determined to fully 
corroborate the crystal structure of the holoenzyme: 2 sulfur ligands with an average S–Cu bond 
length of 2.14 Å (summary, Table 2.2). It was also of interest to characterize the end-point 
copper configuration of the autoreduced enzyme. After decay to transparency (~1 hr), an 
anaerobic Cu(II)-scFGE  Cu(I)-scFGE sample was flash frozen and likewise subjected to 
XAS/EXAFS. Comparing absorption data for both complexes, it is concluded that autoreduction 
produces an identical cuprous enzyme complex as direct Cu(I) binding to FGE (Figure 2.6B & 
C). 

Table 2.2. Cu(I)-scFGE EXAFS Fitting Results 

Complex Fit # CN/Patha R(Å)b σ2(Å2)c ΔE0(eV) Error Fd

Cu(I)-scFGE 1A 1 Cu-S 2.14 67 -13.68 0.41 

 1B 2 Cu-S 2.14 390 -13.79 0.29 

 1C 3 Cu-S 2.14 641 -14.14 0.34 

Cu(II)-scFGE  Cu(I)-scFGE 
(autoreduced) 

2A 1 Cu-S 2.13 97 -15.75 0.43 

2B 2 Cu-S 2.13 420 -15.60 0.30 

2C 3 Cu-S 2.13 669 -15.82 0.34 
aCN is coordination number. bThe estimated standard deviations in R are ±0.02 Å. cThe σ2 values are 
multiplied by 105. dThe error F is given by [∑k6(χexptl – χcalcd)2/∑k6χexptl

2]1/2. Errors in coordination numbers 
are ±25% and those in the identity of the scatterer Z are ±1. The best acceptable fit result for each complex 
is emphasized with the bold and italic font. 

 

Discussion 

 

Structural characterization of the FGE holoenzyme 

This study reveals the first X-ray crystal structure of the FGE holoenzyme containing copper, its 
native metal cofactor. The Cu binding site matches that of the Ag(I) inhibited crystal (PDB 
5NXL). Single-turnover activity of Cu(I)-scFGE and XAS/EXAFS data together validate the 2-
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coordinate X-ray structure as a genuine representation of the catalytically competent resting state 
copper configuration.  

The similarity of this Cu-binding motif to well-known Cu(I) binding proteins is intriguing 
because FGE has instead adopted it to enable copper-O2 catalysis. There is no sequence 
homology between previously described cuprous binding proteins and FGE.15-17 Though some 
cuprous proteins, for example the copper-responsive transcriptional activator CueR, bind copper 
with a seemingly identical linear bis(thiolate) complex (Figure 2.8), a notable discriminating 
feature is the Cβ1-S1-[Cu]-S2-Cβ2 torsion angle (φ). In FGE, φ = 19°, whereas in the crystal 
structure of CueR, φ = 108° (PDB 1Q05). In model 2-coordinate digonal bis(thiolate) cuprous 
complexes, φ values of 90° (CueR-like) are estimated to be favored by a small margin of 4 
kJ/mol compared to 0 or 180° (FGE-like).29 CueR binds Cu(I) with an affinity (Kd ~10-21 M) 
approximately 4 orders of magnitude higher than FGE.30 Although several additional energetic 
features are required to account for the large discrepancy between affinities, φ may at least be a 
telling correlate of functional divergence. Contrary to a static role in ligating Cu(I), the unique 
deviation of this torsion angle in FGE can be viewed as one indication that its copper site has 
instead evolved to perform the dynamic requirements of oxidase/oxygenase catalysis, such as the 
accommodation of higher coordination states.  

 

Discovery of a transient Cu(II)-FGE complex 

The discovery and characterization of a non-catalytic, or perhaps pre-catalytic, Cu(II)-scFGE 
complex is also described. The kinetics of Cu(II)-dependent UV/vis and EPR features 
demonstrate the instability of this complex, which decays by undergoing autoreduction via 
electron scavenging from protein thiols. Owing to the softer character of the Cu(I) cation 
compared to Cu(II), sulfur ligands are known to confer a high reduction potential for the 
Cu(I)/Cu(II) couple.31 Therefore, Cu binding and XAS data provide a coherent model for a redox 
process that all the while maintains bound metal, but converts Cu(II)-scFGE to a stable Cu(I)-
scFGE conformation (Figure 2.7). 
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Figure 2.7. A redox-dependent copper binding pathway. Cu(II) binding forms a high reduction 
potential active-site intermediate which is subsequently autoreduced to Cu(I)-scFGE. Electrons 
ultimately originate from the oxidation of protein thiol groups. Direct binding of Cu(I) is not 
accompanied by the appearance of spectroscopic features, and forms a catalytically active 
complex when exposed to substrate and O2. 

 

Here we more deeply consider the properties of the Cu(II) complex, and the potential utility this 
complex for further functional insight into catalysis. In the Cu(I)-scFGE crystal structure, Cβ–S–
Cu bond angles are 102°/89° for Cys272/Cys277, respectively. The ligand configuration of 
Cu(II)-scFGE is assumed to be similar with respect to the presence of sulfur ligands at minimum, 
because of the elimination of Cu(II) binding and absorbance features in the C272A/C277A 
mutant. This Cβ–S–Cu bonding configuration is reminiscent of bis(thiolate) ligation in Cu(II)-
substituted horse liver alcohol dehydrogenase (HLADH), and permits substantial σ overlap 
between one pair of sulfur 3p(π) orbitals and the copper d-orbitals.32 Thus, the UV/vis 
spectroscopic features of Cu(II)-scFGE are tentatively assigned as a pair of SCu2+ ligand-to-
metal charge transfer (LMCT) bands contributed from each S ligand. However, it is noted that 
Cu(II)-scFGE lacks the lower-energy LMCT bands originating from the orthogonal pair of sulfur 
3p(π) orbitals. This is taken to mean that the true geometry of the Cu(II)-scFGE complex may 
differ from that of Cu(II)-HLADH/Cu(I)-scFGE. But, it is yet unclear if the ligand environment 
of the transient Cu(II)-scFGE is analogous to that of a recently reported inactive Cd(II)-FGE 
crystal structure (PDB 5NYY).14 In this structure, Cd(II) binding rotates the side chain of Cys277 
(S. coelicolor numbering) and rearranges to a tetrahedral 4-coordinate structure, with additional 
bound water and acetate ligands from solvent. The authors propose that this complex may be 
analogous to an intermediate in catalysis containing bound substrate and O2.14 The true relevance 
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of either Cu(II)-scFGE, as prepared and characterized here, or Cd(II)-FGE remains unknown. Its 
relative instability notwithstanding, the Cu(II)-scFGE complex is a valuable tool for probing the 
identity of intermediates because it contains the native metal. For instance, X-ray data collection 
immediately following Cu(II) addition to apo-scFGE crystals, with beamline intensity modulated 
to limit photoreduction,21 could capture a high-resolution structure of Cu(II)-scFGE. This result 
would determine the relevance of the Cd(II) tetrahedral configuration in describing alternative 
coordination states involved in turnover. Likewise, it is possible that Cu(II)-scFGE may be 
stabilized to reduction and amenable to further structural studies by trapping with substrate and a 
superoxide mimic, e.g. CN–.33 The formation of a dead-end complex would be impressive 
validation of a 4-coordinate complex implicated in H-atom abstraction (vide infra).5, 14  

 

FGE is a structurally distinct monocopper oxidase 

The FGE resting enzyme is structurally analogous to cuprous binding proteins by way of metal 
binding site, but it shares catalytic behavior, and likely mechanistic features, with the 
mononuclear copper oxidases/oxygenases.34 In this way, FGE is uniquely situated between two 
prominent areas of biological copper functionality. To our knowledge, FGE is the sole copper-
dependent O2-activating enzyme that oxidizes a substrate carbon adjacent to a thiol moiety. For 
this reason, understanding the details of catalysis by FGE is also of special interest. Several 
classes of O2-activating mononuclear (and non-coupled binuclear) copper enzymes serve as 
models for substrate oxidation pathways. Galactose oxidase (GAO) catalyzes the 2e– oxidation of 
D-galactose to D-galacto-hexodialdose directly from a Cu(II)/cofactor radical pair through an 
inner-sphere bound complex, only then binding and reducing O2 to H2O2 to regenerate the 
resting 2e– oxidized active site.35 Lytic polysaccharide monooxygenase (LPMO), in the vicinity 
of substrate, first undergoes reduction to Cu(I) and then binds O2 to potentially form a Cu(II)–
superoxo or, depending on the input of external electrons, a Cu(II)-oxyl intermediate. At this 
stage, C–H abstraction/hydroxylation at the anomeric carbon of a carbohydrate substrate occurs 
without direct ligation of substrate at copper.36 Peptidylglycine-hydroxylating monooxygenase 
(PHM) and related family members likewise catalyze substrate hydroxylation, but have a second 
non-coupled copper center for the purpose of precisely-tuned electron transfer to the first copper 
site.37-38 The distinct copper coordination sites of FGE, CueR, LPMO and GAO are represented 
in Figure 2.8. 
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Figure 2.8. Structural comparison of diverse protein copper centers. High-resolution structures 
of Cu sites are displayed for: FGE (this study), LPMO (2YOX), CueR (1Q05), and GAO 
(1GOF). 

 

Several biochemical details must be taken into account prior to applying the reactivity paradigms 
of the aforementioned copper enzymes to FGE. Prior to the identification of copper as a cofactor 
for FGE, a stoichiometry of ~1.17:1 O2:fGly was measured.11 Without care to reconstitute FGE 
with copper prior to use, these measurements were presumably performed using mostly inactive 
apo enzyme containing a small amount of copper-bound active enzyme. However, a ratio of 
oxygen consumption close to one with product was reproduced in our holoenzyme preparations 
(0.94:1 O2:fGly, data not shown).The single-turnover data in this study make clear two additional 
constraints: (1) the catalytic competency of the cuprous enzyme state, eliminating a GAO-like 
ping-pong mechanism; and (2) the requirement for an external electron donor only after the 
chemical steps leading to product formation are complete. Therefore, two oxidase reaction 
mechanisms can be envisioned (Figure 2.9). Both mechanisms rely on two successive 1e– 
oxidation steps to convert substrate thiol to thioaldehyde, forming fGly by hydrolysis off-
enzyme. In either case, the powerful observation of a kinetic isotope effect on the pro-(R)-β-
hydrogen of the substrate cysteine (kH/kD = 3.0-3.7) dictates that H-atom abstraction is the rate-
determining step.4 Considering the availability of only a single electron from the Cu(I) site prior 
to this step, it is currently difficult to conceive of an oxidant responsible for H-atom abstraction 
other than a Cu(II)–superoxo complex. As alluded to prior, this species has been invoked for 
several copper enzymes, though its direct identification in a protein remains an outstanding 
challenge.6  
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Figure 2.9. Proposed mechanisms of FGE catalysis. Two divergent reaction pathways are 
considered, and distinguished by the configuration of bound substrate. Bonding of the substrate 
sulfur to the copper center constitutes an inner-sphere oxidation mechanism (shaded box), 
whereas an alternative pathway relies only on the non-covalent formation of an enzyme-substrate 
complex prior to O2 binding and activation. 

Of most pressing importance for FGE specifically is determining the manner in which substrate 
binds. In the first pathway, substrate binds non-covalently to FGE and adjacent to the copper 
center. Binding would promote O2-activation at the Cu(I) site to form the reactive 3-coordinate 
Cu(II)–superoxo complex. Alternatively, an inner-sphere pathway would involve direct ligation 
of the substrate sulfur to Cu(I) prior to O2 involvement; this mechanism predicts a 4-coordinate 
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Cu(II)–superoxo intermediate.14 The inner-sphere mechanism would be novel among 
monocopper oxidases/oxygenases but would rationalize the need for an atypical copper site. 
Though such a complex may be prove intractable to crystallization, our ability to access the Cu-
FGE crystal is encouraging. Moreover, demonstrating here that FGE is suitable for study by 
XAS offers the prospect of testing this model directly without requiring a crystalline sample. The 
viability of this intermediate could be tested by combining Cu(I)-scFGE and the peptide 
substrate anaerobically, as it should afford the 3-coordinate complex if protected from O2. It 
must also be stated that it has not been categorically disproven that FGE operates instead as a 
monooxygenase, but it would be challenging to test for oxygen incorporation into the fGly 
product directly by an 18O2 labeling experiment. The rapid aldehyde-diol equilibrium of fGly in 
solution would lead to scrambling of labeled product. A monooxygenase mechanism is 
presumably burdened by the obligation of a 2e– oxidized intermediate comprised of a geminal 
thiol-alcohol species. The ability of this intermediate to eliminate hydrogen sulfide without 
further oxidation is unclear. Regardless, the characterization reported herein begins to provide a 
coherent mechanistic framework for understanding catalysis by this singular enzyme. 

 

Materials and Methods 

 

Molecular biology and protein purification 

A Streptomyces coelicolor FGE (scFGE) construct was previously cloned into the pET151 
expression vector.10 Point mutants were generated using the Q5 site-directed mutagenesis kit 
(New England Biolabs). Expression and purification of FGE were performed as follows. Single 
clones of Escherichia coli BL21 DE3 cells (New England Biolabs) transformed with pET151-
scFGE were used to inoculate 250 mL of LB with ampicillin and grown for 16 hours at 37 ºC. 
Terrific broth containing ampicillin and glycerol was inoculated at a ratio of 40:1 with overnight 
culture and grown to OD 0.4–0.6 at 37 ºC. Cultures were cooled to 18 ºC and induced with 
isopropyl-α-thiogalactoside at a final concentration of 0.1-1 mM. Following 18-20 hours of 
growth, cells were harvested by centrifugation at 5000 x g for 30 minutes at 4 ºC. Cell pellets 
were resuspended with lysis buffer (0.5 M NaCl, 50 mM Tris-HCl pH 8.0, 25 mM imidazole, 1 
mM tris(2-carboxyethyl)phosphine hydrochloride, 10% glycerol (v/v)) at approximately 5 mL 
per 1 g of cell pellet, 1:10000 Pierce Universal Nuclease (v/v) (Thermo Fisher Scientific), and 
with 1 EDTA-free protease inhibitor cocktail tablet (Roche) per 50 mL of resuspension. The cell 
suspension was first homogenized to a single-cell suspension with a Dounce homogenizer. Then 
cell lysis was accomplished by 3 passes through an Emulsiflex C3 homogenizer (Avestin) at 15 
kPa. Lysate was cleared by centrifugation at 20,000 x g for 45 min at 4 ºC. The supernatant was 
applied to a 5 mL HisTrap HP Ni-NTA column (GE Life Science) connected to an Akta Pure 
FPLC (GE Healthcare Life Sciences). Flow through was monitored by A280 and washed with 
lysis buffer until absorbance reached baseline. His6-tagged protein was eluted with a gradient of 
0-50% Elution buffer (Lysis buffer containing 0.5 M imidazole) over 10 column volumes. The 
N-terminal His6 tag was removed from combined fractions by cleavage with Tobacco Etch Virus 
(TEV) protease at a ratio of 0.02-0.05 (w/w) to FGE overnight at 4 ºC, followed by TEV removal 
with a subtractive Ni-NTA column. TEV protease was isolated in-house using a published 
procedure.39 His6-free FGE was concentrated and further purified by gel-filtration 
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chromatography on a Superdex 75 HiLoad column (GE Healthcare Life Sciences) in storage 
buffer (50 mM Tris-HCl pH 7.5, 0.5 M NaCl, 1 mM dithiothreitol (DTT), 10% glycerol (v/v)). 
The concentration of purified proteins was determined by absorbance at 280 nm under 
denaturing conditions, using the method of Gill and von Hippel.40 Typical final purity was 
greater than or equal to 90% and the final yield was approximately 30 mg per 1 L of E. coli 
culture. Proteins were aliquoted, flash frozen with liquid N2, and stored at -80 ºC until use.  

 

Crystallography 

Reconstituted Cu-FGE was crystallized under similar conditions as described previously.10 
Crystals were grown by hanging-drop vapor diffusion at 23 °C for one week using a 2uL:2uL 
mixture of protein solution (8 mg/ml in 50 mM Tris 7.5, 0.5 M NaCl, 10% glycerol, 1 mM DTT) 
and precipitant buffer (100 mM Tris 8.0, 3.2 M ammonium formate, 0.3% octyl-beta-glucoside 
(w/v), 3.2% 2-butanol (v/v)) in Easy-Xtal trays (Qiagen). Crystals were then harvested and 
soaked, and flash-frozen in liquid nitrogen prior to data collection. Specifically, Cu-FGE crystals 
were soaked in 1mM DTT (in precipitant buffer) for 15 minutes, then soaked in CuCl2 (in 
precipitant buffer) for 30 minutes, and finally, backsoaked and cryoprotected in 20% glycerol (in 
precipitant buffer). Diffraction data were collected from single crystals at SSRL BL7-1 (SLAC, 
Menlo Park, CA) using an ADSC Quantum-315 charge-coupled device (Area Detector Systems, 
Poway, CA). All data sets were processed with XDS and AIMLESS. The structures were solved 
by molecular replacement using PHENIX.41 The structures were subjected to iterative rounds of 
refinement PHENIX REFINE, and model building using COOT (Crystallographic Object-
Oriented Toolkit).42 Final model statistics were calculated with PHENIX and MolProbity.43 The 
figures were visualized using PyMOL (Schrödinger). 

 

Peptide synthesis 

Peptide substrates were synthesized manually on Fmoc-Rink Amide MBHA low loading resin 
(EMD Millipore) using commercially available Nα-Fmoc protected amino acid monomers. 
Peptide coupling reactions used the reagent COMU in DMF.44 A 2-10 fold molar excess of 
amino acid monomer was used in each coupling step with reaction times of 30 minutes up to 
overnight with agitation by N2 gas. Fmoc groups were deprotected by treatment with 20% 
piperidine in DMF for 15 min. All peptides used herein were amidated at the C-terminus, and the 
N-terminus either acetylated with acetic anhydride, or derivatized with the chromophore 2,4-
dinitrobenzene by reaction with 1-fluoro-2,4-dinitrobenzene (Sanger’s reagent). Following 
peptide synthesis, peptides were cleaved from solid phase and side chains globally deprotected 
using a cocktail containing 94:2.5:2.5:1 trifluoroacetic acid (TFA)/H2O/ethane 
dithiol/triisopropylsilane for 3 h under N2. The cleavage mixture was filtered to remove resin, 
concentrated under vacuum, and triturated by dropwise addition to diethyl ether (Et2O) at 4 °C. 
Precipitated crude peptide was collected by centrifugation and washed twice more with Et2O 
prior to dissolution in H2O and lyophilization. Crude peptides were purified using reverse-phase 
chromatography with a gradient of 20-30% acetonitrile (MeCN)/water + 0.1% TFA over 60 min 
on a Microsorb 100-5 C18 Dynamax 250 x 21.4 mm column (Agilent Technologies). Peptides 
were characterized by HPLC-UV/vis to be of greater than 98% purity.  
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Peptide characterization by high-resolution mass spectrometry 

Substrate peptides were sequenced using liquid chromatography-electrospray ionization 
spectrometry as follows. Purified peptides were diluted to 0.5 µM with 0.1 % formic acid. 1 uL 
(500 fmol) of each peptide was injected on an Acclaim PepMap RSLC C18 column (Thermo 
Fisher Scientific) using a Dionex UtiliMate 3000 HPLC (Thermo Fisher Scientific) at a flow rate 
of 0.3 µL/min, connected in-line to an Orbitrap Fusion mass spectrometer (Thermo Fisher 
Scientific). Instrument method parameters were as follows: MS1 resolution: 60,000 at 400 m/z; 
scan range: 300−1500 m/z. The most abundant ions (top speed at n=3 seconds) were subjected to 
higher-energy collision induced dissociation (HCD), collision induced dissociation (CID), and 
electron transfer dissociation (ETD). HCD parameters: 30% normalized collision energy; CID 
parameters: activation q 0.25, 35% normalized collision energy; ETD parameters: calibrated 
ETD reaction times, AGC reagent target at 1e5. For all MS2s, isolation width was set at 2 m/z. 
Dynamic exclusion was enabled with a repeat count of 3, a repeat duration of 10 seconds, and an 
exclusion duration of 10 seconds. Data analysis was accomplished using Xcalibur software 
(Thermo Fisher Scientific). All peptide sequences were manually validated (see Appendix). 

 

Anaerobic reconstitution of FGE with Cu(I) or Cu(II) 

Solutions of enzyme and buffer were transferred into an anaerobic glovebox under N2 
atmosphere to equilibrate overnight. To remove DTT and adjust pH, FGE was exchanged from 
storage buffer into 50 mM Tris-HCl pH 9.0, 0.5 M NaCl, 10% glycerol (v/v) using pre-
equilibrated Bio-Spin 6 buffer exchange spin columns (Bio-Rad Laboratories). In order to 
determine the extent of Cu(II) autoreduction, FGE was mixed with 1 equivalent of Cu(NO3)2 in 
pH 9.0 buffer and distributed into EPR sample tubes. Sealed time point samples were removed 
from the glovebox and immediately frozen in liquid N2 for analysis. A parallel set of time point 
samples was buffer exchanged using Bio-Spin 6 columns to remove unbound Cu(II) and 
removed from the glovebox for total copper quantification by colorimetric biquinoline assay as 
described previously.45 For loading with Cu(I), exchanged protein was instead reconstituted at 4 
°C in pH 9.0 buffer with 1:1 FGE:Cu(I) at a final concentration of 0.5 mM each using a freshly 
prepared 10 mM Cu(MeCN)4+PF6– stock in anhydrous MeCN. A second buffer exchange step 
removed unbound Cu(I) and MeCN. FGE was concentrated as necessary using 10 kDa molecular 
weight cutoff spin filters (EMD Millipore). This procedure yielded Cu(I)-scFGE with 98-99 mol 
% copper.  

 

Stopped-flow UV/vis spectroscopy 

Solutions of apo-scFGE and Cu(NO3)2 were prepared in the glovebox under N2 atmosphere in 50 
mM Tris-HCl pH 9.0, 0.5 M NaCl, 10% glycerol (v/v) buffer. To observe Cu(II) binding to apo-
scFGE, Syringe 1 contained 200 µM apo-scFGE (WT or C272A/C277A) and Syringe 2 
contained 200 µM Cu(NO3)2, both in pH 9.0 buffer. An SX-20 stopped-flow UV/vis 
spectrophotometer (Applied Photophysics) was used to collect UV/vis spectra with a photodiode 
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array detector following a mixing dead time of 7 ms. All stopped-flow UV/vis experiments were 
performed at 4 °C, maintained by a chilled recirculating bath. 

 

Enzyme activity assays 

Discontinuous assays for FGE activity were performed as previously described.3 Peptide stock 
concentrations were measured by absorbance using the published extinction coefficient at 350 
nm for N-dinitrophenyl (DNP)-peptides, ε350  = 15800 M-1cm-1.46 All reactions were done in 1.5 
mL tubes on a temperature controlled Thermomixer R (Eppendorf) with shaking at 1000 RPM. 
Single turnover reactions were run at 4 °C and contained 50 mM Tris 7.5, 0.5 M NaCl, 10% 
glycerol (v/v), 100 µM DNP-GGICTPARASLLTGQ-NH2 (DNP-P15), and additional additives 
as noted. Single turnover reactions were initiated by addition of 100 µM scFGE. To directly test 
the activity of Cu(II)-loaded scFGE, 1 equivalent of Cu(NO3)2 was added to apo-scFGE, the 
mixture briefly mixed, and added to single turnover reaction solutions. This was done 
immediately prior to each Cu(II)-scFGE single turnover reaction. All reactions were manually 
quenched to a final concentration of 100 mM HCl and 100 uL was injected on an Agilent 1200 
HPLC connected in-line to a diode array detector. A C18 poroshell column (Agilent 
Technologies) was used to resolve product (fGly peptide) and starting material (Cys peptide) 
with a gradient of 0-50% MeCN/water + 0.1% TFA. Percent conversion was calculated by 
integrating product and starting material absorbance at 350 nm. 

 
Electron paramagnetic resonance spectroscopy 

X-band EPR spectra were obtained with a Bruker EMX spectrometer, an ER 041 XG microwave 
bridge, and an ER4116DM cavity. A sample temperature of 77 K was maintained using a liquid 
nitrogen finger dewar. EPR settings were as follows: Freq. ≈ 9.6 GHz, Power ≈ 10 mW, Mod. 
Amp. = 4.00 G. All spectra were averaged over 10 scans. EPR spin quantitation of the 
paramagnetic copper content was performed using a 0.945mM AAS Cu standard solution, 
Specpure (purchased from Alfa Aesar) in MES (pH 6.0) and 40% glycerol. EPR spectra were 
simulated using the SpinCount simulation software developed by Professor Michael Hendrich of 
Carnegie Mellon University (www.chem.cmu.edu/groups/hendrich/facilities/index.html). 

 

X-ray absorption spectroscopy 

Solutions of Cu(I)-scFGE and autoreduced Cu(II)-scFGE were prepared anaerobically as 
described in text. The samples were loaded into delrin XAS cells with 38 μm Kapton windows, 
removed from the glovebox, and immediately frozen and stored in liquid N2 until analysis. The 
Cu K-edge X-ray absorption spectroscopy (XAS) was conducted at the Stanford Synchrotron 
Radiation Lightsource (SSRL) on the focused 16-pole, 2 T wiggler side-station beam line 9-3 
under storage ring parameters of 3 GeV and ~500 mA. A Si(220) double-crystal monochromator 
was used for energy selection. A Rh-coated pre-monochromator mirror was used for harmonic 
rejection and vertical collimation, and a cylindrical Rh-coated post-monochromator mirror was 
used for beam focusing. The samples were maintained at a constant temperature of ~10 K during 
data collection using an Oxford Instruments CF 1208 liquid helium cryostat. A Canberra 100-
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element Ge monolith solid-state detector and soller slits equipped with a Ni filter were used to 
collect Cu Kα fluorescence data. Internal energy calibration was accomplished by simultaneous 
measurement of the transmission of a Cu foil placed between two ionization chambers situated 
after the sample. The first inflection point of the foil spectrum was assigned to 8980.3 eV. The 
extended X-ray absorption fine structure (EXAFS) data are reported to k = 12.8 Å-1 in order to 
avoid interference from the Zn K-edge. Photodamage was not observed during the course of data 
collection. The EXAFS data presented here are 5-scan average spectrum collected over three 
fresh sample positions and 12-scan average spectrum collected over six fresh sample positions 
for Cu(I)-FGE and autoreduced Cu(II)-scFGE. Background subtraction and normalization of the 
data were performed using PySpline (Stanford Linear Accelerator Center). The data were 
processed by fitting a second-order polynomial to the pre-edge region and subtracting this from 
the entire spectrum as a background. A three-region polynomial spline of orders 2, 3, and 3 was 
used to model the smoothly decaying post-edge region. The data were normalized by scaling the 
spline function to an edge jump of 1.0 at 9000 eV. The EXAFS curve-fitting analysis program 
OPT in EXAFSPAK (George, G. N. Stanford Synchrotron Radiation Laboratory: Stanford, CA, 
2000) was used to fit the EXAFS data. The theoretical phase and amplitude functions were 
generated by FEFF (version 7.0, University of Washington). A starting structural model was 
obtained from the crystal structure. During the fitting process, the bond distance (R) and the 
mean-square thermal and static deviation in R (σ2), which is related to the Debye-Waller factor, 
were allowed to vary. The threshold energy (E0), the point at which the photoelectron wave 
vector k is 0, was also allowed to vary but was constrained as a common value for all 
components in a given fit. The amplitude reduction factor (S02) was fixed to a value of 1.0 and 
the coordination numbers (N) were systematically varied to achieve the best fit to the EXAFS 
data and their Fourier transforms (FTs). Use of the Stanford Synchrotron Radiation Lightsource, 
SLAC National Accelerator Laboratory, is supported by the U.S. Department of Energy, Office 
of Science and Office of Basic Energy Sciences under Contract No. DE-AC02-76SF00515. The 
SSRL Structural Molecular Biology Program is supported by the DOE Office of Biological and 
Environmental Research, and by the National Institutes of Health, National Institute of General 
Medical Sciences (including P41GM103393). The contents of this publication are solely the 
responsibility of the authors and do not necessarily represent the official views of NIGMS or 
NIH. 
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Chapter 3. Insights into the mechanism of FGE: elucidation of a Cu(I)-coordinated 
enzyme-substrate complex, and discovery of an intermediate during catalysisa 
 
 
Introduction 

 
Prior investigation of FGE has defined the structural and spectroscopic features of its copper 
center. As described in Chapter 2, these efforts have revealed the first Cu-bound crystal structure 
of FGE, the electronic absorption and EPR features of a transient cupric complex, and the 
functional consequences of Cu(I)/Cu(II) binding. However, the structure of the productive 
substrate binding conformation, and the nature of reactive Cu/O2 intermediates responsible for 
substrate oxidation (Figure 3.1) remain key unanswered questions in pursuit of a mechanistic 
framework for understanding catalysis by FGE. 
 

 
 
Figure 3.1. Structure of potential FGE copper-oxygen complexes capable of performing H-atom 
abstraction from substrate. 

 
Herein, we report dynamic changes in the coordination state of the FGE copper-center, as 
measured by X-ray absorption spectroscopy. These findings demonstrate a shift from 2-
coordinate linear in the resting enzyme to 3-coordinate trigonal-planar in the enzyme-substrate 
complex. Importantly, the catalytic competency of the Cu(I)-scFGE:substrate complex upon 
exposure to O2 positions it on the reaction coordinate. Strikingly, conversion of this complex to 
product is correlated with the formation of a transient intermediate. This species was identified 
by its distinct absorbance at 420 nm using stopped-flow UV/vis spectroscopy. Further, the 
kinetic behavior of this optical feature upon deuterium substitution confirms that it corresponds 
to a catalytic intermediate occurring prior to, or at, the rate-determining H-atom abstraction step 
of substrate oxidation. Collectively, these data lead to the putative assignment of the intermediate 
as a cupric-superoxo complex, potentially the first identified in an active enzyme system. 
Though further interrogation of the electronic structure of this intermediate is required, this result 
may represent a critical advancement in the understanding of not only FGE, but also the greater 
class of O2-activating copper enzymes. Finally, this study inspired a revised proposal of FGE’s 
catalytic mechanism, now supported at several steps by experimental evidence (Figure 3.12). 
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Results 

 

X-ray absorption spectroscopy of the enzyme substrate complex 

The nature of the binding mode of the cysteinyl substrate at the FGE copper center has been the 
subject of predictions,1-2 but it has hitherto remained unsubstantiated. Experimental and 
computational studies have identified a shallow binding groove, adjacent to the active site, for 
recognition of the substrate peptide in an extended linear conformation.3-4 These studies were 
performed using apo-FGE but are still informative in that they orient the substrate thiol toward 
the two active site cysteine residues (Cys272/Cys277) now known to be the sole protein ligands 
of the copper cofactor. Two plausible reaction pathways are distinguished by the structure of the 
FGE:peptide complex at and prior to the H-atom abstraction step. Specifically at question is 
whether the substrate thiolate is merely situated in the vicinity of the copper center (outer-sphere 
pathway), or is directly bonded to it (inner-sphere pathway). The latter mechanism would 
anticipate major determinants of reactivity for the copper center governed by the copper-
substrate bonding interaction. Therefore, a description of the substrate binding mode(s) in the 
reconstituted holoenzyme is of central importance. 

 
Figure 3.2. Structure of FGE peptide substrates used in this study. Note, the text uses the names 
“Cys-scP14” and “H-scP14” to refer to the same peptide for contextual clarity. The labile pro-
(R)-β-hydrogen is highlighted in red. 

X-ray absorption spectroscopy (XAS) provides a means to interrogate the ligand environment at 
Cu(I) directly in the presence of substrate, effectively resolving the question of inner- or outer-
sphere reaction mechanisms. The structure and reactivity of the Cu-loaded S. coelicolor FGE 
(scFGE) has been extensively characterized, including by XAS, making it an ideal model for 
these studies. Two additional experimental factors were of concern. First, since FGE catalysis is 
O2-dependent, it was reasoned that Cu(I)-FGE and the peptide substrate may form a stable 
complex, in either pathway, that is strictly unreactive under anaerobic conditions. Second, since 
X-ray absorption profiles reflect the sum of all species present in the sample, the substrate must 
have sufficient affinity for Cu(I)-FGE to yield high concentrations relative to free enzyme. The 
peptide Ac-ICTPARASLLTGQY-NH2 (scP14) was selected as a substrate for this purpose; it is 
comprised of 13 residues from an S. coelicolor sulfatase sequence (NCBI Reference Sequence: 
WP_011031740.1), with the addition of a C-terminal tyrosine for facile quantification (Figure 
3.2). After mixing 1:1 Cu(I)-scFGE:scP14 at 1 mM each under anaerobic atmosphere, samples 
were loaded into sample cells, flash frozen, and analyzed by XAS. X-ray near edge absorption 
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spectra (XANES) display a decrease in the intensity of the 8984 eV feature (the Cu (1s  4p) 
transition) of this complex compared to Cu(I)-scFGE. This suggests a change in coordination 
number from 2 to 3 for at least a sizable fraction of the Cu(I)-scFGE:scP14 sample (Figure 
3.3A). Furthermore, fitting of XAFS data (Figure 3.3B) for this complex is consistent with 3 S–
Cu bonds (summary, Table 3.1). The 2-coordinate resting enzyme was measured to have an 
average S–Cu bond distance of 2.14 Å; this distance increases to 2.22 Å in the 3-coordinate 
enzyme-substrate complex. These data represent the first structural evidence for a substrate 
binding mode relying on inner-sphere coordination to Cu. Moreover, the catalytic competency of 
this complex (vide infra) proves that it does, indeed, lay on the reaction coordinate. 

A               B 

 
Figure 3.3. X-ray absorption spectra of the cuprous enzyme-substrate complex. Cu K-edge XAS 
spectra (A), and EXAFS data (inset) and non-phase-shift-corrected Fourier transforms (B) for 
Cu(I)-FGE (black) and Cu(I)-FGE:scP14 (red). 
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Table 3.1. EXAFS Fitting Results for Cu(I)-scFGE and Cu(I)-scFGE-scP14 

Complex Fit # CN/Patha R(Å)b σ2(Å2)c ΔE0(eV) Error Fd

Cu(I)-FGE 1A 1 Cu-S 2.14 67 -13.68 0.41 

 1B 2 Cu-S 2.14 390 -13.79 0.29 

 1C 3 Cu-S 2.14 641 -14.14 0.34 

Cu(I)-FGE:scP14 2A 2 Cu-S 2.22 363 -10.50 0.36 

 2B 3 Cu-S 2.22 580 -11.30 0.30 

 2C 2 Cu-S 2.17 258 -13.33 0.27 

  1 Cu-S 2.28 -61   

 2D 2 Cu-S 2.22 364 -11.68 0.35 

  1 Cu-O 2.56 1292   

 2E 4 Cu-S 2.22 771 -11.60 0.32 
aCN is coordination number. bThe estimated standard deviations in R are ±0.02 Å. cThe σ2 values are 
multiplied by 105. dThe error F is given by [∑k6(χexptl – χcalcd)2/∑k6χexptl

2]1/2. Errors in coordination numbers 
are ±25% and those in the identity of the scatterer Z are ±1. The best acceptable fit result for each complex 
is emphasized with the bold and italic font. 

 

The previously reported Cu-FGE crystal structure, enhanced by information from XAS, forms 
the basis of more detailed structural descriptions of the Cu(I)-FGE and Cu(I)-FGE:substrate 
copper centers by computation. First, molecular docking simulations were employed to identify 
substrate binding conformations; short peptides (e.g. ICTPAR) were docked against the active-
site and peptide binding pocket. Catalytically feasible conformations were encouraged by 
restriction of the substrate sulfur atom to movement within a 5 Å sphere centered at the copper 
center. Subsequently, the resting enzyme crystal structure and the substrate-docked model were 
subjected to geometry-optimization using density functional theory (DFT). These calculations 
demonstrate that the FGE copper center shifts from 2-coordinate digonal (resting enzyme) to 3-
coordinate trigonal planar upon substrate association (Figure 3.4). Importantly, these structures 
reveal clues about changes to the electronic structure at copper that alter O2 reactivity along the 
reaction coordinate, addressed in the discussion section of this text. 
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A        B 

 
Figure 3.4. The FGE copper center undergoes a shift in coordination environment upon substrate 
binding. Geometry-optimized DTF structures of the (A) 2-coordinate linear Cu(I) resting enzyme 
shown with adjacent residues, and, (B) the 3-coordinate trigonal planar Cu(I) enzyme-substrate 
(shown as ICTP peptide) complex (right panel). 
 

Identification of selenocysteine as an alternative substrate for FGE 

Catalytic promiscuity, the ability of enzymes to act on non-native substrates with a rate 
enhancement (kcat/kuncat) over unity, provides valuable insight into protein evolution and, as 
relevant here, an avenue of inquiry for understanding the determinants of enzyme reactivity and 
mechanism.5-7 Thus, it was of great interest to determine if FGE can accept alternative substrates, 
beginning with peptides containing isostructural residues in place of cysteine. It is well-known 
that FGE cannot catalyze the conversion of serine substrates to fGly.8 It has also been reported 
that for the peptide substrates typically used in in vitro activity assays, serine variants do not 
strongly inhibit FGE, though this effect may differ with peptide length and/or type of FGE.9-10 
This may be rationalized by the inability of the serine hydroxyl group to ligate the FGE copper 
center, which would not only prevent the formation of a productive inner-sphere complex for O2-
activation, but would also increase the binding energy of association. Selenocysteine (Sec, U) is 
a non-canonical amino acid that is isostructural to cysteine. Compared to cysteine, its increased 
polarizability contributes to a reduced pKa and decreased reduction potential, resulting in 
differences between their metal affinities and energetic preferences for reaction pathways.11 
These unique properties confer its essentiality in critical metal binding and redox-catalytic roles 
in multiple enzyme classes. Sec is installed ribosomally and encoded in mRNAs by the presence 
of an in-frame UGA codon upstream of a specific sequence element, SECIS. Translational 
intervention by SECIS, a cis-acting stem-loop RNA, recruits an elongation factor responsible for 
directing Sec-tRNA to the nascent polypeptide.12-13 The distinct properties of Sec are integral to 
the catalytic capability of these enzymes; substitution of Sec with Cys typically results in 
diminished activity by several log-fold.13 There are no native sulfatase substrates of FGE known 
to encode Sec. But for the purpose of this study, and unlike serine, it was reasoned that the 
selenolate group could directly ligate the FGE copper center, an interaction that may promote 
catalysis for Sec substrates. 
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Scheme 3.1. Synthesis of Fmoc-Sec(bzl)-OH. 

 
To access a Sec substrate, a Nα-Fmoc-(Se-benzyl)-L-selenocysteine monomer was prepared for 
solid-phase peptide synthesis, according to a procedure reported previously (Scheme 3.1).14 
Synthetic Sec (Sec-scP15) and Cys (Cys-scP15) peptides were comprised of the 13 residue 
sulfatase motif, with the addition of an N-terminal Gly-Gly linker and a chromophore (Figure 
3.2). The inclusion of an N-terminal dinitrophenyl (DNP) chromophore for these substrates 
allowed highly sensitive fGly detection by HPLC analysis. Initial reaction assays demonstrated 
that Sec-scP15 is indeed converted to fGly-scP15 by scFGE, the identical product of Cys-scP15 
turnover. Under standardized conditions, scFGE displays comparable activity for Cys-scP14 and 
Cys-scP15, but converts Sec-scP15 with an activity of over two orders of magnitude lower 
(Table 3.2). This is the first discovery of an alternative FGE substrate with respect to substitution 
at the reactive cysteinyl position.  
 
Table 3.2. Activity of scFGE toward cysteine and selenocysteine substrates. Activity is reported 
as the rate of fGly production after 10 min under the following reaction conditions: 1 µM scFGE, 
100 µM substrate, 25 mM triethanolamine (TEAM) pH 9.0, 25 °C. 

 

 

 

 

 
 
An alternative substrate is useful for revealing discriminating aspects of an enzyme mechanism if 
the efficiency of catalysis (kcat) in particular is altered. In lieu of complete kinetic 
characterization of Sec-scP15, the binding propensity of this peptide was measured indirectly via 
a competition experiment. The initial rate of Cys-scP14 turnover, at a concentration ~10-fold 

substrate activity (µM min-1) 

Cys-scP14 12.5 ± 0.5 

Cys-scP15 9.1 ± 0.1 

Sec-scP15 0.07 ± 0 
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greater than its KM (Table 3.3), was measured in the presence of increasing concentrations of 
Sec-scP15. It is noted that the krel ~10-2 of Sec-scP15 meant that no formation of fGly-scP15 was 
detectable during the initial rate regime of Cys-scP14 reactions. At a concentration of 60 µM 
Cys-scP14, approximately 20-fold inhibition was measured with 100 µM Sec-scP15. To 
determine the IC50, initial rate data were fit to Equation 1 using nonlinear regression (Figure 3.5). 

(1)				     v = vmin vmax vmin
1 + 

 

Under these assay conditions, inhibition of Cys-scP14 turnover by Sec-scP15 corresponds to an 
IC50 of 3.8 ± 0.7 µM (0.1 µM Cu(I)-scFGE). The mechanism of inhibition is understood to be 
competitive, i.e. by reversible binding at the active site, because turnover of Sec-scP15 can be 
accomplished following prolonged reaction times. The fraction of competitive binding 
interactions of Sec-scP15 with FGE contain those of selenocysteine as well as those 
corresponding to structural differences between the scP14 and scP15 peptide scaffold at the N-
terminus. Therefore, these data are not taken to represent an absolute measure of Sec-scP15 
affinity. More conservatively, competitive inhibition by Sec-scP15 demonstrates that impairment 
of selenocysteine turnover originates mostly from a decreased rate of catalysis, and not binding, 
compared to Cys-scP14/Cys-scP15.  

 
Figure 3.5. Selenocysteine inhibits FGE activity toward the native cysteine substrate. The initial 
rate (vo) of Cys-scP14 (60 µM) turnover was measured in the presence of increasing 
concentrations of Sec-scP15 (0.1-100 µM). The IC50 for FGE inhibition under these conditions is 
3.8 ± 0.7 µM Sec-scP15. Within the initial rate regime of Cys-scP14, formation of the cognate 
fGly product from Sec-scP15 (krel ~10-2) was not observed.  

Prior investigation has revealed an alkaline pH preference for FGE activity, but the origin of its 
pH dependence is unknown.15 There are no general bases present near the copper center; as such, 
the discovery of an inner-sphere binding mode places special emphasis on the ionization state of 
free substrate. Among other strategies, the identification of selenocysteine as an alternative 
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substrate for FGE supplies a means to probe pH effects. If the pH-rate profile in large part 
reflects the pKa of substrate, and assuming an identical mechanism, the pH dependence would be 
subject to change based on its measurement with thiol (pKa, Cys = 8.3)16 or selenol (pKa, Sec = 
5.2)16 substrates. Activity was measured for Cys-scP14 and Sec-scP15 across a pH range of 6.0-
10.0 and normalized separately to the maximum activity of each substrate (Figure 3.6). The pH-
rate profiles were fit to Equation 2, with dependence on a single pKa, using nonlinear regression.  

(2)											     v = vmax
1 + 

 

This permitted estimation of the pKa values influencing the pH-rate dependence of each 
substrate: pKa, Sec-scP15 = 5.5 ± 0.1, and pKa, Cys-scP14 = 8.1 ± 0.1. Compellingly, these values are 
quite consistent with the pKas of free substrate at the position of the reactive side chain, 5.2 and 
8.3 respectively. It is noted that DTT has a pKa of 9.2,17 and steady-state turnover may be 
influenced by the proportion of DTT thiolate available to initiate a reduction step.18 Regardless, 
these data suggest that the pKa of substrate is of much greater significance; Sec-scP15 reactions 
do not decrease in activity until the pH drops below 6.5, within 1 unit of the selenolate pKa. 
Thus, across a working pH range of at least 6.0-10.0, the pH-rate dependence appears to 
correspond to the solution concentration of ionized substrate. Ultimately, this relationship can be 
absolutely confirmed by examining the pH dependence of kcat/KM for each substrate. 

 
Figure 3.6. pH-rate profiles for the conversion of cysteine and selenocysteine substrates to fGly. 
Substrates were assayed in 25 mM TEAM buffer pH 6.0-10.0, 2 mM DTT at 25 °C.  Assays 
contained 100 µM substrate and 1 µM scFGE (Cys-scP14), or 10 µM scFGE (SecP15). The 
activity (µM min-1) of scFGE toward Cys-scP14 (squares) Sec-scP15 (triangles) at each pH was 
normalized to the maximum activity for each substrate, and does not reflect the relative activity 
between Cys-scP14/Sec-scP15. 

Unlike the radical-S-adenosylmethionine enzymes that produce fGly from peptide substrates in 
anaerobes,19 FGE cannot convert serine residues, nor bind them with high affinity; here, 
selenocysteine is converted slowly, but it has considerable binding affinity. Collectively, these 
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data support the requirement for a 3-coordinate intermediate, with anionic ligands, in order to 
promote reactivity of the cuprous FGE complex toward O2 (Figure 3.7). 

 

Figure 3.7. Proposed model for catalytic discrimination between cysteine and selenocysteine 
substrates. Cu(I)-FGE undergoes a shift from 2- to 3-coordinate upon binding of either the 
thiolate or selenolate. The pre-activated enzyme-substrate complexes can then generate fGly 
upon addition of O2. However, turnover is significantly impaired in the case of selenocysteine, 
owing to decreased reactivity at the cuprous center for the Cu(I)-FGE:selenocysteine complex 
toward O2 activation. 

 

Measurement of a substrate deuterium kinetic isotope effect in S. coelicolor FGE 

Existing steady-state kinetic data for FGE was examined to assess the likelihood that a copper-
oxygen species may accumulate at sufficient quantities to allow detection. First, the rate of 
reaction with respect to O2 concentration was considered. In an earlier study, though KM(O2) was 
not specifically determined, it was reported that reaction rates saturated at approximately 105 
µM O2 for human FGE under steady-state conditions.20 This result is promising because it 
indicates that association of enzyme with O2 is not rate-limiting under experimentally-accessible 
O2 concentrations.21 In addition, selective removal of the pro-(R)-β-hydrogen of the substrate 
cysteine was measured to have an observed kinetic isotope effect (KIE) of kH/kD = 3.7 for wild-
type FGE from the thermophilic bacteria Thermomonospora curvata.18 A normal, primary KIE 
such as this indicates that H-atom abstraction from substrate is, at least in part, rate-limiting.22 
This is a critical feature for further investigating the mechanism of substrate oxidation by 
pursuing the detection of catalytic intermediates; it also provides a convenient test of candidate 
species. Ultimately, in order for a transient species to be plausible for consideration as an 
intermediate, it must display kinetic behavior consistent with the KIE upon isotope substitution. 
As such, determination of the equivalent KIE for scFGE was undertaken. 

First, protium- and deuterium- containing substrates were selected for measuring the KIE in 
scFGE. Though H-atom abstraction was previously determined to be 100% stereoselective to the 
pro-(R)-β-hydrogen of substrate cysteine, dideuterium substitution at the β-carbon of cysteine 
was preferred for synthetic ease. Contribution from a secondary isotope effect, reporting on the 
degree of hybridization change at the β-carbon in the transition state, may alter the magnitude of 
KIEobs, but this effect is typically minor in the absence of tunneling.22 Thus, it was reasoned that 
dideuterium substitution would provide a suitable substrate for KIE determination.  
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Figure 3.8. Steady-state kinetic analysis of heavy and light FGE substrates. Steady-state kinetic 
analysis of Cu(I)-scFGE with H-scP14 (squares) and D2-scP14 (triangles) substrates. Initial rates 
were fit to the Michaelis-Menten equation by nonlinear regression. Kinetic parameters are 
reported in Table 3.3. 

Table 3.3. Kinetic parameters of scFGE with H-scP14 and D2-scP14 substrates. Observed 
kinetic isotope effects (KIEs) are reported for kcat (kcat,H/kcat,D2) and  kcat/KM ((kcat,H / KM,H)/( 
kcat,D2/KM,D2)). Kinetic parameters were measured in 25 mM TEAM buffer, pH 9.0 at 25 °C. 
Standard errors of the fit are listed. 

 

Two substrate isotopomers, IC(3,3-H2)TPARASLLTGQY (H-scP14) and IC(3,3-
2H2)TPARASLLTGQY (D2-scP14), were synthesized (Figure 3.2). Substrates were subjected to 
steady-state kinetic analysis with wild-type Cu(I)-loaded scFGE under previously published 
reaction conditions1 to determine kinetic parameters (Figure 3.8). H-scP14 and D2-scP14 were 
found to be identical in KM (within error) but differ by several fold in kcat. Concordance between 
the KM values is in agreement with negligible isotope-sensitivity in steps prior to the first 
committed step. The KIE of kcat, (kcat,H/kcat,D2) = 3.0 ± 0.1, and the KIE of kcat/KM ((kcat,H / KM,H)/( 
kcat,D2/KM,D2)) = 3.0 ± 1.3 (Table 3.3). These values are smaller than KIEobs (kH/kD) = 3.7 for T. 
curvata FGE with monodeuterated substrate. This difference may reflect contribution from an 
inverse secondary KIE during H-atom abstraction due to the additional geminal deuterium label. 
It is notable that a more active mutant variant of T. curvata FGE exhibited a KIEobs of (kH/kD) = 
3.0 with monodeuterated substrate.18 More likely then, is that the range of KIEs measured for 

substrate kcat (min-1) KM (µM ) kcat/KM (M-1 s-1) KIE (kcat)  KIE (kcat/KM)

H-scP14 16.2 ± 0.6 6.0 ± 0.8 (4.5 ± 0.6) x 104 3.0 ± 0.1 3.0 ± 1.3 

D2-scP14 5.5 ± 0.1 6.1 ± 0.6 (1.5 ± 0.2) x 104   
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FGE originate from disparate contributions of isotope-insensitive steps to kobs between protein 
variants, as opposed to a change in the intrinsic KIE for H-atom abstraction.23 Regardless, the H-
scP14/D2-scP14 KIEobs confirms the suitability of scFGE in general for pursuing the detection of 
copper-oxygen intermediates responsible for C–H activation, and this substrate pair in particular 
for evaluating the authenticity of candidate species.  

 

Detection of an intermediate by stopped-flow UV/vis spectroscopy 

Initiation and monitoring of enzymatic reactions by stopped-flow UV/vis absorption 
spectroscopy was chosen as an initial strategy to search for transient species during catalysis. 
The following concerns were taken into account in designing a two-syringe mixing experiment 
that would maximize the chance of success. First, XAS data confirms the formation of a 3-
coordinate Cu(I)-scFGE:scP14 complex and its stability in the absence of O2. This suggests that 
the complex may be pre-activated for O2 binding and activation. Therefore single-turnover 
reactions containing anaerobically pre-formed Cu(I)-scFGE:scP14 and initiated by mixing with 
excess O2 were selected. The scP14 substrates (Figure 3.2) were suitable for this study with the 
advantage that they are silent in the visible region as well as in the near-UV region above 280 
nm. Stopped-flow spectra of Cu(I)-scFGE:H-scP14 (syringe 1, anaerobic) and O2-saturated 
buffer (syringe 2) were monitored from 7 ms to 18 minutes. Strikingly, a narrow absorbance 
feature at 420 nm grows immediately and fully decays by 20 seconds, reaching an intensity 
maximum at ~1 s. Two other broad absorbance features at 330 nm and 560 nm begin to grow 
shortly afterwards, but do not decay over the entire time course (Figure 3.9A). Control reactions 
with Cu(I)-scFGE or H-scP14 (syringe 1, anaerobic), and O2-saturated buffer (syringe 2), 
completely lacked the 420 nm absorbance feature (Figure 3.9B & C). Therefore, the 420 nm 
transient was selected as a species of interest.  

 

A                      B 
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C 

 
Figure 3.9. Detection of an intermediate by stopped-flow UV/vis absorption spectroscopy. (A) 
Stopped-flow spectra were recorded upon mixing anaerobically pre-formed Cu(I)-scFGE:H-
scP14 (100 µM each, final) with O2-saturated buffer (~660 µM, final). The first phase displays 
growth of a 420 nm absorbance feature starting from 7 ms (black) and reaching a maximum at 
0.8 s (red). Spectra collected between 7 ms to 0.8 s are shown in light gray. The second phase 
displays decay of the 420 nm feature but growth of a poorly resolved species with features at 330 
nm and 560 nm, reaching a maximum at 30 s (blue). Spectra collected between 0.8 s to 30 s are 
shown in light blue. Control spectra were recorded by mixing (B) Cu(I)-scFGE + O2 or, (C) 
scP14 + O2. All stopped-flow reactions were done in 50 mM Tris pH 9.0, 0.5 M NaCl, 10% 
glycerol at 4 °C. 

 

In order to test whether the 420 nm species corresponded to a catalytic intermediate, an 
equivalent stopped-flow UV/vis experiment was performed by mixing Cu(I)-scFGE:D2-scP14 
with O2-saturated buffer. The spectra of H-scP14 and D2-scP14 reactions were qualitatively 
identical with respect to the absorbance bands present. However, the kinetics of the 420 nm 
species were altered. At present, the absence of additional knowledge, such as the molar 
absorptivity of this species and the simultaneous rate of product formation, prevents construction 
of a speciation plot to accurately inform a kinetic mechanism. Instead, the normalized 420 nm 
absorbance traces (Figure 3.10) were fit to a double-exponential containing growth and decay 
terms (Equation 3) using nonlinear regression. 

(3)											     Y = A 1-e-k1t  + Ae-k2t + C 
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Figure 3.10. Kinetic isotope effect observed for decay of the 420 nm intermediate. Kinetic traces 
at 420 nm for H-scP14 and D2-scP14, recorded during analogous stopped-flow UV/vis 
experiments. 

This yielded observed first-order rate constants for formation (k1) and decay (k2) of the 420 nm 
species for H-scP14 (k1,H = 4.4 s-1, k2,H = 0.23 s-1) and D2-scP14 (k1,D2 = 4.0 s-1, k2,D2 = 0.05 s-1) 
substrates. The concordance of k2,H (0.23 s-1) and kcat (0.27 s-1) for H-scP14 is intriguing, and 
implies that decay of the 420 nm species may accompany turnover. Also from these apparent rate 
constants, observed KIEs can be calculated for growth (k1,H/k1,D2) = 1.1 and decay (k2,H/k2,D2) = 
4.6. The susceptibility of the 420 nm decay rate exclusively to a normal primary KIE can be 
compared to (kcat,H/kcat,D2) = 3.0. As alluded to prior, the KIE of kcat is a lower limit for the 
intrinsic KIE of the isotope-sensitive chemical step. Therefore (k2,H/k2,D2) may more closely 
reflect the intrinsic KIE for H-atom abstraction. Together, these data directly implicate the 420 
nm species as an intermediate occurring at, or prior to, the rate-limiting C–H activation step of 
catalysis. 

 

Single-turnover kinetic analysis of FGE reactions 

Though the sensitivity of the apparent decay rate of the 420 nm intermediate to deuterium 
substitution strongly suggests its legitimacy as an intermediate occurring during catalysis, its 
behavior must also comply with the kinetics of product formation in an identical time regime. It 
is not possible to monitor the concentration of the fGly product optically during a stopped-flow 
time course. Instead, single-turnover FGE reactions were performed using rapid-mixing followed 
by chemical quench.  
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Figure 3.11. Single-turnover kinetic analysis of FGE substantiates the 420 nm intermediate. 
Anaerobic pre-formed Cu(I)-scFGE:H-scP14 complex (final concentration of 375 µM) was 
combined with O2-saturated buffer (final concentration of ~1.1 mM) using a rapid-mixing 
instrument at 4 °C, pH 9.0. Time-point samples from 36 ms to 14 s were quenched by ejection 
into a vial containing HCl, and analyzed for product formation by HPLC. Graph shows overlay 
of product formation (black circles), and stopped-flow UV/vis kinetic trace at 420 nm (red trace) 
collected during parallel time courses. Product formation data was fit to a double-exponential 
(black trace). Errors shown are the standard deviation of 2 or more replicates. 

A mixing strategy analogous to the stopped-flow experiments was used. Cu(I)-scFGE and H-
scP14 were combined anaerobically, and single-turnover reactions were initiated by rapid-
mixing of this complex with O2-saturated buffer. Following a mixing period of 36 ms to 14 s, 
reactions were chemically quenched by ejection in HCl (Figure 3.11). It is noted that the 
magnitude of the quenching dead time is unknown, and may contribute to systematic error at 
early time points. The rate of product (fGly) formation was fit to a double-exponential (Equation 
4) using nonlinear regression. 

(4)											     Y = A 1-e-λ1t  + B(1-e-λ2t) + C 

This yielded observed first-order rate constants of λ1 = 1.8 s-1 for the first phase (35 ms to 1 s), 
and λ2 = 0.03 s-1 for the second phase (1 s to 14 s). Caution is taken in interpreting the meaning 
of these apparent rate constants with respect to a kinetic mechanism in the absence of additional 
data detailing their concentration dependence. However, considering that a ratio of 1:1 Cu(I)-
scFGE:scP14 was present in reaction mixtures, the following description is plausible. First, 
owing to a significant but unknown fraction of pre-formed Cu(I)-scFGE:scP14 complex when 
combined with O2, the absolute rate of the first phase is fast and corresponds to the rate of 
association of O2 with Cu(I)-scFGE:scP14 in addition to the rate of the chemical step of Cu(I)-
scFGE:scP14:O2 conversion to product. A value of λ1 = 1.8 s-1 (4 °C) is greater than the expected 
lower limit for this rate constant (kcat = 0.27 s-1, 25 °C).24 Once the fraction of pre-formed 
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complex is consumed by reaction with O2, the absolute rate of the second phase is slow. This 
may instead reflect a rate-limiting association step of remaining free Cu(I)-scFGE with scP14 
prior to H-atom abstraction. A simplified kinetic mechanism (Scheme 3.2) was considered to 
describe these events.  

 

Scheme 3.2. Hypothetical kinetic mechanism of FGE. 

Critically, single-turnover kinetic data also provides an essential test of the catalytic relevance of 
the 420 nm intermediate. The 420 nm stopped-flow kinetic trace was overlaid with the single-
turnover progress curve during an identical time scale (Figure 3.11). Though an absolutely 
quantitative comparison between the stopped-flow data and rapid chemical quench data is 
limited by the inherent experimental error in collecting the latter data at early time points, and on 
a separate instrument, a semi-quantitative comparison is highly informative. Specifically, in 
agreement with the prediction that the 420 nm species is a catalytic intermediate, its growth (k1,H 
= 4.4 s-1) proceeds at a higher rate than that of product formation (λ1 = 1.8 s-1) during the first 
phase of the single-turnover reaction. This is interpreted to mean that during the initial phase of 
the reaction, fast formation of the intermediate in turn leads to a maximum turnover rate. More 
broadly, single-turnover kinetic analysis of FGE reactions fully supports the 420 nm transient 
species as a bona fide catalytic intermediate. 

 

Discussion 

 

FGE exploits an inner-sphere substrate binding strategy to control catalysis 

A major finding revealed by this study is the spectroscopic identification of a catalytically 
competent 3-coordinate Cu(I)-FGE:substrate complex. Perhaps by virtue of this binding 
configuration, selenocysteine was discovered to be a promiscuous substrate of FGE, likewise 
converted to fGly, but at a dramatically reduced rate (krel ~10-2). The requirement for this 
complex, as well as the absence of an active-site general base, also explains a substrate-specific 
pH-rate profile for FGE. Tight-coupling of O2-activation and turnover are suggested by the 
inertness of the resting enzyme to O2 in the absence of substrate, illustrated by stopped-flow 
UV/vis. As with other mononuclear copper oxidases/oxygenases,25 FGE appears to enforce 
substrate-dependent O2 reactivity. Unlike the noncoupled binuclear copper oxygenases (e.g. 
PHM, DβM, TβM),26 or the mononuclear copper lytic polysaccharide monooxygenase 
(LPMO),27 the FGE resting enzyme contains a stable Cu(I) center and is in fact unstable in the 
cupric form.  
 
Together, these experimental observations inspire the formulation of a general paradigm for 
catalysis at this structurally and functionally singular copper center. First, the stability of the 
cuprous enzyme is a function of the significant stabilization of Cu(I) by strong σ overlap, 
provided by the character and geometry of the bis(thiolate) ligands in a linear 2-coordinate 
complex.28 However, the copper complex undergoes a structural change through inner-sphere 
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bonding of the cysteinyl thiolate from substrate, which is initially positioned in the vicinity of the 
copper center by noncovalent interactions between FGE and the surrounding substrate peptide 
sequence motif. This bonding interaction is favorable owing to the soft nature of both Cu(I) and 
the third thiolate ligand. The 2- to 3-coordinate transition increases the negative charge of the 
complex from -1 to -2 and adjusts the geometry of the Cys272/Cys277 protein ligands to 
accommodate a trigonal planar enzyme-substrate complex. Instead of the requirement for a 
Cu(II) to Cu(I) redox process to initiate catalysis in canonical monocopper oxygenases, FGE 
uses a coordination/structural rearrangement instead. Thus, it is asserted that this rearrangement 
primes the cuprous center for O2 binding and activation by significantly decreasing the 
Cu(I)/Cu(II) reduction potential in the 3-coordinate intermediate. This is consistent with the 
known reactivity of synthetic 3-coordinate cuprous complexes,29 and it is expected to be further 
enhanced for FGE by the preponderance of negative charge conferred by three thiolate ligands in 
particular. But, reactivity of the trigonal-planar complex is finely tuned, and the presence of a 
softer selenolate ligand contributed by the Sec substrate results in greater Cu(I) stabilization,30 
and therefore a higher Cu(I)/Cu(II) reduction potential, compared to the thiolate provided by the 
native Cys substrate. It is predicted that direct determination of the 1e– reduction potentials of 
each FGE copper complex described herein will substantiate this reactivity paradigm. 
 

The nature of the catalytic intermediate 

The identification of the 420 nm transient represents an exciting breakthrough in the study of 
mononuclear copper O2-activating enzymes. This species was kinetically validated to correspond 
to an intermediate during FGE catalysis occurring at, or prior to, the rate-limiting H-atom 
abstraction step. Absent an unlikely Fenton-like O2-activation mechanism, only the Cu(II)-
superoxo, Cu(II)-hydroperoxo, or Cu(II)-oxyl species constitute viable oxidants for C–H 
activation (Figure 3.1). However, compared to divergent copper oxidases/oxygenases, structural 
and biochemical data place stringent constraints on the types of copper-oxygen species 
accessible to FGE. Starting from the 3-coordinate cuprous complex, only a single electron is 
available for O2-activation prior to H-atom abstraction. Thus, the 420 nm intermediate is 
tentatively assigned as a Cu(II)-superoxo complex.  

This species is purported to have been identified in a crystal structure of peptidylglycine-
hydroxylating monooxygenase (PHM) soaked in a slow-reacting substrate.31 Thus far, this 
crystal structure represents the only direct evidence for an enzymatic Cu(II)-superoxo species. 
Unfortunately, an in crystallo Cu(II)-superoxo can be assigned by electron density alone, and 
thus the PHM adduct cannot be subject to further study. Ultimately such an intermediate must be 
investigated using physical techniques which directly report on electronic structure, as with 
isolable Cu(II)-superoxo complexes identified in model compounds.32 A series of synthetic 
Cu(II)-superoxo complexes of particular relevance to FGE have been synthesized and studied.33 
These model compounds utilize a tridentate nitrogen ligand scaffold to bind copper, and react 
with O2 to form a tetrahedral Cu(II)-superoxo intermediate capable of performing H-atom 
abstraction from aliphatic substrates. These complexes exhibit an intense (ε = 4200 M-1 cm-1) 
absorption band at 397 nm, comparable to the 420 nm intermediate of FGE. It is noted that the 
420 nm intermediate appears to lack correlation with lower intensity d-d absorption bands, 
perhaps owing to FGE’s use of a distinct tris(thiolate) copper site. We predict that continued 
study will reveal in FGE the first Cu(II)-superoxo complex identified in an actively turning over 
enzyme, an immensely important milestone in the study of biological O2 catalysis. 
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A model of the FGE catalytic cycle 

A mechanistic proposal consistent with the results of this study is shown in Figure 3.12, and is 
largely corroborative of predictions provided by Seebeck and coworkers.2, 9 First, the prediction 
that the substrate binds directly at copper via inner-sphere coordination of the substrate thiolate is 
verified experimentally by our data. Furthermore, owing to the stable formation of the 3-
coordinate Cu(I)-scFGE:substrate (2) complex under air-free conditions, a kinetic mechanism 
whereby substrate coordination precedes O2 binding and activation is favored. After the 
formation of (2), the presence of an open coordination site promotes O2 binding, which may or 
may not be reversible.34 H-atom abstraction of the pro-(R)-β-hydrogen from the substrate 
cysteine is the rate-determining step, occurring by proton-coupled electron transfer (PCET) from 
substrate to an activated oxygen species, the Cu(II)–OO·– intermediate (3). The favorability of 
this step would be enhanced by stabilization of a substrate radical adjacent to a sulfur bonded to 
copper.35 This would generate a Cu(II)–OOH with ligation of the substrate-centered radical (4). 
The breakdown of such an intermediate via homolytic cleavage of the S-Cu bond and 
recombination with the Cβ radical would generate a Cu(I)–OOH intermediate and a free substrate 
thioaldehyde (5). Thioaldehydes are predicted to be high energy intermediates which hydrolyze 
rapidly,36 resulting in the final fGly product. The specific mechanism and role of external 
reductants, historically DTT for in vitro reactions,20 remains unclear but must occur following 
product formation. Given that stoichiometric DTT oxidation has been measured during turnover 
of FGE,18 4e– must ultimately reduce O2 to H2O. Meury & Seebeck et. al. have proposed that the 
Cu(I)-OOH (5) intermediate is resolved by first transferring an oxidative equivalent to one of the 
enzyme’s sulfur ligands; the formation of an S-O intermediate would accompany a change in the 
ligand occupancy at Cu(I) and could be reduced directly by an external electron source.2 This 
sequence is plausible in that it is superficially reminiscent of the inactivation pathway of a Met to 
Cys ligand point mutant studied in tyramine β-monooxygenase, and it also provides a chemical 
rationale for the specific requirement of thiol-containing reducing agents.37 This proposal may be 
verified experimentally by chemical trapping or by spectroscopic evidence of such a complex 
using the EXAFS methods detailed in this report. The direct 2e– reduction of the distal O-atom of 
the Cu(I)-OOH from a soluble carrier seems to offer a simpler alternative, but assumes that a 
sufficiently high reduction potential at copper forestalls a detrimental Cu(II)/·OH forming 
pathway.  
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Figure 3.12. Revised mechanistic proposal for FGE. 

 

The requirement of a novel active site for aerobic fGly production 

Though our model neatly rationalizes the behavior of the FGE active site with respect to 
reactivity, it also raises a broader question: why does FGE utilize such an unprecedented 
mononuclear copper center to catalyze oxidase chemistry? To our knowledge, no other 
monocopper enzyme binds substrate and a reactive O2 intermediate simultaneously at the metal 
center, as FGE appears to do. For instance, galactose oxidase catalyzes the 2e–oxidation of D-
galactose to D-galacto-hexodialdose directly from a Cu(II)/cofactor radical pair through an 
inner-sphere complex bound at the substrate hydroxyl, and only then reacts with O2 as a terminal 
electron acceptor to regenerate the oxidized resting state.38 But, in the vicinity of substrate, lytic 
polysaccharide monooxygenase (LPMO) first undergoes reduction to Cu(I), then binds and 
activates O2 to form a predicted Cu(II)–OO·– intermediate. At this stage, C–H abstraction from 
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the anomeric carbon of the polysaccharide substrate proceeds without direct ligation of substrate 
copper.27  

By virtue of the unique susceptibility of FGE’s thiol substrate to overoxidation,39 we assert that 
an intermediate such as the 4-coordinate complex (3) is required for a controlled reaction 
pathway to produce fGly at a Cu/O2 site. The H-atom abstraction step illustrates especially why 
inner-sphere coordination of the substrate cysteine is crucial in two ways. Firstly, the rate of  
PCET to remove the first e– from substrate is dependent on donor-acceptor wavefunction 
overlap, which is highly sensitive to distance and relative orientation.40 Secondly, were the 
intermediate (4) to contain a carbon-centered radical adjacent to a thiol/thiolate whose reactivity 
was not suppressed by ligation to copper, radical migration to sulfur could make the intermediate 
susceptible to damaging off-pathway reactions.41 This is a concern made more relevant by FGE’s 
shallow, solvent-exposed active site. Thus, constraining the substrate by coordination at the 
metal site ensures optimum donor-acceptor distance and also prevents the quenching of substrate 
radical prior to the second oxidation step. Taken together, these factors may explain why FGE 
has coopted a Cu(I) “binding-like” site to do catalysis. Briefly, a corollary to the mechanism of 
isopenicillin N synthase (IPNS), a non-heme iron(II)-dependent oxidase, suggests the 
generalizability of this strategy for biological alpha-thiol H-atom abstraction. As an intermediate 
during the oxidative cyclization of a tripeptide precursor to isopenicillin, IPNS forms an 
analogous thioaldehyde at cysteine via two 1e– transfer steps from an inner-sphere ligated Fe-
thiolate complex. The thiolate ligand also affords a unique reaction pathway to IPNS, making 
favorable the 1e– reduction of O2 at Fe(II), resulting in H-atom abstraction from an Fe(III)-
superoxo.42-43 It is noted that these principles apply to conversion of Cys to fGly only in FGE, 
involving O2-activation at a copper center. Radical SAM-type fGly producing enzymes in 
anaerobic organisms operate on a separate energetic and mechanistic trajectory compatible with 
both serine and cysteine substrates.44 

Future studies 

It is of the utmost importance to obtain a spectroscopic description of the 420 nm intermediate to 
validate our mechanistic proposal. Thus, it is proposed that the rapid-mixing approach, described 
herein to assay turnover, will likewise permit the isolation of frozen samples containing 
significant quantities of the intermediate. Data collected by EPR33 and resonance Raman 
spectroscopy45 will be used to assess whether the spin state and O–O stretching frequency of 
these samples truly support the assignment of a Cu(II)-superoxo species. That being the case, the 
formation of a Cu(II)- then Cu(I)-hydroperoxo complex is made quite likely by inference. The 
reduction pathway for the Cu(I)-hydroperoxo intermediate is then open for interrogation by the 
methods developed in this study. For instance, the coordination environment of the cuprous 
enzyme following a single turnover, and in absence of reducing agents, can be investigated using 
EXAFS. This data will determine whether the Cu(I)-hydroperoxo is sufficiently stable to await 
direct reduction by a soluble 2e– carrier, or instead transfers an oxidative equivalent to a cysteine 
ligand. The apparent suitability of FGE for interrogation by these approaches is stunning and 
fortuitous; it is expected that FGE will provide a provocative model system for also 
understanding the intrigues of analogous copper enzymes. 
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Materials and Methods 

 

Molecular biology and protein purification 

A Streptomyces coelicolor FGE (scFGE) construct was previously cloned into the pET151 
expression vector.46 Expression and purification of FGE were performed as follows. Single 
clones of Escherichia coli BL21 DE3 cells (New England Biolabs) transformed with pET151-
scFGE were used to inoculate 250 mL of LB with ampicillin and grown for 16 hours at 37 ºC. 
Terrific broth containing ampicillin and glycerol was inoculated at a ratio of 40:1 with overnight 
culture and grown to OD 0.4–0.6 at 37 ºC. Cultures were cooled to 18 ºC and induced with 
isopropyl-α-thiogalactoside at a final concentration of 0.1-1 mM. Following 18-20 hours of 
growth, cells were harvested by centrifugation at 5000 x g for 30 minutes at 4 ºC. Cell pellets 
were resuspended with lysis buffer (0.5 M NaCl, 50 mM Tris-HCl pH 8.0, 25 mM imidazole, 1 
mM tris(2-carboxyethyl)phosphine hydrochloride, 10% glycerol (v/v)) at approximately 5 mL 
per 1 g of cell pellet, 1:10000 Pierce Universal Nuclease (v/v) (Thermo Fisher Scientific), and 
with 1 EDTA-free protease inhibitor cocktail tablet (Roche) per 50 mL of resuspension. The cell 
suspension was first homogenized to a single-cell suspension with a Dounce homogenizer. Then 
cell lysis was accomplished by 3 passes through an Emulsiflex C3 homogenizer (Avestin) at 15 
kPa. Lysate was cleared by centrifugation at 20,000 x g for 45 min at 4 ºC. The supernatant was 
applied to a 5 mL HisTrap HP Ni-NTA column (GE Life Science) connected to an Akta Pure 
FPLC (GE Healthcare Life Sciences). Flow through was monitored by A280 and washed with 
lysis buffer until absorbance reached baseline. His6-tagged protein was eluted with a gradient of 
0-50% Elution buffer (Lysis buffer containing 0.5 M imidazole) over 10 column volumes. The 
N-terminal His6 tag was removed from combined fractions by cleavage with Tobacco Etch Virus 
(TEV) protease at a ratio of 0.02-0.05 (w/w) to FGE overnight at 4 ºC, followed by TEV removal 
with a subtractive Ni-NTA column. TEV protease was isolated in-house using a published 
procedure.47 His6-free FGE was concentrated and further purified by gel-filtration 
chromatography on a Superdex 75 HiLoad column (GE Healthcare Life Sciences) in storage 
buffer (50 mM Tris-HCl pH 7.5, 0.5 M NaCl, 1 mM dithiothreitol (DTT), 10% glycerol (v/v)). 
The concentration of purified proteins was determined by absorbance at 280 nm under 
denaturing conditions, using the method of Gill and von Hippel.48 Typical final purity was 
greater than or equal to 90% and the final yield was approximately 30 mg per 1 L of E. coli 
culture. Proteins were aliquoted, flash frozen with liquid N2, and stored at -80 ºC until use.   

 

Synthetic procedures 

Nα-Fmoc-(Se-benzyl)-L-selenocysteine was prepared for solid-phase peptide synthesis according 
to literature procedure with minor modifications.14 See 1H, 13C NMR in Appendix. 

Nα-Fmoc-L-serine-OMe (1): Nα-Fmoc-L-serine (30.6 mmol) was dissolved in 120 mL 
anhydrous DMF under N2, and 1.1 molar eq. of anhydrous N,N-diisopropylethylamine was 
added. The solution was cooled to 0 °C, and 1.1 molar eq. of methyl iodide was added dropwise 
over 20 min. The reaction was allowed to warm to 25 °C and stirred overnight. Reaction (120 
mL) was transferred to a separatory funnel containing 1% HCl (200 mL) and EtOAc (160 mL). 
The product was extracted with EtOAc (2 x 80 mL) and dried over MgCl2, and the solvent 
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removed under vacuum. 1 was obtained with 71% yield as a yellow solid and used without 
further purification.  
1H NMR (400 MHz, CDCl3) δ 7.81 – 7.74 (m, 2H), 7.65 – 7.57 (m, 2H), 7.45 – 7.37 (m, 2H), 
7.32 (tt, J = 7.5, 1.3 Hz, 2H), 5.72 (d, J = 7.7 Hz, 1H), 4.43 (d, J = 7.6 Hz, 3H), 4.23 (t, J = 6.8 
Hz, 1H), 4.06 – 3.88 (m, 2H), 3.80 (s, 3H), 2.17 (s, 1H); 13C NMR (101 MHz, CDCl3) δ 127.90, 
120.15 (partial spectra). 

Nα-Fmoc-(O-tosyl)-L-serine-OMe (2): 1 (20.3 mmol) was combined in a reaction vessel with 3 
molar eq. of p-toluenesulfonyl chloride and dissolved in 50 mL anhydrous pyridine under N2. 
Reaction (50 mL) was stirred at 0 °C for 8 hours, then transferred to a separatory funnel 
containing Et2O (200 mL). The organic phase was washed with H2O (2 x 200 mL) and 1 % HCl 
(2 x 200 mL) and dried over MgSO4. The crude product was concentrated under vacuum and 
purified by flash chromatography on silica gel (0.3:1 EtOAc/hexanes to 0.5:1 EtOAc/hexanes) to 
yield 2 (59%).  
1H NMR (400 MHz, CDCl3) δ 7.77 (dd, J = 10.3, 7.8 Hz, 5H), 7.59 (t, J = 7.9 Hz, 2H), 7.45 – 
7.38 (m, 3H), 7.37 – 7.30 (m, 3H), 7.29 (s, 1H), 7.27 (s, 1H), 5.64 (d, J = 7.9 Hz, 1H), 4.58 (dt, J 
= 7.9, 3.1 Hz, 1H), 4.44 (dd, J = 10.3, 3.0 Hz, 1H), 4.39 – 4.32 (m, 2H), 4.27 (dd, J = 10.4, 7.3 
Hz, 1H), 4.19 (t, J = 7.3 Hz, 1H), 3.74 (s, 3H), 2.36 (s, 3H); 13C NMR (101 MHz, CDCl3) δ 
155.68, 145.41, 143.84, 143.72, 141.43, 132.37, 130.10, 128.16, 127.97, 127.29, 125.35, 125.27, 
120.17, 69.16, 67.65, 53.54, 53.25, 47.11, 21.74. 

Nα-Fmoc-(Se-benzyl)-L-selenocysteine-OMe (3): Dibenzyl diselenide (9.9 mmol) was 
dissolved in 15 mL THF under N2 and cooled to 0 °C. 1.2 molar eq. of LiBEt3H in 1.0 M THF 
was added dropwise over 15 min, then stirred for an additional 15 min at 0 °C. By cannula, 0.67 
molar eq. of 2 in 15 mL anhydrous THF was transferred to the reaction vessel and stirred for 2 
hours at 0 °C. The reaction was quenched by dropwise addition of acetic acid at 0 °C until no 
further bubbling was observed, then transferred to a separatory funnel with H2O (100 mL) and 
EtOAc (150 mL). The organic phase was washed with 0.5% HCl (2 x 100 mL), dried over 
MgSO4, and concentrated under vacuum. The crude product was purified by flash 
chromatography on silica gel (0.2:1 EtOAc/hexanes, isocractic) to yield 3 (92%).  
1H NMR (400 MHz, CDCl3) δ 7.75 (dd, J = 7.6, 2.6 Hz, 2H), 7.59 (dd, J = 7.5, 4.5 Hz, 2H), 7.39 
(td, J = 7.5, 3.8 Hz, 2H), 7.32 (dd, J = 2.9, 1.2 Hz, 1H), 7.30 (t, J = 1.9 Hz, 1H), 7.28 (t, J = 1.5 
Hz, 1H), 7.21 – 7.17 (m, 1H), 5.53 (d, J = 8.1 Hz, 1H), 4.66 (dt, J = 8.0, 5.1 Hz, 1H), 4.40 (d, J = 
7.1 Hz, 2H), 4.22 (t, J = 7.1 Hz, 1H), 3.76 (s, 2H), 3.74 (s, 3H), 2.98 – 2.87 (m, 2H); 13C NMR 
(101 MHz, CDCl3) δ 143.81, 141.44, 129.04, 128.77, 127.88, 127.23, 127.16, 125.22, 120.15, 
67.28, 53.89, 52.85, 47.23, 28.12, 25.89. 

Nα-Fmoc-(Se-benzyl)-L-selenocysteine (4): 3 (1.8 mmol) was dissolved in 1,2-dichloroethane 
(12 mL), 2 molar eq. of trimethyltin hydroxide was added, and the reaction was allowed to reflux 
for 2 hours under N2. The crude product was purified by flash chromatography on silica gel 
(0.3:1:0.01 EtOAc/hexanes/AcOH to 0.35:1:0.01 EtOAc/hexanes/AcOH) to yield 4 as a white 
solid (74%). 
1H NMR (400 MHz, CDCl3): δ 7.74 (dd, J = 7.6, 2.9 Hz, 2H), 7.59 (d, J = 7.1 Hz, 2H), 7.38 (td, 
J = 7.2, 3.9 Hz, 2H), 7.32 – 7.27 (m, 2H), 7.25 (d, J = 5.6 Hz, 3H), 7.21 – 7.17 (m, 1H), 5.51 (d, 
J = 7.9 Hz, 1H), 4.66 (q, J = 5.9 Hz, 1H), 4.40 (d, J = 7.0 Hz, 2H), 4.21 (t, J = 7.1 Hz, 1H), 3.78 
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(s, 2H), 2.95 (d, J = 5.1 Hz, 2H); 13C NMR (101 MHz, CDCl3) δ 177.29, 141.44, 129.06, 128.80, 
127.91, 127.25, 125.21, 120.16, 67.40, 47.21, 28.28, 20.86; MS (ESI): Calculated [M+H]+ = 
482.0871, found 482.1. 

Peptide synthesis: Peptide substrates were synthesized manually on Fmoc-Rink Amide MBHA 
low loading resin (EMD Millipore) using commercially available Nα-Fmoc protected amino acid 
monomers, or the Nα-Fmoc-(Se-benzyl)-L-selenocysteine (Fmoc-Sec(bzl)-OH) monomer. A 3,3-
D2-Fmoc-L-cys(S-trityl)-OH monomer with an isotopic enrichment of 99.6% (Cambridge 
Isotope Laboratories) was used to synthesize D2-scP14. Peptide coupling reactions used the 
reagent COMU in DMF.49 A 2-10 fold molar excess of amino acid monomer was used in each 
coupling step with reaction times of 30 minutes up to overnight with agitation by N2 gas. Fmoc 
groups were deprotected by treatment with 20% piperidine in DMF for 15 min. All peptides used 
herein were amidated at the C-terminus, and the N-terminus was either acetylated with acetic 
anhydride or derivatized with the chromophore 2,4-dinitrobenzene by reaction with 1-fluoro-2,4-
dinitrobenzene (Sanger’s reagent). Following peptide synthesis, peptides were cleaved from solid 
phase and side chains globally deprotected using a cocktail containing 94:2.5:2.5:1 
TFA/H2O/ethane dithiol/triisopropylsilane for 3 h under N2. The cleavage mixture was filtered to 
remove resin, concentrated under vacuum, and triturated by dropwise addition to Et2O at 4 °C. 
Precipitated crude peptide was collected by centrifugation and washed twice more with diethyl 
ether prior to dissolution in H2O and lyophilization. Removal of the Sec-benzyl group required 
an additional two-step deprotection procedure,14  performed with modification. First, crude 
Sec(bzl)-containing peptides were treated with 20 molar eq. of 2,2′-dithiobis(5-nitropyridine) 
(DTNP) in 2% thioanisole/TFA. This cleanly removed the benzyl group, yielding the 
corresponding selenosulfide protected peptide. To reduce the selenosulfide to selenocysteine, 
Sec(TNP) peptides were treated with 1 M tris(2-carboxyethyl)phosphine hydrochloride 
immediately prior to HPLC purification. Crude peptides were purified using reverse-phase 
chromatography with a gradient of 20-30% MeCN/water + 0.1% TFA over 60 min on a 
Microsorb 100-5 C18 Dynamax 250 x 21.4 mm column (Agilent Technologies). Peptides were 
characterized by HPLC-UV/vis to be of greater than 98% purity. 

 

Peptide characterization by high-resolution mass spectrometry 

All substrate peptides used herein were sequenced using liquid chromatography-electrospray 
ionization spectrometry. Purified peptides were diluted to 0.5 µM with 0.1 % formic acid. 1 uL 
(500 fmol) of each peptide was injected on an Acclaim PepMap RSLC C18 column (Thermo 
Fisher Scientific) using a Dionex UtiliMate 3000 HPLC (Thermo Fisher Scientific) at a flow rate 
of 0.3 µL/min, connected in-line to an Orbitrap Fusion mass spectrometer (Thermo Fisher 
Scientific). Instrument method parameters were as follows: MS1 resolution: 60,000 at 400 m/z; 
scan range: 300−1500 m/z. The most abundant ions (top speed at n=3 seconds) were subjected to 
higher-energy collision induced dissociation (HCD), collision induced dissociation (CID), and 
electron transfer dissociation (ETD). HCD parameters: 30% normalized collision energy; CID 
parameters: activation q 0.25, 35% normalized collision energy; ETD parameters: calibrated 
ETD reaction times, AGC reagent target at 1e5. For all MS2s, isolation width was set at 2 m/z. 
Dynamic exclusion was enabled with a repeat count of 3, a repeat duration of 10 seconds, and an 
exclusion duration of 10 seconds. Data analysis was accomplished using Xcalibur software 



 
 

78 
 

(Thermo Fisher Scientific). All peptide sequences were manually validated; see annotated high-
resolution mass spectra in Appendix. 

 

Anaerobic reconstitution of FGE with Cu(I) 

Solutions of enzyme and buffer were transferred into an anaerobic glovebox under N2 
atmosphere to equilibrate overnight. To remove DTT and adjust pH, FGE was exchanged from 
storage buffer into 50 mM Tris-HCl pH 9.0, 0.5 M NaCl, 10% glycerol (v/v) using pre-
equilibrated Bio-Spin 6 buffer exchange spin columns (Bio-Rad Laboratories). Exchanged 
protein was instead reconstituted at 4 °C in pH 9.0 buffer with 1:1 FGE:Cu(I) at a final 
concentration of 0.5 mM each using a freshly prepared 10 mM Cu(MeCN)4+PF6– stock in 
anhydrous MeCN. A second buffer exchange step removed unbound Cu(I) and MeCN. FGE was 
concentrated as necessary using 10 kDa molecular weight cutoff spin filters (EMD Millipore). 
This procedure yielded Cu(I)-scFGE with 98-99 mol % copper as measured by the colorimetric 
biquinoline assay. 50  

 

Stopped-flow UV/vis spectroscopy 

Solutions of 1:1 Cu(I)-scFGE:substrate (ES) complex (200 µM each) were formed by mixing in 
the glovebox under N2 atmosphere in 50 mM Tris-HCl pH 9.0, 0.5 M NaCl, 10% glycerol (v/v) 
buffer. ES complex (Syringe 1) and O2-saturated pH 9.0 buffer (at 25 °C,  approximately 1320 
µM, Syringe 2) were loaded into gastight glass syringes (Hamilton) and fitted with sealed 3-way 
stopcocks to contain dissolved N2 and O2 respectively. Syringes 1 and 2 were transferred into a 
glovebox under argon atmosphere containing an SX-20 stopped-flow UV/vis spectrophotometer 
(Applied Photophysics), and mounted onto the instrument. UV/vis spectra were collected with a 
photodiode array detector following a mixing deadtime of approximately 5 ms. All stopped-flow 
UV/vis experiments were performed at 4 °C, maintained by a chilled recirculating bath. 

 

Rapid freeze-quench sample preparation 

In order to remove O2 from the rapid mixing instrument, the solvent lines were incubated with a 
solution of Na2S2O4 for 45 minutes. Excess Na2S2O4 was removed by flushing with gastight 
syringes of air-free 50 mM Tris-HCl pH 9.0, 0.5 M NaCl, 10% glycerol (v/v) buffer. Next, 
anaerobic Cu(I)-scFGE:scP14 complex (1:1, 750 µM each) and O2-saturated buffer (at 4 °C, 
approximately 2.19 mM) were prepared separately in pH 9.0 buffer, loaded into gastight 
syringes, and mounted on a computer-controlled RQF-3 rapid mixing instrument (Kintek 
Corporation). For single-turnover kinetic assays, syringes 1 and 2 were combined to react for a 
programmed mixing time and ejected into a vessel containing a quench solution of HCl at a final 
concentration of 100 mM. Product formation in acid-quenched reactions was measured by 
HPLC. All rapid mixing experiments were performed at 4 °C, maintained by a chilled 
recirculating bath. 
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Enzyme activity assays 

Peptide stock concentrations were measured by absorbance using published extinction 
coefficients: H-scP14/D2-scP14, ε280 = 1280 M-1cm-1; Cys-scP15/Sec-scP15, ε350 = 15800 M-

1cm-1.51-52 All reactions were done in 1.5 mL tubes on a temperature controlled Thermomixer R 
(Eppendorf) with shaking at 1000 RPM. Steady-state activity assays were run as previously 
described at 25 °C  and contained: 25 mM triethanolamine (TEAM) buffer pH 9.0, 2-90 µM H-
scP14/D2-scP14 peptides, 2 mM DTT, and 0.1 µM Cu(I)-loaded scFGE. To determine pH-rate 
profile, activity was measured as the amount of product formed after 10 min in reactions 
containing: 1 µM scFGE, 100 µM substrate, 25 mM TEAM buffer pH 6.0-10.0, 2 mM DTT at 
25 °C. All reactions were quenched to a final concentration of 100 mM HCl and 100 uL was 
injected on an Agilent 1200 HPLC connected in-line to a diode array detector. A C18 poroshell 
column (Agilent Technologies) was used to resolve product (fGly peptide) and starting material 
(Cys peptide) with a gradient of 0-50% MeCN/water + 0.1% TFA. Percent conversion was 
calculated by integrating product and starting material absorbance at 280 nm. For determination 
of kcat and KM, the linear initial reaction rates (an average of 5 time point aliquots done in at least 
duplicate) for each substrate concentration were fit to the Michaelis-Menten equation using 
SigmaPlot software (Systat): vo = 

Vmax*[S]
KM + S  

Molecular docking and density functional theory computations 

The Maestro 11 modeling environment (Schrödinger) was used to generate a docked structure of 
scFGE containing Cu and a short peptide substrate (Ac-LCTPAR-NH2) with the Glide docking 
tool. Calculations on Cu(I)-scFGE were performed with the B3LYP functional and 6-311g 
supplemented with two sets of d functions on heavy atoms and 1 set of p functions on hydrogens 
as implemented in Gaussian 09. Optimizations were performed in water using the Gaussian 
keyword ‘scrf=(solvent=water)’ in the input line. The starting model was prepared using the 
crystal structure of Cu-scFGE. The optimization calculations included residues in the primary 
coordination sphere [Cys272, Cys277, and Cu] and secondary coordination sphere [Asp274, 
Arg279, Trp234, Ser269, Tyr276].  All residues were truncated at the Cα-carbons, and were 
capped with methyl groups to maintain the charge of the model. All second sphere residues were 
frozen in space, with the exception of the protons of Ser6269 and Tyr276. The two active site 
Cys residues were allowed to optimize, with the methyl caps fixed in space to mimic the 
constraints of the protein backbone. DFT calculations of the Cu(I)-scFGE:substrate docked 
complex were performed with the B3LYP functional and 6-311g(2d,p) as implemented in 
Gaussian 09. Optimizations were performed in water using the Gaussian keyword 
‘scrf=(solvent=water)’ in the input line. The active site cysteine residues (Cys272, Cys277), 
copper atom, and 6-mer peptide substrate (Ac-LCTPAR-NH2) were included. The active site Cys 
residues were truncated at the Cα-carbons, which were then converted to methyl caps. One YH-
atom from each of the methyl groups of the active site Cys residues were frozen in space to 
mimic the constraints of the protein backbone. All residues except the substrate Cys were frozen 
in space and not allowed to freely optimize. 
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X-ray absorption spectroscopy 

Solutions of Cu(I)-scFGE and Cu(I)-scFGE:scP14 were prepared anaerobically as described in 
text. The samples were loaded into delrin XAS cells with 38 μm Kapton windows, removed from 
the glovebox, and immediately frozen and stored in liquid N2 until analysis. The Cu K-edge X-
ray absorption spectroscopy (XAS) was conducted at the Stanford Synchrotron Radiation 
Lightsource (SSRL) on the focused 16-pole, 2 T wiggler side-station beam line 9-3 under storage 
ring parameters of 3 GeV and ~500 mA. A Si(220) double-crystal monochromator was used for 
energy selection. A Rh-coated pre-monochromator mirror was used for harmonic rejection and 
vertical collimation, and a cylindrical Rh-coated post-monochromator mirror was used for beam 
focusing. The samples were maintained at a constant temperature of ~10 K during data collection 
using an Oxford Instruments CF 1208 liquid helium cryostat. A Canberra 100-element Ge 
monolith solid-state detector and soller slits equipped with a Ni filter were used to collect Cu Kα 
fluorescence data. Internal energy calibration was accomplished by simultaneous measurement 
of the transmission of a Cu foil placed between two ionization chambers situated after the 
sample. The first inflection point of the foil spectrum was assigned to 8980.3 eV. The extended 
X-ray absorption fine structure (EXAFS) data are reported to k = 12.8 Å-1 in order to avoid 
interference from the Zn K-edge. Photodamage was not observed during the course of data 
collection. The EXAFS data presented here are 5-scan average spectrum collected over three 
fresh sample positions and 12-scan average spectrum collected over six fresh sample positions 
for Cu(I)-FGE and Cu(I)-scFGE:scP14. Background subtraction and normalization of the data 
were performed using PySpline (Stanford Linear Accelerator Center). The data were processed 
by fitting a second-order polynomial to the pre-edge region and subtracting this from the entire 
spectrum as a background. A three-region polynomial spline of orders 2, 3, and 3 was used to 
model the smoothly decaying post-edge region. The data were normalized by scaling the spline 
function to an edge jump of 1.0 at 9000 eV. The EXAFS curve-fitting analysis program OPT in 
EXAFSPAK (George, G. N. Stanford Synchrotron Radiation Laboratory: Stanford, CA, 2000) 
was used to fit the EXAFS data. The theoretical phase and amplitude functions were generated 
by FEFF (version 7.0, University of Washington). A starting structural model was obtained from 
the crystal structure. During the fitting process, the bond distance (R) and the mean-square 
thermal and static deviation in R (σ2), which is related to the Debye-Waller factor, were allowed 
to vary. The threshold energy (E0), the point at which the photoelectron wave vector k is 0, was 
also allowed to vary but was constrained as a common value for all components in a given fit. 
The amplitude reduction factor (S02) was fixed to a value of 1.0 and the coordination numbers 
(N) were systematically varied to achieve the best fit to the EXAFS data and their Fourier 
transforms (FTs). Use of the Stanford Synchrotron Radiation Lightsource, SLAC National 
Accelerator Laboratory, is supported by the U.S. Department of Energy, Office of Science and 
Office of Basic Energy Sciences under Contract No. DE-AC02-76SF00515. The SSRL 
Structural Molecular Biology Program is supported by the DOE Office of Biological and 
Environmental Research, and by the National Institutes of Health, National Institute of General 
Medical Sciences (including P41GM103393). The contents of this publication are solely the 
responsibility of the authors and do not necessarily represent the official views of NIGMS or 
NIH. 
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Appendix 

High-resolution mass spectra, and 1H, 13C NMR spectra
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