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ABSTRACT OF THE DISSERTATION

Design and Development of Integrated Multi–Modal Scanning Probe
Micrscopy for Structure–Function Imaging of Ion Channels and

Receptors

by

Brian Richard Meckes

Doctor of Philosophy in Bioengineering

University of California, San Diego, 2015

Professor Ratnesh Lal, Chair

Understanding cellular behavior and tissue organization requires a deeper

understanding of nanoscale structure and activity of proteins and biomacro-

molecules, including channels and receptors that act as messengers connecting

the cell to its surrounding. Channels and receptors respond to a wide variety of

electrical, chemical, and mechanical stimuli to facilitate cellular homeostasis, com-

munication, migration, and survival. Ion channels facilitate the passage of ions and

metabolites across cellular membranes and are visualized by high-resolution 3D

imaging techniques, which include EM and scanning probe microscopies, such as

atomic force microscopy (AFM) and scanning ion conductance microscopy (SICM).
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However, the current imaging techniques are unable to obtain the intertwined di-

rect relationships between structure and electrical activity of ion channels. My

work is dedicated to designing and implementing such an integrated system. This

dissertation describes the details about different novel AFM–based nanotechnolo-

gies designed and developed for simultaneous structure–activity imaging of various

electrically active biological systems. First, a novel AFM probe was developed

by insulating tungsten micro-wires, which can measure electrical activity at the

nanoscale. These probes, coated in gold, were used to image the structure of

Escherichia coli that surface express mutants of the redox active enzyme, alcohol

dehydrogenase II. Simultaneous structure–function imaging of the bacteria cells re-

vealed improved electron transfer when mediators were placed closer to the NADH

binding pocket. Second, a two–chamber system mimicking biological membranes

(∼5 nm thick) that enables the imaging of ion channel proteins in lipid membrane

models was developed. The two chambers were separated by a 5 nm thick in-

sulated graphene sheet deposited over a 1 µm hole. A TEM was used to drill a

∼20 nm pore. The substrate supports lipid membranes for measuring electrical

activity. Third, AFM was used to image cell–surround communication channels

(Connexin26 hemichannels) in purified membrane plaques as well as in reconsti-

tuted lipid membranes revealing channel clustering in high-resolution images. The

electrical activity of these hemichannel preparations were then recorded when de-

posited over the nanopore supports for initial simultaneous electrical recording and

imaging. Lastly, the design and development of a parallel SICM–array capable of

simultaneous multi-point high-throughput nanoscale imaging was realized.

xix



Introduction

The human body is a macro-to-nano multiscale functional assembly of or-

gans, tissues, cells, and subcellular complexes. At each scale, the combined ef-

fects of biochemical and biophysical interactions operate to ultimately determine

the overall health and well-being of humans. This thesis explores this biological

frontier at the nanoscale, the length scale of fundamental building blocks, like pro-

teins and their macromolecular complexes, including channels and receptors. The

nanoscale structure and activity of channels and receptors ultimately drives living

systems from embryogenesis to death. Channels and receptors operate by altering

their structural conformation that regulates their activity to promote a multitude

of cellular behaviors, including cell proliferation, migration, communication, and

even cell death. Understanding the changes in and function of ion channel con-

formation and activity in its native environments in real-time is paramount to

determining their role in health and disease. However, much of our understanding

of the structure of ion channels is acquired in static systems, which are physio-

logically limited. Moreover, these static methods rarely allow correlated studies

of structure and activity simultaneously. This prohibits a more detailed under-

standing of biological systems as the structural conformation and activity of these

macromolecules are intrinsically dependent and essential to human life.

To better understand the role of ion channels in health and disease, simulta-

neous examination of the activity and structure of ion channels is necessary. This

requires the development of novel enabling tools that can operate at the nanoscale

and image samples in an active, physiologically–relevant environment. I present re-

search and development of novel nanotechnologies for integrated and multi-modal

scanning probe microscopy, a non-electromagnetic imaging technology that relies

1
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on the interaction between a cantilever tip and the sample surface to map the

surface topography. The nanotechnologies developed herein enable simultaneous

imaging of nanostructure while recording the activity of enzymes and ion channels.

The objective of this thesis was as to create novel nanotechnologies for

simultaneous imaging of structure and activity recording of biomacromolecular

complexes by developing upon the nanoscale imaging capabilities of atomic force

microscopy. Chapter 2 focuses on the design and development of an AFM con-

ducting cantilever probe that is insulated everywhere except the tip apex that

allows highly sensitive recording of electrical activity. This novel cantilever probe

was utilized to image the structure of nanoporous materials. Chapter 3 focuses

on the use of the conducting probe to image and record the electrical activity of

bacteria designed for improved bioelectronics. In Chapter 4, AFM was utilized to

image purified connexin26 hemichannels, a class of ion channel proteins, that were

expresed in insect cell plasma membranes, as well as reconstituted in liposomes

that were deposited as bilayers. Chapter 5 focuses on another development, a

two–chamber system for simultaneous structural imaging and electrical recording

of biomolecules within active membrane models. This system utilizes a graphene

membrane that contains a single nanopore that supports simultaneous imaging and

recording. Chapter 6 describes current progress in the use of the graphene-based

nanoporous substrate for imaging and recording of connexin26 hemichannel activ-

ity. Lastly, chapter 7 describes the design and fabrication of parallel AFM-based

technology for simultaneous multipoint imaging.



Chapter 1

Background

1.1 Scanning Probe Microscopy

Scanning probe microscopy (SPM) was first invented with scanning tun-

neling microscopy (STM) in 1981 [1]. The operation of STM is based upon the

principle of quantum tunneling, which depends on the distance between a sharp

conducting probe and a surface. The development of this microscope enabled imag-

ing of nanoscale structures and molecules on a conducting surface. This principle

was later expanded upon by the development of new SPMs, such as atomic force

microscopy (AFM) [2], scanning ion conductance microscopy (SICM)[3], scanning

electrochemical microscopy (SECM) [4], along with many more [5, 6].

1.2 Atomic Force Microscopy

1.2.1 Principles of Imaging

AFM is a high resolution SPM capable of imaging in air as well as liquid

environments [7]. Unlike STM, which requires a voltage bias between the sample

and imaging probe, AFM relies soley on the physical interaction between a nano–

sharp tip at the end of a cantilever beam and a surface. The interaction between the

tip and the surface is a combination of attractive and repulsive forces, including Van

Der Waals interactions, solvation forces, capillary forces, electrostatic forces, and

3
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Pauli repulsion. The combination of these forces that occur between the tip and

the surface can be described by the Lennard–Jones potential, which summarizes

the interactive force to be dependent on distance, r, as attractive forces occur at

larger distances and repulsive forces at close proximity.

VLJ = 4ε
[(

σ
r

)12 −
(
σ
r

)6
]

In the equation, r is the distance between atoms and σ is the distance where the

sum interaction potential is zero. ε is the depth of the potential well. In AFM,

as the tip approaches the surface, a repulsive force occurs between the tip and the

surface resulting in deflection of the cantilever. The deflection of the cantilever is

governed by Hooke’s law where the force, F , is proportional to the deflection, x,

and the spring constant of the cantilever k.

F = −kx

The interaction force between the cantilever and the sample surface can be directly

measured by monitoring the deflection of the cantilever through either optical,

piezoresistive/piezoelectric, or capacitance read-out systems (Figure 1.1) [8, 9, 10].

1.2.2 Imaging Modes

AFM imaging can be performed utilizing different feedback modes that al-

low for control over the force applied to the surface. Briefly, the two most common

modes of imaging, contact and tapping mode are explained. Contact mode oper-

ates by maintaining a constant cantilever deflection, i.e. a constant force, during

imaging. Tapping mode or intermittent contact mode is performed by vibrating

the cantilever at its resonant frequency. As the cantilever tip approaches the sur-

face, the amplitude of the vibrations are dampened. During imaging, a constant

amplitude of vibration is maintained [11]. To maintain a constant deflection or

amplitude of vibration for the cantilever, a feedback system is used consisting of

a piezoelectric tube that adjusts the distance between the sample and the probe

while also performing raster scans across the surface (Figure 1.1).

In addition to imaging, AFM can also be used to measure the mechanical

properties of a materials by nanoindentation [12, 13, 14]. A series of indentations
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are performed on different locations on the material. Each indentation results

in a cantilever deflection–distance curve that can be fit to different contact mod-

els depending on tip geometry and substrate thickness to determine the Young’s

modulus, E, of the material being probed. This feature allows for mapping the

spatially dependent mechanical properties of a surface at the nanoscale.

1.2.3 Imaging Resolution and Applications

AFM, unlike other imaging technologies utilized in biological sciences, such

as electron microscopy, x-ray diffraction, and x-ray crystallography, allows high

resolution imaging of samples in active aqueous environments at the 1–2 nm scale.

The spatial resolution of the AFM is limited by the size of a defect on the tip, which

allows structures smaller than the tip radius to be observed. Unlike electromag-

netic imaging techniques, the resolution of AFM is limited by the instrumentation

and not the wavelength of the radiation source. Limitations of the instrumentation

include the piezo-electric scanner, the cantilever deflection detection (a photodi-

ode and laser in most commercial technologies), and the cantilever properties. In

addition, the noise in the system, including mechanical vibrations, electrical (60

Hz noise and Johnson–Nyquist Noise), and thermal motion could affect the AFM

performance [15]. AFM has been successfully used to image crystalline materials

that are <1 nm in structure [16, 17]. Non–crystalline materials including single

molecules have also been imaged at sub-nanometer resolution [18]. Biological ma-

terials, such as individual lipid head groups as well as protein subunit structures

have been imaged using AFM [19, 20, 21, 22, 23]. However, AFM imaging of biolog-

ical samples often pose a slight challenge due to the presence of fluid, temperature

requirements, and mobility of the sample.

The temporal resolution of AFM is heavily dependent on the properties of

the cantilever, instrument, and spatial resolution. Newly developed AFM models

can capture single images in ∼1 s, while more traditional AFMs perform a high

resolution imaging on the scale of minutes. High-speed AFM imaging requires

smaller cantilevers as reducing the length of the cantilever is the only means to

keep the spring constant small while increasing the resonant frequency [24, 25].
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Integrated piezoelectric actuators on the cantilever can also achieve high speed

imaging by circumventing the long response times of the piezotube [26].

AFM has been successfully utilized to study a broad range of solid state

and biological materials. Cells and tissue have been successfully imaged in fluids

mimicking physiological conditions [12, 27, 13, 28]. Membrane bound structures,

such as receptors and ion channels, have been observed in active systems [29,

30, 21, 31]. Real-time conformational changes in ion channel structure, as well

as mechanical properties of ion channels, have been imaged using AFM [21, 32].

Due to the open architecture of the AFM, it can be easily modified to enable

simultaneous imaging of spatially localized conducting and thermal properties of

materials [33, 34, 35].

1.3 Scanning Ion Conductance Microscopy

1.3.1 Principles of Imaging

The scanning ion conductance microscope (SICM), like AFM, is a type of

SPM, but does not rely on any physical interaction between the imaging probe and

the surface. The technique is fully non–contact and –destructive. The topography

of a surface is generated by mapping localized measurements of ionic conductance.

A probe is utilized with a small conducting region located at the apex of the

probe tip. A counter electrode is then present in the conducting medium (Figure

1.2 A). At large distances from probe tip to sample, the bulk current is measured.

However, as the probe approaches the surface, there is limited access of ions to the

conducting tip region, which reduces the ionic current (Figure 1.2 B–C).

1.3.2 Imaging Modes

Imaging with SICM is performed by modulating the current. It can operate

in a DC mode, where the probe scans at a constant current maintained using a

feedback system that controls the distance between the probe and surface. AC

mode, which is analogous to tapping mode in AFM, can also be performed by
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vibrating the tip at a constant amplitude and measuring the root mean square

current (irms) while maintaining a constant rms value during imaging.

1.3.3 Resolution and Applications

The resolution of SICM is limited by the diameter of the imaging electrode

opening on the probe. Additionally, the electrical noise, especially the Johnson–

Nyquist noise, limits the resolution. SICM has been used to successfully image the

structure of pores of various sizes [36, 37, 38, 39, 40, 34].

It has been cobmined with AFM for simultaneous topography mapping

with ion sensing. However, high-resolution imaging has proven to be non-trivial in

practice as the non-conducting coatings often have micro-fissures allowing leakage

currents to pass[41, 42, 43]. This has limited the resolution of the probes, and thus

has not been successful in the study of small ion channels with nanometer-size pore

diameters.

SICM has also been utilized to image biological samples due to its non-

destructive nature as it can operate in non-contact modes and identify pores that

are conducting [34, 44, 45]. SICM has been used effectively to non-destructively

image pores within suspended lipid bilayers [36]. It has also been used in whole

cell imaging for identifying single ion channels, but with limited resolution, such

that the structure and conformation could not be observed [46].

1.4 Ion Channel Proteins

Ion channels are an important class of proteins that regulate cellular home-

ostasis by controlling the flow of ions in and out of cells. These proteins are

located in the plasma membrane of cells and are barrel in shape, hence an open-

ended channel through which ions flow. The activity of ion channels is regulated

by different conformational states that control the flow of ions through the protein

in response to a variety of stimuli, including ligand binding and changes in volt-

age, light, temperature, and ionic concentrations. Ion channels affect the behavior

of cells and tissues, either directly or indirectly, by translating upstream signals
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to downstream pathways. Abnormal channel conformations and activities play

an important role in drug addiction and substance abuse mediated cell death, as

well as in the pathogenic processes of several neurodegenerative disorders includ-

ing Alzheimer’s disease and Parkinson’s diseases [29]. Additionally, an important

behavior of ion channels and receptors is clustering, which has been observed in

AFM studies [7, 31]. This phenomena can result in altered activity of individual

ion channels due to the organization and behavior of ion channel ensembles.

1.5 Gap Junction Channels and Hemichannels

1.5.1 Structure

Classically, gap junction (GJ) channels are a subset of ion channel proteins

that span the plasma membranes of apposing cells that have docked together (For

a thorough review of gap junction channels [47]). The structure of the gap junction

was first elucidated through x-ray diffraction studies that determined the size of the

gap between the two membranes connected by a channel, which was found to be

∼2 nm (Figure 1.3) [48]. Each channel is a hexamer composed of subunits, termed

connexins (Cx). Each subunit of a hemichannel is composed of 4 transmembrane

regions resulting in two extracellular loops, one intercellular loop, and both the C–

and N–termini being located intracellularly. These structures are conserved across

mammalian species. Each hexamer can form a physiologically active and unique

single membrane channel referred to as a hemichannel (HC) (Figure 1.4).

Cx subunits are categorized by the molecular weight of the proteins, e.g. the

Cx weighing 26 KDa is named Cx26. The N–termini, transmembrane regions,

and intracellular and exctracullular loops are largely conserved between Cx family

proteins. The increased size of the proteins is reflected in the length of the C–

terminal strand, which functions to bind other intracellular proteins in forming

larger assemblies and performing regulatory functions. This region is less rigid

making direct visualization of the cytoplasmic faces of larger connexin species more

difficult with techniques like AFM [49]. The Cxs can also be classified into other

broad categories based on their sequence homology. Cxs with similar sequence
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homology are capable of forming heteromeric and heterotypic structures where

two different sized Cx proteins form part of hexamer, or two different hexamer

composed of different Cx subunits dock to form a GJ channel [50, 51, 52].

GJ channels and HCs have shown clustering behavior. In the case of GJ

channels, the clustering is driven by physical the properties of the membranes and

minimization of energy [53, 54]. The activity of GJ channels appears to show

cooperative behavior, which is dependent on the clustering properties. Activity

of gap junction channels only occurs in large clusters when coupling two cells

with Cx43 [55]. The activity of the channels is focused on the central regions of

the cluster, while much smaller activity occurs in the periphery. However, the

mechanism for the activity is not defined.

1.5.2 Function in Health and Disease

In humans, Cx proteins are found in nearly all cell types due to their im-

portance in cell–cell communication, and ionic and metabolic homeostasis through

shared electrical and chemical signals [56, 57]. GJ channels effectively couple cells

together allowing for flow of ions, metabolites, and other small molecules between

two cells. They are particularly critical during embryonic development as the

formation of GJs facilitates cell differentiation during development [58, 59]. GJ

channels have been shown to play critical roles in cell death through the passage

of apoptotic signals between damaged or diseased cells [60, 61].

The activity and regulation of Cx HCs channels remain controversial be-

cause their properties are poorly understood under physiological conditions. How-

ever, several studies show that HCs play an important functional role in many cell

types [62, 63, 64]. For example, Cx43, the most ubiquitous Cx, has been shown

to form functional HCs in cardiac tissues in clusters [65]. The activity of other

Cx HCs have also been shown in artificial systems through dye transfer assays, for

Cx26 and Cx32 [66, 67]. Cellular volume can be controlled through the opening and

closing of HCs, thus could affect a broad range of cellular functions and responses

[30]. HCs have been linked with release of neurotransmitters and nucleotides such

as ATP [62]. Structural evidence of HC function has been gathered using AFM
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imaging [65, 68, 21]. HC conformation undergoes changes in response to stimuli

such as Voltage, Ca2+, pH, calmodulin, and phosphorylation [69, 68, 21, 70].

HCs play a functional role in cell death due to oxidative stress-induced

apoptosis, which is involved in several pathologies associated with smoking as well

as neurodegenerative diseases, such as Parkinson’s disease and Alzheimer’s disease

[71, 72, 73, 74]. It is proposed that smoking causes cells to produce metabolites that

can alter the membrane potential. This can result in changes to the membrane

fluidity which in turn alter the activity of the HCs [74]. Altering the opening

and closing kinetics of individual HCs can disrupt ionic homeostasis resulting in

abnormal cell function [30]. Increased levels, or buildup, of Ca2+ inside the cells

can activate signaling pathways, including kinases, calmodulin, and other cellular

second messengers that lead to necrotic or apoptotic cell degeneration and death

[75, 76, 77].

1.5.3 Connexin26

Part of the research in this thesis focuses on Cx26, the smallest connexin

expressed in humans. Its smaller size makes it more stable and less susceptible

to protease activity, which allows the cytoplasmic surfaces of the protein to be

imaged. The structure of the protein has also been well studied with techniques

that include x-ray crystallography, electron microscopy, AFM, and x-ray diffraction

[78, 79, 48, 80, 69].

While the structure is well defined in GJs, the activity and the structure

of HCs is much less understood. Due to the disorder of the clusters and lack of

superstructure, HCs are difficult to identify and image in native and quasi–native

environments. The electrophysiology of Cx26 HCs is only partially understood.

Multiple conductance states have been reported for the protein with very large

(∼300 pS) conductance reported for some proteins while the structural differences

between these conductance states are not defined [81, 82]. The structures and

modulating factors that account for the variation in the conductance state are not

understood.

In addition to the unique and complicated structural and electrophysiologi-
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cal properties of Cx26, they also play many important physiological roles in health

and disease. Mutations in the gjbeta2 gene, which encodes for Cx26, is a cause of

neonatal non-syndromic and syndromic deafness as well as thickening of the skin

in hands and feet [83, 84]. Mutations in this gene result in a loss of function in GJ

channels, which appears to be due to changes in the pore structure of the protein

resulting in alterred passage of metabolites and ions [83, 85, 86, 87]. Increasing our

understanding of the structure and activity of Cx26 can help provide new avenues

for therapeutic intervention.
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Figure 1.1: AFM Schematic. A laser is reflected off the end of the cantilever
and is incident on a 4–quadrant photodiode. The photodiode reports the deflection
of the cantilever as it interacts with the sample surface. The piezoelectric scanner
moves the sample laterally in a raster scanning motion, while providing modula-
tion of the height of the sample during imaging to maintain a constant force as
determined by the cantilever deflection.
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Figure 1.2: Schematic of SICM Operation. (A) The ionic currents are
measured with a glass micropipette containing an Ag/AgCl electrode. An Ag/AgCl
bath electrode acts as the counter electrode. The current is then measured between
the two electrodes as the pipette scans across the surface. A constant current is
maintained during imaging to map the surface topography. (B) At far distance
sfrom the surface, the bulk conductance is observed by the micropipette electrode.
(C) At close proximty to the surface, the flow of ions to the probe is restricted
resulting in a reduced observed current.
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Figure 1.3: Structure and Architecture of Gap Junction. A gap junc-
tion consists of connexin hemichannels that have docked together in the plasma
membrane of two apposing cells. The channels assemble to form a 2D crystalline
structure in the lipid membrane. The separation distance of the two bilayers is
maintained at ∼2 nm with pore to pore lattice spacing of the channels of ∼ 9 nm.
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Figure 1.4: Electron Density Projections of Cx26. A series of density
maps are shown, including a tilt view (A) as well as the cytoplasmic (B) and
extracellular (C) faces of a hemichannel.
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Figure 1.5: A model of oxidative stress induced apoptosis mediated by
hemichannel. Adapted from [74]



Chapter 2

Insulated Conducting Cantilevered

Nanotips and Two-Chamber

Recording System for High

Resolution Ion Sensing AFM

2.1 Abstract

Biological membranes contain ion channels, which are nanoscale pores al-

lowing controlled ionic transport and mediating key biological functions underly-

ing normal/abnormal living. Synthetic membranes with defined pores are being

developed to control various processes, including filtration of pollutants, charge

transport for energy storage, and separation of fluids and molecules. Although

ionic transport (currents) can be measured with single channel resolution, imag-

ing their structure and ionic currents simultaneously is difficult. Atomic force

microscopy enables high resolution imaging of nanoscale structures and can be

modified to measure ionic currents simultaneously. Moreover, the ionic currents

can also be used to image structures. A simple method for fabricating conducting

AFM cantilevers to image pore structures at high resolution is reported. Tungsten

microwires with nanoscale tips are insulated except at the apex. This allows si-

17
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multaneous imaging via cantilever deflections in normal AFM force feedback mode

as well as measuring localized ionic currents. These novel probes measure ionic

currents as small as picoampere while providing nanoscale spatial resolution sur-

face topography and is suitable for measuring ionic currents and conductance of

biological ion channels.

2.2 Introduction

Nanoscale transport of ionic species plays an essential role in determining

the properties of biological as well as synthetic systems. In biological systems, ionic

currents are primarily transported through the controlled activity of membrane

pores called ion channels. Currently, ionic currents through individual channels

are measured with the patch clamp technique and the 3D structures are imaged

with EM, X-ray diffraction, and AFM. However, there is no technique available

for simultaneous study of single channel structure and activity. Atomic force mi-

croscopy [2] (AFM) allows high resolution 3D imaging using the probe-sample in-

teraction force as a feedback signal. Scanning ion conductance microscopy (SICM),

a variant of AFM, allows high resolution microscopy utilizing ionic current between

a conducting probe and a reference electrode as the feedback signal [3]. Scanning

electrochemical microscopy (SECM), another variation of AFM, uses electrochem-

ical current gradients for positioning [4]. All of these imaging modalities allow for

non-contact, non-destructive structural imaging and measurement of the localized

currents in fluid, a necessity for studying native biological systems, including ion

channels and receptors [36, 88, 89, 45, 44, 90].

SICM and SECM usually do not have the force feedback control of an AFM.

In order to image the surface topography of, and the currents through, an ion chan-

nel, SICM was originally combined with AFM to study porous membrane topogra-

phy with force feedback modes of AFM, while simultaneously measuring the ionic

current passing through the micro-porous membrane [34, 91]. This approach was

further expanded for the study of the transport of electrochemically active species

through pores while measuring the membrane structure [43, 40, 38]. In this com-
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bined AFM-SICM, the probes utilized were created from glass pipettes that allowed

localized ionic current measurements. However, the size of the pipette-tip was too

large (>30 nm) to provide single channel resolution. For high resolution ionic

current measurement and 3D imaging, the cantilever probes require a nanoscale

conducting tip apex while the remainder of the probe is fully insulated from ions,

such as in insulated wires [43, 41], and microfabricated probes [40, 92, 93]. Wire

cantilevers offer the benefit of simple fabrication compared to microfabricated or

glass pipette AFM cantilevers. Tungsten wires have been utilized in extracellular

as well as intracellular neural recording and STM imaging due to their strength

and electrochemical properties that allow for fine etching of the tip [94, 95]. Sig-

nificantly, tungsten wire electrodes insulated with non-conducting coating except

for 3–5 micrometer of the conducting tip, called Solid-Conductor Intracellular Na-

noElectrodes (SCINEs), have been used to record intracellular neuronal action

potential (AP) as well as subthreshold currents with 10 kHz temporal resolution

[96]. However, the large conducting region of the wire electrodes reduces its elec-

trical current sensitivity - currently available wire electrodes measure currents too

large for recording single ion channel current and conductance, which is usually in

picoamperes (pA) for biologically relevant potential differences.

Here, we present a simplified method for fabrication of tungsten wire AFM

probes capable of high resolution imaging of the structure of, and very low (pA)

ionic currents through pores. These tungsten probes were coated with non-

conducting materials except for a nanoscale area on probe apex in order to record

small ionic currents flowing through the pores. In addition, we also designed a two

chamber electrical recording and molecular transport system for imaging currents

passing through micro– and nano–porous membranes. Topography of 20 nm pores

was successfully imaged while simultaneously measuring localized pA currents us-

ing this system. This approach allows for probes that can be integrated with any

AFM system for high resolution structure–activity imaging of biomolecules.
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2.3 Methods

Tungsten wires coated in Epoxylite with 40 µm shafts etched over 5 mm

were purchased from FHC (Bowdoin, ME). All experiments were performed in

Dubecco’s phosphate buffered saline obtained from Cellgro (Manassas, VA).

2.3.1 Probe Fabrication

Tungsten wires coated in Epoxylite were prepared and attached to a custom

fabricated support chip with inert, non-water soluble Two Ton Epoxy (Devcon,

Danvers, MA). The preinsulation of the wires along with the epoxy prevent currents

from leaking from the wire to the steel support chip (2 mm × 1 mm × 2 mm)

(Figure 1A). The wires were attached such that the sharp end of the wire overhung

the edge of the support chip by 2.5 mm. After drying overnight, the wires were

bent with tweezers to create a tip for AFM imaging with a tip length of 0.5 mm

creating a cantilever of 2 mm. The cantilevers were then reinsulated through three

coatings with Clearclad electro-deposition paint (Clearclad Coating Inc, Harvey,

Il). Each coating was performed with 30 s of deposition at 10 V followed by 20

min of baking at 160 ◦C with the tip pointing upward to prevent insulating the

apex. Mirrors for laser detection in AFM were fabricated by sputtering gold onto

a silicon substrate with a DC magnetron sputter to a thickness of 200 nm. Gold

was then attached to the bend of the cantilever with a single drop of Two Ton

Epoxy.

2.3.2 Two–chamber AFM Setup

A two–chamber AFM setup was designed and implemented for measuring

electrical currents through porous membranes. The two-chamber system consists

of a bottom cup constructed from polycarbonate (Lexan) and a top cup (also

polycarbonate) with a hole for ions to pass between the bottom cup to the top

cup. A silver wire, electroplated with 1 M KCl at 1 V for 5 min, functioned as the

Ag/AgCl reference electrode that was inserted into two-chamber AFM through a

small hole in the bottom cup. Anodic aluminum oxide (AAO) membranes (dpore
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= 20 nm) (Synkera, Longmont, CO) and track-etched polycarbonate filters (dpore
= 0.8 µm) (Whatman, UK) were used in imaging experiments. AAO membranes

were fixed with vacuum grease to a silicon substrate with a 200 µm square pore

(App Nano, CA). The silicon substrate with the membrane was attached with

vacuum grease over the hole connecting the two–chambers and PBS was added

above and below the membrane.

2.3.3 AFM Imaging

A multimode AFM equipped with a Nanoscope IVa controller and a fluid

cell (all from Bruker, Santa Barbara, CA) was used to image the AAO membrane

in tapping mode. The bath electrode and the tip were connected to a patch clamp

amplifier (Dagan, Minneapolis, MN) for simultaneous recording of ionic currents

passing through the membrane. The currents were passed into the AFM controller

for plotting of the data collected in current recording. Slow scan rates of 0.1–1

Hz along with a 20 Hz lowpass filter were used in all imaging to reduce noise.

All electrical recording was performed in a homemade Faraday cage to eliminate

noise. Images were processed following imaging using Nanoscope Analysis Version

1.40 (Bruker, Santa Barbara, CA). All images were flattened and lowpass filtered

gaussian filter of 10 pixels in the horizontal and vertical axis.

2.3.4 I-V Curve Recording

Voltages were ramped between +/– 200 mV at varying rates using the

Nanoscope Iva controller and patch clamp amplifier. An AAO membrane was in

place between the tip and the counter electrode. The tungsten probe was with-

drawn from the surface to prevent reduction of the current. The current was

recorded using the setup previously described in the AFM imaging. For electro-

chemical experiments, 0.1 M Fe(CN)64– was used as the redox active species in 0.1

M phosphate buffer at pH 6.9. Voltammograms were ramped at rates of 0.05 V/s

between +/– 500 mV against an Ag/AgCl reference/counter electrode utilizing the

same setup as the PBS results.
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2.3.5 SEM Imaging

Imaging of AAO membranes and tungsten proves was performed on an ul-

trahigh resolution SEM (FEI, Hillsboro, OR). The membranes were sputter coated

in a thin layer (1–2 nm) of chromium to make them conducting for imaging.

2.4 Results

2.4.1 Cantilever Fabrication and Device Setup

Etched sharp tungsten wires (15 cm length) coated in epoxylite were at-

tached to custom steel chips (1.6 mm × 2 mm) such that 2-3 mm of the wire, the

sharpened end, extended off the front edge of the chip. The blunt end of the wire

was used to form an electrical connection to relay feedback signal to the AFM. The

sharp end of the wire was bent at 75◦ such that the tip pointed downward. The

wires were subsequently further insulated in electrophoretic paint to fill in gaps in

the insulation while maintaining the exposed tip apex (Figure 2.1 C). Gold mirrors

were fixed to the end of the cantilever (as described in methods) to allow for op-

tical detection of cantilever deflection in AFM imaging (Figure 2.1 A). A custom

built two chamber AFM setup was configured for imaging ionic currents across a

porous aluminum oxide membrane (Figure 2.1 A,B) where the tungsten cantilever

served as a working electrode in the top cup while a Ag/AgCl counter electrode

was placed in the bottom cup. Ionic currents between the top and bottom cham-

bers were imaged through membranes placed over a single hole connecting the two

chambers. The tungsten wire probe was used with the fluid cell cantilever holder

of our AFM, with the blunt end of the tungsten wire exposed and connected to a

patch clamp amplifier to pass the currents to the AFM. Testing of the cantilevers

found resonance frequencies between 3–7 kHz in fluid.

2.4.2 Principle of Operation

Principle of AFM force-feedback mode imaging is well described and relies

simply on using the cantilever deflection (due to force-field interaction between
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the tungsten wire probe and sample) for controlling/measuring the probe-sample

distance as the cantilever wire probe raster scans over the sample. For measur-

ing the ionic current for feedback (SICM, SECM modes), the system operates by

limiting the ionic currents that are able to access the exposed tip of the probe as

the probe approaches the surface [3, 4, 89]. The measured current is determined

by the exposed area of the probe when at far distances from the surface. Small

electrode areas lead to small currents (pA range). For imaging of currents through

pores (Figure 2.1 C), the currents passing through the pore will be defined by the

geometry of the pore and the thickness of the membrane. However, when the area

of the working electrode (i.e. the probe) is much smaller than the pore, the mea-

sured ionic currents will be dominated by the exposed probe area as the current

density through the probe will be much higher. The current observed over the

pore will remain approximately the same for the entire area of the probe whether

it is in the center of the probe or the periphery (Figure 2.1 C). This is true for

large pores (>1 µm) and nanopores where the measured currents are small due to

the electrode area being significantly less than the pore area.

2.4.3 Probe Characterization

I–V curves of fully-coated wire cantilevers were performed following wire

mounting and reinsulation to characterize the quality of the probes. These mea-

surements were performed when the probe was withdrawn to distances far above

the surface (>100 µm) to prevent inhibited ion transport currents seen with SICM

probes [3]. Currents were measured as the voltage was ramped at different rates

across a 400 mV range. The measured ionic currents in phosphate buffered saline

(PBS) were in the pA range indicating that only a small portion of the probe

was not insulated (Figure 2.2 A). Hysteresis in the curves was observed at greater

voltage scanning rates. This is indicative of capacitance from incomplete sealing

of the metal [42].

I–V curves were also performed in the presence of the electrochemically

active specie ferrocyanide (Fe(CN)64–). These voltage ramps were performed in a

two-electrode setup to provide an estimate of the exposed area of the probe. I–V
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curves performed over a 1 V range (Figure 2.2 B) show characteristic oxidation

peaks. The area of the probes was estimated based on the steady-state currents

observed using [97]:

ilim = 2πnFDC*rapp

In this equation, ilim is the observed steady-state oxidative/reductive cur-

rent. n is the number of electrons transferred per a redox event. F is the Faraday

constant. C* is the bulk concentration of the active species, which was 100 mM. D

is the diffusion coefficient (6.7 × 10–6 cm2/s). Measuring the steady state current

allows for approximation of effective radius (rapp). From our measurements we

found active radii ranging from 5–10 nm. This value likely overestimates the radii

as it applies to the entire probe including any leakage not near the tip apex. It

also includes currents generated from activity of tungsten.

Scanning electron microscopy (SEM) images of these probes used in the

electrochemical measurements show features at the end of the tip in the nanoscale

that are capable of obtaining high resolution images of the surface (Figure 2.2 C).

The gaps in the insulation utilized for electrical recording here, are not visible

due their small size and the presence of a chromium coating utilized to image the

probes in the SEM.

Ionic currents showed a dependence on the distance of the exposed cantilever

probe tip from the surface. As the probe approaches the surface, the current

begins to decrease due to reduced ionic access to the probe. This decrease occurs

prior to deflection of the probe due to interaction with a mica surface (Figure

2.2 D). Approach curves onto a track-etched polycarbonate membranes in non-

porous regions show a similar decrease as those observed on the mica surface

when utilizing a different probe with a different geometry. The retraction of the

probe from the surface resulted in a recovery of the ionic current (Figure 2.2 E).

Observed hysteresis in these curves could be due to tip adhesion to the surface,

as the retraction currents are reduced compared to the approach currents for the

same height.
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2.4.4 Structure and Ionic Currrent Imaging of Micro- and

Nano-pores

Imaging of ionic currents through pores with simultaneous surface topogra-

phy imaging was performed on synthetic porous membranes. Track-etched poly-

carbonate membranes with 0.8 µm pores were mounted in the two chamber AFM

system. The tungsten wire cantilever was utilized to image the surface topography

while simultaneously measuring the ionic current (Figure 2.3 A–C). Ionic currents

imaged over the pore increased by ∼3 pA compared to when the probe was posi-

tioned over regions without pores. High correlation is observed between the pore

locations in both modes of operation.

AFM imaging of the anodic aluminum oxide (AAO) membrane demon-

strates pores on the order of 18 nm in height mode (Figure 2.4). This is consistent

with the expected pore diameters for the membrane. Current mode imaging, taken

simultaneously with topographic imaging, confirms the presence of multiple pores

in the membrane. The location and size of the pores are in the same location and of

similar diameter in both concurrent imaging modes, confirming accurate reading.

Scanning electron microscopy (SEM) images of the AAO membrane demonstrated

similar structures to those imaged with the AFM (Figure 2.5 ).

Scanning ion conductance microscopy (SICM) was also performed with the

tungsten wire cantilevers. This imaging mode used the ionic current as the feedback

signal for z positioning of the probe since the observed current is dependent on the

probe distance from the surface. Imaging of the AAO membranes in SICM mode

resulted in structures similar to those observed with AFM and SEM (Figure 2.6).

However, greater noise in this mode resulted in low resolution quality compared to

the image using force feedback with ionic currents as the carry-along signal.

2.5 Discussion

Imaging of ionic currents through micro- and nano-porous samples requires

a system that allows for highly localized current measurements while limiting leak-

age current bias. The use of electrophoretic paints for insulating sharp wires have
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been demonstrated to be an effective means to limit the conductive surface to the

nanoscale [43, 40, 98] which is the technique we pursued. Two insulating coatings

were used in the fabrication in this paper to 1) reduce the presence of cracks in the

insulation and 2) allow the coating to get closer to the probe apex. Ionic currents

measured by this probe were restricted to the pA ranges. This is indicative of

successful insulation of the probes.

Imaging of the ionic currents on the AAO membrane show some overlap

in the signal from multiple pores (Figure 2.4). This occurs due to the close prox-

imity of the pores to one another, as seen in SEM and AFM, and the size of the

probe (Figure 2.4 and 2.5 ). The ionic currents measured in this study are sig-

nificantly smaller than the ionic currents passing through the porous membranes.

For nanoscale pores, the currents would be in the nA to µA range. However, the

observed currents are in the pA range. This occurs due to the restricted small

electrode area for the ions to access (Figure 2.1 C).

Extensive work has been performed in improving SICM probe resolutions

to the nanoscale [36, 45, 90, 37]. However, combined SICM-AFM probes have been

more limited. The tungsten probe presented here allows for simple fabrication of

conducting probes such that only the tip apex remains conducting while being

suitable for ion sensing AFM. The use of wire based cantilever probes for SPM

has been previously reported for larger pores sizes of 600 nm [40]. However, the

tungsten cantilevered probes reported here improve upon the resolutions of these

previous SICM/SECM-AFM probes [34, 38, 92] while reducing the complexity of

fabrication.

Chapter 2, in full, is a reprint of the material Meckes B, Arce F T, Con-

nelly L S, Lal R. Insulated Conducting Cantilevered Nanotips and Two-Chamber

Recording System for High Resolution Ion Sensing AFM. Scientific Reports. 2014;

4: 4454. The dissertation author was the primary author.
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Figure 2.1: Schematic of the device setup and operation. (A) The ionic
currents are measured with a conducting tungsten cantilever probe. A Ag/AgCl
bath electrode acts as the counter electrode that is electrically separated from
the tungsten probe by a membrane. The current measured between the two elec-
trodes is passed through a current amplifier to the AFM controller. (B) The two
chamber AFM system for imaging ionic currents passing through membranes. (C)
Schematic of the probe over a pore. The effective electrode area determines the
probe conduction behavior when the exposed area near the tip apex is smaller than
the pore diameter.
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Figure 2.2: Characterization of tungsten probes. (A) I–V curves a tungsten
wire cantilevers in PBS. The voltages were ramped between +/– 200 mV at rates of
0.25 mV/s, 0.5 mV/s, and 5 mV/s. (B) Cyclic voltammograms of the probe in the
presence of 0.1 M Fe(CN)64–. An oxidation peak is observed near 0.2 V, not present
in PBS. (C) SEM images of a tungsten cantilever probe at multiple scales. (D)
Approach curve of tungsten electrode engaging a mica surface with both cantilever
deflection and ionic current plotted. (E) Approach and retraction curves of a
tungsten probe as it approaches a track etched polycarbonate membrane.



29

Figure 2.3: AFM Images of micropore topography and ionic current.
Simultaneous height (A) and ionic current (B) AFM images of a track etched
polycarbonate membrane with nominal pore diameters of 0.8 µm. Lighter colors
indicate higher currents. As shown in the images and the two cross sections across
three pores (C), high correlation is seen between the height and currents at the
locations of the three pores indicated by triangles. Red lines are used for height
(H) and green for current (I). The scales are the same for both cross sections.



30

Figure 2.4: AFM Images of Nanopore Topography and Ion Current.
Simultaneous (A) Height and (B) current images show similar geometry to SEM
images and have good correlation with each other. (C) A cross section of the ionic
current acquired simultaneously with the height image. Dashed circles indicate
pores observed in both images. (D–F) similar images and line profiles for the
125 × 125 nm2 region indicated by dashed squares in (A–B) show that individual
pores (marked with numbers 1–4 and dashed circles) are resolved in the height and
current images. Red lines are used for height (H) and green for current (I). Images
were Fourier filtered to remove noise.
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Figure 2.5: SEM image of an AAO membrane with 18 nm pore
diameters.
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Figure 2.6: SICM mode image of an AAO membrane with nominal pore
diameters of 20 nm using the ionic conductance for the probe height
feedback. (A) and (B) show images with different degrees of Fourier filtering.
Even though large depths are measured in (A), noise contributes significantly
to the depth measured. (C) Height profile across one of the pores. As noise
is removed, the pore depths approach the smaller depths measured in the AFM
images shown in figure 4. Blue dashed circles indicate pores recognized clearly in
both images. The green circles indicate structures which appear to be pores after
filtering, but are not well-defined in (A).



Chapter 3

Measuring Localized Redox Enzyme

Electron Transfer with Conducting

Wire Cantilevers

3.1 Abstract

Bacterial systems are being extensively studied and modified for energy,

sensors, and industrial chemistry; yet, their molecular scale structure and activity

are poorly understood. Designing efficient bioengineered bacteria requires cellu-

lar understanding of enzyme expression and activity. An atomic force microscope

(AFM) was modified to detect and analyze the activity of redox active enzymes

expressed on the surface of E. coli. An insulated gold-coated metal microwire with

only the tip conducting was used as an AFM cantilever and a working electrode in

a three–electrode electrochemical cell. Bacteria were engineered such that alcohol

dehydrogenase II (ADHII) was surface displayed. A quinone, an electron transfer

mediator, was covalently attached site specifically to the displayed ADHII. The

AFM probe was used to lift a single bacterium off the surface for electrochem-

ical analysis in a redox-free buffer. An electrochemical comparison between two

quinone containing mutants with different distances from the NAD+ binding site in

alcohol dehydrogenase II was performed. Electron transfer in redox active proteins

33
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showed increased efficiency when mediators are present closer to the NAD+ bind-

ing site. This study suggests that an integrated conducting AFM used for single

cell electrochemical analysis would allow detailed understanding of enzyme elec-

tron transfer processes to electrodes, the processes integral to creating efficiently

engineered biosensors and biofuel cells.

3.2 Introduction

Understanding the electrical and chemical activity of individual cells will

play a critical role in designing and developing future bioelectronics. High-

resolution functional imaging is critical for understanding molecular scale activity

and its underlying structural substrate. Atomic force microscopy (AFM) allows for

high resolution imaging as well as simultaneous study of various physicochemical

properties [2, 3, 4, 31, 34, 99]. Coupling of AFM and electrochemical analysis (EC)

has been developed, although mostly for measuring the conductance in nonliving

systems [100, 101]. It has been used to study diffusional species in solution with the

imaged substrate surface acting as a working electrode for self-assembled monolay-

ers on the surface [102] and the switch of redox states of a single metallo-protein

bound to the surface [103, 104]. Recently, EC-AFM has been used for potential

dependent adsorption/desorption of inorganic molecules [105]. However, selective

removal of a single cell from a surface and subsequent electrochemical study of a

specific redox protein expressed by the cells has not been reported.

Nicotineamide adenine dinucleotide (NADH) serves as a cofactor in over

300 redox enzymes, including alcohol dehydrogenase II (ADHII), the enzyme of

interest in the bacterial system studied here. These dehydrogenases are being

used in catalytic electrochemical oxidation processes in biosensors and in biofuel

cells among other bioelectronic applications. The large overpotentials that are

needed to oxidize NADH to NAD+ render it useless for these purposes [106]. To

overcome overpotentials, it was suggested to modify the surface of an electrode with

quinones [107]. In this study and others, the possibility of covalent incorporation

of electron-transfer mediating groups attached to the surface of the electrode was
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suggested and studied. Other studies have demonstrated a remarkable decrease in

overpotentials needed for NADH oxidation [108, 109].

We have previously developed a novel approach for bacterial redox enzyme

modification and expression [110]. We have shown that these engineered bacteria

can be successfully used in a biofuel cell and can even be used as active and viable

biocatalysts for more than a week with relatively high power outputs. Briefly, E.

coli was modified to display the redox enzyme, ADHII, on the surface using an au-

todisplay system [111]. The unnatural amino acid para-azido-l-phenylalanine (Az)

was incorporated into a specific site of the enzyme using the stop codon suppres-

sion strategy [112]. When attached to Az, a quinone facilitates electron transfer

between the enzyme and an electrode. In order to attach the bacteria carrying the

surface displayed enzyme to a surface, a quinone linker (1) containing an alkyne

and a thiol moiety on opposite ends was synthesized and attached to the dehydro-

genase site specifically through a copper(I)-catalyzed azide–alkyne cycloaddition

reaction [113]. Using this approach, we were able to covalently link bacteria to

gold-coated surfaces. The orientation of the redox enzyme on the surface of the

electrode can be controlled, and the distances for electron transfer between the

enzyme active site and the electrode surface are predetermined.

In order to enable the characterization of the bacterial surface and its elec-

trochemical properties, we have coupled the imaging abilities of atomic force mi-

croscopy (AFM) with those of electrochemical techniques. The AFM cantilever,

coated in gold and insulated such that the tip is the conducting surface, served both

as an imaging probe and as a working electrode in the electrochemical cell. The

bacteria express ADHII with a linker 1 attached site specifically to their surface.

An exposed thiol on the linker 1 facilitates the gold AFM cantilever attachment to

the bacteria. This novel approach was created to determine: (1) What will happen

if a quinone is covalently attached site specifically into a predetermined site, in a

hydrogenase that uses NAD+ as its cofactor. (2) How it will affect its oxidation

overpotentials. (3) How the distance of the NAD+ from the electrode surface will

affect its electron transfer (ET) properties. Utilizing our modified AFM probes, we

successfully imaged and measured the electrochemical activity of a single bacterium
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with different ADHII mutants. Through these studies, we demonstrated improved

activity in ADHII mutants with electron transfer mediators close to the NAD+

binding site. This approach for studying enzymes can be applied and adapted to

study the electrochemistry of other redox enzymes and electrogenic bacteria as

well as synthetic electrochemically active nano/microparticles.

3.3 Methods

3.3.1 Chemicals and Reagents

All chemical reagents were purchased from Sigma-Aldrich (Rehovot, Israel)

or Acros (Geel, Belgium) and used without further purification. The unnatural

amino acid AzPhe was purchased from Bachem (Bubendorf, Switzerland). PCR

was performed with the Kapa HiFi PCR Kit (Kapa Biosystems, Woburn, MA).

Plasmid DNA isolation was performed with the QIAprep spin miniprep kit (QI-

AGEN, Hilden, Germany). Oligonucleotides were supplied by Sigma (Rehovot,

Israel) and by IDT (Jerusalem, Israel).

3.3.2 Modified Bacteria Preparations

A full description of modified bacteria can be found in our previous report

[110]. Briefly, site-directed mutagenesis on pJM7-ADH (plasmid encoding for Au-

todisplay of ADHII) was performed using a QuikChange II kit according to the

manufacturer’s instructions, using the primers for PCR, containing mutation sites

for ADHIIV66Az or for ADHIID314Az. (A full list of primers is depicted in ref

[110])

3.3.3 Surface Modifications

Glass microscope slides (Marienfeld, Lauda-Königshofen, Germany) were

cleaned using the UVOCS ozone cleaning system (Lansdale, PA) for 10 min. A 5

nm chromium adhesion layer and a 20 nm gold layer were deposited using K575X
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sputter coater (Quorum Technologies, Kent, UK). Bacteria were attached to the

surface as described in ref [110].

3.3.4 Preparation of AFM Probe/Working Electrode

The AFM probe was created utilizing a sharp tungsten wire coated in

epoxylite with a shaft diameter of 40 µm (FHC, Bowdoin, ME). Gold was sputtered

onto the wire to a thickness of 25–50 nm. The wire was reinsulated through 3 coat-

ings with ClearClad HSR (Chicago, IL) following the manufacturer’s instructions.

The wire was attached to a custom cantilever holding chip, and a gold mirror was

affixed for laser detection with Two-Ton Epoxy (Devcon, Danvers, MA).

3.3.5 AFM Sequence of Operations and Imaging

Images and adhesion measurements were taken with a Multimode AFM

with a Nanoscope V controller (Bruker, Santa Barbara, CA). Images were taken

with a custom tungsten probe (k '10 N/m) in contact mode with the force min-

imized to reduce damage to the bacteria. Bacteria were imaged at scan rates of

2–5 Hz. The probe was then zoomed onto a single bacteria, and the scan area was

set to 0 µm2. After localization of bacteria, force images were taken with ramp

sizes of 500 nm. The probe remained in contact with the surface with a constant

force when initial electrochemical measurements were taken.

3.3.6 Electrochemical Measurements

An EMstat3+ potentiostat was used (PalmSens BV, The Netherlands) for

cyclic voltammetric measurements. A three-electrode electrochemical cell was as-

sembled where the working electrode was a tungsten AFM tip coated with gold

(Figure 3.10). The reference electrode was Ag/AgCl wire prepared by electroplat-

ing in 1 M KCl for 30 min at 1 V. The wire was prepared as a reference electrode

daily prior to all experiments to reduce electrical drift; a reference solution of 1:1

ratio 10 mM Fe(CN)63–/4– in TRIS buffer was made and used daily to verify the

reference potential of the reference electrode (Figure ??). The reference electrode
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was present with a large junction to allow a large access area. The counter elec-

trode was a platinum wire. All electrodes were assembled in a liquid AFM cell

(Bruker, Santa Barbara, CA) equipped with several ports for electrodes. The

working volume was ∼100 µL. Electrolyte solution was 0.1 M Tris buffer, pH =

8.0. Measurements were conducted in the range of –0.8 to 0.1 V vs Ag/AgCl with

varying scan rates. Electrode surface area determinations were conducted using

a 10 mM solution of Fe(CN)63–/4– (1:1 ratio mixed solution), in a range of (–0.1)

to (+0.6) V vs Ag/AgCl. Cathodic peaks determination was done by drawing a

baseline between forward and reverse curves and measuring the region with the

largest current from the baseline for each scan rate. The potential at the largest

current point was determined as the cathodic potential, and the current at that

point was determined as the cathodic peak current.

3.4 Results

3.4.1 Electrochemical Cell Configuration

The electrochemical cell was configured with the gold coated tungsten mi-

crowire acting as a cantilever tip while serving as the working electrode in the

three-electrode electrochemical cell. The probe was insulated to limit the active

electrode area to the tip of the probe (described in the Experimental Section).

Platinum and Ag/AgCl wires acted as the counter and reference electrodes, re-

spectively (Figure 3.1). The Ag/AgCl wire was placed directly in contact with the

fluid creating a large access junction to prevent junction clogging as would occur

in a small junction glass electrode.

3.4.2 Imaging of Bacteria

Three different mutants of alcohol dehydrogenase II (ADHII) were displayed

on the surface of E. coli. Each mutant was generated with varying distances

from the NAD+ binding pocket; mutants V66Az and P182Az were generated with

approximate distances of ∼5 Å each from the binding pocket and mutant D314Az
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with a distance of ∼42 Å from the binding pocket (Figure 3.5, Table 3.1). In this

study, we have excluded mutant P182Az as V66Az is a similar distance (∼5 Å)

from the NAD+ binding pocket. The modified bacteria were covalently attached

to gold-sputtered glass slides via linker 1. Slides with attached bacteria were

imaged with the wire AFM cantilever. Figure 3.2 A shows an image of multiple

bacteria on the surface of a slide. A bacterium was localized with the AFM for

subsequent electrochemical analysis. Figure 3.2 B–D shows individual bacterium

of different mutants, V66Az, D314Az, and wild type bacteria (WT), selected for

electrochemical measurements. The presence of bacteria on the gold substrates

was confirmed with light microscopy imaging (3.2 E).

3.4.3 Picking up a Single Bacterium

A bacterium was picked up by the conducting AFM probe through the fol-

lowing steps as summarized in Figure 3.10. After localization of a bacterium, the

gold-coated conducting AFM probe was allowed to remain in controlled contact

with the bacterium surface without imaging to facilitate gold–thiol bond forma-

tion between the linker 1 site specifically attached to ADHII and the probe for

∼5 min (Figure 3.10 B). The chemical structure of the thiol containing linker 1

is shown in the inset of Figure 3.10. The tip was then disengaged from the sur-

face (Figure 3.10 C). Successful attachment of the bacterium to the tip inhibited

reimaging of the surface. This was further confirmed through observed changes

in cyclic voltammograms. The activity of the probe before imaging the bacteria

was recorded (Figure 3.6, background). During the selection of a single bacterium,

electrochemical measurements were conducted to check whether electrochemical

activity could be detected (Figure 3.6, surface mode). This served as our first

indication of a successful transfer of a bacterium from the surface to the tip. Upon

selecting and attaching a bacterium to the AFM tip, we commenced with our elec-

trochemical analysis of electron transfer (ET) processes (Figure 3.6, withdrawn

mode). Coupling both the AFM imaging abilities with the electrochemical sig-

nals demonstrated that we have collected a redox active bacterium off the surface.

However, this did not exclude the possibility that only part of the bacteria was
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removed.

In order to ascertain gold–thiol bond formation between the enzymes on the

bacterial surface and the cantilevered tip, we measured the adhesion forces while

engaging a single bacterium. Figure 3.7 shows examples of the measured adhesion

using the force mode for mutants D314Az and V66Az. As a control measurement,

adhesion forces were also measured for a bare Au surface. In addition, only upon

observing these adhesion forces could electrochemical activity be detected on the

surface of the AFM tip (serving as our working electrode). Combining all this

evidence together with the actual size of our working electrode (ca. 100 µm2) in-

dicates that the probe and system is capable of picking up a single bacterium or

a fragment. Control experiments conducted with surfaces modified with WT non-

modified bacteria that were nonspecifically bound to the surface as well as surface

modified bacteria displaying WT-ADHII did not yield any visible electrochemical

signals. This occurred neither when the probe engaged the bacteria on the surface

nor when the probe was subsequently withdrawn.

3.4.4 Determination of Electrode Size and Surface Coverage

Due to the fabrication processes and customization of the working electrodes

for AFM, there existed heterogeneity in electrode surface areas. In order to avoid

large differences between the measured surfaces, we have used a 10 mM solution of

Fe(CN)63–/4– for an initial determination of our actual active surface, basing our

calculations on the Randles-Sevcik equation for diffusional species. Thus, tips that

have shown large redox currents indicating surface areas larger than 100 µm2 were

excluded.

Figure 3.8 shows the cyclic voltammograms collected using a mutant V66Az

modified AFM tip (lavender colored line), a mutant D314Az modified tip (rose

colored line), and a background measurement of the unmodified working electrode

(lime green colored line) collected at a scan rate of 0.05 V·s–1. When studying the

electrochemical properties of linker 1, based on eq 1, plotted Ip values against scan

rates determined a surface coverage of Γ = 2.3 × 10–10 mol·cm–2. However, surface

coverage values calculated for the surface modified bacteria containing linker 1
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bound to the surface of the electrode yielded values of Γ◦ = 8.0 × 10–11 mol·cm–2

and ΓR = 1.0 × 10–11 mol·cm–12 for mutant V66Az, oxidized and reduced forms,

respectively, whereas the values of surface coverage for mutant D314Az were Γ◦ =

2.7 × 10–11 mol·cm–2 and ΓR = 8.0 × 10–2 mol·cm–2, for the oxidized and reduced

forms. The much lower conversion values for the mutants, compared to those

measured for linker bf 1 by itself, suggest that there is an additional process that

is involved, namely, the redox reaction of NADH. Taking into account the redox

potential measured for mutant D314Az and the fact that it is identical to the

redox potential of linker 1, but with much lower reversibility, it is suggested that

the degree of mediation of ET between NAD+ and the quinone containing linker

is much lower than for mutant V66Az.

Using the calculated values based on eq 1 and knowing the approximate

surface area of our electrode, we could estimate the number of active enzymes

bound to the surface.

Equation 1: IP =
[n2F2ΓAv]

4RT

where IP is the current at the peak (anodic peak or cathodic peak), n is

the number of electrons in the reaction, F is the Faraday constant, R is the gas

constant, T is the temperature in Kelvin (in this case, 298 K), A is the electrode

surface area in cm2, Γ is the surface coverage in mol·cm–2 for the anodic or the

cathodic process, and is the potential scan rate in V s–1.

These values can be translated to the number of redox active enzyme copies

displayed per bacterium that varied between ∼160,000 copies for bacteria display-

ing mutant D314Az and ∼480,000 copies for bacteria displaying mutant V66Az.

These numbers are in good agreement with the reported performance of the bac-

terial autodisplay system [114]. However, these numbers do not agree with our

previously reported numbers based on our attachment of gold nanoparticles to the

enzymes and a cautious count of the number of nanoparticles, when we reported an

approximate 11,000 copies per cell [110]. The difference could stem from several

reasons: one was our avoidance of counting gold nanoparticles that have aggre-

gated, and another could be that gold nanoparticles failed to bind all displayed

enzymes.
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3.4.5 ET Measurements and Mutant Comparisons

We have used Laviron’s analytical approach for cases of peak to peak sepa-

ration of ∆EP > 200 mV/n (n being the number of electrons)[115] to calculate the

transfer coefficient α and the apparent rate constant kapp for mutants V66Az and

D314Az. We did not conduct calculations for mutant P182Az since it has exhibited

similar peak potentials as mutant V66Az, probably due to similar distances from

the NAD+ binding pocket. Figure 3.9 A shows the voltammograms collected upon

picking up a bacterium that displayed ADHII mutant V66Az on its surface. Due

to very low peak currents compared to catalytic currents present in the voltam-

mograms, we are not showing the full range of potentials that were scanned in

each experiment, only the region in which the peaks have appeared (the full scale

voltammograms are shown in Figure 3.10). For mutant V66Az, the formal poten-

tial, E0′ was calculated to be –250 mV vs Ag/AgCl. This relatively high potential is

an indication that indeed the electrons are being transferred from NADH through

the quinone and not just from the quinone that is directly bound to the surface.

The middle point potential that was measured for the quinone used in this study is

–350 mV vs Ag/AgCl (Figure S2B, Supporting Information). Transfer coefficients

α and 1– α were calculated to be 0.4 and 0.6, respectively, whereas kapp, the elec-

tron transfer rate constant, varied in the different measurements between 5.6 and

7.2 s–1. These values are in good agreement with values reported in the literature

for electrodes modified with quinone derivatives to mediate NADH enzymatic ox-

idation, where the enzymes were randomly oriented relative to the electrode [116].

These values are significantly higher than values reported for ADH/toluidine blue

O/nafion electrodes modified nonspecifically, at a value of 0.12 s–1 [109].

The same measurements were conducted with surfaces modified with bacte-

ria displaying mutant D314Az (Figure 3.9 B). The measured formal potential was

E0′ = –350 mV vs Ag/AgCl. Since this potential is the same as the one that we

have measured for linker 1 alone, we assume that we have measured in this case

the ET process between the quinone and the electrode almost exclusively with-

out the ability to successfully mediate ET between the quinone and the NAD+ in

the remote binding pocket. Using Laviron’s approach for the analysis of the ET
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process for this mutant, the transfer coefficients, α and 1 – α, were calculated to

be 0.15 and 0.85, respectively. The measured kapp was 1.2–1.5 s–1. Here, we must

note that the measurements for the cathodic peaks of both mutants were done by

a mathematical deconvolution (detailed explanation appears in the Experimental

Section) due to reductive catalytic peaks that appeared in more negative poten-

tials probably due to bacterial lysis on the surface. Furthermore, due to a very

small number of redox active molecules on the surface (in the range of hundreds

of thousands only per measurement), measured currents are extremely low, in the

picoampere range, the limit of our measuring abilities. Nonetheless, in the region

of middle point potentials, a marked increase in capacitive currents was observed,

which lead us to believe that a Faradaic process is taking place in that region.

Lysis of bacteria may occur due to large forces applied to bacteria by the AFM tip

during imaging caused by the relatively high stiffness of the probe.

The kapp value calculated for linker 1 when it was bound to the electrode

surface varied between 5.75 and 7.5 s–1 in our different measurements with a surface

coverage that is about 2.3 × 10–10 mol·cm–2, whereas surface coverage of mutant

D314Az was an order of magnitude lower, with a much lower ET rate constant

(within the error of the measurement). This value is lower than that calculated for

mutant V66Az, where the mediated ET is evident due to the very low conversion

rate between oxidized and reduced forms as well as the positively shifted middle

point potential. All of these results together strengthen our conclusion that the

NADH is hardly involved in this reaction (using mutant D314Az) since it is too far

(at least 42 Å away from the quinone). Our earlier studies with the same mutants

have shown much lower bioelectrocatalytic activity for mutant D314Az [110].

3.5 Conclusion

Using an integrated conducting AFM for single cell electrochemical analy-

sis, we were able to obtain a detailed understanding of enzyme electron transfer

processes to electrodes. We were able to determine the surface coverage of the

electrode and, by imaging a single bacterium, calculate the number of surface dis-



44

played redox enzymes for the first time without using biochemical tools. We could

study different mutants and their characteristic ET rate constants as well as redox

potentials. Through multidimensional experimental results, we were able to show

that, when the distance between a mediator and an active enzyme binding pocket

is too large, hardly any mediation occurs. In contrast, when the distance between

the enzymatic active site and the redox mediator is small (5 Å in this case), me-

diation of ET occurs that is reflected in the fast ET as predicted by theory. The

surface density by the autodisplayed enzymes is very close to surface densities re-

ported for enzymatic electrodes that contained ADH with larger dimensions [109].

These results strongly suggest that the enzyme expression density in our system is

relevant for studies using "enzymatic-like" electrodes. In summary, our combined

AFM-electrochemical system can be used as a platform for single cell analysis of

enzyme activity; such information is critical for efficient design, development, and

study of bioelectronic systems.

Chapter 3, in full, is a reprint of the material Alfonta L, Meckes B, Amir

L, Schlesinger O, Ramachandran S, Lal R. Measuring Localized Redox Enzyme

Electron Transfer in a Live Cell with Conducting Atomic Force Microscopy.

Analytical Chemistry. 2014; 86(15):7674–80. The dissertation author was the

primary author.
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Figure 3.1: Schematic Description of the EC-AFM Setup. The mate-
rials for the electrodes, reference (RE), working (WE), and counter (CE), were
Ag/AgCl, Au, and platinum, respectively.
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Figure 3.2: AFM images of the surface with bacteria at different stages
of tip manipulations. (A) Large scan area with D314Az mutant bacteria. (B–
D) Scans of single bacterium used in electrochemical measurements of V66Az (B),
D314Az (C), and WT (D). (E) Light microscopy images of bacteria attached to
the gold substrate.
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Figure 3.3: Description of the sequence of operations conducted in order
to lift a single bacterium off the surface using a gold coated AFM tip.
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Figure 3.4: Cyclic voltammograms of 10 mM Hexacyanoferrate (II/III)
(1:1 ratio) at various scan rates. (a) 10mV/sec, (b) 20mV/sec, (c) 50mV/sec,
(d) 75mV/sec, (e) 100mV/sec, (f) 200mV/sec. All measurements were performed
in 0.1M Tris buffer pH=8 with daily freshly made Ag/AgCl reference electrode.
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Figure 3.5: Three-dimensional model of ADHII from Z. mobilis, with its
NAD+ cofactor. Mutation sites V66, P182 and D314 are highlighted.
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Table 3.1: Distance from the NAD+ binding pocket for various ADHII
mutants are shown

Mutant Distance from NAD+

V66 5.6 Å
P182 4.7 Å
D314 42 Å
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Figure 3.6: Cyclic voltammograms collected at every mode of bacterium
selection. Background: before engaging the surface. Surface mode: engaging
with a single bacterium. Withdrawn mode: withdrawing upon attachment of a
bacterium. Scan rates were 0.05 V s–1; reference electrode: Ag/AgCl wire.
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Figure 3.7: AFM retraction curves are shown for ADHII mutants V66Az
and D314Az during cantilever attachment to a single bacterium. Adhe-
sion forces are visible for both mutants. Bare gold substrates are shown as a
control.
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Figure 3.8: Cyclic voltammograms of the different mutants. Lavender
colored line: mutant V66Az; rose colored line: mutant D314Az; lime green colored
line: background measurement with an unmodified working electrode. Scan rates
were 0.05 V s–1; reference electrode: Ag/AgCl wire.
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Figure 3.9: Cyclic voltammograms performed on different bacteria with
varying scan rates. (A) Cyclic voltammograms conducted under different scan
rates for mutant V66Az. (B) Cyclic voltammograms conducted under different
scan rates for mutant D314Az. The range was limited to emphasize the peaks.
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Figure 3.10: Full range of cyclic voltammograms. (A) Cyclic voltamograms
conducted under different scan rates for mutant V66Az. (B) Cyclic voltamograms
conducted under different scan rates for mutant D314Az.



Chapter 4

Atomic Force Microscopy Shows

Connexin26 Hemichannel Clustering

in Purified Membrane Fragments

4.1 Abstract

Connexin proteins form hexameric assemblies known as hemichannels.

When docked to form gap junction (GJ) channels, hemichannels play a critical

role in cell–cell communication and cellular homeostasis, but often are functional

entities on their own in unapposed cell membranes. Defects in the Connexin26

(Cx26) gene are the major cause of hereditary deafness arising from dysfunctional

hemichannels in the cochlea. Structural studies of Cx26 hemichannels properly

trafficked and inserted in plasma membranes, including their clustering that forms

a plaque-like feature in whole gap junctions, are limited. We used atomic force

microscopy (AFM) to study the surface topography of Cx26 hemichannels using

two different membrane preparations. Rat Cx26 containing appended carboxy ter-

minal V5 and hexahistidine tags were expressed in baculovirus/Sf9 cell systems.

The expressed Cx26 proteins form hemichannels in situ in Sf9 cells that were then

purified either as (1) Sf9 membrane fragments containing Cx26 hemichannels or

(2) solubilized hemichannels. The latter were subsequently reconstituted in lipo-

56
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somes. AFM images of purified membrane fragments showed clusters of protein

macromolecular structures in the membrane that at higher magnification corre-

sponded to Cx26 hemichannels. Hemichannels reconstituted into DOPC bilayers

displayed two populations of channel heights likely resulting from differences in

orientations of inserted hemichannels. Hemichannels in the protein rich portions

of purified membranes also showed a reduced channel height above the bilayer

compared to membranes with reconstituted hemichannels perhaps due to reduced

AFM probe access to the lipid bilayer. These preparations of purified membranes

enriched for connexin hemichannels that have been properly trafficked and inserted

in membranes provide a platform for high-resolution AFM imaging of the structure,

interconnexon interactions, and cooperativity of properly trafficked and inserted

noncrystalline connexin hemichannels.

4.2 Introduction

The connexin (Cx) family of proteins is a group of ubiquitously expressed

transmembrane proteins with high conservation of structure and genetics between

species. Cx proteins form assemblies in the cell plasma membranes known as

hemichannels (or connexons) consisting of 6 Cx subunits. Hemichannels on appos-

ing cells dock together to form gap junction (GJ) channels that facilitate cell–cell

communication through transport of ions, metabolites, and other small molecules

between neighboring cells. Undocked hemichannels have been shown to be present

in cells [65] and have demonstrated ionic conductance states as well as metabolite,

dye, and Ca2+ transfer [66, 117, 118, 119, 72]. Gating of hemichannel and GJ

channel activity is regulated by many factors, including Ca2+, pH, phosphoryla-

tion, and redox state [70, 120, 121, 122]. During oxidative stress, hemichannels lose

regulation leading to unchecked hemichannel opening that ultimately results in cell

death [74, 123]. To better understand the structures that determine the activity

of hemichannels, imaging of these structures within membrane environments must

be performed.

Previous imaging has extensively revealed subnanometer resolution 3-D
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structures of Cx hemichannels and GJ channels using X-ray crystallography, X-ray

diffraction, and electron crystallography [78, 79, 48, 80]. All are based on crys-

tallized or quasi-crystallized arrangements of GJ channels. In contrast, atomic

force microscopy (AFM) allows high resolution imaging of noncrystalline biologi-

cal samples in aqueous, nonstatic environments. Previously, high resolution AFM

images of the extracellular surface of Cx26 hemichannels derived from force dis-

sected quasi-crystalline dodecameric channels showed fine details and conforma-

tional changes in response to either Ca2+ or low pH [69, 124]. However, native

undocked hemichannels exist in noncrystalline clusters and populations are often

diffuse in the native membrane environment. The open and closed states of Cx43

and Cx40 hemichannels reconstituted in lipid bilayers contained noncrystalline

patches of membrane bound hemichannels that showed Ca2+ induced conforma-

tional changes when exposed to high Ca2+ concentrations [21, 68]. However, recon-

stitution of hemichannels does not always mimic the native composition of eukary-

otic plasma membranes and can have widely varying protein densities. It also lacks

the cellular control for correct, directed trafficking and insertion of hemichannels

into membranes. In order to overcome this limitation, we have utilized purified

membrane fragments from cells expressing Cx26 hemichannels at high levels.

In this study, we focused on imaging of noncrystalline Cx26 hemichannels,

which allows for easier high resolution imaging due to their shorter cytoplasmic

C-terminal domain. Connexins share a common topology with high sequence con-

servation in their N-terminus, transmembrane domains, and extracellular loops.

Connexins larger than 40 kDa have C-termini that contain as much mass as the

transmembrane and extracellular domains combined. The amino acid sequences of

the connexin C-termini vary considerably, with each containing critical regulatory

regions essential to channel function. The cytoplasmic domains are very flexible

and probably act similarly to intrinsically disordered proteins [49]. This inherent

flexibility has made imaging high resolution structural details difficult.

Here, we report AFM imaging of noncrystalline Cx26-V5-His6 hemichan-

nels expressed through baculovirus infected Sf9 insect cells. We take advantage of

the fact that connexins readily form hemichannels or channels in the membranes
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of baculovirus infected Sf9 cells that allow for purification of milligram quantities

of hemichannels. It is important to emphasize that we studied Cx26 not only

for its short C-terminus, but also because genetic defects in the human gjbeta2

gene (Cx26) are the leading cause of the most common type of hereditary con-

genital hearing impairment due to altered structure that can prevent docking of

hemichannels or alter trafficking of molecules through the channels [125, 126, 127].

We used purified membrane fragments of Sf9 cells containing Cx26 hemichannels

to image the structure of dispersed hemichannels in membranes and compared

these to images of purified hemichannels reconstituted in 1,2-dioleoyl-sn-glycero-

3-phosphatidylcholine (DOPC) liposomes. The hemichannels expressed in the pu-

rified membrane fraction of cells showed regions of clustering. The protrusion of

hemichannels above the membrane was reduced in comparison to the reconstituted

hemichannel preparations.

4.3 Methods

4.3.1 Baculovirus Expression of Hemichannels in Insect

Cells

Rat Cx26-V5-His6 (NCBI Reference Sequence: NM_001004099.1) was ex-

pressed through cloning into a pBlueBac baculovirus system as previously de-

scribed [128]. Baculoviruses were generated and used for subsequent infection of

Spodoptera frugiperda (Sf9) cells. The techniques for applying this to expression

of connexin hemichannels have been described extensively in our previous publi-

cations [126, 128, 85, 129].

4.3.2 Insect Cell Membrane Purification

In Sf9 cells, Cx26 readily forms channels and hemichannels in the plasma

membrane and internal membranes. Hemichannel expressing Sf9 cell membranes

were purified using our published protocol [85]
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4.3.3 Hemichannel Purification

Solubilized hemichannel proteins were purified from baculovirus expression

in Sf9 cells utilizing the hexahistidine tag for affinity purification, as we have

previously reported [78, 126, 128, 85, 130].

4.3.4 Reconstitution of Hemichannels

1,2-Dioleoyl-sn-glycero-3-phosphatidylcholine (DOPC) lipids (Avanti Polar

Lipids, Alabaster, AL) (5 mg/mL) in chloroform were vacuum-dried. The lipids

were then resuspended in 150 mM KCl, 10 mM HEPES, 1.8 mM MgCl2 buffer (pH

7.5) (final DOPC concentration of 0.8 mg/mL) with n-octyl-β-d-glucoside (OG)

(5 mg/mL). The mixture was briefly vortexed followed by 15 min of sonication to

create mixed detergent–lipid liposomes. Purified Cx26-V5-His6 hemichannels in

elution buffer were added at 1:200 to the liposomes. The mixture was sonicated for

2 min and then gently mixed for 1 h at 4 ◦C. The detergent was removed to create

proteoliposomes by treatment with Biobeads (Bio-Rad Laboratories, Hercules, CA)

(0.1 g/mL) twice for 2 h or overnight at 4 ◦C.

4.3.5 AFM Imaging of Hemichannels

Imaging was performed on a multimode atomic force microscope with a

Nanoscope IIIA or Nanoscope V controller utilizing a fluid cell (all from Bruker,

Santa Barbara, CA). A TRP300A cantilever (Asylum Research, Santa Barbara,

CA) with spring constants 0.02 N/m (contact mode) and 0.08 N/m (tapping mode)

was used for all imaging. For imaging of the reconstituted hemichannels, prote-

oliposomes were deposited on freshly cleaved mica (20 µL) and allowed to attach

for 30 min. The sample was heated for 5 min at 37◦C to induce liposomal fusion.

The sample was then rinsed 3 times with "imaging buffer" (10 mM HEPES, 1

mM PMSF, pH 7.4) and then imaged in appropriate buffer. For imaging of mem-

brane fragments containing hemichannels, 20 µL of the Sf9 membrane suspension

was deposited on mica. The mica had been incubated with "pretreatment buffer"

(10 mM HEPES, 1 mM PMSF, pH 8.5) that we found reduced rolling or folding
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of the flexible membranes. After a 10 min incubation to allow absorption of the

membrane fragments onto the mica, samples were rinsed twice in "pretreatment

buffer" and then rinsed in an imaging buffer (10 mM HEPES, 1 mM PMSF, pH

7.4) just prior to imaging in the buffer. Images were taken with raster scans at

rates between 1 and 2 Hz for tapping mode images and 5–10 Hz for contact mode.

The samples were imaged with scan sizes ranging from 10 µm × 10 µm to 100 nm

× 100 nm. High resolution images were taken with pixel sizes less than 1 nm.

4.3.6 Gel and Western Blots

Isolated membranes and purified hemichannels were checked for purity by

gel staining for protein bands and Western blots. Between 5 and 15 µL of sample

were mixed with 2x Novex Tricine SDS Buffer (Life Technologies, Carlsbad, CA

LC1676) in the presence of 5% BME. The samples were boiled for 10 min and

loaded on 4–20% SDS-PAGE gel for electrophoresis. For protein staining, the

gels were then fixed and stained with SYPRO Ruby solution (Life Technologies S-

12000) overnight. For Western blots, the gels were transferred to PVDF membrane

using the iBlot dry blotting system. Band detection was performed using the Li-

Cor Odyssey Fc (Li-Cor Biosciences, Inc., Lincoln, NE) after reaction with ECL

Luminata Forte (EMD Millipore, Billerica, MA).

4.3.7 Analysis of Lipid Bilayers Containing Cx26 Hemichan-

nels

Lipid bilayers were deposited on mica substrates following the procedure

described for preparing reconstituted hemichannels for AFM imaging. The mica

substrate was broken into pieces and put into 1.5 mL Eppendorf tubes. Twenty

microliters of loading sample buffer, Novex Tricine SDS Sample Buffer (Life Tech-

nologies) mixed with 5% BME, was added to the tubes. The tubes were then boiled

for 10 min in a thermo block and loaded on an SDS gel PAGE 4–20% acrylamide

for Western blotting. Band detection was performed with an anti-His primary an-

tibody (Life Technologies) and an anti-mouse fluorescent secondary antibody and
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imaged by an Odyssey Fc instrument.

4.3.8 Electron Microscopy

Samples of isolated membranes (5 µL) were applied to carbon coated grids,

rinsed with ddH20, negatively stained with 2% uranyl acetate, and then air-dried.

Electron microscopy (EM) was performed by using a 120 kV FEI Tecnai trans-

mission electron microscope (FEI, Hillsboro, OR). Images were acquired at 30,000

magnification using a TVIPS TemCam-F224 2k × 2k CCD camera (TVIPS, Gaut-

ing, Germany).

4.3.9 Data Analysis of AFM Data

Images were initially processed using the Nanoscope Analysis 1.4 software

package (Bruker, Santa Barbara, CA) to apply image flattening to correct for

piezotube motion artifacts and a low pass Gaussian filter to eliminate electrical

and mechanical noise. We used the Origin Pro 7.5 software package (OriginLabs,

Northampton, MA) to determine the mean bilayer heights by plotting a histogram

of the pixel heights and then fitting Gaussian curves to each histogram to determine

the peak and standard deviation of the distributions. All subsequent statistical

analyses were also performed with Origin Pro 7.5. All statistical values are reported

as mean ± standard deviation.

4.4 Results

Baculovirus Sf9 infected cells are an excellent system for expressing eukary-

otic proteins in quantities typically required for structural biology experiments.

In the case of connexins, the protein subunits oligomerize to form hexamers or

dodecamers in situ that have been shown to be structurally and functionally the

same as proteins expressed exogenously in other cells or in native systems [117].

The resulting hemichannels were either (1) recovered in the membrane fragment

fraction of the expressing cells or (2) solubilized from cell membranes and purified
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as detergent stabilized hemichannels.

4.4.1 EM and Biochemical Validation of Purified Mem-

branes Containing Hemichannels

Protocols for purifying GJs depend on the fact that the intrinsic protein

to lipid ratio is high in these membrane specializations and increased after deter-

gents extractions, making density gradient separation methods effective for isolat-

ing highly enriched fractions containing GJs. Hemichannel-containing membranes

also had a high protein to lipid ratio, and thus, these same methods yield good

results for our hemichannel membranes as well [131]. To purify membranes con-

taining Cx26 hemichannels, partially disrupted membranes were collected utiliz-

ing a membrane selective sucrose gradient followed by washing with detergents.

Because density gradient fractionation is selective for overall density but not for

protein composition, we concentrated and further enriched membrane fragment

fractions containing high density expressions of Cx26 by taking advantage of the

genetically appended His6 tag binding to Ni-NTA beads for affinity separation.

Following successful purification of membrane fragments containing

hemichannels, the membrane fragments were imaged with EM (Figure 4.1). Elec-

tron micrographs of uranyl acetate stained purified membrane fragments show

the presence of hemichannel structures (Figure 4.1 B) whose appearance in these

projection images we previously referred to as "doughnut-like". Gel staining and

Western blotting of these membranes confirmed the presence of Cx26 proteins in

the purified membrane fraction (Figure 4.1 C,D).

Membranes from uninfected Sf9 cells were imaged as a negative control. In

this case, we did not use a Ni-NTA affinity purification step because there was no

His6 tag expressed in this sample. No doughnut-like structures were seen in these

uranyl-acetate stained membranes. Furthermore, only trace amounts of proteins

were found within these membranes (Figure 4.1 C) and none of these very faint

bands were identified as Cx26 in matched Western blots (Figure 4.1 D).
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4.4.2 AFM of Purified Membrane Fragments with Cx26

Hemichannels

Purified membranes of Sf9 cells expressing Cx26 were deposited onto freshly

cleaved mica and imaged in aqueous buffer (Figure 4.2). Membrane fragments

greater than 500 nm in diameter were further imaged at high resolution to ex-

amine the Cx26 structure. Smaller bilayers were more susceptible to membrane

disruption when imaged and thus, high resolution images of these proved difficult

to record. Since the AFM z-resolution is very accurate, it was easy to identify

single layers from double layers or folded membranes; heights greater than 12 nm

were most likely either due to the presence of GJs (double membranes containing

two docked hemichannels) or due to the superposition of hemichannel layers that

occurred during sample deposition, respectively. Some of the bilayer fragments

displayed inhomogeneity throughout the surface as cross section showed distinct

clusters with two populations of bilayer thickness (Figure 4.2 A–D), while other

fragments showed more homogeneous height profiles (Figure 4.2 E). The mem-

brane in Figure 4.2 E contained small protein-rich islands in a lipidic membrane.

The height difference between the two populations in the membranes exhibiting

multiple heights was measured by first finding the pixel height in localized regions

(outlined in Figure 4.3) and then plotting the heights as a histogram (Figure 4.3).

Gaussian distributions fit to each histogram better quantified the height of the

two bilayer populations. The height of the bilayers in the lower population was

5.9 ± 1.6 nm, which were not statistically different from the heights measured for

the homogeneous membrane population 5.2 ± 0.6 nm (t test, p > 0.05). The step

height difference between the lipidic and protein rich regions in the membranes

was determined to be 1.8 ± 0.4 nm (n = 6 measurements). The regions of the

bilayer displaying an increased thickness, we believe, contain greater concentra-

tions of hemichannels. Magnified images of the membrane patches showed the

presence of hemichannels dispersed throughout the membranes (Figure 4.4). The

protrusion height of these hemichannels above the surrounding protein and lipid

was limited to 0.4 ± 0.2 nm (n = 18). The dense packing and overall increased

height in the step regions most likely contributed to this lower protrusion height



65

of the hemichannels.

4.4.3 EM and Biochemical Validation of Purified Detergent

Stabilized Hemichannels

In our comparison of two ways of making hemichannel-containing mem-

branes, we used purified hemichannels collected from baculovirus membranes via

full membrane disruption and detergent solubilization. The DoDM detergent stabi-

lizes membrane proteins to allow them to retain their structure and prevent aggre-

gation. Detergent stabilized hemichannels were imaged with EM with uranyl ac-

etate as the contrast agent (Figure 4.5). These channels were present in "doughnut-

like" structures typical of hemichannels. Protein staining and Western blotting of

SDS-PAGE confirmed the presence of Cx26 hemichannels as the primary con-

stituent of the purified lysate. This evidence confirmed the successful purification

of hexamer hemichannels for eventual reconstitution and imaging with AFM (Fig-

ure 4.4).

4.4.4 AFM Of Cx26 Hemichannels Reconstituted into Lipid

Membranes

As we did for the isolated membrane preparations, we compared hemichan-

nel containing reconstituted membranes to ones prepared without hemichannels.

Prior to imaging bilayers formed by the proteoliposomes, bilayers formed from li-

posomes containing only DOPC were imaged to measure their size, heights, and

surface structure. We used DOPC for hemichannel reconstitution because these

lipids have a very low phase transition temperature (–17 ◦C), which facilitates the

facile formation of bilayers, as has been previously documented [78, 21, 68, 130].

These lipid bilayers showed a step height of ∼5.5 nm (data not shown), consistent

with dimensions from the literature on DOPC bilayer thickness [132]

Next, we imaged Cx26 hemichannels reconstituted into DOPC lipid bilay-

ers. Purified Cx26 hemichannels were reconstituted in mixed DOPC/OG lipo-

somes. The DoDM and OG were subsequently removed with polystyrene beads.



66

The DOPC proteoliposomes were deposited on mica and imaged with AFM in the

presence of calcium free buffers to ensure open configurations of the hemichannels

(Figure 4.6). The presence of hemichannel proteins in the liposomes was confirmed

by Western blots of the deposited liposomes (Figure 4.6 D). These hemichannels

were solely from the lipidic membranes on the mica since extensive washing of the

sample in the AFM chamber was performed, thus removing any hemichannels in

solution prior to this analysis.

Not all of the liposomes appeared to contain hemichannels. Some samples

showed flat areas where no obvious protrusions were present (Figure 4.6 E). This

indicates that the liposomes were not completely saturated with protein. The

hemichannels reconstituted into DOPC bilayers displayed two distinct populations

of hemichannels based on the protrusion heights (Figure 4.6 F–H). The measured

hemichannel heights were fit to multiple Gaussians (Figure 4.7). The heights of

the populations based on these fits were measured to be in two groups of 0.9 ± 0.3

nm and 2.3 ± 0.3 nm (n = 58), respectively. Small variations between the heights

are most likely due to the influence of the imaging force. The protrusion height

of the hemichannels imaged with AFM was statistically significantly greater for

the reconstituted hemichannels compared to those imaged in the membranes (p <

0.01) (Figure 4.7).

4.5 Discussion

We report for the first time AFM imaging of noncrystalline Cx26 hemichan-

nels in purified membranes expressed through baculovirus infection of insect cells.

Preparations of native single (undocked) hemichannel layers isolated from mam-

malian cells have not been documented, most likely because they are too dispersed

in the plasma membrane and do not survive the detergent enrichment. Most re-

ports of single hemichannel layers were from mechanically or chemically split GJs.

In addition, the trafficking of GJ channels in native mammalian systems is highly

regulated [133] with the caveat that cells maintain only a small number of open

hemichannels and subsets of open GJ channels [55]
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Our Sf9 membrane preparations have the advantage of cellular trafficking

of hemichannels to the membrane along with guided insertion of hemichannels into

the membrane. Consequently, the hemichannels in a single membrane fragment

face the same direction in the membrane bilayer (cytoplasmic or extracellular) com-

pared to a random orientation when hemichannels are reconstituted into liposomes.

AFM images of purified membrane fragments containing Cx26 hemichannels have

patches where the lipid bilayers were thicker. This is likely due to the clustering

of hemichannels in the membranes into protein-rich regions. GJ channels are well

characterized to form clusters that favor improved interaction energy between cell

membranes [53]. In the Owicki model of GJ channel clustering, long-range pro-

tein aggregation into GJ plaques arises from interparticle interactions as well as

lateral pressures between the junction and the surrounding glycocalyx [134, 135].

Whether dense hemichannel packing occurs in internal membrane compartments

(ER, Golgi apparatus, trafficking vesicles) has yet to be determined. Normal traf-

ficking of hemichannels occurs through anterograde pathways after which they

are fused into the plasma membrane and then coalesce on the edges of GJ plaques

where they dock and form GJ plaques [136, 137]. Cx26 hemichannels in our present

work appear to display aggregating behavior in some of the membranes as the

proteins did not appear to be spread homogeneously throughout the membrane.

Clustering of ion channels and receptors in single cell plasma membrane is not un-

usual, and they serve as important communication links between the cells and their

surroundings [138]. Large lipidic patches of membrane could be observed (Figure

4.2, 4.1) next to the protein-rich regions. The step height between the protein-rich

and lipidic membrane regions was 1.8 ± 0.4 nm. This step height is similar to

protrusion heights for Cx26 GJ channels measured with EM, X-ray diffraction,

and X-ray crystallography. Measurements of protrusion heights obtained from the

X-ray crystallographic atomic model were 1.9 nm for the cytoplasmic domains and

2.3 nm for the extracellular domain [79]. It is important to note that this is prob-

ably an estimate since these GJ channels were not membrane embedded as well as

the protrusion height measurement represented one-half the distance measured for

the docked dodecameric GJ channel.



68

High resolution images of the cytoplasmic domains of the hemichannel were

likely to be reduced slightly by the presence of the His6 and V5 tags on the Cx26

connexins. The presence of terminal tags would increase the floppiness of cyto-

plasmic side of the hemichannels and could possibly inhibit imaging slightly. The

protrusion heights of the hemichannels measured in purified membrane fragments

were lower than those previously reported for crystal and quasi-crystalline struc-

tures. The heights were likely reduced due to the high density and disorder of

the surrounding proteins reducing the true height of the channel compared to its

surrounding. The protrusion height of hemichannels in DOPC bilayers was ob-

served to be greater than those found in the membranes with 0.4 ± 0.2 nm for the

hemichannels in purified membrane fragments and 0.9 ± 0.3 nm and 2.3 ± 0.3 nm

for the two populations of channels observed in reconstituted DOPC membranes.

The greater protrusion height observed for the reconstituted proteins is likely a

result of the AFM probe being able to access the membrane more easily due to

lower hemichannel densities.

The protrusion height of the reconstituted hemichannels showed distinct

populations likely due to differences in the cytoplasmic and extracellular struc-

tures. The measured protrusion height above the bilayer for the reconstituted

channels measured by AFM was 0.9 ± 0.3 nm and 2.3 ± 0.3 nm. Fiber diffraction

analysis of pellets containing partially oriented GJs revealed that the extracellular

gap between two membranes with GJ channels was ∼3.5 nm thick, which would

estimate extracellular protrusions of ∼1.8 nm [48]. Similar sizes were observed

in density maps of Cx26 GJ channels reconstituted into DOPC membranes with

extracellular gaps of ∼4 nm for reconstituted Cx26 in a DOPC membrane (∼2 nm

per an extracellular protrusion) [130, 139]. Measurements of the cytoplasmic tails

have been more elusive due to the flexibility of the cytoplasmic tails. In the best

structurally preserved part of the three layer structure, the cytoplasmic protrusion

heights measured in these EM density maps were ∼2–2.5 nm for Cx26 contain-

ing a His6 tag and a thrombin cleavage site of 6 amino acids, but without a 14

amino acid V5 epitope tag [130]. In addition, this structure was determined at

4 ◦C temperature, so the assumption is that it would be more rigid under these
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conditions than in our room temperature AFM imaging chamber. It should also

be noted that the X-ray crystallographic data were recorded from crystals flash

frozen in liquid nitrogen. We found that, as measured with AFM, the cytoplasmic

face of Cx26 hemichannels is highly sensitive to the applied force with decreases

in the observed protrusion height from 1.7 nm at 50 pN of force to 0.2 nm at 70

pN in quasi-crystalline packing[69]. Dispersed hemichannel proteins should have

increased flexibility allowing the proteins to flatten more easily due to the lack of

a lattice structure. The intrinsically high flexibility of the cytoplasmic surfaces

and hemichannel dispersion likely accounts for the population height observed for

reconstituted hemichannel proteins. The hemichannels with lower protrusions of

0.9 ± 0.3 nm are most likely cytoplasmic while the larger protrusion heights (2.3

± 0.3 nm) are the extracellular domains, which are more rigid.

We report high resolution AFM imaging of noncrystalline disordered Cx26

hemichannels expressed in membranes for the first time. Previous studies on the

structure of hemichannels with AFM have revealed high resolution structures of

hemichannels. Images of hemichannels that had been force dissected with AFM

have revealed in great detail the structure of extracellular and cytoplasmic do-

mains of hemichannels in quasi-crystalline structures [69]. However, these docked

hemichannel systems vary from native hemichannel presentations, which involve

formation of disordered hemichannel arrays in the plasma membrane and subse-

quently aggregate into GJ edges in order to dock [140]. Structures of disordered

noncrystalline hemichannels have also been studied in reductionist systems involv-

ing reconstituted proteins in lipid bilayers [21, 68]. These systems fail to represent

the complex environments seen in cellular systems where the proteins are traf-

ficked to a plasma membrane, which contains diverse lipid compositions and other

membrane proteins, before the hemichannels freely diffuse to the edge of a GJ

[136, 137]. The system presented in this paper for AFM imaging allows study of

connexin hemichannels in a more complex membrane environment that includes

mixed lipid composition and other membrane proteins, which more closely mimics

the environment of native cells. The behavior of the Cx26 hemichannels in the

purified membrane environment differs from proteoliposomal systems through in-
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creased density of channels and apparent aggregation of proteins in the membranes.

In addition to showing clustering of properly trafficked connexin hemichannels, this

system presents unique opportunities to study the structure of hemichannel pro-

teins and their cooperative behavior using electrophysiological and high resolution

imaging with AFM.

Chapter 4, in full, is a reprint of the material Meckes B, Ambrosi C,

Barnard H, Arce F T, Sosinsky G E, Lal R. Atomic Force Microscopy Shows Con-

nexin26 Hemichannel Clustering in Purified Membrane Fragments. Biochemistry.

2014; 53(47):7407-14 The dissertation author was the primary author.
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Figure 4.1: EM and biochemical characterization of purified membranes
from Cx26 expressing Sf9 cells. (A–B) Representative electron micrographs of
uranyl acetate stained purified membranes without Cx26 expression (uninfected)
(A) and with Cx26 expression (B). The inset in (B) shows a "doughnut-like"
hemichannel structure present in the membrane (circled in white). (C–D) Protein
staining (C) and Western blots (D) confirmed the presence of Cx26 in these
preparations, while a similar analysis of uninfected cells did not contain any Cx26
bands. Oligomeric forms of Cx26 in the sample are due to protein aggregation
when running the gel and are overemphasized in the Western blot
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Figure 4.2: AFM images of purified membrane fragments containing
Cx26 hemichannels. (A–E) Purified Cx26 hemichannel containing fragments
were deposited on the mica substrate and imaged. Shown here are several AFM im-
ages of large (>500 nm) purified membrane fragments containing Cx26 hemichan-
nels. The height profile section of the membrane (white line) is shown below
its corresponding image. Note the difference in thickness between the purely li-
pidic domains and hemichannel containing regions. In (A), the membrane shows
three heights possibly due to proteins with different orientations and lipidic regions
(arrow).
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Figure 4.3: Height histograms for two representative purified mem-
brane fragments containing hemichannels. (A) Histogram of the distribution
of heights shows two populations of membrane height for a membrane fragment
(boxed on right). (B) Height histogram of a small portion of a membrane (boxed
on right) also displays two membrane heights. Gaussian curves were fit to the
histogram data.
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Figure 4.4: AFM images of purified membrane fragments containing
Cx26 hemichannels. (A) Height image of a membrane fragment with disordered
hemichannels (green arrows). Insets contain selected hemichannels that have been
enlarged (cyan arrows numbered on figure). (B) High resolution height image of
a membrane fragment containing many Cx26 hemichannels (green arrows). Inset
shows an enlarged 3D image of a hemichannel present in the membranes (indicated
by cyan arrow).
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Figure 4.5: EM and biochemical characterization of purified hemichan-
nels from Cx26 expressing Sf9 cells. (A) Electron micrograph of a uranyl-
acetate stained Cx26 hemichannel preparation typically used for reconstitution
into DOPC vesicles. (B) Staining an SDS PAGE with Sypro Ruby for protein
content confirmed the presence of a strong Cx26 band in this sample that is fur-
ther verified by Western blotting (C). Oligomeric forms of Cx26 in the sample are
due to protein aggregation when running the gel and are overemphasized in the
Western blot.
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Figure 4.6: Cx26 hemichannels reconstituted in DOPC liposomes and
deposited on mica to form flat membranes. (A–C) Hemichannels were ob-
served in DOPC bilayers with insets showing zoomed images of the hemichannels
(location indicated by cyan arrow, scale bar is 2 nm). (D) The presence of Cx26
in the liposomes was confirmed with a Western blot of liposomes deposited on the
mica substrate. (E) Membrane patches with no hemichannels present (white ar-
rows) were also observed indicating that some liposomes do not contain hemichan-
nels. (F) Image showing the presence of hemichannels of different heights in the
same bilayer. (G) Enlarged images of the channels highlighted in F (scale bar is
2 nm). (H) Cross-sections of the membrane showing the height of the membrane
along the lines in F.
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Figure 4.7: Histograms of protrusion heights of Cx26 hemichannels in
purified membrane fragments compared to populations of reconstituted
hemichannels. The mean protrusion height of hemichannels in the purified mem-
branes (blue) was lower than for hemichannels reconstituted in DOPC liposomes
(red). A Gaussian fit was applied to the two populations of heights observed for
reconstituted hemi- channels (green line). The protrusion heights were measured
as 0.9 ± 0.3 nm and 2.3 ± 0.3 nm reconstituted hemichannels and 0.4 ± 0.2 nm
for hemichannels in purified membrane fragments.



Chapter 5

Graphene Nanopore Support

System for Simultaneous

High-Resolution AFM Imaging and

Conductance Measurements

5.1 Abstract

Accurately defining the nanoporous structure and sensing the ionic flow

across nanoscale pores in thin films and membranes has a wide range of applica-

tions, including characterization of biological ion channels and receptors, DNA se-

quencing, molecule separation by nanoparticle films, sensing by block co-polymers

films, and catalysis through metal–organic frameworks. Ionic conductance through

nanopores is often regulated by their 3D structures, a relationship that can be ac-

curately determined only by their simultaneous measurements. However, defining

their structure–function relationships directly by any existing techniques is still

not possible. Atomic force microscopy (AFM) can image the structures of these

pores at high resolution in an aqueous environment, and electrophysiological tech-

niques can measure ion flow through individual nanoscale pores. Combining these

techniques is limited by the lack of nanoscale interfaces. We have designed a

78
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graphene-based single-nanopore support (∼5 nm thick with ∼20 nm pore diame-

ter) and have integrated AFM imaging and ionic conductance recording using our

newly designed double-chamber recording system to study an overlaid thin film.

The functionality of this integrated system is demonstrated by electrical record-

ing (<10 pS conductance) of suspended lipid bilayers spanning a nanopore and

simultaneous AFM imaging of the bilayer.

5.2 Introduction

In recent years, advancement in fabrication techniques has led to novel

nanoporous structures with an array of applications in biotechnology [141, 142,

143, 144, 145], polymer science [146], and energy [147, 148]. Small changes in the

nanoscale features of these pores determine the specific conducting properties of

ions through and around the pores [149, 150, 151]. Ion-conducting nanopores, in-

cluding biological channels and receptors, may also interact with the surrounding

environment and change over time. For example, living systems rely on the co-

ordinated activity of membrane ion channels and receptors that control ionic and

metabolic homeostasis and cell–cell/extracellular communications through regu-

lation of ions, metabolites, and RNA transport. Dysfunction of ion channels

is associated with pathophysiology and diseases such as Alzheimer’s disease and

Parkinson’s disease, addiction, and some genetic disorders [152, 29, 153]. Improved

therapeutic development, diagnosis, and/or prevention is therefore dependent on

an accurate understanding of these channels’ structure–activity relationship.

To fully understand the structure–function relationship of nanopore-

containing thin films and membranes, structure and function must be correlated

directly through simultaneous measurements. However, current techniques cannot

provide real-time, direct, and simultaneous observation of the 3D structure and

activity of these pores.

Atomic force microscopy (AFM) allows dynamic high-resolution imaging of

biological samples in physiological environments [154, 31, 155, 138, 156, 157, 99],

including 3D structures of individual ion channels in native hydrated environ-
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ments [152, 29, 154, 158, 159, 160, 161, 162, 163, 164, 165]. The open in-

terface of the AFM allows its integration with other techniques, including bi-

layer electrical recording and light/fluorescence microscopy. The missing link

for integrating AFM imaging and electrical recording is a lack of an appropri-

ate nanoscale support system. Nanopore samples have emerged as an exciting

class of nanosensors that have gained attention for their sensitivity to conductance

changes, especially in relation to the translocation of biomolecules, and numerous

nanoporous devices have been made from natural, artificial, and hybrid materials

[141, 143, 145, 166, 91, 167, 168, 169, 170, 171, 172]. Graphene is a promising and

reliable material because of its unique mechanical, electronic, thermal, and optical

properties [166, 168, 169, 22, 173, 174]. Graphene is thin enough to be precisely

drilled using a transmission electron microscope (TEM) and is strong enough to be

freely suspended over microscale pores [150, 166, 169, 175, 176]. Although much of

the recent research on single-nanopore conductance has been directed toward the

application of DNA sequencing or biomolecule translocation, micro- and nanopore

devices have also been used to study the activity of ion channels [177, 178].

Here, we describe a novel graphene nanopore support system (Figure 5.1)

for simultaneous localized high-resolution AFM and ionic conductance recording

of nanoporous thin films. Solid-state single-nanopore support substrates were fab-

ricated to fit into the open interface of the multimode AFM with our recently

developed two–chamber system (Figure 5.1). We demonstrate the applicability of

the integrated nanopore support system combining AFM imaging and electrical

recording using suspended lipid bilayers. We show that a lipid bilayer deposited

over the graphene nanopore seals the pore. These bilayers can be imaged re-

peatedly with AFM and retain their electrical properties. Electrical conductance

measurements reveal a dramatic reduction in the conductance, >1 µS for the open

pore to <10 pS, for the bilayer-covered pores, indicating complete coverage and

sealing of the nanopore. The device and setup that we present here demonstrates

the imaging resolution, nanopore size, and conductance sensitivity on scales com-

patible with what is needed for the structure–activity study of ion channels. The

use of this technology would have major implications for, but not limited to, the
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study of neurological disorders, pathological studies, therapeutic screening, and

drug addiction.

5.3 Methods

5.3.1 Materials

Silicon oxide membranes (SiO2) were purchased from AppNano (Mountain

View, CA). Silicon oxide membranes are 200 nm thick and 20 × 20 µm2 wide

freestanding windows supported by a 300 µm thick silicon substrate. The windows

were formed by KOH anisotropic etching of a 450 × 450 µm2 opening on the back-

side of the silicon support (Figures 5.2 A and 5.3 A). Single-layer CVD graphene

deposited on 20 µm thick Cu foil (2 × 2") was obtained from Graphene Super-

market (Calverton, NY). A Quanta 3D FEG focused ion beam (FIB) was used

to drill through the SiO2 suspended membrane. Either an iron(III) chloride hex-

ahydrate (FeCl3·6H2O; ≥98%) solution (Sigma Aldrich) or Copper Etch APS-100

(Transene Co.) was used to dissolve the Cu substrate of the graphene. Atomic layer

deposition (ALD) of 5 nm of Al2O3 was performed using a GEMSTAR benchtop

atomic layer deposition (ALD) process system or the Beneq TFS200 atomic layer

deposition system. A transmission electron microscope (TEM) (JEOL 2010FEG,

Japan) operating in bright-field imaging mode was used for drilling through the

graphene/Al2O3 membrane layer. AFM imaging was completed using a multi-

mode Nanoscope IV system and liquid cell (both from Bruker, Santa Barbara,

CA) with silicon nitride cantilevers (k = 0.08 N/m, Asylum Research, Santa Bar-

bara, CA). Conductance measurements were completed using a custom-designed

Lexan polycarbonate double-chamber cup (Figure 5.1 C) and Ag/AgCl wire elec-

trodes. Ecoflex Supersoft 5 silicone-cured rubber was used as an insulating sealant

of the nanopore sample in the double-chamber cup. A patch-clamp amplifier (Da-

gan, Minneapolis, MN) was used for amplifying currents. Electrolyte solutions

at pH 8.5 containing 1 M KCl buffered with 10 mM Tris, similar to Venkate-

san et al., was used for AFM imaging in liquid and conductance measurements

[179]. The phospholipid 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DiPhyPC)
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was purchased from Avanti Polar Lipids (Alabaster, AL).

5.3.2 Nanopore Fabrication Process

To fabricate a single nanopore support, the Si/SiO2 substrates were used

as a base for the processing (Figure 5.2 A). A single hole with a diameter of 1

µm was drilled by FIB through the center of the SiO2 20 × 20 µm2 suspended

membrane area (Figures 5.2 B and 5.3 A). A sample of graphene on Cu was spin-

coated with PMMA for 50 s and baked at 180 ◦C for 10 min. The Cu foil was

completely dissolved in a FeCl3·6H2O solution or copper etchant APS-100 (∼24
h). The remaining PMMA/graphene flake was deposited over the center of the

cleaned SiO2 membranes to ensure coverage of the entire 1 µm FIB hole area and

was allowed to dry (Figure 5.2 C). Dried samples were soaked in acetone to dissolve

the top layer of PMMA (Figure 5.2 D). Five nanometers of Al2O3 was deposited on

the sample by ALD (Figures 5.2 E and 5.3 B). A nanopore was then drilled through

the center of the graphene/Al2O3-suspended membrane by TEM (Figures 5.2 F

and 5.3 C) [141, 180]. The nanopore sample was cleaned with acetone, isopropanol,

and UV/ozone cleaner for 15 min before use in conductance measurements.

5.3.3 Experimental Setup for Imaging and Conductance

The double-chamber cup was used to hold the nanopore support as pre-

viously described in Chapter 3. The nanopore sample (Figure 5.1 B) sits on the

square inset of the top chamber piece and is sealed into the top chamber using a

continuous layer of fast curing Ecoflex Supersoft 5 (Figure 5.1 C).

AFM imaging in liquid was performed with deflection feedback on the

nanopore sample in the double-chamber cup. An Ag/AgCl electrode was placed

through a port of the liquid cell, and another similar electrode was embedded in

the opposite chamber of the double-chamber cup (Figure 5.1 A). The entire AFM

base was placed in a Faraday cage on in-house bungee cord-suspended platform

for noise isolation. A complete schematic of the experimental setup is shown in

Figure 5.1 A.
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5.3.4 Lipid Bilayer Preparation

DiPhyPC liposomes were formed by drying lipids dissolved in chloroform in

a rotovap. The dried lipids were hydrated with molecular grade H2O and vortexed.

The solutions were then sonicated for 10 min.

Nanopore surfaces were pretreated with a droplet of lipid–hexane solution

containing 70 µL of lipid (5 mg/mL) mixed with 100 µL of hexane. Liposomes were

deposited over the nanopore and incubated for 2 h at room temperature. Several

drops of 1 M KCl, 10 mM Tris, 5 mM CaCl2, pH 8.0, buffer were added to the

incubated liposome droplet and incubated for an additional 10 min to transition

single-vesicle layers to suspended single planar bilayers across the nanopore [150].

Excess Ca2+ and liposomes were rinsed with 1 M KCl electrolyte solution buffered

with 10 mM Tris to pH 8.5. The double-chamber cup was set on the scanner head

of the AFM. The area containing the nanopore, a 20 × 20 µm2 area of 200 nm

thick SiO2, was aligned under the cantilever tip in an optical system.

5.3.5 Simultaneous AFM Imaging of Bilayer and Electrical

Recording

Conductance levels and capacitance of the bilayers were recorded using a

National Instruments DAC with a custom LabView 8.0 program and the patch-

clamp amplifier under applied voltages of ±100 mV. When sufficient sealing of the

nanopore was established, the AFM was engaged and, in contact mode, the area

of the nanopore covered with bilayers was imaged while simultaneously recording

conductance levels. Capacitance measurements were performed by feeding ramp

function signals (10 mV amplitude, 10 Hz) across the bilayer. The capacitance

of the membrane is proportional to the amplitude of the resulting square wave.

All electrical measurements were analyzed with Clampfit 10.2. A digital lowpass

Gaussian filter with a 50 Hz cutoff was applied to all data represented. Extraneous

60 Hz noise was eliminated with a digital notch filter centered at 60 Hz with a 9

Hz bandwidth.
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5.4 Results

5.4.1 AFM Analysis and Conductance Characterization of

Nanopore

Images of the nanopore support were taken periodically throughout the

fabrication process by electron microscopy (EM) and AFM. A 20 × 20 µm2 sus-

pended SiO2 area was visible in SEM (Figure 5.3 A inset) and in AFM (Figure

5.4 A), enabling for the eventual centered drilling of the nanopore. The AFM

height images show a large deformation pattern of the suspended SiO2 square that

is not seen in SEM (Figure 5.4 A). This deformation is due to stress relief following

the etching of the underlying Si layer. The center area of this square where the

graphene membrane resides appears to have very little deformation in comparison

to the edges, sufficient for imaging bilayers. The focused ion beam (FIB)-drilled

hole placed in the center of this square is also visible in SEM (Figure 5.3 A), TEM

(Figure 5.3 B), and AFM even after deposition of the graphene/Al2O3 layer (Fig-

ure 5.4 A–B). Complete coverage of the FIB hole with graphene was confirmed in

the TEM (Figure 5.3 B) before nanopore drilling (Figure 5.3 C). AFM imaging

reveals the nanopore (Figure 5.4 C), which is found by sequentially zooming in on

the center of the FIB hole, such as that seen in Figure Ch4F4. With a very sharp

AFM tip, the nanopore size can be approximated from the AFM image and com-

pared to the size observed in TEM (Figures 5.3 D, 5.4 C–D, and 5.6). The square

shape of the nanopore shown in Figure 5.4 C is likely due to geometry effects of

the AFM tip (radius ∼30 nm) and the depth of the pore.

Ion conductance measurements are a good way to probe the pore geometry

[150, 151, 166, 171, 173]. Neglecting access resistance for our large pores, pore

conductance relates to geometry via the following equation [151, 171]:

G =
πd2pore
4Lpore

[
(µK + µCl)nKCle+ µK

4σ
dpore

]
Where G is conductance, dpore is the pore diameter, Lpore is the pore cylin-

drical length, nKCl is the concentration of the buffer, e is elementary charge, σ is

the surface charge density in the nanopore, and µK and µCl are the electrophoretic
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mobilities of the two solution ions potassium and chloride. A 1 M KCl buffer was

used in the work reported here. The electrophoretic mobilities of potassium and

chloride are µK = 7.616 × 10–8 m2/(V s) and µCl = 7.909 × 10–8 m2/(V s) at

room temperature.(10, 37)

The predicted conductance from the given equation is dependent on pore

morphology and surface charge density of the sample. High surface charge density

for graphene/Al2O3 layers is considered 200 mC/m2, and minimum surface charge

is 0 mC/m2 [150, 171]. A range of solid-state nanopores was fabricated with

dpore values of 20–50 nm and Lpore ∼5 nm. The expected conductance values in

this nanopore size range for high and low surface charge density samples would

be approximately 1100–6100 and 940–5900 nS, respectively. Open conductance

values of individual solid-state nanopores were measured by ramping at 0.4 mV/s

over ±10 mV. The conductance of the ∼25 nm diameter nanopore sample, free of

bilayer (Figures 5.5 A and 5.6), was measured to be 2765 nS, which falls in the

reasonable range of conductance values for 20–50 nm nanopores.

5.4.2 Simultaneous AFM and Electrical Recording of a Sus-

pended Lipid Bilayer

Following the deposition of 1,2-diphytanoyl-sn-glycero-3-phosphocholine

(DiPhyPC) bilayers on the nanopore support mounted in the double-chamber cup

system, the pore conductance decreased to <10 pS, as measured in the range ±100
mV (Figure 5.5 C, red). The capacitance of the device with the bilayer was mea-

sured to be∼375 pF. Contributing factors to this value may include current passing

through the Al2O3 layer to the graphene sheet, which increases the capacitive area

and the geometry of a thin membrane [141, 173, 181]. However, capacitances in

these ranges are frequently utilized for planar lipid bilayer (PLB) recording of ion

channels [182]. In other experiments, partial sealing of the same nanopore was ob-

served by conductance value to drop only to ∼0.83 nS (data not shown), indicating

an incomplete seal.

The integrity of the fully sealed suspended lipid bilayer, as determined by

capacitance and electrical recording, remained stable while engaging the AFM
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(Figure 5.7). The interaction force of the AFM was minimized such that it did not

interfere with the activity or structure of membrane. The AFM images in Figure

5.7 A–B of the suspended bilayer over the nanopore shows complete coverage. The

electrical recording and simultaneously obtained AFM images of the bilayer over

the nanopore are shown in Figure 5.7. Increases in noise were observed during the

adjustment of the Faraday cage during the electrical recording. Throughout the

AFM imaging (>1 h), switching of the voltage bias did not impact the conductance

value of the bilayer.

5.5 Discussion

We have developed a nanoscale thin-film support integrated with our newly

developed double chamber capable of simultaneous electrical recording and AFM

imaging of biological membranes and membrane proteins. The practicality and

benefit of this system was demonstrated by structural imaging while measuring

the ion-insulating properties of suspended lipid bilayer membranes.

Each step in the fabrication of the nanopore support was chosen with con-

sideration for the ease of fabrication as well as function. A silicon dioxide film on

silicon is an ideal material combination to use for the base structure of the nanopore

support because of its well-characterized electrical properties, reproducibility, and

commercial availability [91, 175, 183]. Silicon dioxide provides an insulating coat-

ing to the large area of the substrate, an essential property to isolate the two

compartments of the electrical recording setup. FIB offers a fast and easily con-

trolled approach for opening the 1 µm hole in the sample to allow for diffusion

of electrolytes through the nanopore. Graphene binds tightly to the SiO2 upon

drying, which secures it as a suspended insulating membrane over the FIB gaping

hole. In contrast to the multilayer graphene-based structure described [150], us-

ing a single graphene-deposition step allows us to achieve a suspended membrane

thickness that is more commensurate with that of a lipid bilayer while still provid-

ing good mechanical support. Electrical insulation and structural reinforcement

was provided by deposition of 5 nm Al2O3 using ALD, which creates a uniform



87

coating with a minimal increase in membrane thickness [150, 166, 183]. The final

graphene/Al2O3 membrane surrounding the nanopore is <10 nm. TEM drilling

allows positioning the bilayer support on the nanometer scale [142, 175].

Nanopore supports that show a smooth surface in AFM revealed the loca-

tion and size of the nanopore itself (Figures 5.4 C and 5.6), and, to our knowl-

edge, AFM images of such small nanopores in graphene/Al2O3 membranes have

not been previously shown. Characterizing the local environment of a solid-state

nanopore by AFM could potentially be used in single-molecule studies by function-

alizing the AFM tip. Additionally, the high-resolution AFM imaging of a 20 nm

nanopore, as in Figure 5.4 C, suggests membrane proteins in a similar size range

may be individually probed in future simultaneous structure–conductance studies

[152, 29, 158, 159]. Individual ion channels in supported membranes have often

been resolved at larger scan sizes [152, 29, 158, 159, 184, 85, 185, 186]. These solid-

state nanopores are therefore suitable for the intended application of ion channel

studies. With this technology, the structure of suspended bilayers or membrane

proteins in suspended bilayers may be explored to achieve a better understanding

of their function.

Future work with lipid bilayers and the nanopore substrates will investigate

the conductance of membrane proteins. The aim of these efforts will be to resolve

individual open and closed channel structures localized in the suspended bilayer

and to correlate characteristic channel conductances.

5.6 Conclusion

The use of a defined solid-state single-nanopore support in AFM allows for

localized characterization in and around the nanopore. We have used this nanopore

support to combine both imaging with AFM and functional mapping with bilayer

electrical recording. We show that single solid-state nanopores can be fabricated

in graphene reinforced with Al2O3. The hierarchy of the sample structure allows

for quick and easy location of the single nanopore in AFM. This enables accurate

identification of a nanoporous thin film, such as lipid bilayers with embedded ion
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channels, when suspended over this nanopore. The presence of suspended bilay-

ers across the electrical recording path was confirmed and characterized through

conductance and capacitance measurements (Figure 5.5). Small scan sizes, <1

µm, and repeated stable imaging of the suspended bilayers (Figure 5.7) suggest

high-resolution imaging of thin lipid membranes and membrane proteins is possi-

ble. Correlated structure and activity information on ion channels obtained using

this integrated system will open the door for the study of basic physiological and

biological systems as well as for defining the underlying mechanisms of pathophysi-

ology and diseases, including neurodegenerative diseases, drug addiction, biological

pathways, and protein structures. The system described here can be applied more

broadly to other thin-film-based techniques, including molecular separation, DNA

sequencing, and catalysis.

Chapter 5, in full, is a reprint of the material Connelly L S*, Meckes B*,

Larkin J, Gillman A L, Wanunu M, Lal R. Graphene nanopore support system

for simultaneous high–resolution AFM imaging and conductance measurements.

ACS Applied Materials & Interfaces. 6(7):5290–6. The dissertation author was

the primary author.
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Figure 5.1: Schematic of the integrated AFM system for imaging and
conductance measurements. (A) The nanopore support is glued into the top
chamber of the double-chamber cup such that the only liquid path connecting the
chambers is through the deposited lipid bilayer (green) over the nanopore. The
double-chamber cup is placed on the scanner head, and the liquid cell with mounted
cantilever is placed on top of the sample to allow for AFM imaging. Electrodes
are connected to the bottom chamber though the double-chamber cup and to the
top solution through an open port in the liquid cell for measuring conductance
activity. The electrodes are fed to an amplifier and computer for analysis. (B)
Schematic of the nanopore support (black) with a deposited lipid bilayer (green)
suspended over the pore to seal the ionic conductance. (C) Schematic image of
the double-chamber cup design. The nanopore support from panel B fits into the
top removable piece and is set into the bottom piece.
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Figure 5.2: Cross-sectional schematic sequencing of the processing of
a solid-state substrate containing a single nanopore. (A) The starting
substrate is a 6 mm × 6 mm × 300 µm silicon substrate (black) with a 200 nm
SiO2 layer (gray). A 20 × 20 µm2 window of suspended SiO2 is in the center of
the substrate. (B) A focused ion beam (red) is used to find the center of the 20
× 20 µm2 SiO2 window and to drill a 1 µm hole. (C) A graphene flake (blue)
coated with PMMA (green) floating on the surface of H2O is placed over the 1 µm
FIB hole and allowed to dry. (D) Acetone is used to dissolve the PMMA, leaving
a graphene sheet suspended over the 1 µm hole. (E) Five nanometers of Al2O3

(red) is deposited by atomic layer deposition (ALD) over the graphene. (F) TEM
(purple) is used to drill a single nanopore in the center of the 1 µm hole.
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Figure 5.3: Images of graphene nanopore substrate during processing.
(A) Top-view SEM image of the drilled FIB 1 µm hole. Inset is a zoomed-out SEM
image of the same hole. The 20 × 20 µm2 SiO2 window is visible in the SEM image.
Scale bar = 1 µm. (B) TEM image of the drilled FIB 1 µm hole covered with a
layer of graphene showing no defects. Thicker regions appear darker. Scale bar =
500 nm. (C) TEM image of a single drilled 20 nm pore in the graphene/Al2O3

membrane. Scale bar = 20 nm.
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Figure 5.4: Progressive AFM height images in tapping mode of a com-
plete nanopore support. (A) Image showing the complete 20 × 20 µm2 SiO2

area with an X-shaped deformation resulting from stress relief following the etch-
ing of the underlying Si layer. The center of the X, where the graphene membrane
resides and AFM imaging will occur, shows very little localized deformation. Scale
bar = 5 µm, height color scale = 294 nm. (B) Image of the FIB hole showing
uniform coverage by graphene/Al2O3. Scale bar = 1 µm, height color scale = 208
nm. (C) Image of a single nanopore drilled in graphene/Al2O3. The rectangular
shape of the nanopore is an effect of the shape of the tip and imaging into the pore
area. Scale bar = 20 nm, height color scale = 17.8 nm. (D) Three-dimensional
view of the nanopore shown in panel C. Image size is 125 × 122 nm2.
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Figure 5.5: Conductances of graphene nonporous when open and sealed
with lipid bilayer. (A) I–V curve of an open nanopore shown in the inset image
measuring ∼25 nm with a conductance of 2765 nS. This nanopore was used in the
simultaneous AFM imaging and electrophysiology measurements in panels B and
C and Figures 5.6 and 5.7. Scale bar = 20 nm. (B) Ionic current recording of
DiPhyPC lipid bilayer deposited over the nanopore in 1 M KCl electrolyte solution.
The observed conductance was <10 pS. (C) I–V curve of the nanopore from panel
A after deposition of a DiPhyPC lipid bilayer. The observed conductance was
reduced to <10 pS, indicating a full seal of the nanopore by the bilayer. The inset
compares the I–V curves of the open nanopore (black) and DiPhyPC bilayer-sealed
conductance (red).
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Figure 5.6: AFM Images of a graphene nanopore covered with lipid
bilayer. (A) AFM deflection image of 20 × 20 µm2 area containing the nanopore
without a deposited bilayer (outlined in blue). The 1 µm area containing the
graphene/Al2O3 membrane and a single nanopore are observed in the center of
the square. The black arrow shows the zoomed view of this area in panel B. Scale
bar = 5 µm. (B) High-resolution AFM image of the 1 µm area containing the
graphene/Al2O3 membrane and a single nanopore (outlined in red) with no bilayer
present. The white arrow indicates the location of the nanopore. Scale bar = 250
nm.
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Figure 5.7: Simultaneous AFM imaging and electrical recording of a
nanopore covered with a lipid bilayer. (A) AFM deflection image of square
area containing the nanopore after the deposition of the DiPhyPC bilayer (cor-
ners highlighted blue) obtained while simultaneously recording ionic conductance.
AFM image corresponds to the same area shown in Figure 5.6 A. The 1 µm area
containing the graphene/Al2O3 membrane and a single nanopore is observed in
the center of the square. The black arrow points to the zoomed view of this area
in panel B. Scale bar = 5 µm. (B) High-resolution AFM image of the 1 µm area
containing the graphene/Al2O3 membrane and a single nanopore. Scale bar = 2
µm. (C) Ionic current recording trace obtained while AFM imaging. The initial
noise increases at the beginning of the recording and during the 2–4 min time of
recording correlate to physical interactions with the system (AFM base and Fara-
day cage door) and subside upon establishment of physical isolation of the entire
system. Applied voltages of ±100 mV were applied to confirm pore sealing.



Chapter 6

Electrical Recording of Ion Channels

in Lipid Bilayers Suspended over

Nanopores in Graphene Membranes

6.1 Abstract

Understanding the behavior of individual macromolecules through their

structure and corresponding activity is important for improving developments in

health care, energy sources, and chemical synthesis. The structure–activity re-

lationship of ion channels, a class of biomacromolecules, defines a wide array of

biological functions that include cell communication and signaling, nutrient and

energy recycling, and ionic homeostasis. For example, the opening and closing

conformations of ion channels regulate ionic flow in and out of cells, which in turn

mediates important physiological processes that include cellular homeostasis and

signal propagation at the cellular, tissue and organ level. Connexin hemichannels,

a type of ion channel, are known to facilitate cell–surround responses, but their

physiological role is poorly defined. Thus, enabling technologies for simultaneous

recording of electrical activity and high resolution imaging of protein structures are

necessary for deeper understanding of protein structure–activity relationships in

health and disease. Here, the two–chamber/nanopore support system for simulta-

96
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neous imaging and electrical recording of macromolecules is applied to the study of

connexin26 hemichannels in purified membrane fragments and reconstituted into

liposomes. Purified Sf9 membrane fragments were deposited over a 1 µm pore and

the conductance was modulated via Zn2+ before being successfully removed via

force dissection. Single–channel activity was recorded for Cx26 with an observed

conductance of 244 ± 24 pS when suspended over a nanopore.

6.2 Introduction

Understanding the relationship between the structure and activity of bi-

ological macromolecules is critical to developing therapeutic agents and creating

bio-electronic sensors and devices. The structure of biomacromolecules, such as

ion channels and receptors, have been realized with various high-resolution imag-

ing techniques, including x-ray crystallography, electron microscopy, and atomic

force microscopy (AFM). Among these techniques, AFM provides the most versa-

tile platform for imaging of protein structures in real-time as well as their confor-

mational changes that can be induced by agonists [187, 188, 21, 69, 23, 189, 190].

AFM has been successfully used to image the surface structures of ion channels and

receptors embedded in lipid membranes as well as changes in their conformations,

such as the opening and closing of ion channels [68, 21, 23].

The electrical activity of ion channels is traditionally recorded using electro-

physiological techniques, such as patch-clamp and bilayer lipid membranes record-

ing. However, electrophysiology does not have the capacity for imaging. Thus,

structural imaging and activity recording are obtained independently, and the data

must be correlated thereafter, not in real-time. Therefore, simultaneously imaging

the dynamic high-resolution structures, while recording the electrical activity will

enhance understanding of the structure–activity relationship of ion channels and

receptors that determine overall health and well being. Chapters 2 and 5 describe

the development of a two–chamber system and graphene nanopore support that

enable simultaneous imaging of structure and function with AFM. Here, we de-

scribe the application of these two systems for the imaging and electrical recording
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of connexin26 hemichannels, an ion channel protein, that have been purified in

membrane fragments as well as in detergent stabilized confirmations that are later

reconstituted into liposomes.

Gap junctions (GJs) are an important class of ion channel proteins that

couple two cells together for cell–cell communication and signaling. GJs are com-

posed of two hexameric connexin hemichannels that dock together on apposing

cells to form a channel between the cells. The behavior of GJs have been well doc-

umented with regards to their response to various stimuli [191, 192, 193] . However,

undocked connexin hexameric channels, termed hemichannels, have limited imag-

ing and physiological characterization as they are difficult to identify in cellular

structures due to the lack of identifiable assemblies, though there is evidence sug-

gesting they play a functional role in cell behavior [65, 56, 63, 64]. Hemichannels

have been demonstrated to respond to a variety of stimuli, including pH and ionic

concentration [21, 69, 68].

Connexin26 (Cx26), the smallest of the connexin proteins, plays an impor-

tant physiological role in cochlear cell coupling thus mutations in the protein can

result in deafness while other mutations lead to a thickening of skin in the hands

and feet [127, 83, 194, 195]. Reduced function of the Cx26 gap junction channels

has been demonstrated to be a result of the mutations leading to these syndromes

[86, 85, 117]. Increased activity with some mutations leading to deafness has also

been reported for Cx26 hemichannels [87]. Activity of Cx26 hemichannels has

been observed when reconstituted into liposomes or expressed in oocytes mem-

branes presenting a model system for study of the structure and activity [66, 117].

However, the electrical properties and functional activity of these channels are

poorly understood with multiple and widely varying conducting states reported

[81, 82]

Here, the structure and electrical activity of connexin hemichannels were

studied using AFM. Connexin hemichannels were deposited over a micro– and

nano–pore substrate and the surface structures were imaged using AFM. The

electrical activity of a purified membrane fragment was explored with observed

blocking of conductance with Zn2+ addition. Force dissection with AFM of the
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membrane resulted in successful removal of the membrane and increased observed

conductance. The surfaces of the nanopore support membranes were also modified

to improve liposomal fusion resulting in bilayer formation. This was accomplished

by introducing a SiO2 layer over Al2O3, which has higher surface interaction energy,

which allows the liposomes to open and fuse to the surface. The activity of a single

Cx26 hemichannel reconstituted in a lipid bilayer deposited over the nanopore was

successfully recorded using the nanopore membrane with an observed conductance

of 245 ± 24 pS.

6.3 Materials and Methods

6.3.1 Micropore Membrane Fabrication

A detailed protocol for micropore membrane fabrication was previously de-

scribed in chapter 4. Briefly, silicon dioxide membranes (SiO2) were purchased from

AppNano (Mountain View, CA). These membranes contain a membrane window

consisting of a thin (200 nm) SiO2 membrane window (20 µm × 20 µm) suspended

over a 300 µm thick piece of silicon. A 1 µm hole was drilled into the center of

the membrane window with a focused ion beam (FEI Dualbeam) using a current

of 30 nA.

6.3.2 Nanopore membrane fabrication

Following the fabrication of a micropore, a monolayer piece of CVD grown

graphene on copper foil (Graphene Supermarket, Caverton, NY) was coated with

polymethyl methacrylate (PMMA A9, AZ). The monolayer of graphene on the

backside was removed with oxygen plasma (200 mT, 200 W for 30 s) and the

copper backing was removed in copper etchant diluted 1:10 in water overnight.

The graphene–PMMA substrate was deposited over the membrane including the1

µm hole and allowed to dry on a sloped surface for the graphene to attach to the

SiO2 surface. The PMMA was removed from the graphene in acetone overnight.

Atomic layer deposition (ALD) of ∼3 nm of Al2O3 was deposited by a Beneq
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TFS200 atomic layer deposition system utilizing a low temperature deposition

(110 ◦C) with TMA and H2O precursors in nitrogen gas. SiO2 (∼2 nm) was then

deposited with ALD over the Al2O3 layer with SAM24 and ozone precursors at 250
◦C. A transmission electron microscope (TEM) (JEOL 2010FEG, Japan) operating

in bright-field imaging mode was used for drilling through the graphene-Al2O3-SiO2

membrane layer.

6.3.3 Protein Expression and Purification

The methods for protein expression via a baculovirus expression system

in Spodoptera frugiperda (Sf9) cells and purification were previously described in

chapter 4. Details on the expression system and techniques for connexin expression

can be found in detail in [126, 128, 85, 129]. The affinity purification scheme

utilizing hexahistidine tags can be found reported in [78, 126, 128, 85, 130].

6.3.4 Hemichannel Reconstitution

1,2-Dioleoyl-sn-glycero-3-phosphatidylcholine (DOPC) lipids (Avanti Polar

Lipids, Alabaster, AL) (5 mg/mL) dissolved in chloroform were dried in a rotovap.

The dried lipids were hydrated in an imaging buffer (10 mM HEPES, 150 mM KCl,

2 mM MgCl2, pH 7.4)(final DOPC concentration of 0.8 mg/mL) with n-octyl-

β-d-glucoside (OG) (5 mg/mL) and briefly mixed with a vortex. The solution

was bath sonicated for 10-20 min. Purified Cx26-V5-His6 hemichannels (NCBI

Reference Sequence: NM_001004099.1) in elution buffer were added at 1:200 to

the liposomes. The mixture was sonicated for 2 min and then gently mixed for

1 h at 4 ◦C. The detergent was removed to create proteoliposomes by treatment

with Biobeads (Bio-Rad Laboratories, Hercules, CA) (0.1 g/mL) twice for 2 h or

overnight at 4 ◦C.

6.3.5 Deposition of Ion Channels on Support Membranes

The graphene–based nanopore membrane was UV/ozone plasma treated

for 20-60 min prior to deposition of Cx26 containing proteoliposomes. Following
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plasma treatment, the membrane was attached to the two–chamber system with

a silicone rubber. The backside of the membrane was hydrated with isopropanol

and rinsed 3× with imaging buffer. The proteoliposomes were deposited on the

surface and incubated for 30-60 min. The membrane is then rinsed with imaging

buffer to remove unattached liposomes.

6.3.6 Experimental Setup for Imaging and Conductance

The double–chamber system described in chapters 2 and 5 was used to hold

the nanopore membrane support by mounting it with silicone rubber. The conduc-

tance was recording using two Ag/AgCl electrodes with a patch clamp amplifier.

The two–chamber system was placed on a multimode IV AFM (Bruker, Santa

Barbara, CA) for imaging. The entire AFM system was placed in a homemade

Faraday cage for electrical shielding and suspended from a bungee chord–suspended

platform to dampen any vibrational noise. The conductance was recorded with a

custom LabView 8.0 program and a National Instruments digital-to-analog con-

verter (Austin, TX). Electrical analysis was performed with Clampfit 10.2.

6.3.7 Data Analysis of Single–Channel Activity

Leakage current in single–channel recording was corrected using a cubic

spline baseline subtraction (OriginPro 2015, Northhampton, MA). A histogram

with a bin size of 0.2 pA was used to generate histograms, which were subsequently

fit to Gaussian distributions to determine the populating mean and standard de-

viation. All values are reported as mean ± standard deviation.

6.4 Results

6.4.1 Imaging and electrical recording of Sf9 membrane

patch

Cx26 hemichannels embedded in a purified Sf9 membrane were deposited

over a microporous membrane. The electrical activity of the deposited membrane
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was recorded while simultaneously imaging the structure of the lipid bilayers. Large

currents were observed in the deposited membrane, which were likely due to the

large pore size utilized for recording. AFM imaging of purified Sf9 hemiplaques

showed high densities of Cx26 hemichannels in chapter 5, which likely accounted for

the increased currents due to a large number of channels present over a micropore.

The apparent conductivity of the channels was reduced and nearly eliminated with

injection of Zn2+, a non–specific inhibitor of connexin activity, containing buffer

into the system (Figure 6.1 C). This suggests that there was a purified membrane

patch containing Cx26 channels present over the pore.

AFM imaging and force dissection further confirmed the presence of a bi-

layer over the pore. AFM imaging of the pore area showed that the pore was

completely covered by bilayer structures (Figure 6.1 A,B). These structures were

mechanically flexible in the pore area as can be seen by the instability of AFM

imaging over the pore. Increasing the applied force allowed for removal of the lipid

bilayer membrane by selectively scraping away the lipid membrane from the sur-

face (Figure 6.2 A,B). The bilayer was subsequently disrupted resulting in a drastic

and rapid increase in conductance in the electrical recording (Figure 6.2 C). This

provides further confirmation that the conductance was indeed due to the presence

of a bilayer. The height of some of the bilayer structures was measured following

force dissection of the membrane. The step height was found to be ∼6 nm, which

is consistent with the bilayer heights reported in chapter 4 (Figure 6.2 D).

6.4.2 Electrical Recording of a single Connexin26

Hemichannels

Detergent stabilized Cx26 hemichannels purified from Sf9 cells were recon-

stituted in DOPC liposomes, and then deposited on SiO2 coated graphene mem-

branes, which had been surface activated with UV/ozone treatment (Figure 6.3).

Liposomes spontaneously formed bilayers on the surface due to a favorable ener-

getic interaction between the lipids and surface. Following deposition of the lipids,

the electrical activity of Cx26 HCs was recorded with the two–chamber system.

A repeated single step conductance of the same intensity was observed, which are
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typically interpreted as a single ion channel opening and closing (Figure 6.4). A

leakage current was also detected in this recording, which could be due to a crack

in the graphene membrane or incomplete sealing of the pore (Figure 6.4).

The current was baseline corrected for the region with a bias of -85 mV to

allow for a better measurements of the conductance using a spline interpolation

method (Figure 6.5 A). A histogram was generated for the conductances in the

baseline corrected data. A gaussian distribution was fit to the two gaussian peaks

observed in the histogram and the average current was determined to be -20.9

pA ± 2.0 for the open conformation and 0.1 ± 2.3 pA for the closed. This is

equivalent to a conductance of 244 ± 24 pS for an open channel (Figure 6.5 B),

which is consistent with literature values that have been reported [82].

6.5 Discussion

Nanopore fabrication steps were modified to improve the formation of bilay-

ers over the nanopore surface. The previous design utilized Al2O3 as the insulation

for the graphene nanopore, which is not conducive for the spontaneous opening

of liposomes to form lipid bilayers [196, 197]. Previous work has shown that bi-

layer formation is indeed possible, but requires special treatment of the liposomes

to induce bursting through high osmotic pressures and adhesion to the surface

[179]. This includes plasma treatment of the surface to activate it by inducing

the formation of hydroxyl groups on the surface making the surface hydrophilic as

opposed to hydrophobic. Liposomes are more conducive to spontaneous opening

when formed in a pure water environment and can be induced to form bilayers

by adding CaCl2 to increase salinity [179]. However, this is not ideal for proteoli-

posomes, which contain proteins that can be affected by high salt concentrations

and cannot be reconstituted in a pure water environment. Al2O3 is typically used

with graphene as its growth has been shown to occur spontaneously and uniformly

with low temperature (<130 ◦C) ALD, which makes it an attractive for coating

graphene [198]. In our modified approach, a SiO2 layer was deposited via ALD

over the Al2O3 to promote improved bilayer formation [199].
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Blocking of hemichannels has been observed through Ca2+, pH, Zn2+, and

several non-specific blockers, such as octanol [68, 21, 69, 200, 84]. In this work, Zn2+

was utilized, which is a non-specific blocker of hemichannels, but has been shown

to have a significant effect when utilized in concentrations of 10 mM [84]. Zn2+ is

known to be a membrane stabilizer and blocker of a multitude of other channels,

which could account for some of the decrease in observed current [201, 202]. Future

work should explore the affect that Ca2+ has on the activity of the channels as it is

known to affect the structure of hemichannels when present at physiological levels

(<2 mM) [21].

Though we have observed the activity of a single Cx26 hemichannel, we

have yet to successfully image a single-channel structure over a nanopore. This

has been prohibited by instability in the system. However, future improvements to

the membrane should reduce the surface roughness that affects the image quality.

Also, the hexahistadine tags used in protein purification could be used to enhance

imaging through the use of nickel nanoparticles that recognize this sequence, which

would effectively increase the size of the subunits during imaging. The conduc-

tances reported here for a single hemichannels are similar to reported values for

a higher conductance state (200-400 pS). However, lower conductance states has

been reported [117]. This could be due the clustering behavior of the proteins,

which can modulate the activity of the channels, or due to the presence of dif-

ferent confirmations/modulators that result in different conductances [55]. Future

work should explore the change in hemichannel assembly architecture and/or con-

formation that result in different conductance states. Despite this challenge, the

use of a nanopore for imaging and electrical activity recording presents a promising

pathway to structure–function imaging.

Chapter 6 is in part a publication in preparation with Meckes B, Connelly

L C, Ambrosi C, Waduge P, Wanunu M, Sosinsky G S, Lal R. The dissertation

author is the primary author.
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Figure 6.1: AFM imaging and electrical recording of a purified mem-
brane patch containing Cx26. (A–B) A height mode (A) and deflection
(B) image of a micropore coated with purified Sf9 membrane fragments contain-
ing Cx26. (C) Electrical recording of the membranes taken simultaneously dur-
ing imaging. Zn2+ blocking is utilized to prevent activity of ion channels in the
membrane.
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Figure 6.2: Force removal of a membrane patch suspended over a micro-
pore. (A–B)A Height mode (A) and deflection (B) image of a micropore after
the lipid bilayer membrane has been removed. bf (C) The step height of the force
dissected membrane (Denoted by the white line in (A)) is shown and measures 6
nm. (D) The conductance jumps drastically as the membrane is force dissected
off the surface.
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Figure 6.3: Schematic of the experimental setup for Cx26 recording.
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Figure 6.4: Electrical recording of reconstituted Cx26 deposited over a
nanopore in graphene.
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Figure 6.5: Baseline corrected conductance for a Cx26 hemichannel. (A)
The baseline corrected current trace for a single channel is shown. (B) A histogram
of the current recorded for a Cx26 hemichannel recorded over a nanopore. A
gaussian fit of the two populations of currents (open/closed) was applied (red
line). An open state conductance of 245 ± 24 pS was calculated.



Chapter 7

Design and Fabrication of Scanning

Ion Conductance Microscopy Array

7.1 Abstract

The hierarchical relationship between proteins, cells, and tissues in bio-

logical systems is defined by cooperative and coordinated interactions that span

across the nano-to-macroscale. In particular, the nanoscale activity of ion chan-

nels and receptors is defined by cooperative behavior that results in coordinated

signal transduction and stimuli responses that extend across cells and tissues. Un-

derstanding this complex relationship requires development of technology capable

of measuring multiple events simultaneously at the nanoscale. AFM and SICM

are capable of imaging nanoscale behavior in real-time, but are limited to imaging

of a single area. Here, scanning probe microscopy-based technology is developed

for high–resolution and –throughput imaging through the development of a can-

tilever array for multipoint imaging of structures. Silicon nitride cantilevers with

conducting platinum tips were fabricated with a designed stiffness of 0.5 N/m.

To create an independent cantilever array, the design implements the capacity for

self–actuation and –sensing via ZnO piezoelectric films to allow each cantilever to

have independent feedback control and imaging.

110
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7.2 Introduction

The development of novel high–speed and –throughput nanotechnology for

lithography, computational memory storage, and biological imaging techniques re-

quires tools that enable nanometer resolution structural imaging and manipulation.

Atomic force microscopy (AFM) and scanning ion conductance microscopy (SICM)

have the potential to improve these areas through parallelization of the cantilever

probes. This requires the implementation of independent actuation and sensing of

individual cantilevers within the array. The development of cantilever-based scan-

ning probe microscopy arrays for AFM have been pursued utilizing a variety of

methods for actuating the cantilevers through thermal and piezoelectric methods

along with unique sensing configurations [203, 204, 205, 206, 207]. Many of these

approaches focused on developing novel lithographies or creating techniques for

high throughput imaging of solid state devices, but less for biological applications

[208, 209, 210, 211, 212].

Imaging of biological systems with integrated cantilevers presents several

unique challenges, such as shielding of the electrical components from saline fluids

while also maintaining soft forces to prevent disruption of membranes and extra-

cellular matrix proteins. One way to overcome this issue is to use SICM, which,

unlike AFM, does not rely upon a physical interaction between the cantilever tip

and the surface, providing a non-destructive imaging mode [3]. Instead, it utilizes

the localized ionic current measurements, which are dependent on the distance

from the probe surface to recording tip. Past SICM arrays that have been de-

veloped do not possess self-actuation capabilities for addressing each cantilever

independently [213]. This limits the imaging capabilities to only surfaces that are

nearly atomically flat.

The implementation of self–sensing and actuation on the cantilever can

improve the performance during imaging, particularly when operating in tapping

mode. Integration of self–actuation on the cantilever tip can remove many of the

erroneous resonant peaks present from mechanical stimulation in fluid, which also

vibrates the entire cantilever holding apparatus [214, 215, 206]. Improved imaging

speeds and stability have been achieved with self–actuating cantilever [26]. Among
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the two most common approaches to multicantilever actuation, piezoelectric pro-

vides the most accurate means to control the z position. The other most commonly

used method, thermal actuation, relies on passive cooling processes, which can slow

down imaging. However, piezoelectric actuation is a fully active process, which can

overcome this limitation. However, in fluid systems, it has proven difficult to pre-

vent disruption of the piezoactuator from liquid perturbation.

Here, we report the design and fabrication of a multi-cantilever array for

SICM imaging with self-sensing and actuation capabilities. Silicon nitride can-

tilevers with conducting lines were fabricated with piezoelectric ZnO films for in-

dependent actuation of the probe. The sputter pressure for the ZnO film growth

was examined to determine the best growth condition for the actuator, which was 7

mT. Conducting tips were integrated into the cantilevers for detecting the distance

between the sample and probe in a saline environment.

7.3 Materials and Methods

7.3.1 Fabrication of Cantilever Array

Figure 7.1 shows the fabrication scheme for the cantilevers. An intrinsic

<100> silicon wafer (7.1 A) (Virginia Semiconductor, Manassas VA) was coated

with silicon nitride (SiNx) (∼1 µm) using low stress, low pressure chemical vapor

deposition. The wafer was subsequently patterned with photolithography and dry

etched (Oxford P80, Oxford Instruments, Oxfordshire, UK) to shape the cantilever

on the frontside of the wafer. The dimensions of the cantilever structure was 350

µm in length and 100 µm in width (Figure 7.1 B). The backside of the wafer was

also dry etched to produce release windows for etching of the silicon in the final

step. Next, SiO2 was deposited on the frontside at 4.5 µm thickness with plasma

enhanced chemical vapor deposition (PECVD) (Oxford Instruments, Oxfordshire,

UK). The cantilever tip was patterned with photoresist in conjunction with an

adhesion promoter, hexamethyldisilazane (HDMS), shape the tip during etching

(Figure 7.1 C). The wafer was etched in 6:1 buffered oxide etch (NH4F:HF) for 15

min (Figure 7.1 D). Next, a thin layer of platinum (150 nm) with a titanium adhe-
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sion layer (∼5 nm) was deposited on the cantilever via direct current (DC) plasma

sputtering at 2.5 mT Ar (Denton Discovery 18, Denton Vacuum, Moorestown, NJ)

and patterned through lift–off. This layer serves as a conducting line for electrical

recording and SICM imaging (Figure 7.1 E). To prevent fluid from accessing the

electrical recording line in undesirable locations, a layer of SiNx was deposited with

PECVD and subsequently patterned through dry etching (Figure 7.1 F).

7.3.2 Actuator Fabrication

The actuator was implemented on the cantilever by first depositing 5 nm of

chrome and then gold (250 nm) as the base electrode with a DC sputtering system

(AJA, Scituate, MA) and then patterned via lift–off. Next, a layer of zinc oxide

(ZnO) was deposited via radio frequency (RF) sputter deposition (AJA, Scituate,

MA) using a ZnO target. The conditions where 95% argon with 5% oxygen gas

at 10 sccm flow at 100 W and 7 mT (Figure 7.1 G). Following deposition, the

films were annealed in nitrogen gas for 10 min at 350 ◦C followed by 5 mins at

400 ◦C to promote the growth of ZnO crystals in the preferred (002) orientation

for piezoelectricity. The ZnO film was etched in 1:1:50 phosphoric acid:acetic

acid:water for ∼10 s. The top electrode was deposited in the same fashion as the

bottom with a titanium adhesion layer in place of chrome. The actuators were

then insulated from fluid with PECVD SiNx (150 nm), which was then patterned

with dry etching (Figure 7.1 H).

7.3.3 Cantilever Release

The frontside of the cantilever was coated using an Apiezon wax (Manch-

ester, UK). The backside was etched with 20% KOH at 75 ◦C until only a thin

section of silicon remained (Figure 7.2). The polymer protective coating was re-

moved and the final release was performed with xenon difluoride (XeF2) dry etching

(Xactix, Pittsburgh, PA) (Figure 7.1 I).
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7.3.4 Integration with AFM

A custom printed circuit board was designed with Altium (La Jolla, CA)

for intergration with the AFM (Figure 7.3). This was integrated with a custom

AFM cantilever holder to be utilized with a Multimode IV or V system (Bruker,

Santa Barbara, CA).

7.3.5 Characterization of ZnO FIlms

ZnO films were grown using RF sputter deposition (AJA, Scituate, MA)

with a ZnO target. The films were grown under 95% Ar and 5% O2 atomosphere

with a flow rate of 10 sccm. The pressures used were 2, 5, 7, and 10 mT on a silicon

nitride substrate with an annealing temperature of 500 ◦C for 15 min. AFM images

of films were captured with a Multimode V with a scan rate of 1 Hz in peak force

tapping mode. X-ray diffraction was performed on samples sputtered at 7 mT and

10 mT on gold and silicon nitride substrates. These samples were annealed for 10

min at 350 ◦C and 5 min at 400 ◦C. X-ray diffraction was performed with Bruker

D8 Discover (Madison, WI) with 2θ values from 13 to 95 degrees.

7.4 Results

7.4.1 Probe Fabrication

Images of the fabricated structures were captured with light microscopy.

The structures that form the bulk of the cantilever design are shown (Figure 7.4).

The dimensions of the cantilever are 100 µm wide, 1.4 µm thick, and 350 µm long.

The stiffness (k) of the cantilever can be estimated based on these parameters

using Eulerian beam theory.

k = Ewt3

4l3

E is the Young’s modulus of the material. w, t, and l are the width, thickness, and

length of the cantilever respectively. The estimated stiffness was ∼0.5 N/m based

on the Young’s modulus of silicon nitride, the main material utilized in the design.
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However, this may be an underestimate of the actual stiffness as the cantilever is

made up of a complex multilayer system which includes metallic and other ceramic

materials.

7.4.2 ZnO Film Growth

RF sputtering of ZnO films was performed at multiple conditions to ex-

amine the crystal growth of the ZnO films. ZnO crystals with piezoelectric ac-

tivity were preferentially grown in the Wurtzite (002) crystal plane. This plane

is also the most energetically preferred orientation for sputter deposition growth

of ZnO. However, the crystal growth quality is affected by a multitude of factors

including the temperature, distance to the sputtering target, rotation, pressure,

flow rate, gas composition, annealing temperature, machine, and deposition time

[216, 217, 218, 219, 220, 71]. Different sputter pressures were examined including:

2 mT, 5 mT, 7 mT, and 10 mT. Higher pressures showed a positive correlation

with increasing grain size at room temperature. AFM images were taken of the

samples sputtered under these conditions (Figure 7.5). A sample sputtered at

lower pressures, 2 mT, showed formation of amorphous structures (Figure 7.5 A).

Poor crystal formation was also observed in the sample sputtered at 5 mT (Figure

7.5 B). Higher pressures, 7 mT and 10 mT, showed improved crystal formation with

hexagonal geometry typical of (002) crystal formation (Figure 7.5 C–D). Larger

crystals were observed at 7 mT sputter pressure compared to 10 mT.

Films deposited at 7 mT and 10 mT were further characterized with x-ray

diffraction. Films grown on gold substrates showed stronger diffraction intensi-

ties at the characteristic 2θ angles for ZnO (Figure 7.6), which indicates preferred

crystal growth compared to amorphous silicon nitride. Highly oriented piezoelec-

trically active ZnO crystals favor the (002) Wurtzite orientation, which is when the

hexagonal face is perpindicular to the surface and is observed 34.5 degree 2θ angle.

The strongest peak is observed under 7 mT, further confirming this as the best

condition. Weaker peaks are detected for some of the other crystal orientations

indicating that some crystals are not oriented ideally (Figure 7.6).
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7.5 Discussion

The design of this scanning probe microscopy array allows for high-

resolution multipoint imaging of structure and function. The fabrication of this

array has been described in detail though more developing and troubleshooting is

needed to realize a fully functional system. The success of this system will be de-

pendent on the implementation of self-actuation, which ideally should occur with

highly oriented ZnO films resulting in high restivities (> 106 Ω·cm) [221]. Im-

provements can be made by attempting a multi–step deposition technique, which

utilizes a combination of sputter temperatures to deposit films with an improved

piezoelectric response [222]. Low temperature seed layers along with subsequent

high temperature steps may reduce the resistivity of the film and improve the

piezoelectric response [222].

The system presented in this chapter is designed for parallel SICM imaging

utilizing the conducting tips detection and positionng. To enable multipoint AFM

imaging, a suitable deflection detection scheme for the cantilevers is necessary.

Current research is on the development of novel detection schemes that are low

noise. This effort is focused on the instrumentation of the AFM as opposed to

microfabrication of cantilevers with integrated detection. When utilized with the

array designed in this chapter, independent parallel AFM imaging will be realized.

Further testing on the fabricated devices will fully characterize the can-

tilever probes along with their resonant frequency and stiffness. The steps pre-

sented in this chapter outline the methods for successful fabrication of a SICM

cantilever array.

Chapter 7 is in part a publication in preparation with Meckes B, Yang Q,

and Lal R. The dissertation author was the primary author.
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Figure 7.1: Summary of microfabrication steps for the cantilever array.
(A) A piece of <100> silicon that is 500 µm thick. (B) Low stress silicon nitride
is deposited with LPCVD and patterned on the frontside and backside with dry
etching. (C) SiO2 is deposited via PECVD and masked with photoresist. (D) The
tip is etched with BOE and the photoresist is removed. (E) Platinum with a thin
titanium adhesion layer is sputter deposited to make each cantilever conducting.
(F) PECVD silicon nitride is deposited and patterned to insulate the platinum.
(G) A piezostack consisting of gold upper and lower electrodes with chrome and
titanium adhesion layers, respectively. A RF sputtered ZnO film is grown on the
lower electrode. (H) PECVD silicon nitride was used to insulate the piezostack
from fluid. (I) The cantilever was etched with KOH and XeF2
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Figure 7.2: Optical images of a cantilever before the final etch step.
Small flakes of silicon are still present following KOH etching as further etching
can damage the cantilever due to stiction of bubbles to the cantilevers.
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Figure 7.3: 3D projection of the PCB support for the cantilever array.
This was utilized as a mechanical support for mounting the cantilever in the AFM.
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Figure 7.4: Optical images of a partially fabricated parallel cantilever.
(A) The cantilevers with the piezoelectric-actuation shaped components are
shown. The tips have been coated with platinum and further insulated with silicon
nitride. (B) The contact pads are shown for inputting electrical signals.
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Figure 7.5: AFM images of ZnO films deposited at different sputtering
pressures. (A) 2 mT. (B) 5 mT. (C) 7 mT. (D) 10 mT.
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Figure 7.6: X-ray diffraction spectra of ZnO films grown under different
sputter pressures. Gold substrates showed greater orientation of ZnO crystals
compared with silicon nitride substrates. Films grown under 7 mT pressure showed
the strongest x-ray diffraction intensity in the preferred orientation (ZnO 002).
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