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PREFACE

Three of the chapters in this dissertation, Chapters 2-4, have been submitted

individually for publication. Chapter 4 was accepted by Genetics in January, 1996 and will

appear, in slightly modified form, in July of 1996. Chapters 2 and 3 are currently

undergoing review as two separate manuscipts at Cell. Parts of Chapter 1 and some of the

introductory material will be incorporated into a solicited chapter for Methods in Cell

Biology entitled “Mapping the architecture of the interphase nucleus” by the summer of

1996. In addition, each of the two appendices has appeared as a publication. Appendix A

was written as a chapter for a Cold Spring Harbor Laboratory Press monograph entitled

Telomeres and was published in 1995. Appendix B was an article in The Journal of Cell

Biology (1993) 120, pp. 591-600. These appendices are reprinted by permission of the

copyright holders.
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Nuclear Architecture In Drosophila melanogater

Abby F. Dernburg

John W. Sedat, Advisor

ABSTRACT

This dissertation describes the development of novel techniques for fluorescence in

situ hybridization (FISH) in whole-mount tissues and their application to the study of

chromosome organization in Drosophila melanogaster. The methodology is described in

detail in the first chapter. Each of the subsequent chapters presents experiments using

FISH to address a particular question in chromosome biology.

One study investigates the relationship between the global arrangement of

chromosomes in the interphase nucleus and the expression of an eye-color gene, brown,

which displays dominant position-effect variegation (PEV). Using three-dimensional

FISH and statistics, I show that the mutation bywº, which was caused by insertion of a

block of heterochromatin near the end of a chromosome, markedly alters the normal

organization of the interphase nucleus. This impact of the bwº mutation on nuclear

architecture is due to specific physical interactions between the insertion and centromeric

heterochromatin in an intrachromosomal fashion. Moreover, this work provides some of

the most compelling evidence to date of dramatic differences in chromosome organization

as a function of the development of an organism.

A separate study explores the issue of chromosome pairing during meiosis in

Drosophila oocytes. Specifically, I used FISH to investigate the mechanism of achiasmate

(or “distributive”) segregation by asking whether chromosomes that fail to undergo

exchange with a homolog are nevertheless paired with a partner chromosome. This work

illustrated that pairwise associations are maintained between homologous chromosomes



even without crossing over, but that pairs of heterologous chromosomes can Segregate

from each other without prior association.

In the final chapter, I examine a perplexing example of non-Mendelian inheritance

through the male germ line in Drosophila. A particular compound chromosome, C(2)EN,

is transmitted only poorly to the progeny of males that carry it. In collaboration with other

investigators, I showed that this phenomenon is an example of meiotic drive, in which

sperm containing the compound chromosome undergo selective dysfunction at a particular

stage of the fertilization process.

A reiterated theme throughout these studies is the key role of heterochromatin in the

organization of Drosophila chromosomes in both somatic and meiotic nuclei.
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INTRODUCTION

HISTORICAL BACKGROUND

This work describes my development and use of novel techniques for the study of

chromosome organization in Drosophila. Its overall goal was to discern rules governing

nuclear architecture and chromosome behavior. This subject dates to the latter half of the

19th century, when advances in microscopy and histological methods allowed investigators

to visualize chromosomes in intact cells and to speculate as to their function. Many such

studies predate the knowledge that chromosomes comprise basic units of genetic information,

which was not firmly established until the 20th century (reviewed in Voeller, 1968). In the

intervening time, a great deal has been learned about the molecular structure of genetic

information, but surprisingly few advances have been made towards understanding the global

organization of chromosomes.

Most of the early cytological studies of chromosome architecture were restricted to

the stages of the cell cycle during which chromosomes are condensed and thus visible as

discrete individual entities. Nevertheless, such investigations established paradigms which

are still applied to the study of interphase architecture. For example, by observing

chromosomes as they entered and exited from interphase, Rabl (1885) concluded that they

maintained their telophase polarity, with centromeres at one side of the nucleus and telomeres

at the other, throughout the division cycle. Furthermore, through observation of squashed

preparations of mitotic chromosomes it was established that pairs of homologous

chromosomes are found to be closely associated in the Dipterans (including Drosophila

melanogaster) (Stevens, 1908; Bridges, 1916; Metz, 1916), but not necessarily in other

animals or in plants (reviewed in Wilson, 1925; Avivi and Feldman, 1980; Comings, 1980).

Interphase was long regarded as a “resting” stage, during which little of cytological

interest occurs, but we now appreciate that DNA replication, transcription, and other key

nuclear activities take place during this phase of the mitotic cell cycle. This knowledge has



generated a great deal of interest in understanding the structural features of the interphase

nucleus, and how they might function to regulate such processes. During interphase the

chromosomes themselves are at their least condensed, so little information has been available

from direct microscopic examination of interphase nuclei. The paucity of data has not,

however, precluded speculation about principles of chromosome organization.

Unfortunately, there is a general blurring in the literature between hypothesis and
observation.

Many ideas about chromosome organization derive from very indirect

experimentation; for example, the concept of a “nuclear matrix” originated from treatment of

nuclei with particular salts or detergents, which tend to extract some proteins and precipitate

others. This has led to the notion that the precipitatable proteins may form a structural

scaffold of some kind in the interphase nucleus to which chromosomes attach by means of

special sequences (“scaffold-attachment regions”, or SARs). However, direct in vivo

evidence for such a scaffold is still largely lacking. While biochemical studies have

generally been slow to elucidate the architecture of the interphase nucleus, they have

provided both structural models and tools with which to test these hypotheses. For example,

characterization of the components of the nuclear matrix has led to the development of

specific probes, such as antibodies to nuclear proteins, that make it possible to observe the

distribution and dynamics of nuclear components in both fixed and living specimens (e.g.,

Swedlow et al., 1993).

In Drosophila, a long history of genetic investigation has generated some intriguing

ideas about chromosome organization. For example, in certain cases where a fly carries two

different alleles at a particular genetic locus, the two homologous loci do not behave

independently, but appear to interact with each other. This phenomenon, termed

“transvection” when it was first described by (Lewis, 1954), suggests that pairs of

homologous chromosomes do not merely neighbor each other within the nucleus, but in fact

are intimately synapsed in such a way that molecular information can be shared between



them. A different genetic phenomenon, that of position-effect variegation (PEV; for a recent

review see Weiler and Wakimoto, 1995) has also led to global, architecural models for the

regulation of gene expression.

Some of these ideas have been tested, albeit somewhat indirectly, by observation of

Drosophila polytene chromosomes. These giant chromosomes have undergone as many as

ten replication cycles without mitotic division; they have exited the mitotic cycle and remain

in a protracted interphase (Smith and Orr-Weaver, 1991). Consequently, they contain

approximately 1000 homologous strands of DNA that remain aligned in register. Due to

their large size, they can be directly observed in the light microscope, and many cytologists

have investigated interphase architecture using this tool. In such nuclei, intimate synapsis

between all pairs of homologous chromosomes is readily observed. In addition, the

chromosome polarity originally described by Rabl (1885) has been demonstrated in polytene

nuclei (Mathog et al., 1984; Hochstrasser et al., 1986). Polytene chromosomes also show

association with the nuclear envelope in their centromeric regions and at particular sites

along their arms (Mathog et al., 1984; Hochstrasser et al., 1986), suggesting the these may

represent specific interactions rather than random appositions. Furthermore, there appears to

be a tendency of certain chromosomal regions to physically interact with each other, based on

the frequency of ectopic fibers observed between particular sites (Kauffman and Iddles,

1963).

While polytene chromosomes have been a wonderful model system for the study of

chromosome architecture, they represent a specialized kind of interphase in a cell that is fully

committed to a particular developmental path. Until recently, more prototypical, diploid

interphase nuclei were beyond the reach of the light microscope and their organization

remained elusive. Direct observation of condensed chromsomes in Drosophila embryos had

hinted that some of the same organizational motifs observed in polytene nuclei might also

govern diploid chromosome architecture (Foe and Alberts, 1985; Hiraoka et al., 1990), but

there was no way to test these ideas directly in unperturbed interhase nuclei. Figure 0.1
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Figure 0.1

By 1990, direct observation of chromosomes in diploid embryos had demonstrated a

Rabl configuration both in prophase (Hiraoka, 1990) and in interphase nuclei that were

induced to condense prematurely by depriving the embryos of oxygen (Foe and Alberts,

1985). During mitotic division, the chromosomes segregate in a plane parallel to the surface

of the embryo. Once they enter interphase, however, they cannot be observed in the light

microscope, and their organization was therefore poorly understood.

Based on studies of polytene chromosomes and diploid nuclei in other systems, we

hypothesized that any of the organizational features illustrated inside the box might be

present in Drosophila interphase nuclei: Chromosomes might occupy distinct domains that

do not overlap extensively. The polarity observed in telophase and prophase nuclei could

potentially be maintained throughout interphase. Homologous chromosomes might be

physically associated, as they are in polytene nuclei. Specialized chromosomal loci might

interact with either the nuclear envelope or with an internal “scaffolding” structure. It was

also conceivable that none of these motifs would be found, and even that no particular order

would be apparent inside the interphase nuclei upon direct examination.



illustrates the state of our understanding and hypotheses at about the time I began my work.

In 1969, Mary Lou Pardue and Joe Gall published the first descriptions of

methodology for chromosomal in situ hybridization, in which a labeled probe corresponding

to a specific chromosomal region is hybridized to a fixed chromosome preparation on a glass

slide, and its localization then detected in the microscope. This phenomenal advance allowed

cloned sequences to be rapidly mapped to physical positions along the chromosome arms,

thanks to the painstaking work of Bridges (Bridges, 1935; Bridges, 1938) to establish maps

of the salivary gland polytene chromosomes based on their consistent banded features. This

technique is now a basic tool of most Drosophila laboratories. It also generated a new

approach for studying nuclear architecture, since hybridization could be carried out not only

to polytene chromosomes, but also to cytological preparations of mitotic chromosomes and

even to interphase nuclei.

However, until quite recently the method was almost exclusively applied to squash

preparations, in which the three-dimensional aspects of nuclear architecture have been lost.

Initially, this limitation was intrinsic to the method, which utilized radioactive probes. Their

detection was carried out by overlaying a slide with a photographic emulsion to detect the

radioactivity, and such a technique is not suitable for three-dimensional analysis. Moreover,

standard fixation methods for in situ hybridization generally removed or precipitated most

cellular proteins, precluding the possibility of localizing both chromosomal loci and protein

components in the same specimen.

With the advent of fluorescent probe detection, however, this approach could, at least

in principle, be used to study three-dimensional nuclei, if suitable conditions for fixation and

hybridization could be established. Such a technique had the potential to make the

investigation of three-dimensional chromosome organization within diploid interphase nuclei

a reality. As a postdoctoral fellow in the laboratory, Yasushi Hiraoka worked to adapt

fluorescence in situ hybridization (FISH) to study chromosomes in whole, fixed Drosophila

embryos. Eventually, he succeeded in detecting a specific chromosomal locus within



interphase nuclei in such specimens. He used this technique to examine the pairing of

homologous chromosomes at the histone gene locus in blastoderm-stage embryos (Appendix

B). This choice was made on a purely technical basis, since the only probe which had

yielded encouraging results was this histone repeat, spanning a 500-kb locus on chromosome

2. Yasushi was able to demonstrate that the two homologous copies of this locus are mostly

detected as separate signals in very early embryonic nuclei, but at nuclear cycle 14, during

the first interphase of significant length, homologous histone loci become predominantly

paired.

My work picked up where Yasushi's left off. My initial aim was to substantially

improve the method he had devised for whole-mount in situ hybridization to Drosophila

embryos, since it was neither reliable nor versatile enough to permit the investigations I

hoped to pursue. At that stage, most experiments failed completely - hybridization to the

histone locus was detected in only about one of five attempts - and we did not understand the

source of this variability. Furthermore, I wished to examine pairing at genetic loci known to

show transvection effects and in tissues other than embryos, necessitating an increase of

about 2 orders of magnitude in the sensitivity of the method. The potential value of whole

mount in situ hybridization as a tool was enormous, great enough to warrant a full-scale

effort to make it as reproducible and versatile as I could achieve.

I spent close to a year attempting to eliminate the aspects of the procedure that caused

variability. Other investigators working with FISH techniques also experienced frustration

with their inability to produce samples of reliable quality. Many with whom I communicated

regarded the process as magical, and some obsessively observed special rituals they believed

to contribute to success, such as attempting experiments only on humid days or at a particular

laboratory bench. I found that published hybridization protocols often contained useless or

even deleterious steps which had presumably been included in one successful experiment and

never subsequently examined for their efficacy. I attempted to identify and purge all such

elements from the standard procedure I hoped to develop.



Ultimately, I did establish a streamlined, reliable procedure that has enabled me and

other members of the laboratory, and investigators elsewhere, to study various aspects of

chromosome biology in Drosophila. By no means do I wish to claim that the procedure has

been truly optimized; I fully expect that eventually someone, individually or collectively, by

deliberate intent or accidentally, will find a different approach that gives greater sensitivity,

better structural preservation, or both, or perhaps even allows analogous detection of specific

chromosomal regions in living specimens!. However, my experience with the methodology

suggests that I have arrived at a local peak in the landscape.

METHODOLOGY FOR CHROMOSOMAL INSITU HYBRIDIZATION

The methods I have developed are presented and annotated in Chapter I. This chapter

includes optimized protocols for synthesis of FISH probes and their fluorescence detection. I

describe specific conditions for successful whole-mount in situ hybridization to a number of

Drosophila tissues. The initial optimization of this technique was carried out in blastoderm

stage embryos, and subsequently extended to include egg chambers, spermatids, imaginal

disks, and polytene tissues such as malpighian tubules. One general protocol could be

adapted to all of these different specimens, once appropriate isolation and fixation conditions

were established for each. The conditions were designed to preserve tissue and chromosome

morphology. Hybridization under these conditions is also compatible with

immunofluorescence, which has enabled the identification of satellite DNA binding sites for

the nuclear proteins topoisomerase II and GAGA factor.

STUDIES OF DROSOPHILA CHROMOSOME BEHAVIOR USING FISH

The subsequent three chapters describe a series of investigations I carried out using

FISH as a tool. While the development of the methodology was initially motivated by a

"Such a method has been developed by Aaron Straight and Andrew Murray for examination of
chromosomes in liveS. cerevisiae cells. However, it is not suitable for Drosophila because it relies upon
the ability to introduce a DNA binding site for the lac repressor protein into a defined site in the yeast
genome by homologous recombination, and this has not yet been possible in Drosophila.



desire to study interphase architecture, I found that it could also be applied to other

outstanding problems in chromosome biology. These diverse studies are thus linked

primarily by the methodology that I have applied.

However, another attribute shared by all of these investigations is their reliance on a

body of information obtained through genetic approaches. In each case, I have undertaken to

answer a question that lay just beyond what could be studied genetically. While the technical

aspects of this work have been very demanding and often highly creative, a large part of my

effort was directed toward identifying interesting questions that were answerable using the

techniques I had available. This is a somewhat backwards way of doing scientific research,

since the conventional way of doing things is to focus on a question and then to find the

means to answer it. John Sedat, my advisor during the course of this work, has often been

heard to say, “the biology drives the science,” which is his way of arguing that there are

biological questions that demand the kind of high-tech, three-dimensional microscopy that he

has pioneered. I think it's also fair to say that the technology drives the biology - when a

new method is devised, it can lead us to ask completely new questions.

The areas I have explored are diverse in their historical backgrounds and biological

significance. For this reason, it is difficult to present the background for these studies in a

cohesive introduction, and I hope that the background material provided in each chapter will

suffice to orient the reader. As I had originally intended, I pursued a number of questions

pertaining to the organization of interphase nuclei. The most comprehensive study I have

carried out in this area focused on the role of chromosome architecture in the well-known

phenomenon of position-effect variegation, and this is presented in Chapter 2. In addition, I

explored the behavior of chromosomes in meiosis in both male and female Drosophila, and

these investigations are documented in the subsequent chapters.

NUCLEAR ARCHITECTURE AND GENE EXPRESSION



Chapter 2 describes an investigation of the relationship between nuclear architecture

and transcription in Drosophila. This study focused on the mutation byp (brown Pominan),

which is caused by insertion of a block of heterochromatin into or adjacent to the bw locus,

resulting in dominant variegation of its expression. Steve Henikoff has proposed that the

variegation is caused by a tendency of the heterochromatic block to loop into the

chromocenter of the nucleus, carrying a normal homologous partner chromosome along with

it, and that in this “neighborhood” transcription is shut down.

I developed probes to the bw locus and to specific heterochromatic blocks on different

chromosomes and using these tools, tested this model. I discovered that it is partially correct:

The bwp insertion does cause the chromosome to affect altered three-dimensional

conformations in a variegating manner. However, this appears to be due to specific

associations between the bwp locus and the centric region of the same chromosome arm,

probably mediated by homologous interactions, rather than simply a tendency of

heterochromatin to be in one portion of the interphase nucleus. A surprising outcome of this

study was the remarkable diversity I observed in diploid chromosome architecture in

Drosophila. The arrangement of chromosomes in the nucleus is sensitive to both the

developmental stage and the particular tissue being examined, and this emphasizes the

importance of carrying out studies of nuclear architecture within a relevant biological

COntext.

CHROMOSOME PAIRING DURING DROSOPHILA MEIOSIS

The second study, presented in Chapter 3, is the result of a collaboration with Dr.

Scott Hawley at U.C. Davis to investigate the mechanism of achiasmate chromosome

segregation in Drosophila meiosis. It has long been known that disjunction of two

chromosomes can occur in Drosophila females without crossing over, and thus without

chiasma formation, via the so-called “distributive pathway”. The work of Dr. Hawley and

10



his colleagues had shown that homologous achiasmate chromosomes segregate by a distinct

system from that which segregates nonhomologous chromosomes.

When I began this work, it was unknown whether physical pairing of the

chromosomes was involved in either segregation pathway. This question had remained

unanswered because the oocyte nucleus is tiny and highly condensed, precluding microscopic

observation of individual chromosomes. I synthesized probes that enabled me to examine

chromosome interactions in the prophase oocyte. These tools enabled me to demonstrate that

homologous chromosomes pair in their heterochromatic regions, regardless of whether they

undergo exchange, and remain paired until their disjunction at anaphase I. In contrast,

heterologous partners segregate without ever pairing during prophase. This work has

suggested that a key role of heterochromatin in female meiosis is to maintain alignment

between nonexchange homologs, since euchromatic regions separate during prophase while

heterochromatic sequences remain paired. Moreover, it has addressed other long-standing

issues about meiotic chromosome organization, particularly the role of the heterochromatic

chromocenter.

MEIOTIC DRIVE CAUSES REDUCED TRANSMISSION OF A COMPOUND CHROMOSOME

In collaboration with Douglas Daily and Bill Sullivan at U.C. Santa Cruz, I pursued a

line of investigation that led me into the realm of male meiosis in Drosophila. This study

began with an observation by Novitski et al. (1981) that a particular compound chromosome,

C(2)EN (compound two entire), shows paternal transmission well below Mendelian

expectations. Only 2% of progeny receive this chromosome from their father, rather than the

50% that would be predicted. I was initially recruited to this project to use FISH procedures

to karyotype embryonic progeny from crosses involving the C(2)EN chromosome. At that

time, my collaborators believed that the reduced transmission could be due to an imprinting

mechanism: embryos that inherit the C(2)EN paternally might not survive to adulthood.

Contradicting this hypothesis, we found that the full reduction in transmission is

11



observed even in very early embryos, establishing that it is due to pre-fertilization events. I

went on to try to pinpoint where the C(2)EN chromosome is eliminated from the gamete

pool. This required the development of techniques to karyotype individual spermatids, both

in the testes of males and in the females to which they were mated. I discovered that

C(2)EN-bearing gametes are produced at approximately Mendelian levels by such males, and

furthermore that such sperm are transferred to females upon mating. The distortion occurs at

the point of sperm storage by the female: nullo-2 sperm are stored much more efficiently

than C(2)EN-bearing sperm, probably because the C(2)EN-bearing sperm are inherently

dysfunctional. The ratio of the two classes of sperm in the female's storage organs precisely

reflects the transmission seen in their progeny.

I was struck by the parallels between this phenomenon and other meiotic drive

systems in Drosophila, including Segregation Distorter and also the drive induced by

deletions of X heterochromatin. A unifying model proposed by BAKER and CARPENTER

(1972) can explain the C(2)EN-induced meiotic drive if we hypothesize that the primary

aberration stems from homologous chromosome pairing during meiosis in the male.

DIVERSE QUESTIONS, COMMON THEMES

Despite the potential caveats of using polytene chromosomes as a model for nuclear

architecture, my work has persistently demonstrated the generality of many of the paradigms

that came out of such studies. Interphase chromosomes do show a strong “Rabl”

organization, or centromere-to-telomere polarity, in Drosophila embryos, and it was only by

examination of nuclei from other diploid tissues, larval neuroblasts and imaginal disks, that I

observed divergence from this organizing principle. As demonstrated in Chapter 2, diploid

chromosomes can form long-range looping interactions between distant regions of homology,

a phenomenon that was first observed in the polytene nucleus. The formation of the polytene

chromocenter is a consequence of association between nonhomologous chromosomes.

However, the work presented in both Chapters 2 and 3 suggests that while sequences can
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associate even when they do not occupy homologous positions on different chromosomes,

such interactions are inevitably between homologous sequences. I would thus propose that

the polytene chromocenter results from association between regions of shared homology

between the heterochromatin of the different Drosophila chromosomes. While I have not

addressed the issue of association between diploid chromosomes and the nuclear envelope,

Wallace Marshall in our laboratory has successfully used the methods I developed to

demonstrate that such specific interactions do occur in Drosophila embryos, and moreover

that the chromosomal sites at which they occur correspond well with those detected in

salivary gland nuclei (Marshall et al., 1996).

A theme that is reiterated in each of these studies is the key role of heterochromatin in

the architecture and biological function of Drosophila chromosomes. In principle, it could be

argued that I would be predisposed to notice the significance of heterochromatin simply

because most of my FISH probes and experiments have been designed for the detection of

repeated sequences. However, it can equally be argued that genetic studies would tend to

under-emphasize the role of heterochromatin, since this large component of the Drosophila

genome contains few genes and is difficult to manipulate through traditional genetic

approaches.

If there is one succinct lesson to be derived from the work I present here, it is the

following: Homologous chromosome interactions have an enormous impact on three

dimensional nuclear architecture in diverse cell types, and it is the particular propensity of

heterochromatin to form such associations that endows it with its key biological functions. In

Chapter 2 I show that the insertion of a single block of heterochromatin into a euchromatic

region of a chromosome causes a major change in interphase architecture. In Chapter 3 I

argue that persistent associations between homologous chromosomes during meiosis are

restricted to their heterochromatic regions, based on both my cytological observations and on

genetic evidence. In Chapter 4, although I do not directly examine the role of

heterochromatin in meiotic drive, I present evidence that supports the notion that regions in
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the heterochromatin may monitor meiotic chromosome pairing and lead to the elimination of

unpaired chromosomes.

The molecular basis for such functions of heterochromatin are only poorly

understood. Long regarded as “junk DNA,” it has been largely disregarded by investigators

who prefer to study the structure of transcriptionally active chromatin. Fortunately, there are

those who are willing to plunge into the murky waters, and some such adventurers have

already been rewarded by discoveries of unforeseen “islands” containing key sequences

required for chromosome segregation in mitosis and meiosis (Le et al., 1995; Murphy and

Karpen, 1995).
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CHAPTER 1: METHODOLOGY FOR WHOLE-MOUNT FLUORESCENCE

INSITU HYBRIDIZATION

Summary

A large portion of my doctoral work was directed at developing new

methodology. Since I suspect that the most important function of this dissertation will be

to provide a record of the protocols I developed and the rationale underlying them, I have

included them here in the first chapter. These include procedures for labeling DNA

probes for in situ hybridization, and fixation and chromosome hybridization techniques

for a number of Drosophila tissues. I have also included protocols for carrying out

similar experiments in other organisms, specifically budding yeast (Saccharomyces.

cerevisiae) and meiocytes from maize (Zea mays).

Introduction

The Sedat laboratory has long been particularly interested in the organization of

the interphase nucleus. We seek to elucidate interphase chromosome organization,

primarily in Drosophila melanogaster, using high-resolution three-dimensional

microscopy. Until recently, the primary approach to the study of interphase architecture

focussed on examination of polytene chromosomes, since it is possible to visualize them

directly in the light microscope and even to discern where particular genomic regions are

localized, by means of their consistent banding pattern carefully documented by Bridges

(Bridges, 1935; Bridges, 1938). However, polytene chromosomes represent a specialized

type of interphase nucleus, one that has exited the mitotic cell cycle and is committed to a

particular developmental path. The relevance of polytene nuclear architecture to that of

more “normal” diploid nuclei was largely unknown. During the early part of my doctoral

work, I was particularly interested in exploring relationships between gene expression
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and chromosome organization, and such questions required direct knowledge of the

organization of diploid nuclei.

Fluorescence in situ hybridization clearly held the potential to make this possible.

Chromosomal in situ hybridization had become a widely used technique, primarily in the

previous 5-10 years. It had been applied to a multitude of problems in both basic and

clinical research, and was increasingly being used in the diagnosis of genetic or cancer

related chromosome aberrations. This technique provides a powerful and still

underutilized tool with which to address basic cell biological questions pertaining to

chromosome organization and behavior.

However, at the time I began my work, this technique had almost exclusively

been applied to the analysis of spread preparations of chromosomes, or to thin tissue

sections. A number of investigators had attempted to extrapolate from observations on

such preparations to understand the three-dimensional architecture of the nucleus, but we

suspected that there would be an enormous advantages in being able look at

chromosomes in a truly in situ manner; i.e., within nuclei in an intact tissue.

Yasushi Hiraoka pioneered the efforts to accomplish this as a postdoctoral fellow

in our laboratory. He adapted published protocols in order to hybridize biotinylated

probes to chromosomes in whole Drosophila embryos. Ultimately, he was successful: he

could preserve the structure of the embryo and detect the localization of a highly repeated

gene locus, the histone cluster on chromosome 2, in each nucleus. This breakthrough

enabled him to examine a long-standing question in Drosophila biology: the physical

relationship between pairs of homologous chromosomes (Hiraoka et al., 1993; Appendix

B). The basic procedure that he used is presented schematically in Figure 1.1.

However, when Yasushi left to start his own laboratory in Japan, the procedure

was still very troublesome. There was a high degree of variability between experiments,

and much more often than not they would fail completely. Furthermore, the only real

success had been with a very large and tandemly repeated chromosomal locus spanning
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Figure 1.1

This illustrates the basic steps required for fluorescence in situ hybridization to

whole-mount Drosophila embryos. Embryos are collected from population cages or

bottles and fixed appropriately. A DNA probe (here shown double-stranded, but often

single-stranded) is labelled with a hapten, here illustrated with biotin (this is performed

using enzymes to add biotin-duTP to the 3’ end of DNA fragments). The crux of the

procedure is the denaturation step, which must melt apart the base pairing of the

chromosomal DNA and the probe without seriously damaging the morphology of the

embryo. This can be done by treatment with acid or base, but for whole-mount

specimens a combination of heat and formamide proved to be most successful and least

damaging. The tissue is then incubated at an appropriate annealing temperature to allow

the probe to find and bind to its cognate sequence within each nucleus. Following this

step, excess probe is removed by extensive washing, and the embryos are incubated with

a secondary reagent such as Texas Red-conjugated avidin to enable fluorescence

detection of the probe. Total DNA is counterstained with a dye such as DAPI

(diamidinophenylindole).
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approximately 500 kb. To study nuclear architecture in a more general way, I required

the ability to detect single-copy loci at different genomic positions. I also wished to

extend this technology to look at developmental stages beyond the early embryo, since

gene expression is fairly limited during that period.

I spent many months attempting to identify and eliminate the source of variability

in the procedure. Ultimately, I discovered that it was due to a very simple matter: the

temperature at which the sample was being denatured was apparently very close to a

threshold level, and the inconsistency in the procedure was probably due to the way

Yasushi carried out this critical step: He would seal a 24-well plastic plate containing his

specimens inside a plastic bag and immerse the entire bag in a water bath. When I carried

out an experiment in which I placed a thermistor inside such a plate, sealed it in a bag,

and immersed it for the specified time (10 minutes) in a 70°C water bath, it heated very

slowly and never reached the temperature of the surrounding water. This is not

surprising, since the air trapped inside the bag would be expected to insulate it

effectively.

When I instead carried out the denaturation step by transferring Drosophila

embryos into thin-walled plastic tubes and heating them in a thermal cycler designed for

precise temperature control, I demonstrated that this could eliminate the inconsistencies

we had experienced. Moreover, I was quickly able to optimize both the duration and

temperature of the denaturation step. This process was facilitated by the CCD camera

with which our microscope was equipped, since I was able to make quantitative

comparisons between samples. To my surprise, I found that the temperature commonly

used for this step by many investigators, 70°C, was sub-optimal for the formaldehyde

fixed specimens I wished to examine, despite the fact that DNA should be completely

denatured at this temperature given the salt and formamide concentrations I was using.

Elevating the denaturation temperature in the range of 70-99°C raised the intensity of the

fluorescent hybridization signal and, more mysteriously, reduced the background
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dramatically. However, after exposure to temperatures close to 100°C, deleterious effects

on the morphology of the specimens were observed: condensed metaphase chromosomes

would begin to look frayed and the hybridization signal would sometimes break up into

multiple fluorescent spots in each interphase nucleus. Ultimately, I settled on a

denaturation step of 91°C for 2 minutes, which was markedly shorter than what was

found in most published protocols but was clearly sufficient to give the optimal signal

while preserving the structural integrity of the tissue.

Once I had implemented a regime that gave consistent and strong hybridization

signals, I was able to optimize the other aspects of the procedure, particularly the

preparation of labeled probes and their fluorescence detection. I tried almost every

commercially-available hapten-labeled or fluorescent deoxynucleotide. I made and tested

RNA probes by carrying out in vitro transcription with labeled ribonucleotides. I

analyzed a wide range of reagents for detecting biotinylated probes. I investigated

diverse labeling schemes using different enzymes, each with a variety of nucleotide

mixtures, salt conditions, cation sources and concentrations, etc. I measured the effects

of probe fragment length and concentration on the detected signal.

I compared various non-specific “blocking” reagents added along with the labeled

probe in many published procedures, ultimately discarding them all as ineffectual at

reducing the level of nonspecific fluorescent background. I explored different

hybridization solutions and determined that the addition of dextran sulfate with the probe

helped to increase signal intensities but other reagents gave no detectable advantage. I

tested whether treatment of the samples with RNAase (A or H, before or after

hybridization), proteases, restriction endonucleases, exonucleases, or sodium borohydride

might be beneficial and rejected each of these in turn.

While I will not document in any detail the large number of experiments I carried

out to establish the methods that follow, I have listed these issues here to make it evident

to those who might use these protocols that they are the results of extensive comparison
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and optimization. I have tried to annotate them to indicate which steps I know to be

critical, and which are more arbitrary. In addition, I have tried point out avenues that I

believe might be worth exploring to improve the procedures further.

The one issue that I found to be critical in adapting the basic protocol to different

tissues was the fixation procedure, which had to be re-established and optimized for each

type of sample. Certain basic principles were consistently demonstrated: Formaldehyde

fixation works particularly well to preserve cell structures and even the antigenicity of

proteins while permitting in situ hybridization. Fixation for long periods or at high

concentrations of formaldehyde reduces the hybridization intensity; thus, fixation at the

lowest concentration and for the shortest time required to preserve the morphology is

usually optimal. Fixation with even moderate levels of glutaraldehyde usually prevents

hybridization, except for the case of maize meiocytes and S. cerevisiae cells, both of

which are encased within cell walls that probably reduce the penetration of the fixative.

Once appropriate conditions are established for a particular type of sample, it has been

unnecessary to re-optimize the hybridization protocol itself; these two facets of the

procedure are apparently independent.

PART I. Probes

To pursue the studies described in the subsequent chapters, I found it necessary to

develop a variety of probes to chromosomal loci. Initially, I primarily used cloned

sequences, which I obtained from other laboratories or from the Drosophila genome

project. More recent work has employed probes to repeated genomic sequences, which

are primarily located in the heterochromatic regions surrounding the centromeres of each

of the Drosophila chromosomes. In addition, I developed a procedure to make regional

“painting” probes. Development of these different types of probes made use of fairly

diverse molecular biological tools. However, to label each of these different classes of

probes I used the identical procedure. I present the general
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Figure 1.2

This figure summarizes the collection of probes that I have generated to different

chromosomal loci. Where available, I have indicated the amount of target sequence for

each probe. Only the major sites of hybridization are shown for the AATAT repeat, and I

have not included probes with highly dispersed hybridization patterns, particularly the

AAGAG and AAGAGAG repeats.

Single-copy probes to the white (w) and brown (bw) loci were synthesized from

plasmid DNA, while the bithorax complex (bz-c) probe was made from a bacteriophage

P1 clone. The simple satellite repeats were made from synthetic oligonucleotides, and

more complex repeats were usually made from cloned sequences, ad described in the text

of this chapter. The physical map positions and size information for the repeated

sequences shown are based on information from (Lifton, 1978; Wu et al., 1988;

Pimpinelli and Dimitri, 1989; Lindsley and Zimm, 1992; Lohe et al., 1993; Carmena et

al., 1993; and Makunin et al., 1995). Additional information about individual probes is

provided througout the chapters of this dissertation.
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labeling procedure first, followed by detailed descriptions of the synthesis methods used

to generate specific probes. For reference, I have diagrammed the position(s) of most of

the probes I have used on the physical map of the Drosophila genome in Figure 1.2

Making terminally biotinylated probes
using Terminal Transferase

This procedure describes a general method that can be used to label any kind of

DNA probe, from oligonucleotides to genomic DNA. It works well for the incorporation

of a number of different commercially-available modified nucleotides. The basic strategy

is to fragment probe DNA into small pieces (if it's not already in small pieces) and then

to label the 3’ ends by addition of hapten-labeled or fluorescent nucleotides.

Typically, probes made to single-copy genomic loci are synthesized from purified

plasmid, cosmid, or P1 clones containing an insert homologous to the desired target. The

vector can be purified from bacteria by a variety of standard methods, usually starting

with alkaline lysis. Following this purification, the concentration of DNA should be

measured carefully, since the labeling procedure was developed for a defined amount of

starting material.

If the insert is small relative to the vector, it can be excised from the vector and

purified to avoid wasting expensive labeled nucleotides by adding them to vector DNA.

Otherwise, the whole plasmid can be cut up and labeled with biotinylated or other

modified nucleotides. For whole-mount tissues fixed with formaldehyde, probe

fragment size should be carefully monitored and kept below an average size of 150 bp.

This size restriction is important to allow the probes to penetrate and diffuse freely

within the tissue. For chromosomes fixed with acid/alcohol and spread on slides, this is

not critical: probe fragments up to a few kilobases in size are acceptable. However, since

most probes are eventually used for whole-mount experiments, I use this procedure for all

probe synthesis.
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I have compared this procedure to a wide range of variations of both nick

translation and random priming procedures, and found this to be the optimal labeling

strategy. My key assay was always to examine the intensity of the resulting fluorescent

signal in hybridized whole-mount Drosophila embryos. If you wish to use a different

labeling procedure, I would recommend that you make at least one probe this way for

comparison.

This is a simple protocol for a restriction digest with a mixture of 6 different

enzymes, each of which has a 4-base cleavage site. Drosophila has an AT-rich genome

and most restriction enzymes have GC-rich cleavage sites, which is one reason you need

so many enzymes to do the job. Fortunately, the salt requirements for these six enzymes

are compatible, so they can all work in the same tube. Note: this step is unnecessary if

you wish to label an oligonucleotide or a small PCR product; it simply cuts larger DNA

fragments into smaller pieces.

Total reaction volume: 250 pil

to a 1.5-ml eppendorf tube on ice add:

20–30 pig plasmid DNA
50 pil 5x4BC buffer [40 mM TRIS-Cl pH 7.5, 250 mM NaCl, 40 mM

MgCl2]
2.5 pil 5 mg/ml BSA (50 pg/ml final)
2.5 pil 100 mM DTT
H20 to about 200 pil (depending on volume of enzymes needed)
Add 30-40 units each of the following 4-base cutters (all available from

New England Biolabs)
Sau3AI
Alu■
Hae|II
Rsal
MspI
Msel

MDX.
Incubate 1–2 hours at 37°C
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Run out about 0.5 pig of this digested DNA on a 2% agarose gel and compare to
pBR322-MspI or other appropriate MW standards. Fragments should average around
100-150 bp.

Precipitate DNA by adding 0.1 volume 3M NaOAc and 0.01 volume 1 M MgCl2,
then 2–2.5 volumes of 100% EtOH. Chill.

Spin 15'in coldroom pufuge, rinse pellet with ice-cold 80% EtOH, spin again 10'.

Dry DNA briefly in Speedvac for a few minutes and resuspend to 1 pg/pil in TE' [10
mM TRIS-Cl, 0.1 mM EDTA]; note that the EDTA concentration is kept low to
avoid inhibiting the subsequent terminal transferase reaction.

N DNA

The above protocol gives very reliable probe fragmentation, and is extremely

reproducible and easy to carry out. However, there are two disadvantages of this

procedure: 1). It consumes a large amount of restriction endonucleases, and is thus quite

costly to perform. 2). Cutting the DNA to completion with restriction enzymes means

that the resulting fragments do not have any extensive overlap. It has been suggested that

one mechanism that may lead to signal amplification in in situ hybridization is a

“networking” of the probe, in which one probe fragment binds to the target chromosome

and overlapping probe fragments bind to the first fragment, leading to a build-up of probe

at the site (Gerhard et al., 1981). This presumably cannot happen with probes made in

this way, and this may limit the intensity of the signal.

An obvious and potentially very useful solution to both of these problems is to

fragment the DNA nonspecifically. Sonication is not a viable way of doing this, because

it does not produce small enough fragments and many of the resulting fragments will not

have 3'-hydroxyl groups that can be labeled by the terminal transferase method (below).

However, fragmentation with DNAase could easily give the desired result: a mixture of

small fragments cut at random sites at very low expense. The only real disadvantage of

using DNAase is that the reaction time must be carefully controlled to avoid shearing the

probe DNA down to single nucleotides. A stock of DNAase must be made up and stored

under conditions where it is stable, and must be calibrated to determine appropriate
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concentration and time to fragment the DNA to the appropriate size range. I attempted on

a few occasions to develop such a procedure using DNAase, but was unsuccessful. I now

realize that it could probably be easily done, and I will outline a suggested approach:

1. Use a buffer containing manganese (Mn2+) as the divalent cation, rather than

magnesium (Mg2+), since this will cause DNAase to make double-strand breaks

instead of single-strand nicks. I suspect that one of the problems I had was that I

could not accurately assess the size of the fragments I was generating by gel

analysis.

2. Terminate the DNAase reaction by simultaneous addition of EDTA and buffered

phenol. This should adequately kill the enzyme. I used only EDTA, and I suspect

that residual DNAase activity continued to shear my fragments beyond the time at

which I “terminated” the reaction.

3. Following phenol extraction, it may be a good idea to clean up the reaction

products by spinning through a Microcon-30 filter (Amicon) or a G-50 Sephadex

spin column, since this will remove any mononucleotides and very small

fragments consisting of only a few nucleotides. This would be desirable because

such fragments will not give specific hybridization and they may consume a

disproportionate amount of label in the terminal transferase reaction, since they

diffuse more rapidly than larger fragments.

PROTOCOL.I.B. TALLING DNAFRAGMENTS WITHLABELED NUCLEOTIDES USING

TERMINAL DEOXYNUCLEOTIDYLTRANSFERASE

This procedure can be used to label enzymatically fragmented DNA, such as

products of the restriction digest above, or oligonucleotides, or PCR products. I keep the

amount of labeled nucleotide constant in relation to the total mass (not molarity) of DNA

fragments I’m trying to label. Thus, the number of free 3'-hydroxyl ends that are
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available as substrates for the terminal transferase is inversely proportional to the average

length of the fragments, so shorter fragments should get shorter tails and longer fragments

longer tails.

If the DNA is prepared as above, I estimate that 10 pig of DNA of an average

length of 150 bases represents about 2 x 10−10 moles of 3'-OH ends. I use dNTPs for

tailing at a concentration ~90-100 times higher. Information about the enzyme I received

from Ratliff suggests that this will result in tails of 20–50 bases in length, but I haven't

ascertained this directly. For the sake of economy, I use between 2:1 and 3:1

unlabeled:labeled dNTP - I don't think using a higher fraction of labeled dMTP

necessarily gives a more sensitive probe, but I haven't fully explored this. With directly

labeled probes, using unlabeled dMTPs is essential because the fluorophores will self

quench if incorporated too densely.

As written, this procedure is designed to label 10 pig of starting material, which

should provide enough probe for anywhere from 20-500 experiments, depending on the

nature of the probe. I have scaled down this reaction successfully to label as little as 1 pig

of DNA in a 10 pil reaction volume.

To a 1.5-ml eppendorf tube on ice add:

50 pil 0.4 MNa-Cacodylate buffer pH 7.2 with HCl (stored 4°C)
13.5 pil 1 mM unlabeled dcTP or dTTP (whichever the labeled analog is

derived from) (freshly diluted 1:100 from 100 mM stock (Boehringer
Mannheim) into water)

6.75 pul biotin-dCTP (1 mM) or other labeled nucleotide?
5-10 pig DNA from 4-base cutter digest, above; boiled and chilled rapidly

before addition (this is done because single-stranded DNA is a preferred
substrate for terminal transferase).

DTT to 200 pm final
(too much reducing agent will cause the Co” to precipitate out)

2.0 pil 50 mM CoCl2 (1 mM final)

* My favorites are biotin-dCTP from BRL, digoxigenin-duTP from Boehringer Mannheim, Fluoro-RED
(dUTP-derivative) from Amersham, and FITC-dUTP from a number of suppliers. Cy5-dCTP is available
from BDS/Amersham but it does not seem to incorporate well with this procedure. Their Fluorx-doTP is
okay but avoid the Cy3 - use Amersham's FluoroRED instead (this is the best directly labeled nucleotide
I've used). DuPont-NEN also makes a Texas Red labeled nucleotide which you may find useful - it
incorporates well with this procedure. I don't use it much because Texas Red and Cy5 overlap too
extensively for effective discrimination in our microscope and I tend to do multiple-labelling experiments.

28



MDX
Millio H2O to 97 pil
Add 60 units terminal deoxynucleotidyl transferase (TdT).

(This procedure was developed using T■ T supplied by Ratliff. They no
longer distribute the enzyme, but Promega is a good and economical
source. It is possible that the amount specified here is excessive, since I
have not titrated it to ascertain the amount required for optimal labeling).

Mix and incubate reaction 1 hour - overnight at 37°C.
(I've compared probes labeled for 1 hour to oln labeling and they're
equivalent, so do whatever is convenient).

Precipitate DNA by adding
2 pil 20 mg/ml glycogen (Boehringer Mannheim, molecular biology grade,

stored at -20°C.) - this acts as a carrier which may help to precipitate
small probe fragments.

20 pil 4 M NH4Ac (or correspondingly less of a more concentrated stock)
NaOAc is not used here because it would result in greater precipitation of
unincorporated dYTPs

300 pil 100% EtOH. Chill at -80°C.
Spin 15'in coldroom pufuge
Wash with ice-cold 80% EtOH.
Dry and resuspend pellet in TE to get probe concentration of 100-200 ng/ml

I try to store probes at appropriate concentrations so that I use 1 pil per
hybridization sample. For highly repeated sequences, this means about 50
ng/pil, but for complex single-copy probes it can be as high as 500 ng/pul.

Oligonucleotide probes

Drosophila has a large number of known “satellite” sequences which are present

on each chromosome in the heterochromatic regions flanking the centromere. This term

refers to their behavior in density gradients: since they comprise very simple repeated

sequences, their buoyant density is different from the bulk of genomic DNA and so if

total genomic DNA is purified by CsCl or other density gradient methods, they will form

separate, “satellite” peaks in the density profile. Many of these satellites are referred to

simply by their buoyant density (e.g., the 1.688.8/cm3 satellite, the 1.7058/cm3 satellite,

etc.) but in recent years many of them have been characterized at the sequence level.

Thanks to painstaking work primarily by Lohe et al. (1993), we have physical map

information for a many such satellites. Some are known to be specific to one

chromosome, and thus make very useful probes.

29



I have utilized a number of such sequences in my work. For very simple satellite

sequences, I made probes using synthetic oligonucleotides that correspond to one strand

of the satellite repeat. Such probes are a true joy to work with, because they are easily

Synthesized, do not require fragmentation (since the oligos are short enough to penetrate

whole-mount tissues easily), and give extremely bright and reliable signals. This latter

attribute probably stems from at least three factors: Firstly, the probes are single-stranded

and so they don't self-anneal. Secondly, their targets are effectively present at very high

concentrations in the nucleus, and this probably facilitates rapid hybridization kinetics.

Thirdly, the sheer abundance of these sequences means that a large amount of labeled

probe can hybridize in each nucleus.

I started by making oligonucleotides that were 45-50 bases long. Eventually I

tested and found that 35 bases gave good specificity, and I suspect that even 20-25 bases

might work perfectly well. I was concerned that the homopolymeric tail I added using

terminal transferase might interfere with the specificity of the probes (especially since the

tail is usually poly-dT and there is a Drosophila satellite with the sequence AAAAGn).

However, my experience has been that each of these probes recognizes a unique set of

sites on mitotic chromosomes and is thus probably is specific for a particular satellite.

The oligos I used were all synthesized on a Millipore Cyclone Plus DNA

synthesizer, and cleaved from the resin using a saturated NH4OH solution. Following

this, they were desalted a column containing 10 ml of Sephadex G10 resin equilibrated in

sterile water. The 4-5 most concentrated fractions (0.75-ml each) were pooled and

concentrated by evaporation. Here are the sequences of the probes I used:

1.672 8/cm3 satellite (AATATn)

This is a very abundant satellite, but is present mostly on the 4th and Y

chromosomes (Lohe et al., 1993). It is useful as a 4th chromosome probe in female

nuclei, such as oocytes (see Chapter 3).
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The probe I used was (AATAT)10. This probably could have been much shorter

but it was the first oligo-probe I made so I was being conservative. The 1.672 8/cm3

satellite also contains the heptameric repeat AATATATn but I never tried to ascertain

whether probes to the heptamer and septamer repeats show different distributions,

although I did make a septamer probe as well: (AATATAT)7.

Note that this AT-rich probe is the only one I have used that does not anneal at

37°C in 2xSSCT/50% formamide. All experiments in which it was used were performed

with an annealing temperature of 29°C.

1.705 g/cm3 satellite (AAGAG and AAGAGAG)

This satellite contains two distinct AG-rich repeats, a 5-mer and a 7-mer, which

show different distributions on mitotic chromosomes and also in whole-mount nuclei.

I made separate probes to each repeat: (AAGAG)7 and (AAGAGAG)5. These satellites

can be detected on each of the Drosophila chromosomes, but are particularly abundant on

chromosome 2 and the Y chromosome.

1.686 g/cm3 satellite (AATAACATAG)

This repeat localizes to a large block on each major autosome (chromosome 2 and

chromosome 3) (Lohe et al., 1993). As a probe I used the oligonucleotide

(AATAACATAG)4.

“Y-oligo,” the AATAC satellite

This satellite has a buoyant density of 1.672 8/cm3 but is distinct in both

sequence and distribution from the AATAT repeat, above (Lohe et al., 1993). It localizes

to a single large block on the Y chromosome. It shows no hybridization to nuclei lacking

a Y chromosome and is thus very useful for determining the sex of embryos (although

with experience this can be accomplished by examination of the interphase DAPI staining
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pattern, since the Y chromosome has some DAPI-bright blocks on it that are not seen in

females). The probe was (AATAC)8.

dodeca satellite (Abad et al., 1992)

This is a recently discovered satellite localizing to one block very close to the

centromere on chromosome 3. It contains a mixture of 11-mer and 12-mer repeats. The

oligo I designed was a 46-mer containing two tandemly repeated copies of each repeat.

CCCGIACIGGICCCGIACIGGICCCGIACICGGICCCGIACICGGI
11 11 12 12

The AACAC repeat

This is another recently discovered (and little-known) satellite and does not

correspond to any of the known repeats of exceptional buoyant density. I became aware

of this satellite through personal communication with Igor Zhimulev, who described it in

his presentation at the Drosophila Heterochromatin Workshop in 1995. It localizes to a

single block of heterochromatin, which he identified as the ha■ block on 2R. As a

reference, I was given (Makunin et al., 1995), but it's in Russian. The probe I used was

(AACAC)7 This has been an excellent chromosome-2-specific probe, and it is also

specific for the centric region of C(2)EN (see chapters 2 and 3).

Other probes to repeated sequences

Many other Drosophila sequences are highly repeated but contain longer and

more complex repeats than the simple satellites described above. While a number of such

sequences are dispersed throughout the genome, probably due in part to their origin as

transposable elements, some are restricted to particular chromosomal regions and thus

make very useful probes. Here I provide details on the different probes I have

synthesized to more complex repeated loci.
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The histone gene cluster

One such repeat is the histone gene cluster, which contains the coding sequences

for histones H1, H2a, H2b, H3 and H4 tandemly repeated at a single locus on 2L. (Pardue

et al., 1977; Lifton et al., 1978). As described above, this locus provided the first

successful probe for in situ hybridization to Drosophila embryos, and it continues to be a

very useful tool. To make this probe initially, Yasushi Hiraoka obtained a plasmid from

Dr. Gary Karpen that contained a 4.8-kb fragment from the histone locus. Since this

sequence is estimated to be tandemly repeated approximately 100 times per haploid

genome (Lifton et al., 1978), it provides a large target for hybridization relative to other

euchromatic loci. The 4.8-kb HindIII fragment was subcloned by Tatsuya Hirano into

pGEM-2, since the identity of the original vector had been lost. He named this new

plasmid pl/D104, and this is what I use as a probe. Since the insert comprises a large

fraction of the total plasmid (pCEM-2 contains 2869 bp), I do not take the trouble to

excise and purify the insert prior to fragmentation and labeling.

rDNA probes

Similarly, I obtained from Dr. Gary Karpen a series of clones covering the

repeated rDNA locus on the X and Y chromosomes (Karpen et al., 1988; McKee and

Karpen, 1990). He did not have one clone that contained the entire repeat, so I tested

each of the subclones he sent: GEM130 A/B (A and B denote different plasmids

containing the same insert in opposite orientations), GEM155 A/B, and GEM153 A/B.

Each of these yielded a successful probe on its own. Since the GEM155 A/B clones

contain DNA from the rosy locus in addition to sequences from the rDNA, I decided to

avoid using these as probes since they could potentially give ambiguous results. To

probe the rDNA locus, I routinely use a mixture of labeled GEM130A and GEM153A,

together covering the 18S and 28S rRNA coding sequences plus the internal transcribed

spacer region (ITS).

33



The 359-bp repeat on the X chromosome

One of the most useful probes I have made is to the 359-bp repeat, also known as

the 1.6888/cm3 satellite (Hsieh and Brutlag, 1979),. This maps to an enormous (~11

Mb) block located proximally on the X chromosome (Lohe et al., 1993). Note, however,

that some commonly used Y chromosome derivatives that carry portions of the X

chromosome (most notably yt Y) also contain a large block of this satellite.

I initially tried to use a cloned copy of this sequence, also obtained through Gary

Karpen. However, he sent me a plasmid, oldM23-24 (Lohe and Brutlag, 1986), on two

separate occasions and neither time did it appear to contain the appropriate insert.

Instead, I decided to try to synthesize the repeat by PCR, using primers I designed from

the published sequence (Hsieh and Brutlag, 1979). I was concerned that sequence

variation within the repeat might be a problem, so I designed primers to a region that was

conserved within the different examples of the repeat that had been sequenced (Carlson

and Brutlag, 1979). The full sequence of one 359-bp repeat unit is

1 CCACATTTTG CAAATTTTGA TGACCCCCCT CCTTACAAAA AATGCGAAAA

51 TTGATCCAAA AATTAATTTC CCTAAATCCTTCAAAAAGTA ATAGGGATCG

101 TTAGCACTGG TAATTAGCTG CTCAAAACAGATATTCGTAC ATCTATGTGA

151 CCATTTTTAG CCAAGTTATA ACGAAAATTT CGTTTGTAAA TATCCACTTT

201 TTTGCAGAGT CTGTTTTTCC AAATTTCGGI CATCAAATAA ICATITIATII

251 IGCCACAACATAAAAAATAA TTGTCTGAAT ATGGAATGTCATATCTCACT

301 GAGCTCGTAATAAAATTTCC AATCAAACTG TGTTCAAAAA TGGAAATTAA

351 ATTTTTTGG (Genbank accession number J01126)

The primers I designed are CGG TCA TCA AATAAT CAT TTA TTTTGC

(27-mer) and CGA AAT TTG GAA AAA CAG ACT CTG C (25-mer). The positions of
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these two primers within the full sequence are shown above as underscored and boldface

bases, respectively (note that the 25-mer is the reverse strand of that shown in the 359

base sequence). They are different in length because I wanted them to start and end with

G/C for stability. They overlap by 2 bases. I used them to amplify the repeat from fly

genomic DNA (the procedure I used to prepare genomic DNA is given below):

Synthesis of the 359-bp repeat by PCR

to a 0.5-ml GeneAmp tube on ice add:
10 ng genomic DNA
10 pil 10x reaction buffer for Taq polymerase (Gibco BRL or other source)
4 pil 50 mM MgCl2 (Gibco BRL or homemade)
1 pig 25-mer primer (1.0 pul)
1.1 pg 27-mer primer (1.1 pul)
16 pil 1.25 mM dNTPs (1.25 mM each dATP, dCTP, dGTP, and dTTP)
1 pil BRL Taq polymerase (2.5 U)
Milli() water to 100 pil
Overlay with mineral oil (Sigma) and amplify by the following PCR program

(Program 8 in our PCR machine):
93°C for 4
then:
25 cycles:

30 S. at 94°C
1' at 55°C
30S at 72°C

10' extension at 72°C

This generates primarily a single product which by agarose gel analysis is 359-bp

in length. Occasionally some higher molecular weight products, almost certainly

representing multimers of the repeat, are also seen.

Following the amplification, I carry out the following steps:

Removing unincorporated primers and desalting PCR products

1. Pipet entire contents of PCR tube onto a large (~5 inches per side) square of
Parafilm.

2. Carefully roll the drop of liquid around until the aqueous phase is free of
mineral oil.

3. Pipet the oil-free solution into the upper chamber of a Microcon-30 filter
(Amicon, 500 pil capacity). Add TE' [10 mM TRIS-Cl pH 7.5, 0.1 mM EDTA)
to 500 pil. Spin according to manufacturer's instructions (about 15 minutes at
12.5K rpm in our Eppendorf microfuge). Add 450 pil TE' and spin again.
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Collect retentate. If residual volume is very small (<10 pul), pipet 10-20 pil TE'
onto the filter, mix by tapping, and invert and spin again to pool this rinse with
the retentate.

The 359-bp repeat is too long to make a good probe, so I cut the PCR product with

Alul or (more recently) Tsp509I prior to labeling. Alul should generate a mixture of 3

fragments, while Tsp5091 generates about a dozen shorter fragments.

Responder of Segregation Distorter (Rsp)

This interesting satellite sequence is a 240-bp repeat that localizes very close to the

centromere on 2R (Wu et al., 1988; Brittnacher and Ganetzky, 1989; Pimpinelli and

Dimitri, 1989). I was not successful at generating a probe to this locus by PCR (most

likely because of poor conservation among different copies of the repeat), so I have used

a plasmid containing several Rsp repeats kindly provided by Dr. Chung-I Wu. Since the

plasmid contains 4.5 copies of this short repeat, I felt it was worth purifying the insert

rather than labeling the entire plasmid. To do this I digested the plasmid with Xbal. The

insert can be purified by acrylamide gel electrophoresis (a 5% gel works well). Standard

methods to extract it from an agarose gel can also be used; I have done this by

electroeluting the fragment from a TAE/agarose gel into pieces of GFC filters backed

with 6-8,000 MW cutoff dialysis membrane. The acrylamide method is slow and not

trivial to perform on a preparative scale, but eluted DNA fragments are clean and cut

readily with restriction enzymes. Fragments eluted from agarose should be purified using

a reagent such as Promega's Wizard DNA purification resin, following the manufacturers

instructions, since agarose contains contaminants that inhibit enzymatic fractionation and

labeling. After purification, I further digest the Rsp fragments (a mixture of 120-bp and

240-bp repeats) with Rsal before labeling.

Het-A
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Drosophila telomeres do not contain simple repeat sequences such as those found

in most non-dipteran organisms. Instead, they carry multiply copies of transposon-like

elements at their chromosome termini (reviewed by Mason and Biessmann, 1995)).

Transposition of these elements to the chromosome ends appears to perform the same

function as telomerase-mediated telomere elongation: to offset the loss of terminal

sequences as a consequence of semi-conservative DNA replication. I tried to visualize

Drosophila telomeres using a 5-kb clone from a HeT-A element provided to me by Dr.

Harald Biessman. I fragmented the entire plasmid and labeled it with FluoroRed

(Amersham). However, on mitotic chromosomes the hybridization was not specific to

the ends, and in embryos the (faint) signals were not restricted to the basal portion of the

nucleus, so I suspect there are many related sequences dispersed through the genome.

There was one intriguing result with this probe, however: in egg chambers starting

at about stage 6 (King, 1970), I saw signals around the periphery of the oocyte that grew

dramatically in both size and number, reaching a maximum at stage 10 and then

disappearing again (Figures 1.3-1.4). Further experiments showed that this was due to

RNA hybridization (Figure 1.5)- apparently, there is a massive burst of transcription of

this sequence during this stage of oogenesis, which had been previously reported

(Mahowald and Tiefert, 1970). A number of other sequences subsequently showed

similar behavior, including histone, the rDNA, and some unidentified sequence(s)

contained within an X-chromosome-derived YAC from Gary Karpen's lab. This

transcription may be functionally related to transposition of the HeT-A element, but this

explanation does not extend obviously to the other sequences. Harald Biessman is

following up on these observations.

Probe synthesis by degenerate-oligonucleotide-primed PCR (DOP-PCR)

In the spring of 1992 I attended the first Gordon Research Conference on

Molecular Cytogenetics. There I learned of an exciting new method that allowed
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Figure 1.3

This image demonstrates the anomalous staining pattern observed with a HeT-A

probe in Drosophila egg chambers. Normally, probes show similar intensities of

hybridization in the oocyte nucleus and in the surrounding follicle cell nuclei. However,

this probe shows a large number of spots in or near the meiotic chromosomes of the

oocyte. The spots lie at the periphery of the nucleus, and do not correspond to regions of

detectable DAPI staining, suggesting that they may not be chromosome-associated.
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Figure 1.4

This is a stereo pair of projection images (volume-rendered) showing the same

oocyte nucleus depicted in Figure 1.3 to help illustrate the peripheral localization of the

hybridization signal from the HeT-A probe (magenta). At this stage of oogenesis, the

chromosomes undergo a transient change in organization (Mahowald and Tiefert, 1970)

and are individually visible as distinct “cables” within the nucleus.
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No RNAase treatment

Hybridization following RNAase treatment

Figure 1.5 He■ -A hybridization to Drosophila
egg chambers: +/-treatment with RNAase
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Figure 1.5

This summarizes my conclusions regarding the HeT-A localization pattern in

Drosophila egg chambers. The bright hybridization of oocytes with this probe is stage

dependent, rising in intensity until stage 10 (the largest egg chambers in each of these 3

images represent stage 10). After this point, the signal precipitously disappears.

Furthermore, treatment of the egg chambers with RNAase prior to hybridization (lower

panel) abolishes the staining, suggesting that it is due to hybridization of the probe with

RNA. This sequence thus appears to be transcriped in the oocyte.



Telenius when he made a partially degenerate primer for a different purpose (Telenius et

al., 1992). It had been used successfully to make FISH probes to large regions of human

chromosomes microdissected from cytological preparations (Meltzer et al., 1992).

It was evident to me that this method had great potential for Drosophila

cytogenetics. Unlike cytogeneticists working on the mouse or human genomes, I was

basically a community of one, and so there was no commercial source of FISH probes,

nor could I easily obtain probes from other researchers. I wanted a way to make large

regional probes, and it was evident that Drosophila polytene chromosomes might provide

the perfect starting material. While a human metaphase chromosome contains only 2

chromatids, or 4 strands of DNA, a polytene chromosome has over 1,000 strands of

identical sequence, so if microdissected human chromosomes could be amplified,

polytene chromosomes should be easy by comparison. If I could dissect their DNA and

then amplify it I could make a probe to any euchromatic region of arbitrary size, with

defined cytological boundaries. Furthermore, this amplification method might enable me

to make probes from cloned DNA even when the preparation of 10-100 pig quantities was

very difficult, as it can be with bacteriophage P1 clones or YACs.

I began to attempt the synthesis of probes from microdissected material. The

microdissection itself was fairly easily done (see below). I amplified the dissected

material using the same primer and protocol employed by (Meltzer et al., 1992), as

shown schematically in Figure 1.6. When I labeled the mixture of PCR products and

hybridized this mixture back to polytene chromosomes, I could see chromosome-specific

hybridization. However, the staining was not very bright compared to cloned probes and

could not be distinguished in diploid, interphase nuclei. I experimented with the PCR

protocol itself, discovered that things were somewhat improved if I treated the Taq

polymerase with DNAase prior to use (removal of contaminating DNA is apparently not

performed during commercial preparation of the enzyme). Despite moderate

improvements, the probes I was generating were clearly less than I had dreamed of.
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Figure 1.6

This figure illustrates the amplification of DNA microdissected from Drosophila

polytene chromosomes using the polymerase chain reaction (PCR). Unstained polytene

squashes are observed using phase optics (top 3 panels) and a target region is chosen for

dissection, here the distal portion of the right arm of chromosome 2. A glass needle with

a broad, circular tip is brought into focus above the chromsome, and then lowered onto

the slide using a micromanipulator. By scraping the needle across the chromosome, a

portion of it is removed from the slide and remains adhered to the needle.

The tip of the needle is then immersed in a small amount of liquid inside a PCR

tube. The tip is broken off under positive pressure to transfer the microdissected DNA

into the tube. Components required for PCR amplification (deoxynucleotides, buffer

containing Mg2+, and Taq polymerase) are then added. A PCR program starting with

several low-stringency annealing cyles is then carried out (see the text and Figure 1.7) to

generate a mixture of products all initially primed from the genomic template.
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I decided that it might be possible to improve the degenerate primer. After all, the

primer that people were generally using was not even designed for this purpose. Its

sequence is: 5'-CCG ACT CGA GNN NNN NAGTGG-3', where N is an equal

mixture of all 4 bases. (In my notes and on my freezer stocks of this primer it is called

either the “universal primer” or “MELT1..”) The basic strategy for amplifying genomic

DNA with such a primer is outlined in Figure 1.7.

I spoke to Ulli Weier about his experience with DOP-PCR, and he told me that he

had also used another primer called JUN1: 5'-CCC AAG CTIGCA TGC GAA TTC

NNN NCAGG-3'. He claimed that this one worked better, and in my hands it did

generate somewhat brighter probes from microdissected polytene chromosomes, but still

not sufficiently bright for interphase analysis. I set about to see if I could design a better

primer. It was evident from the two sequences above that both the total length and the

number of degenerate bases could be varied, as could the number of fixed bases at the 3’

end. I was not interested in cloning the products of my PCR amplification, so I decided

to eliminate any internal restriction sites, particularly palindromic sequences, since they

were very likely to cause PCR artifacts due to self-annealing of the primer at the low

temperatures used in the amplification procedure (each of the above primers has such a

site, which I have underscored). I decided to incorporate the following design principles

into my primer:

1. The GC content should be at least 50%, even when all the degenerate bases were

A or T, because it had been shown that at least a 50% GC content is necessary

for optimal priming efficiency (Williams et al., 1990).

2. It might be desirable to cleave off the entire primer sequence following amplification,

since otherwise each amplified fragment would contain a number of bases at each end

that were completely unrelated to the template. I thus decided to include a non

palindromic recognition site for an enzyme that cuts 3'
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Figure 1.7

This series of diagrams illustrates the series of steps required for probe sythesis by

DOP-PCR. A. Microdissected genomic DNA (shown in black) serves as a template for

PCR using a partially degenerate primer. At low stringency, the primer can prime

synthesis from short stretches of genomic sequnce that match its 3' end; the degenerate

serve to stabilize this interaction. B. Successive rounds of low-stringency amplification

serve to amplify these initial products as well as the original template. C. After several

rounds of polymerization under low-stringency conditions, most of the products will have

the primer sequence at both ends. They can then serve as templates for additional cycles

of the PCR at higher stringency, since the primer will recognize their ends. D. Following

the PCR cycles, the ends of the products can be cleaved using the BSmI enzyme to

remove the regions that do not derive from the original genomic template. E. These

products can now be further cut with restriction enzymes and (F.) end-labeled with

modified nucleotides to make hybridization probes, as described in protocols I.A and I.B.
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to its site. I decided to use the BSmI restriction endonuclease, because its site was

compatible with my other requirements and also because it was reasonably priced and we

already had this reagent in the lab.

3. It might be crucial to avoid any potential for self-annealing within in the range of

temperatures used for the DOP-PCR (30-94°C).

4. I decided (somewhat arbitrarily) to try an intermediate number of degenerate

bases: 5 (the other primers have 6 and 4, respectively). I also decided to keep

the number of 3’ fixed bases short, since this should allow the oligonucleotide to

bind and prime the polymerase at more densely spaced sites in the genome.

Rather than synthesize a large number of different test primers, I decided to start

with one to see if I was on the right track. This was because testing each primer would be

very laborious, since I would need to dissect and amplify several chromosomes for each,

reamplify each reaction, label the products, and hybridize each to a cytological

preparation of salivary gland polytene chromosomes. I started with the “BsmI” primer:

5'-CCC AAC GAT GCG AAT GCN NNN NCA GG-3'. I deliberately used the same

four 3’ bases as the JUN1 primer so that at least one feature would be constant. The

BSmI site is underscored. I had the primer synthesized by Oligos Etc. since they have a

good reputation and I wanted as clean a source as possible. Their synthesis gave me 775

pig, enough for several hundred experiments. I store a concentrated (1 mg/ml) stock at

-80°C and dilute it to an 83 ng/pil stock in Millio water in irradiated tubes (this

concentration matches the molarity of other primer stocks I had used previously; it could

easily be changed to a more convenient concentration).

When I carried out amplification with this new primer on microdissected

chromosomes, there was a clear improvement over either of the two that I had tried

previously (Figure 1.8). The signal along the length of the polytene chromosome arm

was bright and also very even, correlating well with the banded pattern produced by
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Figure 1.8

Whole-arm chromosome painting probes made by DOP-PCR. Two different

probes are presented, one covering the euchromatic region of the entire X chromosome,

and one to the right arm of chromosome 2. Each of these probes was generated from a

single microdissected chromosome. Such probes sometimes show cross-hybridization to

other chromosomes, primarily at their telomeres, but are otherwise highly specific for the

region that was originally microdissected. Painting probes can be detected in interphase

nuclei, such as the embryonic nuclei shown in the right panel, and generally hybridize to

subregions of the nucleus, consistent with a “domain” organization of interphase

chromosomes.
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DAPI staining. This suggested that the sequence representation was relatively uniform,

perhaps because the new oligo did prime more frequently than the others, as I had hoped.

In addition, I was able to detect the resulting painting probes in interphase nuclei from

neuroblast squashes, and in whole-mount embryos.

Here is the full procedure for dissection and amplification of polytene chromosome

templates using the BsmI primer. Contamination at any point with extraneous DNA will

be a big problem, since you are trying to amplify at most a few picograms of template

and the primer will bind to other DNA equally well. Therefore, throughout the procedure

it is critical to be as clean as possible: use fresh solutions made with purified water, and

wear gloves. Use PCR tubes that have not been touched with ungloved hands.

Polytene chromosome microdissection and amplification by DOP-PCR:

1. Prepare squashes of salivary glands from female 3rd instar larvae (preferably raised
at 16°C on a diet supplemented with yeast and glucose). Females are used to
maximize the amount of X-chromosome material, since the Y is unpolytenized and
therefore useless anyway. Dissect glands in fresh 0.7% NaCl or Robb's saline.
Transfer to a drop of 45% acetic acid for 2-3 minutes, then squash in a small drop of
lactic/acetic acid under a siliconized coverslip. It's important to try to spread the
chromosomes out as much as possible without shearing them, so I use a little more
liquid than I would normally and add a little extra pressure when I press on one edge
of the coverslip. Usually one good slide can provide the material needed for many
dissections, but it has to be of high quality.

2. Crack the coverslips immediately after freezing slides in liquid N2 and transfer
immediately to 95% ethanol. After at least 10 minutes, remove and allow to air dry.
It may be important not to expose the chromosomes to acid for longer than necessary,
since depurination of the bases may reduce the quality of the template.

3. Prepare dissection needles. This takes some practice. Use 1-mm glass capillary
tubes (cat. # 1B100F-4 from World Precision Instruments, Sarasota, FL (813) 371
1003) since they are more rigid than standard needles. Wear gloves to avoid
contaminating the glass needles. Pull each capillary tube into 2 needles using any
program for microinjection needles on a needle-puller (you will break off the ends so
the exact profile of the needle doesn't matter). I used the a Sutter Instruments
machine for this purpose.

4. Break the tip off each needle under a dissecting microscope. Make a clean, even
break by drawing the tip of one needle along a broader portion of another needle held
perpendicularly, with light and even pressure. With experience, most needles will
break cleanly to leave a circular, not jagged edge. Place the needles in a plastic dish
containing a strip of modeling clay. When you have pulled and broken off several
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good needles, irradiate them by placing the dish in a Stratalinker (or other short-wave
UV source) for 10 minutes at full power.

5. Make up fresh TE [10 mM TRIS pH 7.5, 0.1 mM EDTA) and pipet 20 pil into
each of several clean PCR tubes. Place the tubes in a rack and irradiate them for 10
minutes with UV light. UV irradiation will cross-link any DNA contaminants and
thereby make them unavailable as templates for PCR.

6. Get ready to dissect! For this you need some specialized equipment:
An inverted microscope (preferably equipped with a rotating stage) and

microinjection apparatus (ours is made by Narishige).
A good phase lens with a long working distance to enable you to see the

chromosomes through the glass slide.

Note: It helps to humidify the room in which this will be done, since if the air is dry
the dissected chromosome pieces may fly away instead of sticking to the glass
dissection needles. To do this I turn an open water bath in the room to its highest
temperature, about 80°C. Dissection is also greatly facilitated by a rotating
microscope stage. This allows you to easily turn the slide into a good position so that
a desired chromosome arm lies parallel to the needle.

7. Place a clean needle into the needle holder of the microdissection apparatus and
mount over the stage. Make sure the holder is positioned to give you maximum range
of motion with respect to the visual field of the microscope. Turn the back pressure
on the microinjector so that it's positive but low (4-6 PSI). Mount a slide on the
stage, chromosome-side up, and use clips or tape to hold it to the stage securely.

8. Move the stage until a target chromosome is within view. Choosing your target
requires the ability to recognize the banded pattern of the polytene chromosomes even
without stains such as orcein. It’s not too hard with practice, and if you just want to
try it out, find a nice straight chromosome end and start with that.

9. Bring the lens focus up above the chromosome, and slowly lower the needle and
move it laterally until its tip is in focus (you may want to increase the speed on the
micromanipulator for this step). Lower the focus again to see the chromosome.

10. At a low speed setting on the micromanipulator, lower the tip of the needle
carefully onto the chromosome. You will essentially use the edge of the needle as a
bulldozer to push against the slide. As you drag the needle along the chromosome,
you will cause it to pull off the slide and bunch up into a ball of material. When you
reach the end of the chromosome (or the region you want), continue to move the
needle laterally very slowly as you lift it with the micromanipulator; the
microdissected material will usually stick to it. Lift the needle at least a couple of
inches away from the stage. (See Figure 1.6 for an idea of what this should look
like).

11. Very gently, take a tube containing 20 pil of UV-irradiated TE' and move it over
the needle so that the tip of the needle is immersed in the liquid. Raise the back
pressure on the injector to about 30-50 PSI. Still holding the plastic tube over the
needle with one hand, remove the needle-holder from its mount with the other hand
(I'm right-handed, so I have the tube in my left hand and the needle-holder in my
right). Break off the tip of the needle against the wall of the tube while still holding it
immersed in the solution. Gas will start to bubble through the liquid. Withdraw the
rest of the needle, trying to avoid removing any liquid from the tube. Set the needle
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down, cap the tube, label it appropriately, and discard the needle. Turn the injector
back pressure down again when this is completed.

Repeat the above procedure (steps 7–11) for as many chromosomes as you want to
dissect. I recommend doing only one dissection per tube; if you want to pool them,
you can always do it later, after the PCR. A reasonable number to start with is about
4 successfully dissected samples, plus a control without any microdissected material.

Heat the tubes for 5’ in a 95°C water bath (this may be unnecessary but it doesn’t
hurt).

Primary PCR amplification of microdissected templates:

To each tube containing microdissected material add:

5 pil “Meltzer” PCR buffer (Meltzer et al., 1992)
(500 mM KCl, 100 mM TRIS-Cl pH 8.3, 1 mg/ml gelatin (Kodak
calfskin); autoclaved)

2.5 pil 50 mM MgCl2
(It may be wise to mix and irradiate these first two components before
adding to the reaction)

11.6 pil BsmI primer (83 ng/pul)
8.0 pil 1.25 mM dNTPs (1.25 mM each dATP, dCTP, dGTP, and dTTP)
2.5 pil DNAase-treated Taq polymerase (below)
Overlay mixture with mineral oil and amplify by the following program in
a thermal cycler:

4' at 93°C
3 cycles:

30S at 94°C
1' at 30°C
Ramp to 72°C over 5' (ramp–7.2 sec/*C) and hold 1 second

3 cycles:
30S at 94°C
1' at 30°C
2' at 72°C (no ramp)

36 cycles:
20S at 94°C
1' at 56°C
2" at 72°C

10' extension at 72°C

DNAase treatment of Taq polymerase (enough for 5-6 PCR samples)
It’s convenient to carry this out in a PCR tube and to do the incubations
in a thermal cycler.
To a 0.5-ml PCR tube on ice add
6 pil water (sterile Millio H20)
3 pil Taq polymerase (10 U/pul)
1 pil 10x Nick Translation Buffer (frozen in aliquots):

0.5 MTRIS-Cl pH 7.5
0.1 M MgSO4
1 mM DTT
500 pg/ml BSA (Boehringer Mannheim)

1 pil 1 pig■ ml DNAase
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Incubate for 15 minutes at 37°C then at 90°C for 10' to kill the
DNAase.

Load 2.5 pil of each reaction in DNA sample buffer on a 1.4% agarose/TBE gel (I use
the dye Orange-G in this sample buffer, rather than Bromophenol Blue / xylene
cyanol since it interferes less with observation of the fragment distribution). Compare
samples with pBR322-MspI and ÖX-Hae|II markers.

There should be a smear of fragments in each lane from the samples with
microdissected template. Often there is also a significant background smear in the
control lane (minus template), but this should not alarm you, particularly if the lanes
with template look brighter or the fragment size distribution is different (usually
longer). If the template is relatively small (e.g. a P1 or a YAC), you may see a
discrete banding pattern, but from microdissected chromosome templates the mixture
of products is usually too complex to see discrete products. In fact, if you do see a
banding pattern, this could be an indication of contamination, particularly if the bands
are consistent between each lane.

If there is no amplification at all you have a problem. If the control lane looks
identical to the real samples, you may want to pick just one or two of the real samples
to test as probes, since it indicates that there may have been some contamination with
extraneous DNA in one of your solutions or in the handling procedure.

Secondary amplification

Once you have carried out this primary amplification from a microdissected

template, you have an (almost) inexhaustible source of probe. All of the reaction

products now have the primer sequence at each end, so they are readily amplified by a

normal, high-stringency PCR with the same BSmI primer. This means that you don't

have to be quite so careful about avoiding contamination, but it's always a good idea

to be scrupulously clean when doing PCR. Store the reaction mixture at -20°C (you

don’t need to remove the oil). Whenever you want to make a probe, simply reamplify

a tiny amount (0.5 pul) using the following procedure:

to a PCR tube add:
22.5 pil Millio H2O
5 pil “Meltzer” PCR buffer (see 1° amplification)
2 pil 50 mM MgCl2
8 pil 1.25 mM dNTPs
11.5 pil BsmI primer
0.5 pil template (1° amplification mixture).
0.5 pil Taq polymerase (not DNAase treated)
amplify using this program:

4' at 93°C
16 cycles:
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30S at 94°C
1' at 56°C
2" at 72°C

10' extension at 72°C
To cleave the ends off with BSmI enzyme:

Add (without removing oil)
8 pil NEB buffer 2
1 pil NEB acetylated BSA

(or other molecular biology grade BSA, 10% w/v stock)
40 pil Millio H2O
5 pil BsmI enzyme (NEB, 5U/pul)

Spin the tube briefly to make sure that everything's below the oil.
incubate 1.25-1.5 hours at 65°C
add 1 pil of 500 mM EDTA to stop reaction.

To make probe:

Remove oil and clean up each sample by spinning through a Microcon-30 filter (see
procedure above for removing unincorporated primers and desalting PCR
products). Collect retentate. You can estimate that each reaction generates about 10
12 pig of product, based on the amount of primer and nucleotides added to the
mixture.

Cut and label PCR products as in Protocols 1.A-B.

Use at least 200 ng of labeled PCR products per sample for in situ hybridization.

Amplification of other templates

Since the DOP-PCR procedure can amplify DNA in a sequence-independent

fashion, it is useful as a way to scale up the available amount of template when this is

limiting for probe synthesis. It is often desirable to use cloning vectors that contain large

genomic inserts, such as bacteriophage P1 clones and YACs, for which typical

preparative procedures can yield less than enough DNA for one hybridization experiment.

To amplify such a template, the above procedure can be adapted very simply: 1-10

ng of the template DNA in Millio water or TE! is substituted for the microdissected

chromosome DNA during the 1° amplification. It is unnecessary to treat the Taq

polymerase with DNAase under these circumstances, because the amount of available

template is so much greater. YAC or other DNA in an agarose block can be directly

amplified: melt the agarose (typically at 65°C) and pipet 5 pil of melted agarose into a
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PCR tube containing 15 pil Millio water, and then proceed with the 1° amplification. To

make a probe, carry out the secondary amplification and then label the DNA as above.

Preparation of genomic DNA

Total genomic DNA can be useful as a probe and also as a template for PCR, as in

the synthesis of the 359-bp Drosophila X-chromosome satellite described above. Here I

provide procedures for preparation of Drosophila and maize genomic DNA. I did not

carry out any kind of comparison between these and other methods; each was performed

only once.

Drosophila melanogaster (adults)

this protocol is an adaptation of the one used by (Kuner et al., 1985).

SOLUTIONS

Homogenization buffer
0.1 M NaCl
0.2 M sucrose
30 mM TRIS-Cl pH 8.0
--- sterile filter and store at room temp.

Lysis mix
0.25 M EDTA
0.5 MTRIS-Cl pH 9.2
2.5% SDS (BDH recommended)
--- sterile filter and store at room temp.

8 M KOAC

5 M LiCl

Proteinase K

Buffered Phenol
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1. Start with 4–5 g, flies (probably about 5,000 but I haven't counted). Anaesthetize
them with CO2 and add 40 ml of a 1:4 mixture of lysis mix and homogenization
buffer. Grind them in a glass homogenizer (with a loose-fitting pestle) until they
are no longer recognizable as flies.
I did this in 2 batches in a 15-ml homogenizer with a "B" pestle.

Transfer to two 30-ml Corex tubes and incubate at 65°C for 30 min.

Add 3 ml of 8 M KOAc to each tube; mix and incubate 1 hour on ice.

Spin at 10 K rpm for 5 minutes..
Pour supernatants into fresh Corex tubes.

Repeat steps 4–5 once or twice until essentially free of SDS precipitate (supernatant
will probably not look very clean; there may even be bits of flies left,)

6. Add 1 volume 100% EtOH (fill Corex tubes to maximum spin-able level). Mix gently
and leave 5' at room temperature. Spin 15' at 12 K rpm.

7. Pour off supernatants. Rinse pellets with ice-cold 80% EtOH. Dry under vacuum -5
minutes. (Cover the tubes with Parafilm and poke holes with a needle to avoid
having the DNA sucked out).

8. Resuspend pellets in a total of 5 ml TE. This will take some work; it was quite
effective to agitate gently overnight at 4°C. If you don't care about shearing your
DNA, vortexing helps. Transfer resuspended DNA to a 15-ml Corex tube.

9. Add SDS to a final concentration of 0.2% (100 pil of 10%) and Proteinase K to a final
concentration of 100 pg/ml. Incubate at 37°C for 45"

10. Add LiCl to a final concentration of 2.5 M. Chill 10-15' on ice. Spin at 12K rpm for
15' to pellet single-stranded nucleic acids (i.e. RNA). Transfer supernatant to a 30
ml Corex tube.

11. Precipitate DNA by adding 2-2.5 volumes 100% EtOH. Chill briefly on ice. Spin at
12K rpm for 15'. Pour off supernatant; rinse pellet with cold 80% EtOH; vacuum

12. Take uppellet in TE.

13. Treat with freshly boiled RNAase A for 1h at 37°C. Re-precipitate DNA with
NaOAC and EtOH.

Yield: one such preparation yielded about 10 mg of DNA This is probably a
conservative estimate of potential yield since I wasn't being particularly careful about
resuspending everything after the SDS precipitation steps.

Zea mays
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I adapted a procedure from the Maize Handbook (Freeling and Walbot, 1994) to

prepare total genomic DNA from tassels of Zea mays. The plants were grown at U.C.

Berkeley and their tassels harvested by Jennifer Fung.

SOLUTIONS

Extraction buffer (from The Maize Handbook chapter 84 p. 522)

50 mM TRIS-Cl pH 8 (from 1 M pH 8 stock)
10 mM EDTA, pH 8
100 mM. NaCl
1% SDS

10 mM B-mercaptoethanol (added just before use)

5 M KOAc (sterile filtered)
Proteinase K, 10 mg/ml
Buffered Phenol

1. Start with several grams of fresh tassels (I used 4.4g). Add liquid nitrogen to the
tissue in a ceramic mortar and use a pestle to grind it to a fine powder. Add the
material to 2 Corex tubes containing 7 ml extraction buffer with 100 pg/ml RNAase
(Boehringer Mannheim, boiled just before use)

Heat tubes to 65°C and incubate 30 min.

Add 2.5 ml of 5 M KOAc to each tube; mix and incubate 1 hour on ice.

Spin at 10K rpm for 5 minutes.

Pour supernatants into fresh Corex tubes..
Spin again for 5' at 10K rpm - no significant precipitate so added 13 ml cold EtOH

(100%) to each tube (estimated 6.5 ml per tube). Mix by inversion. Leave on ice 5
minutes.

7. Spin 15 minutes at 12 Krpm.

8. Pour off supernatants. Rinse pellets with ice-cold 80% EtOH. Dry under vacuum -5
minutes.

9. Resuspend pellets in a total of 5 ml TE, pooling them in a single 30-ml Corex tube.

10. Add SDS to a final concentration of 0.2% (100 pil of 10%) and Proteinase K to a final
concentration of 100 pg/ml (from 10 mg/ml frozen stock). Incubate at 37°C for 45'

11. Extract with 5 ml buffered phenol, then 5 ml phenol:CHCl3:Isoamyl alcohol
(25:24:1) and back extract organic phases with 3 ml TE. Pool aqueous phases (8 ml
total).
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12. Precipitate DNA by adding 0.8 ml 3M NaOAc and 20 ml cold EtOH. Spin at 12K
rpm for 10'. Pour off supernatant; rinse pellet with cold 80% EtOH; vacuum dry.

13. Take uppellet in 1 ml TE.

14. Treat with RNAase and re-precipitate.

Yield: about 1 mg

Genomic DNA can be fragmented and labeled to make probes by the same

procedure used for plasmids (Protocols I.A–B). Repetitive sequences will hybridize much

more brightly than single-copy genomic regions using total genomic DNA as a probe.

PART II. Preparation and fixation methods for in situ hybridization

As described in the introduction, the adaptation of chromosome in situ

hybridization methods to various tissues requires identification of appropriate fixation

conditions. Initially, the protocol was developed for Drosophila embryos. Both Yasushi

and I experimented with different fixation methods for embryos. Eventually we each

decided that hybridization was most satisfactory (as assayed by both the signal intensity

and the morphological preservation of the tissue) if embryos were fixed in formaldehyde

and devitellinized essentially by the Mitchison-Sedat procedure (Mitchison and Sedat,

1983). My version of this procedure is given in brief below. I have also included a

methanol fixation procedure, which I used for studying klp3a mutant embryos, since

these (and many other developmental mutants) do not devitellinize by standard methods.

The MeOH fixation is also preferable if you wish to carry out tubulin

immunofluorescence.

Buffer-A

Buffer-A is typically used as a default buffer for tissue preparations in our

laboratory, due to its demonstrated ability to preserve chromatin structure at the electron
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microscope level (Belmont et al., 1989). However, this buffer was developed using an

assay based on HeLa cells, and so for Drosophila other buffers may work better, at least

for some tissues. Notwithstanding this possibility, I provide the recipe I have used for

Buffer-Ahere for the record:

Make up a 10x solution of the following salts; sterile filter and stored at 4°C or room

temperature:

(10x stock) 1x (final
PIPES 150mM 15mm/■

KCl 0.8M 80mM

NaCl 200mM 20mM

EDTA 20mM 2mM

EGTA 5mm/■ 0.5mm

final pH should be adjusted to 7.0

after adjusting pH add 1/1000 volume of the following 3 components
(each made up as a 1000x stock, sterile filtered, and stored frozen in aliquots):

frozen 1000x Stock final concentration
1.0 M DTT 1.0 mM
0.5 M spermidine 0.5 mM
0.15 M spermine 0.15 mM

Preparation of formaldehyde from paraformaldehyde

Paraformaldehyde is a trimer of formaldehyde, and is a solid, whereas

formaldehyde is a gas. Commercial preparations of formaldehyde are stabilized by

additives such as methanol, or are packaged in ampules under nitrogen. For most

applications, it is simplest to make it yourself, although it must be done on the day you

wish to use it since it will precipitate rapidly from solution.

To make 37% formaldehyde, add to a large, screw-cap Pyrex tube:
1.85g paraformaldehyde (Polysciences)
3.5 ml Millio water

MDX

Immerse in a boiling water bath. Allow 30-60 seconds to heat.
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Add 90 pil 1 N NaOH.

Shake the tube constantly while holding immersed in boiling water.
The solution should become nearly clear within about 1 minute.

At this point, cool the solution by shaking the tube while holding in a
stream of tap water. (Continued heating will convert the formaldehyde to
formic acid, which will change its pH and concentration.)

Filter the solution immediately using a nonsterile 0.2 pm syringe filter. Store in
a glass vial with an airtight cap until use.

Embryo fixation for in situ hybridization

(di la Mitchison and Sedat, 1983)

1. Collect and age embryos to obtain desired developmental stages

2. Wash embryos through nested stainless-steel sieves (Bellco Glass Co.) using a
stream of wash solution (0.7% NaCl, 0.04% Triton-X 100) from a squirt bottle,
and a paintbrush if necessary. The upper sieve is coarser and traps flies and other
debris, and the lower sieve collects the embryos.

3. Plunge the lower sieve/embryos into a beaker containing a 1:1 mixture of wash
solution and commercial bleach. Dechorionate the embryos in this solution for 90
seconds.

4. Pour the embryos back through the fine sieve, and rinse extensively with wash
solution to remove the bleach. Rinse the embryos into one side of the sieve.

5. Using a little heptane, transfer the embryos to a Pyrex screw-cap test tube
containing 10 ml of n-heptane (Baker), 9 ml of Buffer-A (above), and 1 ml of
37% freshly prepared formaldehyde.

6. Cap tube, shake briefly by hand and then on a platform shaker for 15 minutes at
200 rpm.

7. Transfer embryos to a Pyrex tube containing [7.5 ml heptane, 7.1 ml MeOH
(Fluka), and 0.4 ml 100 mM EGTA, pH 6-7], prechilled in a dry ice/EtOH bath.

Note: there are a number of ways to transfer embryos. If you have only a
small number, it’s most efficient to use a Pasteur pipet to draw them up
from the interface of the fixative/heptane mixture, along with as little of
the aqueous (lower) phase as possible, and squirt them straight into the
prechilled heptane/MeOH/EGTA. Otherwise, you can filter them through
a nylon mesh and then use a little heptane to transfer them. Avoid
pipetting the embryos down the side of the tube containing the cold
mixture - shoot them straight into it to avoid having them freeze to the
sides of the tube.
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8. Incubate for 5-10 minutes, shaking occasionally by hand or vortex mixer.

9. Heat-shock the embryos by shaking the tube under a stream of hot tap water (about
50°C in our lab) for about 15 seconds. Withdraw from the hot water and continue
to shake a further 15-30 seconds. Devitellinized embryos will sink to the bottom.
Don't leave them in the MeOH for very long before the next step.

10. Exchange the embryos into Buffer-A stepwise through a series of 9:1, 7:3, 5:5,
3:7, and 1:9 MeOH:Buffer-A, followed by 100% Buffer-A.

Use immediately or store for 1-2 days in Buffer-A at 4°C.

To 47 ml MeOH (Fluka) add 3 ml 500mM EGTA, pH 6.

1. Wash embryos and dechorionate as in above procedure, steps 1-4.

2. Transfer dechorionated embryos to a screw-cap test tube containing 10 ml heptane.

3. Vortex briefly (5-15 seconds).

4 . Add a roughly equal volume of MeOH-EGTA and vortex for 10 seconds.
Devitellinized embryos will sink to the bottom.

5. Aspirated heptane and most of the MeOH-EGTA; wash with 2 changes of MeOH
EGTA.

6. Store in MeOH-EGTA at 4°C or use immediately. Following this procedure, I
find it best to rehydrate the embryos in a single step by aspirating the MeOH
EGTA and replacing with 2xSSC (0.3 M NaCl, 0.03 MNaCitrate). Then replace
this buffer with 2xSSCT (2xSSC + 0.1% Tween-20 (Pierce).

Isolation and Fixation procedures for whole-mount egg chambers

I have used three different protocols for the preparation of whole-mount egg

chambers prior to in situ hybridization. I started with a mass preparation procedure

similar to the one in (Theurkauf and Hawley, 1992), with a couple of slight modifications

to improve the reproducibility of probe penetration. However, this procedure tends to

give a preponderance of older stages, which is fine if you want to look at older stages or

if you have enough flies that you can still harvest sufficient younger egg chambers (early
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stages can be separated from later ones using sieves). I do not “roll” the egg chambers as

Bill Theurkauf recommends to remove the follicle cell layer.

Protocol II.D is also a mass preparative procedure, and differs from Protocol II.C

in that it fixes the egg chambers immediately as they are released from the flies'

abdomens. I did this because I was concerned that Protocol II.C might artificially release

stage 14 egg chambers from metaphase arrest, and I still think that this is a valid concern.

The major disadvantage of this procedure is that it involves a large volume of

formaldehyde, which is toxic and carcinogenic, and it's hard to do in a hood. Both of

these mass preparative procedures take advantage of the fact that egg chambers are

among the densest of fly tissues and can thus be separated from contaminants by repeated

washing and settling.

Protocol II.E is the method of choice when the number of female flies is limiting,

as it often is when working with special stocks such as those carrying meiotic mutations.

One can easily obtain enough egg chambers for a hybridization experiment from 6-12

females by this dissection method, and the different stages are more evenly represented,

but it is more laborious.

For each procedure, I start with young (2-3 days following eclosion) females fed

well on yeast paste. Older females have lower numbers of young egg chambers, and

newly eclosed flies have tiny ovaries and very few late-stage egg chambers. For

Protocols II.C and II.D, I use several hundred flies, usually from the population cages.

(Note: in the cages, female flies tend to be sitting down on the food, while males are

more concentrated around the walls of the cages. I enrich for females by shaking flies off

the yeast plates into a bottle.) The three methods give essentially equivalent results.

Morphological preservation is subtly better with the latter two protocols, but the Protocol

II.C is the least noxious to perform.

PROTOCOL.ILC-MASS EGG CHAMBERISOLATIONAND EXATION
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SOLUTIONS

Modified Robb’s Saline (1X to make 2L of 1x
55 mM Na Acetate 14.97g
40 mM K Acetate 7.85g
100 mM Sucrose 68.46g
10 mM Glucose 3.60 g
1.2 mM MgCl2 2.4 ml of 1 M Stock
1 mM CaCl2 0.29 g
100 mM HEPES, pH 7.4 47.66 g plus ~3.3 g NaOH

You will need about 1 L per prep.
This can also be made as a 5x stock and stored frozen

Fixative buffer (1X) to make 100 ml of 5x
100 mM Na Cacodylate, pH 7.2 10.7 g

note: cacodylate is TOXIC!!!
100 mM Sucrose 17.11g
40 mM K Acetate 1.96 g
10 mM Na Acetate 0.68 g
10 mM EGTA 1.90 g

This can be filtered and stored at room temperature. Nothing grows in cacodylate.
Formaldehyde: Bill Theurkauf uses 16% formaldehyde from Ted Pella and says

not to substitute other formaldehyde, but I fix at lower concentration than he
does and have found that for in situ hybridization, formaldehyde freshly made
from paraformaldehyde is fine.

EQUIPMENT

Blender (I use an Osterizer Pulse-Matic)

Three “Cellector” sieves from Bellco Glass Co. using screens with 860 pm, 280
pum, and 140 pum holes.

4 beakers, 1000 ml, 2 x 250 ml, and 150 ml.

Large spray bottle with rapid stream containing 400-500 ml modified Robb's.

Aspirator with large (>1L capacity) trap

1. Anaesthetize flies with CO2 (mixed male/female is fine) and transfer to a blender
containing enough modified Robb's to cover blades. Pulse twice for 2-3 seconds
on lowest speed (“chop”) to disrupt the abdomens.

2. Pour the contents of the blender through the coarsest sieve into the large beaker.

3. Using the spray bottle, wash the stuff in the sieve back into the blender and add
enough Robb's to cover the blades. Pulse the blades again.

4. Repeat step 2, adding the blender contents to the same large beaker.

5. Wait 3-5 minutes to allow the egg chambers to settle.
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6. Aspirate off supernatant. Add 200 ml Robb's, mix, and pour through the 280 pum
mesh sieve into a fresh beaker. This removes most large contaminants.

7. Allow to settle again and aspirate supernatant.

8. Resuspend egg chambers in 100 ml Robb's and pour through fine sieve into
another 250 ml beaker. This sieve separates older (stages 11-14) from younger
egg chambers. Rinse the retained, older egg chambers into 150-ml beaker. Allow
each batch of egg chambers to settle, then aspirate most of the supernatant and
pour each batch into a 15-ml tube treated with a 1% BSA solution and rinsed with
water (otherwise they’ll stick).

9. Allow to settle, remove supernatant and replace with 10 ml fixative. For older egg
chambers, use 8% formaldehyde in 1x cacodylate buffer, above, prewarmed to
37°C. For younger egg chambers lower the formaldehyde concentration to 5%,
but still prewarm to 37°C.

10. Fix for 4 minutes: agitate for a short time and allow at least 1 minute for egg
chambers to settle.

11. Remove fix and replace with 2xSSCT (0.3 M Na Citrate, 0.03 MNaCl, 0.1%
Tw-20). Wash again and use for hybridization.

PROTOCOL.ILD, EGG CHAMBERMASSISOLATION WITH INSTANTANEOUS

FORMALDEHYDE EDXATION
SOLUTIONS

37% formaldehyde, prepared from paraformaldehyde (you will need 30 ml)
Buffer-A (~300 ml), prewarmed to 30°C
2xSSC (0.3 MNaCl, 0.03 MNaCitrate, pH 7), about 1 L
Tween-20 detergent (Pierce or other supplier)

EQUIPMENT
As in Protocol II.C, you will need a blender, sieves, and 4 beakers (replace the 1

L beaker with a 600-ml beaker).
Small spray bottle.

1. Pour into blender 250 ml of prewarmed Buffer-A. Add 30 ml formaldehyde.
Cover and pulse blades briefly to mix.

2. Pour -100 ml of this fixative into a small spray bottle and cap the bottle.

3. Add anaesthetized flies to the solution in the blender. Start a timer set for 4
minutes. Pulse the blades 2-3 times at low speed to disrupt abdomens.

4. Pour the blender contents into a 600-ml beaker through the coarse sieve and use
the solution in the spray bottle to help wash it through.
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5. Allow the egg chambers to settle. After a total of 4 minutes of fixation, aspirate
the supernatant and add a large excess (300-400 ml) of 2xSSC.

6. Allow to settle; aspirate supernatant; add 200 ml 2xSSC and pour egg chambers
through the second sieve (280 pum mesh) into a fresh 200-ml beaker.

7. Allow to settle; resuspend in 100 ml 2xSSC. If desired, the egg chambers can be
further filtered at this stage to separate older from younger stages.

8. Add a little Tween-20 (to about 0.1% final) to the egg chambers in 2xSSC.

9. Aspirate most of the solution, and pour the egg chambers into 15-ml conical tubes
(the detergent will prevent them from sticking even without BSA treatment). Use
for hybridization.

Modified Robb’s saline from Protocol A (< 10 ml of 1x)

Cacodylate fixative buffer from Protocol A (< 2ml of 5x)

Formaldehyde, freshly prepared from paraformaldehyde

2xSSCT (0.3 M NaCl, 0.03 M. NaCitrate, 0.1% Tween-20)

EQUIPMENT
Silicone rubber dissecting pad, made with Silgard® Elastomer (DuPont) in a

large petri plate.

Fine dissecting forceps, such as DuMont et Fils #5

0.5-ml PCR tube(s)

1. Anaesthetize up to 12 females with CO2 and transfer to a drop of Modified Robb's
saline on a silicone rubber dissecting plate. Quickly immobilize the flies by
crushing their heads with forceps (brutal yet effective).

2. Rupture the abdomens with forceps, and transfer the whole ovaries to a fresh drop
of Robb's saline. The ovaries are the two attached enormous pale tear-shaped
objects filling most of the abdomen (unless the flies are too young).
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3. When all the ovaries have been dissected, transfer them to a drop of fixative (5%
formaldehyde in cacodylate buffer, prewarmed to 37°C) on the dissecting plate.
Start a timer set for 4 minutes.

4. During the fixation (4 minutes), begin to separate individual ovarioles by teasing
them apart with forceps.

5. Following fixation, transfer the egg chambers to a large drop of 2xSSCT.
Complete the separation of the tissue into individual ovarioles (this is the tedious
part).

6. Transfer the ovarioles using a Pasteur pipet or forceps into a 0.5-ml PCR tube
containing 2xSSCT. Wash with 2 changes of 2xSSCT.

Repeat until you have sufficient material for hybridization.

PROTOCOL.ILE: EIXATION OF TISSUE ON SLIDES

This is a general procedure for formaldehyde fixation of a variety of tissues which

are too small, delicate, or difficult to see to carry through in situ hybridization in a PCR

tube. I have used this method to fix Drosophila spermatids (both mature and immature),

imaginal disks, and malpighian tubules.

SOLUTIONS NEEDED:

Dissection buffer
This depends on the tissue, and on personal preference. For testes, I use a
“Drosophila testis buffer” (Ashburner, 1989a) p. 381. For most other tissues,
the default buffer in our lab is Buffer-A, but I have also used Robb's saline
(Ashburner, 1989a) p. 380. It is very unlikely that the dissection buffer will
noticeably affect your results as long as it is an isotonic buffer with a pH in
the range of about 6.8-7.2.
Note: For imaginal disks, it is very helpful to include both 0.1% Triton X-100
(Pierce) and 0.1% deoxycholate (Calbiochem) in the dissection buffer, since
this mixture of detergents seems to permeablilize the tissue and reduce
background in the hybridization. You may want to test this detergent mixture
on other tissues as well.

37% Formaldehyde freshly prepared from paraformaldehyde and filtered.

EtOH (95%) or MeOH, chilled to -20°C in a slide staining dish or Coplin jar.

siliconized 18 x 18 mm coverslips (Surfasil, Pierce). These are prepared by
dipping clean coverslips in a 2% solution of Surfasil in CHCl3 for 30
seconds, rinsing once in fresh CHCl3, and allowing to air dry. They keep
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indefinitely stored at room temperature. They are usually cleaned with
water or ethanol before use.

Whatman #3 filter paper or other absorbent paper.

Dewar flask filled with liquid N2

hemostats, tips covered with thin silicone rubber tubing for a good grip on
slides.

single-edged razor blade

Slide staining jars, such as Coplin jars or Wheaton staining dishes with
removable racks.

. Dissect the desired tissue in an appropriate buffer.

. Transfer dissected material to the center of a clean glass slide3 in a small volume
of buffer. Add a drop of 3.7% freshly prepared formaldehyde in dissection buffer
to the sample. Carefully place a siliconized coverslip on top of the specimen,
trying to avoid air bubbles

. Wick out the excess liquid from under the coverslip using torn pieces of filter
paper. This will tend to flatten the specimen somewhat.

. After a total of 4–5 minutes of fixation, freeze the slide by immersion in liquid N2
(I hold the slide using a pair of hemostats, the tips of which I cover with silicone
rubber tubing). After 15-20 seconds, remove the slide and as quickly as possible,
crack off the coverslip with a fresh razor blade. Immediately transfer the slide to
a Coplin jar / staining dish filled with either 95% EtOH or 100% MeOH,
prechilled to -20°C. Coverslips can be reused, if you can find them.
Note: you may want to label your slide(s) with a diamond marking pencil. If you
do this before cracking the coverslip, it can cause the slide to shatter, so it’s
preferable to pull slides out of the alcohol bath to label them.

. Samples can be stored in EtOH or MeOH at -20°C, certainly for several days and
probably longer. To proceed with the hybridization, allow the EtOH (or MeOH)
to come to room temperature. Remove the slides; you may want to circle the area
where the specimen is on the underside with a diamond pencil. Transfer the slides
into a container of 2xSSCT (0.3 M NaCl, 0.03 M Na Citrate, 0.1% Tween-20).
Wash with one change of 2xSSCT.

ELATTENED CHROMOSOME PREPARATIONS (SOUASHES)

*If you experience adhesion problems (i.e., your samples have a nasty tendency to fall off the slide during
the hybridization procedure), you may want to try treating the slides with TESPA (3-aminopropyl
triethoxysilane). To do this, immerse in a 1-2% solution of TESPA in toluene for 30seconds-1 minute.
Rinse twice in toluene and air-dry. Store at room temperature.

ºn-sºº

gº ºut
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Occasionally it is desirable to hybridize to chromosomes fixed in acid and lying

flat on a microscope slide, rather than in intact tissues. I routinely use polytene squashes

to examine the hybridization patterns of euchromatic probes. For heterochromatic loci

squash preparations of mitotic chromosomes are far more useful. I have not developed

any new or unique methods to prepare or hybridize to such samples, but I will document

here the protocols that I have used.

Polytene chromosome squashes

0.7% NaCl, or Robb's saline (Ashburner, 1989a) p. 380, made fresh

45% acetic acid in water

lactic/acetic acid, made by mixing lactic acid syrup (from the bottle) with an
equal volume of 60% acetic acid.

EQUIPMENT

Clean microscope slides

Siliconized 18 x 18 mm coverslips (see above)

Dissecting forceps, such as DuMont et Fils #5

Silicone rubber dissecting plate, or siliconized slide, for dissection

1. Dissect salivary glands from climbing 3rd instar larvae, raised at 16°C in
uncrowded conditions on a high yeast-glucose diet. Dissection can be
performed in a drop of either 0.7% NaCl or Robb's saline on a silicone rubber
dissecting pad or siliconized slide.

2. Transferred glands to a drop of 45% acetic acid and remove any adhering fat
body. Leave in acetic acid for a total of 2-3 minutes.

3. Transfer to a small drop of lactic/acetic acid on a clean, dust-free siliconized
coverslip. Touch a clean glass slide to the drop to pick up the coverslip, then
invert the slide. Hold the edge of the coverslip down firmly with a paper
towel to avoid lateral movement, and spread the chromosomes using a
dissecting probe. First tap on the cover slip in a spiral pattern, starting in the
center. Then invert the slide onto a few thicknesses of paper towel. Press on
the slide over one edge of the coverslip to spread the chromosomes. Then
invert the slide again, and (again holding down one edge of the coverslip)
streak smoothly back and forth across the coverslip with a dissecting probe.
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This is described in the Rubin Lab Manual. Check the quality of the
preparation using phase optics.

4. The squashes can be stored overnight at 4°C before removing the coverslips,
but I don't routinely do this. Freeze the slides by immersion in either an
EtOH/dry ice bath for 30 minutes or in liquid N2 for 15-20 seconds (the
EtOH/dry ice method is more of a hassle but somewhat more reliable).
Remove the coverslip with a quick flick of a fresh razor blade, and transfer
the slide to an EtOH bath (this can be prechilled but I haven't noticed any
difference if I use room-temperature EtOH). After 10 minutes or more,
remove the slides and allow to air dry. They can be stored dry for weeks or
months at 4°C if some care is taken not to let condensation form on them as
they warm up; however, I usually prepare such specimens fresh when I need
them.

Neuroblast /imaginal disk chromosome squashes

Neuroblasts from larval brains are traditionally used as a source of mitotic

chromosomes for cytological analysis. I have used them for this purpose and also to

examine the organization of interphase nuclei from flattened preparations. There are a

number of published procedures for neuroblast squashes, and I have tested several. Many

use colchicine to arrest the cells in mitosis prior to squashing, but I have found this to be

unnecessary as there are usually adequate numbers of mitotic figures without drug

treatment. I have used both Protocol 2 and Protocol 3 from (Ashburner, 1989a) (pp. 6-9).

Protocol 2 is more laborious and yields far fewer nuclei distributed more widely on the

slide, but some of my nicest-looking mitotic chromosomes were obtained this way.

Protocol 3 is from Gatti and Pimpinelli, and might thus be expected to produce really

pretty cytology, but I have been unimpressed. Instead, I use a protocol from Kevin Cook

(currently in Gary Karpen's lab):

Note that this protocol can be used to prepare chromosome squashes from other tissues,

particularly larval imaginal disks.

1. Dissect brains from climbing 3rd instar larvae in freshly prepared Robb's saline
(made from two 10x stocks; see (Ashburner, 1989a) p. 380 for recipe).

2. Transfer to a drop of freshly prepared 0.7% Na Citrate. Incubate 10 minutes.
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3. Transfer to a small drop of 45% acetic acid on a siliconized coverslip. Wait 3
minutes.

4. Clean a glass slide with a little acetic acid. Pick up coverslip by touching the
center of the slide to the drop of acetic acid.

5. Still holding the slide coverslip-side down, transfer to several layers of paper
towel. Squash using hard thumb pressure over the center of the coverslip,
avoiding any motion that might cause the coverslip to move laterally against the
slide.

6. Freeze in liquid N2 and crack the coverslip; transfer to EtOH or MeOH prechilled
to -20°C.

7. Kevin says it's not a good idea to let such preparations air dry, but I routinely do
this and have noticed no difference if I avoid drying the slides. However, the
chromosomes do tend to look a little frayed using this procedure.

8. Carry out hybridization as described below, or simply stain with DAPI or other
DNA dye to visualize mitotic chromosomes.

Part III. Hybridization procedures

There are basically only 2 procedures I’ve developed for in situ hybridization, and

really they're the same except that one is for whole-mount specimens in tubes and the

other is adapted for whole-mount specimens on slides. As described above, the challenge

in extending these methods to new tissues is to find isolation and fixation procedures that

enable them to go through one of these protocols. I’ve included the hybridization method

I use for squash preparations, but this was not of my own devising.

Hybridization to whole- | ti

This pair of protocols enables hybridization to a wide variety of whole-mount

tissues. The primary decision one must make is whether a particular tissue is more easily

handled in suspension (i.e., in a tube) and then subsequently mounted for microscopy, or

on a slide, in which case a way must be found to adhere the tissue to the slide (see

protocol II.F above for a general approach).

a■ ºCIl lutions needed (for all hybridization procedures
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20x SSC pH 7.0 (3 MNaCl, 0.3 MNaCitrate - the pH does not require
adjustment. Autoclave and store at room temperature)

Formamide (Fluka; substitute other brands at your own risk) Note: I have
not found it helpful to deionize the formamide; I use it straight from
the bottle, which is stored at 4°C.

Tween-20 (I use Pierce “Surfact-Amps.” Tween-20, which comes as a 10%
aqueous solution packaged under N2 but this is probably not critical)

Dextran Sulfate (Pharmacia)

Labeled probe(s) (see Part I, above)

Blocking reagents
To block samples after hybridization but before staining with antibodies or
other detection reagents, I use a 0.5% (w/v) protein solution. It's
convenient to store these as 10% (w/v) 20x stocks. I have used each of the
following and noticed no differences in effectiveness:

BSA (Boehringer Mannheim Fraction V), 10% solution in water,
sterile filtered, aliquoted, and stored at -20°C.

“Blocking Reagent for Nucleic Acid Hybridization” (Boehringer
Mannheim), made up as a 10% stock in maleate buffer following
manufacturer's instructions (this is basically a purified, glorified
dry milk product...)

Normal Goat or Rabbit Serum (Jackson ImmunoResearch),
reconstituted to 10% protein concentration following
manufacturer's instructions. Stored in aliquots at -20°C.

Fluorescence antifade mounting solution, such as VectaShield (Vector). A
home-made solution of 2% n-propyl gallate in glycerol may be used, but
must be adjusted to pH 8 just prior to use by addition of 70 pil 2 MTRIS
base (not acidified) to 930 pil glycerol-NPG.

Fluorescent detection reagents, such as
FITC-Ultra-Avidin (Leinco)
Texas Red-Ultra-Avidin (Leinco)
Cy5-Streptavidin (Jackson ImmunoResearch)

Avidin and Streptavidin bind tightly to biotin and enable the detection of
biotinylated probes. I have found that the use of chemically modified
avidins such as “Ultra-Avidin” (above) helps to reduce background
staining. Ultra-Avidin is not available conjugated with Cy5, but the
Cy5-streptavidin from Jackson is very good and gives low background.
I routinely use each of these reagents at dilutions of 1:3,000.

FITC-anti-digoxigenin F(ab) fragments (Boehringer Mannheim)
Rhodamine-anti-digoxigenin F(ab) fragments (Boehringer Mannheim)

These are the reagents of choice for detecting digoxigenin-labeled probes.
I have tried using other, unlabeled anti-digoxigenin antibodies followed by
secondary fluorescence detection, but these directly labeled F(ab)
fragments work better. I use at a dilution between 1:500 and 1:2000.
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Note that the Rhodamine antibodies are labeled with X-rhodamine, which
has a longer-wavelength excitation and emission than the more usual
tetramethylrhodamine (TMR) and is actually brighter using our Texas Red
filter sets.

Note on experiments using multiple probes:
There are obviously a lot of options for doing multiple-label experiments.
I have used up to 3 probes simultaneously, each detected with different
filters. The best combination I have found for such triple-label
experiments is to label one probe (usually the smallest or most critical
one) directly using FluoroRed (Amersham's Rhodamine-d'OTP). One of
the other two probes must be biotinylated so that it can be detected using
Cy5-streptavidin, and the third can be digoxigenin-labeled and detected
with FITC-anti-dig, or if it’s a highly repeated sequence it can also be
directly labeled with FITC-dUTP. I use DAPI as a counterstain.

r inmen

Aspirator with a fine tip
Microscope slides and coverslips

PROCEDURE III.A.- HYBRIDIZATION To WHOLE-MOUNTTISSUES IN PCR
TUBES

I have used this procedure successfully for Drosophila embryos and egg chambers,

and also for maize meiocyte columns.

Special equipment needed:
0.5-ml PCR tubes
Thermal cycler or other suitable device to heat embryos to 91°C

Notes:

Throughout this procedure I refer to the samples as “embryos” but substitute “egg
chambers” or other tissue as appropriate.

Washing is carried out by allowing the embryos to settle to the bottom of the tube,
aspirating most of the solution, and replacing with fresh solution. All washes are
approximately 500 pil unless otherwise stated. If the embryos start to float or remain
suspended in any of the solutions prior to the addition of the probe, then the fixation
is bad (usually it means the embryos have been left too long in MeOH). Start over.

1. Wash embryos in 2xSSCT (2xSSC, 0.1% Tween-20).

2. Aliquot the embryos into 0.5-ml PCR tubes corresponding to the number of
samples you wish to hybridize. Use a bed volume of 30-50 pil of embryos per sample.

3. Wash with 2 more changes of 2xSSCT
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4. Exchange gradually into 2xSSCT containing 50% formamide (Note: this is still
2xSSC final salt concentration):

Wash 1x in [2xSSCT / 20% formamide] for 5-10 minutes.
Wash 1x in [2xSSCT / 40% formamide] 95.

Wash 1x in [2xSSCT / 50% formamide] 99

Wash once more in [2xSSCT / 50% formamide).

5. Incubate at 37°C for at least 30 minutes but up to several hours, until you're ready
to add probe. The slow exchange into and preincubation in 50% formamide /
2x SSCT is just to ensure that the embryos are well-equilibrated in this solution.

6. For each sample, make up 40 pil of a solution of the probe(s) in hybridization
solution (25-500 ng of each probe, depending on its complexity. Highly repeated,
simple-sequence probes work well at lower concentrations; microdissection/PCR
probes require substantially more since each sequence constitutes a tiny fraction
of the total probe).

The hybridization solution should be
[3xSSCT/50% formamide / 10% (w/v) Dextran Sulfate]

(final concentration after probes are added).
I make up a stock hybridization solution containing

5 ml formamide
1.5 ml 20xSSC
1 g Dextran Sulfate
made to a volume of 9.0 ml with Milli() water

(This takes a while to dissolve. Once it’s made it can be stored at 4°C
and is fine to use for weeks to months.)

This way I can add up to 4 pil of probe(s) to 36 pil of this stock, make up
any missing volume with water, and everything will be at the right
concentration.

7. Carefully aspirate solution away from embryos (try to remove as much as possible)
and add 40 pil of probe solution. Mix by tapping the tube.

8. Place tube(s) in PCR machine Run a program that will denature the embryos by
heating them to 91°C (tube control) for 2 minutes and then cool them and hold
them at an appropriate hybridization temperature. An annealing temperature of
37°C is good for most probes but very simple sequence, AT-rich DNA may
require lower temperatures (see the description of the 1.6728/cm3 satellite,
above). Incubate the tube(s) overnight at the annealing temperature, shielded
from light. (If you are in a big hurry and your probes are highly repetitive, this
step can be reduced to as little as three hours, but I don't think I'd recommend this
for single-copy probes).

-- NEXT DAY --

Note: Throughout the rest of the procedure it’s advisable to protect the embryos from
excessive exposure to room light, at least during the longer incubations. I simply
place the PCR tubes inside a light-tight film container or other chamber for these
steps.

9. Wash embryos.
Warm several ml of [2xSSCT/50% formamide] to the annealing temperature.
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Add 500 pil [2xSSCT/50% formamide] to each sample and mix.
Allow embryos to settle; aspirate liquid and add [2xSSCT / 50% formamide] to

wash; incubate for a total of approx. 1 hour at the annealing temperature with
at least one further change of [2xSSCT / 50% formamide).

Wash once with [2xSSCT / 25% formamide) at room temperature.
Wash 3x with 2x SSCT.

(If your probes are directly labeled with fluorescent nucleotides, you do not need
to perform the staining steps below, so skip to the *).

10. Add 0.5% blocking reagent (BSA or other protein solution) in 2xSSCT and
incubate for 30 minutes to 1 hour at room temperature to block.

11. Stain samples: Dilute fluorescent avidin/streptavidin (1 mg/ml) 1:3,000 and/or
anti-digoxigenin F(ab) fragments 1:1,000 into 2xSSCT. Aspirate BSA solution
and add solution containing avidin and/or antibody. Incubate at least 2 hours at
room temperature on a nutator or rotating mixer, protected from light.

12. Wash 3x with 2xSSCT - typically I wash twice for 5-10 minutes and then once
for longer (1 hour to overnight).

* 13. Stain with 0.5 pg/ml DAPI in 2xSSCT for 10 minutes. Destain by washing in
2x SSCT without DAPI for at least 30'.

14. Mount as desired;. I do this by pipetting a 2 mg/ml polylysine solution onto one
side of a coverslip, letting it sit for a 5-10 minutes, and then rinsing with water. I
can then pipet the embryos onto the coverslip, allow them to settle, aspirate off
the buffer, and overlay with glycerol mounting medium. Note: Embryos don't
seem to keep very well once mounted, though this may depend on your mounting
medium and fixation protocol. However, they can be stored for up to several days
prior to mounting in buffer at 4°C, protected from light (addition of a small
amount of EDTA may help to prevent deterioration).

PROCEDURE III.B = HYBRIDIZATION To WHOLE-MOUNTTISSUES ON SLIDES

Embryos and egg chambers are membrane-enclosed, compact structures that are

not easily damaged by all the solution changes and mixing required for hybridization.

However, some samples are not amenable to the above procedure. In such cases, I have

found it easiest to fix the tissue directly on a microscope slide and then adapt the above

procedure to do the hybridization. This has worked well for Drosophila spermatids,

whole-mount imaginal disks, and malpighian tubules, and could probably be adapted to

any thin tissue. This procedure is a bit more cumbersome and requires larger volumes of

solution than the one above.
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For slides, it is easiest to do all washes in either Coplin jars or slide staining jars
with removable slide holders. For Coplin jars, each wash is 50-70 ml; the
staining jars we use are larger and require about 200 ml to cover the slides.

1 . Exchange the sample(s) into [2xSSCT / 50% formamide):
Wash 1x in [2xSSCT / 20% formamide] for 5-10 minutes.
Wash 1x in [2xSSCT / 40% formamide) 99

Wash 1x in [2xSSCT / 50% formamide] 35

Wash once more in [2xSSCT / 50% formamide).

2 . Incubate for at least 30 minutes in [2xSSCT / 50% formamide) at 37°C. This is
easily accomplished by placing the container in a water bath set to this
temperature.

3 Make up probes in hybridization solution (3xSSC/50% formamide/ 10% Dextran
Sulfate) as in embryo hybridization, above. For each sample you will need
approximately 15 pil of hybridization solution containing 20-200 ng of each probe.

4. Pipet the probe(s) in pil hybridization solution onto a clean 18x18mm or 22 x 22
mm coverslip (depending on how much area your specimens cover). Remove a
slide from the prehybridization solution (wear gloves, as formamide is toxic).
Remove as much of the liquid as possible by wiping / aspirating carefully. Touch
the specimen to the drop of hybridization solution to pick up the coverslip.
Quickly invert the slide; the probe solution should spread out under the coverslip.

5. Seal the coverslip to the slide with rubber cement; I do this using a syringe with a
wide-gauge needle. Not all rubber cements are equal - I like Carter's. Be
generous; make a big wide gasket around the edge of the coverslip. Try to avoid
getting cement on the bottom of the slide, though, since it preclude good thermal
contact with the heatblock (step 11) and also stick to the Parafilm in the humid
chamber (step 8).

6. Prewarm a heatblock to 95°C. I use a simple VWR heating element with a
removable aluminum block. When a thermometer placed in one of the wells
stabilizes at 95°C, I invert the block so that its flat side is facing up.

7. Denature the samples by placing each slide on the heatblock for 3 minutes, slide
side down. I do up to 3 at a time on my heatblock. I determined the temperature
and time for this denaturation step by doing mock denaturations on slides to
which I affixed thermal recording strips. Under these conditions the sample
reaches a temperature of approximately 91°C.

8. Transfer the denatured slides to a humid chamber prewarmed to the annealing
temperature (usually 37°C but see notes in step 8 of Protocol III.A, above). I use
a flat Tupperware box with an opaque lid, containing a few sheets of damp paper
towel covered with a sheet of Parafilm. I float the box in a large water bath set to
the annealing temperature.

9. Allow to anneal overnight.

-- NEXT DAY --
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10. Immerse each slide in a beaker containing 2xSSC. Using forceps (such as
Millipore forceps with flat tips) carefully pull off the rubber cement. The
coverslip may come off too; if not, it will probably drop off soon thereafter.

16. Transfer slides to a Coplin/staining jar filled with [2xSSCT / 50% formamide) at
the annealing temperature. Wash for an hour in a total of 3 changes of this
solution.

17. Wash slides once in [2xSSCT / 25% formamide].

18. Wash in 2-3 changes of 2xSSCT.

19. To stain slides, use the same blocking and staining solutions and incubation times
as for embryos, above. Place the slides in a humid chamber. Pipet 50-100 pil of
solution onto the specimen and cover with a small piece of Parafilm. Carry out
washes and DAPI staining in Coplin/staining jars. Just before mounting, rinse
each slide in 50 mM TRIS-Cl pH 7.5 to remove most of the salt, since otherwise it
will precipitate onto the slide as it dries.

20. To mount slides for microscopy, remove as much liquid as possible and pipet a
small drop of mounting medium onto a 22 x 22 mm coverslip. Touch the
specimen to the drop of mounting medium, invert the slide, and seal with nail
polish.

PROCEDUREIILC - HYBRIDIZATION To SouaSHPREPARATIONS

The procedure I use to hybridize probes to both polytene and diploid chromosome

squashes is identical. It is very similar to most standard protocols (e.g. Protocols 25 and

27 from (Ashburner, 1989a); see also (Pardue, 1986)). The denaturation step is carried

out by treating the chromosomes with base (NaOH) rather than heat, but to make the

procedure as analogous as possible to the whole-mount protocols above, I carry out the

hybridization in the same solution (3xSSC/50% formamide / 10% Dextran Sulfate) and

at the same annealing temperature. For the record, this is what I do:

SOLUTIONS:

20x SSC (3 M NaCl, 0.3M NaCitrate)

Formamide (from Fluka, stored at 4°C, straight out of the bottle)

2 jars filled with 70% EtOH

2 jars filled with 95% EtOH
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1 M Triethanolamine-HCl pH 8.0° (Triethanolamine is reported to be light-sensitive
but I store the 1M stock on my bench)

Acetic anhydride *

RNAase *

NaOH - stock solution in water at 1-10 M

labeled probe(s)

DAPI (diamidinophenylindole, 5 mg/ml in water) or other DNA counterstaining agent

*optional - see procedure for details

EQUIPMENT

Slide staining vessels such as Coplin jars or Wheaton dishes with removable
racks.

Millipore forceps

Note: essentially all the times given for the steps which follow are VERY flexible - i.e. if
you forget about your slides and leave them at any point for longer than they should be,
it’s fine. The only exception is the denaturation step in NaOH - if you leave them here
too long, the morphology will degrade, so keep it to 3 minutes).

Starting with air-dried slides:

All steps are carried out at room temperature (r.t.) unless otherwise indicated. Depending
on the number of slides, the washes are performed either in Coplin jars (can hold up to 9
slides) or larger staining jars.

Treat slides as follows:

2x SSC 30' 65°C to remove basic proteins
2x SSC 2. T.t.
70% EtOH 5’
70% EtOH 5’
95% EtOH 5’
95% EtOH 5’

• * * * * The steps from here to the next set of diamonds are all optional but may
help to reduce background. In general, I leave out the RNAase step (particularly
when I'm hybridizing to non-transcribed sequences such as satellite DNA) because I
have never seen any improvement with it, but I'm including it here in case you want
to try it.

In a humid chamber:
Pipet 50-75 pil of 500 pg/ml freshly boiled RNAase A in 2x SSC onto each slide

and cover with a 22 x 40 mm coverslip. Place in a humid container (e.g., a
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Tupperware box with damp paper towels inside) in a warm water bath (37°C)
and incubate 1 hour.

step slides through

2x SSC 5.
70% EtOH 5'
70% EtOH 5'
95% EtOH 5'
95% EtOH 5'
air dry.

Acetylate the slides (I have noticed no difference if I eliminate this set of steps):

TEA-AA 10' r.t. (0.4 ml acetic anhydride added just before slides to
250 ml 0.1M Triethanolamine-HCl (from 1M pH 8
stock) and mixed)

2x SSC 5.
2x SSC 5'
70% EtOH 5'
70% EtOH 5'
95% EtOH 5'
95% EtOH 5'
air dry

() () () () ()

Slides can be stored dry after any of the preceding series of steps, but once they've
been denatured with NaOH, I’ve read that you should use them within 24 hours.

Immerse slides in...
0.07 N NaOH 3' (this is the one step for which the time is relatively important)
2x SSC 5.
70% EtOH 5.
70% EtOH 5.
95% EtOH 5.
95% EtOH 5.
air dry.

Make up probe (20-200 ng in 10-11 pil total volume/sample) in 3xSSC, 10% DexSO4,
50% formamide (see embryo hybridization procedure, above, for details)

Denature probe by placing in a boiling water bath for 2', then quick-chill in an ice
bath (this is unnecessary if the probe is single-stranded). Pipet onto a clean
coverslip (22 x 22 mm) and pick up by touching the dry slide, squash side down,
to the drop of liquid on the coverslip, let the solution spread out, and then invert
the slide. Try to avoid massive air bubbles.

Seal edges of coverslip with rubber cement (it's helpful to use a syringe with a large
bore needle for this) and place in a humid chamber at 37°C overnight.
(Incubation time can be cut to 3 hours in a pinch, particularly with repetitive
probes.)

-NEXT DAY

82



Wash slides:
Immerse a slide in a beaker containing 2xSSC (at room temperature) and pull off the
rubber cement gasket using forceps. If coverslip does not slide off easily, leave the
slide in the solution for a few minutes. You may need to gently pry the coverslip
away from the slide using a razor blade or your forceps. Transfer slide to a container
of [2xSSC, 50% formamide] (this is 2xSSC final concentration).

Incubate slides in 2 changes of [2x SSC, 50% formamide) at 37°C for 30 minutes
each.

Transfer slides to 2xSSC for 1’.

IF YOUR PROBES ARE DIRECTLY LABELED WITH FLUOROPHORES YOU WILL NOT
NEED TO CARRY OUT THE FOLLOWING STAINING STEPS - SKIP TO THE DAPI

STAINING STEP FOLLOWING THE A 4. A BELOW.

Transfer slides to 1x PBS for 1'.
Wash

2x in PBS 5’ each
1x in PBS/0.1% TX-100 5.
1X in PBS 5.

Incubate each slide with 50-100 pil detection solution made up in 1xRBS, 1% BSA,
0.5 mM EDTA in the dark at room temperature in a humid chamber for 1 hour.
(Typically, I use 1:1600 fluorescent avidin, "Ultra Avidin," or streptavidin, 1:500
fluorescent-anti-digoxigenin or other antibodies. Spin solution at top speed in
pifuge for a few minutes to pellet aggregates before using.)

Wash slides as before:
2x in PBS 5’ each
1X in PBS/0.1% TX-100 5.
1x in PBS 5.

4 4 4.

Wash slides once in Milli() water, once in water containing 0.2 pg/ml DAPI, and
again in water (you may wish to destain for a while to reduce the background) and
allow to air dry.

Mount with a drop of VectaShield (Vector) or other mountant using a 22 x 22 #11/2
coverslip.

View.

Tips on Immunostaining FISH samples

In general, the whole-mount procedures described above (III.A and III.B) are

compatible with immunofluorescence techniques. This was initially surprising, since I

would not necessarily have expected cellular proteins to remain intact and to be

recognizable by antibodies after being heated to a temperature of 91°C in a solution
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containing both moderately high salt (0.3 MNaCl) and 50% formamide. Nevertheless, it

has been my experience that the hybridization itself is not deleterious with most

antibodies. One exception was a monoclonal anti-histone antibody (Chemicon), which

recognizes chromosomes in embryos fixed by procedure II.A. above, but shows no

staining following in situ hybridization. However, monoclonal antibodies against

nuclear lamin, tubulin, RAP1, and nuclear pore proteins, as well as polyclonal antibodies

against topoisomerase II, GAGA factor, and a histidine-tagged protein all showed strong

staining following hybridization. For each of these antibodies, the staining pattern looks

essentially identical to that seen in samples that have not undergone hybridization, except

that some soluble proteins may be partially extracted by the FISH procedure.

In general, it is simplest to stain with antibodies following hybridization. After

washing the samples out of formamide, simply block them using a 0.5% w/v protein

solution, add the primary antibody in buffer, incubate, wash, and add a secondary

fluorescent antibody along with any avidin or anti-digoxigenin reagents you are using to

detect the probe(s). I have recommended carrying out secondary detection in 2xSSCT,

but for some low-affinity antibodies the salt concentration in this buffer may be

unsuitably high, and a more traditional buffer for immunodetection (such as Phosphate

buffered saline, PBS) may be preferable.

However, problems may arise if the optimal fixation conditions for particular

antigens are dissimilar to the ones I have recommended for hybridization. For example,

microtubule structures are not well preserved by the formaldehyde fixation procedure I

have give for embryos (Protocol II.A). In this case, the problem can be surmounted by

carrying out methanol fixation (Protocol II.B), although this gives poorer overall

preservation. Alternatively, dechorionated embryos can be fixed directly in a mixture of

37% formaldehyde and heptane (instead of 3.7% buffered formaldehyde) to preserve

tubulin structures. While this gives a higher background and lower signals for in situ

hybridization, it is still satisfactory for bright, repeated-sequence probes.
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In some cases an antigen will be extremely sensitive to overfixation. This is

particularly problematic with S. cerevisiae nuclear proteins (as described below). In

order to carry out immunostaining, the tissue must be fixed more lightly than what is

required to maintain its integrity through the hybridization. I have found it best to deal

with such situations by reversing the order of the procedures: the sample is first fixed

lightly and stained with a primary antibody, then postfixed, and then carried through the

hybridization. Secondary immunofluorescence detection can be performed either before

postfixation or after the hybridization; I have found it to make no perceptible difference,

and again the hybridization has remarkably little impact on the brightness or localization

of the fluorescent antibody signal. I have given a more detailed procedure for carrying

out such a FISH/immunofluorescence experiment for S. cerevisiae, below (Protocol

IV.B). The same principles could probably be adapted to other tissues.

Part IV. Hybridization to S. cerevisiae cells

I began developing a procedure to carry out FISH on whole budding yeast cells in

collaboration with Dr. Jeremy Minshull, in the laboratory of Dr. Andrew Murray at

UCSF. He had carried out a screen for mutations that might affect the normal ability of

cells to arrest in mitosis when treated with microtubule-destabilizing drugs such as

benomyl or nocodazole. A number of different defects might lead to such a phenotype,

but the one he was most interested in persuing was a mutation that would eliminate

cohesion between sister chromatids, causing them to fall apart prematurely during mitotic

arrest. As a secondary screen, he wished to observe the chromosomes directly using

FISH to see whether sister chromatids remained conjoined when the cells were exposed

to microtubule drugs. At that time, there was a published protocol for budding yeast

FISH (Guacci et al., 1994), but the cells were first heavily extracted with detergents and

essentially spread on slides prior to hybridization. I thought it might be straightforward

to adapt the whole-mount procedures above to S. cerevisiae.
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As a probe, I started with the one highly-repeated sequence in the yeast genome:

the rDNA. I labeled a plasmid carrying a cloned copy of this sequence with FluoroRed. I

then began to experiment with conditions for fixation of yeast cells for FISH.

This endeavor turned out to be much more difficult than I had anticipated. There

were two basic problems: Firstly, yeast have an impermeable cell wall which must be

enzymatically removed either prior to or after fixation. Secondly, and more

insurmountably, the chemistry of yeast fixation does not follow the pattern I had

observed for any other tissue. The cytoplasm does is not preserved well if fixed at low

concentrations of formaldehyde and/or for short times. If I fixed longer and at higher

concentrations so as to preserve the cytoplasm during the hybridization procedure, the

nucleus was essentially over-fixed: the repetitive rDNA probe was still detectable, but

immunostaining of nuclear antigens was precluded. This held true whether I fixed the

cells prior to or following spheroplasting (removal of the cell wall).

Despite extensive attempts, I was unable to find conditions for yeast hybridization

that were straightforward, reliable, and general. Nor did I ever satisfactorily achieve

good hybridization with cosmid probes, although Adam Rudner was able to do this if he

sacrificed cell morphology and treated the samples with protease prior to hybridization.

Nevertheless, using the rDNA probe I did identify a mutant from Dr. Minshull's

screen that was clearly defective in sister chromatid cohesion. He was able to rescue the

mutant by complementation and to show that the mutation was in a gene previously

identified as cdc55, which encodes a regulatory subunit of protein phosphatase 2A. This

discovery has led to a new view of cell cycle regulation in which sister chromatid

cohesion depends on the maintenance of high levels of activity of cdc2 kinase (MPF),

since sisters appear to separate as a direct consequence of a fall in kinase activity, rather

than by the action of some elusive proteolysis mechanism, as had been previously

proposed (Holloway et al., 1993).
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I was also able to demonstrate that the telomeres, or chromosome ends, in S.

cerevisiae are not restricted to the nuclear envelope, as had been reported (Palladino et

al., 1993). To do this I hybridized yeast with a probe to the Y’ subtelomeric repeat

elements, along with immunofluorescence using an antibody against a nuclear pore

protein (Davis and Fink, 1990). Furthermore, I saw no differences in the Y’

hybridization pattern between wild-type and mutants defective in telomeric silencing,

also casting serious doubt on published work (Palladino et al., 1993). Some of these

issues are discussed in Appendix A, “Cytology of Telomeres.”

Here are two different procedures for fixing and preparing yeast samples for

FISH. The first of these uses a harder fixation. It is suitable for rDNA hybridization

and/or tubulin immunofluorescence (preservation of tubulin requires fairly high

concentrations of formaldehyde and rapid fixation). If you can use this procedure, do so

because the cells are much easier to deal with if they're fixed pretty hard. The second

protocol is designed for hybridization with sequences of lower copy number and/or

immunofluorescence with antibodies to nuclear proteins such as RAP1 or nuclear pore

components. These antigens are extremely sensitive to overfixation, and so the cells must

be fixed lightly for immunostaining, then postfixed harder for hybridization.

YPD (1% Yeast Extract, 2% Bacto-Peptone, 2% Dextrose) or other yeast growth
medium (supplement with adenine and tryptophan if your strains are ade").

37% formaldehyde, freshly prepared from paraformaldehyde and filtered

1M potassium phosphate pH 7.4

B-mercaptoethanol

zymolyase-100T (Seikagaku America Inc. (800) 237-4512)

EQUIPMENT:

22 x 30 mm coverslips, #11/2 thickness
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Millipore forceps, for handling coverslips

PAP pen (Polysciences) - a marker with a hydrophobic “ink” to make a well on
coverslips

Grow yeast cultures in YPD and fix in midlog phase (OD600 < 0.5) as follows:

To a convenient volume of yeast culture (typically 6-10 ml) add an equal volume of
37% formaldehyde to which has been added 1/10 volume of 1M potassium
phosphate pH 7.4; either bottled formaldehyde or freshly prepared 37%
paraformaldehyde may be used.

Spin down the cells in a clinical centrifuge or Dynac (usually about 40% power is
good) and resuspend in 1/2 the original culture volume of 18.5% formaldehyde in
100 mM (final conc.) K-phosphate buffer pH 7.4. Mix on a roller drum or nutator
for 60-75 minutes at room temperature. Differences in the temperature of fixation
can affect the results, so if you have a room-temperature incubator (20–23°C) use
it.

SPHEROPLAST the cells as follows:

spin down yeast and resuspend in 0.1 M NaHPO4 pH 7.4

Wash a total of 3x in this buffer.

Resuspend 3x-washed pellet in 100-200 pil 0.1 M NaHPO4 to which has been
added (per ml)
1.5 pil B-mercaptoethanol
5-10 pulzymolyase (50 mg/ml)

Incubate cells with zymolyase for 10-60 minutes at 37°C. Monitor the
spheroplasting under a microscope (dilute cells about 1:10 into water;
spheroplasts are dark and nonrefractile under phase optics). Complete
spheroplasting should occur within this time - if it doesn't, something's gone
wrong with your fixation and you should abort here, rather than wasting your
time continuing on.

Note: it may be better to use lyticase (Boehringer Mannheim), since it's a cleaner
preparation, but you’ll have to work out spheroplasting conditions for this
enzyme.

Following spheroplasting:
Wash 2x in 100 mM phosphate buffer.

I carry out hybridization on yeast that have been adhered to coverslips - you may use
slides, but for optimal imaging it's important to have your sample as close to the
coverslip as possible. 22 x 30 mm coverslips (#11/2 thickness) are convenient
for handling, and are available from a number of suppliers; some work better than
others. The key is that they need to wet well with polylysine, because otherwise
the yeast won't stick. At least one batch I tried from VWR worked well, but there
may be batch-to-batch variability. If the polylysine beads up on the glass, you
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will need to wash the coverslips with acid or at least MeOH and then rinse them
extensively with water before use.

Draw a circle off-center on each of the coverslips (1 per sample) with a PAP pen and
allowed to dry. Then pipet an aqueous polylysine solution (1-2 mg/ml) into the
circle. Leave it for a minute or so, then aspirate, rinse twice with water, and allow
to dry. (Note that the procedure below uses polyethyleneimine instead of
polylysine, and you may want to try that instead.)

Labeling the coverslips so you can identify different samples throughout the
procedure is actually a real challenge, since most lab pens tend to dissolve during
the hybridization. Diamond glass-marking pencils are a bad idea, since scratching
the coverglass will tend to cause breakage during the handling. You can try
labeling the back of the coverslips, or use the solution we’ve come up with: label
them with a metallic marker (Sanford). Until you're sure that your labeling
scheme will work, keep track of which sample is which.

Pipet 50-100 pil resuspended yeast onto the polylysine-coated circle and allow 5-10
minutes for the cells to settle and adhere to the coverslip. You will have to work
out what volume to resuspend your yeast pellet in to get a good density of yeast
on the coverslip - monitor the density under a microscope. Lots of yeast are good,
but you don't want them lying so close to each other that you can't see where one
cell stops and another begins.

Transfer the coverslips to staining jars (10 ml capacity) containing 2xSSCT.

Carry out hybridization according to the protocol for whole-mount samples on
slides, above. To add the probe, mix with 15-16 pil of hybridization solution,
pipet the solution into the well on the coverslip and then pick up the coverslip by
touching a clean glass slide to the drop of solution. Seal the coverslip to the slide
and denature slide-side down on a heatblock. The PAP pen well tends to melt
somewhat during the denaturation, which can mess up the integrity of the well, so
handle the samples very carefully during the subsequent staining steps.

Carry out tubulin immunofluorescence following the hybridization. A commercially
available monoclonal rat anti-tubulin antibody (MAS 078, Supernatant) from
Sera-Labs (in England; telephone: (0342) 716366) works well for this purpose at
a 1:40 dilution. Follow with a fluorescently conjugated anti-rat IgG antibody
(Jackson).

PROCEDURE IV.B. - YEASTEDXATION FORINSITU HYBRIDIZATION AND
IMMUNODETECTION OF NUCLEARANTIGENS

This is the protocol I developed for telomere hybridization experiments, in which

I was also trying to localize either RAP1 protein or nuclear pore proteins. For such

experiments requiring detection of both nuclear proteins and chromosomal sequences in

yeast cells, it has been most successful to fix the cells lightly, spheroplast, and carry out
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the immunofluorescence steps first. Following antibody staining, the cells can be

postfixed and hybridized without loss of the immunofluorescence signal.

SOLUTIONS

YPD (1% Yeast Extract, 2% Bacto-Peptone, 2% Dextrose) or other yeast growth
medium (supplement with adenine and tryptophan if your strains are ade").

37% formaldehyde, freshly prepared from paraformaldehyde and filtered
You will need 5 ml per yeast culture

8% glutaraldehyde (Ted Pella)

PBSo: Phosphate-buffered sorbitol (100 mM K-phosphate, 1.2 M sorbitol, pH 7.4
final). Note: sorbitol solutions cannot be autoclaved.
Also have on hand stocks of 1 M K-phosphate pH 7.4 and 2 M sorbitol

Protease inhibitors, 200x stock
In high-quality DMSO (Ted Pella) dissolve the following:
PMSF 200 mM-35 mg/ml (Boehringer Mannheim)
pepstatin A 400 pg/ml (Boehringer Mannheim)
leupeptin 200 pg/ml (Boehringer Mannheim)
aprotinin 1mg/ml (Boehringer Mannheim)
benzamidine-HCl 400 mM - 63 mg/ml (Sigma)
EDTA is added separately from a 500 mM aqueous stock solution.

DTT (1 M stock made in water, sterile filtered and stored in aliquots at -20°C)

Lyticase (Boehringer Mannheim)

polyethyleneimine, 1% solution in water

PBS (Phosphate-buffered saline), 10x stock

Blocking Reagent for Nucleic Acid Hybridization (Boehringer Mannheim, 10%
w/v stock made up in maleate buffer following manufacturer's directions)

Primary antibody (this protocol was developed for MAb414 (BAbCO) which allows
immunostaining of yeast nuclear pores).

Fluorescently conjugated 2* antibodies (Jackson ImmunoResearch recommended)

equipment:
haemocytometer
clinical or Dynac centrifuge
vacuum flask and funnel with filter holder, such as Gelman 09-735 (available

from Fisher)
47 mm diameter nitrocellulose filters (Millipore or MSI)
22 x 30 mm #11/2 coverslips.
Coverslip staining jars
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Grow up yeast cultures in YPD Inoculate a 50-ml culture from an on culture and
grow to approximately 1x107 cells/ml, as measured with a haemocytometer. This
corresponds to (very) roughly an OD600 of 1, but it's important to measure the
cell density directly rather than relying on their OD. On our haemocytometers the
smallest boxes are 4x10-9 liters, which means you should multiply the average
number of cells in the smallest box by 4x106 to find out how many cells/ml you
have (an average of 2.5 cell/box is what you want).

FIXATION

Pipet 5 ml formaldehyde into a 50-ml plastic conical tube. Add 0.312 ml 8%
glutaraldehyde (Ted Pella). Chill the fixative in an ice-water bath. Then add cells
to the 50-ml mark, cap, mix by inversion, and chill rapidly in ice-water (agitate
the tube to speed the cooling process). Leave in ice water bath for 2h.

Using a vacuum flask with a fresh nitrocellulose filter, pour the cells over the
nitrocellulose with vacuum. Rinse three times with 10ml of PBSO. Transfer filter
to a glass test tube containing 10 ml [PBSo + protease inhibitors]. Cover the tube
with Parafilm and invert many times to remove yeast from the filter. Then
remove the filter with a pair of forceps.

Spin the yeast (50-60% power in Dynac, 4 minutes) to pellet cells. Remove
supernatant; resuspend cells in 1 ml [PBSo-protease inhibitors + 10 mM DTT).
Place at 37°C.

SPHEROPLASTING (removal of cell walls)

Add 25 pil lyticase (Boehringer Mannheim) and mix gently; return to 37°C bath.
Monitor spheroplasting by diluting cells 1:10 into water and examining under
phase optics. When spheroplasting reaches 50-80% (10–25 minutes, depending
on culture), place cells on ice and add 10 ml ice-cold [PBSo + protease
inhibitors]. Collect spheroplasts by centrifugation at 40% power in the Dynac for
5 minutes and resuspended in 0.5 ml [PBSo + inhibitors].

Pipet cells onto cleaned, polyethyleneimine-treated 22x30mm coverslips in a humid
chamber

NOTES ON PREPARATION OF COVERSLIPS
I prefer to carry out hybridization on coverslips rather than slides,
since the imaging of samples close to the coverslip is desirable.
However, it may not be worth the added trouble, since multiwell slides
are considerably easier to handle.

Poor adhesion of yeast cells to coverslips is a pervasive problem. A
solution which works reasonably well is presented, but there may be
better ways. Different batches of coverslips have different affinities for
aqueous solutions; if you see the polyethyleneimine bead up on the
glass, try a different batch.

Clean 22 x 30 mm #11/2 coverslips by dipping them in methanol and
wiping with a Kimwipe. Draw PAP pen circles on them. Label them
with a Sanford silver metallic pen. Pipet a 1% polyethyleneimine
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solution into the PAP pen circle and leave for several minutes (the
glass should wet readily; if the solution beads up start over with a
different brand of coverslip). Aspirate the solution; wash twice with
Millio water, and allow to dry.

Leave the coverslips alone for 10-15 minutes to allow cells to settle.

Aspirate excess liquid and transfer slides/coverslips to a coverslip staining jar
containing (7.4% formaldehyde in PBSo, made up with 1 M K-phosphate and 2M
Sorbitol)

Incubate for 4–5 minutes and then transfer back into PBSO + inhibitors.

Step out of sorbitol by washing with 100 mM K-phosphate pH 7.4 with gradually
decreasing sorbitol (1 M, 0.75M, 0.5M, 0.25 M, no sorbitol)

Transfer coverslips into PBS

Place slides/coverslips in a humidified chamber, cell side up. Aspirate excess liquid.

Block with Boehringer Mannheim “Blocking Reagent for Nucleic Acid
Hybridization.” (0.5% w/v final) in PBS with 0.1% Tween-20 (PBST) (Pierce)

Stain with MAb414 (diluted 1:100) or other antibody in PBST (the amount of liquid
will depend on the size of your well: 20–100 pul). Pipet the antibody solution into
the well and incubate at least 1 hour in a humid chamber.

Wash coverslips with 3 changes of PBST

POSTFIX
Incubate coverslips in 7.4% formaldehyde in PBS for 1 hour at room temperature.
Wash 2x in PBS.

Transfer coverslips to 2xSSCT.

Carry out hybridization. Use Protocol III.B, for whole-mount specimens on slides.

Following hybridization, stain slides with 2° antibodies; I use a 1:200 dilution of
DTAF (fluorescein) conjugated Goat anti-Mouse IgG
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Chapter 2: Gene Expression and Nuclear Architecture

This chapter has been submitted to Cell under the title “Perturbation of nuclear

architecture by long-distance chromosome interactions” and was still undergoing review

as of 27 March 1996. The authors are: Abby F. Dernburg, Karl W. Broman, Jennifer C.

Fung, Wallace F. Marshall, Jennifer Philips, David A. Agard, and John W. Sedat. Karl

Broman is a graduate student in statistics at the University of California, Berkeley, whom

I approached for assistance with the statistical analysis used in this work. Jennifer Philips

rotated in the lab under my supervision and helped to establish some of the tools used in

this study. The other authors are members of our laboratory. Jennifer Fung and Wallace

Marshall each assisted by measuring the pairing of the bw gene and its position in

embryonic nuclei, respectively.

This work describes a change in nuclear architecture caused by insertion of

heterochromatin into an eye-color gene, brown. As described below, this change in

chromosome organization is mediated by specific pairing interactions between different

blocks of heterochromatin. My role in the work was to identify the problem as
interesting and potentially approachable using methods I had developed. To do so
required the development of new probes, which I pursued with help from Jennifer Philips.

I carried out all of the experiments described here, and I wrote the manuscript.
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Summary

Position-Effect Variegation (PEV) describes the stochastic transcriptional

silencing of a gene when moved to a position adjacent to heterochromatin. We have

tested whether variegation of the eye-color gene brown in Drosophila is influenced by its

nuclear localization. Using fluorescence in situ hybridization (FISH), we studied the

arrangement of chromosomes in interphase nuclei from embryos and larval tissues.

Chromosome organization exhibited major differences between these developmental

stages. Whereas embryonic nuclei maintain a nonrandom telophase polarity throughout

interphase, chromosomes in neuroblast and imaginal disk nuclei display a wider range of

conformations. During larval development, a heterochromatic insertion at the brown

locus becomes physically associated with a distant, centromeric region of the same

chromosome in a stochastic manner. These observations indicate that the brown gene is

silenced by specific contact with centromeric heterochromatin. Moreover, they provide

the first direct evidence for long-range chromosome interactions and their impact on

three-dimensional nuclear architecture, while providing a cohesive explanation for the

phenomenon of PEV.

Introduction

Models for the regulation of genetic activity by the global arrangement of

chromosomes in interphase nuclei have proliferated in recent literature (cf. Manuelidis,

1990; Cremer et al., 1993; Palladino and Gasser, 1994). Testing such models has proved

challenging because of the difficulty of observing decondensed chromosomes during the

crucial stage at which transcription occurs. However, the development of chromosome in

situ hybridization methods, particularly fluorescence in situ hybridization (FISH), has

made it possible to localize particular portions of the genome within intact nuclei even

during interphase. Here we have combined FISH with three-dimensional microscopy and

statistical analysis to test a structural model for position-effect variegation in Drosophila.

94



Position-effect variegation (reviewed in Spofford, 1976; Weiler and Wakimoto,

1995) is an epigenetic phenomenon associated with heterochromatic regions of the

genome. When a gene is moved to a position near a block of centromeric

heterochromatin by chromosome rearrangement, its transcription will often be affected in

a curious manner: the gene is expressed in some cells but silent in others, resulting in a

mosaic pattern that can be readily detected if the gene affects, for example, tissue

pigmentation. The prevailing model for this phenomenon invokes a “spreading”

mechanism, in which the condensed, transcriptionally silent state of heterochromatin

extends along the length of the chromosome into neighboring genes. The extent of this

spreading is proposed to vary on a cell-by-cell basis, accounting for the variegated

phenotype.

However, there are particular examples of position-effect variegation that do not

appear to mesh with this general model. The most deviant example is probably the

dominant position-effect variegation induced by certain alleles of the brown gene. The

bwp (brownpominant) allele is a null mutation caused by an insertion of a large block of

heterochromatin into the coding sequence of the gene (Slatis, 1955), which lies near the

end of the right arm of chromosome 2 (Figure 1). It has the unique property that it can

cause variegated inactivation of a normal copy of the gene present on a homologous

chromosome. The genetic dominance is dependent on physical pairing between the bwp

chromosome and its wild-type homolog (Dreesen et al., 1991), analogous to a number of

other known genetic phenomena (Tartof and Henikoff, 1991).

A model has been proposed by Henikoff (1994; 1996) to explain the “trans

inactivation” caused by bwp. According to this view, the insertion of heterochromatin

into one copy of bw (the bwp allele) causes it to move to a heterochromatic compartment

of the nucleus. When this mutant allele is paired with a wild-type copy of the gene, it

drags the intact gene along with it to an abnormal nuclear position. In this new

environment the transcriptional activity of the wild-type allele is repressed. The primary
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evidence leading to this model is that the strength of trans-repression by the bwp allele is

strongly influenced by its chromosomal position. Its effect can be suppressed by

chromosome rearrangements that move the region containing bw P to a position more

distant from centric heterochromatin (Talbert et al., 1994). Conversely, translocation of

bw” to a more centromere-proximal position strengthens its silencing ability (Henikoff et

al., 1995). The crux of this hypothesis is that by Pallele inactivates transcription through

physical association with centromeric heterochromatin. This is a provocative model in

that it postulates at least three ideas for which direct evidence is currently scant or

lacking: that the position of a gene within the nucleus can be influenced by neighboring

Sequences, that this change in localization can affect a homologous copy of the gene in

trans, and that the resulting mislocalization can in turn lead to altered expression.

Here we test this model for regulation of gene expression in diploid nuclei. Using

FISH, we hybridized interphase nuclei with probes to the bw locus and to specific blocks
of heterochromatin. We show that the the organization of chromosome 2 is dramatically

altered by insertion of heterochromatin at a distal position: whereas normally the bw

locus shows no tendency to associate with centromeric heterochromatin, in bwº nuclei

this distal locus frequently pairs with the centromeric region of its own chromosome.

*Moreover, as predicted by the model, in heterozygotes (bwp/+) the bwp allele pairs with
the wild-type allele and causes it to associate with centromeric heterochromatin. We

demonstrate that this phenomenon is due to specific intrachromosomal associations,
Probably based on homology, and not simply to a tendency of heterochromatin to occupy

* Particular region of the nucleus. Furthermore, this change in nuclear architecture

demonstrates a marked developmental progression: in early embryonic development,

Such associations are never detected, but in two different larval tissues, association is

Sbserved in 25% to 86% of nuclei.

We also show that this strong tendency of chromosomes to form ectopic

homologous associations is not restricted to the bwp insertion nor to the particular
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satellite sequence it contains, but instead probably reflects a general property of

heterochromatic sequences. Our results are consistent with a model in which such

interactions over large genomic distances are a consequence of chance interactions

between different chromosome regions, the likelihood of which increases with the

duration of interphase.

Results

Telophase polarity is maintained during interphase in blastoderm embryos, and is

unaffected by the bwº mutation

As described above, the dominant variegation caused by the bwº mutation results

from insertion of a block of heterochromatin into one copy of the bw gene. This insertion
is estimated to exceed 2 Mb in size, and has been shown to hybridize with chromosome

probes containing the sequence (AAGAG)n (P. Dimitri and S. Pimpinelli, personal

Communication; Figure 2.1). In Drosophila, the chromosome regions flanking the

Centromeres contain many megabases of such tandemly repeated “satellite” sequences,

which are not normally found elsewhere along the arms. This particular AAGAG

Satellite associated with the bwp insertion is one of the most abundant in the genome. It

is detectable on each of the Drosophila chromosomes, and is particularly well-represented

in the pericentric region on chromosome 2, the same chromosome that carries the bw

&ene (Lohe et al., 1993). In Figure 2.1 the genomic positions of the bw gene and the

Satellite sequences described in this study are shown.
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Figure 2.1

Genomic positions of the loci examined in this study. The top panel (A) shows a

diagram of the four Drosophila chromosomes (our experiments are restricted to female

nuclei, so the Y chromosome is not shown). The chromosome-specific loci are labeled,

and the distribution of the AAGAG satellite, which is present on all four chromosomes, is

marked by solid green boxes (adapted from Lohe et al., 1993). The colors used for each

locus are consistent throughout the subsequent figures. Panels B and C show mitotic

chromosomes from heterozygous bwp female larvae (bwp/+). In B, the bwp insertion,

which hybridizes with the AAGAG satellite probe, is detected at the bw locus one of two

copies of chromosome 2. The 4th chromosomes are the unlabeled, DAPI-bright dot

chromosomes in each image.
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We first investigated the effect of this mutation on nuclear organization in

Drosophila embryos. During the fourteen nuclear divisions preceding gastrulation, most

of the nuclei lie in a single layer near the outer membrane of the embryo, and they all

show the same polarity with respect to that surface: centromeres are found in the apical

region of the nuclei, nearest the surface, and telomeres tend to reside in the inner, or basal

portion of the nuclei (Figure 2.2 A). This polarity is evident by direct reconstruction of

nuclei stained with DAPI at prophase (Hiraoka et al., 1990), and during interphase it can

also be observed using FISH (Marshall et al., 1996). The bw gene maps to cytological

region 59E, near the end of the right arm of chromosome 2 (2R) (Lindsley and Zimm,

1992; Figure 2.1), and might thus be expected to localize to a basal nuclear position.

We examined the nuclear position of bw using a fluorescent probe to the coding

Sequence of the gene (see Experimental Procedures). In wild-type embryos, both copies

of the gene localized basally in every nucleus (Figure 2.2 B, C), consistent with the

polarity observed for many other loci (Marshall et al., 1996, J. F., A. F. D., and J. W. S.,

unpublished). The two homologous copies of the gene did not colocalize at this stage,

consistent with observations that pairing between homologous chromosomes only begins

near the end of the syncytial blastoderm stage of development (Hiraoka et al., 1993).

There was no significant difference on the vertical position of the bw loci in the

nuclei of embryos carrying either one or two copies of the bwp chromosome, compared
* wild-type (Table 2.1; Figures 2, 3). To observe the positions of the bw loci relative to
the bulk of heterochromatin we hybridized embryos with both a bw gene probe and a

Probe to the AAGAG satellite. A fluorescent signal from the satellite probe was observed
in close proximity to the position of the bw probe in bºwP but not in wild-type embryos

(Figure 22 B-E). The fluorescent signals from centromeric blocks of this satellite

*quence were restricted to the apical portion of the nucleus. That insertion of the

*Huence at a distal position (into the bw gene) causes it to localize to an atypical position
Within the
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Figure 2.2

A. Schematic cross-section through nuclei in a Drosophila blastoderm embryo.

Their telophase polarity is maintained throughout interphase, as evidenced by

observations that centromeric probes tend to localize apically (close to the embryo's

surface) and telomeric probes basally in each nucleus. B. Volume-rendered projection

and C. Wire-frame model of a nucleus from a wild-type embryo, hybridized with an 8.4-

kbprobe to the brown gene and an oligonucleotide probe to the AAGAG satellite. The

apical portion of the nucleus is towards the top of each image. The AAGAG satellite,

which is normally restricted to the centromeric heterochromatin (as shown in Figure 2.1)

localizes to several apical positions in the nucleus, while the distally located by gene is

near the opposite, basal side. Two signals are seen with the bw probe, indicating that the

homologous copies of chromosome 2 are not paired at this locus. D. and E. A nucleus
from a homozygous bwp embryo, hybridized with the same two probes. The distribution
of the AAGAG satellite is similar to that seen in wild-type embryos, except that a new

fluorescent signal is detected near each of those from the bw locus probe. Scale bars in B

and D represent 1 p.m.
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nucleus suggests that a primary determinant of the localization of the AAGAG satellite in

embryonic nuclei is its position along the length of a chromosome arm.

To see if the bw locus was associated with other heterochromatin, we determined

the nuclear position of a second satellite sequence, (AACAC)n. This satellite is restricted

to a single region in the pericentric heterochromatin on 2R (Makunin et al., 1995; Figure

2.1 B). Like the pericentric blocks of the AAGAG satellite, it localizes apically in

blastoderm nuclei and never comes into contact with the bw gene (Table 2.1, Figure 2.3).

Moreover, when the positions of other blocks of satellite sequence in embryonic nuclei

were determined, all except for a Y-chromosome repeat were shown to be restricted to

the apical portion of the nucleus (Marshall et al., 1996). Hence, in blastoderm stage

embryos, the bw gene is physically isolated from centromeric heterochromatin.

Insertion of satellite DNA into the bw gene did not affect the degree of association

between homologous chromosomes at that locus. In both wild-type and homozygous

bw” embryos, no pairing of bw loci was detected in nuclear cycle 13 but in interphase 14
the locus was between 50% and 70% paired, comparable to other loci we have examined

(J. C. F., A.F.D., W. F. M. & J. W. S., in preparation).

Although the bwp insertion did not affect pairing or vertical placement of the

locus, the insertion of a block of heterochromatin appeared to target the bw locus to the

nuclear envelope (Table 2.1, Figure 2.3). Whereas normally the gene is located at
random with respect to the envelope, in byp embryos both copies of the locus are

"Onrandomly close to the nuclear periphery when evaluated statistically, as described by

Marshallet al. (1996). This intriguing observation is discussed below.

Nuclear architecture is different in embryonic and larval tissues

Since the variegation caused by bw Paffects adult eye color, the mutation is most

likely to affect expression in the eye imaginal disks during larval or pupal development.

(Preesen et al., 1988). We therefore examined the behavior of the locus in larval eye
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Figure 2.3

Diagram of the positions of the bw locus and the AACAC satellite in nuclei from

wild-type (left) and bw■ ’ (right) embryos. Numerical values are given in Table 2.1; all

distances are measured in microns. The grey square in each nucleus represents the center

Of mass, and the position along the vertical (apical-basal) axis for each locus is measured

from this point. The AACAC satellite is constrained to lie in the apical region of

embryonic nuclei, while the bw locus is restricted to a basal location. These two loci are

thus never in contact. The horizontal axis represents the distance of each locus from the

nuclear envelope, marked with an anti-lamin antibody. In wild-type embryos, both

AACAC and bw localize at random with respect to the nuclear envelope, but in byD

embryos the heterochromatic insertion at the bw locus results in nonrandom association

of the gene with the nuclear periphery. The distance measurements plotted here are given

in Table 2.1. All measurements and analysis were performed as described by Marshallet
al. (1996).
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ºl. Positiono■ thèbygºne and AACAC■■ leleinembryomicinièphaSemute

vertical distance from center of mass (um)

AACAC

Abviv locus

2.05 +/- 0.46 (n=105) 1.40 +/- 0.35 (n=140)

–2.16 +/- 0.77 (n=77) –2.00 +/- 0.46 (n=81)

distance from nuclear envelope (um)

AACAC

Bw locus

wild-type bwp

1.15 +/- 0.46 (n=105) 0.92 +/- 0.46 (n=140)

0.67 +/- 0.67 (n=77) 0.13 +/- 0.34 (n=81)
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irnaginal disks, a tissue more likely than embryos to be expressing bw. Since the pairing

of homologous chromosomes is not completed by the end of the embryonic blastoderm

stage (Hiraoka et al., 1993), it was conceivable that aspects of nuclear architecture

affecting the expression of genes later in development might not be manifested in the

errmbryo.

In imaginal disks from female larvae carrying bwp, the chromosome arrangement

observed with different probe combinations was markedly different from that seen in

ermbryos. Heterochromatic probes were often far apart from each other, as opposed to the

clustered arrangement typical of embryonic nuclei. Furthermore, homologous bw■ ’ locus

was almost always paired, and was frequently observed in close proximity with the

AACAC satellite on 2R (Figure 2.4), whereas in embryonic nuclei the AACAC satellite

was consistently remote from the bw locus (Figure 2.3). These differences emphasize the

importance of studying nuclear architecture within a developmental context.

bw” associates with a centromeric satellite sequence in diploid Drosophila larval
tissues

Since our initial observations in eye imaginal disks revealed a complex

relationship between byp and the AACAC satellite, we analyzed their spatial relationship

in more detail. Because imaginal disk cells are very small and densely packed, we could

only characterize the distribution of fluorescent probes in a tiny fraction of nuclei in

whole-mount preparations.

Consequently, to obtain more quantifiable data, we analyzed the distribution of the two

loci in nuclei from larval brain squash preparations. We performed similar experiments

on Squash preparations of eye/antennal imaginal disks to compare chromosome

organization between these two diploid tissues (see Experimental Procedures).

We measured the distance between the bw locus and different chromosome

*Pecific satellite blocks. To correct for differences in preparation between samples, the
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Figure 2.4 Association between the bw locus
and the AACAC satellite in byD imaginal disks
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Figure 2.4

A. Projection through a 2 plm optical slice of a whole-mount eye disk from a

fernale third-instar larva. The top right panel indicates the probes employed in this

experiment and their map positions. The scale bar in A represents 5 pm. In some nuclei,

such as the one in the yellow box (enlarged in B and C, below), the bw gene can be seen

in proximity to the AACAC satellite (orange), although these loci are far apart on the

chromosome arm and are never seen in proximity in embryonic nuclei. The scale bar in

B represents 1 p.m. C is a wire-frame model of the nucleus shown as a volume-rendered

Projection in B.
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distance measurements were normalized by expressing them as a fraction of the nuclear

diameter, as described in Experimental Procedures. These distances were plotted as

histograms (Figure 2.5). A striking and consistent difference was immediately apparent

between wild-type and bwp nuclei in the distribution of distances between by and the

AACAC satellite block on 2R. This distance distribution could be accurately modeled in

wild-type nuclei by a normal distribution, truncated at 0 and 1 (Figure 2.5 A, B). This

suggests that the two loci are randomly located with respect to each other, with a slight

skew toward shorter distances observed in neuroblast nuclei. However, in by P nuclei,

there appeared to be two overlapping distributions of distances, one similar or identical to

the wild-type pattern, and a new distribution centered at a much shorter distance (Figure

2.5 C, D) The simplest interpretation of this result is that the bw gene is unusually close

to the AACAC satellite in a subset of nuclei, but in other nuclei it remains randomly

Positioned with respect to AACAC. To evaluate whether the data were consistent with

this idea, we modeled the distribution of the measured AACAC-bw distances as a mixture

Of the observed wild-type distribution and a second normal distribution. To analyze the

mixture rigorously, we used an appropriate maximum likelihood estimation method

CTitterington et al., 1985). A detailed description of the model used for this analysis is

given in Experimental Procedures.

Using this statistical approach, we found that the distance distribution between

bvvº’ and the AACAC satellite was very reasonably approximated by a mixture of two

normal distributions. Given the degree of fit between the model and the data, the fraction

of nuclei contributing to each peak within the mixture could be estimated with an

estimated standard deviation of 3%. As summarized in Table 2.2, we estimate that bºwP

is associated with the AACAC pericentromeric heterochromatin in 25% to 86% of

diploid larval nuclei, depending on both the tissue and the developmental stage.

We defined the peak of shorter distances in nuclei carrying bwp as “nuclei

*hibiting association.” Because the distances within this distribution are nonzero, it is
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Figure 2.5 Distance distributions between the bw locus
and the AACAC satellite in larval nuclei
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Figure 2.5

Histograms of the normalized distances between the bw gene and the AACAC

satellite for wild-type and bwº nuclei, from both eye/antennal imaginal disks and

neuroblasts. The curves correspond to the fitted distributions; for the wild-type nuclei,

this is a truncated normal distribution, whereas for the bwº nuclei, this is a mixture of

two truncated normal distributions, with one component constrained to be equal to the

corresponding wild-type distribution (see the Results and Experimental Procedures

Sections for details).
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A.
neuroblastnuclei

proportion
ofnucleiexhibitingassociation

bwp/bwp
m1S1m2S2

bw”/bw”byPA16°C2ndinstarprepupaeestimate0.410.200.140.070.570.540.610.860.69

(estimatedS.D.)(0.01)(0.01)(0.01)(0.01)(0.03)

(0.03)(0.03)(0.03)(0.03)

B.
eye/antennalimaginaldisks

-

proportion
ofnucleiexhibitingassociation

m1S1m2S2
bwp/bwpestimate0.480.190.190.080.25(estimatedS.D.)(0.01)(0.01)(0.01)(0.01)(0.03)

In=Inean
S=standarddeviation

a
valueisgivenforthemeanands.d.ofeachofthe2
components
ofthe
distribution

(EstimatedS.D.)referstothestandarddeviation
ofeachestimatedvalue.
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very improbable that the bwp insertion is associating directly with the AACAC satellite.

Instead, it is likely to contact a nearby region in the centric heterochromatin. The

variation in distance from by to AACAC within this distribution could reflect association

of bwp with a number of different sites at varying distances from the AACAC block, or
association with one site whose distance from AACAC varies due to fluctuations in

chromosome conformation, or a combination of these effects.

These results suggested that the bwp insertion, which contains the AAGAG

repeat, might be associating with other blocks of this same sequence in the

heterochromatin near the block of AACAC repeats on chromosome 2 (Figure 2.1 A, B).

We attempted to test this directly by hybridizing larval nuclei with AAGAG probes, but

this was unsuccessful because the distribution of this abundant satellite was highly

dispersed in such nuclei, and the fluorescent signals corresponding to chromosome 2

heterochromatin and the bwp insertion could not be identified. However, this provides

evidence that all heterochromatin does not occupy a single small territory in interphase
nuclei.

Insertion of satellite DNA at one by locus causes both gene copies to associate with
heterochromatin

In larval nuclei, the two homologous copies of the bw locus are paired greater

than 95% of the time. This is typical of loci we have examined from other regions of the

genome. The pairing frequency is unchanged when wild-type, bywD/+, and

bw”/bwºnuclei are compared. We measured the distance of the single fluorescent signal
from the bw locus probe to the AACAC probe in both homozygous (bwD/bwD) and

heterozygous (bwD/+) neuroblast nuclei (Table 2.2). Surprisingly, the frequency of

association of paired by loci with the AACAC satellite was only slightly lower in when

only one of two copies of chromosome 2 carried the bwp insertion. Thus a single copy of

the insertion can mediate association with heterochromatin nearly as well as two copies,
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and can carry a wild-type copy with it as a consequence of pairing between homologous

chromosomes.

The data presented in Table 2.2 demonstrate that nuclear organization differs

between neuroblasts and eye disks, which is also evident from the histograms presented

in Figure 5. Eye disks show a markedly lower degree of association between bypand

AACAC; only 25% of nuclei exhibit this association, compared to nearly 60% of

neuroblast nuclei from the same stage of development. In neuroblasts, we detected a

greater degree of association in both 2nd instar and pupariated larvae than during the

climbing 3rd instar period. The differences observed between the different tissues and

varying stages within the same tissue could be due to developmentally regulated

expression of particular gene products, or to the rate at which nuclei are undergoing

mitotic division (discussed below).

bwº associates with specific centromeric heterochromatin sequences

To determine whether by Passociates with specific heterochromatic sequences or

simply has a general affinity for heterochromatin, we compared the position of the bw

gene in wild-type and bwº nuclei to chromosome-specific satellites from the two other

major chromosomes: the 359-bp satellite that localizes to a large block on the X

chromosome (Hsieh and Brutlag, 1979; Lohe et al., 1993; Figure 2.7 A). and the dodeca

satellite near the centromere of chromosome 3 (Abad et al., 1992; Carmena et al., 1993;

Figure 2.1 B). All of this analysis was carried out on neuroblasts and eye/antennal disks

from female larvae. Only the distance between by and the chromosome-2-specific

satellite showed a marked change between wild-type and bwº nuclei (Figure 2.6).

This demonstration that association of the gene with AACAC is specific deviates

somewhat from the model being tested, which proposes a general affinity of

heterochromatin for other heterochromatin. Instead, the effect of the bw■ ’ insertion is a

specific association of the bw gene with other heterochromatin on chromosome 2.

115



2.5

2.0

1.5

1.0

0.5

#06
3

0.2

0.2 1.0.0

vvild—type nuclei
1.0

# 0.8

t t T
* 0.04 -- .

T T I T

0.4 0.6 0.8 0.0 0.2 0.4 0.6 0.8 1.0
bw- dodeca distance AACAC - dodeca distance

PvP nuclei

... 10
# 0.8
t;

#06
0.2- sº - # 0.0

00 02 0.4 06 0.8 1.0 00 02 0.4 06 0.8 10

2.5

2.0

1.5

1.0

0.5

0.0

bw- dodeca distance AACAC - dodeca distance

116



Figure 2.6

Specificity of the association between the bw locus and the AACAC satellite. The

plots on the left display histograms of the normalized distances between the bw locus and

the dodeca satellite on chromosome 3 (see Figure 2.1 for the positions of these loci).

Data from wild-type and bwp third-instar neuroblasts are given. There is a subtle

difference between the two genotypes, but far less dramatic than that seen in Figure 2.5.

The scatter plots demonstrate that this is an indirect consequence of specific association

between the bw locus and heterochromatin on chromosome 2. In the two scatter plots,

each point represents a normalized by-dodeca distance plotted against the normalized

AACAC-dodeca distance for the same nucleus. Nuclei in which the bw locus is within

25% of the nuclear diameter of the AACAC satellite are indicated in blue, and those with

&reater by-AACAC separation are magenta. Among those (magenta) nuclei in which by

is not particularly close to AACAC, there is no increased tendency for it to associate with

the dodeca satellite in byp nuclei, compared to wild-type. This is also true if only those
Qblue) nuclei in which the bw locus is close to the AACAC satellite are considered.

Thus, the relationship between the bw locus and the dodeca satellite is unaffected by the
bwº mutation. The difference between the bw-dodeca distribution in the two genotypes
is attributable to the fact that in by P nuclei, there are far more nuclei in which by is close

to AACAC than in wild-type. Similar results were obtained using Q-Q plots (data not

shown).
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Moreover, our measurements show that the bw gene can simultaneously be near to

AACAC and far from heterochromatin on other chromosomes (see the scatter plots in

Figure 2.6). This further supports the conclusion that heterochromatin does not all

localize to one small region of the interphase nucleus.

Other distal heterochromatin behaves in a manner analogous to the bwp insertion

We wished to understand whether the association of distally translocated

heterochromatin with centromeric heterochromatin is unique to the bwp insertion, or

represents a more general phenomenon. To examine a different case, we studied both

embryonic and neuroblast nuclei containing an inverted X chromosome, FM7. This

chromosome is multiply rearranged with respect to a normal X chromosome, and carries a

large block of X heterochromatin at its telomere (Lindsley and Zimm, 1992)

The arrangement of the FM7 chromosome in both homo- and heterozygous

nuclei (FM7/FM7 and X/FM7) was examined by hybridization with probes to X

heterochromatin. The position of these probes on the normal X chromosome and on FM7

are shown in Figure 2.7 (A, B). Analogous to observations of the bwp chromosome, in

embryos the position of X heterochromatin was largely or solely determined by its

Placement along the length of the X chromosome (Figure 2.7). In wild-type embryos, the

P& heterochromatin is found in the apical region of each nucleus, but when FM7 was

Present in the nucleus, X heterochromatin was detected in the basal region. By

interphase of nuclear cycle 14, normal X chromosomes are frequently paired in their
heterochromatic regions, but pairing between X and FM7 was never observed (Figure 2.7
G, H).

In imaginal disk and neuroblast nuclei, however, the large blocks of

heterochromatin on X and FM7 were frequently paired (Figure 2.7 I, J), despite the fact
that this requires the centromeric region of the X chromosome to interact with the

*lornere of FM7. We quantitated this interaction from neuroblast squashes and found
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Figure 2.7

Nuclear organization of normal and inverted X chromosomes. Panels A and B

show mitotic chromosomes from XIX and FM7/FM7 larvae to indicate the positions of

the 359-bp (green) and rDNA (magenta) probes on these chromosomes. On the normal

X chromosome, these repeat sequences both lie in the centromeric heterochromatin, but

on FM7 most of the 359-bp repeats and all the rDNA are translocated to distal positions.

C and D show the distribution of these sequences during interphase in female (X/X) wild

type embryos. C is a lateral projection through the 2 adjacent nuclei enclosed by the

small box within the field shown in D. The X heterochromatin localizes apically, as

expected from its proximal position on the chromosome. In this embryo, fixed during the

14th interphase, some of the nuclei show pairing between homologous X chromosomes,

but this pairing is not yet complete, as previously seen for the histone locus on

chromosome 2 (Hiraoka et al., 1993). In E and F, a homozygous FM7/FM7 embryo is

shown undergoing mitotic division. In these anaphase nuclei, the chromosome polarity is

seen directly by DAPI staining and emphasized by hybridization with probes to the ends

of the inverted X chromosomes. G and H show an interphase nucleus from a

heterozygous X/FM7 embryo. The nuclear localization of X heterochromatin is

determined by its position on each of the two chromosomes: the signals from the normal

X are located apically, but the distal heterochromatin on FM7 localizes to the basal

region. This physical separation prevents pairing between the two regions. However, by

the larval stage of development, extensive pairing between X and FM7 heterochromatin

can be detected in whole-mount imaginal disks (I) and is easily quantitated by

examination of squash preparations (J).

Scale bars in C, E, F, and G represent 1 pum; in D and I they represent 5 p.m.
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chromosome in 75% of nuclei from larvae raised at room temperature (20-22°C; n=444

nuclei from 3 animals). This value dropped to 42% if the larvae were raised at 16°C

(n=439 nuclei from 5 animals). This contrasts with the association of bwp with centric

heterochromatin, the frequency of which shows no statistically significant difference over

this range of temperatures (Table 2.2).

Discussion

The results presented here demonstrate that physical associations between distant

chromosomal regions can occur with high frequency in diploid Drosophila nuclei. These

interactions are dramatically influenced by the developmental stage of the particular

tissue and in some cases by temperature, and can result in perturbations of nuclear

architecture that correlate with variegated gene expression. These results are consistent

with the extensive homologous pairing observed between Drosophila polytene

chromosomes, even in the presence of massive chromosome rearrangements. Here we

have finally extended this phenomenon to include diploid cells that, unlike polytene

tissues, have not exited the mitotic cell cycle (Smith and Orr-Weaver, 1991). Moreover,

our findings demonstrate a powerful impact of sequences other than centromeres and

telomeres on the architecture of the interphase nucleus.

We have shown that the insertion of heterochromatin at the bw locus causes the

gene to associate with centromeric heterochromatin during postembryonic development.

We propose that this association is based on homology. The heterochromatic insertion in

bwp contains over 1 Mb of the AAGAG satellite (A.F.D. and J.W.S., unpublished data).

This same simple repeated sequence also comprises over five Mb of the heterochromatin

flanking the chromosome 2 centromere (Lohe et al., 1993). If either this sequence or

proteins that bind to it can self-associate, this could result in the observed association

between byD and the centromeric heterochromatin of chromosome 2.

:

■
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We also report that the bwp insertion targets the bw locus to the nuclear

periphery. However, genetic results have demonstrated that the silencing effect of bwp is

influenced by its distance from centromeric heterochromatin (Talbert et al., 1994;

Henikoff et al., 1995). Since nuclear envelope association of bw■ ’ occurs in embryos,

even when the insertion is physically isolated from centric heterochromatin, this strongly

suggests that it is incidental to the mechanism of silencing and that it is physical

interaction between byp and centric heterochromatin that mediates transcriptional

repression.

Intrachromosomal contacts are involved in biological phenomena in many

organisms

The bwp insertion affects the position of the bw gene specifically in relation to the

pericentric AACAC satellite on chromosome 2, but not to satellite DNA in general. We

infer that the bw■ ? insertion interacts intrachromosomally with the centromeric

heterochromatin of chromosome 2. Both molecular and cytological evidence suggests

that the intrachromosomal association between byp and centromeric heterochromatin

results from the normal arrangement of chromosomes in the interphase nucleus.

Cytological examination has shown that individual chromosomes within

interphase nuclei tend to occupy exclusive territories, rather than intermingling

extensively (cf. Cremer et al., 1982; Lichter et al., 1988; Cremer et al., 1993; Haaf and

Ward, 1995). Direct evidence that chromosomes are restricted to subdomains in

interphase Drosophila nuclei comes from at least 3 sources. Firstly, examination of the

arrangement of polytene chromosomes, which represent a special type of interphase, has

revealed that individual chromosome arms never intertwine (Mathog et al., 1984;

Hochstrasser et al., 1986). Secondly, prematurely condensed interphase chromosomes in

Drosophila embryos deprived of oxygen remain well separated from one another (Foe

and Alberts, 1985). Thirdly, we have used probes to paint whole chromosomes in
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interphase nuclei from embryos and neuroblasts. In these preparations individual

chromosomes occupy distinct domains (A.F.D. and J.W.S., unpublished), as seen in

mammalian cells.

The proximity of particular loci during interphase has also been inferred from

frequencies of somatic cell recombination or transposition. Exchange of DNA between

two chromosomal positions implies that they are physically close together at the time this

event occurs. In plants (Van Schaik and Brink, 1959), mammals (Hellgren, 1992;

Godwin et al., 1994) and fungi (see below), ectopic recombination has a tendency to

occur intrachromosomally, and most often between sites that are close together on the

same chromosome. In Drosophila embryos, strong preferences for intrachromosomal

recombination have been demonstrated by irradiating embryos (Hilliker 1985), and by

excising transposable elements later in development (Blackman et al., 1987)(Blackman et

al., 1987; Engels et al., 1994).

Studies on the mechanism of mating-type switching in the budding yeast S.

cerevisiae demonstrate the same preference for intrachromosomal exchange. The mating

type (a or o) of a yeast cell is determined by information encoded at the MAT locus on

chromosome III. A cell can switch its mating type by activating the HO site-specific

endonuclease, which makes a double-strand break at this locus, leading to transposition

of a mating type allele from one of two silent donor loci located near each end of

chromosome III at a distance of either 80 or 200 kb (Riles et al., 1993). If either the

donor locus or the MAT locus is moved to a different chromosome, mating-type

switching still occurs by the same mechanism, but the efficiency of repair following HO

induced cleavage drops dramatically (Rine and Herskowitz, 1980; Haber et al., 1981;

Weiler and Broach, 1992). Furthermore, Lichten and Haber (1989) have shown that other

mitotic intrachromosomal recombination events between homologous sites up to a

distance of 70 kb are preferred over interchromosomal recombination between

homologous chromosomes.
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The persistence of long-distance associations

While studies of mitotic recombination have correctly predicted the occurrence of

physical interactions between distant chromosome regions, one issue that this

experimental approach cannot address is the stability of such associations. We detected

interaction between bywp and centromeric heterochromatin in up to 86% of neuroblast

nuclei examined. Since our measurements come from single time points within

asynchronous populations of nuclei, this implies that these associations are sustained for a

large portion of interphase. If such interactions were only fleeting, we might not have

detected them at all using this cytological approach.

The role of heterochromatin in long-distance chromosome associations

Data from studies of mitotic recombination and other genetic phenomena

demonstrate that regions outside the heterochromatin can physically associate in somatic

cells. However, a variety of observations suggest that heterochromatin participates in

such interactions with particularly high affinity. For example, ectopic fibers observed in

Drosophila polytene nuclei frequently connect regions containing intercalary

heterochromatin (Kauffman and Iddles, 1963), reflecting physical contact between such

regions (Pardue, 1986).

This tendency of heterochromatin to participate in homologous associations is

likely to be a consequence of its normal biological role in maintaining alignment between

homologous chromosomes during mitosis and meiosis. When sister chromatids begin to

separate at metaphase, persistent connections are detected cytologically between their

heterochromatic regions (Carmena et al., 1993). Moreover, both genetic and cytological

studies show that in Drosophila female meiosis, heterochromatin can maintain physical

association between nonrecombinant homologous chromosomes and enable them to

Segregate from each other (Hawley et al., 1992; Dernburg et al., submitted; Karpen et al.,
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submitted). In both of these examples, homologous heterochromatic pairing persists

under conditions where euchromatic regions are separated. The basis for this “stickiness”

of heterochromatin is still unknown, but one possibility is that the repeated nature of

heterochromatic regions may provide a large number of binding sites for specific

proteins. If such proteins can form multimeric complexes, this would provide a

mechanism for specific physical contacts between homologous regions.

Why is centromeric heterochromatin special?

In conjunction with genetic evidence, our results indicate that the bwp

heterochromatic insertion represses brown expression in heterozygotes by mediating

physical contact of the intact by copy with centromeric heterochromatin. Like other

examples of position-effect variegation, the variegation of bw caused by bw P is

apparently caused by physical contact with centromeric heterochromatin, but in this case

the association is caused by long-distance looping rather than by linear proximity along

the chromosome. Surprisingly, pairing of bwtwith bv.2 does not seem to be sufficient to

silence the wild type copy, despite the presence of over 1 Mb of centromeric satellite

sequences within the bwp insertion Genetic evidence described in the Introduction

(Dreesen et al., 1991) indicates that association of both copies with heterochromatin at

the centromere is required for silencing. This implies that there is something inherently

different between centromeric heterochromatin and heterochromatin located elsewhere on

the chromosome, even if its sequence composition is identical.

This difference is unlikely to be due to a mass effect, since genes will variegate if

located near heterochromatin on a minichromosome that in its entirety is smaller than the

bwp insertion (Karpen and Spradling, 1990). The data presented here also suggest that

the difference cannot be due to localization of centromeric heterochromatin to a particular

region of the nucleus, since we have shown that the centromeric regions of different

chromosomes are widely dispersed in interphase cells from imaginal disks and
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neuroblasts. Nor is it likely that the determining factor is nuclear envelope association,

since we have observed association of the bwp insertion with the nuclear envelope in

embryos, where it is clearly isolated from centric heterochromatin.

We are left with the possibility that the transcriptional effects of centric

heterochromatin are due to physical linkage with the centromere itself. Since the

centromere possesses a unique ability to form a kinetochore, it follows that there are

cellular proteins that recognize the centromere and nowhere else on the chromosome.

Perhaps there are consequences of proximity to the centromere that are only manifested

through a “spreading” effect along the chromosome.

A model for intrachromosomal interaction based on random-walk polymer behavior

We have observed major differences in nuclear organization, comparing

embryonic nuclei to those from larval stages. To some extent, these changes may be

mediated by developmentally-regulated patterns of gene expression. However, they may

also reflect the effects of basic thermodynamic principles that operate on all long

polymers (Figure 2.8).

Evidence from FISH analysis of interphase nuclei suggests that on a megabase

scale, the organization of entire chromosomes is accurately approximated by

mathematical models of random-walk polymers (Sachs et al., 1995; Yokota et al., 1995).

Such long-chain polymers are entropically driven towards compact conformations

(Freifelder, 1976; Bustamante et al., 1994), unlike the extended and highly nonrandom

“Rabl” conformation we have characterized in embryonic nuclei from Drosophila (after

Carl Rabl, who first described such chromosome polarity in amphibian nuclei in 1885).

We propose that the extended conformation observed in blastoderm embryos simply

reflects the fact that the chromosomes are frequently subjected to hydrodynamic forces as

they undergo mitotic division every 10–20 minutes (Foe and Alberts, 1983)(Foe and

Alberts, 1983; Figure 2.7 B).
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Figure 2.8

A polymer diffusion model for interphase chromosome organization. Panel A

(adapted from Freifelder, 1976) shows the behavior of an elastic polymer in solution.

Entropy drives a long polymer into a compact conformation in the absence of externally

applied force. If the polymer is subjected to shear or hydrodynamic force, it will become

extended. Once the force is removed, the polymer chain will again attain a more

favorable compact conformation. B. The behavior of interphase chromosomes may

reflect these simple principles. In Drosophila embryos, mitotic division is extremely

frequent, and during the short intervening interphases, chromosomes have little time to

relax from the “Rabl” conformation induced by their anaphase movement. Thus

centromeric blocks of the AAGAG satellite (green) never come into contact with distal

genes such as bw (magenta). However, in later stages of development when interphase is

much longer, homologous chromosomes pair along their entire lengths. In such nuclei,

we have detected physical association between centromeric heterochromatin and the bw

gene located distally on the same chromosome, in violation of the polarized arrangement

seen in embryos. Intrachromosomal contacts are favored because individual

chromosomes tend to occupy distinct domains within the nucleus.
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By the second and third instar larval stages, interphase in imaginal tissues has

been estimated to span several hours (Graves and Schubiger, 1982). At these stages,

there is a high frequency of interaction between regions far apart on chromosome 2

(Figure 2.7 C). We propose that random-walk diffusion of the chromosome occasionally

brings by Pinto proximity with homologous centromeric heterochromatin, and this

results in stable bonds that holds these regions apposed until the next mitosis. This model

is consistent with genetic data showing the dependence of transcriptional silencing by

bwp on its distance from centromeric heterochromatin (Talbert et al., 1994; Henikoff et

al., 1995), since for a flexible polymer the frequency at which two points will come into

contact is inversely proportional to the distance between them along the polymer chain.

(More precisely, for a random-walk polymer this frequency is inversely proportional to

N”, where N is the number of theoretical links separating two points in the chain; Doi

and Edwards, 1986).

From existing data, we cannot rule out the possibility that contact between by P

and centric heterochromatin results from an active process that brings homologous

regions together from a great distance. However, the passive diffusion model can also

help to explain why the trans-inactivation of bw expression by bw P is so strong.

Heterozygous bwp/+ flies produce only 2% of wild-type pteridine pigment levels

(Henikoff et al., 1995). Based on this model, we would expect to see an increase in long

distance associations during stages of development when mitotic division is less frequent,

since under those conditions interphase chromosomes will have even longer to diffuse

within the nucleus. By the late pupal period, when by is likely to be expressed in eye

disks, they have completed their proliferation (reviewed by Wolff and Ready, 1993). and

the frequency of association of bºwP with centromeric heterochromatin would thus be

expected to be even greater than that observed in larval nuclei.
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Experimental Procedures

Fly stocks

All wild-type flies were from an Oregon-R stock maintained at UCSF.

Homozygous bwp flies were provided by Steve Henikoff; heterozygotes were obtained

by mating bw P/bwp males to Oregon-R virgins. A stock homozygous for the FM7a

chromosome (Merriam, 1968; Lindsley and Zimm, 1992) was provided by R. Scott

Hawley, and heterozygotes were obtained from crosses between FM7/Y males and

Oregon-R virgins. Unless otherwise specified, flies were raised at room temperature in

bottles containing a high yeast-glucose medium.

Probes for in situ hybridization

The probes described in this study were directed to both tandemly repeated and

single-copy genomic regions. Two different probes to the bw locus were used. A

plasmid containing a 8.4-kb insert from the bw coding region was a gift of Steve

Henikoff, and this was used to mark the bw locus in embryonic nuclei. A bacteriophage

P1 clone from the same region (DS03480) was kindly provided by the Berkeley

Drosophila Genome Project through the laboratory of Gerry Rubin (UCB), and its origin

from a single genomic site at cytological position 59E1-2 was confirmed by hybridization

to polytene chromosome preparations. This was used to mark the bw locus in squash

preparations, since it was easier to detect than the plasmid probe (above).

The 359-bp repeat was synthesized by PCR using genomic DNA as a template

and primers designed from the published sequence (Hsieh and Brutlag, 1979). The

AACAC, AAGAG, and dodeca satellite probes were all made from synthetic single

stranded oligonucleotides. The rDNA probe was comprised of two plasmids with inserts

spanning the 18S, 28S, and ITS regions (McKee and Karpen, 1990). Preparation and

labeling of these probes was carried out as described by Dernburg et al. (submitted).

**.
******

■
a * ****"******

gº tº * * : * * is a sº
** * *

'* *s -
■ º ºn **Yºº--*''' ºssiles

ºn, C.
-i is º ...]
--- ** sins,

-º--ºl

*** ****
- as i

...," l
tº a

gºt ****-->)
**-*...,-º-, }

º i
/

131 º



When single-copy probes were used, they were directly fluorescently labeled with

FluoroRed (Amersham) since this provided the best detection as determined by the

signal/noise ratio; other probes were labeled with digoxigenin or biotin and these haptens

were detected with fluorescent antibodies or avidin, respectively, as described below.

In situ hybridization

Eye/antennal disk and larval brain spreads were carried out by dissecting the

appropriate tissue in Robb's saline (Ashburner, 1989a), incubating for 10' in 0.7% Na

citrate, and then squashing in 45% acetic acid under a siliconized coverslip.

Hybridization was carried out as described by Dernburg et al. (submitted).

Embryos were prepared and hybridized using the procedure described by

(Dernburg et al., 1996). Following hybridization, they were stained with a monoclonal

anti-lamin antibody (Fuchs et al., 1983) to mark the nuclear envelope essentially as

described in (Paddy et al., 1990).

Whole-mount eye imaginal disks were dissected in Buffer-A containing 0.1%

Triton X-100 (Pierce) and 0.1% deoxycholate (Calbiochem). They were transferred to a

clean microscope slide and fixed by addition of 3.7% formaldehyde (freshly prepared

from paraformaldehyde) in Buffer-A with the same detergents. The tissue was overlaid

with a siliconized coverslip (Pierce Surfasil); excess fixative was removed by wicking

with a piece of Whatman #3 filter paper. After 4 minutes of fixation, the slide was frozen

by immersion in liquid nitrogen, the coverslip was removed quickly with a razor blade,

and the sample was immediately transferred to 100% EtOH at -20°C. Samples were

allowed to warm to room temperature in the EtOH and rehydrated in one step by

transferring to 2xSSCT (0.3 M NaCl, 0.03 MNaCitrate, 0.1% Tween-20 (Pierce Surfact

Amps). They were exchanged into 2xSSCT containing 50% formamide (Fluka) and

incubated at 37°C in this solution for at least 30 minutes. Slides were removed from this

bath, excess liquid was aspirated, and the probes in 2xSSCT, 50% formamide, 10%
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Dextran Sulfate (Pharmacia) were pipetted onto a coverslip. The coverslip was laid over

the tissue and sealed to the slide with rubber cement. Samples were denatured by placing

the slides on a heatblock at 95°C for 3 minutes (heat transfer experiments with mock

samples showed they reach a temperature of approximately 91°C under these conditions);

the slides were then transferred to a humid chamber prewarmed to 37°C and allowed to

anneal overnight.

Following hybridization, samples were washed in 3 changes of 2xSSCT, 50%

formamide at 37°C, then exchanged into 2xSSCT without formamide at room

temperature. They were blocked by addition of 0.5% BSA (Fraction V, Boehringer

Mannheim). Anti-lamin antibody (above) was then added to the samples. Following

incubation with antibody for 2 hours at room temperature, the slides were washed 3 times

in 2xSSCT and stained with Cy5-conjugated goat anti-mouse antibody (Jackson) as well

as appropriate combinations of 2" detection reagents to visualize the hybridization signals

(fluorescent anti-digoxigenin F(ab) fragments (Boehringer Mannheim) and/or fluorescent

Ultra-Avidin (Leinco)). Samples were again washed 3 times in 2xSSCT, stained with 0.5

pig■ ml DAPI, washed, and mounted for microscopy in Vectashield mounting medium

(Vector).

Microscopy and image analysis

All images were recorded with a scientific-grade cooled CCD camera

(Photometrics, Tucson AZ), using a wide-field fluorescence microscope system described

in detail elsewhere (Hiraoka et al., 1990). For three-dimensional specimens, including

embryos and whole-mount imaginal disks, data was collected by moving the sample

through the focal plane of the lens at precise 0.25-pum increments. At each focal plane,

images were recorded separately for each wavelength. Data stacks were then

deconvolved with an experimentally-determined point-spread function (PSF) using a

constrained iterative method (Agard et al., 1989). Squash preparations, including
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imaginal disks and neuroblasts, were recorded as separate images for each wavelength at

a single focal plane and then deconvolved with a 2-dimensional PSF.

Quantitative analysis of the data was carried out using functions provided within

the IVE software platform (Chen et al., 1996). Distance measurements from squash

preparations were determined by marking each hybridization signal in a given nucleus

using a mouse, using a local maximum-intensity search to attain accuracy and to avoid

biasing the results. When more than one signal was observed for a particular probe, the

brightest spot was selected. Pairwise distances were recorded automatically. The

circumference of each nucleus was traced from the DAPI fluorescence image, using a

operator-assisted semi-automated approach that defines edges based on change in

intensity. The area enclosed by the resulting polygon was automatically recorded and

from these values a diameter was calculated as (2 x sqrt{area/T)). Nuclei that overlapped

or that deviated markedly from a circular shape were excluded from the analysis. To

compensate for differences in nuclear size, which were presumed to result at least partly

from differences between individual preparations, the measurements were normalized by

dividing each distance value by the corresponding nuclear diameter. Typically 80-180

nuclei were recorded from a given field; at least 4 fields from separate specimens were

analyzed for each sample.

Histogram and scatter plots were generated using S-PLUS statistics software

(MathSoft Inc., Seattle WA). Maximum likelihood estimations to characterize the

distance distributions were also performed using S-PLUS.

The representations of 3-dimensional nuclei presented here are of two types:

projections through stacks of intensity data, generated by either a maximum-intensity

algorithm or by volume rendering (Dreibin et al., 1986), and wire frame/solid models

constructed from the original data using the 3-D modeling function provided within the

IVE software platform. All were pseudocolored to allow overlay of images recorded at

different wavelengths.
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Statistical model for the analysis of mixture distributions

Frequencies of nuclei exhibiting association were estimated as follows. We assume that
in nuclei in which the bw locus does not associate with the AACAC satellite, the normalized
bw-AACAC distances follow a normal distribution with parameters pil and 01, truncated at
0 and 1, so that the density is

■ w(x)= e(? +)/■ ( +) at
where 5 is the density for a standard normal distribution. In nuclei in which the bw locus
does associate with the AACAC satellite, the bw-AACAC distances are assumed to follow
the same type distribution; but with different parameters, pl2 and oz, so that the density is

fº = *(**)/■ (H+) at
Let c1, ..., rn denote the normalized bw-AACAC distances for the wild-type cells, and let

y1,..., yin denote the bw-AACAC distances for the bw D cells. We assume that the ci and y;
are independent. Moreover, the ci are assumed to follow the distribution fºw, whereas the
y; are considered to follow a mixture of fºw and f4, so that their density is

pf A(r) + (1 − p) fw (r).

The mixing proportion, p, represents the frequency of by D nuclei exhibiting association.
We estimate the five parameters, p. 1, oi, p.2, a 2 and p, by maximum likelihood. Namely,

we form the log likelihood

l(/11, oi, 12, q2, p) F
X. log fºw (zi) + 5. log■ p.f4(yi) + (1

-

p) fw (yi)]

and choose as estimates the values which maximize this function. (To avoid singularities
in the likelihood, it is necessary to impose a lower bound on a 2.) Standard deviations for
our estimates were estimated using the bootstrap (Efron and Tibshirai, 1993). Calculations
were performed using S-PLUS.
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Chapter 3. Cytological investigation of achiasmate segregation in

Drosophila females

This chapter has been submitted to Cell under the title “Direct evidence of a role

for heterochromatin in meiotic chromosome segregation.” As of 27 March 1996, it was

still under review. The authors are: Abby F. Dernburg, John W. Sedat, and R. Scott

Hawley.

This work describes my application of FISH techniques to investigate a long

standing and controversial question about chromosome segregation in Drosophila. It was

observed many years ago (Sturtevant and Beadle, 1936) that homologous chromosomes

do not always undergo exchange during meiosis in Drosophila females. Nevertheless,

they regularly segregate from each other, unlike in many organisms in which a failure to

undergo exchange causes chromosomes to segregate at random. The mechanism for such

“achiasmate” segregation had remained elusive due to its inaccessibility to conventional

cytological methods. Here I have demonstrated that heterochromatic associations

between homologous chromosomes are maintained throughout meiotic prophase, and

probably help to ensure the segregation of nonexchange homologs. In addition, I show

that specific interactions between nonhomologous chromosomes do not occur during

meiosis, leading to the conclusion that chromosomes can segregate from each other

regularly without the benefit of prior physical contact.

This work began when I sought out a collaboration with Scott Hawley at U.C.

Davis. I had heard him speak at a local conference about his genetic work on meiosis in

Drosophila. Eventually I realized that the cytological methods I was developing might

provide a very useful, complementary approach to study such questions. He agreed. I

developed new probes to enable the detection of each of the 4 chromosome pairs in the
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oocyte nucleus. With guidance from Dr. Hawley, I carried out all of the experiments

described in this chapter, and wrote the manuscript, to which he also contributed ideas

and editorial advice.
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Summary

We have investigated the mechanism that enables achiasmate chromosomes to

segregate from each other at meiosis I in Drosophila melanogaster oocytes. Using novel

cytological methods, we asked whether nonexchange chromosomes are paired prior to

disjunction. Our results show that the heterochromatin of homologous chromosomes

remains associated throughout prophase until metaphase I regardless of whether or not

they undergo exchange, suggesting that homologous recognition can lead to segregation

even in the absence of chiasmata. However, nonhomologous centromeres do not

specifically pair prior to disjunction. Furthermore, euchromatic synapsis is not

maintained throughout prophase. These observations provide a physical demonstration

that homologous and heterologous achiasmate segregations occur by different

mechanisms, and establish a role for heterochromatin in maintaining the alignment of

chromosomes during meiosis.

Introduction

In any cell division it is essential that the genetic information encoded on the

chromosomes be partitioned accurately between the daughter cells. To accomplish this,

chromosomes attach to a bipolar spindle of microtubules; one set of chromosomes is then

drawn to each pole during anaphase. Most cell divisions involve the separation of newly

replicated chromosomes from one another. Each pair of sisters is held together, probably

as a consequence of semi-conservative DNA synthesis. Their physical association

appears to be sufficient to ensure that sister chromatids attach their kinetochores to

opposite spindle poles and consequently segregate from one another. However, in the

first meiotic division (meiosis I), sister chromatids remain associated with each other and

it is pairs of homologous chromosomes that must separate. Most often, they accomplish

this feat by first pairing and crossing over, which results in chiasmata that physically link

homologs together and ensure their segregation. In a number of meiotic systems,
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however, proper homologous segregation can occur even in the absence of crossing over

(for a recent review see Wolf, 1994). To elucidate how faithful segregation can occur

without chiasmata, we have investigated the physical basis for such achiasmate

segregation in Drosophila females.

The frequency of meiotic exchange in Drosophila females is low enough that the

average number of crossovers per chromosome arm is just slightly more than 1

(Weinstein, 1936). The X chromosomes fail to cross over in 5-10% of oocytes, yet their

rate of nondisjunction is less than 0.1%, or more than an order of magnitude lower than

would be expected if achiasmate X chromosomes disjoined at random (Sturtevant and

Beadle, 1936; Weinstein, 1936). Moreover, the tiny 4th chromosomes never undergo

exchange; nevertheless, their segregation is also highly efficient, occurring normally in

>99.9% of meioses (Carpenter, 1973). In cases where there are only two chromosomes

that do not undergo exchange, they will regularly segregate to opposite poles, even

without any apparent homology. In all of these examples, partner chromosomes cannot

rely on chiasmata to coorient their centromeres prior to segregation. This type of

disjunction in the absence of exchange has been attributed to the so-called “distributive”

system (Grell, 1976).

Recently, Hawley et al.(1992) demonstrated genetically that there is not just one,

but rather two distinct systems that enable nonexchange chromosomes to segregate. One

of these ensures the segregation of homologous achiasmate chromosomes and relies on

heterochromatic homology, while the other allows the segregation of nonhomologous

achiasmate chromosomes and acts independently of such homology. Although we know

of genes required specifically to ensure disjunction of homologous achiasmate

chromosomes (Hawley et al., 1992), and others required for all achiasmate chromosome

segregation (Carpenter, 1973), the physical basis for the two systems remains elusive. In

large part, this is because direct observation of the events of meiosis in Drosophila

females has been recalcitrant to conventional cytological approaches. While the
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arrangement of chromosomes in wild-type oocytes during pachytene has been carefully

documented by Carpenter (1975; 1979a; 1979b; 1981) the events of the latter half of

meiotic prophase are still poorly understood. During this crucial period, the

chromosomes are tightly condensed in a compact arrangement called the karyosome

(King, 1970) and cannot be distinguished from each other at the level of the light

microscope.

To circumvent this difficulty, we employed fluorescence in situ hybridization

(FISH) to mark specific chromosome regions and to investigate the interactions between

different chromosome pairs. By performing hybridization to well-preserved, intact egg

chambers, we avoided the complications in interpretation that might arise as a

consequence of perturbing the meiotic nuclei. Because the morphological development

of Drosophila egg chambers is well-characterized and correlated with the process of

meiosis (King, 1970; Carpenter, 1979b) we were able to examine chromosome

organization as a function of progression through the latter part of meiotic prophase.

Using this technique, we have addressed several long-standing questions about the

organization of chromosomes during meiosis in Drosophila. The central question we

asked is whether physical association between achiasmate chromosomes occurs at any

time prior to segregation at anaphase I. This has been vigorously debated, and competing

models have proposed that such pairing might occur either early in prophase, at or before

pachytene (Novitski, 1964), or alternatively, toward the end of prophase (Grell, 1962a;

1962b). In order to address this question, and to test these models directly, we looked

for physical associations between both homologous and nonhomologous achiasmate

chromosomes.

We examined oocytes containing two compound chromosomes that segregate

with very high efficiency at meiosis I, without undergoing exchange and without apparent

homology. Our results clearly demonstrate that the centromeric regions of such

nonhomologous chromosomes do not associate prior to disjunction. In doing so they
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invalidate models, such as those noted above, that invoke such pairings. An alternative

model, which explains the faithful segregation of such pairs of nonhomologous

chromosomes in the absence of pairing, is considered in the Discussion.

We also examined the role of chromosome pairing in two cases of homologous

achiasmate segregation: that of normal 4th chromosomes and also the disjunction of a

normal X chromosome and a multiply inverted balancer chromosome. In both of these

examples, we see physical association in the heterochromatic regions of these partners

that is evident from the earliest stage at which we can identify the oocyte nucleus. We

determined that this pairing is not simply a consequence of nonspecific aggregation of

heterochromatin, and furthermore does not require the wild-type functions of the nod,

Axs or ald gene products. Homologous heterochromatic pairing persists until the very

end of prophase, at which point the heterochromatic associations release and partner

chromosomes align on the metaphase plate oriented toward opposite poles. These results

suggest that heterochromatic pairing, even in the absence of chiasmata, can help to orient

homologous chromosomes to opposite poles of the meiotic spindle.

While in general heterologous pairing does not appear to occur in the oocyte, we

did observe frequent and persistent associations between the pericentric heterochromatin

of the X and 4th chromosomes. We discuss these results in relation to some of the more

perplexing genetic observations related to achiasmate segregation.
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Results

Simultaneous labeling of different chromosomes within intact egg chambers

To examine interactions between and among the four pairs of chromosomes in the

oocyte, we required chromosome-specific probes. Hawley et al. (1992) showed that that

within the homologous achiasmate segregation system, partners are chosen based on

homology in their heterochromatic regions, and that euchromatic homology makes no

contribution to partner choice. We therefore particularly wished to examine pairing

between heterochromatic regions on different chromosomes.

Our probes are made from synthetic oligonucleotides, PCR products, or plasmids

containing cloned sequences, as described in Experimental Procedures. We chose

satellite sequences that are restricted to one or two chromosomes (Wu et al., 1988; Abad

et al., 1992; Lohe et al., 1993; Makunin et al., 1995) and confirmed their specificity by

hybridization to spread preparations of mitotic chromosomes. Using combinations of

different labels, we were able to hybridize and detect up to three different probes plus the

DNA-specific dye DAPI in the same specimen.

Figure 3.1A shows the Drosophila female karyotype marked with the positions of

the probes employed in this study. Panel B shows a mitotic chromosome preparation

hybridized with three of the probes we used for analysis of homologous chromosome

segregation.

Analysis of nonhomologous chromosome disjunction

Homology between two achiasmate chromosomes is not required for faithful

segregation in Drosophila. In cases where only two nonexchange chromosomes are

present (in addition to the normally achiasmate 4th chromosomes), they do not segregate

at random but instead regularly disjoin from each other (Hawley et al., 1993). We wished
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Figure 3.1

Genomic Sequences used as probes for chromosome organization in oocytes. The

four chromosomes of the female Drosophila karyotype are diagrammed with the positions

of the probes used in this investigation, and (where available) the approximate amount of

each satellite within the block. Heterochromatin is shaded black, and euchromatin grey.

Mapping data for the dodeca satellite is from Carmena et al. (1993), Rsp was mapped

genetically by Brittnacher and Ganetzky (1989) and cytologically by Pimpinelli and

Dimitri (1989), the histone locus by Pardue et al. (1977), and the remaining positional

and quantitative data are from Lohe et al. (1993).

Figure 3.2

A mitotic chromosome preparation from a female larva heterozygous for a normal

X chromosome and the FM7 balancer, hybridized with three probes: the 359-bp repeat

(also called the 1.688 8/cm3 satellite) shown in green, is specific to the X chromosome,

and is largely inverted to a distal position on FM7. The rDNA repeats (magenta) also

serve as a specific X-chromosome marker in females. The AATAT satellite (also known

as the 1.672 g/cm3 satellite) is abundant on the 4th chromosome and although it is also

present on both the X and on chromosome 3 as seen in this example, by far the largest and

brightest signals in intact nuclei correspond to the 4th chromosomes. Note the proximity

of the 4th chromosomes to the X centromeres, an association we have also detected in

intact interphase and meiotic nuclei.
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to determine whether nonhomologous disjunction of this type involves physical

alignment of the chromosomes during meiotic prophase.

To follow the segregation of two nonhomologous chromosomes, we used a stock

carrying both a compound X chromosome, C(1)RM (Lindsley and Zimm, 1992), and a

compound entire second chromosome, C(2)EN (Novitski, 1976; Novitski et al., 1981).

The two homologous arms of each of these chromosomes can undergo intrachromosomal

exchange, but such crossovers do not result in chiasmata that join separate centromeres.

In female meiosis, C(1)RM and C(2)EN segregate from each other with high efficiency;

progeny analysis showed that they disjoin in >99% of oocytes (L. Messina, J.J. Sekelsky,

and R.S.H., unpublished data), and their segregation can also be observed cytologically as

shown in Figure 3.2A.

As a probe for the C(1)RM, we utilized the 359-bp repeat, which is located

proximally on both arms of the compound chromosome, as diagrammed in Figure 3.2B.

For C(2)EN, we used a recently discovered satellite sequence, AACAC, which localizes

exclusively to the ha■ block of heterochromatin on 2R (Makunin et al., 1995). We

demonstrated that this satellite is also restricted to the pericentric heterochromatin of

C(2)EN by hybridization to mitotic chromosome preparations (data not shown).

Our analysis of egg chambers from C(1)RM; C(2)EN females (Figure 3.2) from

just after pachytene to metaphase I showed that the centromeric regions of these two

compound chromosomes do not associate. The two fluorescent signals were often

separated by a large fraction of the nuclear diameter, and were even found at opposite

sides of the oocyte nucleus. We saw no examples of association between these

chromosomes in over 50 oocytes, whereas centromeres from normal X and second

chromosomes are frequently in proximity (as discussed below). We particularly

scrutinized the latest stages of prophase, since it is known that chromosome

reorganization occurs at stage 10 of oogenesis (Mahowald and Tiefert, 1970), but at no

point before, during, or subsequent to this period did we detect association of the two
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Figure 3.3

Analysis of pairing between C(1)RM and C(2)EN. These chromosomes can be

seen moving toward opposite poles at metaphase I in Panel A. Each of their centromeric

regions is marked with a chromosome-specific probe, the 359-bp repeat or the AACAC

satellite. Panel B indicates the cytological position of these probes on the compound

chromosomes. Using FISH, we assessed whether centromeric regions of these achiasmate

partners pair during prophase (C-G). Panel C shows a projection through an optical slice

of an egg chamber from a C(1)RM: C(2)EN female. The oocyte is the small, diploid

nucleus within the interior of egg chamber; the larger, polyploid nuclei are those of the

nurse cells. Surrounding the tissue are follicle cells. D is an enlarged view of the oocyte

nucleus. The two probes are clearly separated, precluding the possibility of centromeric

contact between the two chromosomes. Further examples of oocytes at different stages

are shown in Panels E-G. Scale bars represent 1 pum.
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compound chromosomes. We must therefore conclude that their segregation is not

preceded by centromeric alignment.

Homologous pairing occurs between the achiasmate 4th chromosomes

Because they are obligately achiasmate, the 4th chromosomes always segregate

by the "distributive" pathway. We examined pairing between the 4th chromosomes in

wild-type females from vitellogenic stage 2 up to metaphase I, i.e., during all stages of

prophase I during which the oocyte can be recognized. As a probe, we used the repeated

sequence AATAT, as described in Figure 3.1. Our results unambiguously demonstrate

the presence of a single strong hybridization signal resulting from hybridization with this

4th chromosome probe during this latter part of prophase, indicating that the two

homologs are associated. Examples can be seen in Figure 3.3, panels A and B. We

observed only four cases of failed chromosome 4 pairing in a sample of 259 oocytes.

This association was not unexpected, since paired 4th chromosomes were observed in at

least 8 zygotene-pachytene oocytes reconstructed by Carpenter (1975) from EM serial

sections. Our observations extend her results by showing that the 4th chromosomes

remain paired following pachytene up until metaphase I, when the oocyte normally

arrests. At this point, they separate but remain at least transiently associated with other

chromosomes at the metaphase plate, as shown in Figure 3.3C.

X chromosome pairing is detected in X/FM7 oocytes

Structurally dissimilar chromosomes, such as a normal X chromosome and a

multiply inverted X chromosome, frequently fail to undergo exchange and thus, like the

4th chromosomes, are obligate denizens of the distributive pairing systems. Nonetheless,

such pairs of chromosomes segregate faithfully (Sturtevant and Beadle, 1936). Hawley et

al. (1992) have provided genetic evidence that such structurally dissimilar homologs

segregate by the same homology-based system used by the 4th chromosomes, and thus

might also undergo heterochromatic recognition and pairing. To investigate this idea
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Figure 3.4

Wild-type oocyte nuclei hybridized with probes detecting all four pairs of

chromosomes. The color representing each probe is as follows: the X is detected with

the 359-bp satellite (green); chromosomes 2 and 3 with the 1.686 g/cm3 satellite

(AATACATAG, shown in purple); and the 4th chromosome with the AATAT repeat

(orange). In the two prophase nuclei (A,B), a single signal is detected for the 4th

chromosome, and at metaphase (C) the separated 4th chromosomes remain associated

with the rest of the chromosomes on the metaphase plate. Panel A shows an example of

an oocyte with heterochromatic regions from all four chromosomes close proximity.

Panel B shows a split chromocenter, with one of the autosomes (one of two purple

signals) at a distance from the other 3 centromeric regions. At metaphase (C) the

homologous centromeres have separated. All scale bars represent 1 plm.
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cytologically, we examined prophase oocytes carrying a normal X chromosome and a

multiply inverted balancer chromosome, FM7 (Merriam, 1968). We used two probes to

sequences normally located in the basal X heterochromatin: the 359-base-pair satellite

(Hsieh and Brutlag, 1979) (also called the 1.688 g/cm3 satellite based on its behavior in

density gradients) and the ribosomal DNA (see Figure 3.1).

The FM7 chromosome bears three nested inversions, including In■ !)scº, which

inverts most of the centric heterochromatin to a distal position, as seen in Figure 3.1B.

This repositioned block of heterochromatin includes all of the rDNA (within our

detection limits) and approximately 80% of the 359-bp satellite, as judged by quantitation

of the relative size and intensity of the proximal and distal hybridization signals. Another

inversion (In(1)20:15E) breaks within the rDNA locus and moves a small fraction of

these repeats to a more proximal position, and the third has euchromatic breakpoints.

We hybridized these two X-chromosome probes to egg chambers from X/FM7

females. Figure 3.4 shows a typical result from such an experiment. The nuclei

throughout the egg chamber, including those of the follicle and nurse cells as well as the

oocyte nucleus itself, are labeled by the hybridization procedure. In many somatic cell

nuclei, such as those of the follicle cells, two separate sets of associated 359-bp and

rDNA signals are seen, typically far apart in the nucleus. This indicates that the large

heterochromatic blocks on the X and FM7 chromosomes do not regularly associate in

somatic nuclei. However, without exception in 300X/FM7 oocytes we examined, there

was only a single set of fluorescent signals in the oocyte nucleus, indicating that the

heterochromatic blocks on the two chromosomes are paired.

This association is evident from the earliest stages at which the oocyte can be

recognized, corresponding to the end of or just after pachytene (King, 1970; Mahowald

and Kambysellis, 1980). Pairing in this region persists up until the very end of prophase.

The 359-bp repeats near the centromere of FM7 are occasionally detected as a separate,

weaker hybridization signal, and this indicates that X and FM7 can associate in a
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Figure 3.5

Pairing of X and FM7 in prophase oocytes. The large image shows a projection

through a 5 plm-thick optical slice of a whole-mount stage 3 egg chamber from an X/FM7

female. Hybridization with the 359-bp repeat is shown in green, and rDNA

hybridization in magenta. In many of the follicle cells nuclei at the tissue’s periphery,

two separate Sets of fluorescent signals can be seen, but in the oocyte only one set is

detected. The insets show volume renderings of the oocyte and one follicle cell nucleus.

Scale bars represent 1 pum.
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centromere-to-telomere fashion, but that FM7 can also loop so that its centric and distal

regions are close together or associated.

To determine whether the association of the large heterochromatic blocks on X

and FM7 is based on homologous recognition, or if the blocks simply colocalize due to a

tendency to occupy the same region of the nucleus (perhaps as a consequence of

nucleolus formation), we asked whether the distal heterochromatin on FM7 localizes to

the same subnuclear position in oocytes carrying two copies of this chromosome. As

discussed below, we observed that the centric region of the X chromosome tends to be

positioned near heterochromatic blocks on the other chromosomes. In contrast, we found

in most FM7/FM7 oocytes that the distal heterochromatin is far away from other

heterochromatic sequences in the nucleus (Figure 3.5 A-C). This provides strong

evidence that the colocalization of the proximal and distal blocks of heterochromatin in

X/FM7 oocytes is the consequence of heterochromatic pairing based on specific

homologous recognition (i.e. that the distal heterochromatin of FM7 loops back to pair

with the pericentromeric regions only when it is homologous to sequences located in this

region). It also suggests that karyosome organization is to some extent governed by a

Rabl orientation, which would tend to result in telomeres being in a region of the nucleus

distant from the centromeres (Rabl, 1885; reviewed in Comings, 1980). However, this

did not prove to be a universal property of karyosome organization, since in a minority of

examples (5/17) we did see the distal heterochromatin of paired FM7 chromosomes in

close proximity with centric heterochromatic blocks from other chromosomes (Figure

3.5D). This indicates a degree of flexibility in the organization of the oocyte nucleus.

Persistent associations between the centromeric regions of the X and 4th

chromosomes

We wished to investigate the associations among the centric regions of the four

chromosomes in wild-type oocytes. When we probed multiple chromosome regions
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Figure 3.6

Oocytes from females homozygous for the multiply inverted X chromosome,

FM7, hybridized with probes to all four chromosomes. In 3 of the examples (A-C) the

small block of the 359-bp satellite (green) that lies near the centromere on the FM7

chromosome is associated with the centric regions of the other 3 chromosomes pairs,

while the distal heterochromatin is separate. In the 4th nucleus (D) the distal

heterochromatin appears to loop back to associate with the centric regions, probably due

to homologous association.
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simultaneously, we observed that the heterochromatin tends to lie somewhat clustered on

one side of the karyosome (Figure 3.4A), analogous to what we have seen in somatic cell

nuclei (A.F.D. and J.W.S, unpublished data). As suggested by Carpenter (1975), this

polarity could reflect a Rabl conformation preserved since the previous mitosis. In many

oocyte nuclei we observed a “split” chromocenter (Figure 3.4B), also commonly

observed by Carpenter, with the heterochromatin of at least one chromosome at a marked

distance from the others.

Despite our frequent observation of more than one heterochromatic region in the

karyosome, the X and 4th chromosomes were almost always found together. Greater than

98% of the oocytes we examined showed very close localization of the 359-bp repeats on

the X chromosome and the AATAT satellite, which marks the 4th chromosome. Even in

the 4/259 oocytes described above in which the 4th chromosomes were not themselves

paired, at least one of them was associated with the Xs in every case and in 2 cases both

were seen associated with paired X chromosomes. Our pairwise analysis of interactions

between the other chromosomes indicates that this X-4 association is quite specific.

These results are presented in Table 3.1.

The association between the X and 4th chromosomes persists after homologous

centromeres separate. At metaphase, the separated 4th chromosomes remain particularly

close to the X heterochromatin. When nonexchange Xs are present, they tend to leave the

metaphase place precociously and we have observed the 4th chromosomes to remain

associated, one with each X, as if they were riding piggyback on the larger X

chromosomes.

Effect of meiotic mutants on homologous heterochromatic associations

At least three known genes, ald, Axs, and nod encode functions that are important

for the disjunction of achiasmate homologs. The Axs and ald mutations alter the fidelity

of achiasmate homologous segregations such that in a high fraction of cases, a pair of
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Table 3.1

Frequency of chromosome associations in prophase oocytes

X 2 3 4

X 99% 48% 85% 98%
(257/259)* (29/60) (47/55) (255/259)*

4
- - -

98%
(255/259)*

* In a sample of 259 oocytes, four examples contained unpaired 4th
chromosomes, but in two of these both 4th chromosomes were associated
with the XS, and in the other two, one 4th chromosome was found with the
Xs. In two nuclei, both the 4th and X chromosomes were paired with their
homologous partner but the two chromosome pairs were not seen to
associate. Two additional nuclei showed unpaired Xs, but in these cases
both Xs were associated with the paired 4th chromosomes:
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nondisjoining X chromosomes in these oocytes will segregate away from the two 4th

chromosomes, resulting in XX->44 segregations. Because Axs and ald mutations affect

homologous, but not heterologous achiasmate segregations, they are thought to define

steps required for homologous pairing and alignment prior to metaphase. On the other

hand, mutations in the nod gene, which encodes a chromosomal kinesin-like protein

(Zhang et al., 1990; Afshar et al., 1995) affect both homologous and heterologous

segregations.

Since we determined that physical pairing during prophase precedes homologous

disjunction, we investigated whether any of these gene products might mediate such

pairing. We examined X/FM7 female flies carrying each of these meiotic mutations

(homozygous for nod or ald, or heterozygous for Axsº). In none of these mutants did the

4th chromosomes fail to pair, nor was X-FM7 pairing abolished. In nod oocytes the

chromosome configuration was completely normal during prophase (Figure 3.6 A, B),

consistent with Carpenter's (1979a) observations of pachytene oocytes from nod mothers

The typical nuclear polarity was evident and X and FM7 were consistently paired.

However, at metaphase the nonexchange chromosomes moved precociously away from

the plate, as previously reported (Figure 3.6C, Theurkauf and Hawley, 1992).

In AxsD/FM7 we detected a low frequency (<10%) of prophase oocytes with

altered pairing of X and FM7, such that the two large blocks of the 359-bp satellite were

separated, but the small, proximal block on FM7 was paired with one of the large blocks

(Figure 3.6D-E). This configuration was never seen in a wild-type background. At

metaphase oocytes of this genotype, the nonexchange Xs often remain conjoined as they

move away from the plate, rather than separating as in wild-type X/FM7 meiosis (Figure

3.6F).

Despite the subtle differences detected between wild-type and Axsº oocytes, our

finding that heterochromatic pairing is normal or nearly so in each of these meiotic
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Figure 3.7

Prophase and metaphase chromosome configurations in meiotic mutants. The top

portion shows two prophase oocytes and one metaphase figure from nod, X/FM7

mothers. Panel A, in which the oocyte is hybridized with probes to all four

chromosomes, shows that the oocyte has a typical chromocentral configuration. Panel B

shows hybridization with the 359-bp satellite (green) and the rDNA (magenta)

demonstrating that the heterochromatin of X and FM7 pair, as in wild-type X/FM7

oocytes. However, at metaphase (C), the 4s and nonexchange XS move precociously

away from the plate, and in this image both 4th chromosomes appear to be moving

toward the same spindle pole. In AxsD, X/FM7 flies, departures from the normal paired

configuration of X and FM7 are found as demonstrated in D and E: the two large

heterochromatic blocks on the Xs are unpaired, although the chromosomes may still be

associated since the proximal heterochromatin on FM7 is probably colocalizing with one

of the larger 359-bp blocks, as illustrated in the diagram above. At metaphase in Axsº

females, the nonexchange chromosomes move away from the plate and in this example

the nonexchange Xs, marked with the rDNA probe (magenta), are still conjoined,

consistent with genetic evidence that they often segregate as one unit (Whyte et al.,

1993). All scale bars represent 1 pum.
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mutants implies that while pairing may be a component of the mechanism of homologous

segregation, it is not sufficient to guarantee proper disjunction of nonexchange homologs.

Euchromatic regions do not remain synapsed throughout prophase

Our observation that homologous heterochromatic regions remain associated until

metaphase is consistent with the prevailing view of prophase I in female Drosophila: that

it lacks the diplotene and diakinesis stages of meiosis common to other organisms

(Theurkauf and Hawley, 1992). During these stages, homologous chromosomes

normally separate from each other except where linked by chiasmata, but as we have

described, homologous chromosomes in the Drosophila oocyte remain paired in their

heterochromatic regions. However, we found that a euchromatic probe to the histone

locus did not behave in the expected way. Starting from the earliest vitellogenic stages

(at the end of or after pachytene), we frequently detected two separate signals for this

probe in the karyosome (Figure 3.7), indicating that the euchromatic regions of

homologous chromosome arms have come apart. Greater than half of prophase oocytes

examined (36/66) showed clear separation of the histone locus. By contrast, in somatic

cell nuclei, homologous histone loci are paired greater than 95% of the time (as seen in

the follicle cells in Figure 3.7, A.F.D. and J.W.S., unpublished data). This finding

suggests that Drosophila oocytes may, in fact, undergo a modified diplotene-diakinesis in

which homologous chromosomes separate except at their heterochromatic regions and

where held together by chiasmata.
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Figure 3.8

Euchromatic regions do not remain paired throughout meiotic prophase. The

large figure shows a projection through an egg chamber hybridized with a probe to the

histone locus, shown in magenta, with an enlarged view of the oocyte shown in the inset.

While homologous histone loci are predominantly paired in somatic cells, as seen in the

surrounding follicle cells, they are clearly separated in over half of prophase oocytes.

Scale bar represents 1 plm.
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Discussion

By examining the physical basis for achiasmate segregation in Drosophila, our goal

was to understand the mechanisms that enable the coorientation of centromeres in the

absence of chiasmata. Hawley and Theurkauf (1993) have argued that the segregation of

homologous chromosomes simply reflects the maintenance of heterochromatic pairings

set up during meiotic prophase, while heterologous segregations occur by a mechanism(s)

that does not require the physical association of chromosomes. Genetic approaches alone

have not been sufficient to test these predictions. The requisite cytological information

has been difficult to obtain, due to the small dimensions of the oocyte nucleus, and the

extremely compact state of the chromosomes within it. However, here we report the

development of cytological methods able to reveal the position of each pair of

chromosomes in the meiotic nucleus from the end of pachytene until metaphase I. While

individual chromosomes cannot be resolved in the light microscope during meiotic

prophase, in this work we document their association patterns using fluorescent probes to

specific regions. This has enabled us to address the key unanswered question: is

chromosome pairing a component of either or both mechanisms of achiasmate

disjunction?

We demonstrate that the heterochromatin of homologous chromosomes, both

exchange and achiasmate, remains associated from the end of pachytene until metaphase,

despite the desynapsis of euchromatic regions. In conjunction with genetic evidence

(Hawley et al., 1992)(Hawley et al., 1992; Karpen et al., this issue), this observation

points to a role for heterochromatic sequences in maintaining alignment between

nonexchange homologs in the absence of chiasmata. We also report an absence of

physical associations between two nonhomologous chromosomes that segregate from

each other at meiosis I with high efficiency. These findings provide strong physical
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support for the hypothesis that homologous and heterologous achiasmate segregation

occur by different mechanisms.

The mechanism of heterologous segregation

When there are only two achiasmate chromosomes in the oocyte, they will

virtually always segregate from each other (Grell, 1976). Both of the prominent models

for achiasmate segregation in Drosophila females (Grell, 1962a, 1962b; Novitski, 1964)

invoke heterologous pairing, but diverge as to when and how it happens. However, this

investigation reveals that the segregation of nonhomologous chromosomes is not

presaged by centromeric alignment.

We propose that the segregation of heterologous chromosomes is mediated solely

by a mechanism in which each chromosome, acting as a univalent, orients towards the

least crowded pole. This hypothesis, known as the “crowded spindle-pole” model

(Hawley and Theurkauf, 1993) or simply the “crowding effect” (Sandler and Novitski,

1956), is strengthened by two well-documented properties of the meiotic spindle in

Drosophila females.

First, the movement of achiasmate chromosomes toward the poles of the meiosis I

spindle occurs precociously, while chromosomes that have undergone exchange remain at

the metaphase plate. This timing of events allows nonexchange chromosomes to interact

with the spindle and assort themselves without interference from the exchange

chromosomes. Given the narrowness of the meiotic spindle relative to the width of a

chromosome (Theurkauf and Hawley, 1992), the physical basis for their assortment could

simply be that kinetochore microtubules are more likely to reach a spindle pole if there is

not already another chromosome on that half of the spindle. Accordingly, when there are

only two nonexchange chromosomes, they always segregate from each other.

Second, the polewards movement of achiasmate chromosomes is also size

dependent (Theurkauf and Hawley, 1992). Smaller chromosomes leave the metaphase
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plate earlier and move farther toward the pole than do larger achiasmate chromosomes.

This feature alone can account for much of the genetic data regarding size preference in

nonhomologous segregation.

This model explains the observation that the achiasmate segregation systems are

limited in terms of their ability to compensate for global disruptions in exchange. In the

presence of mutations that decrease recombination throughout the genome, high

frequencies of nondisjunction are often observed, usually as a consequence of

inappropriate heterologous segregations. Perhaps the presence of too many achiasmate

chromosomes simply randomizes each chromosome's pole selection.

The role of heterochromatin in homologous achiasmate segregation

In contrast to our observation that heterologous segregations are not presaged by

heterologous pairings, we have shown that in at least two cases of homologous

segregation the pairing of nonexchange chromosomes precedes their disjunction.

Multiple lines of evidence indicate that these associations are based on specific

homologous recognition: 1) Nonexchange X chromosomes are universally paired, and

4th chromosomes are paired in greater than 98% of oocytes we examined. In contrast,

pairwise associations between the heterochromatin of nonhomologous chromosomes

never exceeds 85% (with the exception of X and 4, discussed below). 2) The position

within the nucleus of the distal block of heterochromatin on the inverted FM7

chromosome is dependent on the position of the corresponding block of heterochromatin

on the homologous X chrochromosome. In X/FM7 oocytes the distal heterochromatin of

the FM7 chromosome is always found to be paired with the proximally located

heterochromatin on the normal sequence X chromosome. However in FM7 homozygotes

the paired distal blocks of of X heterochromatin are usually well separated in the nucleus

from pericentric heterochromatin. Thus, the observed pairing of heterochrmatic blocks in

X/FM7 oocytes is due to an attractive force based on homology and not simply to a
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tendency of heterochromatic regions to cluster in the vicinity of centromeric

heterochromatin. We propose that the persistence of these heterochromatic contacts

serves to coorient homologous centromeres.

Genetic evidence that heterochromatic homology plays a crucial role in the

segregation of achiasmate homologs came from studying the effects of free 4th

chromosome fragments on the segregation of two normal 4th chromosomes (Hawley et

al., 1992). The more 4th chromosome heterochromatin carried by a given fragment, the

higher the observed level of induced 4th chromosome nondisjunction. Based on these

data, Hawley et al. suggested that 4th chromosomal pairing and segregation is facilitated

by a meiotic pairing region corresponding to some or all of the satellite repeats that make

up the 4th chromosome heterochromatin. Similar genetic experiments strongly suggest

an analogous function for the X chromosome heterochromatin (Karpen et al., this issue).

Two lines of evidence suggest that this persistent chromosome pairing beyond

pachytene is limited to heterochromatin. First, in contrast to heterochromatic probes,

which showed a homologous pairing throughout prophase, a euchromatic locus we

examined was unpaired in greater than half of prophase oocytes. Similarly, Nokkala and

Puro

showed evidence that euchromatic regions separate during prophase, except where joined

by chiasmata (Nokkala and Puro, 1976; Puro and Nokkala, 1977). Second, genetic

studies (Hawley et al., 1992; Karpen et al, this issue) failed to find a role of euchromatin

in directing achiasmate segregation.

This persistent pairing could be mediated by proteins that are part of the

synaptonemal complex (Maguire, 1978). During pachytene, homologous chromosomes

are paired along their lengths with SC lying between them. Heterochromatic regions are

connected by SC that is structurally distinct from the euchromatic form (Carpenter,

1975). Perhaps this specialized form of heterochromatic SC persists in some fashion

until the end of meiotic prophase, as occurs in certain other insects (Wolf, 1994).

169



How persistent heterochromatic pairing might ensure segregation

In most organisms paired but achiasmate bivalents would precociously dissociate

as a consequence of homolog-homolog repulsion at diplotene-diakinesis (Hawley, 1988).

However, in Drosophila female meiosis there is no typical diplotene-diakinesis. Instead,

after pachytene the chromosomes condense into a tight mass, the karyosome, where they

remain until spindle formation during prometaphase. At least some chromosome pairing

persists as the karyosome forms, as demonstrated by the persistence of the SC (King,

1970; Carpenter, 1979b). This curious meiotic detour may well allow paired, but

achiasmate, bivalents to maintain centromere apposition until spindle assembly at

prometaphase. Indeed, this function may well explain the much-noted observation that

heterochromatin is generally found around centromeres. If we are correct in this assertion

then some 70 years after its discovery by Heitz (1928), we may have finally identified a

biological function for heterochromatin and perhaps negated its appellation as “junk

DNA” (for review see Pardue and Hennig, 1990).

Based on what we know about the segregation of sister chromatids in mitosis, and

exchange chromosomes in meiosis I, it is likely that the heterochromatic pairing serves to

interlock chromosomes in a manner that opposes the pull of the spindle microtubules

during prometaphase. An analogous physical link between sister chromatids ensures that

they attach to opposite poles before separating in mitosis (Nicklas, 1977; Nicklas and

Ward, 1994). However, our evidence that heterochromatic pairing occurs normally in

mutants defective in achiasmate segregation demonstrates that this pairing alone is not

sufficent to bring about the segregation of achiasmate homologs.

Genetic and cytological studies of the Axs phenotype support the idea that

heterochromatic associations serve to link nonexchange chromosomes together. Genetic

studies (Whyte et al., 1993), as well as cytological results presented here, reveal that

nonexchange X chromosomes often fail to separate in Axs oocytes. Perhaps mutants at
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the Axs locus define a function normally responsible for separation of this

heterochromatic lock.

At this point, we can only speculate as to what about the nature of

heterochromatin enables it to perform this function in Drosophila meiosis. Perhaps the

presence of highly repeated simple sequence DNA stabilizes meiotic chromosome

associations by providing large tracts of homology. Alternatively, the ability of the

oocyte to maintain heterochromatic synapsis after pachytene, even in the absence of

euchromatic pairing, could reflect the interaction of proteins bound specifically to

heterochromatin. Our studies do not distinguish between these and other possibilities.

Heterochromatic associations between the X and 4th chromosomes

The X and 4th chromosomes are virtually always seen to be immediately adjacent

in the prophase nucleus. While this is the first cytological evidence, such an association

was suspected in the 1930s by Gershenson (1940; see also Sandler and Novitski, 1956)

based on the meiotic behavior of the two chromosomes. Our observations suggest that

this pairing is largely mediated by sequences lying proximal to the heterochromatic

In(1)scº breakpoint on the X chromosome, because in the case of FM7 homozygous

oocytes in which the distal heterochromatin is far from the X centromere (Figure 3.5A

C), the 4th chromosomes tend to remain associated with the small centric block of X

heterochromatin rather than the large telomeric block of the inverted Xs. We therefore

expect that these associations are based on heterochromatic homology at a site located

near the base of the X chromosome.

This X-4 association may have evolved or been conscripted to further enhance the

fidelity of segregation of the achiasmate 4th chromosomes. In part, this is suggested by

our observation that when 4th chromosomes are found unpaired (which occurs far more

frequently than their nondisjunction), they are usually found associated with paired Xs.

Since the oocyte arrests at metaphase with the homologous centromeres separated (as
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seen in Figure 3.4C) this association could provide a means to keep the 4th

chromosomes on the metaphase plate and thereby to prevent their loss, particularly under

conditions where the arrest is prolonged.

Furthermore, this observation can also resolve one of the most perplexing set of

observations about achiasmate segregation: Small heterochromatic duplications of the X

chromosome can interfere with segregation of either the 4th chromosomes or the normal

X chromosomes if they are nonexchange. Their effect on segregation of the 4th

chromosome is purely size-dependent. By contrast, the ability of 4th chromosomal

duplications to induce 4th chromosome nondisjunction is dependent only on the amount

of 4th chromosome heterochromatin they carry, and not on their total size. The same is

true for the ability of X duplications to induce X nondisjunction. So why then should

small X duplications induce 4 nondisjunction, and only 4 nondisjunction, in such a

size-dependent fashion? Moreover, why should the size range of that effect be so small,

from 0.6 to 1.6 times the length of the 4th chromosome?

The existence of a site or region that is located very proximally on the X and allows

persistent X-4 associations provides a straightforward explanation for these observations

(Figure 3.8). As described in the legend, the premise of this explanation is that a small X

fragment bearing the X-4 association site/region will associate primarily with the 4th

chromosomes while larger duplications will possess sufficient X chromosome sequences

to facilitate proper association with the homologous X chromosomes. Indeed, the size

upper size limit for X duplications that can induce 4 nondisjunction corresponds precisely

to the lower size limit for those that can induce X nondisjunction.

A general model for meiosis in Drosophila melanogaster females

This cytological investigation, in conjunction with previous evidence, leads us to

view the different segregation mechanisms in the Drosophila oocyte within a hierarchical

organization. When crossing over occurs between homologs, it results in the most stable
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type of physical linkage. However, homologous heterochromatic associations can

provide a backup mechanism to link and coorient nonexchange homologs. When

chromosomes have neither undergone exchange nor paired with a homologous partner,

they can still assort quite reliably by simply moving toward the least crowded spindle

pole, provided there are not too many chromosomes of this class.

According to this model of meiosis, it follows that the relative timing of specific

events is crucial to the success of both nonhomologous and exchange-based disjunction.

We envision that the following series of events occurs: nuclear envelope breakdown /

spindle assembly --> unpairing of homologous heterochromatic regions --> release of X-4

associations --> resolution of chiasmata. If this order is perturbed, for example if X-4

associations are destabilized relative to X-X and 4-4 interactions, an expected

consequence would be increased segregation of the Xs from the two 4th chromosomes.

In fact, such abberrant X X--->44 segregations occur frequently in a growing class of

meiotic mutants, including Axs and ald.

Taken together these studies provide a straightforward explanation for the

mechanism by which the centromeres of achiasmate homologues are co-oriented at

meiosis I in Drosophila females. Perhaps more crucially, these studies provide a strong

clue as to the normal biological function of heterochromatin.
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Figure 3.9

A model to explain the ability of X chromosome duplications to induce 4th

chromosome nondisjunction in a size-dependent manner. The normal X and 4th

chromosomes are diagrammed at the top, with heterochromatin shown in black and

euchromatin represented as grey, narrower regions. Our cytological data demonstrate

that the X and 4th chromosomes are associated in both meiotic and somatic nuclei. This

is likely to be mediated by a region of homology which lies in the heterochromatin of the

4th chromosome, and very proximal on the X chromosome. The dotted bands represent

this X-4 pairing site. More distal on the X chromosome lie sites important for X-X

heterochromatic pairing (shown as striped bands), which may extend throughout the X

heterochromatin. A series of X chromosome duplications has been examined for their

ability to induce nondisjunction of both normal 4th chromosomes and achiasmate X

chromosomes (Hawley et al., 1992) Very small duplications have little effect on either X

or 4th chromosome disjunction; according to our model this is because they lack most

sites important for pairing with either chromosome. Somewhat longer duplications

induce primarily 4th chromosome nondisjunction, and we propose that this is because

they bear 4th chromosome pairing sites but lack those required for proper pairing with the

X chromosomes. Still longer Dps begin to resemble X chromosomes with respect to

heterochromatic pairing sites. As they gain in ability to induce X nondisjunction, they

lose their effect on the 4th chromosome, indicating that they now pair preferentially with

the X chromosomes.
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Experimental Procedures

Drosophila Stocks

An Oregon R stock maintained at UCSF was used as the wild type. The

structurally rearranged chromosomes, including FM7a, C(1)RM, and C(2)EN cn, byw, are

described in Lindsley and Zimm (1992), as are the meiotic mutations nod (Carpenter,

1973), ald (O'Tousa, 1982), and AxsD (Zitron and Hawley, 1989).

Egg chamber isolation and fixation

For all experiments, egg chambers were obtained from young (2-3 days) female

flies held in bottles with males and supplemented with yeast paste. Three different

protocols were used for the preparation of whole-mount egg chambers (see Chapter I,

Protocols II.C-E).

Hybridization to whole-mount egg chambers

This was carried out using Protocol III.A. from Chapter 1.

Staging of oocytes

The developmental stage of each oocyte was ascertained by examining the size

and shape of the egg chamber and the position of the oocyte within, as described by

(King, 1970) and summarized by (Mahowald and Kambysellis, 1980). Since the

parameters for staging are not precise, particulaly for DAPI-stained egg chambers, all

stages reported here should be regarded as being +/- one of King's stages.
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Chapter 4. Cytological analysis of meiotic drive in

Drosophila melanogaster

This chapter has been accepted for publication in Genetics under the title

“Selective loss of compound-chromosome bearing sperm in the Drosophila female.” The

authors are Abby F. Dernburg, Douglas R. Daily, Karen J. Yook, John A. Corbin, John

W. Sedat and William Sullivan. The paper will appear in the July, 1996 issue.

This work examines an example of non-Mendelian inheritance in Drosophila.

The compound two entire (C(2)EN) chromosome is transmitted very poorly through the

male germ line, and the basis for this phenomenon was not previously understood. My

role in this work was to carry out all of the cytological analysis described. I was initially

approached by Doug Daily and Bill Sullivan at U.C. Santa Cruz, who wished to

collaborate to use FISH techniques to determine the genotype of embyros from different

crosses, in order to establish the point at which the C(2)EN chromosome is lost. Doug

did most of the microscopic analysis of embryos which I had marked with a histone locus

probe. Since we demonstrated that the loss of the chromosome occurs prior to

fertilization, I pursued this further by analysis of sperm in the male and female

reproductive tracts, using both FISH and microscopy to measure the ratios of different

genotypes. Through such analysis, I identified the point at which the drive phenomenon

is manifested. In doing so, I began to recognize the resemblance of this phenomenon to

other examples of meiotic drive. I wrote most of the following manuscript.
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Summary

The Drosophila compound entire second chromosome, C(2)EN, displays paternal

transmission well below Mendelian expectations (Novitski et al., 1981). Because

C(2)EN stocks also show higher-than-expected rates of zygotic lethality, it was proposed

that this reduced paternal inheritance might be wholly or partially due to post-fertilization

events. Efforts to investigate this phenomenon have been hampered because the progeny

of crosses between C(2)EN-bearing individuals and those with normal karyotypes die

during embryogenesis. We have circumvented this obstacle by employing fluorescence

in situ hybridization to directly karyotype early embryos from crosses involving

C(2)EN-bearing individuals. This analysis reveals that the distortion in paternal

transmission is established prior to fertilization. Moreover, measurement of the sperm

ratios within both the male and female reproductive organs demonstrates that

C(2)EN-bearing sperm are selectively lost after sperm transfer to the female and before

storage of sperm in the seminal receptacles and spermathecae. Our results are consistent

with a model of meiotic drive in which aberrations occuring early in meiosis lead

ultimately to sperm dysfunction.

Introduction

The compound 2 entire chromosome, or C(2)EN, was synthesized by joining two

copies of each arm of chromosome 2 to a single centromere (Novitski, 1976; Ashburner,

1989b). To accomplish this synthesis, heterochromatin derived from a Y chromosome

was used as a linker between the two arms of the second chromosome. The structure of

C(2)EN is 2R-Yhc-2L • 2L-Yhc-2R (Figure 4.1).

Although compound-2-bearing flies are euploid and fertile, previous investigators

observed that the ratio of recovery of the paternally-derived compound chromosome can

be significantly lower than the expected 50% (Novitski et al., 1981; Strommen, 1982).
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Yhc centromere Yhc

m-------
2R 2L 2L 2R

Figure 4.1 Hybridization of a histone probe to C(2)EN
and the structure of the compound chromosome
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The paternal transmission rate varies widely for different derivatives of the original

C(2)EN chromosome, from around 2% up to nearly Mendelian levels (Strommen, 1982).

This implies that the reduced paternal transmission is not simply due to the size or gross

structure of the C(2)EN chromosome. Initially, it was proposed that the poor

transmission might be due to selective zygotic mortality of those embryos that inherit

C(2)EN from their fathers (Novitski et al., 1981).

Exact maternal and paternal transmission rates have not been determined for the

different C(2)EN chromosomes, largely because of the difficulties in crossing

C(2)EN-bearing individuals to other stocks (Novitski, 1976; Strommen, 1982). Viable

offspring are normally produced only when C(2)EN-bearing males are mated to

C(2)EN-bearing females. Other matings involving C(2)EN-bearing individuals result in

non-viable progeny which are mono- or trisomic for chromosome 2. Consequently, the

possibility that the reduced paternal C(2)EN recovery is a result of non-Mendelian

maternal transmission of C(2)EN has not been eliminated (Novitski et al., 1981;

Strommen, 1982).

In this work we directly measure the transmission frequencies by determining the

karyotype of syncytial embryos derived from C(2)EN/0 individuals mated to normal

individuals (2/2). To do this, we employ newly developed whole-mount in situ

hybridization techniques. Our results demonstrate that neither preferential zygotic

mortality nor unequal gamete production by the female are contributing factors in the

non-Mendelian transmission of the C(2)EN chromosome. Instead, the reduced recovery

stems from an elimination of C(2)EN-bearing sperm prior to fertilization.

Employing similar cytological approaches, we determine the stage at which this

occurs. To our surprise, mature C(2)EN-bearing sperm are produced and transferred to

females at approximately Mendelian levels. However, dramatically reduced levels of

C(2)EN-bearing sperm are observed in the storage organs of female flies following
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mating. Storage of C(2)EN-bearing sperm is apparently much less efficient than that of

nullo-2 sperm.

Although this type of sperm discrimination has not been directly demonstrated

before, it has been inferred to occur in other meiotic drive systems (Tokuyasu et al.,

1977) and is probably not a phenomenon specific to the C(2)EN chromosome. Our

results are discussed in the context of a model for meiotic drive originally proposed by

Baker and Carpenter (1972).

sit ºn

sº

|.
* ºn

gas sa

a■ tº

slº tº

at a sº

º

º
…

181



MATERIALS and METHODS

Stocks: The compound chromosome two stocks, designated C(2)EN (Lindsley and

Zimm, 1992), described in this paper were kindly provided to us by the Indiana stock

center (Bloomington, IN). We used three C(2)EN chromosomes: C(2)EN, +; C(2)EN,

bw sp; and C(2)EN, b pr. Throughout this paper we have designated the phenotypic

markers with superscripts: C(2)EN*, C(2 )ENb Pr, and C(2 )ENbw SP. The synthesis of the

compound chromosome is described by (Novitski, 1976; Ashburner, 1989b) The history

of these three differentially marked chromosomes is somewhat obscured by time, but they

probably derive from a single ancestral C(2)EN chromosome (E. Novitski, personal

communication). Any differences in their heterochromatic regions are most likely to

have arisen spontaneously. However, their individual paternal transmission frequencies

are apparently stable, judging from the agreement between our observations and those of

both Strommen (1982) and Falk (1983).

Control embryos were obtained from the wild-type Oregon-R stock.

Progeny counts: Crosses were performed in shell vials on standard cornmeal-molasses

medium at 25°. In each vial, a single female was mated to two males. The parents were

transferred to a fresh vial on the fifth day of the cross and were discarded after five more

days. All of the progeny that emerged before the 17th day after the parents had been

placed in the vial were scored.

Embryo fixation: To determine the transmission frequency of the C(2)EN chromosomes,

embryos from appropriate matings were collected on molasses-agar plates and fixed

using Protocol II.A. from Chapter I.
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Isolation of sperm from males and females: Our analysis of sperm in the testes was

carried out using newly eclosed (<3 hours) males raised on standard corn

meal-molasses-agar at room temperature. Testes were dissected out in Buffer-A (above)

and transferred to a microscope slide treated with 3-Aminopropyltriethoxysilane (TESPA,

Sigma). Testes from 2-4 males were used per slide. The tissue was gently pulled from

both ends to release the sperm from the testes sheath. An equal volume of 7.4%

paraformaldehyde in Buffer-A was added, and a siliconized (Surfasil, Pierce) coverslip

was placed over the tissue. Gentle flattening was achieved by wicking out excess buffer

using Whatman #3 filter paper. After a total of 3-6 minutes of fixation, the slide was

immersed in liquid N2 until frozen, the coverslip was cracked off with a fresh razor

blade, and the slide was transferred immediately to 95% EtOH at room temperature. The

slides were stored in EtOH at 4° for up to two days, then rehydrated in one step by

transferring to PBS.

Sperm ejaculated by C(2)EN/0 males were obtained by mating 4–7 day-old males

to virgin wild-type females. One female was transferred to a vial with 5-12 males and the

vial was monitored frequently to determine the point of initiation of copulation. For

some experiments, the sperm was prepared for analysis within 10 minutes of the natural

termination of copulation and for others mating was terminated after 10 minutes by

anaesthetization of the flies with CO2. In either case, the inseminated female was

transferred to a drop of Buffer-A on a silicone rubber (Silgard, DuPont) dissecting pad,

the reproductive organs were removed with forceps, and the spermatophore (the

membranous tissue containing the sperm) was separated out. The appropriate tissue

could be identified under the dissecting microscope by the cloud of motile sperm tails

surrounding it. This was transferred to a TESPA-treated glass microscope slide and fixed

as described above.

To analyze the contents of female sperm storage organs, virgin wild-type females

were mated with the appropriate males. After a period of either 4 or 24 hours, the storage
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organs (spermathecae and seminal receptacles) were dissected out and fixed on slides as

described above. The tightly coiled seminal receptacles were gently unfurled using

forceps to facilitate microscopic analysis.

Sperm dissected from testes or from inseminated females were stained with 0.5

pig■ ml DAPI (Sigma), or in a few cases, with a 1:5,000 dilution of a stock of OliGreen

dye (Molecular Probes).

Whole mount chromosomal in situ hybridization

Embryo hybridization was performed using Protocol III.A. from Chapter 1. The histone

probe described in the same chapter was labeled with biotin and used as the probe for

most experiments in this study. For confocal microscopy, embryos were treated with

DNAse-free RNAse (37°C for 3 hours) following hybridization and counterstained with

propidium iodide.

Hybridization to sperm was performed using Protocol III.B from Chapter 1.
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RESULTS

Non-Mendelian transmission of C(2)EN is paternally driven: Previous studies

demonstrated a reduced and variable recovery of the paternal C(2)EN chromosome

(Novitski et al., 1981; Strommen, 1982). We have extended this work by performing

adult counts on all three sets of reciprocal matings of three differentially marked C(2)EN

chromosomes:C(2)EN+, C(2 )ENbw SP and C(2 )ENb pr (Table 4.1).

In agreement with previous work, we observed a reduced recovery of each of the

C(2)EN chromosomes when transmitted by the male The recovery of the

paternally-derived C(2)EN chromosome varies markedly between stocks. These values

range from 1.7% for the C(2)EN+ chromosome to 42.2% for the C(2)EN b pr

chromosome. The data summarized in Table 4.1 reveal that the recovery of the

paternally-derived C(2)EN chromosome depends on the male genotype, but is

independent of the female genotype. For example, when C(2)EN*-bearing males are

crossed to C(2 )ENb pr -bearing females and C(2 )ENbw *P-bearing females the recovery

rates of the C(2)EN+ chromosome are 1.7% and 1.8% respectively. Similarly when

C(2 )ENbw-sp males are mated to C(2 )ENb Pr females and C(2)EN+ females the recovery

values are 33.9% and 31.5% respectively. Similar results are obtained for the third set of

crosses. These results indicate the transmission rate of the female C(2)EN chromosome

does not vary substantially among the three C(2)EN stocks. In contrast, the male

transmission rate of the C(2)EN chromosome is unique for each of the three stocks.

Determination of C(2)EN transmission frequencies through karyotype analysis of

syncytial blastoderm embryos: We wished to determine whether the reduced adult

recoveries of the paternally-derived C(2)EN chromsome were a consequence of selective

zygotic mortality. If so, we would expect to observe a different frequencies of the

paternal C(2)EN chromsome in early embryos and adults. To explore this possibility, we

determined the rate of C(2)EN inheritance among progeny at the syncytial stages of
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Table4.1.MaternalandpaternalC(2)ENtransmissiondeterminedthroughprogenycounts ThreedifferentiallymarkedC(2)ENstocks(C(2)ENbpr,C(2)ENbwSP,andC(2)EN+)werematedinallsixreciprocal combinations.Thenumberofmaleandfemaleprogenybearingthe
matroclinousandpatroclinousC(2)ENchromosomewas FATHERMOTHER C(2)EN+C(2)ENbpr

C(2)EN+C(2)ENbw
sp

determined. C(2)ENbw
sp
C(2)ENbpr

C(2)ENbw
Sp
C(2)EN+ C(2)ENbprºc(2)ENbw

sp
C(2)ENbprºc(2)EN+

matroclinous
II)f 5,9084,439 2,8582,419 3,3243,212 1,8001,829 1,1741,464 1,7711,653

PROGENY
patroclinoustotal Inf 1255010,522 73265,376 1,6351,7139,884 8418305,300 6359234,196 1,1741,3225,920

---------

total 1.7% 1.8% 33.9% 31.5% 37.1% 42.2%

m/f 1.33 1.18 1.03 0.98 0.80 1.07

patroclinous”matroclinouspatroclinous

m/f 2.5 2.8 0.95 1.01 0.69 0.89
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embryonic development. C(2)EN/0 individuals were mated to wild-type Oregon-R

individuals (C(2)EN+/0 x 2/2). This cross yields two classes of progeny with respect to

chromosome two constitution: C(2)EN+/2 and 2/0. Although these genotypes do not

produce viable adults, development is normal through nuclear cycle 14 (Sullivan et al.,

1993).

Embryos derived from these crosses were fixed with formaldehyde and prepared

for whole-mount in situ hybridization (see Materials and Methods). The embryos were

hybridized with a biotinylated DNA probe to the histone gene locus. In D. melanogaster,

the histone genes lie in a repeated cluster near the heterochromatin/euchromatin junction

on the left arm of the second chromosome (39D-E) (Pardue et al., 1977; Lifton et al.,

1978). We verified that the compound two entire chromosome has two intact copies of

this locus through in situ hybridization to neuroblast spreads from C(2)EN/0third instar

larvae (Figure 4.1). Embryos of the genotypes 2/0 and C(2)EN/2 have one and three

copies of the histone gene cluster per nucleus, respectively. Whole-mount in situ

hybridization to 2/0 syncytial embryos thus produces one signal per nucleus, while

C(2)EN/2 syncytial embryos exhibit three signals in the majority of their nuclei. Figure

42 depicts syncytial embryos derived from C(2)EN/0 females x 2/2 males. The left-hand

column shows 2/0 syncytial embryos in interphase, prophase and anaphase (panels A, B

and C respectively). In both interphase and prophase, one signal per nucleus is observed.

Each of the sister sets of separating anaphase chromosomes also exhibits a single histone

signal (panel C). The right-hand column presents a similar set of images for C(2)EN/2

syncytial embryos. Three histone signals are visible in each of the prophase and

anaphase nuclei (panels E and F). However, the interphase nuclei exhibit either one, two,
or three histone signals (panel D). This variability is explained by the tendency of the

histone gene cluster on homologous chromosome arms to colocalize during interphase
(Hiraoka et al., 1993). This phenomenon does not diminish our ability to distinguish

C(2)EN/2 embryos from 210 embryos, since multiple signals are only observed in nuclei
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C(2)EN/O X 2/2
C(2)EN/2

Figure 4.2 Embryo karyotyping by in situ hybridization
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Figure 4.2

Syncytial embryos derived from C(2)EN-bearing individuals mated to wild-type

individuals (C(2)EN/0 x 2/2) were hybridized with the histone probe (yellow) and the

nuclei were counterstained with propidium iodide (red). This cross produces C(2)EN/2

embryos bearing three copies of the histone gene cluster per nucleus and 2/0 embryos

carrying only a single copy. One field each of interphase, prophase, and anaphase nuclei

is shown for each embryonic genotype. During the later syncytial interphases, the three

copies of the histone locus in a C(2)EN/2 embryo often colocalize due to homologous

pairing (B).
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from C(2)EN/2 embryos.

Using this technique to determine the chromosome two constitution of syncytial

embryos, we directly measured the transmission values for C(2)EN* and C(2 )ENb pr.

Of 149 syncytial embryos derived from C(2)EN+/0 females mated to wild-type (2/2)

males, 73 (49%) carried the compound chromosome. This value is not significantly

different from the Mendelian expectation of 50%. Of 370 embryos derived from normal

2/2 females mated to C(2)EN+/0 males, 7 (1.9%) carried the compound chromosome,

very close to the observed transmission rate among adult progeny of 1.7%. When similar

analysis was performed for the C(2)ENb Pr chromosome, the paternal and maternal

embryonic recovery frequencies of this chromosome were found to be 41.8% and 53.3%,

respectively. The adult recovery of the paternally derived C(2 )ENb Pr chromosome is

42%. These studies demonstrate that preferential zygotic lethality is not a significant

factor in the reduced paternal recovery of the C(2)EN chromosomes.

Mitotic chromosome loss does not contribute to the reduced recovery of the C(2)EN

chromosome: We considered the possibility that early loss of the C(2)EN chromosome

during the initial embryonic divisions might contribute to its reduced recovery. In the

mutant paternal loss (pal), the paternal X chromosome is expelled during an early

mitotic division (Baker, 1975; Tomkiel et al., 1991). This event is readily observed in

formaldehyde fixed, DAPI-stained embryos. We employed a similar procedure to

determine whether early loss of C(2)EN might be occurring in embryos that paternally

inherit this chromosome. Fifteen-minute embryo collections from Oregon-R females

mated to C(2)EN+/0 males were hybridized with the histone probe. Among embryos

from these early collections, we observed five in which male pronuclei were approaching

female pronuclei. In each case the male pronucleus was of the nullo-2 class. We also

observed 18 embryos at nuclear cycle one in either anaphase or telophase and there was

no evidence of stray chromosomes or abnormal DNA. From these observations we
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conclude that mitotic chromosome loss is not contributing to the transmission distortion.

These results combined with our observation that the rates of C(2)EN transmission

observed among embryonic progeny mirror the values seen among adult progeny,

demonstrates that the transmission ratio is established prior to fertilization.

C(2)EN-bearing sperm are present at Mendelian levels in the testes of C(2)EN+/0

males: To determine whether the C(2)EN chromosome was eliminated prior to or during

spermiogenesis, we analyzed the genotypes of sperm in the testes of C(2)EN/0 males.

This required the development of new protocols for in situ hybridization to Drosophila

spermatids. We examined the chromosome composition of mature spermatids in the

testes of C(2)EN/0 males, again using the histone probe to determine whether the C(2)EN

chromosome was present. It was necessary to dissect out the testes and to physically

release the sperm from the muscular testes sheath. This was due to the fact that

hybridization probes do not penetrate the walls of the testes, despite efforts using a

number of different reagents to improve tissue permeability. However, once the obstacle

of the testes wall was physically removed, hybridization to the sperm could be carried out

with no special pre-treatment (See Materials and Methods). Signal intensities were

reduced in mature sperm heads relative to earlier stages, probably reflecting a difference

in accessibility of the target DNA as a consequence of increasing chromatin

condensation.

Figure 4.3 presents typical results from such experiments. Although we expected

that we might find sperm cysts that were depleted of C(2)EN-bearing sperm, this did not

prove to be the case. In both C(2 )ENb Pr and C(2)EN+ males, even in the basal portion

of the testis containing the most mature sperm heads, all sperm clusters contained

approximately equal numbers of C(2)EN-bearing and nullo-2 sperm. Interestingly, we

see that C(2)EN-bearing sperm are morphologically different from those lacking the

compound chromosome. Our 3-dimensional reconstructions revealed that mature sperm
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Figure 4.3 Sperm from testes of C(2)EN/0 males
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Figure 4.3

A-D Sperm from the testes of C(2)EN/0 males. DAPI staining is shown in blue,

and the histone locus hybridization in fuschia. All images are volume-rendered

projections of 3-dimensional data stacks. Part A is from C(2 )ENb pro; parts B-D are

from C(2)EN+/0 males. Sperm showing hybridization signals are C(2)EN-bearing; sperm

without are nullo-2.

A. A sperm cyst in the process of individualizing or coiling. Two C(2)EN-bearing

sperm can be seen lagging behind the bulk of sperm heads in the cyst. They appear to be

morphologically defective, even at the light microscopic level, and it is possible that their

separation from the majority of the cyst reflects an editing process.

B,C. Representative images of individualized sperm. C(2)EN-bearing sperm are

represented at high levels in all such images obtained from C(2)EN+/0 males.

D. Individualized sperm from a C(2)EN+/0 male. The single C(2)EN-bearing

sperm in this image appears much more loosely coiled than its nullo-2 counterparts.
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heads lacking chromosome 2 appear as tightly coiled helices with a consistent left-handed

twist, as do wild-type sperm (data not shown). However, C(2)EN-bearing sperm often

appeared to be relatively decondensed or unfurled, as seen most clearly in Figure 4.3D.

This could be due to a delay in maturation relative to nullo-2 sperm, or alternatively may

represent a difference in terminal morphology between the two classes.

Female flies receive large numbers of both C(2)EN-bearing and nullo-2 sperm from

C(2)EN* males: As discussed below, instances have been documented in which

Drosophila sperm of a particular genotype are produced but degraded before transfer to

the female. We wished to know whether a similar phenomenon might account for the

low transmission of C(2)EN. To determine the chromosome content of sperm transferred

to females by C(2)EN/0 males, we mated C(2)EN/0 males to wild-type females and

removed the sperm immediately after copulation. These sperm were prepared for FISH

and microscopic observation.

Analysis of the sperm content of such ejaculate was carried out in two different

ways. In cases when small to moderate numbers of sperm were found on the microscope

slide with little or no surrounding material, we were able to use in situ hybridization to

determine the ratio of C(2)EN-bearing sperm to nullo-2 sperm. However, most of the

transferred sperm remained encased in the spermatophore, and hybridization to these

sperm heads was inconsistent and usually unsuccessful. Nevertheless, we were able to

differentiate between sperm with different chromosome contents on the basis of sperm

head length.

In samples where in situ hybridization clearly indicated the presence or absence of

the histone locus, we observed a significant and consistent difference in the size of sperm

heads bearing the C(2)EN and those lacking the compound chromosome. These results

are not surprising, as there is an approximately two-fold difference in the DNA content of

C(2)EN-bearing sperm and nullo-2 sperm and there is a direct correlation between sperm
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head size and DNA content (Hardy, 1975). This observation enabled us to use sperm

head size to determine the presence or absence of the C(2)EN chromosome when in situ

hybridization was precluded. Greater DNA content increases both the length and

thickness of individual sperm heads. Measurement of length provided a better assay for

objects with the long, thin proportions of Drosophila sperm heads.

We first determined the size of sperm in ejaculate from wild-type males. A probe

to an X-chromosome satellite (the 359-bp repeat described by Hsieh and Brutlag 1979)

enabled us to distinguish between X- and Y-bearing sperm and to determine whether the

two sex chromosomes contribute differentially to sperm head size. Sperm head contour

lengths were measured using an interactive 3-dimensional computer modeling function

(See Materials and Methods). We found that wild-type sperm heads have an average

length of 9.25 pm, in remarkably close agreement to the measurements of (Beatty and

Sidhu, 1967). Also in accordance with previous studies, we found no significant

difference in the average lengths of X- and Y-bearing sperm heads (Beatty and Sidhu,

1967; Hardy, 1975). This suggests that C(2)EN; X-bearing sperm should be equivalent in

size to C(2)EN; Y-bearing sperm, and likewise nullo-2; X and nullo-2; Y sperm heads

should be equivalent in size.

Similar analysis using the histone locus probe reveals an average head size of 10.6

pum for C(2)EN-bearing sperm (s-1.2pm, n-60) and 8.1pm for nullo-2 sperm (s-1.1pm,

n-22). Because this difference is large and consistent, we were able to measure the

relative numbers of C(2)EN and nullo-2 sperm in the spermatophore and in the female

storage organs.

We examined the size distribution of sperm heads transferred by C(2)EN* males

in the membranous spermatophore as detected by staining with DNA-specific dyes. This

approach was successful for the analysis of ejaculated sperm because they are all fully

condensed. It was not possible to use length as an assay for chromosome content in the
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testes because the different stages of sperm head condensation show a variability in both

length and volume that is not solely due to differences in DNA content.

Our analysis of the ejaculate of C(2)EN+ males did show some enrichment of

nullo-2 sperm (Figure 4.5, B). However, the fraction of C(2)EN-bearing sperm, 36-38%

of the total, was still in vast excess over the recovery frequency of 1.8%.

The storage organs of female flies contain the same ratio of C(2)EN and nullo-2

sperm as that recovered in adult progeny: Following mating, female Drosophila store

a fraction of the transferred sperm in special organs (the spermathecae and seminal

receptacles) and use them to fertilize their eggs, often over a period of several days

(Fowler, 1973). We wished to determine whether the storage of C(2)EN-bearing and

nullo-2 sperm in the female reflects the ratio transferred by C(2)EN/0 males. Sperm in

the female storage organs of Oregon-R females inseminated by either C(2)EN* or by

C(2)ENb Prmales were analyzed. We stained these intact tissues with DNA-specific
dyes and measured the lengths of sperm heads, since in situ hybridization to sperm in

these tissues proved unsuccessful. Figure 4.4 illustrates how such experiments were

carried out. An entire seminal receptacle is shown at low magnification in part A. In

Part B, an optical section at higher magnification shows the sperm heads within the

seminal receptacle. These sperm were measured using an interactive 3-dimensional

modeling function as shown in part C; the lengths of individual heads were calculated

automatically after manual tracing of their contours.

Females inseminated by either C(2)EN+ or by C(2 )ENb Pr males showed two

classes of sperm heads in their storage organs. In females inseminated by C(2 )ENb pr

males, 60% of the stored sperm are of the short (<9.25 pm) nullo-2 class; the remaining

40% are long (>9.25 pm) and thus carry C(2)EN (Figure 4.5, panel E). This ratio

corresponds well with the transmission of C(2 )ENb Pr seen in both embryonic and adult

progeny. Of 171 sperm measured in the organs of females inseminated by C(2)EN*

196



Figure 44 An alysis of Sperm inside seminal receptacles
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Figure 4.4 Sperm in the seminal receptacles of a female after mating with a C(2)EN/0

male.

A. Low magnification image of an entire seminal receptacle stained with DAPI.

B. High-magnification image of sperm within the seminal receptacle. The long,

thin nuclei are sperm heads; the round nuclei are in the walls of the seminal receptacle.

This image is an optical section after deconvolution (image processing to restore

out-of-focus information; see Materials and Methods).

C. Contour measurement of the sperm from the data set shown in part B. Each of

the individual shaded lines corresponds to one sperm head, whose contour has been

traced manually through the 3-dimensional data stack using a mouse. Lengths are then

measured automatically by the 3-dimensional modelling function (Chen et al., 1996). All

sperm in this image are of the short, nullo-2 class.
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Figure 4.5

Distribution of different classes of sperm in the ejaculate of males or in the

storage organs of inseminated females. Data are presented as histograms showing the

relative frequency of sperm heads as a function of length.

A. Sperm transferred by wild-type males. Measurements of X- and Y-bearing

sperm were combined after it was determined that they showed no significant

difference in length.

B. Sperm transferred to females by C(2)EN+ males.

C. Sperm stored in the seminal vesicles and spermathecae within 4 hours after

insemination by C(2)EN+ males.

D. Sperm stored in the seminal vesicles and spermathecae 24 hours after

insemination by C(2)EN+ males.

E. Sperm stored in the seminal vesicles and spermathecae within 4 hours after

insemination by C(2 )ENb Pr males.
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males, only 3 (1.75%) were of the long, C(2)EN-bearing class (Figure 4.5, Panels C and

D). This value is again in precise agreement with the observed adult recovery and

embryonic transmission rates of 1.8%. These results show that the elimination of

C(2)EN-bearing sperm occurs between the point of sperm transfer by the male and sperm

storage in the female.

We examined the stored sperm from C(2)EN+ males in two separate experiments.

This was done primarily because there are relatively few sperm in the storage organs

following mating with C(2)EN* males and we wished to expand the number of sperm

available for analysis. In the first experiment, the storage organs were dissected out

within 4 hours following copulation. The distribution of sperm head sizes (Figure 4.5 C)

from this experiment shows two sharp peaks at precisely the lengths we had measured for

C(2)EN-bearing and nullo-2 sperm heads in the ejaculate of such males. However, after

24 hours a somewhat different distribution was detected in the storage organs (Figure 4.5

D): in addition to a peak at 7.5-8 pum and the much smaller C(2)EN-bearing peak at

10.5-11 pm, there was a new peak at 6-6.5 pm. This distribution was reproducible

among different females inseminated in separate vials by different males. For reasons

discussed below, we suspect that this peak is due to sperm that are devoid of both C(2)EN

º
***

}
4

|

}
and sex chromosomes.

*
4

201



DISCUSSION

The compound chromosomes are extremely useful for studying mitotic and

meiotic phenomena (Welshons, 1955; Mathog and Sedat, 1989; Cobbs et al., 1991;

Sullivan et al., 1993; Jang et al., 1995) In addition, they have proven valuable in

addressing developmental issues (Merrill et al., 1988; Vavra and Carroll, 1989). The full

exploitation of the compound two entire chromosomes has been precluded because the

behavior of these chromosomes during meiosis and their male and female transmission

rates remain undetermined. A combination of high zygotic mortality and the infertility

of matings between C(2)EN flies and other genotypes has obscured whether pre- or post

fertilization events are responsible for the reduced recovery of the paternal C(2)EN

chromosome. Differentiation between these alternatives has not been straightforward

using genetic approaches (Novitski et al. 1981; Strommen 1982).

In describing the synthesis of the compound entire autosomes, Novitski et al.

(1981) proposed that the low observed recovery of such chromosomes was likely to be

due to preferential zygotic mortality of progeny receiving such a chromosome from their

father. We addressed this question using in situ hybridization to detect the C(2)EN

chromosome in early embryos. This approach enabled us to include aneuploid nonviable

genotypes in the analysis. Reciprocal crosses between C(2)EN-bearing and normal

individuals (C(2)EN/0 x 2/2) produce C(2)EN/2 and 2/0 progeny. Through FISH

analysis, we scored the frequency of these two classes in early embryos and established

that the maternally derived C(2)EN chromosome is transmitted at the Mendelian rate of

50%. We also demonstrate that the paternally derived C(2)EN+ and C(2 )ENb pr

chromosomes are transmitted at rates of 2% and 42%, respectively. These values are in

agreement with those determined through adult counts.

Our analysis establishes that the full reduction in C(2)EN transmission through

males is detected in syncytial embryos and furthermore that chromosome loss during

mitotic divisions in the embryo is not observed. Thus, the reduced recovery of paternal
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C(2)EN chromosomes is a prezygotic phenomenon. Moreover we show that distortion of

male gametes occurs in the female reproductive tract between the time the female has

received sperm during mating and when sperm storage is completed.

In this respect, the C(2)EN-induced meiotic drive resembles the better-known

example of the Segregation Distorter (SD) system in Drosophila (for recent reviews, see

Lyttle 1991; Lyttle 1993). In males heterozygous for the SD mutation on chromosome 2,

the SD-bearing sperm are transmitted preferentially at the expense of homologous SD+-

bearing sperm. Careful ultrastructural work indicates that the SD+-bearing sperm

generally fail to individualize and are degraded by an editing process during the final

stages of spermiogenesis (Tokuyasu et al. 1977). To determine whether a similar process

might be removing C(2)EN-bearing sperm from the pool of gametes, we examined the

chromosome content of mature individualized spermatids in the testes of C(2)EN+/0

males. The C(2)EN-bearing and nullo-2 sperm were present in approximately equal

numbers even in the most mature clusters of individualized spermatids (see results and

Figure 4.3). However, this observation did not preclude the possibility that

C(2)EN-bearing sperm are removed in the seminal vesicle or vas deferens and are thereby

prevented from being transferred.

To address this possibility, we determined the ratio of C(2)EN* to nullo-2 sperm

in the uterus of females immediately after mating. While still encased in the membranous

spermatophore, ejaculated sperm were isolated from the uterus, fixed and stained. The

presence or absence of C(2)EN in individual sperm was determined through a

combination of in situ hybridization and measurement of sperm head lengths. This

analysis revealed that the female receives close to a normal Mendelian ratio of two

classes of sperm, even in the case of C(2)EN+, which is transmitted to fewer than 2% of

adult progeny (see results and see Figure 4.5, panel B).

The C(2)EN* to nullo-2 sperm ratios were also measured in the sperm storage

organs in the female; the seminal (or ventral) receptacles and the spermathecae. Sperm
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head size was used to differentiate the two classes of sperm in these organs (See text and

Figure 4.4). We observed strikingly different ratios of C(2)EN+-bearing to nullo-2

sperm in the uterus and the storage organs of the female. The pool of gametes transferred

upon mating contained close to 40% C(2)EN*-bearing sperm, but only 2% of the stored

sperm were of this class. For both C(2)EN+ and C(2 )ENb Pr, the fraction of nullo-2 and

C(2)EN-bearing sperm in the storage organs precisely mirrored the transmission rates

determined through adult counts and embryonic karyotyping (See text and Figure 4.5,

panels C, D, and E). These results indicate that the loss of C(2)EN*-bearing sperm

occurs primarily after the transfer of sperm to the uterus and before or during its storage

in the seminal receptacles and spermathecae.

Our findings raise the question of whether the loss of the C(2)EN sperm by the

female is a consequence of preferential sperm failure or preferential sperm utilization.

Several observations support the former possibility. The experiments summarized in

Table 4.1 demonstrate that the genetic background of the female does not influence the

recovery of the paternal C(2)EN, suggesting that the transmission rate is an intrinsic

property of the particular sperm and involves no active contribution by the female. There

are a number of reports that indicate that female Drosophila will use different classes of

sperm preferentially. However, such cases have been shown to be due to differential

utilization following sperm storage (Mange, 1970; Olivieri et al., 1970; Olivieri and

Tanzarella, 1973). This phenomenon is characterized by brood effects in which the

initially favored class of sperm becomes disfavored as the supply of stored sperm is

depleted. We have tested and found that the ratio of C(2)EN to nullo-2 transmission

among progeny produced by C(2)EN/0 males does not change over the course of the

brood (data not shown).

There are a number of reported instances in which sperm dysfunction is

manifested late in the life history of the affected sperm. For example, males carrying a Y

chromosome defective for the fertility factor kl-1 are sterile and show some degeneration
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of sperm in the their seminal vesicles. Nevertheless, such kl-1 males produce motile

sperm that are transferred to the female but do not enter the storage organs (Kiefer, 1969),

similar to our observations of C(2)EN-bearing sperm. Similarly, males that bear SD

mutations on both of their second chromosomes are nearly sterile, but nevertheless

produce large quantities of motile sperm (Hartl 1969, Erickson and Hartl 1976). One

report suggests that some sperm from such fathers are even stored in low numbers by

females following mating, but almost all fail to produce progeny (data from G. Miklos

presented in Erickson and Hartl 1976). In D. pseudoobscura, dimorphic sperm classes

are produced by males and stored by females, but only one class participates in

fertilization (Snook et al., 1994). These examples are presented to indicate that sperm

dysfunction can be exhibited at different points in the course of maturation, transfer to the

female, storage, and fertilization. Electron microscopy of the testes of C(2)EN/0 males

has revealed defects in head morphology reminiscent of other cases of sperm failure that

have been examined (Novitski et al., 1981).

Even in heterozygous SD/+ males, the degree of degeneration of SD+ sperm in the

testes is highly variable. This led Tokuyasu et al. (1977) to the conclusion that “the

virtually uniform failure of SD/SD+ males of different stocks to transmit SD+ to their

progeny, in spite of the nonuniform effect of SD on SD+ spermatids, then implies the

existence of mechanisms that operate between the storage of sperm in the seminal vesicle

[in the male] and fertilization of eggs in females and discriminate abnormal from normal

sperm more critically than do the individualization and coiling processes.” What they

inferred to happen to SD+ sperm, we have directly observed with C(2)EN-bearing sperm.

Also analogous to the SD system, some sperm carrying the C(2)EN* chromosome are

removed from the gamete pool in the male, since the fraction of C(2)EN*-bearing sperm

transferred to females upon mating is 36-38%, rather than 50%. (Figure 4.5 panel B)

We interpret our findings to indicate that preferential sperm failure causes the

distortion observed in the C(2)EN/0 males. An inequality in the two classes of sperm is
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established, probably during the course of spermiogenesis, which results in a difference in

the relative efficiencies of storage of C(2)EN and nullo-2 sperm in the female. The

differential can be large, as in the case of C(2)EN+, or small, as with C(2 )ENb pr Our

data do not address whether such defects in C(2)EN-bearing sperm are related to motility,

chromatin condensation, or other aspects of sperm anatomy. We have observed that the

number of sperm detected in the uterus immediately following copulation, and also the

total number in the storage organs of females and the number of fertilized eggs are

strikingly reduced in females inseminated by C(2)EN* males compared to wild-type

males (data not shown). Due to the fact that the storage organs are not filled to their

capacity by sperm from such males it is unlikely that the distortion stems from direct

competition between different gamete classes.

A common basis for meiotic drive?

In considering the underlying mechanism of distortion produced by the C(2)EN

chromosome, we are struck by further similarities to other meiotic drive systems in

Drosophila. The resemblance to the situation produced by large heterochromatic

deletions of the X chromosome is particularly illuminating (Figure 4.6).

Among the progeny of XY males carrying X chromosomes bearing large deletions,

such as the In(1)scºscº chromosome, gamete recovery does not follow a normal

frequency distribution (Figure 4.6 B). Primary nondisjunction of the sex chromosomes is

high in such males, almost certainly because the X chromosomes are deficient for sites

that normally mediate pairing with the Y chromosome and thus ensure regular segregation

(Cooper, 1964). Such nondisjunction of the type X,Y-->0 leads to the expectation that

XY and nullo-gametes should be recovered with equal frequency. Furthermore, the

reciprocal X- and Y-bearing gametes produced by regular disjunction or random

disjunction should also show equal recovery. However, in the case of the In■ !)sc4sc8X

chromosome, the recovery of the nullo-sex chromosome class exceeds that of the X;Y
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Figure 4.6

This diagram illustrates a model for sperm dysfunction based on a failure of

meiotic chromosome pairing. Three different male genotypes are represented: wild-type,

In(1)sc4sc8, and C(2)EN/0. Only the portion of the genotype germane to this discussion

is shown.

Each chromosome normally has a requirement to pair with a partner, signified by

a “bomb” with a burning fuse. Proper pairing extinguishes the bomb, which will

otherwise have potentially lethal consequences for spermatids that carry it. The most

prevalent pattern of pairing during prophase of meiosis I is shown for the relevant

chromosomes. Following prophase I, chromosome segregation takes place. In the

column labeled “segregation pattern,” reciprocal gamete classes are shown in shaded

boxes. Haploid genotypes that do not result in sperm dysfunction are shown with a white

background; those that do lead to dysfunction are lightly shaded. Part A. In wild-type

males, the X and Y chromosomes normally pair due to repeated sites within the rDNA

loci (McKee and Karpen, 1990). This leads to their disjunction, and spermiogenesis is

normal. Part B. However, in males carrying X chromosomes with large heterochromatic

deletions, such as In(1)scºscº, the X chromosome pairing sites are missing. X and Y do

not pair, and this induces a preferential failure of spermatids which carry the Y

chromosome, since the deleted X is also missing its “bomb”. Part C. In C(2)EN/0

males, X and Ypair in most meiotic cells, and the C(2)EN chromosome cannot satisfy its

pairing requirement by associating with X or Y, or possibly both. As a result, spermatids

carrying the compound chromosome will fail, and male transmission of this chromosome

is lower than Mendelian expectations. As described in the text of the discussion, the

C(2)EN chromosome will also pair with the sex chromosomes in some meioses, inducing

their nondisjunction, but for the sake of clarity only one scenario is shown.
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class and the X-bearing class exceeds the Y. Similar recovery patterns are characteristic

of other X chromosomes with large heterochromatic deletions (Peacock and Miklos,

1973; Yamamoto and Miklos, 1977).

Baker and Carpenter (1972) proposed a compelling explanation for this

phenomenon, and a similar explanation termed the pairing-dysfunction hypothesis was

subsequently presented by Peacock and Miklos (1973). They suggested that spermatids

containing chromosomes that failed to pair with their homolog during meiosis I have an

increased probability of becoming dysfunctional. Baker and Carpenter (1972) used the

analogy of an “armed bomb” on each chromosome that must be “defused” by a

mechanism that recognizes the paired state. The probability of becoming dysfunctional

(if the “bomb” goes off) is an intrinsic property of the particular chromosome. According

to this model, the In(1)scºscº chromosome has both an reduced ability to pair with the Y

chromosome, and also a lowered requirement for pairing. In those instances where X-Y

pairing does not occur, any spermatid that receives an unpaired Y has a relatively high

chance of failure. This accounts for the abnormally low recovery of both Y-bearing and

XY-bearing classes of sperm resulting from random disjunction or nondisjunction.

Examined in the light of this model, the meiotic drive produced by C(2)EN can

also be hypothesized to stem from a failure in proper chromosome pairing during

prophase I of meiosis. Compound two entire chromosomes contain blocks of

sex-chromosome-derived heterochromatin at the junctions between the 2L and 2R

portions of each arm (Novitski, 1976; Novitski et al., 1981). Let us suppose that this

heterochromatin can confer the pairing requirement normally possessed by a sex

chromosome upon the C(2)EN chromosome: it must pair with either X or Y or perhaps

both in order to be incorporated into a functional spermatid. If normal X-Y pairing

occurs, pairing of either chromosome with the C(2)EN cannot take place, and the vast

majority of spermatids containing the C(2)EN will consequently fail
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In a minority of cases, C(2)EN pairs with X or Y or both, and can thus be

transmitted. However, such aberrant pairing induces nondisjunction of the sex

chromosomes, resulting in C(2)EN <–> X, Y segregation, producing the exceptional

gamete classes [nullo-XY; C(2)EN] and [XY; nullo-2]. Each of these classes contains

neither a sex chromosome nor a C(2)EN that has failed to pair, and thus results in viable

sperm. This predicts that among the C(2)EN-bearing progeny that inherit their C(2)EN

paternally, there will be an excess of males, and the excess will be due to a high

frequency of XO males. We do observe an excess of males among such progeny (Table

4.1, lines 1 and 2). Moreover, in an earlier study that employed marked X and Y

chromosomes in males carrying C(2)EN* (Falk, 1983), it was shown that this excess is

due to X0 progeny. Of 148 progeny carrying the parental male's C(2)EN* chromosome

(2% of total progeny, very similar to our measured value), 26 carried the father's X

chromosome, 23 carried his Y, and 99 carried neither. Falk also showed genetically that

the compound two chromosomes carry functional rDNA repeats, which we now know to

contain sex chromosome pairing sites (McKee and Karpen, 1990).

It has been shown for the In(1)scºscº meiotic drive system that the degree of

distortion depends on the particular Y chromosome, as well as to other factors in the

genetic background (Peacock and Miklos, 1973; Yamamoto and Miklos, 1977).

Likewise, Strommen (1982) has demonstrated that the degree of C(2)EN distortion is

dependent on both intrinsic properties of different C(2)EN chromosomes and on the

particular Y chromosome in males in the stock. Clearly, there is a large degree of

variability in the properties of different Y chromosomes in Drosophila melanogaster

populations. Given this, it is not surprising that the different C(2)EN chromosomes we

have examined display such varied degrees of drive, since their sex chromosome-derived

sequences are presumably subject to the same modifying forces.

The variability in the effects of different C(2)EN chromosomes can be accounted

for by supposing that some C(2)EN chromosomes have a much lower requirement for
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pairing, or alternatively, that they are able to form trivalents much more effectively than

the extreme case of C(2)EN+. If the latter is the case, we would expect to see an excess

of males even among the patroclinous progeny of C(2 )ENb prlO and C(2)ENbw sp/0

males, which show relatively low meiotic drive, and this is not what we observed (Table

4.1, lines 4-6). For this reason, and also because (Peacock and Miklos, 1973) have

demonstrated a general tendency of high nondisjunction to correlate with strong meiotic

drive, we favor the idea that C(2)EN chromosomes that show low drive probably do not

induce sex chromosome nondisjunction in males to nearly the same extent as C(2)EN*.

The lower failure rate of sperm bearing unpaired C(2 )ENb pror C(2)ENbw sp
chromosomes could be due to alterations in the sex heterochromatin that either reduce the

probability of dysfunction or confer upon the C(2)EN chromosome the ability to meet its

pairing requirements via intrachromosomal associations.

Our interpretation of the basis for C(2)EN meiotic drive also strongly suggests

that the appearance of very short sperm heads in the storage organs of females 24 hours

after mating with C(2)EN+ males (Figure 4.5 panel D) is likely to represent sperm

lacking both chromosome 2 and any sex chromosome. On the one hand, nondisjunction

of the type 0 <->C(2)EN; X; Y to produce such gametes would be expected to be rare.

However, the pairing-dysfunction model, which postulates that sperm failure is the

consequence of the presence rather than absence of aberrantly paired C(2)EN or sex

chromosomes, predicts that all nullo-XY, nullo-2 exceptional sperm would be functional,

and would thus be present at distorted frequencies among the sperm actually utilized in

fertilization. The only viable progeny that would result are X0 sterile males that inherit

their C(2)EN maternally. This could account for the excess of males among the adult

progeny of C(2)EN+/0 males that inherit their C(2)EN from their mothers (Table 4.1,

lines 1 and 2). Moreover, this interpretation of the cause of C(2)EN meiotic drive also

accounts for the higher-than-expected zygotic mortality seen in such stocks, since meiotic
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nondisjunction will lead to significant numbers of aneuploid sperm, resulting in progeny

with lethal chromosome constitutions.

Our findings indicate that the meiotic drive produced by C(2)EN is

mechanistically related to other meiotic drive systems in Drosophila, particularly SD and

the sex chromosome drive induced by deletions of basal X heterochromatin. The “armed

bomb” theory proposed by Baker and Carpenter and the “pairing-dysfunction hypothesis”

of Peacock and Miklos have the satisfying feature that they further link each of these

phenomena by invoking a common point of origin at the time of meiotic chromosome

pairing. The molecular basis for such a system, and even its existence, are unknown.

The best-characterized meiotic drive system in Drosophila (or indeed anywhere) is SD,

where there is no evidence of impaired homolog pairing. Nevertheless, SD could be

incorporated into this general model by hypothesizing that in SD/+ males, the “bomb”

goes off on the SD+ chromosome because of an inability to sense that pairing has

occurred. Investigation into the mechanism of SD-induced drive has identified cis- and

trans-acting factors that are central to this drive phenomenon (Wu et al., 1988; Powers

and Ganetzky, 1991; Temin, 1991; McLean et al., 1994). Further characterization of

these components of the SD system will test the idea that meiotic drive and chromosome

pairing are interrelated. Cytological techniques such as those employed here may also

contribute to a better understanding of such phenomena, since they permit analysis of

defective gametes and nonviable zygotes, as well as the process of meiotic pairing itself.
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Appendix A. The Cytology of Telomeres

This appendix was published as a chapter in the book Telomeres by Cold Spring

Harbor Laboratory Press in 1995. The authors are Abby F. Dernburg, John W. Sedat, W.

Zacheus Cande, and Hank W. Bass. The purpose of the chapter was to review the

literature describing cytological studies of telomere organization and behavior. We

divided this subject into somatic and meiotic sections. I wrote the first section,

describing somatic telomere cytology, as well as the section entitled Experimental

Considerations and much of the Introduction. Hank Bass was responsible for the section

on meiotic telomere behavior.
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INTRODUCTION

Cytological observation of telomere behavior has a long history relative to our

understanding of the molecular organization of chromosomes. Evidence accumulated in

the late 19th century suggested that in a given organism the number and appearance of

chromosomes was a consistent feature of each nucleus. To understand the function of

these structures, investigators worked to describe chromosome movements, their global

organization within the nucleus and associations with each other. Chromosome ends

(telomeres) and spindle attachment points (kinetochores), were among the earliest

recognized features, and for this reason their behavior has been the focus of many studies

for over a century. More recent evidence, discussed in various chapters in this volume,

has shown that telomeres are specialized sequences that have roles in protecting

chromosomes from fusion and degradation and can also affect genetic activity. These

discoveries have spurred new interest in understanding telomere spatial organization and

dynamics.

There are significant differences between the conclusions about telomere

organization drawn from observations of somatic versus meiotic cells. This is at least in

part because some of the processes governing telomere behavior are probably specific to

meiosis. Because of these differences, in this review we will treat observations from

somatic and meiotic nuclei separately.

TELOMERE ORGANIZATION IN SOMATIC CELL NUCLEI

Cytological Techniques for Probing Telomere Organization.
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For more than a century investigators have attempted to elucidate elements of

order governing the interphase nucleus. Direct observation of interphase organization is

difficult because of the decondensed nature of the chromosomes, which renders them

indistinguishable in typical microscopic preparations. Nevertheless, the drive to

investigate interphase architecture arises because key aspects of nuclear function,

primarily gene expression and chromosome replication, occur during this phase of the

cell cycle. In the 1890s, the arrangement of interphase chromosomes was inferred from

cytological studies in which chromosomes were directly observed in the light microscope

during the condensed phases of the mitotic cycle. Over time, investigators took

advantage of stains which specifically bound to certain classes of genomic sequences in

fixed nuclei, based on either DNA base composition and/or the level of chromatin

compaction (Comings et al. 1973). Some of these staining methods allowed information

about interphase telomere organization to be obtained directly (for example, see Fussell

1977). Another method which has been used to label telomeres in interphase nuclei is to

deliver a pulse of radiolabeled nucleotides to mitotically active cells, of which a subset of

cells will incorporate label into late-replicating sequences, including chromosome ends

(Fussell 1975).

In addition, techniques were developed which allowed interphase chromosomes to

be artificially condensed; the resulting configurations could be interpreted to provide

information about native interphase organization (Sperling and Rao 1974; Sperling and

Lüdtke 1981; Cremer et al. 1982) Insect polytene chromosomes, which represent a

specialized kind of interphase organization, could also be directly visualized. Most

recently, nonisotopic in situ hybridization methods have made possible the detection of

defined sequences in a variety of diploid nuclei at different developmental stages; this

approach has allowed the observation of telomere localization within three-dimensionally

preserved interphase nuclei.
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Electron microscopy has also been used to elucidate aspects of telomere

localization. However, until the very recent application of in situ hybridization

techniques for the electron microscope (EM), this approach has been largely restricted to

the study of meiotic prophase, at which time the synaptonemal complex (SC) extends

along the length of chromosome arms, thereby allowing the chromosome ends to be

detected (see below). In the absence of such structures, telomeres are not distinguishable

in electron micrographs of interphase nuclei. For this reason, the experimental results

described in this section are almost exclusively obtained through light microscopic

analysis.

Despite the variety of methodologies that have been applied, we are still in the

early stages of identifying the principles governing telomere organization in interphase

nuclei. While the body of evidence is often conflicting, telomeres have been observed to

exhibit specific behaviors: in some cell types they are polarized within the nucleus, they

are often observed to localize to the nuclear periphery, and they may also cluster together

either pairwise or in other arrangements. In this section, we will document and discuss

the existing cytological data relevant to each of these aspects of interphase organization.

Telomeres as Indicators of Nuclear Polarity: the Rabl Conformation.

Observations of polarized chromosome arrangements predate the confirmation of

chromosomes as the units of inheritance. In 1885 Rabl described his observations of

mitotic chromosomes in living and fixed cells primarily from Proteus, an axolotl-like

amphibian, and from salamander and newt larvae (Rabl 1885). During anaphase, he saw

that centromeres are pulled toward the spindle poles and as a consequence are at one edge

of the mass of chromosomes; telomeres lag and thus remain at the opposite end. Rabl

was struck by the fact that chromosomes reappeared at prophase in essentially the same

configuration they had been in when they had “disappeared” upon entering the previous
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"resting" stage (i.e. interphase). He concluded that chromosomes maintained the

polarized arrangement induced by anaphase movement throughout interphase, with the

center of the V-shaped metacentric chromosomes at one pole and the chromosome ends

at the "anti-pole" (“Gegenpolseite”) on the opposite side of the nucleus. The clustering of

centromeres is more pronounced than that of telomeres, as evidenced by his drawings of

nuclei from different points of view (see Figure 1). Boveri (1885; see Wilson 1925)

watched nuclear division in embryos of Ascaris and his observations substantiated the

idea that chromosomes do not become significantly reorganized during interphase, and

also that in sister nuclei the chromosome arrangements display mirror symmetry.

A Rabl conformation has since been observed in a variety of organisms. In a

number of plant species, squashed preparations of prophase and telophase nuclei can

display polarized figures with chromosome arms arrayed in parallel, as in Figure 2a. It

has been noted, however, that for this arrangement to be preserved, the squashing must be

gentle or carried out prior to staining (Kitani 1963, Wagenaar 1969). A more commonly

reported arrangement of chromosomes in squashed preparations, whether of prophase or

prematurely condensed interphase chromosomes (discussed below), is for the

centromeres to remain clustered with the chromosomes arranged radially around them

and the telomeres at the furthest points out in the configuration, as illustrated by Figure

2b. The converse situation, with the telomeres clustered and the centromeres splayed out

around them, is never detected. One interpretation of such an observation is that the

forces which constrain centromere position are stronger, or at least less vulnerable to

disruption by Squashing, than the constraints that hold the telomeres at the other end of a

polarized interphase nucleus.

By the early 1970s, it was known that nuclei could be "differentially stained" to

reveal heterochromatic regions if they were treated with acid, high salt buffers, and/or

base prior to staining with Giemsa, Feulgen, or other DNA-specific dyes. It is likely that

these techniques specifically solubilize and thus extract the less condensed, euchromatic
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FIGURE 1. Prophase organization as drawn by Rabl (1
-

Schematic drawings of the organization of a prophase nucleus as seen from three

different views: a) the side; b) the "Polfeld", or centromeric pole; and c) the

"Gegenpolseite", or opposite side.
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FIGURE 2, Squashed chromosome preparations.

Two views of condensed chromosomes supporting the existence of a Rabl conformation

in a) a plant prophase nucleus (Wagenaar 1969), in which the chromosome arms are

arranged in parallel; and b) a prematurely condensed Indian muntjac deer fibroblast

nucleus (Sperling and Lüdtke 1981), showing a radial arrangement of chromosomes with

centromeres clustered in the center. The small metaphase chromosomes are from the

mitotic HeLa cell used to induce PCC.
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regions of the genome, leaving the condensed DNA behind (Comings et al. 1973). The

resulting pattern of chromosome bands depends on the nature of the treatments, but

protocols which involve extraction with base are generally referred to as "C-banding"

methods, and tend to highlight centromeric heterochromatin. Stack and Clark

demonstrated that C-banding regions in onion chromosomes (Allium cepa) are restricted

to the most distal regions, or telomeres (Stack and Clark 1973). Fussell has made use of

this knowledge to demonstrate a polarized arrangement of telomeres in C-banded

preparations of interphase cells (Fussell 1977). The extent of polarization is modest; the

telomeres are generally spread over a large portion of the nucleus, but the majority are

restricted to one hemisphere, as illustrated by Figure 3. Furthermore, the polarization is

not limited to meristematic (dividing) cells, but persists in differentiated onion cells. She

has proposed a model in which telomere spatial distribution is governed by the lengths of

individual chromosome arms (Fussell 1983; 1984). She attributes the polarization to the

Rabl conformation, i.e. the preservation of anaphase polarity. Analogous results have

been obtained using fluorescent in situ hybridization to look at telomeres in two other

plant species, fava or broad beans (Vicia faba) and peas (Pisum sativum) (Rawlins et al.

1991). This study was carried out on well-preserved root tip cells using three

dimensional fluorescence microscopy. Polarity of telomeres was observed in these

nuclei, but whereas the clustering was quite pronounced (telomeres restricted to ~10% of

the outer portion of nuclei) in fava beans, it was relatively subtle in peas, so much so that

telomere clustering is only detectable by visual inspection in a minority of pea root tip

nuclei.

A conundrum emerged from results of the study by Rawlins et al.: when mirror

image polarized telomere localization is present in sister nuclei, it is sometimes oriented

backwards with respect to the Rabl conformation: telomeres in two sister nuclei are on

the far sides of the pair of nuclei, not adjacent as would be expected as a relic of anaphase

(see Figure 3). However, much earlier studies suggest that this “anti-Rabl” conformation
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FIGURE 3. C-banding of onion chromosomes.

This image of two root-tip cells show that the darkly staining telomeres are polarized

within interphase nuclei (Fussell 1992). It is uncertain whether these two cells are sisters

(C. Fussell, personal communication), but if so they have "anti-Rabl" orientation, with the

telomeres on opposite sides.
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is probably the result of post-division nuclear rotation which has been observed to occur

in plant root-tip cells. Such rotations have been observed before in onion cells (reviewed

in Vanderlyn 1948), and Vanderlyn cites evidence from Heitz which demonstrates that

fava been root tip cells also displays nuclear rotation “with great frequency” (Heitz

1932). Vanderlyn also mentions that Belar found that this rotational motion occurs

independently in the two sister cells following telophase (Belar 1928). Although no

explanation has been put forth to explain why such a 180° rotation might occur in plant

root tips, it is possible that these movements have roles in the development of the

polarized root tissue, as has been established for early embryonic nuclear divisions of the

nematode Caenorhabditis elegans (Hyman and White 1987).

In Drosophila, the Rabl conformation is evident in polytene salivary gland nuclei,

in which the centromeric regions fuse to form a chromocenter at one edge with the

telomeres distributed at the other side (Mathog et al. 1984; Hochstrasser and Sedat 1987).

However, it has been observed that the conformation is often violated in other polytene

cells from D. melanogaster, particularly in cells from the midgut, possibly because these

cells are subject to large mechanical forces due to the peristaltic action of the gut

(Hochstrasser et al. 1987). The organization of telomeres in embryonic D. melanogaster

nuclei has also been investigated. In interphase embryos deprived of oxygen, the

chromosomes condense into readily visualized fibers which lie along the nuclear

periphery; centromeres can be directly observed at one pole of the nucleus and telomeres

near the other (Foe and Alberts 1985). This anoxia-induced condensation is reversible

and the embryos recover once normal oxygen levels are restored, which suggests that the

condensed nuclei can readily return to a normal interphase arrangement. Using high

resolution fluorescence microscopy, it has also been possible to directly trace the paths of

the individual chromosome arms in prophase and telophase of blastoderm stage embryos,

and again a highly polarized configuration is present (Hiraoka et al. 1990). In embryos,

however, the polarization axis is at 90° with respect to the orientation of the mitotic
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spindle axis; the nuclei divide in a plane parallel to the surface of the embryo, but then

reorient during telophase so that all the centromeres are facing out toward the surface of

the embryo, and the telomeres face in toward the embryo's interior. This reorientation

can be observed directly in live embryos injected with fluorescently labeled histones

(Hiraoka et al. 1989; and J. Minden, unpublished). In D. melanogaster embryos, as in

plant root tips, it appears that the Rabl centromere-telomere polarity can be preserved

even if the nuclei undergo dramatic rotations.

Specific chromosome orientation has been confirmed in interphase D.

melanogaster embryonic nuclei hybridized with a variety of fluorescent probes to many

loci. Probes near the distal ends of major chromosome arms are always seen in the region

of the nuclei furthest from the embyro's surface (Hiraoka et al. 1990; and A.F. Dernburg,

W. Marshall, J. Philips, and J.W. Sedat, unpublished observations) We are currently

investigating whether a similar polarized configuration is present in differentiated fly

nuclei.

Evidence of a Rabl orientation in mammalian cells is more controversial. One

way in which this has been examined is by premature chromosome condensation (PCC).

This method involves viral-mediated fusion of interphase and mitotic cells, and results in

condensation of the interphase chromosomes, rendering them visible in the light

microscope (Sperling and Rao 1974). When this is performed on fibroblast nuclei from

either Indian muntjac deer (Sperling and Lüdtke 1981) or a Chinese hamster cell line

(Cremer et al. 1982), the chromosome spreads are often arranged with the centromeres

grouped in the center and the chromosomes radiating outwards, with the telomeres at the

most distal points (see Figure 2b). This is consistent with a Rabl conformation but does

not exclude other possible chromosome arrangements. To investigate polarity in a

different way, interphase nuclei were irradiated with an ultraviolet (UV) microbeam in

specific sub-nuclear regions to cause DNA damage and stimulate repair (Cremer et al.

1982). Labeled nucleotides were incorporated during DNA repair, and when the nuclei
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entered metaphase the parts of the chromosome which had been in the irradiated region

could be roughly mapped along the length of spread metaphase chromosomes. When

cells were irradiated at one edge, a minority of chromosomes which incorporated label

(4/39 chromosomes in 9 different cells) showed patterns which indicated that DNA repair

had occurred at both ends, but not in the middle, implying that the ends can lie in one

region of the nucleus away from the centromere-proximal regions. The resolution of this

rather indirect approach is limited by both the ability to focus the microbeam and the

precision of mapping of silver grains along the metaphase chromosomes following

autoradiography.

More direct approaches have employed fluorescent in situ hybridization to

examine chromosome polarity in mammalian nuclei. In human neural tissue, evidence

contradicting a Rabl conformation has been found in a number of different cell types

(Manuelidis and Borden 1988). A telomeric probe can localize to the region of the

nucleus where most of the centromeres are also found. In mouse and human interphase

nuclei there have also been reports which cast doubt on the idea that a Rabl orientation is

universally present, since no apparent polarization of centromeres and telomeres was

detected (Billia and de Boni 1991; Vourc'h et al. 1993).

The best evidence for a true Rabl polarity would come from an approach where

both centromeres and telomeres can be examined together in interphase nuclei and shown

to occupy opposite poles, but to date, this has only been done in rare cases. Funabiki et

al, looked at both centromeres and telomeres in fission yeast by in situ hybridization, and

although the two sequences were never examined in the same cells, they were both

analyzed with respect to the position of the spindle pole body and could thus be

determined to localize to opposite ends of the nucleus (Funabiki et al. 1993). In contrast,

in human neural cells, centromeres and telomeres did not appear to occupy opposite

poles, nor did either chromosomal region have defined polarity with respect to the

cytoplasmic polarity of the cell (Manuelidis and Borden 1988). However, the evidence
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summarized in this section demonstrates that telomeres have polarized, nonrandom

distribution within at least some interphase nuclei.

Association of Telomeres with the Nuclear Envelope

It is still unknown whether the Rabl orientation, when it is observed, is simply a

passive consequence of anaphase chromosome movement or if there are active processes

required to maintain the polarization during interphase. An indication that the latter may

be the case comes from numerous observations that telomeres are found at or near the

nuclear periphery. This has led to the idea that telomeres may interact with the nuclear

envelope, either directly or mediated by telomere binding proteins. Boveri observed this

directly in living cells, noting that telomeres in telophase and prophase Ascaris embryo

nuclei appeared to reside in little alcoves, or evaginations of the nuclear envelope (Boveri

1909, and described in Wilson 1925). In almost every study where interphase telomere

localization has been examined in lower eukaryotes and plants, the chromosome ends are

described as being at the periphery of the interphase nucleus.

Proximity of the telomeres to the nuclear envelope has been reported in somatic

cells from plants, including root tip cells from onion (Fussell 1975), fava bean, and peas

(Rawlins et al. 1991), all of which also display some degree of nuclear polarization (see

above). Fussell has demonstrated that the apparent association of telomeres with the

nuclear envelope in interphase is not disrupted by immersion of the root tips in a solution

of colchicine, indicating that it probably does not depend on constant force exerted via

microtubules. The Rabl conformation and peripheral localization of the telomeres are

also resistant to the force produced by ultracentrifugation of the tissue (Fussell 1992).

In both Schizosaccharomyces pombe (fission yeast) and Saccharomyces

cerevisiae (budding yeast), telomeres have also been reported to lie at the nuclear

periphery. In budding yeast, the data come from immunostaining with antibodies to
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RAP1 (Klein et al. 1992), a protein which binds both telomeres and many promoter

sequences (see Chapters 5 and 6, this volume); the validity of this approach is addressed

below. In fission yeast, direct in situ hybridization has shown that subtelomeric DNA

probes are detected at the periphery of the DAPI-staining chromatin mass (Funabiki et al.

1993). In trypanosomes, fluorescent in situ hybridization with a telomeric probe has

identified three different classes of telomere distributions (Chung et al. 1990).

Trypanosomes exist in different forms in their two hosts (insects and mammals).

Looking at nuclei from both insect form and bloodstream form trypanosomes Chung et

al. observed nuclei with clusters of telomeres distributed throughout the volume, nuclei

whose telomeres were associated with the nuclear periphery, and a minority of nuclei

(<30%) whose telomeres were aggregated at one pole. In all of these unicellular

eukaryotes, the small nuclear size makes it difficult to evaluate the significance of the

observed subnuclear localization, as discussed below in Experimental Considerations.

Direct observation of Drosophila polytene salivary gland nuclei has demonstrated

that the chromosome ends lie immediately beneath the nuclear membrane (Mathog et al.

1984; Hochstrasser et al. 1986), but like the Rabl conformation, this rule is not always

observed in other polytene tissues, such as those from the larval gut (Hochstrasser and

Sedat 1987). In addition to telomeres, a number of other sites which may also correspond

to specific heterochromatic elements also are found near the nuclear envelope at high

frequency in salivary gland nuclei (Hochstrasser et al. 1986).

It has been noted that preparatory methods, particularly paraffin embedding of

tissues, can affect the detected distribution of chromosome sequences with respect to the

nuclear envelope. Katsumata and Lo (1988) used in situ hybridization to examine the

distribution of centromeric and telomeric DNA sequences in nuclei from a variety of

mouse tissues. In paraffin-embedded specimens, all hybridization signals were at the

nuclear periphery, including that from a probe comprising total mouse genomic DNA. In

contrast, in tissue which was hybridized without embedding, genomic sequences were
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distributed throughout the nuclear volume, while a telomeric probe from chromosome 3

was still localized to the periphery, suggesting that its peripheral position is not an

artifact. However, another in situ hybridization study of mouse nuclei found no

preferential localization of telomere signals to the periphery of lymphocyte nuclei

(Vourc'h et al. 1993). In fact, telomeres showed internal localization in such nuclei at a

frequency greater than that expected for a random distribution of points within a spherical

nucleus. This is one of the only studies to date which has included any statistical

comparison of observed telomere distributions with theoretical expectations. One

potential caveat, however, is that the lymphocyte nuclei were treated with the detergent

Triton X-100 prior to fixation and hybridization, and such treatment has been shown to

affect the number of sites of RAP1 antibody staining, and possibly telomere distribution,

in S. cerevisiae nuclei (Palladino et al. 1993a; 1993b) Furthermore, treatment of isolated

nuclei with detergent prior to fixation has been demonstrated to have dramatic effects on

chromatin organization as observed by electron microscopy (Belmont et al. 1989).

Electron microscopy has demonstrated close apposition of telomeres with the

nuclear periphery in meiotic cells (see section on meiosis, below). However, this

approach has not yet been rigorously applied to study interphase nuclei. In EM sections

from an onion, Allium fistolum, darkly staining, presumably heterochromatic bodies were

visible at the periphery of nuclei in premeiotic interphase (Church and Moens 1976), but

it cannot be said with any certainty that these regions represent chromosome ends. One

study has used a gold-labeled antibody to detect a biotinylated probe to simple telomere

repeats in interphase human lymphocyte nuclei, and a few signals were detected at the

periphery (Steinmüller et al. 1993). However, most of the telomeres are unaccounted for

in the images and a general statement about nuclear envelope attachment cannot be made.

With improvements in the technique, transmission electron microscopy combined with in

situ hybridization should eventually make possible a high-resolution view of telomere

localization in many cell types. A combination of biochemical and EM ultrastructural
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approaches will be essential in addressing the issue of nuclear envelope attachment of

telomeres, since the resolution provided by the light microscope is limited and for this

reason light cytology can only suggest, but cannot prove attachment.

Why Might Telomeres be Found at the Nuclear Periphery?

The observations that telomeres are frequently found at the outermost part of

somatic nuclei have led to speculation about what might cause such a localization, and

what if any its purpose might be. Biochemical techniques have demonstrated that human

telomeric DNA but not interstitial telomeric repeats can be cofractionated with the

nuclear matrix (de Lange 1992). While it has not yet been possible to demonstrate a

specific association of telomeric sequences with nuclear envelope proteins, approaches

such as UV-crosslinking may enable this to be examined in the future.

At this point in time, we can only speculate as to the significance of cytological

observation of telomeres at the nuclear periphery. It is possible that by associating with

the nuclear envelope telomeres may serve to anchor the chromosomes, thereby providing

a resistance to large-scale reorganization during interphase and preventing the

chromosome arms from becoming entangled. Additionally, linking telomeres to the

nuclear envelope might simplify homology search between chromosomes relative to a

search through the full three-dimensional nuclear volume. In conjunction with the Rabl

orientation, homologous telomeres would be constrained to lie in roughly the same plane,

reducing the complexity of the search even further (for discussions of this idea, see

Fussell 1984; 1987). However, this does not explain why telomere-nuclear envelope

associations might occur in somatic interphase. Although there is a significant body of

evidence to suggest that homologous chromosomes do associate in at least some somatic

interphase cells (reviewed in Avivi and Feldman 1980; Tartof and Henikoff 1991), such

associations are probably not a universal feature of interphase organization.

251



Another proposed function for peripheral localization of telomeres links the

subnuclear localization to genetic regulation. The idea is that proteins which repress

transcription are recruited to the nuclear periphery. By virtue of their peripheral

localization, telomeres confer a repressed state to closely linked genes; this is referred to

as “telomeric silencing” (reviewed by D. Shore, this volume). However, the only

cytological evidence to support this model for silencing relies on an indirect method for

detection of telomeric localization: RAP1 antibody staining.

RAP1 (repressor activator protein 1) is a transcription factor which binds to many

promoter sequences in S. cerevisiae and functions both in activating and repressing

transcription (Shore and Nasmyth 1987). It has also been found to bind in vitro with high

affinity to the S. cerevisiae telomeric repeats (C1-3A) (Berman et al. 1986; Longtine et

al. 1989), and to affect the maintenance of telomere length (Lustig et al. 1990) and the

stability of plasmids bearing telomeric sequences (Longtine et al. 1993). Because it was

demonstrated that the strongest RAP1 immunofluorescence was localized to the ends of

spread S. cerevisiae meiotic chromosomes, Klein et al. (1992) reasoned that determining

the localization of RAP1 was equivalent to determining the localization of telomeric

regions in interphase nuclei. They found that anti-RAP1 antibodies stained spheroplasts

in a punctate pattern, which was described as being predominantly at the nuclear

periphery. This was correlated with electron microscopic evidence showing peripheral

aggregates of anti-RAP1 antibodies, although the total number of grains detected by

immunogold labeling of yeast nuclei with RAP1 antibody is distributed essentially at

random throughout the nucleus. More recently, Palladino et al. have demonstrated by

immunofluorescence that the RAP1 localization pattern is more diffuse and lacking

prominent peripheral spots in mutant for either SIR3 or SIR4 (Palladino et al. 1993a;

1993b), two genes involved in silent information regulation which are also required for

telomeric silencing. Assuming that the change in RAP1 distribution reflects telomere
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behavior, they suggest that this implicates the SIR3 and SIR4 proteins in the normal

clustering and peripheral localization of chromosome ends.

While the RAP1 immunolocalization pattern is intriguing, direct observation of

telomeres can be performed with greater confidence using fluorescence in situ

hybridization. We have begun to carry out such experiments by performing hybridization

to intact, three-dimensionally preserved yeast cells (A.F. Dernburg, et al. unpublished

results). By combining immunofluorescence with in situ hybridization, we have been able

to compare the distribution of telomeric FISH signals with both RAP1 protein and also

with a marker for the nuclear periphery, a nuclear pore antigen identified by a

monoclonal antibody (MAb414 (Davis and Blobel 1986)). We feel that this is essential

because DNA stains such as DAPI or propidium iodide can be misleading indicators of

the nuclear boundary (Loeb et al. 1993). Our preliminary data suggest that telomeres are

not exclusively localized to the periphery in asynchronous S. cerevisiae cells; we are

currently carrying out statistical analysis to see whether their distribution differs

significantly from random. Furthermore, we have seen that in mutants which have been

described as affecting the localization of the RAP1 protein, immunostaining of RAP1 is

not a reliable marker for telomeres. In sir? and sir4 mutants, the localization of telomeric

DNA sequences by FISH is not notably different from that in the wild-type case. A

consequence of this result is that the localization of a genetic locus to a region of the

nucleus near or at the nuclear envelope is not sufficient to silence its transcription, since

telomere localization appears unaffected in sir? and sir4 mutants, yet telomeric silencing

is abolished.

While linkage to telomeres can negatively affect transcription in yeast, these

effects are limited to only very closely-linked genes, i.e. within distances of tens but not

hundreds of kilobases (reviewed by D. Shore, this volume). Ring chromosomes, which

often lack telomeric sequences, can replace normal chromosomes in Drosophila

melanogaster (Mathog and Sedat 1989; Lindsley and Zimm 1992), S. cerevisiae (Klar et
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al. 1983) and S. pombe (Fan et al. 1992). This would suggest that while telomere

proximity can affect genetic activity, it is not an essential component of regulation at any

given locus. While telomeric regions do in some cases have defined positions with

respect to the nuclear periphery, this could be the consequence of interactions which have

more to do with the mitotic behavior of chromosomes than with genetic regulation.

In cases where telomeres do have specific subnuclear localization during

interphase, it will be important to determine the cause of these nonrandom arrangements.

At least three possibilities exist: 1) Telomeres remain localized as a relic of their

telophase configuration, as suggested by Rabl (1885); 2) Telomeres are specifically

associated with localized nuclear components; or 3) Telomeres are nonrandomly arranged

as a consequence of the behavior of other parts of the chromosome. For example, if

active chromatin is actively held into the nuclear interior, inactive regions might simply

be excluded from that region.

It is very likely that we are still unaware of biological phenomena for which

nuclear envelope attachment of telomeres is actually important. In our naïveté, we may

not yet be asking the most critical questions about telomere attachment.

Telomere-Telomere Associations

Whereas a Rabl configuration may be rationalized as a relic of anaphase

movement, a different sort of telomere behavior has been described which is suggestive

of active processes. A number of studies have provided evidence for clustering of

telomeres in interphase nuclei, and even more intriguing evidence suggests that they may

interact pairwise to link all of the chromosomes in a nucleus in a chain. Microscope

preparations suggesting such an arrangement have been documented since the early part

of the century, and led to the idea that chromosomes form a continuous "spireme," or

chain, in the interphase nucleus. However, as early as 1937, Darlington expressed doubt

254



about such data, suggesting that "evidently the free ends of chromosomes are particularly

liable to collapse with defective treatment;" in other words, artifacts stemming from

fixation and dehydration might lead to a misleading view of telomere behavior

(Darlington 1937). Vanderlyn (1948) also noted that “certain fixatives will apparently

cause a confluence of chromosome ends, thus forming a serpentine chain, where other

fixatives reveal discrete, polarized chromosomes...” Nevertheless, the question of end-to

end association of chromosomes has remained open, and data obtained since Darlington's

time has given credence to the idea that in some organisms, at least, there is a marked

tendency of somatic chromosomes to appear in chain configurations. If telomere

clustering is observed in cytological preparations, it is important to bear Darlington's

concerns about artifacts in mind: clumping together of chromosomes in a random fashion

could potentially be induced by fixation. However, it is hard to envision how fixation

could result in a precise end-to-end linkage of chromosomes as exemplified by Figure 4.

Some of the most striking data suggesting that chromosomes are linked together

at their termini comes from plant nuclei. Wagenaar (1969) looked at prophase squashes

from four different plant species and observed that in favorable preparations the

chromosomes appeared to be chained together. Stack and Clark (1973) examined onion

chromosomes using a staining technique which preferentially highlights the

heterochromatin at the ends of the chromosomes. In both studies, some preparations

revealed fibers joining the telomeres of chromosomes in prophase. Stack and Clark

observed such connections in metaphase spreads as well, although Wagenaar did not

report connections persisting into metaphase, but this may have been due to differences in

fixation and/or staining techniques employed in the two studies. While most

chromosomes did not show end-to-end connections in their preparations, Stack and

Clarke noted that the linkages were observed more often when the squashing was

relatively gentle, as assayed by the degree of chromosome separation in the spreads, and

they thus reasoned that they had disrupted the majority of the connections. Linkages
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Appendix A – Figure 4
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FIGURE 4. End-to-end attachment of telomeres.

Squashed preparation (a) of a plant prophase nucleus has resulted in spreading of the

chromosome arms. In the interpretive drawing (b), centromeric regions are indicated by

II, and arrows point to the telomeres, which appear to be chained together by pairwise

links (from Wagenaar 1969).
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between both homologous and heterologous chromosomes were observed. In interphase,

the staining technique employed by Stack and Clark typically revealed roughly half as

many darkly staining bodies as the expected number of telomeres, and they explained this

result as stemming from the fusion of chromosome ends, as had been reported by

Wagenaar. Using both C-banding methods and radioactive labeling of late-replicating

DNA, Fussell has corroborated the presence of telomere-telomere attachments in onion

interphase nuclei, since she also detected fewer than the expected number of darkly

staining telomeres (Fussell 1975; 1977). The observation that such attachments are not

detectable during anaphase (Stack and Clarke 1973) implies that they must form de novo

during each cell cycle in order to be detected at interphase.

Similar studies utilizing preferential staining techniques on squash preparations

have been carried out on Ornithogalum virens nuclei (Ashley and Wagenaar 1974; and

Ashley 1979), which have the cytological advantage of a small number of chromosomes

(2n=6). In diploid somatic cells, associations were seen between both homologous and

heterologous telomeres. The chromosomes in O. virens tended to associate in a regular

pattern, but this may be in part due to the small number of chromosomes and the

correspondingly few permutations in which arms of similar length can be found in

proximity to each other. In contrast to these results, in pea and fava bean interphase

nuclei, there was a roughly one-to-one correspondence between the number of telomere

signals detected by in situ hybridization and the known number of chromosome ends,

implying that the telomeres are not fused (Rawlins et al. 1991). In some cases, two

signals were seen to be close to each other, but this would be expected in a random

distribution (see Figure 5 and the discussion in the section on Experimental

Considerations). Furthermore, what were described as "close" pairing of telomeres were

actually two signals separated by greater than one micron, a very large distance on a

molecular scale.
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Telomere end-to-end attachment in plants has been reviewed by Avivi and

Feldman (1980), who also mention cytological studies of the fungi S. cerevisiae

(Ramirez and Miller 1962) and Neurospora crassa (Namboodiri and Lowry 1967).

During mitotic division in these fungi, Giemsa- or orcein-stained chromosomes are seen

as two parallel strands of darkly staining bodies with fainter regions apparently

connecting them; each of the strands is thought to represent one haploid chromosome

complement. This data has been cited as further evidence for end-to-end attachment, but

there is no reason to believe that this phenomenon is equivalent to that described by

Wagenaar and others in higher plants, since the chromosome chains in fungi are most

prominent in anaphase, whereas the interactions between plant telomeres are abolished at

or before this stage (Stack and Clarke 1973). Nevertheless, in both S. cerevisiae and S.

pombe, there is some evidence for telomere clustering, but not in the precise end-to-end

chain configuration described above. In S. pombe, fluorescent in situ hybridization with a

subtelomeric probe has been used to examine telomere behavior in dividing cells.

Although the probe which was used covers only a small genomic region and is

consequently fairly faint, it is evident that in both haploid and diploid cells, fewer signals

are consistently detected in G2 nuclei than in metaphase cells. In S. cerevisiae, both

RAP1 antibody staining (Klein et al. 1992) and direct telomere in situ hybridization (A.F.

Dernburg, J.S. Minshull, and J.W. Sedat, unpublished observations) resulted in the

detection of fewer signals in interphase cells than the number of telomeres, and this has

been interpreted to mean that telomeres cluster together. In situ hybridization to

trypanosome telomeres reveals clusters, but probably not chains, regardless of their

subnuclear localization. Although seen in both insect- and mammalian-borne life stages,

clustering was more pronounced in the latter (Chung et al. 1990).

In insects, a chain of chromosomes has been reported to exist in somatic prophase

nuclei (embryonic ganglia) from a coccid, Chrysomphalus ficus (Hughes-Schrader 1957),
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although most of the cytological work in this species pertains to spermatocytes. Evidence

from both Drosophila hydei and Drosophila melanogaster also addresses the question of

telomere-telomere associations. In salivary gland polytene chromosome squashes from

D. hydei, fibrous end-to-end attachments are frequently seen and show a preferential

pattern of association among the chromosome arms (Berendes and Meyer 1968). They

are not abolished by protease treatment of the samples, so a DNA component was

proposed to contribute to the fibers. In D. melanogaster salivary gland chromosomes,

telomeres do not fuse into chromocenters, but fibers connecting pairs or groups of ends

are often observed, and they have been shown to hybridize in situ with a probe which is

specific for telomeres in some polytene nuclei (Rubin 1978), again implying that the

connecting fibers contain DNA. It should be noted that the fusion of all of the

centromeric heterochromatin in such nuclei into a chromocenter is probably a feature

specific to polytene cells. In diploid Drosophila cells, this does not occur, and so it is

possible that the interactions seen between telomeric heterochromatin of heterologous

chromosomes may also be a consequence of the specialized polytene state.

In diploid nuclei from Drosophila embryos, end-to-end associations have been

described in late prophase nuclei. However, these are restricted to interactions between

homologous chromosomes (Hiraoka et al. 1990), and there is no evidence for a

continuous chain of chromosomes. In embryonic interphase nuclei hybridized with

probes to loci near the ends of chromosomes, signals are often seen for both homologs,

indicating that telomeres may not maintain stable attachments throughout the cell cycle.

In diploid nuclei from later developmental stages, homologous chromosomes are believed

to be tightly associated, as suggested by both cytological and genetic evidence (Metz

1916, Tartof and Henikoff 1991, A. Dernburg, unpublished observations). This raises the

question of where along the length of the chromosomes does homolog association

initiate. It is unlikely that telomeres are required as an initiation point for somatic

homolog pairing in Drosophila, because homolog pairing can be detected at some
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proximal loci, such as the histone gene cluster, at a developmental stage when sequences

more distal along the same chromosome arm are still unpaired (Hiraoka et al. 1993; and

W. Marshall, A.F. Dernburg, and J.W. Sedat, unpublished observations).

Evidence for telomere-telomere associations in mammalian cells is less robust and

more controversial than in either insects or plants. However, it has been reported that the

number of telomeres detected with simple-sequence telomere repeat probes in murine

nuclei is roughly one-half the expected number (Vourc'h et al. 1993). This could be due

to either a less-than-100% detection efficiency, or alternatively, to telomere pairing. In

humans, some diseases can result in end-to-end fusions between chromosomes, forming

either ring chromosomes or dicentric linear chromosomes (reviewed by H. Cooke and T.

de Lange, this volume). In the case of one human patient with Thiberge-Weissenbach

syndrome, fusion of many chromosomes into a ring has been reported. (Dutrillaux et al.

1978) Furthermore, there is molecular and cytological evidence to suggest that the

normal human chromosome 2 stems from telomeric fusion between two ancestral ape

chromosomes (IJqo et al. 1991). It is not established whether these fusion events have

resulted from normal interphase associations.

How Wh Telomeres Associate With Each r?

Much of the evidence pertaining to mechanisms which might lead to telomere

telomere associations has been reviewed (Gilson et al. 1993a; Blackburn and Szostak

1984). As with telomere-nuclear envelope interactions, it is possible that some of the

unusual behavior of telomeric DNA observed in vitro, such as the ability to form non

Watson-Crick structures, may play roles in interactions between pairs or groups of

chromosome ends. Likewise, telomere-binding proteins may be involved, but so far we

have little evidence to shed light on which proteins might be important for such roles in

vivo.
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Dancis and Holmquist (1979) reviewed much of the data suggesting telomere end

to-end associations, and proposed a model to explain why this might occur. Linear

chromosomes need a way to replicate without the loss of an primer-length piece of DNA

from the ends. By associating in a closed ring, linear eukaryotic chromosomes could

solve the problem of linear chromosome replication in an analogous fashion to

prokaryotes: if the chromosomes are arranged with circular topology during the period of

replication, the problem could be (literally) circumvented. This is certainly a provocative

model, but more recent evidence demonstrating the existence and action of the enzyme

telomerase has led to the view that most eukaryotes handle the problem of replicating

linear chromosomes in a different way (reviewed by C. Greider, this volume).

Other investigators have proposed that the end-to-end attachments observed

between chromosomes in mitotic cells could be linked to a role in meiotic pairing of

homologous chromosomes (Wagenaar 1969; Ashley and Wagenaar 1974; and Ashley

1979). More recently, Sen and Gilbert (1988) have suggested a similar function for the

ability of telomeric sequences to form G-quartet structures in vitro. One problem with

this proposition is that in somatic cells, associations between both homologous and

heterologous telomeres have been observed, and so it is unclear how such arrangement

would facilitate discrimination and homology search. Furthermore, it is likely that

meiotic nuclei have a unique telomere organization, and that telomere associations

detected in somatic cells are thus not germane to the process of homologous chromosome

pairing in meiosis (see below).

Evidence suggests that even when polarized and peripheral localization of

telomeres is seen within interphase nuclei, telomere localization may be secondary to the

spatial determination of other nuclear structures, such as the nucleolar organizing region.

In fava bean and pea root-tip nuclei, where most of the telomeres are seen to be at the

periphery, one to three signals are seen to be associated with the nucleolus (Rawlins et al.

1991). In addition, it is likely that centromeric regions dominate over telomeres in terms
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of their subnuclear localization. Vourc’h et al. (1993) classified telomere positioning in

mouse lymphocyte nuclei, which have mostly acrocentric chromosomes, and found that

their data could be most easily interpreted as reflecting two separate pools of telomeres,

one of which behaved similarly to the centromeres, and the pool of (presumably) distal

telomeres, which have a distinct pattern of distribution. The most parsimonious

interpretation of this result is that telomeres which are near centromeres follow the

centromeric pattern of distribution, but it is also possible that the presence of a telomere

near a centromere on a chromosome modifies the nuclear localization of both elements.

In meiosis, at least in some organisms, the converse appears to be true. In meiotic

prophase, telomeres are often seen to be tightly localized, clustered on the nuclear

envelope, whereas centromeres are relatively loosely organized. This difference may

reflect a functional attachment of chromosome ends to cytoskeletal elements, most likely

microtubules, during the period of homology search and synapsis during prophase I (see

below). It is unlikely that telomeres play such a role in mitotic cells, in which

centromeres, and not telomeres, cluster at the side of the nucleus near the spindle pole

body (Funabiki 1993).

MEIOTIC TELOMERE ORGANIZATION

Abundant cytological evidence suggests that the localization and behavior of

telomeres during meiosis is distinct from that observed in any somatic nuclei. In this

section, we document the existing data pertaining to meiotic telomere organization. The

cytology of meiotic telomeres is often found in studies not devoted to telomere

organization, but the data from both light and electron microscopic studies are extensive

nonetheless.
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The distinguishing feature of meiotic telomere behavior can be observed during

prophase of meiosis I (prophase I) where the ends of most chromosomes are attached to a

small region of the nuclear envelope. This telomere cluster can be much more

pronounced than any described in somatic nuclei, even those with a clear Rabl

polarization as described above. This specialized configuration of chromosome ends is

referred to as the "bouquet arrangement" (Digby 1919) and was described in light

microscopic studies dating back nearly a century (see Farmer and Moore 1905).

Evidence will be presented that meiotic telomeres exhibit dynamic behavior,

showing dramatic rearrangements as a function of progression through prophase of

meiosis I (prophase I). An array of fundamental meiotic processes, including homology

search and recognition, synapsis, recombination, and synaptonemal complex (SC)

formation, also occurs during the highly specialized prophase I (for reviews see John

1990; Loidl 1990; and Rasmussen and Holm 1980). In order to understand how telomere

behavior might be functionally related to other meiotic processes it becomes important to

precisely determine the timing of the events which can be detected cytologically. For this

reason we focus on evidence which helps to document the precise timing of bouquet

formation.

Figure 6 illustrates the temporal relationship of the bouquet stage to the substages

of prophase I, and introduces some of the terminology to be used throughout this section.

Prophase I is typically longer than somatic prophases, often lasting several days (for

review, see John 1990). Based on the morphology of the chromosome fibers, it has been

divided into five discrete stages. The chromosome fiber morphology reflects the

sequential steps of homologous chromosome pairing, or synapsis, followed by

desynapsis, which eventually lead up to metaphase I and disjunction at anaphase I.

Chromosome pairing is first detected at zygotene, a stage which includes all nuclei with

intermediate degrees of synapsis. When synapsis is complete, nuclei are in the pachytene

stage, and the homologous chromosomes are connected along their length by the SC (von
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Wettstein, et al. 1984). The position of the cytoplasmic centrosome (Fig 6, csm), which

is always present, is indicated only in zygotene and pachytene in order to illustrate that

the centrosome is found near the base of the bouquet.

During the period in which telomeres form a cluster, there is also evidence that

they are tightly attached to the nuclear envelope. Ultrastructural analyses have shown

that during meiosis, chromosomes have unique axial structures, including axial cores,

lateral elements and eventually a complete SC. It has become evident that these

structures are attached at their termini to the nuclear envelope, and that the base of the

bouquet is near the cytoplasmic centrosome (Schreiner and Schreiner 1905b, Moens

1969; Moens 1973; and Loidl 1990). Investigations which have explored the nature of

these attachments will be discussed in light of evidence that the ends of the chromosomes

interact with the cytoskeleton.

Most recently, results from molecular biological and fluorescence microscopy

studies have sparked a renewed interest in the mechanisms of meiosis and increasingly
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FIGURE 6. The Bouquet Stage in Prophase I of Meiosis.

The progression of early meiosis I in a representative higher eukaryote is illustrated for

the five substages (listed above nuclei) of PROPHASE I (delimited by brackets). The

substages of prophase I are Leptotene (thin thread), Zygotene (coupled thread), Pachytene

(thick thread), Diplotene (doubled thread) and Diakinesis (for review, see John 1990).

The zygotene and pachytene nuclei show the "bouquet" arrangement (BOUQUET, large

arrows indicate the base of the bouquet). The base of the bouquet comprises the region

where the ends of chromosomes (shown as "Telomeres" for zygotene nucleus) contact the

nuclear envelope (NE). The position of the centrosome relative to the base of the bouquet

is indicated (csm). The duration of time where chromosome synapsis occurs (Synapsis of

Homologous Chromosomes) is delimited by brackets at bottom.
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implicate a role for telomere organization in meiosis (Padmore et al. 1991; Hawley and

Arbel 1993; Kohli and Bahler 1994; Weiner and Kleckner 1994; Chikashige et al. 1994;

Loidl et al. 1994; Scherthan et al. 1994). Therefore mechanisms by which the bouquet

arrangement could contribute to meiosis will also be considered.

The Bouquet Stage

Historical Observations of the Polarized Nucleus Stage".

The beautiful camera lucida drawings from the early 1900s established the

presence of a highly polarized arrangement of chromosome ends during prophase I (for

classical examples, see Farmer and Moore 1905; Schreiner and Schreiner 1905a; 1905b,

Grégoire 1907; Digby 1919; Gelei 1921; Janssens 1924). It did not escape the notice of

the early cytologists that the polarized nucleus stage seemed to correspond temporally

with meiotic chromosome synapsis. A more thorough historical perspective and review

of this early literature are found in the meiosis chapters of the text books by Sharp (1921),

Wilson (1925), and Darlington (1937). The term "bouquet stage" will hereafter be used

to refer to the configuration of prophase I nuclei in which telomere clustering at the

nuclear periphery is evident, whether or not the rest of the chromosomes are observable.

Striking examples of clearly displayed bouquet arrangements are seen by phase

microscopy in studies of salamander spermatocytes (Kezer et al. 1989). In contrast,

examples where telomeres are clustered near the nuclear envelope, but the characteristic

polarization of terminal chromosome segments is not obvious, can be found in S. pombe

(Chikashige et al. 1994), rye (Thomas and Kaltsikes 1976), and maize (compare Gillies

1975 and Chang and Neuffer 1989).

1. The phrase "polarized nucleus stage" (of meiosis) was used in the early part of the century to refer to
what we now call "the bouquet stage" of meiosis (see Fig. 6). The "polarized nucleus stage" is cited here in
reference to the early meiosis literature and is distinct from the "polarized nucleus", which we use in
reference to the Rabl orientation of chromosomes (somatic nuclei section, this chapter).
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In attempting to define the precise timing of the bouquet arrangement as studied

by light microscopy, a number of difficulties are evident. These difficulties stem in large

part from the absence of independent developmental markers, cytoplasmic or nuclear, to

distinguish the substages of prophase I. Additionally, an accurate determination of

substage is often complicated by the subtlety of changes from one substage to the next,

and the experimental loss of cytological detail that can result from commonly used

techniques such as acid and alcohol fixation and squashing. Despite these limitations, the

bouquet stage has been clearly established to overlap temporally with zygotene, but its

exact starting and ending points are less well defined.

The dynamic rearrangement of telomeres within the prophase I nucleus can be

most clearly elucidated in cases where it is possible to precisely stage meiotic nuclei.

Electron micrographs of meiotic chromosomes provide information about the spatial

relationships between telomeres, which can be identified by virtue of their location at the

ends of the SC (Moens and Pearlman 1990). The SC is a structure that connects the

lateral elements of homologous chromosomes (von Wettstein et al. 1984). The lateral

elements and their precursors, the axial cores, appear at leptotene and run the entire

length of the chromosomes by the onset of zygotene (Holm 1977). When full three

dimensional reconstruction is carried out by serial section methods, the meiotic stage of

the nuclei may be unambiguously identified, and for this reason such studies have

provided the most accurate information about the stage-dependence of telomere behavior.

The utility of this approach was first demonstrated by Moens (1969) on Locusta

migratoria spermatocytes where the ends of the chromosomes were observed to be

attached to the nuclear envelope and most tightly clustered at zygotene. Since then, a

number similar studies have confirmed the initial observations regarding the dramatic

stage-specific rearrangements of such terminal attachments as described in Table 1. The
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possible timing of cluster formation based on these studies has been restricted to the

leptotene to zygotene transition (Moens 1969; Rasmussen and Holm 1978). This

transition stage in maize, called prezygotene, was shown by three-dimensional light

microscopy to mark the specific relocation of terminal heterochromatic knobs to the

nuclear periphery (Dawe et al. 1994). In this study, the precise staging was made

possible by careful sample fixation and preparation combined with high resolution

microscopy.

The presence of a bouquet stage in so many different species is suggestive of a

highly conserved meiotic feature; however, there are important exceptions (see Chapter 4

of Darlington 1937). In a number of organisms which have been characterized at the

electron microscopic level, the critical stages have not yet been examined. For example,

the absence of a meiotic bouquet arrangement has been reported for a number of species,

but these observations were limited to nuclei at the pachytene stage (Lu 1967; Moens and

Perkins 1969; Gillies 1972; Byers and Goestch 1975; Carpenter 1975; Goldstein and

Slaton 1982; and Moens and Ashton 1985). Thus one can not rule out the existence of a

bouquet stage in these species, as pachytene nuclei often lack the bouquet arrangement

seen at earlier stages (Rasmussen 1976; Rasmussen and Holm 1978; Holm and

Rasmussen 1980). However, in Sordaria macrospora, three-dimensional reconstructions

from leptotene and zygotene showed that the ends of the SC were attached to the nuclear

envelope, but not obviously restricted to a small region of the nuclear envelope as would

be typical of a bouquet arrangement (Zickler 1977). Clustering may therefore depend on

the attachment of chromosomal termini, but may not be an inevitable consequence.

Drosophila females may be lacking such meiotic terminal chromosome attachments

altogether (Carpenter 1975). Interestingly, this organism lacks simple telomere repeat

sequences (reviewed in Biessmann and Mason 1994a; 1994b; and M. L. Pardue, this

volume).
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In organisms where it is known to occur at all, the bouquet stage is always

detected during zygotene. This might suggest a structure/function relationship between

the bouquet arrangement and synapsis, the final step of pairing in which homologous

chromosomes become intimately associated along their lengths. However, an important

unanswered question within this largely descriptive analysis is the arrangement of

telomeres preceding zygotene. Very recently, it has become possible to explore telomere

behavior during these stages in the light microscope.

Three-dimensional Fluorescence in situ Hybridization to Meiotic Telomeres,

It is now possible to visualize telomeres in the light microscope using DNA in situ

hybridization (Trasket al. 1993; Kohli 1994; Scherthan and Cremer 1994). The

advantage of such an approach is that it is not limited to the study of chromosomes during

the time in which either partial or complete SC is found, in contrast to the three

dimensional EM methods described above. This has enabled us to examine the

distribution of telomeres at any stage of meiosis utilizing optical sectioning, wide-field

microscopy (unpublished observations, H.W. Bass, W.Z. Cande, D.A. Agard and J.W.

Sedat). These experiments were part of an effort to understand the mechanisms

underlying homologous chromosome pairing (e.g., Dawe et al. 1994). This study used

maize meiocytes which undergo normal chiasmate meiosis, yield marvelous cytological

specimens, and provide genetic accessibility in the form of numerous meiotic mutants

and defined chromosome rearrangement lines (Carlson et al. 1988; Freeling and Walbot

1994).

The stage-specific rearrangements of the telomeres relative to the borders of the

chromatin and the nucleolus, both of which can be distinguished in the images of nuclei

stained with DAPI, are shown in Figure 7. Telomeres were found to be distributed

during leptotene throughout the volume occupied by chromatin (TL, panel A), clustered

during zygotene at the nuclear periphery (panel B), and beginning to disperse at early
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pachytene around the nuclear periphery (panel C). The telomere configuration at

zygotene and early pachytene (panels B, C) was indicative of a bouquet arrangement.

However, the positions of telomeres at leptotene seemed uniformly distributed throughout

the nucleus, except for the space occupied by the nucleolus. Other nuclei at leptotene and

premeiotic interphase
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FIGURE 7 Stereo pairs showing telomere rearrangements during meiosis. Meiotic cells

were fixed in formaldehyde, immobilized in acrylamide (Urata et al. 1995) and subjected

to DNA in situ hybridization using a FITC-labeled telomere-specific oligonucleotide

probe (5'-CCCTAAACCCTAAACCCTAAACCCTAAA-3). Following counterstaining

of the DNA with DAPI, 3-D digital data sets consisting of two images (DAPI and FITC)

per optical section (0.2 micron Z-step) were collected, processed, and modeled using the

hardware and software developed at UCSF (Hiraoka et al. 1991, Chen et al. 1995) The

positions of the telomere signals (TL, dots), the edge of the nucleus (NU, thin line), and

the edge of the nucleolus (NL, thick line) are indicated. Projections of the 3-D models

are arranged as stereo pairs representing data from nuclei at early leptotene (A), early

zygotene (B), and early pachytene (C). The stereo pairs are arranged with the left eye

image at center for both cross-eyed (left pair) and wall-eyed (right pair, stereo glasses)

viewing. Scale bars (at right) = 5 microns.
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were similarly analyzed and confirmed that the model shown (Fig. 7A) is typical.

Pairwise distance distributions of the telomere positions in leptotene nuclei showed

remarkable similarity to those from random points within a sphere (H. W. B.,

unpublished). These observations illustrate that the dynamic stage-dependent

rearrangements of telomeres can be characterized in 3-D using fluorescence in situ

hybridization along with optical sectioning light microscopy.

De novo Formation of the Telomere Cluster during Meiotic Prophase,

Until recently, the ability to observe telomeres in prophase I was limited to the

period during which components of the SC could be detected, beginning at late leptotene.

Given the lack of information about earlier stages, a reasonable explanation for the

telomere cluster was that it was derived from the chromosome arrangement of the

preceding mitosis; that is, from a Rabl orientation (Fussell 1987). However, using three

dimensional DNA in situ hybridization, we have observed that telomeres in early

leptotene are not limited to one hemisphere of the nucleus, but distributed throughout the

volume occupied by the chromosomes (Fig. 7A). Similar observations that telomeres do

not show pronounced clustering or restriction to the nuclear envelope during early

prophase have resulted from three-dimensional light microscopy (Dawe et al. 1994) and

from DNA in situ hybridization analyses of sections of spermatocyte nuclei from human,

mouse, and Chinese muntjac deer (personal communication, H. Scherthan, Univ.

Kaiserslautern, Germany). The mounting evidence from such studies of telomere

distributions strongly suggests that the clustering of telomeres during the bouquet stage is

not the result of a prior Rabl orientation. The bouquet cluster must form de novo between

leptotene and zygotene, and is therefore distinct from the Rabl orientation and from the

end-to-end telomere interactions described for somatic nuclei (Wagenaar 1969; Ashley

and Wagenaar 1972; 1974; and Ashley 1979). The dynamic nature of bouquet formation
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is suggestive of an active process which occurs during meiotic prophase (Gelei 1921; and

see Kezer et al. 1989).

In mouse spermatocytes, a telomere configuration has been observed which may

represent an intermediate in the formation of the bouquet. Telomeres were seen by

fluorescence in situ hybridization to localize to the nuclear periphery, but did not appear

to cluster (Scherthan and Cremer 1994). If peripheral localization or attachment to the

nuclear envelope generally precedes the clustered bouquet arrangement, this would

indicate that two sequential motility events, possibly mechanistically independent of each

other, might account for the telomere clustering seen at zygotene. First, telomeres move

to the nuclear envelope in middle to late leptotene. Second, during the leptotene to

zygotene transition, the membrane-associated telomeres move in the plane of the nuclear

envelope towards a small region of the nuclear envelope, the base of the bouquet. Such a

two-step model predicts that an intermediate arrangement of peripheral, but unclustered

telomeres, will be found in a number of species, and that such an arrangement would be

indicative of completion of the first step. Then, the congregation of nuclear envelope

associated chromosome ends would comprise the second step and mark the

commencement of the bouquet stage. This contribution of this second step to the

formation of the bouquet is fairly well established, first being suggested by Gelei (1921),

and subsequently confirmed at the ultrastructural level (Rasmussen and Holm 1978;

Bojko 1983).

Attachment of the Ends of Meiotic Chromosomes to the Nuclear Envelope

Electron microscopic analysis of meiosis yielded important new insights into the

structure and localization of meiotic chromosomes and their components. The

synaptonemal complex, first seen in electron micrographs, is a continuous axial structure

of synapsed chromosomes at the pachytene stage (Moses 1956; Fawcett 1956; and
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reviewed in Moses 1968). The SC is commonly found to be connected at its ends to the

inner membrane of the nuclear envelope (reviewed in Moses 1968; and von Wettstein

1984). These end-on attachments of chromosomes to the nuclear envelope are unique to

meiotic cells and may involve specialized structures that are revealed by electron

microscopy as local thickenings of the ends of lateral element or SC (see Solari 1970; and

studies from Table 1). In cases where they have been counted, the percentage of

chromosome end attachments at zygotene or pachytene typically ranges between 80 and

100% attached (e.g., see papers listed in Table 1).

Telomere association with the nuclear envelope in meiocytes is resistant to

experimentally applied forces (reviewed in Hiraoka 1952c). Hiraoka subjected pollen or

spore mother cells (at meiotic prophase I) to centrifugation and found that the meiotic

chromosomes could be displaced within the nuclei. Treating meiocytes with solutions of

varying osmotic strength, he observed reversible chromosome contraction within the

nuclear volume. However, in both cases the chromosomes remained attached to the

nuclear periphery and these attachments were localized to the base of the bouquet, as in

unperturbed meiocytes (Hiraoka 1952a; 1952b). The tendency of small patches of the

nuclear envelope to remain tethered to the ends of surface-spread meiotic chromosomes

suggests strong attachments between chromosome ends and some component of the

nuclear periphery (Comings and Okada 1970; Solari 1972; Counce and Meyer 1973;

Moens et al. 1989; and Klein et al. 1992). The nature of these attachments remains

largely unexplained. Whether they depend on the presence of telomeric repeat sequences,

specific subterminal sequences, or some unique structure at the end of the meiotic

chromosome is unknown.

Evidence for Telomere - Cytoskeleton Interactions
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The restriction of telomeres to a small region of the nuclear envelope during

prophase I is suggestive of an active process, the nature of which is poorly understood.

However, a variety of circumstantial evidence suggests that the bouquet stage may

involve an interaction of the chromosome ends with the cytoskeleton. It has long been

noted that the centrosome is closely juxtaposed with the base of the bouquet (see Fig. 6).

This proximity was described nearly a century ago (e.g., Schreiner and Schreiner 1905b).

Recently, it has been demonstrated in meiotic cells of the fission yeast, S. pombe

(Chikashige et al. 1994), and seems to reflect a stage-specific organization of cellular and

nuclear structures (see Hiraoka 1952c). Although the presence of structures connecting

meiotic chromosomes to the centrosome have rarely been reported, observation of fibrous

attachments between the ends of chromosomes and the centrosome has been noted in

electron micrographs of Neurospora meiocytes(Bojko 1990). Prior to metaphase I, the

centrosome replicates and the two daughter centrosomes move towards the future spindle

poles. In some species, the two partially separated centrosomes remain associated with

the ends of chromosome cores resulting in the appearance of two partial bouquets

(Hughes-Schrader 1943, and Moens 1973). Taken together, these observations lead to

the conclusion that the ends of bouquet-stage chromosomes are associated in a yet

undetermined manner with the centrosomes. In plants, which have neither centrioles nor

spindle pole bodies, one might expect to find a microtubule organizing center near the

base of the bouquet, but this has not yet been documented.

Another line of evidence for cytoskeletal involvement in meiotic chromosome

behavior comes from studies using microtubule-disrupting reagents. Colchicine or

colcemid treatments have been shown to have detrimental effects on meiotic chromosome

movements, synapsis, and crossover frequencies (reviewed in Loidl 1990; see also

Rickards 1975). In one study, an isochromosome-bearing line of wheat was used to

distinguish between two steps of homolog pairing (Driscoll and Darvey 1970). An

isochromosome has two homologous chromosome arms joined to a common centromere,
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allowing it to pair and recombine with itself, resulting in the formation of visible

chiasmata. Colchicine treatment reduced chiasmata frequency for all chromosomes

except for the isochromosome. From these data, the authors concluded that colchicine

reduced chiasmata formation by preventing the first of two separable steps in pairing, that

of establishing spatial proximity between homologs. They suggested that the process

which leads to close spatial proximity of homologs requires the participation of

microtubules. Another study describes the biochemical effects of colchicine treatment on

cultured lily meiocytes in early prophase (Hotta and Shepard 1973). Their results suggest

that colchicine affects meiotic chromosome behavior in living cells in part by altering the

properties of the nuclear envelope. Two observations support this idea: 1) membranous

fractions of meiotic nuclei can be labeled in vitro with 3H-colchicine, and 2) DNA

binding activity that is associated with nuclear envelope preparations (Hotta and Stern

1971) can be quantitatively reduced by pretreatment of the meiocytes with colchicine.

Although a direct contribution of the nuclear envelope to synapsis remains to be seen,

these and other similar studies demonstrate the potential for biochemical analysis of

bouquet formation (reviewed in Stern and Hotta 1974; and in Loidl 1990).

Interpretation of the effects of microtubule-disrupting drugs on chromosome

behavior requires caution, as is often the case with drug studies. A clear interpretation of

these studies is made difficult in the absence of a demonstration that microtubule arrays

are disrupted or abolished by the drug treatments. To complicate matters further, many

other specialized movements of nuclear and cytoplasmic structures are occurring during

meiotic prophase. Novel arrangements of many nuclear and cellular structures including

nuclear pores, heterochromatin, the Golgi apparatus, mitochondria, plastids, and fat

bodies appear at the onset of the bouquet stage in various organisms (Marengo 1949;

Hiraoka 1952c, Dover 1972; Fabbri and Bonzi 1975; Church 1976; Holm 1977; Hiraoka

and Fuchikawa 1993, Dawe et al. 1994). Their disruption by microtubule

depolymerizing drugs has not been investigated. It is possible that the effects of
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microtubule drugs on meiotic chromosome behavior are indirect, although specific

cytoskeleton-dependent forces may play be important in the formation or maintenance of

the bouquet arrangement.

Further evidence that meiotic telomeres may interact with the cytoskeleton comes

from the remarkable demonstration by Chikashige et al., (1994) that the meiotic prophase

nucleus of S. pombe is highly motile, accounting for the characteristic long "horse tail"-

shaped nucleus found at this stage. In time-lapse images of living cells, the nucleus

appears to be dragged back and forth by one end over the length of the cells. The authors

used DNA in situ hybridization and immunocytochemistry to demonstrate the

localization of both telomeres and the spindle pole body (centrosome), respectively, to

the pointed or leading end of the horse-tail nucleus. This study represents important new

progress in trying to understand the mechanistic link between telomere clustering and

active chromosome or nuclear motility during prophase I. Because S. pombe lacks the

SC (see Bahler et al. 1993), and the nucleus is very small, it is difficult to accurately

pinpoint the position of the telomeres relative to the nuclear envelope. It will be

interesting to explore the sensitivity of the motility events described in S. pombe to agents

which perturb microtubules, microfilaments, transcription, or protein synthesis. Such an

approach may provide a more thorough accounting of the role of telomeres in prophase I

chromosome behavior.

Preferential Initiation of Synapsis at the Ends of Chromosomes

Cytogenetic, genetic, and EM analyses of meiotic homolog pairing have

established that synapsis frequently initiates near the ends of chromosomes (Tabata 1962;

1963; Kasha and Burnham 1965; and Burnham et al. 1972). Based on these types of

studies, the attachment of the ends of lateral elements to the nuclear envelope is believed

to contribute to efficient and accurate homologous chromosome synapsis (Moens et al.
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1989). However, this idea has rarely been tested and is somewhat weakened by the

observations that ring chromosomes, lacking telomeres, are capable of undergoing

recombination and synapsis (see Maguire 1984).

One frequently cited model invoking the participation of telomeric sequences in

meiotic synapsis holds that the telomere repeat sequences of homologous chromosomes

fuse during meiosis by a parallel G4-DNA structure (Sen and Gilbert 1988). The G-4

structure is formed by interaction of the telomeric simple repeat sequences, and can be

observed in vitro under physiological salt concentrations (see Chapter 2). However, if

homologous telomeres were fused according to the model, their detection by DNA in situ

hybridization would reveal only one signal, yet two spots are commonly observed at the

ends of synapsed meiotic chromosomes (Moens and Pearlman 1990; and H.W. Bass,

unpublished). The apparent commitment to synapsis occurs when homologous lateral

elements approach a distance of 0.3 microns. At this point, the formation of the SC is

initiated (Moens 1969; and reviewed in von Wettstein et al. 1984). In a careful electron

microscopic study, it was shown that when synapsis initiates near the ends of the

homologous chromosomes, the distance between the corresponding lateral element

nuclear envelope attachment points is greater at zygotene than that eventually seen at

pachytene (Moens 1969). Therefore, the initiation of synapsis at the ends of

chromosomes may be facilitated by the gathering of chromosome ends, the defining event

of the bouquet stage. However, a persistent fusion of telomeric sequences (via inter

homolog G-4 quartet, as in Sen and Gilbert 1988) is not preserved in cytological samples

of zygotene and pachytene nuclei indicating that a fusion of telomeric repeat sequences is

unlikely to play a prominent role, if any, in homologous chromosome synapsis.

Why does synapsis preferentially initiate at the ends of chromosomes? One

explanation is that the bouquet arrangement facilitates chromosome pairing by bringing

homologous subterminal regions into parallel alignment within a small region of the

nuclear volume (for a probabilistic analysis, see Berrios and Fernandez-Donoso 1990).
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To understand the role of telomere clustering in meiotic pairing and synapsis, we will

need to find methods which accurately monitor the progression of pairing and synapsis,

phenomena whose mechanisms remain elusive. Failures in synapsis are difficult to

observe during zygotene or pachytene. Instead, errors in pairing are usually reported as a

reduction in chiasmata frequency, departure from standard bivalent arrangements, or

decrease in gamete viability. Furthermore, our inability to specifically disrupt bouquet

formation by experimental perturbation limits our ability to assess causal role for the

bouquet arrangement in the initiation of synapsis. Without clear demonstration that the

bouquet arrangement is important, virtually any role for meiotic telomere clustering,

including none, is plausible (Kleckner and Weiner 1993; Maguire 1984). Eventually,

cytological studies of telomere behavior may converge with other approaches to elucidate

the role of telomeres in homolog pairing and synapsis.

EXPERIMENTAL CONSIDERATIONS IN EVALUATING IN SITU

HYBRIDIZATION DATA

Because it is likely that the ease of performing in situ hybridization will

encourage many investigators to pursue cytological analysis of telomere distribution, it is

worth discussing some of the issues which must be considered in evaluating such data. A

number of factors complicate the analysis of telomere positions in three-dimensional in

situ hybridization data. We discuss three different aspects of experimental work: the

nature of light microscopy, the process of analyzing light microscopic data, and the

microscopic sample itself.

Light Microscopy as a Tool for Understanding Spatial Distribution of Telomeres
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One class of problems stems from the limitations of the microscopy. The

resolution of even the best fluorescence microscopy utilizing out-of-focus information

removal techniques is inherently limited to ~0.2 pm in the x-y plane orthogonal to the

lens axis (Bradbury 1989), and is significantly poorer in the z direction, typically 0.4–0.6

pum. Two objects which are closer together than the resolution limit will merge together

in the image. Thus if the signals from two separate telomeres are closer than 0.2 pm,

they will appear to be coincident, but this cannot be taken to imply association at a

molecular level. Since the nuclei studied are generally only a few microns in diameter

without artificial enlargement by swelling techniques, the resolution limit is a significant

fraction of the total linear dimensions. This becomes very significant in organisms with

small nuclei, such as S. cerevisiae, with a haploid nuclear diameter of only 1.5-2 plm.

It is also crucial to recognize that the volume of a given shell of a sphere

increases with the cube of the distance from the center of the sphere. Thus a random

distribution of a given signal within a nuclear volume will appear to be "peripheral",

because there is much more volume far from the center than close to it. A point placed at

random within a spherical nucleus will fall at a median position 4/5 of the distance

between the center of the nucleus and the periphery. This means that caution is required

in describing signals as "peripheral", as opposed to random, without careful statistical

analysis. In a yeast nucleus, which is only 1.5-2 pum in diameter, randomly placed spots

will appear to be "at" the nuclear periphery (i.e. within the 0.2 pm resolution of the

microscope) at least 50% of the time. For this reason, it is clearly preferable to perform

light cytology on large nuclei. However, it is of greatest interest to image nuclei of

organisms which are also suitable for functional studies using genetic and/or biochemical

approaches, and these criteria are not compatible in many cases. Particularly when

imaging small nuclei such as those from yeast, Drosophila, trypanosomes, Arabidopsis

and other laboratory organisms, it is crucial to make use of good-quality optics and to

minimize the contribution of out-of-focus information to each optical section using either
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a confocal or computation-based approach. Even given the best available optical system,

the inherent limitations must be kept in mind.

Statistical Considerations

A second area of complication in three-dimensional data analysis arises from the

necessity of applying statistics in order to make meaningful statements about telomere

distribution. The human brain can be a misleading instrument in evaluating spatial

distribution. To illustrate, we have borrowed a demonstration from a discussion on

related issues from one of Stephen Jay Gould's books of scientific essays (Gould 1991).

Figure 5 shows two different computer-generated distributions of spots within a two

dimensional field. At first glance, the field on the right may appear to be more “random”,

and in the left-hand field the eye is inclined to pick out clusters and constellations of

spots. However, it is actually this field which represents a random distribution; the

reason that the spots on the right are more evenly spaced is because there is non

randomness imposed in that each spot has a “zone of inhibition” around it; no spot is

allowed in a square adjacent to an existing spot. This very human tendency to misread

clustering as a nonrandom event has obvious implications for the analysis of telomere

hybridization data, and illustrates why objective, statistical approaches are essential.

However, performing statistical analysis on three-dimensional microscope data

poses a number of problems. Difficulties arise in comparing nuclei which are

heterogeneous in size or shape; some normalization must be applied to allow such nuclei

to be evaluated together. In order to determine whether a consistent nuclear polarity

exists, some landmark must be used as a reference point; this is nearly impossible in

isolated nuclei, and for this reason it is preferable to examine nuclei within intact cells or

tissues. It is then possible to use cellular components such as the centrosome as a

reference. In an intact tissue, information about the cell cycle and developmental state of
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individual nuclei may also be available which can render observations of telomere

organization more meaningful. For example, in a blastoderm-stage Drosophila embryo,

one has the opportunity to draw conclusions based on comparison of a large number of

nuclei (Hiraoka et al. 1993), all of which are at the same point in the cell cycle and which

are also developmentally equivalent (see also discussion in Chung et al. 1990).

Another challenging complication is that a microscope sample may include cells

with a number of different but nonrandom telomere distributions. Pooling all the nuclei

together for statistical analysis might give the result that the distribution is disordered.

One approach which has been used successfully to overcome this problem is to sort

nuclei by DNA content so that G1, S-phase, and G2 nuclei could be examined separately

(Vourc'h et al. 1993). Indeed, it was shown that telomeres can change their distribution

within the nucleus as the cell cycle progresses. However, this technique requires nuclei

which can be prepared as a suspension, which sacrifices information about other cell

components and tissue polarity. One possible solution might be to use a multivariate

statistical approach to objectively determine whether multiple discrete classes of nuclear

configuration exist, but this requires data better than any reported to date in terms of

numbers of nuclei and digitized information about the nuclear volume and spatial

distribution of hybridization signals.

Sample Choice and Treatment

A third class of considerations in applying fluorescence in situ hybridization

technology to examine telomere distribution is the selection of the specimen and its

treatment. Nuclei are generally chosen for analysis either because they represent an

experimentally tractable and interesting system, or because they are well-suited for

microscopic cytology and analysis. Both budding and fission yeast have the advantages

that genetic approaches are relatively rapid and simple in these fungi, and for this reason
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it might be expected that mutants affecting nuclear organization could be isolated and

evaluated (Funabiki et al. 1993). Fission yeast have the additional advantage of a small

number of chromosomes, and correspondingly simple hybridization patterns, whereas

haploid budding yeast have sixteen chromosomes. Conversely, mammalian lymphocyte

nuclei are cytologically advantageous because they are quite spherical and the cells can

be cultured readily, but genetic variants are not easily generated. Because at this time we

know very little about what roles any aspect of subnuclear localization may play in

mitotic, transcriptional, and other aspects of cell physiology, it will be important to

evaluate organization in a plethora of cell types including mitotically active cells,

differentiated cells, polarized cells, and so forth.

In addition to choosing a suitable organism, a protocol must be chosen which

enables the detection of telomeric sequences. It is preferable to minimize the perturbation

of cells while carrying out cytological studies, yet detection of specific sequences,

whether by C-banding or in situ hybridization, requires fixation and chemical treatments

which denature chromatin. For many years after the development of in situ hybridization,

the technique was only applied to isolated nuclei or cells which had been swollen by

hypotonic treatment and then flattened on slides fixed using alcohol/acid fixative. This

approach is unsuitable for evaluating whether sequences lie internally within nuclei or on

the nuclear periphery, and it is also problematic in determining whether nuclear polarity

exists. Approaches which preserve the three-dimensional nature of the nuclei are more

challenging with respect to microscopy and analysis, as discussed above, but are clearly

warranted to obtain an understanding of nuclear organization. It has been demonstrated

that in situ hybridization techniques may be successfully applied to whole-mount,

formaldehyde-fixed tissues without a requirement for protease treatment or harsh

detergents (Ferguson and Ward 1992, Rawlins et al. 1992 and Vourc'h et al. 1993); such

protocols have been developed for a number of Drosophila tissues and for S. cerevisiae

cells (A.F. Dernburg and J.W. Sedat, unpublished), and are probably applicable to many
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if not all cell types. When possible, multiple protocols should be employed and the

results compared in order to alleviate the concern that artifacts have been induced by cell

treatment (for examples, see Chung et al. 1990 and Hiraoka et al. 1993).

CONCLUSIONS AND FUTURE PROSPECTS

We are still in a stage of simply trying to observe the behavior of telomeres in

interphase cells. Despite the observational nature of this work, it will be important to

catalog the behavior of telomeres in a large number of biological systems, to see which

observations may be generalized, and which are dependent on the organism or cell type

under study. The coming of age of in situ hybridization methodology for both the light

and electron microscope will facilitate such studies.

It is likely that some of the disparity among the results of cytological studies of

telomeres is a consequence of the dynamic nature of cells and chromosomes. Cytological

observation has generally demanded that tissues be fixed and stained, resulting in a

"snapshot" view of chromosome organization. Since some elements of nuclear

organization are clearly dynamic and thus difficult to make sense of by observation of

fixed tissue, it will be advantageous to develop methods for visualizing telomeres in three

dimensions within living cells. The identification of a number of telomere-associated

proteins may provide appropriate tools since it has become possible to introduce

fluorescently labeled, functional proteins into living cells (Wang and Taylor 1979, Wang

and Hazelrigg 1994). Once a clear picture of telomere behavior is established, it will be

important to search for conditions which perturb the distribution of telomeres in order to

gain insight into functions that are dependent on localized distribution.

In somatic cells, aspects of telomere organization, such as the prevalence of the

Rabl orientation, potential nuclear envelope associations, and end-to-end attachments of
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chromosomes from prophase through telophase can be found in numerous species, yet the

biological significance of such arrangements remains elusive. It is suggested that care

must be taken in characterizing the spatial arrangement of nuclear components by

microscopic observation.

In meiotic cells, telomeres are dynamic, clustering at zygotene to form the

bouquet arrangement. This unique nuclear arrangement is likely to be functionally linked

to the process of homolog pairing and synapsis. It will be of great interest to identify

components which contribute to formation and maintenance of the bouquet. The

relationships of the telomeres, the nuclear envelope, and the microtubule organizing

centers can be explored by cytological, biochemical and genetic methodologies in order

to test the causal role of telomere clustering in the processes underlying meiosis.
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Appendix B. The onset of homologous pairing during

Drosophila melanogaster embryogenesis

This appendix was published as an article in the Journal of Cell Biology (1993)

120, pp. 591-600. The authors are Yasushi Hiraoka, Abby F. Dernburg, Susan J.

Parmelee, Mary C. Rykowski, David A. Agard, and John W. Sedat. Although I was not

the primary author of this work, it formed the basis for most of the methodology and

many of the biological questions I have addressed in this dissertation, and so I have

included it here for reference. My role in this work was to assist with some of the

experiments and to rewrite the manuscript, starting from a rough draft by Dr. Hiraoka.
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nuclear cycle 13. By dramatic contrast, the two ho
mologous clusters were found to colocalize with high
frequency during interphase of cycle 14. Concomitant
with homolog pairing at cycle 14, both histone loci
were also found to move from their position near the
midline of the nucleus toward the apical side. This re
sult suggests that coincident with the initiation of
zygotic transcription, there is dramatic chromosome
and nuclear reorganization between nuclear cycles 13
and 14.

The Onset of Homologous Chromosome Pairing
during Drosophila melanogaster Embryogenesis
Yasushi Hiraoka, Abby F. Dernburg, Susan J. Parmelee, Mary C. Rykowski, David A. Agard,
and John W. Sedat

Department of Biochemistry and Biophysics and The Howard Hughes Medical Institute, University of California, San Francisco,
California 94143-0554

Abstract. We have determined the position within the
nucleus of homologous sites of the histone gene clus
ter in Drosophila melanogaster using in situ hybridiza
tion and high-resolution, three-dimensional wide field
fluorescence microscopy. A 4.8-kb biotinylated probe
for the histone gene repeat, located approximately
midway along the short arm of chromosome 2, was
hybridized to whole-mount embryos in late syncytial
and early cellular blastoderm stages. Our results show
that the two homologous histone ioci are distinct and
separate through all stages of the cell cycle up to

phase chromosomes follow ordered paths, whether
there are special associations between the homolo

gous chromosomes in diploid nuclei, and what roles such as
sociations might play in regulating nuclear organization and
function. Direct analysis of interphase nuclei is made
difficult by the partially decondensed state of chromatin dur
ing this period of transcriptional activity.

The issue of homologous association has remained partic
ularly significant in Drosophila biology because genetic evi
dence has shown that expression of certain alleles of several
genes in Drosophila (such as bx-c, dpp-c, and sgs-4) can be
affected by the allelic state of the homologous locus. These
genetic effects, which appear to depend on trans interactions
between homologous sequences, have been grouped as the
phenomenon known as transvection (Lewis, 1954; Gelbart,
1982; Korge, 1977, Green, 1959; Jack and Judd, 1979; for
recent reviews see Pirrota, 1990; and Wu and Goldberg,
1989). Other genetic effects, such as regulation of the white
gene by the mutant zeste' gene product and dominant
position-effect variegation (Henikoff and Dreesen, 1989),
also appear to depend on pairing in somatic cells. All of
these effects are eliminated by large genetic rearrangements,
such as translocations and inversions, which disrupt pairing
of the expressed locus in the polytene chromosomes.

Fº nearly a century, it has been debated whether inter
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Pairing-dependent effects are probably not limited to Dro
sophila; at least one example of a transvection-like effect has
been described in the snapdragon, Antirrhinum majus (Coen
and Carpenter, 1988). The rarity of such effects in Drosoph
ila makes it plausible that such interactions have eluded ob
servation in other diploid systems because genetic analysis
is less complete. In a recent review, homolog pairing—depen
dent phenomena were grouped under the term “trans-sensing
effects" to emphasize their generality and importance (Tartof
and Henikoff, 1991).

It has been assumed by many investigators that diploid, so
matic tissues in Drosophila have their homologous chromo
somes synapsed during interphase, although there is little di
rect cytological evidence to support this idea. A study by
Metz in 1916 indicated that in Dipterans, homologous chro
mosomes in metaphase neuroblast spreads are usually found
near each other (Metz, 1916), and this is often cited as evi
dence for diploid homolog pairing, although extrapolation
from metaphase data to the interphase state may not be
justified. Indirect evidence for somatic pairing comes from
the genetic evidence for trans-sensing effects, and from di
rect visualization of nuclei in differentiated, postmitotic tis
sues containing giant polytene chromosomes. In nuclei of
these tissues, bundles of chromatids derived from the two pa
rental homologs are usually paired along their entire lengths.
In mutants heterozygous for chromosomal rearrangements,
homologs will undergo considerable contortions in order to
maintain synapsis, which is often interrupted only in the im
mediate area of the breakpoint. It is not known when during
development homologs of polytene chromosomes become
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synapsed, nor whether trans-sensing genetic effects in dip
loid tissues depend on the same close apposition of the two
homologs.

We have looked for synapsis of homologous chromosomes
in syncytial blastoderm embryos from Drosophila melano
gaster. Early Drosophila embryos are useful for this study
for several reasons. During the 10th to 13th nuclear division
cycles, these embryos exist as syncytial blastoderms, with up
to 5,000 diploid nuclei forming a single layer just beneath the
embryo surface, dividing synchronously every 10–20 min
(Zalokar and Erk, 1976). This allows us to examine a two
dimensional array of genetically identical nuclei at defined
mitotic stages, facilitating the analysis of chromosome struc
ture. We have previously analyzed the three-dimensional
paths of embryonic chromosomes during mitosis from
prophase through anaphase, when characteristic staining
patterns of the condensed chromosomes allow them to be
identified (Hiraoka et al., 1990b; Y. Hiraoka, unpublished
results). Our results have revealed that chromosomes are not
synapsed during the mitotic portion of the early embryonic
nuclear cycles. However, they leave open the possibility that
homolog pairing is dynamic, occuring only during inter
phase and breaking down for mitosis, or that synapsis begins
at a time in development after the syncytial blastoderm. With
cellularization in the 14th cycle, rapid, synchronous mitosis
ceases, and patches of cells enter mitosis at different inter
vals (Foe, 1989). With the notable exceptions of imaginal
and neural tissues, mitosis ceases altogether after cycle 16.
Polytenization begins shortly after this point, as early as
three hours after cycle 15 in salivary glands (Smith and Orr
Weaver, 1991). We reasoned that because few mitoses inter
vene between the blastoderm stages and terminal differentia
tion of polytene tissues, we might be able to detect the onset
of synapsis.

To probe further the relationship between homologous
chromosomes, we have analyzed the position of the homolo
gous histone loci in diploid nuclei of Drosophila embryos.
We used high resolution in situ hybridization and three
dimensional wide-field optical microscopy to obtain posi
tional information about nuclei during interphase, a time
when the chromosomes are decondensed and indistinguish
able by other means. In this report, we examine the associa
tion state of homologous loci of the histone gene cluster by
in situ hybridization to chromosomal DNA in a wild-type
strain and a chromosomal translocation strain. Our results
demonstrate that homologous loci of the histone genes are
predominantly separated during nuclear cycles 11–13 and be
come associated at nuclear cycle 14. The frequency of ho
mologous association of the histone loci is affected by their
chromosomal position.

Materials and Methods

Drosophila Strains and DNA Clones
Drosophila melanogaster Oregon R strain was used as the wild type. A Dro
sophila mutant strain it” (Wakimoto and Hearn, 1990) was obtained from
Dr. Barbara Wakimoto (University of Washington, Seattle, WA). Heterozy
gous It”/+ strain was constructed by mating It”/lt” males with wild
type virgin females and vice versa. The plasmid bearing the 4.8-kb HindIII
fragment of Drosophila melanogaster histone genes (Lifton et al., 1977)
was a gift of Dr. Gary Karpen (Carnegie Institute of Washington, Baltimore,
MD). The 4.8-kb HindIII fragment of the histone gene was re-cloned into
pGEM2 (Promega Biotec, Madison, WI) by Dr. Tatsuya Hirano (University
of California, San Francisco, CA). Either the original plasmid or the
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pGEM2 bearing the 4.8-kb HindIII fragment was used as a hybridization
probe.

Embryo Preparation
Embryos of Drosophila melanogaster were prepared either by formaldehyde
fixation or methanol/acetic acid fixation. In both procedures, chorions were
removed by commercial bleach (5% sodium hypochlorite) as described pre
viously (Mitchison and Sedat, 1983). In the formaldehyde fixation proce
dure, dechorionated embryos were fixed by shaking with 3.7% formalde
hyde (freshly prepared from paraformaldehyde) in a mixture of heptane and
buffer A (15 mM Pipes, pH 7.0, 80 mM KCl, 20 mM NaCl, 0.5 mM EGTA,
2 mM EDTA, 0.5 mM spermidine, 0.2 mM spermine, 0.1% 2-mercapto
ethanol). After fixation, embryos were transferred to a 1:1 bilayer of heptane
and methanol containing EGTA to remove the vitelline membrane as de
scribed previously (Mitchison and Sedat, 1983). In the methanol/acetic acid
fixation procedure, dechorionated embryos were transferred to a 3:1 mix
ture of methanol/acetic acid layered with heptane. After brief shaking,
devitellinized embryos were collected from the bottom. The embryos were
transferred into a fresh solution of methanol/acetic acid. In both fixation
procedures, fixed embryos were washed in a series of methanol/buffer A
mixtures (75, 50, and 25% methanol) and then washed twice in buffer A.
Embryos were stored in buffer A at 4°C typically for 1–3 d before in situ
hybridization.

-

DNA Probes and Random Priming
Before random priming, plasmid DNA was fragmented by sonication or
digestion with a combination of restriction enzymes, Alul, Hael II, Sau3AI,
Rsal, and MspI. To 1 ug of DNA fragments, 12.5 ug of random hexamer
nucleotides (pd(N)6 50 U/ml; Pharmacia Fine Chemicals, Piscataway, NJ)
was added as primer for the DNA synthesis reaction. The mixture was boiled
for 5 min and then chilled in ice/ethanol bath to denature double-stranded
DNA. The labeling reaction was carried out overnight at 16°C with 5 U
of Klenow fragment (United States Biochemical, Cleveland, OH) in 25 ul
of freshly prepared random priming buffer (100 mM Pipes, pH 7.0, 5 mM
MgCl, 10 mM 2-mercaptoethanol) containing 003 mM each of dATP,
dGTP, dCTP, and 0.02 mM biotin-16-duTP (ENZO) or digoxigenin-duTP
(Boehringer Mannheim Biochemicals, Indianapolis, IN). The labeled DNA
was purified and unincorporated nucleotides removed by spinning through
a 1-ml G50 Sephadex column. For estimation of probe fragment size and
efficiency of incorporation, labeled probe fragments were separated by alka
line agarose gel electrophoresis, and then transferred onto a nylon mem
brane. Digoxigenin-labeled probe fragments were detected using the Genius
nucleic acid detection kit (Boehringer Mannheim Biochemicals). The same
protocol was used for biotinylated probes by substituting streptavidin-alka
line phosphatase for the alkaline phosphatase-conjugated antibody. Under
these conditions, probe fragment size was 200 to 300 nucleotides in length.
This range of probe fragment size gave the most successful results for in
situ hybridization to whole-mount embryos. With larger fragment sizes,
probe fragments accumulated in cortical regions of embryos, yielding a high
background in the cortex and no nuclear signal.

Hybridization to Whole-mount Embryos
Fixed embryos were rinsed twice in 2x SSC containing 0.1% Tween 20
(peroxide free; Pierce Chemical Co., Rockford, IL), washed for 10 min in
20% formamide in 4x SSC, 0.1% Tween 20, and in 50% formamide in 4x
SSC, 0.1% Tween 20. Throughout the procedure, formamide, freshly
deionized by mixing with ion-exchange resin (analytical grade mixed bed
resin AG501-X8; BioFad Laboratories, Cambridge, MA), was used. Em
bryos were incubated in 50% formamide, 4x SSC, 0.1% Tween 20 for 1 h
at 37°C. DNA probes in 25 ul of hybridization mixture (4x SSC, 50% for
mamide, and 0.1% Tween 20) were added to embryos. Double-stranded
DNA probes were denatured immediately before use by heating at 90°C for
5 min and then chilling in ice water. Embryos in the hybridization mixture
were heated to 70°C for 15 min to denature chromosomal DNA and then
incubated at 37°C for 15–18 h. After hybridization, embryos were washed
at a room temperature for 20 min sequentially in a series of 50%, 40%,
30%, 20%, 10% formamide in 4X SSC, 0.1% Tween 20, and washed twice
in 4x SSC. In some experiments, 4x SSC was replaced by 2x SSC
throughout the above procedures. Hybridization signals were then detected
by incubating hybridized embryos with Texas red-conjugated avidin D (Vec
tor Laboratories, Burlingame, CA) or rhodamine-conjugated anti-digoxi
genin F(ab) fragments (Boehringer Manni:-im Biochemicals) in 2x SSC
containing 0.1% Tween 20 Embryos were washed at a room temperature
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for 20 min twice in 2x SSC containing 0.1% Tween 20 and once in 2x SSC
or PBS without Tween 20.

For microscopic observation, whole embryos were mounted in buffer A
containing 0.1 ug/ml DAPI and covered with a coverslip (thickness No. 1.5)
using two coverslips (thickness No. 1) as spacers to avoid flattening them;
the edges were sealed with commercial nail enamel.

Optical Sectioning Microscopy of Embryos
To record images of hybridization signals at low levels of light, we used a
cooled, scientific grade charge-coupled device (CCD)' as an image detec
tor. A Peltier-cooled CCD camera (Photometrics Ltd., Tucson, Arizona),
with a 1,340 x 1037 pixel CCD chip (Kodak Videk; Eastman Kodak Co.,
Rochester, NY) coated to improve short-wavelength sensitivity (Meta
chrome II coating; Photometrics Ltd., Tucson, AZ), is attatched to an
Olympus inverted microscope IMT-2; microscope lamp shutter, focus
movement, CCD data collection, and filter combinations are controlled by
a MicroVax workstation (Hiraoka et al., 1991).

The doubly stained embryos were observed using an Olympus oil immer
sion objective lens (S Plan Apo 60/NA = 1.4). Each pixel represents 0.11
um in the specimen plane. Optical section data were collected at 0.25-um
focus intervals by repeating the following sequence at each focal plane: two
images were obtained sequentially for chromosomes (DAPI), and hybrid
ization signals (Texas red), and then microscope focus was stepped by 0.25
um. High-selectivity excitation and barrier filter combinations (Omega Op
tical, Brattleboro, Vermont) for DAPI and Texas red were used. For rapid
wavelength switching during data collection, excitation, and barrier filters
are mounted on revolving wheels controlled by the MicroVax workstation
(Digital Equipment Corp., Maynard. MA). A single dichroic mirror with
double-band pass properties designed for wavelengths of DAPI and Texas
red (Omega Optical, Brattleboro, Vermont) was used to eliminate sig
nificant displacement of images during wavelength switching, and thus no
further alignment was necessary (Hiraoka et al., 1991). The embryonic de
velopmental stage was determined by the packing density of nuclei on the
embryo surface as described previously (Foe and Alberts, 1983).

Plot of the Location of Hybridization Signals within
the Nucleus

The three-dimensional position of hybridization signals was determined in
a cylindrical coordinate system that was defined for each nucleus; the origin
of the coordinate system was set at the center of each nuclear mass. Approxi
mate positions of the nuclear center and the hybridization signals were de
termined using the interactive modeling option in the PRISM software pack
age for image display and analysis (Chen et al., 1989). The center of mass
was calculated for each nuclear mass around the approximate center. The
position of hybridization signals was refined by using quadratic interpola
tion to find the local maximum. The position of hybridization signals was
plotted in the r-z coordinate system with the center of nuclear mass as the
origin, where the z axis is along the focal direction of the optical section
data, i.e., perpendicular to the embryo surface, and r is the distance from
the z axis. The depth z was measured as the physical movement of an objec
tive lens and may be enlarged by a factor of up to 20% because of the "appar
ent depth" effect caused by a refractive index of specimens (Shaw et al.,
1989). The plot is not corrected for the apparent depth effect, thus z should
be taken as a relative distance, while r is an absolute one.

Results

In Situ Hybridization to Chromosomal DNA in
Whole-mount Embryos
To determine the location of a specific chromosomal region
in interphase nuclei, we hybridized a biotinylated probe for
the histone repeat to whole-mount embryos of Drosophila.
We subsequently detected the location of the hybridization
by staining embryos with fluorescently tagged avidin and
observing the embryos using three-dimensional wide-field
fluorescence microscopy. Nuclear DNA is counterstained
with the DNA-specific dye, DAPI. The hybridization signal

1. Abbreviation used in this paper: CCD, charge-coupled device.

and the nuclear DNA can be imaged independently using the
appropriate filters. Optical sectioning microscopy reveals the
three-dimensional location of the hybridization signals rela
tive to each other and to other chromosomal structures.

We were concerned that our high-resolution analysis
should allow us to preserve the native chromosome structure
during hybridization procedures that necessarily involve
drastic treatments in order to denature chromosomal DNA.
In practice, fixation and denaturation conditions which pro
duce strong in situ hybridization signals tend to do so at the
expense of structural preservation. This work has empha
sized structural preservation and utilized a highly sensitive,
cooled CCD detector to partially compensate for the dimin
ished signal. We have used two different fixation procedures
in order to ensure that our results were independent of fixa
tion conditions (see Materials and Methods). In the first pro
tocol, we fixed embryos with 3.7% formaldehyde in buffer
A (15 mM Pipes, pH 7.0, 80 mM KCl, 20 mM NaCl, 0.5 mM
EGTA, 2 mM EDTA, 0.5 mM spermidine, 0.2 mM sper
mine, 0.1% 2-mercaptoethanol) which is known to preserve
chromosome structure as judged by EM (Belmont et al.,
1989). In most experiments, we examined embryos that were
fixed with formaldehyde in buffer A without proteinase K
digestion. We found that digestion with protease, which is
essential to obtain signals when hybridizing to RNA (Hafen
and Levine, 1986; Shermoen and O'Farrell, 1991), is not
necessary for hybridization to chromosomal DNA and in
fact does not affect our results. In the second protocol, we
fixed embryos with acetic acid-methanol, a more traditional
procedure for in situ hybridization to chromosomes (Pardue,
1986). Since interphase nuclei are decondensed and their
fine detail is difficult to discern, we have evaluated our pres
ervation of chromosome structure by comparing fixed, un
hybridized mitotic nuclei to mitotic nuclei in embryos that
have gone through the hybridization procedure (Fig. 1). We
find that the chromosome structures in these nuclei lookes
sentially unchanged by hybridization as seen by DAPI stain
ing at the resolution of the light microscope.

We chose the histone gene cluster to probe the state of ho
mologous chromosomes. The 5-kb cluster of histone genes
tandemly repeats 100–150 times at a single locus, corre
sponding to polytene bands 39D-E, in Drosophila melano
gaster (Lifton et al., 1977) and thus was expected to provide
intense hybridization signals. Fig. 2 B shows an example of
in situ hybridization in whole-mount embryos using this
probe; each bright spot over the embryo surface represents
the location of histone genes. This figure emphasizes that hy
bridization signals are observed in every nucleus throughout
the entire embryo. Hybridization signals are resistant to
digestion with RNase A or RNase H, indicating that the hy
bridization is to chromosomal DNA (data not shown).

Fig. 3 shows a higher magnification view of a portion of
a hybridized embryo at a similar developmental stage dis
played as a through-focus series (A and B) and as an edge
view (Cand D). The edge view shows that nuclei form a sin
gle layer near the embryo surface and that hybridization sig
nals are situated within a narrow range of focal planes near
the apical side of the nuclei. Using DNA probes for se
quences near telomeres, signals were observed at the basal
side of the nuclei (Hiraoka et al., 1990a). This indicates that
the polarized arrangement of chromosomes with centro
meres near the embryo surface and telomeres toward the em



bryo interior (Foe and Alberts, 1985; Hiraoka et al., 1990b)
persists in interphase and is preserved in hybridized nuclei.

Association of Homologous Sites of the Histone
Gene Cluster

We analyzed the paired state and position of homologous
chromosomes, as shown in Fig. 4. This whole-mount em
bryo was hybridized with the histone probe; hybridization
signals (red) are superimposed on DAPI staining of nuclei
(blue) displayed for a single focal plane (left). Examination
of the entire three-dimensional nuclear volume showed that
each nucleus had either one single or two distinct in situ hy
bridization signals, which we interpret to represent the
paired/unpaired state of two homologous sets of the histone
gene clusters (right; e and o represent nuclei having one
and two spots, respectively). It is also evident in Fig. 4 that

Figure 2. In situ hybridization to the histone locus in a whole
mount wild-type embryo. DAPI staining (A) and in situ hybridiza
tion (B) are shown for the same embryo at nuclear cycle 14.

Figure 1. A comparison of the
morphology of hybridized and
non-hybridized prophase chro
mosomes. (A) DAPI-stained pro
phase chromosomes in a non
hybridized embryo. (B) DAPI
stained prophase chromosomes
in a hybridized embryo. (C) In
situ hybridization signals ob
tained in the same embryo as in
B. Bar, 5 p.m.

one fused spot is brighter than each of two individual spots.
An example of a quantitative comparison of signal intensity
between separated spots and fused spots is shown in Fig. 5;
peak intensity of one fused spot is approximately twice that
of each of two separated spots. In every case, in nuclei con
taining a single spot of hybridization signal, the intensity was
twice that of double hybridization signals in nearby nuclei,
consistent with the idea that one spot per nucleus represents
the paired state of two homologous sites.

The paired state of the histone gene cluster was examined
as a function of embryonic development. The developmental
stage was determined solely by the packing density of nuclei
on the embryo surface as described by Foe and Alberts
(1983). Thus, cellularized and uncellularized cycle 14 em
bryos were not distinguished from each other. At nuclear cy

Figure 3. Optical section images of in situ hybridization signals.
Optical section images of DAPI staining (A) and in situ hybridiza
tion (B) are shown together with the edge views of the correspond
ing optical section data set for DAPI staining (C) and in situ hybrid
ization (D). In the edge views, the external side of embryo is on
the upper side of the panel. The developmental stage of this embryo
is the 14th nuclear cycle. Bar, 5 um.



cle 12 (Fig. 4 A), the majority of nuclei were found to have
two spots, indicating the separation of homologous sites. By
dramatic contrast, at nuclear cycle 14 (Fig. 4 C), the
majority of nuclei had only one spot, indicating the paired
state of homologous chromosomes.

4.

Figure 5. Comparison of the peak intensity of paired and unpaired
signals. Intensity profile is shown for a fused signal (left) and sepa
rated signals (right) in neighboring nuclei in Fig. 4 A.

Figure 4. Paired and unpaired
states of the histone gene loci.
Hybridization signals (red)
superimposed on DAPI stain
ing (blue) for the nuclear cy
cles 12 (A), 13 (B), and 14
(C) are displayed for a single
optical sectioninthe left panel.
In the right panel, the paired
and unpaired states examined
in the entire focus series are
represented by hatched circles
and open circles, respectively.

We saw the same results with a number of different fixation
conditions, as summarized in Table I. This table shows that
there is a clear trend toward homologous chromosome as
sociation at nuclear cycle 14. By the time of gastrulation, the
proportion of nuclei paired at the histone gene cluster
reached as high as 90–95%, but those embryos always had
a small fraction of nuclei showing two distinct hybridization
signals (data not shown).

We observed no simple pattern to the distribution of paired
and unpaired nuclei on the embryos' surface. Quite fre
quently, paired or unpaired nuclei appear to form clusters
(see Fig. 4), but these are highly variable in size and do not
show consistent patterning from embryo to embryo. We
compared the distribution of such clusters in several em
bryos at the same stage, as judged by the pattern of mor
phogenetic furrows, with the mitotic domains described by
Foe (Foe, 1989) and saw no correlation. Given the number
of nuclei we have examined, we cannot conclusively deter



Table I. Pairing Frequency of the Homologous Histone
Gene Loci

Histone gene loci Total number
Nuclear — of nuclei
cycle Paired Unpaired examined Fixation” Proteinase Kf

12th 9.5 90.5% 21 MeOH
-

16.7 83.3 30 FA
-

17.4 83.6 23 FA +

20.0 80.0 20 MeOH +

20.8 79.2 24 FA
-

29.3 60.7 28 FA
-

13th 14.8 85.2 27 FA
- -

22.9 77.1 70 FA
-

32.5 67.5 40 FA
-

35.3 64.7 34 FA
-

37.5 62.5 64 FA
-

39.1 60.9 69 FA
-

14th 62.9 37.1 116 FA
-

63.5 36.5 104 MeOH
-

71.6 28.4 88 FA +

71.9 28, 1 121 FA
-

81.8 18.2 99 FA
-

86.5 13.5 104 MeOH +

* FA, formaldehyde, MeOH. acetic acid-methanol.
with (+) or without (–) proteinase K digestion of embryos prior to hybrid

1zation.

mine whether the distribution is purely random, but analysis
of greater numbers of nuclei should allow this to be deter
mined statistically in the future.

Histone Gene Localization and Pairing in a Strain
Containing a Chromosomal Rearrangement
To test the effect of chromosomal position on the association
of homologous chromosomes, we examined the nuclear lo
cation of the histone gene cluster in a chromosomal translo
cation strain, lt”. This strain contains a fusion of 3R and
2L such that the histone gene cluster is moved from the mid
dle of the short arm of chromosome 2 to a position much
more distant from the centromere. In the wild-type strain,
the histone gene lies near the centromeric heterochromatin
on chromosome arm 2L. The lt” strain, which is homozy
gous viable, bears a reciprocal translocation between the
centromeric heterochromatin on chromosome arm 2L and a
subtelomeric site on arm 3R (Wakimoto and Hearn, 1990).
As a result, the histone gene cluster in these flies lies near
the end of 3R on the translocated 3R/21L arm (see diagram
in Fig. 7). The chromosomal arrangement for all combina
tions of wild-type and lt” chromosomes was assayed first
in squashed preparations of salivary gland polytene chromo
somes from the appropriate stocks of third-instar larvae. Ho
mologous chromosomes were synapsed along their entire
length both in the wild-type and the homozygous lt”/lt”
strain, whereas the heterozygous lt”/+ strain showed ho
mologous chromosomes that were typically synapsed at the
distal portion of chromosome arm 2L and the proximal por
tion of 3R but were asynapsed over variable distances sur
rounding the break point of the translocation (data not
shown).

The association frequency of the histone gene cluster in
embryos of those translocation strains is summarized in Fig.

1 o o Figure 6. Frequency of the ho
mologous association. Fre
quency of the paired state of
the histone loci is shown for
wild type (m), homozygous
It”/lt” (2) and heterozygous
lt"*/+ (C). Total number of

*

s o

o nuclei examined is as follows:
1 2 1 a 1 4 146 nuclei from six embryos

Nuclear Cycle (wild type, cycle 12); 304
nuclei from six embryos (wild

type, cycle 13); 632 nuclei from six embryos (wild type, cycle
14); 40 nuclei from one embryo (It”/lt”, cycle 13); 243 nuclei
from three embryos (lt”/lt”, cycle 14); 54 nuclei from one em
bryo (It”/+, cycle 13); 156 nuclei from two embryos (lt”/+,
cycle 14).

6. The histone loci are rarely paired (<10% of nuclei) in the
lt”/+ strain. In the lt”/lt” strain, the frequency of paired
loci at cycle 14 stayed at a level similar to that at cycle 13
(~30%), unlike the wild type case. Thus we conclude that
the frequency of homologous association in embryos does
not solely depend on homology between regions bearing the
two histone loci but that chromosomal position can also play
a role. This is in contrast to the synapsis observed in polytene
nuclei. These results also indicate that the high frequency of
homologous association observed in the wild-type nuclear
cycle 14 is not simply a result of the decreasing size of nuclei
as a function of the nuclear cycle.

Nuclear Location of the Histone Gene Cluster
Our ability to image and analyze three-dimensional data, to
gether with the simple monolayer geometry of nuclear struc
tures, has allowed us to examine the spatial organization of
chromosomes relative to the polarized nuclear orientation.
We used a cylindrical coordinate system for each nucleus
simply by making the cylindrical axis perpendicular to the
embryo surface. The three-dimensional position of the hy
bridized histone gene cluster was determined relative to the
center of each nucleus (see Materials and Methods). Fig. 7
shows the nuclear location of the histone gene cluster plotted
in the cylindrical coordinate system with radius (r) and depth
(z). Filled and open symbols represent the paired and un
paired state, respectively; circles and squares represent the
normal and translocated histone loci, respectively (see be
low). Our analysis showed that the wild-type histone gene
locus is restricted to a small region or plane about halfway
between the apical and basal sides of the nucleus at the 13th
cycle and changes location toward the apical side of nuclei
at the 14th cycle (Fig. 7A). Pairing and nuclear location ap
pear to be independent in the wild type.

Embryos homozygous or heterozygous for the ltº chro
mosomal translocation were analyzed at nuclear cycles 13
and 14 to determine the nuclear location of the histone gene
cluster. In the lt” homozygotes, the translocated histone
genes were distributed throughout the basal half of the nuclei
at both the 13th and 14th cycles (Fig. 7 B). In the lt”/+
heterozygotes, one set of histone loci is localized at the nu
clear midline as in the wild-type embryos and the other (pre
sumably the rearrangement copy) is in the basal half of the
nucleus (Fig. 7 C). The presumptive normal loci in the
lt"/+ strain move toward the apical side at the 14th cycle
despite the lack of homologous association, while the
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Figure 7 Nuclear positions of the histone gene loci. Nuclear posi
tions of the histone loci are shown for wild type (A), homozygous
It”/lt” (B), and heterozygous It"/+ (C). Chromosome arrange
ment in each strain is diagrammed to the left of the plots of the posi
tions; the histone locus is represented by a filled ellipse; hatched
and open boxes represent heterochromatin and euchromatin,
respectively; the open circle indicates the centromere. The posi
tions are plotted for the nuclear cycles 13 (left) and 14 (right),
where z is defined by the axis perpendicular to the embryo surface.
Normal and translocated histone loci are represented by circle and
square, respectively; the paired and unpaired states are represented
by filled and open symbols, respectively. In heterozygous lt”/+
(C), the identities of the normal and translocated loci were pre
sumed by their depth in each nucleus; a filled circle in this case
represents a paired circle and square. Total number of plotted hy
bridization spots and the number of nuclei are as follows: 154 spots
in 90 nuclei from three embryos (wild type, cycle 13); 94 spots in
75 nuclei from two embryos (wild type, cycle 14); 26 spots in 16
nuclei from one embryo (lt”/lt”, cycle 13); 69 spots in 41 nuclei
from two embryos (lt"/lt”, cycle 14); 32 spots in 17 nuclei from
one embryo (It”/+, cycle 13); 73 spots in 38 nuclei from two em
bryos (lt"/+, cycle 14).

presumptive translocated loci do not show significant change
in depth (z).

Discussion

It has heretofore been unclear whether homologous chromo
somes are associated with each other in diploid somatic

cells. Contradictory results have been accumulated in a wide
variety of organisms (reviewed in Avivi and Feldman, 1980;
Hilliker and Appels, 1989). Genetic phenomena such as
dominant position-effect variegation and transvection are in
terpreted to indicate that homologous chromosomes of Dro
sophila melanogaster are paired or synapsed, at least in
some tissues (reviewed in Wu and Goldberg, 1989). Cyto
logical analysis of squashed preparations of mitotic chro
mosomes from neuroblast cells of third-instar larvae also
suggests some vestiges of pairing (Kaufmann, 1934). In ad
dition, homologous association of the histone loci in larval
ganglia cells and imaginal disc cells was demonstrated by in
situ hybridization (Lifschytz and Hareven, 1982). On the
other hand, cytological identification of embryonic cycle 12
and 13 chromosomes indicates that from prophase to
anaphase, and late in interphase for the special case of anoxic
nuclei, chromosomes are not synapsed (Foe and Alberts,
1985; Hiraoka et al., 1990b; Y. Hiraoka, unpublished
results). This raises the questions of when and how homolo
gous chromosomes become paired. Our three-dimensional
light microscopy in conjunction with in situ hybridization
techniques has allowed us to examine the nuclear position of
the histone locus as a function of nuclear activities in diploid
tissues during embryonic development, and has demon
strated that homologous pairing probably begins during cy
cle 14.

To address questions of nuclear organization, we had to
give special consideration to preserving the structure and or
ganization of chromosomes in our hybridization procedures.
Two criteria were used to evaluate the success of our efforts.
First, preservation of condensed mitotic chromosomes was
tested by comparing hybridized chromosomes with samples
which had simply been fixed and mounted without hybrid
ization. The three-dimensional arrangement and structure of
chromosomes was indistinguishable between hybridized and
non-hybridized specimens. By contrast, using conventional
in situ hybridization methods, the chromosomes were visibly
damaged. Second, the preservation of the polarized orienta
tion of chromosomes was examined. In Drosophila embryos
at the syncytial blastoderm stage, chromosomes are aligned
in a polarized orientation with centromeres near the embryo
surface and telomeres toward the embryo interior (Foe and
Alberts, 1985; Hiraoka et al., 1990b). Our results from in
situ hybridization in interphase nuclei were consistent with
this polarized chromosome arrangement. Thus, we are
confident that chromosome structure and organization were
well preserved during the hybridization procedures although
we cannot completely rule out the possibility that the hybrid
ization protocol may in some way affect the paired state of
the histone locus. We have, however, ruled out the possibility
of interference due to the avidin or antidigoxigenin antibod
ies used to detect hybridization by repeating these experi
ments using directly labeled fluorescent probes; our results
were unaffected.

In situ hybridization to nascent RNA transcripts has been
used to approximate the nuclear position of genes in some
systems (e.g., Lawrence et al., 1989). In Drosophila, how
ever, RNA transcription of most genes begins after the 13
syncytial mitoses. For this reason, hybridization to early
embryonic RNA is not a useful way of approximating the
postion of most genes in this system. We have probed the po
sition of a gene by in situ hybridization directly to chromo
somal DNA. Our hybridization signals are resistant to diges



tion with RNase A or RNase H, and can be obtained at any
stages of cell cycle or embryonic development without re
gard to levels of RNA transcription.

The Timing of Nuclear Reorganization
Our results show that there is a dramatic change in histone
gene pairing and indicate a chromosome reorganization
within the nucleus at the mitotic cycle 13/14 transition. This
reorganization takes place concomitantly with vast changes
in embryonic development: embryos become cellularized
and dramatic changes in patterns of gene expression occur
toward the onset of differentiation (Anderson and Lengyel,
1979; Edgar and Schubiger, 1986). It is suggestive that the
timing of the structural reorganization coincides with an im
portant temperature-sensitive period for position—effect var
iegation (Spofford, 1976), for the first time bringing together
microscopic and genetic evidence for the reorganization of
chromosomes at this developmental stage. It is tempting to
speculate that the observed changes in chromosome organi
zation are manifestations of or a prelude to the onset of
zygotic transcription. Further experiments will be required
to determine to what extent gene expression might either re
quire, or be required for, the formation of homologous chro
mosome association.

Order in the nucleus is highly dependent on the particular
tissue or cell type being studied (discussed in Billia and de
Boni, 1991). For example, Arnoldus and co-workers have de
tected homologous association of human chromosome 1 in
cells isolated from cerebellar tissue, but not in cerebral cells
(Arnoldus et al., 1989). In general, in situ hybridization is
carried out on isolated cells or nuclei, or on tissue sections
preserved in paraffin. This report documents our success in
applying these methods to a whole-mount multicellular or
ganism, the developing Drosophila embryo. Our ability to
analyze a large number of nuclei at well-defined develop
mental stages has enabled us to document a developmental
transition in nuclear organization. We feel that this type of
approach will allow us to ask other questions about nuclear
organization in relevant tissues and as they relate to develop
ment. For example, our hybridization protocol has been suc
cessfully applied to other Drosophila tissues, including im
aginal disks and oocytes (A. F. Dernburg, unpublished
data). Another advantage to a whole-mount, three-dimen
sional approach is that the spatial relationships between
daughter nuclei are preserved.

Nuclear Reorganization and Heterochromatin
Heterochromatin comprises ~30% of the total Drosophila
genome and is mostly located at the pericentric regions and
the Y chromosome (reviewed in Pimpinelli et al., 1986; Par
due and Hennig, 1990). During the process of polyteniza
tion, pericentric heterochromatin on different chromosomes
becomes underrepresented, and fuses to form a relatively
small “chromocenter" (reviewed in Pardue and Hennig, 1990)
while the euchromatic portions endoreplicate to form poly
tene chromosomes, each of which consists of synapsed ho
mologous chromosomes. Pericentric heterochromatin of a
considerable length lies between the centromere and the his
tone gene locus. Thus, on mitotic chromosomes, the histone
gene cluster lies in the middle of the chromosome arm, while
on polytene chromosomes, it appears very close to the chro

mocenter at cytological locus 39 (for comparison of mitotic
chromosomes and polytene chromosomes; see Hannah,
1951). This explains our observation of the position of the
histone genes at the nuclear midline in early embryos. Move
ment of the histone loci to the apical side of the nucleus at
the cycle 13/14 transition, described in our results, is likely
to result from the condensation of heterochromatin, bringing
the histone locus toward the centromere. This is consistent
with observations that constitutive heterochromatin becomes
more prominent at nuclear cycle 14 (V. E. Foe, personal
communication). We emphasize that the histone loci move
to the apical side whether or not homologous loci are asso
ciated; thus, the movement is not a result of the association.

Recognition and Association of
Homologous Chromosomes
The demonstration of synapsis beginning in cycle 14 leads
to the question of mechanism. It is possible that recognition
between homologous chromosomes in somatic cells depends
on mechanisms similar to those operating in meiosis I. Ho
mologous chromosomes must find each other at some time
prior to meiosis, after which they are held in place with a
specialized structure, the synaptonemal complex. Many
models for the recognition of meiotic homologous chromo
somes have been proposed, including long-range attractive
forces or extrachromosomal structures between a pair of
homologous chromosomes, chance contact of randomly
moving homologous chromosomes, and non-random ar
rangement of chromosomes which keep a homologous pair
in proximity (reviewed in Ashley and Wagenaar, 1974; Ma
guire, 1984).

Our observations of chromosome organization in prophase
and anaphase of early embryonic cell cycles have indicated
that homologous chromosomes are not in proximity but
rather are often separated by non-homologous chromosomes
(Hiraoka et al., 1990b; Y. Hiraoka et al., unpublished re
sults). Thus, homologous chromosomes must exclude other
chromosomes in between them to make contact along the en
tire length. This exclusion process might be accomplished
most easily by a unidirectional “zip-up" association from
centromeres. The notion of homologous pairing occurring in
a proximal-to-distal fashion was suggested by Smolik-Utlaut
and Gelbart to explain genetic observations about transvec
tion at the br-c and dpp-cloci (Smolik-Utlaut and Gelbart,
1987).

Such a hypothetical mechanism would not explain all our
observations. In polytene chromosomes from lt”/+ het
erozygotes, the translocated chromosome 3R/21L arm pairs
homologously with the normal 2L arm at telomeric regions
in addition to the pairing of the normal 3R arm at centro
meric regions. Therefore, it is unlikely that synapsis is
directed from the centromeres alone; further association of
homologous chromosome arms must take place at chro
mosomal sites other than centromeres, perhaps at later
stages, once interfering chromosomes are excluded. The as
sociation of telomeres has been reported in a wide range of
organisms, making them another possible site of initial as
sociation (reviewed in Ashley and Wagenaar, 1974; Dancis
and Holmquist, 1979). In Drosophila, it has been reported
that telomeres share DNA sequences with centromeric het
erochromatin (Young et al., 1983); thus, those sequences
may share similar functions. Alternatively, specific sites
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along the chromosome arms may facilitate pairing; such
sites have been implicated in meiotic pairing and can be ge
netically mapped (Hawley, 1979). This question of initiation
sites for somatic homologous pairing can be addressed by ex
amining the pairing behavior of additional rearrangements.
It is possible that the molecular mechanism underlying the
homologous associations seen here with diploid chromo
somes also forms the basis for the assembly or maintenance
of polytene chromosomes.

Two final points should be made. First, this paper docu
ments pairing at cell cycle 14 at a single chromosomal locus.
Obviously, to form a complete picture, it would be desirable
to analyze the behavior of many additional loci spaced along
the autosomes and the X chromosome. Such hybridization
experiments are now underway, and probes for whole chro
mosomal arms to allow a detailed examination of the con
tinuity of pairing are being developed (A. F. Dernburg, un
published results). Secondly, at this time we cannot make a
definitive statement as to the functional significance of
diploid homolog pairing as evidenced by the histone locus.
As dramatic as the pairing transition is in cell cycle 14 in
wild-type embryos, no such transition is seen with the lt”
chromosomal rearrangement. Furthermore, somatic pairing
can be perturbed by chromosomal rearrangements with no
detectable phenotype. As an extreme example, Drosophila
stocks which are hetciozygous for balancer chromosomes,
specifically designed to disrupt homology (and thereby pre
vent meiotic recombination) between partner chromosomes,
are viable, implying that somatic pairing must be nonessen
tial at all loci, and/or that there may be compensatory mech
anisms that deal with chromosomal and nuclear perturba
tions. In female meiosis, Drosophila melanogaster uses a
distributive pathway to accurately segregate non-homolo
gous partner chromosomes (reviewed in Hawley, 1989); it is
possible that an analogous mechanism exists for managing
non-homologous partners in somatic cells.

We have demonstrated that in situ hybridization can be
used to probe three-dimensional nuclear organization in a
whole-mount organism without gross disturbance of nuclear
morphology. By studying the course of early embryonic de
velopment, we have identified a time period during which
chromosomal reorganization occurs within the nucleus.
There are many questions remaining to be asked about so
matic association between homologous chromosomes. This
technique has given us a new approach which promises to
provide answers to these long-standing questions.
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