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ABSTRACT 

 

Engineered Platforms to Investigate Effects of Cell-Cell and Adhesions on 

hiPSC-CM Maturity 

by 

Kerry Veronica Lane 

 

Heart disease is the leading cause of death in the US, and human cell models 

are needed to study how structure and function are related in heart health and 

disease. Human induced pluripotent stem cell-derived cardiomyocytes (hiPSC-CMs) 

are one promising cell model, but their immaturity (e.g., lower sarcomere alignment 

and contractility) relative to adult human cardiomyocytes (CMs) limits their 

physiological relevance. Controlling cellular shape via 2D protein micropatterning 

has been commonly used to enhance the maturity of single-cell hiPSC-CMs, but is 

often done via microcontact printing, which has low accuracy and reproducibility, or 

lift-off patterning, which is less commonly used because of the low-throughput and 

technical process for creating the pattern templates. In addition to limitations on 

protein patterning accuracy, these studies have failed to investigate the impact of 

two important features of native heart tissue: cell-cell contacts between neighboring 

CMs and the 3D microenvironment. In this work, we sought to scale up the lift-off 

protein patterning method and improve the single-cell hiPSC-CM model by 

developing platforms for: 1) dual protein patterning to imitate both CM-ECM and 
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CM-CM interactions for single-cell hiPSC-CMs and 2) 3D microwells to create a 3D 

microenvironment for single-cell hiPSC-CMs.  

To scale up lift-off patterning, we created protein templates on a 4” wafer and 

then diced the wafer into individual templates. We showed that we could make at 

least 16 templates per wafer, and that the protein patterns made with this method 

were reproducible, had a shelf life of at least 6 months, and were compatible with 

pattern transfer to polyacrylamide (PA) hydrogels and subsequent culture of hiPSC-

CMs. These results allow for the expanded use of lift-off patterning, which is a more 

accurate and precise method for patterning hiPSC-CMs. 

To achieve dual protein patterning, we used a two-step photomolecular 

adsorption process to create spatially-accurate protein patterns with laminin bodies 

(to replicate CM-ECM contacts) and N-cadherin end caps (to replicate CM-CM 

contacts). We cultured hiPSC-CMs on these dual protein patterns and studied their 

cell shape, subcellular structure, contractility, and force production. We found that 

dual protein patterning with N-cadherin end caps leads to greater cell area and 

increased contractility in the direction of sarcomere organization, but no differences 

in force production or sarcomere organization.  

To replicate the 3D microenvironment for single hiPSC-CMs, we utilized a 

PDMS double molding process to create a thin PDMS mold. The thin mold was 

incubated with Matrigel (an ECM protein cocktail) and then used when casting a 

polyacrylamide (PA) hydrogel, creating microwells in the PA hydrogel. We cultured 

hiPSC-CMs in the microwells and studied their size and subcellular structure. We 

found that the 3D-patterned hiPSC-CMs had greater cell height than 2D-patterned 
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hiPSC-CMs, but interestingly no difference in cell volume. We also found that 3D-

patterned hiPSC-CMs had greater myofibrillar content than 2D-patterned hiPSC-

CMs, suggesting that they had more sarcomeres (subcellular force-producing units).  

Using these platforms, we have shown that we can improve hiPSC-CM structure 

and function through mimicking aspects of the microenvironment of mature human 

CMs. These platforms can be used to improve the hiPSC-CM model for future 

studies of heart function and disease. 
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1. Introduction 

1.1. Background 

Heart disease is one of the leading causes of death in the world [1]. 

Research is needed to improve our understanding of the structural and functional 

changes to heart muscle cells, heart disease, and reveal targets for potential 

treatments. Human heart research has been historically limited to animal models, 

most often murine, because of the limited availability of human heart tissue or 

primary human cardiomyocytes (CMs), the muscle cells of the heart. CMs have a 

low regenerative capacity, turning over ~1% of cells per year at 25 years old and 

decreasing to ~0.45% by the age of 75 [2], meaning we cannot take a sample from 

the heart of a living human, limiting studies on human tissue to donated organs. 

Additionally, primary human CMs are difficult to culture in vitro, typically surviving no 

more than four weeks [3]. Together, these factors restrict the study of primary 

human hearts. 

With limited access to primary human hearts for studying, murine models 

have been vital for heart research. However, while these murine models are 

instructive, they are imperfect – there are many essential differences between 

murine and human heart physiology [4, 5]. Rats have heart rates five times higher 

than humans and an inverse force to heart rate relationship [5]. In mature human 

CMs, about 95% of the sarcomeric myosin heavy chain (MYH7) is the beta isoform 

(βMHC) [6]. In murine models, the alpha isoform of MYH7 (αMHC) is the 

predominant adult isoform [6, 7]. To emphasize the relevance of such a difference, 

the most common genetic heart disease, hypertrophic cardiomyopathy (HCM), is 
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frequently caused by mutations in βMHC – the lack of βMHC expression in murine 

models limits the study of HCM in these animals [8-10]. 

 

1.2. Stem cell derived cardiomyocytes as a reductionist human heart model 

One proposed model to bridge the gap between animal models and human 

heart function and disease are human induced pluripotent stem cell-derived CMs 

(hiPSC-CMs). hiPSC-CMs are CMs that have been differentiated from human 

induced pluripotent stem cells (hiPSCs), which are cells that have been 

reprogrammed back to stemness from differentiated cells [11, 12]. This approach 

allows researchers to take skin or blood cells from a patient and reprogram them 

back to stem cells, making hiPSCs a robust supply of stem cells [13, 14]. We can 

make hiPSC-CMs from hiPSCs with improved protocols that have made hiPSC-CM 

differentiation more consistent and high-throughput [13], greatly expanding the use 

of hiPSC-CMs (Figure 1-1). 

 
Figure 1-1. Schematic of process flow from patient cell to hiPSC to hiPSC-CM. Reproduced with 

permission from Eschenhagen, et al. [12]. 
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In addition to being a model with an almost limitless supply, hiPSC-CMs 

provide the opportunity to observe complex subcellular structures within CMs [6, 15, 

16]. CMs are comprised of force producing units called sarcomeres, which join end-

to-end with neighboring CMs at intercalated discs (Figure 1-2). Sarcomeres contain 

myosin motor proteins and actin filaments, which are required for contractile 

movement, and join together at the z-disc, where the actin thin filaments are bound 

[17]. Aligned columns of sarcomeres form myofibrils, which are connected to 

neighboring myofibrils mechanically via adherens junctions and desmosomes, 

allowing for cooperative contractility of CMs [17-19]. Sarcomeres and other 

subcellular structures are difficult to visualize in whole hearts or heart tissues, 

making hiPSC-CMs an ideal model for studying sarcomeric structure and function in 

CMs. As sarcomeres are the key contractile element of CMs, the ability to visualize 

and study them is a powerful asset in heart research. Additionally, hiPSC-CMs can 

be genetically edited to include endogenous fluorescent tags on subcellular 

structures, making studies of subcellular structures easier and allowing for live-cell 

imaging of these structures [16, 20]. In this work, we use an hiPSC-CM line tagged 

on the alpha-actinin-2 protein, developed at the Allen Institute for Cell Science (cell 

line 75; allencell.org/cell-catalog) [16]. Alpha-actinin-2 is on the z-disc, allowing for 

visualization of the ends of the hiPSC-CMs sarcomeres (Figure 1-2). Alpha-actinin-2 

is not expressed in hiPSCs, so it also serves as a verification of successful hiPSC-

CM differentiation [20].  
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(a) (b) 

Figure 1-2. Schematics of (a) intercalated discs and (b) sarcomeres. Figures adapted with 

permission from (a) [21] and (b) [17]. 

 

1.3. Patterning to improve hiPSC-CM maturity 

While hiPSC-CMs have become a more widely used model, there remain 

limitations hindering their use – primarily, the structural and functional differences 

between hiPSC-CMs and mature human CMs, including CM morphology, 

sarcomere organization, and contractile force [22, 23]. Mature human CMs have an 

elongated shape with average length-to-width ratio of approximately 7 or greater 

and highly aligned sarcomeres; hiPSC-CMs are smaller and have an irregular 

shape and unaligned sarcomeres, similar to fetal human CMs (Figure 1-3) [6, 15, 

24]. Structure is related to function, and sarcomere organization and CM 

morphology are correlated with contractile force – with more organized and 

elongated CMs producing higher contractile forces than unorganized, irregularly-

shaped CMs [15, 22]. 
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Figure 1-3. Schematic of hiPSC-CM and adult human CMs. Figure reproduced with permission from 

[24]. 

 

There are many approaches that have been used to improve the structural 

and functional maturity of hiPSC-CMs, including modulating the stiffness of the 

culture substrate, culturing hiPSC-CMs over long periods, and controlling hiPSC-

CM morphology through protein patterning [22, 24]. Protein patterning, which we will 

focus on here, has been done via a variety of methods, including light-induced 

molecular adsorption of proteins [25], microcontact printing [26-28], and lift-off [29]. 

For CMs, studies have typically used rectangular patterns of extracellular matrix 

(ECM) proteins with aspect ratios of ~7:1, similar to that of mature human CMs [15, 

22, 30, 31]. These studies have found that patterned CMs present more highly 

aligned myofibrils which produce greater contractile forces and other markers of 

maturity, such as calcium transient anisotropy [15]. Additionally, protein patterning 

has been shown to work with various device substrates, including polyacrylamide 
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(PA) hydrogels, allowing for tunable stiffnesses to match physiological 

microenvironments and for functional measurements such as TFM [15, 27-33]. 

 

1.4. Polyacrylamide (PA) hydrogels for tunability and physiological stiffness 

PA hydrogels are commonly used due to their range of possible stiffnesses 

and their tunability. They are made up of crosslinked acrylamide monomers and 

their stiffness and porosity can be modified by adjusting the amount of monomer 

and crosslinker [34-36]. The possible stiffnesses of a PA hydrogel can range from 

approximately 1 kPa to 100 kPa, spanning a large range of physiological tissue 

stiffness [34-36].  

Within that range, we commonly use PA hydrogels with a stiffness of 10kPa, 

the approximate stiffness of native human heart tissue [37, 38]. At this stiffness, the 

PA hydrogel can deform due to hiPSC-CM contraction [15, 34, 36]. The deformation 

of PA provides an environment more similar to the native environment of 

cardiomyocytes and allows for measurement of the response of hiPSC-CMs acting 

against a load (the substrate) [15, 34-36]. On glass substrates, hiPSC-CMs do not 

change length when contracting because glass is not deformable. Instead, hiPSC-

CM contraction on glass is described as twitching [15, 31, 39]. For this reason, in 

this work we will primarily use PA hydrogels. 

 

1.5. Patterning to further improve the hiPSC-CM model 

While patterning of CMs has been done with various methods and on varying 

substrates, most of this patterning has been done with ECM proteins on two-
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dimensional surfaces. In their native microenvironment, CMs interact with both the 

ECM and other CMs in a three-dimensional tissue (Figure 1-2). Therefore, 

developing methods for patterning hiPSC-CMs with multiple proteins, to mimic CM-

ECM and CM-CM interactions, and patterning hiPSC-CMs in 3D could develop a 

more accurate hiPSC-CM model for a range of applications, including drug 

screenings and disease studies. 

 

1.6. My Contributions 

The cardiomyocyte mechanobiology field has done ample work investigating 

the interactions between CMs and ECM. These studies have been transformative in 

hiPSC-CM work but there are still many aspects of the native CM microenvironment 

that have been understudied with relation to improving the hiPSC-CM model. I 

sought to improve the hiPSC-CM model by investigating the effects of two aspects 

of the heart microenvironment: (1) the interactions between CMs and both their 

neighboring CMs and their surrounding ECM and (2) the 3D nature of the 

microenvironment. To address these aspects, I developed and utilized a dual-

protein patterning platform and a 3D microwell platform, both made in PA hydrogels 

to replicate a physiologically relevant stiffness and to allow the platform to deform 

due to hiPSC-CM contraction [15, 34-36]. These platforms fill a gap in current 

technology in methods for single-cell studies of cell-cell and cell-ECM interactions 

and in single-cell 3D studies (Figure 1-4). Additionally, I demonstrated that hiPSC-

CMs behave distinctly when on dual-protein patterns or in 3D microwells, indicating 

that further exploration of cell-cell interactions and the 3D microenvironment could 
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improve single-cell hiPSC-CM maturity. These techniques, and the results I 

collected with them, can help inform the development of better human models for 

studies of heart function, disease, and therapeutics. 

 
Figure 1-4. Gap in current platforms for in vitro studies of hiPSC-CMs. Previous work with hiPSC-

CMs has focused on cell-ECM interactions [15, 31, 40] and studies investigating CM-CM interactions 

have been limited to mostly murine models [18, 19, 41, 42]. A gap exists in single-cell studies of cell-

cell interactions in a human model. Our dual-protein platform fills this gap by providing interactions 

mimicking cell-ECM and cell-cell attachments. Within cell-ECM studies, 3D studies have focused on 

the tissue-level, both in animal models [43, 44] and in human models [45-47]. For single-cell studies, 

Wilson, et al. patterned individual mouse myocytes in 3D patterns [48], but there has been a gap in 

human studies. Our microwell platform fills this gap by providing a 3D microenvironment for hiPSC-

CMs with high system control. Images have been reproduced with permission from: (left to right, top 

to bottom) [49] (CC0 1.0: https://creativecommons.org/publicdomain/zero/1.0/), [41], [30], [31], and 

[48]. 

 

1.7. Thesis Overview 
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Chapter 2 - Micromechanobiology: Focusing on the Cardiac Cell–Substrate 

Interface 

The cell-substrate interface is a key aspect of patterning hiPSC-CMs to improve 

their structure and function. To continue developing our hiPSC-CM platforms, we 

review the integrin expression and ECM composition present in the native CM 

microenvironment. We also consider common strategies used to adhere ECM 

proteins to the substrate in mechanobiology and various biomaterial approaches to 

modify parameters in the in vitro microenvironment. 

Chapter 2 is reprinted and reformatted with permission from the following: 

Castillo, E. A., Lane, K. V., & Pruitt, B. L. (2020). Micromechanobiology: Focusing 

on the Cardiac Cell-Substrate Interface. Annual Review of Biomedical Engineering, 

22, 257-284. [50]. 

 

Chapter 3 - Wafer-Scale Patterning of Protein Templates for Hydrogel Fabrication 

Fabricating platforms for patterning hiPSC-CMs is often complicated and time-

consuming, requiring cleanroom facilities and photolithography experience. To 

increase the efficiency and throughput of hiPSC-CM platform production, we 

developed a method for generating shelf-stable protein pattern templates on glass, 

increasing the yield from each batch ~16-fold. We show that these templates are 

compatible with polyacrylamide hydrogel co-polymerization and subsequent hiPSC-

CM attachment. 

Chapter 3 is reprinted and reformatted with permission from the following: Kim, 

A. A., Castillo, E. A., Lane, K. V., Torres, G. V., Chirikian, O., Wilson, R. E., Lance, 
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S. A., Pardon, G., & Pruitt, B. L. (2021). Wafer-Scale Patterning of Protein 

Templates for Hydrogel Fabrication. Micromachines, 12(11). [51]. 

 

Chapter 4 - Dual-Protein Patterning to Mimic N-Cadherin-Mediated Cell-Cell 

Contact in Human Induced Pluripotent Stem Cell-Derived Cardiomyocytes (hiPSC-

CMs) 

To improve existing single-cell hiPSC-CM platforms, we investigated the effect 

of N-cadherin, as a proxy for cell-cell contact, on hiPSC-CM structure and function. 

We show that hiPSC-CMs do not attach well to patterns of only N-cadherin. We 

developed a method for patterning two proteins in a spatially accurate manner to 

mimic both cell-cell and cell-ECM interactions that exist in the native CM 

microenvironment. We demonstrate that we can pattern N-cadherin and Laminin in 

precise designs aligned with one another and that we can transfer these patterns to 

polyacrylamide hydrogels. We show that hiPSC-CMs on dual-protein patterns have 

larger cell areas than those on single-protein patterns and greater contractility in the 

direction of sarcomere organization, but show no differences in aspect ratio, 

sarcomere organization, or force production. 

 

Chapter 5 - Tunable Hydrogel Platforms to Investigate Effects of 3D Patterning on 

hiPSC-CM Maturity 

To investigate the impact of replicating a 3D microenvironment on hiPSC-CM 

maturity, we produced single-cell 3D microwells and culture hiPSC-CMs inside of 

them. We show that we can successfully seed hiPSC-CMs in 3D microwells, but at 
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a low rate with few single cells. We demonstrate that hiPSC-CMs patterned in 3D 

microwells have a greater cell height, though we found no differences in cell area. 

We also demonstrate that hiPSC-CMs in 3D microwells have greater myofibrillar 

content and qualitatively observed that the sarcomeres in 3D-patterned hiPSC-CMs 

are organized along the z-direction, versus solely planar sarcomere organization in 

2D-patterned hiPSC-CMs. 

 

Chapter 6 - Conclusions and Future Directions 

We conclude with a summary of our findings and suggestions for future work 

with these platforms, including biological questions that can be probed with the use 

of these platforms. 

 

Appendices 

The appendices include detailed protocols and supplementary information. 
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2. Micromechanobiology: Focusing on the Cardiac Cell-Substrate 

Interface 

This chapter is reprinted and reformatted with permission from the following: 

Castillo, E. A., Lane, K. V., and Pruitt, B. L., “Micromechanobiology: Focusing on 

the Cardiac Cell-Substrate Interface”. Annual Review of Biomedical Engineering, 

22:257–284, 6 2020. [50]. This chapter includes the entire manuscript, including 

figures and tables. The chapter covers a review of the native microenvironment of 

cardiomyocytes in the human heart. It also examines in vitro techniques to replicate 

the heart microenvironment and the interactions between protein and substrate in in 

vitro devices. Finally, this chapter discusses the biomaterial approaches commonly 

used to adjust aspects of the microenvironment in in vitro studies. I was second 

author and I aided in the development of the review scope and contents with the 

first author Erica Castillo and my advisor Beth Pruitt. I led the conceptualization and 

writing for the protein-substrate interface section while Erica led the writing of the 

whole manuscript and Beth contributed to the design and editing. 

 

2.1. Abstract 

Engineered, in vitro cardiac cell and tissue systems provide testbeds to study 

cardiac development, cellular disease processes, and drug responses in a dish. 

Much effort has focused on improving the structure and function of engineered 

cardiomyocytes and heart tissues. However, these parameters depend critically on 

signaling through the cellular microenvironment in terms of ligand composition, 

matrix stiffness and substrate mechanical properties, i.e., matrix 
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micromechanobiology. To facilitate improvements to in vitro microenvironment 

design, we review how cardiomyocytes and their microenvironment change during 

development and disease in terms of integrin expression and ECM matrix 

composition. We also discuss strategies used to bind proteins to common 

mechanobiology platforms and discuss important differences in binding strength to 

the substrate. Finally, we review example biomaterial approaches designed to 

support and probe cell-ECM interactions of cardiomyocytes in vitro as well as open 

questions and challenges.  

 

2.2. Introduction  

Tissue integrity and cardiac function are achieved by cardiomyocytes (CMs) 

maintaining cell-extracellular matrix (ECM) and cell-cell interactions [52]. Human 

heart tissue is composed of three layers: endocardium, myocardium, and 

epicardium (Figure 2-1). The myocardium contracts and relaxes to pump blood 

throughout the body. Within the myocardium reside CMs, cardiac fibroblasts, 

cardiac vascular cells, and leukocytes in a network of ECM (Figure 2-1) [17, 53]. 

CMs generate contractile forces and occupy the largest volume fraction of the 

myocardium [54]. Cell subtypes, matrix, and composition differ in the atria, 

ventricles, and conduction bundles, resulting in varied structural, functional, 

molecular, and electrophysiological properties [55]. 
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Figure 2-1. Schematic of the heart and the spatial location of myocardium. The myocardium has a 

highly ordered, hierarchical structure composed mostly of CMs by volume and mostly fibroblasts by 

cell number, as well as vascular and other cell types. The cell–ECM and cell–cell junctions provide 

biophysical and biochemical signals to the CMs. The intercalated discs provide neighboring cells with 

physical and electrical connections. Abbreviations: CM, cardiomyocytes; ECM, extracellular matrix; 

LA, left atrium; LV, left ventricle; RA, right atrium; RV, right ventricle. Figure adapted from [17] with 

permission from The Royal Society of Chemistry. 

 

Adherent cell types use various adhesion molecules to physically anchor within 

this microenvironment (Figure 2-2a) [56]. Integrins are the principal receptors that 

link ECM proteins to the cell cytoskeleton [57, 58]. CM integrins serve a wide variety 

of functions, including adhesion, signaling, viral uptake, ion channel regulation, stem 
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cell differentiation and engraftment, modification of hypertrophic growth responses, 

and transmission of mechanical signal (mechanotransduction); they may also 

provide protection from ischemic stress [59]. Other nonintegrin ECM receptors 

(known to interact directly with the ECM) at the cell surface of CMs include the 

dystroglycan complex and syndecan proteoglycans [60-62]. In CMs the structure 

composed of the dystrophin-glycoprotein complex and the integrin-vinculin-talin 

complex is known as the costamere [63, 64]. In addition to mediating cell-ECM 

interactions, integrins mediate cell-cell interactions [65]. Intercalated discs connect 

CMs to one another and are composed of adherens junctions, desmosomes, and 

gap junctions that provide adhesive and electrical coupling between CMs (Figure 2-

1) [66]. Integrins are bidirectional signal transducers, and ligand binding leads to 

intracellular signaling events (Figure 2-3b) [67, 68]. We use the term outside-in 

signaling to refer to the cascade of events following integrin-ligand binding. In 

contrast, inside-out signaling can alter integrin conformation and binding 

characteristics from within the cell [67]. By simultaneously binding thousands of 

integrin receptors to ECM binding sites, a cell compiles a spatiotemporal map of the 

biochemical and biophysical properties of the microenvironment [69]. 
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Figure 2-2. Simplified schematic highlighting interactions among integrins, extracellular matrix 

(ECM), cell–cell contacts, and linkers. (a) The native cell microenvironment can be mimicked by (b) 

the in vitro cell–substrate interface through the engagement of a cell's integrins with specific ligands 

found within ECM proteins. The ECM in an in vitro interface is physically linked to the substrate 

(gray) via a linker (red). How a cell interacts (or not) depends on biochemical and biophysical 

properties of ECM, linker, and substrate. Note that the schematics are not drawn to scale. 

 

The heart undergoes constant cycles of contraction and relaxation. Given the 

dynamic nature of the heart, a robust structural linkage between CMs and 

extracellular components is needed to transmit forces and deformations [70]. The 

myocardial ECM is composed of glycoproteins (e.g., collagens, elastin, fibronectin, 

laminin), proteoglycans, glycosaminoglycans, and growth factors [53]. The function 

of each cardiac ECM protein can be structural and/or nonstructural. After being 

secreted from cells, ECM proteins can undergo further modification and 
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degradation. Matrix metalloproteinases (MMPs) can remodel the matrix and modify 

the cell-ECM interface [71, 72], while tissue inhibitor metalloproteinases regulate 

MMP matrix degradation [73]. ECM properties such as biochemical composition, 

mechanical properties, and structure are known to influence CM adhesion and 

cardiac lineage differentiation, function, and maturity. 

 
Figure 2-3. Integrins are cell adhesion receptors that serve as mechanical links between the 

extracellular matrix (ECM) and a cell's cytoskeleton. (a) Integrins are transmembrane heterodimers 

composed of an α and a β subunit. (b) Integrins are known as bidirectional signaling receptors that 

can trigger signaling cascades after externally binding to a ligand (outside-in signaling). Additionally, 

integrins can be controlled from signaling cascades within the cell (inside-out signaling). (c) Integrin 

subtypes have specific ECM protein ligand-binding properties. Panels adapted with permission from 

References (a) [74], (b) [75], and (c) [76], respectively. 
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CM adhesion receptors and the cardiac microenvironment undergo temporal 

changes during heart development. Differences in integrin expression profiles are 

frequently observed in embryonic versus adult tissues. During development, CMs 

display changing integrin expression profiles. The term integrin expression profile 

refers to the different integrin types and their respective quantities at the cell 

surface. Distinct integrin types can trigger different intracellular signaling pathways 

[77]. Furthermore, during heart development the ECM exhibits changes in 

biochemical and biophysical properties such as biochemical composition as well as 

mechanical properties and structure. Changes in ECM properties ultimately lead to 

changes to the myocardium’s mechanical properties, which affect heart function. 

The CM integrin expression profile and surrounding myocardial ECM composition 

reach a dynamic steady state in adulthood, and upon disease or injury these 

properties undergo changes in expression and composition. 

Embryonic and induced pluripotent stem cells (iPSCs) do not appear to have 

significant differences, and in this review we refer to both cell types as pluripotent 

stem cells (PSCs) [78, 79]. PSC-derived CMs (PSC-CMs) are a model that allow 

the study of cardiac development, disease, and drug modeling. All in vitro setups 

require PSC-CMs to adhere to a substrate. However, cells do not directly interact 

with the substrate. A cell binds via integrins to specific binding sites on the ECM 

protein, which we refer to as the cell-ECM interface. The ECM protein is attached to 

the substrate via physisorption or a chemisorption linker (Figure 2-2b), which we 

refer to as the protein-substrate interface. We refer to the combination of the cell-
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ECM and protein-substrate interface as the cell-substrate interface (also known as 

the biointerface). How a cell interacts and responds to an in vitro microenvironment 

depends not only on the cell’s integrin type and ECM properties but also on the 

linker and substrate properties. 

One of the goals of in vitro platforms is to provide stem cells with the appropriate 

outside-in signaling needed for adhesion, cardiac lineage differentiation, and CM 

maturity by recapitulating aspects of the native cardiac microenvironment. PSC-

CMs display early to late fetal CM characteristics in terms of morphology and 

function [22, 80]. However, the lack of a suitable adult CM source and known 

differences between species [4] in terms of key cardiac contractile proteins [81] 

have motivated researchers to improve PSC-CM models and address the maturity 

challenge. Multiple in vitro approaches have been explored in an effort to increase 

PSC-CM maturity: electromagnetic stimulation, biochemical factors, physical 

stimulation (topography, stiffness, stretch), and long-term culture. The resulting 

models span from single cells to engineered tissues, such as engineered heart 

tissue, microfluidic heart-on-a-chip, cell sheets, decellularized heart, and muscular 

thin films [22, 46, 80, 82, 83]. 

One way to probe and decouple the cell-substrate interface is by using 

biomaterials to vary different biophysical and biochemical properties [84]. An open 

challenge for the field is to identify the minimally complex biomaterial model that can 

support and recapitulate key features of cardiac function in cell and tissue models 

[85]. Historically, MatrigelTM has prevailed for PSC culture and PSC-CM 

differentiation, though other synthetic alternatives are emerging. Matrigel’s complex 
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composition of more than 1,000 proteins and lot-to-lot variability complicate 

attempts to decouple the effects of ECM composition and contributes to 

heterogeneity in PSC-CM development and response. However, by systematically 

varying biomaterial properties, researchers are gaining better knowledge of the 

specific properties of CM differentiation, morphology, structure, function, and 

maturity. 

To facilitate these efforts, we first review native developmental changes in CMs 

integrin ex- pression and myocardial ECM composition. To support 

mechanobiological insights, we review strategies for linking ECM proteins to 

common substrates. Finally, we review a variety of biomaterials approaches that 

offer control over ligand composition, matrix mechanics (e.g., stiffness), 

dimensionality (e.g., two versus three dimensions), and matrix structure (e.g., 

topography) used in CM mechanobiology studies. 

 

2.3. Native Cardiac Development 

2.3.1. Temporal dynamics of Cardiomyocyte integrin expression 

(Development and Disease)  

Integrins are heterodimers that consist of an α and a β subunit (Figure 2-3a). 

The size of individual subunits can range from 80 to 180 kDa. In mammals there are 

more than 18 α subunit and 8 β subunit types. To date, 24 unique α–β combinations 

(integrin types) have been identified. Spliced variant isoforms of individual subunits 

also exist [86]. Different integrin types lead to specific integrin-ligand interactions. 

However, there is redundancy in the interactions, a specific integrin type can bind to 
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different types of ligands, and one ligand can have multiple receptors for different 

integrin types [65]. Specific integrin-ECM combinations (Figure 2-3c) have been 

extensively documented [77, 87]. The result of ligand binding can be a broad range 

of signaling cascades within the cell (Figure 2-3b). Integrin function has been 

studied primarily via knockout animal models, and several functions remain unclear 

[77]. For example, for fibroblast cells the α5 β1 integrin determines adhesion 

strength, while αVβ3 integrin and talin enable mechanotransduction [88]. The 

integrin expression profile is also known to modulate the spatiotemporal 

organization of force transmission at cell-matrix adhesions [89]. To bind an 

extracellular ligand, integrins at the plasma membrane must undergo a 

conformational change from bent to unfolded (Figure 2-3b). Biochemical and 

biomechanical integrin regulation affects integrin cell surface availability, binding 

properties, activation, and clustering [90]. 

The various methods used to determine integrin expression levels analyze either 

RNA levels or protein levels. Reverse transcriptase polymerase chain reaction (RT-

PCR) provides a measure of the specific amount of target RNA. RNA sequencing 

provides the whole RNA transcriptome at one time point. A trade-off of these 

methods is that RNA data do not always translate directly to protein levels. 

Regulatory processes following the production of messenger RNA contribute to the 

mismatch between transcription and translation [91]. While some studies use RNA 

levels to determine integrin expression, others favor the use of antibodies to directly 

label the protein. Western blot analysis quantifies relative protein expression levels. 

Immunohistochemistry (IHC) labeling of tissue sections with antibodies confirms 
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protein expression and preserves the protein’s spatial distribution. Fluorescence-

activated cell sorting of labeled cells provides the relative protein levels from cell to 

cell. A caveat with antibodies is that care must be taken to validate and include 

appropriate controls to ensure the signal comes from the protein of interest and not 

nonspecific binding [92]. A combination of both RNA and protein data would be the 

gold standard in integrin expression studies. 

In this section, we review CM integrin expression throughout normal cardiac 

development and describe how it changes with different cardiovascular diseases. 

Integrins are at the cell-ECM interface and thus are essential to mechanobiological 

signaling during these remodeling phases [93]. The studies reviewed use various 

animal models, and we note that differences may exist between species, including 

in integrin expression. Thus, we provide the model organism in parentheses for 

clarity. 

In early cardiac muscle development, CMs express α5 and α6 integrin subunits 

dimerized with both β1A and β1D (mouse) [94]. The α5 integrin subunit is replaced by 

α7 in adult CMs (mouse) [95]. CM integrin subunit expression undergoes a switch at 

birth, and α7Bβ1D integrin becomes dominantly expressed (mouse) [94]. Table 2-1 

summarizes trends in CM integrin expression throughout development and with 

disease/injury. The α integrin subunits expressed in CMs also include α1, α6, α9, and 

α10 [59]. In addition to the dominant β1 integrin subunit, β3 and β5 are present in 

CMs [59]. 

Table 2-1. Cardiomyocyte integrin expression in cardiac development and diseasea 

Integrin 
subunit Embryonic Fetal Neonatal Adult Disease/injury 

α1  ■ R [96] ■ R [96] × R [96] ↑ R [96, 97] 
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α3  ■ R [96] ■ R [96] ■ R [96] → R [96, 97] 

α5 
■ M [94] 
α5 is abundantly 

expressed 
■ R [96] ■ R [96] × M, R [65, 96] ↑ R [96, 97] 

α6 
■ M [94, 95] 
α6 is abundantly 

expressed 
■ M [95] ■ M [95]   

α7 ■ M [94] ■ M [94] ■ M [94] 
■ M [94] 
α7B is abundantly 

expressed 
↑ M [98] 

β1  ■ R, M [94, 96] ■ R [96] 
■ R, M, H [96, 99] 
β1D is abundantly 

expressed 

→ R, A [96, 100] 
↑ M [101] 
↓ M [102, 103] 

aAll data are from cardiomyocyte protein expression. Myocardial tissue level trends are omitted. 

Filled squares indicate presence; crosses indicate absence. Upward arrows indicate an increase in 

expression; downward arrows indicate a decrease in expression; rightward arrows indicate no 

change in expression. Blank cells indicate no data. Abbreviations: A, rabbit; H, human; M, mouse; R, 

rat. 

 

2.3.1.1. a1 

α1β1 integrin is associated with cell attachment to collagen and laminin [87]. The 

α1 integrin subunit is present in fetal and neonatal CMs (rat) [96]. However, by the 

time CMs reach adulthood, the α1 integrin subunit is no longer present (rat) [96]. 

Induction of cardiac hypertrophy by aortic coarctation revealed increased 

expression of the α1 integrin subunit in CMs (rat) [96]. In an induced myocardial 

infarction (MI) model, the α1 integrin subunit localized to CMs in the peri-infarcted 

area and increased from undetectable to detectable levels 1 week post MI and 

persisted until 6 weeks post MI (rat). Expression of α1 integrin also increased in 

apoptotic CMs after MI [97]. 

2.3.1.2. a3 

α3β1 integrin is known to bind to laminin [87]. Terracio, et al. [96] showed that the 

α3 integrin subunit is present in fetal, neonatal, and adult CMs (rat). They induced 
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cardiac hypertrophy by aortic coarctation and observed no change in α3 integrin 

subunit expression levels in CMs (rat) [96]. Nawata, et al. [97] induced MI and 

observed no change in the level of expression of the α3 integrin subunit in CMs 

throughout the 6 weeks after MI (rat). 

2.3.1.3. a5 

α5β1 integrin is known to bind to fibronectin [87]. Embryonic CMs express the α5 

integrin subunit, which is found in complex with both β1A and β1D (mouse) [94]. 

Wiencierz, et al. [95] confirmed that in embryonic CMs the α5 integrin subunit is 

strongly expressed (mouse). The α5 integrin subunit is present in fetal and neonatal 

CMs (rat) [96]. However, by the time CMs reach adulthood, the α5 integrin subunit is 

no longer present (rat, mouse) [65, 96]. Terracio, et al. [96] induced cardiac 

hypertrophy and observed the return of the α5 integrin subunit in CMs (rat). Nawata, 

et al. [97] induced MI and observed a peak in the level of expression of the α5 

integrin subunit in CMs at 4 and 7 days post MI (rat). The level of expression then 

decreased to levels observed in control groups after 6 weeks post MI (rat). The 

disparity in temporal dynamics of α5 and α1 integrin subunit expression following MI 

suggests that different α integrin subunits could have different roles in remodeling 

[93, 97]. 

2.3.1.4. a6 

α6β1 integrin is known to bind to laminin [87, 104]. Embryonic CMs express the 

α6A integrin subunit, which is found in complex with both β1A and β1D subunits 

(mouse) [94]. Wiencierz, et al. [95] confirmed that in embryonic CMs, α6 is a 

strongly expressed integrin subunit (mouse). At the tissue level, early in embryonic 
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development, the α6 integrin subunit is located primarily in the heart and specifically 

within the myocardium (mouse), and it is no longer present in the myocardium by 

birth. Expression of the α6 integrin subunit is spatially regulated as the heart 

matures; it is initially downregulated in the ventricles, followed by the atrial regions. 

The α6 integrin subunit is also present in early chick myocardium [65]. Recently, 

atrial and ventricular CM sub-populations were isolated throughout embryonic and 

adult stages based on differential expression in the α6 integrin subunit (mouse). 

Patch-clamp analysis and gene expression profiling confirmed the atrial and 

ventricular CM subtypes. Expression levels of the α6 integrin subunit correlated with 

expression of myosin light chain 2a (MLC-2a) and MLC-2v [95]. 

2.3.1.5. a7 

α7β1 integrin is known to bind to laminin [87]. Brancaccio, et al. [94] found that 

the α7B integrin subunit in CMs starts to be expressed at embryonic day (E)17 

(mouse). α7Bβ1D integrin is present in developing and adult CMs (mouse) [94]. The 

onset of α7 integrin subunit expression in CMs during cardiac muscle development 

is not temporally coordinated with β1D expression (mouse) [94]. Following birth and 

in adulthood, the α7 and β1D integrin subunits are abundantly expressed in CMs 

(mouse) [94]. Babbitt, et al. [98] demonstrated that the α7 and β1D integrin subunits 

in CMs increase in expression 1 week following aortic constriction (mouse). 

2.3.1.6. β1 

The β1 integrin subunit is ubiquitous in many cell types and is present in half of 

known integrin types [77]. The β1 integrin subunit is present in fetal, neonatal, and 

adult CMs (rat) [96]. The initial expression time point of the β1D integrin subunit 
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varies between studies within the same species. Brancaccio, et al. [94] showed that 

from E11 to E17 the β1A and β1D integrin subunit variants are coexpressed in CMs 

(mouse). In contrast, Van Der Flier, et al. [99] showed that β1D integrin subunit 

expression in CMs begins around the time of birth (mouse). In the developing and 

newborn heart, β1D can dimerize with several α integrin subunits, including α5, α7, 

and α7B (mouse) [94]. This study showed that β1D is not an exclusive partner to α7B, 

as was previously thought. As development progresses, β1A subunit expression 

progressively declines, while β1D subunit expression increases in CMs (mouse) [94]. 

In newborn and adult CMs, the integrin subunit isoform β1D is the only β1 subunit 

expressed (mouse) [94]. Van Der Flier, et al. [99] also showed that the β1D integrin 

subunit was present at the costameres and intercalated discs of adult CMs (mouse 

and human). The integrin subunit β1D may provide muscle cells with a stronger 

mechanical link between the ECM and actin cytoskeleton fibrils [105]. Moreover, in 

adult CMs, the β1D integrin subunit associates only with the α7B integrin subunit 

(mouse) [94]. 

Terracio, et al. [96] induced cardiac hypertrophy and observed no change in β1 

integrin subunit expression levels in CMs (rat). Sun, et al. [106] demonstrated that 

gene expression of β1 is temporally upregulated after MI (rat). Additionally, these 

authors showed that β1D is downregulated by inflammatory cytokines such as tumor 

necrosis factor. Krishnamurthy, et al. [101] observed an increase in β1 integrin 

subunit expression in CMs after MI in comparison to controls (mouse). They also 

noted that not all CMs exhibit increased β1 expression. Ichikawa, et al. [100] 

demonstrated that after 9 weeks of treatment with daunorubicin (a cardiotoxic drug 
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reducing left ventricular function) the total protein expression of β1D did not change 

in comparison to controls (rabbit). Manso, et al. [102] showed that loss of talin-2 led 

to a 50% reduction in levels of β1D in CMs, while normal cardiac structure and 

function were maintained (mouse). Transgenic mice overexpressing 

thrombospondin 3 (Thbs3; upregulated in cardiac disease) in CMs showed reduced 

surface integrin and sarcolemmastability. β1D, α5, and α7 integrins from Thbs3 

hearts showed  reduced membrane presence (mouse). Overexpression of α7β1D 

integrin reduced Thbs3-related disease and led to a rise in endogenous integrin 

α5β1D (mouse) [103]. 

2.3.1.7. Pluripotent stem cell and pluripotent stem cell–cardiomyocyte 

integrins 

Much less is known about the integrin expression of PSC-CMs. PSCs 

abundantly express α5, α6, αV, β1, and β5 integrin subunits [107]. The PSC-CM 

integrin expression profile has been shown to be temporally modulated. Ja, et al. 

[108] demonstrated that PSC-CMs express higher RNA levels of α1, α2, α3, α7, and 

β1 integrin subunits than do PSC cardiac progenitors (human). Yu, et al. [109] 

showed that α7 integrin subunit expression is lower in PSC-CMs than in neonatal 

CMs (mouse). 

2.3.2. Temporal Dynamics of Myocardial Extracellular Matrix Composition 

(Development and Disease) 

In order to evaluate the native cardiac ECM proteome, samples must be in the 

form of whole tissue sections or isolated/enriched ECM proteins from tissues. IHC 

has been used to spatially label ECM proteins within tissue sections. As discussed 
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above, trade-offs concerning the use of antibodies apply. A few studies have also 

reported ECM gene expression levels using RT-PCR. Another common technique 

involves decellularization of the heart and a protein precipitation step, followed by 

analysis via liquid chromatography in tandem with mass spectrometry (LC-MS/MS) 

[110]. A drawback of performing decellularization is that some soluble matrix 

components can be lost or altered during sample processing [111]. Missing low-

abundance proteins are a known pitfall of LC-MS/MS [110]. Ongoing challenges in 

cardiac proteome analysis include the relative insolubility of ECM proteins and the 

relatively high abundance of other proteins in cardiac tissues [112]. 

In this section, we review the changes that occur in myocardial ECM 

composition throughout the normal cardiac development timeline. We also discuss 

ECM protein structural organization and spatial location within the myocardium 

(Figure 2-4a). We then describe how the myocardial ECM composition profile is 

affected by different cardiovascular diseases. Unless otherwise stated, the following 

discussion describes composition changes within the left ventricle. There exist 

many differences among species, and while some myocardial ECM composition 

changes may be the same, we list the model organism in parentheses for clarity. 

Table 2 summarizes trends in myocardial ECM protein composition in cardiac 

development and disease. For coverage of other cardiac ECM proteins and 

composition of other heart compartments, we refer the reader to other excellent 

detailed reviews [53, 113]. 

Table 2-2. Myocardial ECM protein composition in cardiac development and diseasea 
ECM 

protein Embryonic Fetal Neonatal Adult Disease/injury 

Collagen I ■ M [114] ■ R [115-117] ↓ M [114] 
↑ R [115-117] ↑ R [115-117] ↑ R [118, 119] 

↓ R [120] 



 

 29 

Collagen I is 
abundantly 
expressed 

 

Collagen 
III  ■ R [116, 117] ↑ R [117] ↑ R [116, 117] 

↑ R [118] 
→ R [119] 
× R [120] 

Collagen 
IV ■ M [114] ■ R [116, 117] 

↑ M [114] 
■ R [116] 
↓ R [117] 

■ R [116] 
↓ R [117] 
Collagen IV is a 

major 
component of 
basement 
membrane 

↑ R [119, 120] 

Collagen 
V   ■ R [115] ■ R [120] ↓ R [120] 

Collagen 
VI    ■ R [121] ↑ R [120] 

Collagen 
XV    ■ R [120] × R [120] 

Laminin ■ H [122] ■ R [116] ↑ R [116] 

↑ R [116] 
■ H [123] 
Laminin is a major 

component of 
basement 
membrane 

↓ R [120] 
→ R [119] 

Fibronecti
n 

■ M [114] ■ R [117] 
Fibronectin is 

abundantly 
expressed 

↓ R [117] 
→ M [114] 
Fibronectin is 

abundantly 
expressed 

↓ R [117] ↑ H, R, M [97, 120, 
124-126] 

Elastin ■ M [114]  → M [114] ■ R [119] → R [119, 120] 

aAll data are from myocardial left ventricular ECM protein expression. Trends in the disease column 

reflect the first temporal data point reported. Filled squares indicate presence; crosses indicate 

absence. Upward arrows indicate an increase in expression; downward arrows indicate a decrease 

in expression; rightward arrows indicate no change in expression. Blank cells indicate no data. 

Abbreviations: ECM, extracellular matrix; H, human; M, mouse; R, rat. 

 

2.3.2.1. Collagens  

Collagen fibrils are aggregates of triple helices composed of long polypeptide 

chains called α chains [127]. Individual collagen fibrils, with diameters ranging from 

30 to 80 nm, come together to form collagen fibers [127]. The 14 different types of 

collagen vary in their composition and arrangement of α chains [127]. Collagens I, 

II, III, V, and XI form fibrils, and the rest are described as nonfibrillar [127]. Collagen 

is the most abundant ECM protein in the heart. The myocardial collagen matrix is 
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75-80% collagen I; 11–20% collagen III; and the remaining percentage composed of 

collagen IV, collagen V, and collagen VI [111, 127]. This ratio of collagen types has 

also been reported to be conserved among three species (rat, dog, and macaque) 

[121]. 

The adult myocardium has a collagen network with a hierarchical structure that 

evolves during development. Within the endomysium (Figure 2-4a), neighboring 

CMs are connected by intercellular struts composed of collagen fibrils and anchored 

near the Z-band level [127]. CMs are next surrounded by interwoven bundles of 

collagen fibrils, and the perimysium (Figure 2-4a), which contains collagen bundles 

that surround groups of CMs [127]. 
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Figure 2-4. (a) The myocardial ECM is composed of a hierarchical network of proteins with distinct 

dominant spatial distributions. (b) The ECM protein composition dynamically changes throughout 

cardiac development (fetal, neonatal, adult stages). (c) ECM compositional changes vary among 

distinct heart tissue layers (Endo, Myo, Epi) during developmental stages (12.5, 14.5, 16.5, and P2). 

(d) In addition, ECM protein composition dynamically changes after myocardial infarction. 
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Abbreviations: ECM, extracellular matrix; Endo, endocardium; Epi, epicardium; Myo, myocardium; 

P2, postnatal day 2. The numbers 12.5, 14.5, and 16.5 refer to embryonic days 12.5, 14.5, and 16.5, 

respectively. Panels adapted with permission from (a) [111] and [128], (b) [117], (c) [114], and (d) 

[120]. 

 

A changing composition of collagens contributes to the complex mechanical 

properties and function of the myocardium [127, 129]. Important factors include 

spatial location and relative alignment, fiber structure and dimension, fiber density, 

and fiber cross-linking [127, 129]. For example, collagen composition changes 

dramatically with fibrosis, a compensatory remodeling mechanism that involves 

changes in the ECM that preserve the tissue’s integrity. Many cardiac diseases 

increase the deposition or rearrange the organization of collagen, and imaging 

methods sensitive to collagen I and collagen III have been applied to observe this 

progression [111]. In general, with age, the myocardium’s collagen concentration 

and number of crosslinks increase [127]. This increase in collagen within the 

myocardium increases muscle stiffness [127]. 

2.3.2.2. Collagen I 

Collagen I is secreted from fibroblasts as procollagen, self-assembles into fibrils 

after being modified by enzymes, and is stabilized by covalent cross-links across 

the triple-helix structure [111, 127]. Collagen I fibers are typically composed of thick, 

densely packed fibrils with an average diameter of 75 nm [127]. At the adult stage, 

collagen I is located at high abundance in the perimysium and at lower abundance 

in the endomysium (rat) (Figure 2-4a) [121, 130]. A key role of collagen I is to 

provide structural support and strength within the myocardium [114, 121]. Collagen I 
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is a relatively stiff material that exhibits high tensile strength and provides rigidity 

[127, 131]. 

When observed for a period extending up to postnatal stage (P)2 (mouse), 

collagen I expression in the myocardium is highest at E12.5 (Figure 2-4c) [114]. The 

lower amount of collagen I in the myocardium during initial stages of development is 

thought to contribute to tissue elasticity during expansion [114]. In contrast, the 

same study showed that collagen I gene expression increased from E12.5 to P2 

[114]. Studies using rat myocardium observed collagen I increasing steadily 

throughout the fetal, neonatal, and adult stages (Figure 2-4b) [115-117]. As the 

heart’s functional capacity develops to meet the higher workload from E12.5 to P2, 

the collagen network within the ventricles increases in spatial mesh complexity and 

fiber structure [114]. After birth, the speed at which the collagen network develops 

increases drastically, reaching adult structure within 20 days postpartum (rat) [115]. 

The amount of collagen I does not change within 20 days postpartum [115]. The 

adult heart has a significantly higher amount of collagen I versus the fetal heart 

[116]. Collagen I is the most abundant protein in the adult heart (rat) [117]. 

Aging and several diseases or injuries can cause changes in expression of 

collagen I. As the myocardium ages, collagen I concentration increases 

substantially, and the number of fibers and thickness increase as well [111, 127]. 

Collagen I is crucial for heart tissue repair after injury or disease. If loss of CMs 

occurs, cardiac fibroblasts are recruited to the damaged region and compensate for 

muscle loss primarily by secreting collagen I [111]. One study found that collagen I 

increased at 4 weeks post MI and remained elevated at 10 weeks (rat) [118]. In the 
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same study, collagen I within the right ventricle peaked at 4 weeks post MI and 

started to decline toward baseline at 10 weeks [118]. This study highlights the 

temporal dynamics of the ECM as a function of spatial localization within the heart. 

One week after MI there was a small decrease in collagen I, but by week 4 the 

amount of collagen I had increased above healthy baseline values (rat) (Figure 2-

4d) [120]. 

2.3.2.3. Collagen III 

Collagen III is a homotrimer that forms a compliant fiber network [111]. Collagen 

III fibers are typically composed of thin, loosely packed fibrils with an average 

diameter of 45 nm [127]. Collagen III is secreted by smooth muscle cells and 

fibroblasts [127]. 

At the adult stage, collagen III is more abundant in the endomysium and less so 

in the perimysium (Figure 2-4a) [121]. Collagen III exhibits high tensile strength, 

contributes to structural support, and provides elasticity [127, 131]. A metric of 

relative stiffness within cardiovascular tissue is the ratio of collagen I to collagen III. 

This ratio is high during the human neonatal stage and contributes to a rigid heart 

during early development, then decreases after birth and reaches a steady state in 

adulthood [131]. A crucial function of collagen III is regulation of collagen I 

fibrillogenesis, making it necessary for normal cardiovascular development [111, 

116]. 

Collagen III significantly increases as the heart matures from the fetal to adult 

stage (rat) [116]. A rat study showed an increase in collagen III concentration from 

the fetal to the neonatal to the adult stage (Figure 2-4b) [117]. Collagen III 
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transiently increased at 2 weeks post MI, then declined to baseline values at 4 

weeks (rat) [118]. In another recent MI study, collagen III did not significantly 

change expression over the 8-week observation time (rat) [119]. The variations in 

temporal expression in these two studies could be due to differences in sample 

preparation and analysis [119]. In another adult rat MI study, collagen III was no 

longer present 4 weeks post MI (Figure 4d) [120]. 

2.3.2.4. Collagen IV 

Collagen IV is nonfibrillar, with three heterotrimer variants composed of six 

different α chains [111]. Both cardiac fibroblasts and CMs secrete collagen IV [70]. 

In adult myocardium, collagen IV is confined to the basement membrane of 

myocardial, endothelial, and smooth muscle cells (Figure 2-4a) [121]. The 

basement membrane is rich in collagen IV [132]. Furthermore, collagen IV is 

present along the T-tubular network and is thought to provide structural support 

during contraction [113, 130]. Collagen IV serves as a cell-adhesive protein and 

links groups of CMs to the surrounding ECM [127]. 

Collagen IV increases in density and organization from E12.5 to P2 (mouse) 

(Figure 2-4c) [114]. At E14.5, collagen IV surrounds CMs in a disconnected circular 

configuration. By the postnatal stage, the collagen IV network was more 

interconnected throughout the myocardium and has a more fibrillar structure [114]. 

Within 3 days of birth, the collagen IV network becomes denser in the endomysium 

[115]. Collagen IV does not undergo any significant changes in expression during 

the fetal, neonatal, or adult phase (rat) [116]. Conversely, another study showed 

that collagen IV decreases during fetal, neonatal, and adult phases (rat) (Figure 2-
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4b) [117]. After MI, the amount of collagen IV increased, reached a maximum at 2 

weeks post MI, and then progressively decreased (rat) [119]. In another adult rat MI 

study, at week 4 the amount of collagen IV remained above healthy baseline values 

(Figure 2-4d) [119]. 

2.3.2.5. Other Collagen Types 

Other collagens found in cardiac tissue include collagen V, collagen VI, and 

collagen XV. In a postnatal rat model, collagen V is located in the endomysium and 

basal lamina (a component of the basement membrane) [115]. In an adult rat MI 

study, collagen V was no longer present 4 weeks post MI [120]. In adult rat 

myocardium, collagen VI is abundant in the endomysium and less in the perimysium 

(Figure 2-4a) [121]. In an adult rat MI study, 1 week post MI there was a small 

increase in collagen VI, and by week 4 the level approached healthy baseline 

values (Figure 2-4d) [120]. Furthermore, a knockout study found that a collagen VI-

deficient mouse had a reduction in chronic CM apoptosis and fibrosis compared 

with wild-type mice, which led to improved cardiac function after MI [133]. Collagen 

XV is involved with ECM organization within the heart [134]. In an adult rat MI study, 

collagen XV was no longer present 4 weeks post MI [120]. 

2.3.2.6. Laminin 

Laminins are a family of glycoproteins that form a T-shaped heterotrimer and are 

composed of one α, one β, and one γ chain [111]. Fibroblasts and CMs can secrete 

laminin [70]. Laminin is found in the basement membrane of cardiac tissue and 

vasculature [121]. Laminin forms a fine network and is a major component of the 

basement membrane (Figure 2-4a) [132, 135]. The basement membrane in adult rat 
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cardiac ventricles has a striated laminin structure with a length similar to that of 

sarcomeres [132]. Laminin is the first ECM protein observed in the developing 

embryo and has an essential role in anchoring cells to ECM [135]. Another function 

of laminin is to cross-link other ECM proteins, including collagen IV, perlecan, and 

entactin [136]. 

Tissues from humans at gestational week 8 showed that the laminin β1 and 

laminin β2 chains are present in the ECM surrounding CMs [122]. In a rat model, the 

amount of laminin significantly increased during the fetal, neonatal, and adult 

phases [116]. Another rat study confirmed the increase in laminin from the fetal to 

the neonatal to the adult stage (Figure 2-4b) [117]. Transcriptome expression data 

of adult myocardium indicate abundant expression of laminin-221, and protein 

studies confirmed its presence (human) [123]. In an adult rat MI study, 1 week after 

MI there was a decrease in laminin, which was further reduced by the fourth week 

(Figure 2-4d) [120]. In another recent rat MI study, the amount of laminin did not 

significantly change over the 8-week observation period [119]. 

2.3.2.7. Fibronectin 

Fibronectin is a glycoprotein with a rodlike structure that is composed of two 

subunits connected by disulfide bonds [111]. The subunits consist of repeating 

modules (types I, II, and III). At the adult stage, fibronectin is more abundant in the 

endomysium and less so in the perimysium (Figure 2-4a) [121]. It is generally 

thought that fibronectin has a role in connecting the surface of CMs to the 

endomysium [115]. Fibronectin plays an essential role during cardiac development 

via adhesion, migration, and differentiation, and it also plays a beneficial role during 
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the wound healing process [111, 124, 137]. Combinations of different subunits allow 

fibronectin to have different cell-binding properties and to cross-link with other ECM 

components [114]. Fibronectin has a strong affinity for collagen III and also binds to 

collagen I, fibrin, heparin, and syndecan [114, 115]. 

In rat myocardium, fibronectin was the most abundant protein in the fetal and 

neonatal stages (Figure 2-4b) [117]. The amount of fibronectin decreases 

significantly from fetal to adult age (Figure 2-4b) [111, 116, 117]. The organization 

of fibronectin increases during early stages of development. In mouse myocardium, 

at E14.5 fibronectin formed thin, isolated fibrils, and by P2 the network had become 

more interconnected [114]. Throughout the observation window of these early time 

periods (E14.5–P2), the amount of fibronectin remained relatively constant (Figure 

2-4c) [114]. A study in a human heart after MI showed that fibronectin deposition 

rapidly increased within and around the infarcted area from 12 h to 14 days post MI 

[125]. Accumulation of fibronectin was also observed in a rat model 4-35 days post 

MI [124]. Results from another adult rat MI study showed a small increase in 

fibronectin 1 week post MI [120]. By 4 weeks post MI, the amount of fibronectin was 

below control values (Figure 2-4d) [120]. Following similar trends, a rat MI study 

showed fibronectin increasing in the peri-infarcted area 1 week post MI, and 6 

weeks post MI expression decreased [97]. In a mouse pressure overload study, 

fibronectin accumulation increased over 4 weeks [126]. 

2.3.2.8. Elastin 

Elastin is composed of tropoelastin monomers that contain alternating 

hydrophobic and hydrophilic domains [111]. Within the myocardium, elastin is 
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located within the interstitium and in the walls of coronary blood vessels [129]. A 

major structural function of elastin is to provide elasticity to the myocardium during 

cyclic loading [114]. Furthermore, elastin is essential to heart development and 

vasculature. 

In the developing mouse myocardium (E12.5–P2), levels of elastin remained 

constant, with a transient peak at E16.5 (Figure 2-4c) [114]. At P2, elastin in the 

myocardium was organized into fibrils [114]. The transient elastin peak is thought to 

provide the elasticity needed to accommodate the increased growth and workload 

[114]. It is also thought that the relative decrease in elastin after birth may contribute 

to the maturation of CMs and their sarcomeres [114]. In a rat study, the elastin 

concentration did not significantly change throughout the 8 weeks after MI [119]. In 

another adult rat MI study, the elastin amount was unaltered 1 week post MI, and by 

4 weeks post MI, elastin was no longer detected (Figure 2-4d) [120]. Post-MI mouse 

models indicate that fibrotic tissue is composed mostly of collagen I but also elastin, 

with tropoelastin significantly increased between 7 and 21 days post MI [138]. The 

role of elastin during fibrosis is to preserve elasticity. 

 

2.4. In vitro protein-substrate interface 

In vitro CM mechanobiology studies allow researchers to probe a cell’s intrinsic 

properties and quantitatively measure its response. One way in which the in vitro 

cell-substrate interface differs from the native cell microenvironment is that the ECM 

protein is attached to the substrate via a linker (Figure 2-2a, 2-2b). Two common 

substrates in mechanobiology studies are polyacrylamide (PA) hydrogels and 
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polydimethylsiloxane (PDMS) [139, 140]. We review various linking strategies used 

to attach ECM proteins to the substrate and discuss differences in binding strength 

to the substrate. 

2.4.1. Polyacrylamide Hydrogels 

PA hydrogels are made up of a network of cross-linked acrylamide monomers. 

PA hydrogel properties, including stiffness and porosity, are determined by 

monomer and cross-linker concentration [34]. These variables can be tuned to 

create PA hydrogels with a wide range of physiologically relevant stiffnesses, useful 

for mechanobiology studies. Here we review methods used to attach proteins to PA 

hydrogel surfaces.  

2.4.1.1. Covalent chemistries to bind proteins to polyacrylamide 

hydrogels 

Attaching ECM proteins to the surface of a PA hydrogel for mechanobiology 

studies is nontrivial. The ECM protein is commonly attached to a substrate via 

physisorption or a chemisorption linker. PA hydrogels have no ability to adsorb 

protein [27]. PA hydrogel copolymerization with ECM proteins enables the proteins 

to be present at the surface or distributed throughout the network [28, 29]. 

Copolymerization is beneficial because it bypasses the need for surface 

modifications to attach proteins. However, the exact linking mechanism of 

copolymerization is not known. PA hydrogels must be modified in order to use a 

chemisorption linker to attach proteins.  

Many protein adhesion methods create covalent bonds between the protein and 

the substrate via side chains that are introduced to the surface of the PA hydrogel. 
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Covalent attachments are the most secure way to bind proteins to PA hydrogels 

[141]. Sulfosuccinimidyl 6-(4′-azido-2′-nitrophenylamino)hexanoate (sulfo-SANPAH) 

is frequently used as a covalent linker between proteins and PA hydrogels [142-

144]. Sulfo-SANPAH is a heterobifunctional cross-linker with a phenylazide and a 

N-hydroxysuccinimide (NHS) ester group. When activated by light, the phenylazide 

group binds to any chemically stable molecule (including the PA substrate) via a 

nonspecific covalent bond. The NHS ester group on the other end of the cross-

linker binds to the amines in the protein [145]. Another surface modification method 

used to bind proteins to PA hydrogels involves hydrazine hydrate. Hydrazine 

hydrate is a reducing agent that converts inert amide groups on the surface of the 

PA hydrogel into hydrazine groups, which readily react to form covalent bonds with 

the aldehyde or ketone groups in proteins [34].  

Linkers can also be added to the PA precursor solutions and dispersed 

throughout the hydrogel. Many of them work in a similar manner as sulfo-SANPAH, 

in that a linker forms a bond to amines in the protein’s backbone. Examples include 

NHS acrylate [146], 6-acrylaminohexylaminohexanoic acid N-succinimidyl ester 

(N6) [147], and 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC) [29]. NHS 

acrylate and N6 add ester groups that bind to amines in the protein’s backbone 

[147], while EDC is used to add carboxylic groups that bind to a protein’s amine 

backbone [29].  

2.4.2. Polydimethylsiloxane 

PDMS is a silicone-based polymer made by mixing prepolymer with a cross-

linker. PDMS is low cost, transparent, and readily molded into various geometries 
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and setups, making it a versatile substrate for mechanobiology studies. Due to its 

hydrophobic nature, PDMS does not bind specifically to proteins well [148]. Here we 

discuss different methods used to attach proteins to PDMS substrates. 

2.4.2.1. Adsorption of proteins onto polydimethylsiloxane 

Physisorption is a common means of attaching proteins to PDMS substrates 

[140, 149-156]. Plasma surface treatment of the PDMS is used to encourage 

protein adsorption. Oxygen plasma inundates the PDMS surface, resulting in silanol 

groups that make the surface hydrophilic and increase protein adsorption [154, 155, 

157]. PDMS surface roughness does not change upon plasma treatment; however, 

after protein absorption the surface becomes rough [156]. Plasma treatment alone 

can be used to adhere specific cell types directly to PDMS. Cells adhere selectively 

to plasma oxidation–patterned regions [158]. The protein-substrate interactions 

caused by adsorption are weak van der Waals bonds [159]. The bond strength of 

adsorbed proteins on PDMS is around 1 kN/m2, and cells exerting a higher traction 

force can break this bond and detach [160].  

2.4.2.2. Covalent chemistries to bind proteins to polydimethylsiloxane 

Methods of bonding proteins to PDMS surfaces rely on adding reactive groups 

to the surface [148, 161, 162], which allows for the formation of covalent bonds 

between the protein and substrate. A common strategy employed with PDMS uses 

two molecules; the first molecule adds amine groups to the PDMS surface, and the 

second molecule links the added amine groups to the protein. A combination of (3-

aminopropyl) triethoxysilane (APTES), which adds amine groups to the PDMS 

substrate, and glutaraldehyde (GA), which links the amine groups to the protein, is 
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frequently used in such strategies [148, 161]. This specific combination has been 

utilized to bind various proteins, including collagen [161], Protein A [150], and 

fibronectin [161]. Other molecules that can be used in place of GA include ascorbic 

acid [162] and EDC [148]. Distinct chemisorption linkers lead to differences in 

attached protein density. The protein attachment methods can be ranked from 

highest to lowest protein density as follows: APTES/EDC, APTES/GA, GA, and 

physisorption [148].  

Another protein attachment method involves adding reactive groups throughout 

the PDMS prepolymer mixture. Phospholipids conjugated to functional groups can 

serve as chemisorption linkers. Some phospholipids will be exposed on the PDMS 

surface and can present functional groups to bind proteins [163].  

Sulfo-SANPAH is commonly used to functionalize proteins on PDMS substrates. 

However, it does not covalently bind proteins to PDMS, as discussed in the 

following section [144].  

2.4.3. Bond strength of the Linker at the Protein-Substrate Interface  

In both PA hydrogel and PDMS substrates, chemistries are used to covalently 

bind proteins to the substrate. Protein attachment is essential for stable and 

consistent culture of cells on the substrate. Adhesion between protein and substrate 

can regulate cell behavior [160]. A mechanical test machine measured the protein–

substrate binding strengths to be 1.28 kN/m2 and 11.9 kN/m2 for proteins adsorbed 

and covalently bound to PDMS, respectively. Focal adhesion size and actin 

cytoskeleton organization were higher in covalently versus adsorption-bound 

substrates [160].  
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Characterization of the protein-substrate interface and binding strength of the 

linker to the substrate can be used to compare cellular responses among different 

substrates and linkers. Protein-substrate adhesion strength can be varied with 

different linker strategies. As discussed above, the linker sulfo-SANPAH forms 

covalent bonds with the PA hydrogel network. Characterization via atomic force 

microscopy demonstrated that proteins cannot be covalently bound to PDMS via 

sulfo-SANPAH, because PDMS does not contain free amines [144]. This study also 

showed that ultraviolet treatment of PDMS in the presence of sulfo-SANPAH does 

not add amine groups to the surface or change the strength of the bond between 

PDMS and protein (Figure 2-5a). Instead, PDMS can be treated with APTES, 

resulting in the addition of primary amines on the surface that then react with the 

sulfo-succinimidyl group of sulfo-NHS-biotin to form a covalent bond (Figure 2-5c). 

PA hydrogel/sulfo-SANPAH/collagen has a binding strength comparable to that of 

PDMS/APTES+sulfo-NHS-biotin (Figure 2-5b). 
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Figure 2-5. Characterization of the binding strength of the protein–substrate interface can be utilized 

to compare mechanobiology results across various cell–substrate interface platforms (e.g., PDMS 

versus PA hydrogel). (a) Functionalizing PDMS with or without sulfo-SANPAH (SS) does not change 

the rupture force suggesting collagen nonspecifically adsorbs to PDMS. (b) Different substrate and 

linker combinations lead to differences in binding strength of the protein–substrate interface. (c) 

Chemical groups and residues available at the substrate interface, linker, and ECM protein. Diagram 

for PDMS treated with SS and APTES/SNB linker. Abbreviations: APTES, (3-aminopropyl) 

triethoxysilane; ECM, extracellular matrix; NHS, N-hydroxysuccinimide; PA, polyacrylamide; PDMS, 

polydimethylsiloxane; RT, room temperature; SNB, sulfo-NHS-biotin; sulfo-SANPAH, 
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sulfosuccinimidyl 6-(4′-azido-2′-nitrophenylamino)hexanoate; UV, ultraviolet. Figure adapted from 

[144]. 

 

2.5. In vitro biomaterials approaches to recapitulate the cardiomyocyte 

microenvironment 

The microenvironment’s biochemical and biophysical properties modulate CM 

adhesion, morphology, differentiation, cytoskeleton structure, mechanical output, 

contractility, and degree of maturity. Biomaterials can be leveraged to systematically 

tune the properties of a cell’s microenvironment [84]. The complexity of cell-

adhesive domains, reproducibility, and tunability is a function of biomaterial sources 

(naturally derived, hybrid/semisynthetic, fully defined) [164]. Decellularized cardiac 

tissue incorporates the complexity of native myocardium’s ECM composition and 

structure but offers limited ability to modulate the cell-substrate interface [164-167]. 

For a more in-depth discussion of biomaterial approaches designed to support CM 

differentiation and maturity, we direct the reader to several excellent reviews [168-

170]. In the following subsections, we review biomaterial approaches to the control 

of ligand composition, matrix mechanics (e.g., stiffness), dimensionality (e.g., two 

versus three dimensions), and matrix structure (e.g., topography) used in CM 

mechanobiology studies.  

2.5.1. Ligand Composition 

Ligand composition influences both cell adhesion and differentiation toward 

specific lineages. The native myocardial ECM composition changes throughout 

cardiac development. ECM ligand composition in vitro can be varied by using 

individual or a combination of ECM protein types. Ligand composition can influence 
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CM adhesion. Borg, et al. [171] observed that adult rat CMs adhere more efficiently 

to laminin and collagen IV than to other proteins, while neonatal CM adhesion does 

not depend on protein type. Changes in integrins and other ECM receptors are 

likely responsible for these observed differences in cell adhesion [111]. Burridge, et 

al. [11] compared multiple defined proteins, including recombinant human E-

cadherin, recombinant human vitronectin, recombinant human laminin-521, 

truncated recombinant human laminin-511, and vitronectin peptide. All of them 

supported efficient PSC cardiac differentiation; however, the laminin-based proteins 

best supported long-term (day 15+) adhesion of PSC-CMs. Differences in integrin-

ECM protein interactions are thought to be responsible for the observed CM 

adhesion. Human recombinant laminin-211 also supports small-molecule-based 

PSC cardiac differentiation [172]. Patel, et al. [173] identified specific chemical 

moieties in three fully synthetic polymers, C2H6N+ (amine), C5H5O+ (furan ring), 

and C10H17+ (isobornyl ring), that promoted greater PSC-CM adhesion and spread 

area. The synthetic polymers ionically interacted with the PSC-CMs. 

Other studies showed that ligand composition can influence differentiation 

toward a specific cell lineage [59]. Battista, et al. [174] placed mouse PSCs within 

three-dimensional (3D) semi-interpenetrating polymer networks composed of 

collagen I and various amounts of fibronectin or laminin. Addition of laminin 

increased the PSCs’ ability to differentiate into beating CMs, whereas addition of 

fibronectin stimulated endothelial cell differentiation. Jung, et al. [175] utilized 1-kPa 

poly(ethylene glycol) (PEG) hydrogels to entrap murine PSCs and a mixture of ECM 

proteins. Using a design-of-experiments approach, these authors found that the 
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optimal composition to induce in vitro cardiac differentiation without additional 

soluble factors was 61% collagen I, 24% laminin-111, and 15% fibronectin. 

2.5.2. Stiffness 

Matrix stiffness influences cell contractility, cytoskeleton structure, differentiation, 

and adhesion area [176, 177]. During cardiac development, the stiffness of native 

myocardial tissue increases from 1 kPa at the embryo stage to 10-15 kPa at the 

adult stage [38, 178]. After MI, the stiffness increases to 35-70 kPa [37]. Substrate 

stiffness can alter CM contractility and cytoskeleton structure. By tuning PA 

hydrogel stiffness, Engler, et al. [179] demonstrated that embryonic CMs on 

substrates with a physiologically relevant stiffness (11-17 kPa) promoted 

actomyosin striation and optimal work transfer to deform the substrate. However, 

embryonic CMs on stiffer substrates (34 kPa) had fewer myofibril striations, 

overstrained themselves, and stopped contracting, whereas embryonic CMs on 

softer substrates (1 kPa) contracted but did not transfer work to the substrate. 

Chung, et al. [180] observed a temporal regulation of PSC-CMs’ spontaneous 

contractility depending on the 3D hydrogel’s cross-linking density (inherently varying 

stiffness). At the lowest crosslink density (0.45 kPa), the PSC-CMs began to 

spontaneously contract at day 1. In contrast, within the highest cross-link density 

(2.4 kPa), contraction was delayed until day 6. Hirata & Yamaoka [181] examined 

the role of substrate stiffness (9-, 20-, and 180-kPa PA hydrogels; tissue culture 

polystyrene) on mouse PSC cardiac differentiation. The cells on tissue culture 

plastic exhibited the highest expression of early cardiac differentiation marker 

genes. By contrast, the 20-kPa PA hydrogels showed the highest expression of 
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cardiac contraction-related genes. These results suggest that a single culture 

substrate is not optimal for the various stages of cardiomyocyte differentiation. 

Kong, et al. [182] demonstrated that substrate stiffness modulates indirect cardiac 

reprogramming of mouse embryonic fibroblasts. Mechanoresponsive signals (cell 

traction, cell area, Yes-associated protein) were able to predict cardiac 

reprogramming better than individual material properties (matrix modulus, ligand 

density, ligand type). Corbin, et al. [177] developed a platform to instantaneously 

tune and reverse substrate stiffness (range 10-55 kPa) with magnetic fields. PSC-

CMs seeded on soft and stiff substrates exhibited a small (2,600 μm2 ) and a large 

(4,800 μm2) spread area, respectively. The starlike shape of the PSC-CMs did not 

change with substrate stiffness. 

2.5.3. Dimensionality: Two Versus Three Dimensions 

Dimensionality can influence cell differentiation and degree of maturity. CMs 

natively exist within a 3D microenvironment. Branco, et al. [183] demonstrated that 

cardiac differentiation of PSCs in a 3D microwell undergoes faster structural and 

functional maturation than in two-dimensional (2D) culture. Kerscher, et al. [184] 

examined cardiac differentiation while PSCs maintained continuous 3D engagement 

with a PEG-fibrinogen hydrogel. Using the same small-molecule differentiation 

protocol, these authors found that 2D and 3D cultures showed similar differentiation 

efficiency, cardiac gene expression, and calcium handling. PSC-CMs within the 3D 

hydrogel developed ultrastructural maturation, which was confirmed by the 

presence of transverse tubules on and after day 52. Zhang, et al. [185] showed that 

PSC-CMs in a 3D microenvironment exhibited enhanced structural and functional 
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maturation compared with 2D. Lemoine, et al. [186] investigated differences in PSC-

CM maturity within 2D and 3D cultures. PSC-CMs placed within a 3D 

microenvironment had upstroke velocities, morphology, and sodium current 

densities that were more physiologically relevant and similar to adult CMs in 

comparison to PSC-CMs in a 2D monolayer culture. 

2.5.4. Topography 

Topography can influence cell differentiation and maturation. The myocardial 

ECM contains a network of densely packed, aligned collagen I fibrils with an 

average diameter of 75 nm [127]. Carson, et al. [187] designed polyurethane 

acrylate nanoscale structures with various groove widths to probe the role of 

nanotopography. PSC-CM organization and structural maturation were controlled by 

nanogroove width in a biphasic manner. CM structural maturation indicators such as 

cell area, perimeter, alignment, circularity, and sarcomere length were improved 

using 700-1,000-nm widths. Seo, et al. [188] observed CM differentiation promoted 

in multipotent mesodermal precursor cells on 200-280-nm-diameter polystyrene 

nanopillars. Abadi, et al. [189] transferred primary human CM micro- and nanoscale 

topography features onto a PDMS substrate. The authors then showed that these 

submicrometer topographies on PDMS influence PSC-CMs’ differentiation rate and 

maturity. Protein adsorption on PDMS is known to be influenced by topography; 

thus, special care must be taken to decouple properties such as protein density and 

topography [190].  
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2.6. Summary and Future Directions for Controlling the Microenvironment of 

Cardiomyocytes via Biomaterials 

The goal of mimicking different components of the native cardiac 

microenvironment is to recapitulate the desired CM responses in vitro. Knowledge 

of what integrin types CMs use to natively interact with their microenvironment can 

be used to rationalize the design of specific binding sites in a biomaterial. Outside-in 

signaling allows the ECM to control integrin expression [191] and, thus, downstream 

mechanical signaling. Most in vitro CM mechanobiology platforms have focused on 

cell-ECM interactions, but opportunities exist to vary and probe the nature of the 

ligand and its attachment, as well as the role of cell-cell interactions. For example, 

myocardial tissue samples demonstrate the prevalence of intercalated discs 

whereby neighboring cells form physical and electrical connections. Connexin-43 

and N-cadherin are, respectively, the most common gap junction protein and 

adherens junction protein expressed in CMs [80, 192]. Studies of pairs of CMs on 

hydrogels found that the cell-cell interface transitioned from dominantly cell-ECM to 

cell-cell adhesion proteins over time [41]. CMs on N-cadherin-coated PA hydrogel 

sustained forces similar to those of CMs on ECM-coated substrates, but they had 

different cytoskeleton architectures [18]. CMs can also be mechanically coupled via 

underlying substrate deformations and can experience long-term modification after 

the mechanical stimulus is removed [193].  

Current in vitro approaches lack temporal changes in the microenvironment’s 

biochemical and biophysical properties that recapitulate heart development, and 

PSC-CMs exhibit properties of early to late fetal CMs [80]. Thus, localized control of 
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ligand type and placement, and of stiffness and cyclic stretch, would enable more 

precise studies of the variations and dynamics in the myocardium. Temporal and 

reversible control over biochemical and biophysical properties will better allow 

researchers to mimic heart changes in the microenvironment during development or 

a disease state. An open question in the field is whether mimicking the evolution of 

the cardiac environment in vitro can increase the maturity and utility of PSC-CM 

models. More research is needed to control and tune specific biointerface 

properties; to quantify biomaterial and cell-adhesive properties; and to enable 

precision studies of the role of cardiac cell-ECM and cell-cell interactions in 

development, homeostasis, and disease. 
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3. Wafer-Scale Patterning of Protein Templates for Hydrogel 

Fabrication 

This chapter is reprinted and reformatted from the following: Kim, A. A., Castillo, 

E. A., Lane, K. V., Torres, G. V., Chirikian, O., Wilson, R. E., Lance, S. A., Pardon, 

G., and Pruitt, B. L., “Wafer-Scale Patterning of Protein Templates for Hydrogel 

Fabrication”. Micromachines, 12(11):1386, 2021. [51], CC by license: 

https://www.mdpi.com/openaccess. This chapter includes the entire manuscript, 

including figures and tables. In this chapter, I describe a study I performed as co-

first author (with Dr. Anna Kim and Dr. Erica Castillo) on scaling up a photoresist lift-

off protein patterning technique developed in the Pruitt lab. We scaled up the lift-off 

patterning method, which increases yield and reduces variability, from 1 to 16 

devices per run. We found that with the scaled patterning, we can transfer the 

pattern to a polyacrylamide hydrogel and culture hiPSC-CMs as efficiently as with 

the unscaled approach. As co-first author I led the experimental work focusing on 

protein transfer to polyacrylamide hydrogel and hiPSC-CM culture. I contributed to 

the writing and editing of the manuscript and the design of the manuscript figures. 

 

3.1. Abstract 

Human-induced pluripotent stem cell-derived cardiomyocytes are a potentially 

unlimited cell source and promising patient-specific in vitro model of cardiac 

diseases. Yet, these cells are limited by immaturity and population heterogeneity. 

Current in vitro studies aiming at better understanding of the mechanical and 

chemical cues in the microenvironment that drive cellular maturation involve 
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deformable materials and precise manipulation of the microenvironment with, for 

example, micropatterns. Such microenvironment manipulation most often involves 

microfabrication protocols which are time-consuming, require cleanroom facilities 

and photolithography expertise. Here, we present a method to increase the scale of 

the fabrication pipeline, thereby enabling large-batch generation of shelf-stable 

microenvironment protein templates on glass chips. This decreases fabrication time 

and allows for more flexibility in the subsequent steps, for example, in tuning the 

material properties and the selection of extracellular matrix or cell proteins. Further, 

the fabrication of deformable hydrogels has been optimized for compatibility with 

these templates, in addition to the templates being able to be used to acquire 

protein patterns directly on the glass chips. With our approach, we have 

successfully controlled the shapes of cardiomyocytes seeded on Matrigel-patterned 

hydrogels. 

 
Figure 3-0. Wafer-scale protein patterning graphical abstract. 

 

3.2. Introduction 
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Human-induced pluripotent stem cell-derived cardiomyocytes (hiPSC-CMs) have 

gained significant traction over the last decade as a powerful model for 

understanding cardiac development, modeling cardiac diseases, drug screening, 

and cardiotoxicity screening [194]. hiPSCs have become more widely used because 

primary adult cardiomyocytes (CMs) do not regenerate and present difficulty when 

creating in vitro cultures [195]. hiPSC-CMs are derived from patient somatic cells, 

reprogrammed to a pluripotent state, and then differentiated into cardiomyocytes 

[13]. They hold great promise for personalized medicine and can be genetically 

edited to display various mutations linked to diseases, making them an attractive 

model [196]. Despite the potential of hiPSC-CMs as powerful models, they are 

limited by the immaturity and heterogeneity that is observed not only across 

different lab groups and lab members, but also across batches, even when using 

the same protocols [194]. hiPSC-CMs display a fetal-like phenotype in terms of a 

sarcomere structure, t-tubule organization, metabolism, calcium handling and 

overall morphology [22]. Current methods to improve CM maturity include a 

prolonged culture time, the addition of biochemical cues, biophysical stimulation, 

altering substrate stiffness and/or extracellular matrix (ECM) proteins [22, 197]. The 

in vitro microenvironment can have a drastic effect on hiPSC-CM maturation and 

promote a more adult, rod-like CM structure and organized sarcomeres [197]. 

Amongst the most common methods currently used to culture hiPSC-CMs in vitro, 

one features a monolayer of CMs cultured on polystyrene tissue culture plastic that 

has been physisorbed with ECM proteins such as laminin, fibronectin, collagen, or 

Matrigel [198-200]. 
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Tunable micropatterned protein platforms for cell cultures are becoming widely 

used to manipulate cells because they can control cellular spatial organization and 

mimic properties of the local microenvironment with a reductionist order approach 

[201]. The ability to manipulate the in vitro microenvironment and to provide 

physiologically relevant cues is important for the development of the 

mechanobiology field as cells are known to sense their local environment, leading to 

changes in gene transcription, morphology (i.e., cell shape, internal cell organization 

and cell and tissue architecture) and function (i.e., migration, division and 

differentiation) [202]. In the case of cardiomyocytes, tunable hydrogel devices are 

promising because they can also recapitulate the native mechanical 

microenvironment properties [197]. Hydrogels are composed of a polymer network 

swollen with water, allowing for inclusion of micropatterns of specific cell adhesion 

ligands [203, 204]. They are highly tunable in terms of their mechanical stiffness, 

pore size and swelling based on the polymer type, pre-polymer concentration and 

crosslinking density. 

Studies have shown that the substrate stiffness and extracellular matrix 

components can modulate the cardiomyocyte contractility, cytoskeleton structure, 

differentiation lineage and adhesion area [171, 174, 205, 206] (reviewed in [50]). 

Furthermore, protein micropatterning platforms reduce the cell population 

heterogeneity by constraining the cell shape, which allows for easier cell 

normalization [207]. Assessing the functional contractility of CMs is important for 

understanding the relationship between cell structure and function. These hydrogel 

platforms allow for fiducial microbeads to be embedded into the platform, enabling 
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functional contractility measurements, such as traction force microscopy [15, 208, 

209]. Other methods for assessing changes in the active forces that CMs generate 

have been reviewed in [210]. 

Native CM cytoskeleton structure, anisotropic contraction direction, and 

contractility have been recapitulated by manipulating the microenvironment. One 

study found that neonatal rat ventricular myocytes cultured on rectangular 

extracellular matrix (ECM) patterns of various aspect ratios aligned their 

sarcomeres in predictable and repeatable patterns, which is in contrast to circular 

myocytes [30]. hiPSC-CMs with 7:1 aspect ratio (length by width) protein patterns 

had increased myofibril alignment and contractile force output when compared to 

smaller pattern aspect ratios (3:1, 1:1 and non-patterned) [15]. The protein 

micropatterning platforms can yield cells that adhere in known spacing intervals, 

which is ideal for image acquisition and can be aligned with high throughput screens 

[211-214]. 

Many methods to yield protein-micropatterned hydrogels exist [203]; however, 

these methods often require cleanroom facilities and microfabrication expertise. 

Additionally, current technology is often made serially which results in a slow 

fabrication workflow. Lastly, the challenge of obtaining reproducible and high-quality 

protein patterns remains [215]. To study cell–ECM and cell–cell protein interactions 

and spatially confine cells, cell culture substrates may be functionalized with 

proteins of interest using micropatterning techniques. Microcontact printing (μCP) is 

a commonly used technique for protein micropatterning on both soft and rigid 

substrates. The technique utilizes a flexible microfabricated stamp that is inked with 
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a protein and put in contact with a cell culture platform to transfer the protein 

pattern. 

Many groups have used μCP because the protocols are straightforward and 

widely accessible; however, the technique is limited by the resulting pattern 

accuracy and resolution [29]. To increase throughput, it is possible to generate 

protein patterns over large areas on glass by selectively oxidizing biopassive poly(l-

lysine)-grant-poly(ethylene glycol) (PLL-g-PEG) copolymers and backfilling exposed 

regions with a protein [29, 211, 216, 217]; however, most methods involving PLL-g-

PEG require microfabrication equipment that is not commonly available in many 

laboratories. We have recently established a photoresist lift-off patterning method 

that is more reproducible than μCP [29]. This method has created higher fidelity 

patterns and allowed for storage of the photoresist protein templates; however, the 

method relies on a serial process, and hence it is time-consuming to generate many 

individual microscopy coverslips and requires working in specialized 

microfabrication facilities. 

Here, we present a batch wafer-scale approach for the photoresist lift-off 

patterning method that (1) generates a high-yield of glass chips (16 chips per 4” 

wafer) for (2) protein patterns with high reproducibility and accuracy with (3) long 

shelf stability. This batch method results in photoresist protein templates on glass 

chips that can be used to either make protein-patterned hydrogels or protein 

patterns directly on the chips. We scaled up the photolithography processing step, 

since this part of the lift-off protocol was one of the main bottlenecks and still allows 

for a high degree of flexibility in the design and subsequent fabrication of protein-
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patterned hydrogels, for example, tuning the mechanical properties of hydrogels 

(e.g., stiffness), and the selection of extracellular matrix proteins occurs at a later 

stage in the protocol [34]. In addition, the original photolithography step was the 

most time-intensive part of fabrication since each template was created serially. 

Importantly, our wafer-scale method can be used to generate a large quantity of 

pattern templates that can be used for more than six months after wafer fabrication 

and dicing. The shelf stability of the photoresist-patterned glass chips makes it 

possible to externally source the pattern templates and thus removes the 

requirement from labs to have cleanroom infrastructure and expertise. The 

remaining steps in the fabrication of hydrogels do not require specialized equipment 

besides a chemical fume hood. Further, we have integrated spacers into the 

hydrogel fabrication method for precise and uniform control of the final hydrogel 

thickness, which is an important parameter for high-resolution microscopy. Here, we 

demonstrate the transfer of protein patterns onto hydrogels for a wide range of cell 

culture substrates, ranging from multi-well cell culture plates to coverslips. Finally, 

we characterize the performance of Matrigel-patterned hydrogels by demonstrating 

how single-cell hiPSC-CMs adhere, spread to a high aspect ratio (above 3:1) and 

actively contract on the hydrogels. 

 

3.3. Materials and Methods 

The final hydrogels used for cell-seeding and imaging were protein-patterned 

hydro- gels with a stiffness of 10 kPa, adhered to a cell culture substrate, in our 

case, a glass-bottom 6-well plate. The protein patterns inform protein interactions 
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for the cells within a defined space; we designed the patterns to study single hiPSC-

derived cardiomyocytes. The protein patterns had an area of 1500 μm2 with an 

aspect ratio of 7:1 (length by width), which helps guide the alignment of myofibrils, 

thus facilitating a more mature cell phenotype. The single-cell patterns were spaced 

at intervals of 50 μm along the x- and y-axis, filling the entire 5x7 inch mask so as 

not to require alignment during the dicing process. This section describes the 

fabrication process of the hydrogels, including the (1) wafer fabrication process on 

4” glass wafers using photolithography and dicing to obtain individual chips and (2) 

the development and (3) transfer of protein patterns to hydrogels using lift-off and 

copolymerization techniques. 

3.3.1. Wafer Fabrication Process and Dicing 

To scale up the photolithography process (summarized in Figure 3-1), we 

selected 4” glass wafers for their similarity in surface properties to the currently 

used glass microscopy coverslips [29] (e.g., 48382-085, VWR). We chose 500-μm-

thick D263 glass wafers (1617, University Wafer, Boston, MA, USA) due to their low 

cost and robustness. Thinner glass wafers can also be used. We tested 200-μm-

thick borosilicate glass wafers (2248, University Wafer); however, they were 

significantly more delicate to handle and release from the dicing tape. 
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Figure 3-1. Wafer fabrication of 4” glass wafers using photolithography, from photoresist deposition 

to dicing to obtain individual glass chips, and development of the photoresist. Developed glass chips 

can be stored for at least six months in a light-protected environment prior to the fabrication of 

protein-patterned hydrogels. 

 

The 4” glass wafers were thoroughly cleaned with acetone, followed by 

isopropanol, and then deionized water. Plasma treatment is not recommended as it 

changes the surface properties of the material, and we observed that this treatment 

could lead to detachment of the photoresist at the development step. The wafers 

were dried using a flow of nitrogen gas and then dehydrated on a hotplate for 5 min 

at 180°C. Positive photoresist AZ1512 (Merck Performance Materials, Merck KGaA, 
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Darmstadt, Germany) was spun first at 500 rpm for 10 s and then ramped up to 

2000 rpm for 45 s in order to achieve a 2-µm-thick resist layer. A soft bake was 

performed with a level hotplate for 2 min at 100°C. The photoresist was exposed 

(Karl Suss MA6 aligner, SÜSS MicroTec, Garching, Germany) to achieve 50 

mJ/cm2 at 365 nm using a bright-field mask for transparency (CAD/Art Services, 

Bandon, OR, USA). The exposure time was based on a daily calibration of the light 

source using a power meter. For example, when the power meter measured 9 

mW/cm2, the exposure time was adjusted to 5.6 s. For exposure, we used soft or 

hard contact modes to extend the mask lifetime. 

Low-tack surface protection tape (6317A18, McMaster-Carr, Elmhurst, IL, USA) 

was gently applied on the photoresist-covered wafer, followed by cleanroom 

masking tape (76505A8, McMaster-Carr) to protect the photoresist from further 

exposure to light. Excess tape was cut away with a microtome blade. The tape-

covered wafers were diced using a dicing saw (ADT 7100, Advanced Dicing 

Technologies Ltd., Zhengzhou, China) with a thermocarbon diamond blade (2.817-

4C-30R-3, Thermocarbon Inc., Casselberry, FL, USA) at a spindle speed of 25,000 

rpm, a cut speed of 5 mm/s and a reduced cut water pressure of 0.6 splm to reduce 

tape delamination. The 4” glass wafer was cut 7×7 times at 0° and 90° angles. The 

dimensions of each glass chip were 15 mm × 15 mm, yielding more than 16 chips 

per wafer. 

3.3.2. Development 

The glass wafer was attached to the dicing fixture with ultraviolet (UV)-release 

tape. Since the wafer is transparent with photoresist patterns, we did not use UV 
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light to release the tape. Instead, the chips were carefully peeled away from the 

tape and the photoresist AZ1512 was developed in AZ 300 MIF (Merck 

Performance Materials, Merck KGaA, Darmstadt, Germany) for 60 s and rinsed with 

distilled water. Several chips were developed at the same time using a mini-rack 

holder (Z688568, Merck KGaA, Darmstadt, Germany). Diced glass chips with a 

developed photoresist can be stored in a light-protected environment for more than 

six months prior to lift-off protein patterning and hydrogel fabrication. 

3.3.3. Fabrication of Hydrogels with Protein Patterns 

The transfer of protein patterns to hydrogels using lift-off is described in detail in 

[29]. Briefly, glass chips with developed photoresist patterns were incubated with 

PLL-g-PEG (SuSoS, Dübendorf, Switzerland) for 60 min at 100 μg/mL. The 

remaining photoresist was lifted off using varying concentrations of N-methyl-2-

pyrrolidone (NMP, Merck Performance Materials, Merck KGaA, Darmstadt, 

Germany) in MilliQ water (Milli-Q, MilliPoreSigma, Merck KGaA, Darmstadt, 

Germany). The glass chips were first submerged in a mixture of ⅔ MilliQ, ⅓ NMP 

for 20 s, then pure MilliQ water for 10 s. The glass chips were then submerged and 

sonicated in pure NMP for 6 min, then submerged and sonicated in a mixture of ½ 

MilliQ, ½ NMP for 1 min. Finally, the chips were rinsed in fresh MilliQ water for 5 

min before we incubated the protein of interest on them. We used fluorescent 

labeled gelatin (G13186, Thermo Fisher Scientific, Waltham, MA, USA) to visualize 

the transferred protein patterns on the hydrogels, which we incubated on the glass 

chips for 60 min at room temperature. For hydrogels that were seeded with hiPSC-

CMs, we used Matrigel (356252, Corning, Corning, NY, USA) as the ECM protein at 
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a concentration of about 1000 μg/mL, which we incubated on the glass chips for 1 h 

at room temperature. 

The polyacrylamide hydrogel was adhered by chemically treating the glass 

coverslip or glass well plate with bind-silane. Briefly, the bind-silane solution (3 µL 

bind-silane, 50 µL acetic acid and 950 µL 95% ethanol) was prepared in a chemical 

fume hood. The bind-silane was purchased from Sigma (3-(trimethoxysilyl) propyl 

methacrylate (M6514, Merck KGaA, Darmstadt, Germany). Next, the glass was 

treated with oxygen plasma for 15 s at 80 W or at a high setting. Immediately 

following plasma, ~50 μL of the bind-silane mixture was added to cover the entire 

glass substrate. After reacting for 1 min, the excess bind-silane was removed and 

the remaining solution was allowed to react for 10 min. Finally, the glass substrates 

were rinsed twice with 1 mL of ethanol, dried with nitrogen gas and allowed to dry in 

a desiccator until ready for use. 

After protein incubation, polyacrylamide (PA) precursor solutions were prepared 

for casting the hydrogels using a previously published protocol with slight 

adjustments [35]. Briefly, we prepared 0.5 g/mL acrylamide (01696, Merck KGaA, 

Darmstadt, Germany) and 0.025 g/mL bis-acrylamide (146072, Merck KGaA, 

Darmstadt, Germany) solutions in MilliQ water. We combined 198 μL of the 

acrylamide solution and 40 μL of the bis-acrylamide solution, following the 

formulation for 10% T and 1% C hydrogels [35]. We added 21.6 μL of red 

fluorescent microbeads (F8812, Thermo Fisher Scientific, Waltham, MA, USA), a 

necessary element for traction force microscopy analysis, along with 140.5 μL of 

250 mM HEPES buffer (N-2-hydroxyethylpiperazine-N-2-ethane sulfonic acid, 
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15630080, Thermo Fisher Scientific). We adjusted the volume of MilliQ water to 

594.4 μL to account for the added volume of fluorescent microbeads and HEPES 

buffer. Separately, we prepared a 10% weight/volume solution of ammonium 

persulfate (APS, A9164, Merck KGaA, Darmstadt, Germany) in MilliQ water. We 

degassed the PA precursor solutions and the APS solution in a vacuum desiccator 

for 1 h. 

To prepare for casting the hydrogels, 250-μm-thick polydimethylsiloxane 

(PDMS) spacers were introduced to define hydrogel thickness and make the 

hydrogel fabrication method compatible with different types of cell culture substrates 

when using 500 µm diced glass chips. Spacers are not needed when using glass 

microscopy coverslips due to the difference in weight. Figure 3-2 outlines the 

process for fabricating protein-patterned hydrogels with diced glass chips and 

microscopy coverslips. For diced glass chips, PDMS spacers were placed in the 

well of a glass-bottom 6-well plate (P06-1.5H-N, Cellvis, Mountainview, CA, USA). 

The patterned glass chip was then placed on top of the PDMS spacers, with the 

patterned side of the glass facing downward. As the hydrogel polymerizes, the ECM 

protein pattern is transferred and anchored to the hydrogel via the copolymerization 

physisorption method [28, 208]. 

To begin polymerization, 5 μL of the 10% APS solution and 0.5 μL of N,N,N′,N′-

tetramethylethylenediamine (TEMED, 411019, Merck KGaA) were added to the 

precursor solution. The solution was carefully mixed with a pipette, ensuring air 

bubbles were not introduced to the solution. For the diced glass chips, the solution 

was pipetted between the PDMS spacers until the solution spread throughout the 
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entire sandwich, approximately 60 μL of solution total. For microscopy coverslips, 

50 μL of the hydrogel solution was pipetted onto the cell culture substrate, then the 

coverslip was placed on top of the hydrogel solution, patterned side down. 

Following casting, the hydrogels were protected from light and left for 30 min to 

begin polymerization. After 30 min, the hydrogels were hydrated with phosphate 

buffered saline (PBS, 10010049, Thermo Fisher Scientific) and left to polymerize 

further at 4°C for 6–8 h. After full polymerization, the diced glass chips and 

microscopy coverslips were removed from the hydrogels and discarded. 

It is important to note that hydrogels are not shelf stable [35] and should be 

stored in a buffer solution. We recommend that cells are seeded on hydrogels within 

72 h of full polymerization. 
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Figure 3-2. Protocol for generating protein patterns on diced glass chips from photoresist templates 
by lift-off and subsequent fabrication of protein-patterned hydrogels with protein patterns by transfer 
method. 

 

3.3.4. Maintenance of Induced Pluripotent Stem Cells and hiPSC-Derived 

Cardiomyocytes 

Human-induced pluripotent stem cells (hiPSCs), with GFP-labeled alpha actinin, 

were purchased from Coriell Institute (AICS-0075-085, Camden, NJ, USA). hiPSCs 
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were propagated on tissue culture plates coated with Matrigel (356252, Corning) 

using feeder-free culture conditions in standard culturing environments consisting of 

5% carbon dioxide at 37°C. The Essential 8 Medium (Gibco, Thermo Fisher 

Scientific, Waltham, MA, USA) was changed daily and cells were passed using 

EDTA when confluency reached 80%. hiPSCs were differentiated into hiPSC-

derived cardiomyocytes (hiPSC-CMs) using previously published methods [218]. 

Upon the initiation of beating (day 7–8), glucose starvation was utilized to purify 

hiPSC-CMs from other contaminating cell types. On day 12, we utilized the 

previously published expansion protocol [219] to propagate a significant number of 

hiPSC-CMs for the entirety of this study. After two passages of expansion 

treatment, hiPSC-CMs were lifted using EDTA and cryopreserved using xeno-free 

cryopreservation media Bambanker (Lymphotec, Tokyo, Japan) at a density of 1 

million cells/mL. hiPSC-CMs were cooled at a rate of 1°C per minute using a 

Nalgene Mr. Frosty in a −80°C freezer for 24 h. The following day hiPSC-CM 

cryovials were transferred and remained in liquid nitrogen until thawed. 

When protein-patterned hydrogels were ready for seeding, hiPSC-CMs were 

thawed for 2 min in a 37°C water bath and centrifuged at 1000 rpm for 5 min. 

Subsequently, the cryopreservation medium was removed, the hiPSC-CMs were 

resuspended in replating media (RPMI supplemented with B27 + Thiazovivin (2 μM) 

+ 10% KnockOut Serum Replacement Media) and then replated on our protein-

patterned hydrogels at a final density of 250,000 cells. 

3.3.5. Microscopy and Data Analysis 
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We verified that the hiPSC-CMs were adhered and beating on the Matrigel-

patterned hydrogels (Video S1) at 4 days post-seeding. The cells were fixed in 4% 

paraformaldehyde diluted with PBS (10010049, Thermo Fisher Scientific) for 5 min 

and then rinsed three times with PBS and stored in PBS at 4°C. 

Microscopy images were acquired with a Zeiss Axio Observer 7 inverted 

microscope and a Photometrics Prime 95b camera. For high magnification images, 

a 40x objective (Zeiss, Jena, Germany, LD Plan-Neofluar 0.6 NA) was used. 

Overviews of the entire protein-patterned hydrogels were acquired using Zeiss Zen 

2.5 blue microscopy software together with ConTraX [214], which is a software 

developed in our lab for high-throughput single cell imaging and traction force 

measurement, for which a 10x objective (Zeiss, Jena, Germany, Plan Apochromat 

0.45 NA) was used. 

We applied the following morphology selection filter to analyze single hiPSC-

CMs that took up an elongated aspect ratio within the ECM micropattern width and 

area. For the hiPSC-CM morphology data, we included the analysis for cells with a 

high aspect ratio (above 3:1). We note that it is possible to re-run the ConTraX cell 

morphology analysis with the same images and apply a different selection criteria if 

needed. For this reason, Excel File S1 contains the ConTraX data for all identified 

objects. 

We performed further data selection and representation in Matlab 2019b 

(MathWorks, Natick, MA, USA) using the Statistics and Machine Learning toolbox. 

Identified objects with an area below 200 µm2 were discarded as debris. Stringent 

selection criteria only analyze high aspect ratio cells (between 3:1 and 9:1), and 
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discard cells growing well outside the defined protein patterns (width > 16 µm) and 

likely cell doublets (area above 1900 µm2). Microscopy images were opened in Fiji 

[220] and illumination was pseudo-corrected when appropriate using the BioVoxxel 

toolbox [221]. 

 

3.4. Results 

3.4.1. Wafer Fabrication and Protein Pattern Transfer to Hydrogels 

Wafer-scale fabrication of photoresist protein templates is a convenient and 

facile method for generating multiple glass chips to enable on-demand and 

consistent fabrication of protein-patterned hydrogels. This method makes it easy to 

make multiple hydrogels with different properties in terms of the stiffness or choice 

of extracellular matrix proteins. In addition, the glass chips are compatible with 

different types of cell culture substrates, from glass microscopy coverslips to multi-

well plates. Figure 3-3 illustrates how the photoresist patterns (Figure 3-3A) 

translate into protein patterns on a hydrogel (Figure 3-3B) using fluorescent labeled 

gelatin. The diced glass chips with photoresist templates were stored for 

approximately six months prior to lift-off and protein pattern transfer to a hydrogel. 
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Figure 3-3. Transfer of protein templates in photoresist on glass chips into protein patterns on 

hydrogels. (a) Developed photoresist templates on glass chips. The developed photoresist templates 

were stored in a light-protected environment for approximately six months prior to hydrogel 

fabrication. (b) Protein patterns on hydrogels were visualized using fluorescent gelatin. Fluorescent 

gelatin was transferred from glass chips using polydimethylsiloxane (PDMS) spacers to define the 

hydrogel thickness. Scale bars denote 25 µm. 

 

To obtain high-quality protein patterns on hydrogels, it is important to have 

photoresist patterns that are clean from debris and contaminations. For this reason, 

we developed the photoresist post-wafer dicing, but it then becomes critical that the 

photoresist is minimally exposed to light at all steps of the fabrication process. We 

used masking tape during dicing to ensure protection from light exposure. This light 

sensitivity limited our ability to release UV tape on glass wafers using UV exposure 

and so using thicker glass wafers, namely 500 µm here, significantly increased our 

yield of glass chips with photoresist patterns; however, thicker glass chips are also 

heavier than microscopy coverslips and we introduced spacers in the hydrogel 

fabrication method. The spacers serve three important purposes, where they (1) 
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prevent the hydrogel from collapsing under the weight of the glass chips, (2) define 

the hydrogel thickness and (3) ensure even hydrogel thickness for high-resolution 

microscopy. This was critical to making the method compatible for different types of 

cell culture substrates when used with 500 µm glass chips and improving imaging 

capabilities. 

The transfer of photoresist templates from glass coverslips to protein-patterned 

hydrogels has been characterized in [29]. We did not observe differences in quality 

among the glass chips, which are taken from the center of the wafer and exclude 

~10% from the edges. We attributed this to the uniformity of the photoresist due to 

its thinness and processing (the use of a level hotplate); however, we did observe a 

decrease in quality of the transferred patterns close to the edges of the diced glass 

chips. 

3.4.2. Single-Cell Cardiomyocytes on Protein-Patterned Hydrogels 

Expanded hiPSC-CMs were thawed and cultured for 10 days. The 

cardiomyocytes were seeded on single-cell Matrigel patterns on hydrogels with an 

aspect ratio of 7:1 and area of 1500 µm2. The cells were continuously monitored for 

their health and adhesion to the hydrogels. We verified that the cardiomyocytes 

were healthy and beating (Video S1) at 4 days after cell seeding onto the protein-

patterned hydrogels. Furthermore, we compared the cell distributions for CMs 

seeded on protein-patterned hydrogels fabricated with (1) microscopy coverslips in 

a serial process described in [29] and (2) diced glass chips using the method 

reported in this paper. For comparison, we used a serial fabrication process [29] 

with the same single-cell protein templates (described in the Materials and Methods 
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section) and seeded expanded cardiomyocytes. We found that the cell distribution 

on protein-patterned hydrogels using both fabrication methods was comparable 

(illustrated in Figure 3-4A). Protein-patterned hydrogels for these experiments were 

generated using diced glass chips with photoresist templates fabricated more than 

six months prior. 

 
Figure 3-4. Human-induced pluripotent stem cell-derived cardiomyocytes (hiPSC-CMs) seeded on 

protein-patterned (Matrigel) hydrogels. (a) Comparison between cells seeded on hydrogels with 

protein transferred from microscopy coverslips fabricated in a serial process using the method 

described in [29] [30] and from diced glass chips fabricated in a batch wafer-scale process as 

described in this paper. Scale bars denote 100 µm. (B,C) Analysis of cells on protein-patterned 
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hydrogels fabricated from diced glass chips. (b) Microscopy images of an alpha-actinin labeled 

hiPSC-CM seeded on a hydrogel with protein transferred from a diced glass chip. Scale bars denote 

25 µm. (c) Two-dimensional scatter plots of the aspect ratio and area and length and width, along 

with the marginal distributions of the parameters. The results are grouped by hydrogel with debris 

(objects with area below 200 µm2) filtered out and high aspect ratio cells selected (between 3:1 and 

9:1). The criteria for cells that extend well beyond the protein patterns (width above 16 µm) and likely 

cell doublets (area above 1900 µm2) are indicated by the dashed lines. Cells were fixed for the 

analysis. 

Using fluorescently-tagged alpha actinin cells, we have demonstrated the 

internal structure of high aspect ratio cardiomyocytes on protein-patterned 

hydrogels (Figure 3-4B). We studied how the cells adhered to the protein patterns 

by analyzing the distributions of cell area, aspect ratio, length, and width in fixed 

cells (Excel File S1). We have found that, per hydrogel from a 15 mm x 15 mm 

glass chip and assuming a usable area of 100 mm2 due to edge effects, >1000 cells 

adhere, occupying up to 15% of the total available micropatterns. Of these cells, 

~120 cells (10%) adapted to the high aspect ratio (above 3:1) provided by the 

protein patterns (Figure 3-4C). Seeding at a higher cell density or growing cells on 

hydrogels for longer are potential strategies to increase the percentage of occupied 

patterns; however, this comes at the cost of an increased number of cell doublets 

and cells growing outside of the protein patterns. Already, we could see many cells 

growing well outside of the protein patterns (width above 16 µm) and likely cell 

doublets (area above 1900 µm2); however, even when using this stringent set of 

criteria, we typically obtained ~50 cells per hydrogel, which is sufficient for most 

high throughput experiments that would, in addition, use several hydrogels. 
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3.5. Discussion 

In this work, we have presented a batch wafer-scale approach based on 

photolithography for lift-off protein patterning on polyacrylamide hydrogels that (1) 

generates a high-yield of glass chips for (2) protein patterns with high reproducibility 

and accuracy with (3) long shelf-life stability. A previous work has utilized individual 

small glass microscopy coverslips during the lithography stage [29]. This serial 

fabrication process ultimately results in a slow fabrication speed. In contrast, our 

wafer-scale approach creates many photoresist-patterned glass chips in parallel 

using a single wafer. We streamlined the photolithography part of the process to 

render the lift-off patterning method more accessible and scalable. Our work could 

be used as a roadmap to establish future collaboration with a cleanroom expertise 

team, in which wafer processing, lithography and dicing are common techniques. 

After the diced glass chips with photoresist patterns are made, the rest of the 

protocol is straightforward and can be performed with standard laboratory 

equipment. Furthermore, our work shows that the diced and developed photoresist 

glass chips can be stored for at least six months. This is significant since it allows 

for streamlined batch processing and decreases the required cleanroom time. This 

shelf-stability also allows for flexibility around cell culture maintenance. 

Our work shows that lift-off patterning and the copolymerization transfer 

technique with polyacrylamide hydrogels is compatible with single cell hiPSC-CMs 

on Matrigel rectangular protein patterns. Previous work using lift-off protein 

patterning utilized Madin–Darby Canine Kidney (MDCK) cells on collagen I and 

gelatin protein patterns [29]. Furthermore, while we have only presented results with 
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the polyacrylamide hydrogel formulation for 10 kPa here, previous work has also 

shown that lift-off is compatible with various hydrogel stiffness (e.g., 5, 10 and 25 

kPa). Hence, our approach retains the previously demonstrated possibilities to work 

with varying cell types, single cell or multiple cells, ECM protein types, protein 

pattern geometries, and hydrogel stiffness. Additionally, since this platform has 

compatibility for live cell microscopy, other cell functional readouts can be easily 

added, such as traction force microscopy [15]. Our approach presented here can be 

used in future studies to increase our understanding of mechanobiology and how 

the microenvironment influences cell structure and function in both healthy and 

disease states. 

 

3.6. Supplementary Materials 

The following are available online at 

https://www.mdpi.com/article/10.3390/mi12111386/s1, Video S1: recording of a 

single hiPSC-CM beating on a protein-patterned hydrogel; real time, Excel File S1: 

Area, aspect ratio, length, and width data of fixed single hiPSC-CMs adhered to 

protein-patterned (Matrigel) hydrogels. Hydrogels were scanned in entirety to obtain 

this data. 
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4. Mimicking CM-CM and CM-ECM Interactions with Dual-Protein 

Patterning 

4.1. Background and Motivation 

Patterning single CMs on rectangular extracellular matrix (ECM) proteins to 

replicate CM-ECM interactions has been commonly used to improve CM structure 

and function [15, 30, 31] (see Chapter 1 for more discussion). However, few studies 

have investigated CM-CM interactions, and the few that have had used rodent 

models, limiting their translatability to the human heart [18, 49]. In this work, we 

sought to bridge this gap, investigating the effects of N-cadherin, a protein 

associated with CM-CM interactions, on hiPSC-CM structure and function. 

In early patterning experiments, Bray, et al. patterned rat neonatal ventricle 

myocytes on glass substrates with circular and rectangular fibronectin patterns, with 

the rectangular patterns having aspect ratios of 1:1 to 1:7 [30]. They found that the 

geometric cues from rectangular patterns, like corners, lead to distinct sarcomere 

alignment patterns, with higher aspect ratio rectangles leading to greater sarcomere 

organization and contractility [30]. This influenced further investigation into 

patterning of CMs, especially for hiPSC-CMs, which present a more immature 

phenotype when unpatterned [15]. Ribeiro, et al. patterned single hiPSC-CMs on 

PA hydrogels patterned with Matrigel, using rectangles with aspect ratios from 1:1 

to 7:1 and found that with increasing pattern aspect ratio, hiPSC-CMs had 

increased sarcomere alignment, greater force production, and more anisotropic 

calcium transients, all metrics associated with improved sarcomere contractility [15]. 

This further solidified the use of protein patterning to improve the structure and 
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function of hiPSC-CMs, and studies have used the patterned hiPSC-CM model to 

investigate disease mutations in hiPSC-CM lines [31]. For example, Wang, et al. 

demonstrated the use of the single-cell hiPSC-CM model by studying 7:1 

fibronectin-patterned hiPSC-CMs that had been genetically edited to include 

mutations with Barth syndrome. They found that the mutations interfered with 

sarcomere formation, leading to less organized myofibrils and weaker contraction 

[31]. These studies demonstrate the value of protein patterning for hiPSC-CM 

studies, but do not investigate the role of CM-CM interactions in addition to the CM-

ECM interactions. 

While there remains a gap in studies patterning hiPSC-CMs with N-cadherin, 

there have been a few studies that have cultured rat CMs on N-cadherin-coated 

polyacrylamide (PA) hydrogels [18] and N-cadherin-patterned glass [49]. Chopra, et 

al. cultured single-cell rat CMs on N-cadherin-coated hydrogels and found that the 

CMs produced traction force with a similar magnitude as single-cell rat CMs on 

ECM proteins but that N-cadherin-mediated mechanotransduction is distinct from 

ECM-mediated mechanotransduction [18]. In another study, Chopra and colleagues 

patterned single-cell rat CMs on N-cadherin patterns on glass to learn that alpha-

catenin serves as an adapter protein for N-cadherin-mediated mechanotransduction 

[49]. While these studies have provided useful insight into the role of N-cadherin in 

CM mechanotransduction, their translatability is limited because they are in rat 

CMs, which have key physiological differences compared to human CMs [4, 5]. 

Beyond culturing CMs on N-cadherin, previous studies have investigated the 

role of N-cadherin and CM-CM junctions in the organization and functioning of the 



 

 79 

subcellular contractile machinery in rat, mouse, cat, and chick CMs [19, 222-225]. In 

an in vitro study, Goncharova, et al. found that blocking N-cadherin inhibits the 

development and organization of sarcomeres in single-cell rat and chick CMs 

cultured on glass [222]. Simpson and colleagues showed that cell-cell contacts are 

necessary for in vitro feline CMs cultured on laminin-coated petri dishes to stabilize 

myofibrils and to beat on their own [223]. In an in vitro study of mouse myocytes, 

Luo, et al. found that an N-cadherin knockout restricted the ability of the myocytes 

to align their myofibrils with neighboring myocytes, leading to decreased contractility 

[19]. In an in vivo whole animal study, Wu and colleagues showed that N-cadherin 

and integrin-mediated stabilization of myofibrils occur independently during 

development [224]. Kostetskii and colleagues found in vivo N-cadherin knockout 

mice had shorter sarcomere lengths and arrhythmias, which they attributed to the 

lack of N-cadherin at the plasma membrane to anchor myofibrils [225]. 

These previous in vivo and in vitro studies demonstrate the importance of N-

cadherin in CM subcellular structure, function, and development [18, 19, 49, 222-

225]. One of the biggest advantages of the hiPSC-CM model is the ability to 

investigate dynamic subcellular structures in live cells [6, 15, 16], and one of the 

main disadvantages is the immature phenotype, similar to that of fetal CMs [22, 23]. 

With this in mind, we sought to investigate the effects of N-cadherin patterning on 

hiPSC-CM sarcomere structure and function, with the hypothesis that N-cadherin 

patterning would improve markers of hiPSC-CM maturity. 

 

4.2. Single hiPSC-CMs on N-cadherin and Matrigel Patterns on PA Hydrogels 
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The first studies we conducted to investigate the interactions between 

neighboring CMs consisted of patterning hiPSC-CMs on single protein N-cadherin 

islands. 

 

4.2.1. Methods 

4.2.1.1. Cell Culture and Differentiation 

For this work, we used GFP-tagged alpha-actinin hiPSC-CMs. The hiPSCs were 

alpha-actinin-2 (cell line 75) developed at the Allen Institute for Cell Science 

(allencell.org/cell-catalog) and available through Coriell (AICS-0075-085) [16, 20].  

hiPSCs were cultured on tissue culture plastic coated in Matrigel (Corning, 

356252) using feeder-free culture conditions in standard conditions of 5% carbon 

dioxide at 37°C. hiPSCs were cultured in Essential 8 Medium (Gibco, 

ThermoFisher, A1517001) which was changed daily. Cells were passed with EDTA 

when confluency reached 75%. hiPSCs were differentiated into cardiomyocytes 

(hiPSC-CMs) using a previously published protocol [218]. Briefly, once the hiPSC-

CMs reached 75% confluency (day 0), the media was changed to RPMI/B27 without 

insulin media (B27-INS - ThermoFisher, RPMI - 11875119, B27 without insulin - 

A1895601) with 6μM CHIR-99021 (SelleckChem, S2924), a GSK3-β inhibitor. After 

48 hours (day 2), the media was changed to B27-INS. After 24 hours (day 3), the 

media was changed to B27-INS with 2μM Wnt-C59 (SelleckChem, S7037), a Wnt 

inhibitor. After 48 hours (day 5), the media was changed to B27-INS. From day 7 

onward, the media was changed to fresh RPMI/B27 (B27; ThermoFisher, RPMI - 

11875119, B27 - 17504044) every two days. After the onset of beating, around day 
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10, the hiPSC-CMs were purified using glucose starvation [218]. After purification, 

the media was changed to fresh B27 every two days until they were seeded on 

devices. 

4.2.1.2. Protein Patterning 

 
 

(a) (b) 

Figure 4-1. (a) Structure of an N-cadherin Fc chimera. (b) Schematic of N-cadherin Fc chimera-

functionalized surface attaching a cell. Adapted from Nag, et al. [226] (CC by 3.0: 

http://creativecommons.org/licenses/by/3.0). 

 

To functionalize devices with N-cadherin, we used an N-cadherin Fc chimera 

(R&D Systems, 1388-NC-050) and a linking protein, Protein A (Sigma, 1578805). 

The Protein A attaches to the Fc region of the N-cadherin chimera protein, ensuring 

the extracellular binding domain of the N-cadherin protein is presented at the 

surface of the hydrogel (Figure 4-1). 

Protein patterning was achieved using a previously published protocol [29]. 

Briefly, glass coverslips were patterned with AZ1512 photoresist using 

photolithography (Figure 4-2). These coverslips were then incubated with a blocking 

molecule, poly(L-lysine)-g-poly(ethylene glycol) (PLL-g-PEG, SuSoS), at a 

concentration of 100 μg/mL. Then, the photoresist patterns were removed with N-
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methyl-2-pyrrolidone (EMD Performance Materials), leaving behind Pll-g-PEG in the 

inverse pattern on the coverslip. After removing the photoresist, either Protein A or 

Matrigel was incubated for 4 hours at 4°C. Protein A was at a concentration of 

100μg/mL, diluted in phosphate buffered saline (PBS; Gibco, ThermoFisher, 

10010023), and Matrigel was diluted 1:10 from the stock concentration in 

Dulbecco's Modified Eagle Medium/Nutrient Mixture F-12 (DMEM, ThermoFisher, 

11330057). 

For studies on glass, the Matrigel-patterned coverslips were washed and stored 

in PBS until seeding. The Protein A-patterned coverslips were incubated with N-

cadherin at a concentration of 100μg/mL for 3 hours at 4°C. After the N-cadherin 

incubation, the N-cadherin coverslips were washed and stored in PBS until seeding. 

 
(a) (b) (c) 

Figure 4-2. Process flow for creating protein-patterned PA hydrogels: (a) photolithography, (b) liftoff, 

(c) and PA polymerization and protein transfer. Adapted from Moeller, et al. [29] (CC0 1.0: 

https://creativecommons.org/publicdomain/zero/1.0/). 

 

4.2.1.3. Polyacrylamide Hydrogel Fabrication 

To prepare the PA hydrogels, we followed a previously published protocol [35]. 

We treated glass bottom dishes (#1.5, Cellvis) with 3-(trimethoxysilyl)propyl 

methacrylate (bind-silane, Sigma) to secure the bottom of the PA hydrogel to the 
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glass dish. Briefly, we prepared a solution with 950μL of 100% ethanol, 50μL of 

acetic acid, and 3μL of 3-(Trimethoxysilyl)propyl methacrylate (bind-silane; Sigma, 

M6514). Then, we treated the glass with oxygen plasma for 30 seconds at 18W 

(Harrick, PDC-32G). Directly after plasma treating the glass, we added ~50μL of the 

bind-silane solution to the glass surface. The solution was incubated on the glass 

for 1 minute, after which the excess bind-silane solution was removed. The 

remaining solution was left to react for 10 minutes, after which the glass was rinsed 

twice with 1mL of 100% ethanol and dried with compressed nitrogen. 

We followed a previously published recipe [35] to prepare PA hydrogels with a 

stiffness of ~10kPa. We combined 40μL of a 0.025g/mL N,N’-

Methylenebis(acrylamide) (bis-acrylamide; Sigma, 146072) solution, 198μL of a 

0.5g/mL acrylamide (Sigma, 01696) solution, 594.4μL of water, 140.5μL of 250mM 

N-2-hydroxyethylpiperazine-N-2-ethane sulfonic acid (HEPES; Thermo, 15630080), 

and 21.6μL of red fluorescent microbeads (diameter 0.5μm, Thermo, F8812). 

Separately, we prepared a 10% weight by volume (w/v) solution of ammonium 

persulfate (APS; Sigma, A9164) in MilliQ water. We degassed the PA precursor 

solution and the APS solution for 1 hour in a vacuum desiccator to remove bubbles. 

To begin polymerization, we added 0.5μL of N,N,N’,N’-

tetramethylethylenediamine (TEMED; Sigma, 411019) and 5μL of the 10% w/v APS 

solution to the PA precursor solution. The solution was mixed gently with a P1000 

pipette and 50μL of the solution was pipetted onto the bind-silane-treated glass 

surface. The protein patterned coverslip was then placed on top of the solution, 

sandwiching the PA solution between the bind-silane-treated glass and the protein 
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patterned glass. After casting, the hydrogels polymerized in the dark for 30 minutes 

before being hydrated with PBS and left to fully polymerize at 4°C for 6-8 hours. 

After full polymerization, the protein patterned top coverslip was removed and 

discarded and the hydrogels were washed three times with PBS.  

Then, we removed the top coverslip and washed the hydrogels three times with 

PBS. I stored the Matrigel hydrogels at 4°C until cell seeding. We incubated the 

Protein A hydrogels with N-cadherin at a concentration of 100μg/mL for 3 hours at 

4°C. After N-cadherin incubation, all devices were seeded with hiPSC-CMs at the 

same time. N-cadherin patterns were verified with anti-rabbit-pan-cadherin antibody 

(Sigma) and AlexaFluor 488 polyclonal antibody (AF488, ThermoFisher). 

The Matrigel-patterned hydrogels were stored in PBS at 4°C until seeding. The 

Protein A-patterned hydrogels were incubated with N-cadherin at a concentration of 

100μg/mL for 3 hours at 4°C. After the N-cadherin incubation, the N-cadherin 

hydrogels were washed three times and stored in PBS until seeding. N-cadherin 

patterns were verified with anti-rabbit pan-cadherin primary antibody (Sigma, 

C3678) and AlexaFluor 488 anti-rabbit secondary antibody (ThermoFisher, A-

11034). 

4.2.1.4. Oxidized HEA Functionalized Polyacrylamide Hydrogel 

Fabrication 

The oxidized N-Hydroxyethyl acrylamide (HEA; Sigma, 697931) PA hydrogels 

were prepared following a previously published protocol with some modifications 

[33]. Briefly, we began by oxidizing HEA by adding 0.01g of sodium metaperiodate 
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(Sigma, 71859) to 2.338mL of HEA, then incubating in the dark on a shaker for 4 

hours. 

To prepare the PA hydrogel solution, we combined 732μL of 40% Acrylamide 

solution (Bio-Rad, 1610140) and 260μL of 2% Bis-acrylamide solution (Bio-Rad, 

1610142) with 4.008mL MilliQ water. Finally, we added 200μL of oxidized HEA, 

bringing the total volume to 5.2mL. Separately, we prepared a 10% weight by 

volume (w/v) solution of APS in MilliQ water. 

To begin polymerization, we added 2.6μL of TEMED and 260μL of the 10% w/v 

APS solution to the PA solution. The solution was mixed gently with a P1000 pipette 

and then 50μL of the solution was pipetted onto the bind-silane-treated glass 

surface. The protein patterned coverslip was then placed on top of the solution, 

sandwiching the PA solution between the bind-silane-treated glass and the protein 

patterned glass. After casting, the hydrogels polymerized in the dark for 30 minutes 

before being hydrated with PBS and left to fully polymerize at 4°C for 6-8 hours. 

After full polymerization, the protein patterned top coverslip was removed and 

discarded. 

Following the removal of the top coverslip, the PA hydrogels were incubated with 

N-cadherin. The PBS was aspirated from the dish and ~50μL of 100μg/mL N-

cadherin solution was added to the hydrogel surface and left to incubate for 3 hours 

at 4°C. After 3 hours, the PA hydrogels were washed three times with 1mL PBS and 

then stored at 4°C in PBS until cell seeding. 

4.2.1.5. Cell Seeding 
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Cells were seeded on devices at a density of ~100,000 cells/cm2 between day 

25-30 and imaged 3-4 days after seeding (day 30-35). To begin seeding, we 

prepared replating media, consisting of 60% B27, 40% Knock Out Serum 

Replacement (KOSR; ThermoFisher, 10828028), and 0.014% Thiazovivin (Sigma, 

SML1045-25MG). We lifted up the hiPSC-CMs using TrypLE 10X (ThermoFisher, 

A1217702) for 5-10 minutes at 37°C. After 5-10 minutes, we diluted the TrypLE 10X 

by adding 1mL of replating media. The solution was triturated to further lift up the 

cells and then collected in a 15mL conical tube containing 3mL of replating media to 

further dilute the TrypLE 10X. The 15mL conical tube was spun in a centrifuge at 

200g for 3 to 5 minutes, until a pellet formed at the bottom of the tube. The 

supernatant was aspirated and the pellet was resuspended with 1mL of replating 

media. We stained a sample of the resuspended cells with Trypan Blue 

(ThermoFisher) and counted cells on a hemocytometer to achieve the desired 

density of 10,000 cells per device. Then, we flooded the devices with the 

resuspended cell solution and left them in the incubator at 37ºC for 48 hours. After 

48 hours, we changed the media in the devices to B27 with 1% Penicillin-

Streptomycin (Pen-Strep; ThermoFisher, 15140122) every two days. We imaged 

the hiPSC-CMs on devices 3-5 days after seeding. 

4.2.1.6. Microscopy 

All data were imaged on one of two microscope setups: i) a Zeiss Axio Observer 

7 inverted microscope with high speed camera (Photometrics Prime 95b) and 5X 

(NA = 0.16, Zeiss) and 10X (NA = 0.45, Zeiss) air objectives and ii) a Leica 
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DMI6000B inverted microscope with high resolution camera (pco.panda 4.2) and 

10X air objective (NA = 0.3, Leica). 

 

4.2.2. Results 

4.2.2.1. N-cadherin Was Successfully Patterned on Glass and PA 

Hydrogel Substrates 

To study the effect of CM-CM interactions on hiPSC-CM maturity, we aimed to 

isolate cell-cell contacts from cell-ECM contacts. To do this, we patterned N-

cadherin in rectangles with an aspect ratio of ~7:1 – with a width of ~15μm and 

length of ~100μm. Adult human ventricular CMs have aspect ratios ranging from 5:1 

to 7:1 and previous studies found that hiPSC-CMs patterned in an aspect ratio of 

7:1 had greater sarcomere alignment, force production, and other markers of 

maturity [15, 30, 31]. 

 
(a) 

 
(b) 

Figure 4-3. N-cadherin patterns on glass and PA hydrogel. Fluorescence images of lift-off-patterned 

N-cadherin on (a) glass and (b) hydrogel devices, visualized with pan-cadherin primary antibody and 

AlexaFluor 488 secondary antibody.  

100 μm 100 μm 
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To verify the N-cadherin patterning, we stained unseeded devices with a pan-

cadherin antibody (Figure 4-4a). To further confirm the presence of N-cadherin, we 

tested the specificity of the antibodies. To demonstrate the pan-cadherin antibody 

did not bind non-specifically to the substrate, we stained a device without any 

protein. We performed lift-off patterning on a coverslip but did not backfill with any 

protein and then stained the coverslip with the pan-cadherin antibody and the 

AlexaFluor 488 secondary antibody (Figure 4-4b). To show that the AlexaFluor 488 

antibody was not binding non-specifically to the substrate, we repeated the same 

lift-off patterning without backfilling with a protein, and then stained with just the 

AlexaFluor 488 secondary antibody (Figure 4-4c). To check that the pan-cadherin 

antibody did not bind non-specifically to other proteins, we backfilled lift-off-

patterned coverslips with laminin, an ECM protein, and then stained with pan-

cadherin and AlexaFluor 488 (Figure 4-4d). Finally, we stained lift-off-patterned 

coverslips backfilled with Protein A to determine if the pan-cadherin antibody could 

bind to the N-cadherin-binding region of Protein A (Figure 4-4e). 

 
(a)  

 
(b)  

 
(c)  

100 μm 100 μm 100 μm 
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(d)  

 
(e) 

Figure 4-4. N-cadherin signal is not due to a lack of antibody specificity. Fluorescence images of (a) 

N-cadherin protein pattern on glass, and immunostaining controls on glass: (b) no protein devices 

stained with pan-cadherin and AF488 antibodies, (c) no protein devices stained with AF488 

antibody, (d) devices patterned with laminin stained with pan-cadherin and AF488 antibodies, and 

(e) devices patterned with Protein A stained with pan-cadherin and AF488 antibodies.  

 

4.2.2.2. Patterning hiPSC-CMs on N-cadherin-Functionalized Devices 

hiPSC-CMs Attach to N-cadherin Patterns on Glass Coverslips 

After verifying N-cadherin patterning, we seeded hiPSC-CMs on devices. For 

each experiment, we used Matrigel-patterned glass and PA hydrogels as our cell-

ECM condition and N-cadherin-patterned glass and PA hydrogels as our cell-cell 

condition. Additionally, the Matrigel devices served as cell-seeding controls, as cells 

attach robustly to Matrigel [6, 15, 141]. Following seeding, we saw successful 

hiPSC-CM attachment and patterning on both Matrigel devices (glass and PA 

hydrogel) and on the N-cadherin glass device (Figure 4-5). No hiPSC-CMs attached 

to the N-cadherin PA hydrogel device (Figure 4-5). 

100 μm 100 μm 
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(a) 

 
(b) 

 
(c) 

 
(d) 

Figure 4-5. hiPSC-CMs attach to Matrigel on glass and PA hydrogel, and N-cadherin on glass, but 

not N-cadherin on PA hydrogel. Brightfield images of hiPSC-CMs seeded on (a) Matrigel patterned 

on glass, (b) Matrigel patterned on PA hydrogel, (c) N-cadherin patterned on glass, and (d) N-

cadherin patterned on PA hydrogel. 

hiPSC-CMs Did Not Attach to N-cadherin-Patterned PA Hydrogels 

No hiPSC-CMs attached to N-cadherin-patterned PA hydrogels (Figure 4-5d). 

To examine the impact of patterning on cell attachment to N-cadherin-functionalized 

PA hydrogels, I made glass and PA hydrogel devices with N-cadherin covering the 

entire surface. These devices were made following the same protocol as the 

patterned devices, without the photolithography and lift-off processes.  

hiPSC-CMs attached readily to the unpatterned N-cadherin on glass and 

resumed beating. Because they were not patterned, these hiPSC-CMs 

100 μm 100 μm 

100 μm 100 μm 
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demonstrated a more immature phenotype, specifically in their rounded 

morphology. Like the patterned N-cadherin, no cells attached to the unpatterned N-

cadherin on hydrogel devices (Figure 4-6). 

 
(a)  

 
(b) 

 
(c) 

 
(d) 

Figure 4-6. Cells attach to unpatterned N-cadherin on glass, but do not bind to unpatterned N-

cadherin on PA hydrogel nor non-specifically bind to glass or PA hydrogel without protein 

functionalization. Brightfield images of hiPSC-CMs seeded on (a) unpatterned N-cadherin on glass, 

(b) unpatterned N-cadherin on PA hydrogel, (c) glass not functionalized with protein, and (d) PA 

hydrogel not functionalized with protein. 

 

To determine whether cells adhere specifically to N-cadherin or to the glass 

itself, and to test the non-binding quality of PA hydrogels, I made glass and PA 

100 μm 100 μm 

100 μm 100 μm 
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hydrogel devices without any protein functionalized to their surfaces. The glass 

devices without protein had some debris adhesion, but no single CM attachment or 

beating (Figure 4-6c). The PA hydrogel devices without protein had no attachment 

at all, as expected (Figure 4-6d). 

Because hiPSC-CMs attach to N-cadherin on glass, we hypothesized that 

hiPSC-CMs could not attach to N-cadherin on PA hydrogels because the N-

cadherin was not firmly anchored to the PA hydrogel surface. To test this, we 

stained previously seeded N-cadherin-patterned PA hydrogels with pan-cadherin 

and AlexaFluor 488 (Figure 4-7), to determine if N-cadherin was still present on the 

PA hydrogel surface. All N-cadherin patterns had been removed from the hydrogel 

surface, indicating that N-cadherin is degraded or detached in the process of 

hiPSC-CM seeding (Figure 4-7). 

 
(a)  

 
(b) 

 
(c)  

 
(d) 

100 μm 100 μm 

100 μm 100 μm 
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Figure 4-7. N-cadherin is removed from PA hydrogel devices after hiPSC-CMs are seeded and fail 

to attach. GFP images of N-cadherin-patterned (a) glass device 1, (b) glass device 2, (c) PA 

hydrogel device 1, and (d) PA hydrogel device 2 stained four days after they were made and three 

days after seeding them with hiPSC-CMs. Patterns were visualized with pan-cadherin primary 

antibody and AlexaFluor 488 secondary antibody. 

 

To demonstrate that the degradation or removal of N-cadherin is not due to the 

time elapsed between incubation and staining, we did a time study with N-cadherin-

patterned PA hydrogels. We made three N-cadherin-patterned PA hydrogels to 

stain for N-cadherin patterns at different time points after being cultured in media. 

The first PA hydrogel was stained and imaged the day of seeding (Figure 4-8a), the 

second two days after seeding (Figure 4-8b), and the third three days after seeding 

(Figure 4-8c). With the unseeded devices, there was slight degradation of the N-

cadherin pattern with time, but overall the pattern was preserved, indicating that 

media and/or time would not result in the N-cadherin removal seen in Figure 4-7. 

 
(a)  

 
(b) 

 
(c) 

Figure 4-8. N-cadherin patterns do not degrade over time when cultured in hiPSC-CM media. GFP 

images of N-cadherin patterned on PA hydrogel devices immunostained (a) the day after the devices 

were made, (b) three days after the devices were made, and (c) four days after the devices were 

made. Patterns were visualized with pan-cadherin primary antibody and AF488 secondary antibody. 

100 μm 100 μm 100 μm 
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4.2.2.3. Patterning hiPSC-CMs on N-cadherin-Functionalized Oxidized 

HEA Devices 

After demonstrating that the N-cadherin was not present on the PA hydrogel 

surface after seeding, we tried using a covalent linker, oxidized HEA (oHEA), to 

create a stronger attachment between the PA hydrogel and the protein patterns. We 

found that the oHEA increased the number of attached cells on both N-cadherin and 

Matrigel-patterned devices (Figure 4-9). While there was a much higher attachment 

and patterning rate, there was also greater non-specific binding, likely due to the 

fact that the surface of the PA hydrogel was no longer anti-fouling. To prevent non-

specific binding, in future work, we incubated the oHEA PA hydrogels with a 1% 

bovine serum albumin (BSA; ThermoFisher, PI37525) solution in PBS after the N-

cadherin incubation. 

 
(a)  

 
(b) 

Figure 4-9. hiPSC-CMs attach to N-cadherin patterned on PA hydrogels functionalized with oHEA. 

Brightfield images of hiPSC-CMs seeded on (a) Matrigel patterned on oHEA PA hydrogel and (b) N-

cadherin patterned on oHEA PA hydrogel. 

 

100 μm 100 μm 
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4.2.3. Discussion 

We saw from both the PA hydrogels and the glass devices that hiPSC-CMs 

prefer Matrigel patterns to N-cadherin patterns. This is unsurprising as Matrigel is a 

complex mixture of basement membrane proteins that is known to be well suited for 

stem cell and hiPSC-CM culture [198]. In addition to the preferential attachment to 

Matrigel-patterned devices, there was more debris or non-specific cell attachment 

on N-cadherin-patterned glass devices compared to Matrigel-patterned glass 

devices. The amount of non-specific binding seen on the N-cadherin glass devices 

was greater than that on the no protein glass controls, indicating that the increased 

non-specificity was unique to N-cadherin-functionalized devices.  

The greater non-specific binding on N-cadherin patterns could be caused by the 

hiPSC-CMs attaching to the N-cadherin patterns and subsequently producing some 

of their own ECM proteins [227, 228], which other cells then non-specifically bind to. 

It is also possible that cells attached to the N-cadherin patterns weakly and 

therefore did not remain restrained to the pattern area once they laid down their 

own ECM proteins. Alternatively, the N-cadherin patterns could be weakly attached 

to the glass surface and be pulled off by the hiPSC-CMs, which would support the 

hypothesis that the hiPSC-CMs pulled N-cadherin off the PA hydrogels as well. 

After hiPSC-CM seeding, the glass devices showed very little N-cadherin remaining, 

while the PA hydrogel devices showed no N-cadherin remaining. This supports the 

hypothesis that the hiPSC-CMs pull some of the N-cadherin off glass devices and 

all the N-cadherin off PA hydrogel devices, which matches the seeding results seen 

in this work. Additionally, we saw strong attachment of hiPSC-CMs on N-cadherin-
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patterned oHEA PA hydrogels, indicating that a stronger bond between N-cadherin 

and the substrate surface is necessary for hiPSC-CM attachment. This is further 

supported by previous studies done by a previous member of the Pruitt lab, which 

showed that Madin-Darby Canine Kidney (MDCK) cells could not be anchored on E-

cadherin-functionalized PA hydrogels without the presence of a chemical linker 

[229, 230]. 

In this work, we have shown that we can pattern N-cadherin on both glass 

coverslips and PA hydrogels, however, in order to anchor hiPSC-CMs to N-

cadherin-patterned PA hydrogels, we have to use a covalent linker, such as oHEA. 

This allows for future studies to determine the differences in structure and/or 

function that occur when mimicking cell-cell vs cell-ECM interactions. Developing a 

method to successfully pattern hiPSC-CMs on PA hydrogels was crucial to being 

able to achieve dual protein patterning to replicate cell-cell and cell-ECM 

interactions on one pattern. The dual protein project will be discussed further in the 

following section. 

 

4.3. Spatial Patterning of Laminin and N-Cadherin for Human Induced 

Pluripotent Stem Cell-Derived Cardiomyocytes (hiPSC-CMs) 

This chapter is reformatted from a paper currently in preparation and includes 

entire manuscript, including figures and tables. In this chapter, I describe a study I 

performed as first author creating dual-protein patterned devices for studying 

hiPSC-CMs and the impact of cell-ECM and cell-cell interactions on hiPSC-CM 

structure and function. We found that dual-protein patterned hiPSC-CMs showed 
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some signs of improved structure and function compared to single-protein patterned 

hiPSC-CMs, including increased cell area and contractility in the direction of 

sarcomere organization. As first author, I led the conceptualization and 

experimental work, specifically the transfer of protein patterns to PA hydrogels, 

hiPSC-CM culture and seeding, and data collection and analysis. I also led the 

writing of the manuscript and the design of the manuscript figures. 

4.3.1. Abstract 

Controlling cellular shape with protein micropatterning can mimic physiological 

morphologies and has been shown to improve reproducibility, enhancing our ability 

to collect statistics on single-cell behaviors. It has also advanced efforts in 

developing human induced pluripotent stem cell-derived cardiomyocytes (hiPSC-

CMs) as a promising human model for studies of heart structure and function. 

hiPSC-CMs have key physiological differences from primary human cardiomyocytes 

(CMs), including lower sarcomere alignment and contractility, smaller area and 

lower aspect ratio, and lower force production. Protein micropatterning has been 

demonstrated to make hiPSC-CMs behave more like primary human CMs across 

these metrics. However, these micropatterned models typically use only 

extracellular matrix (ECM) proteins and have not investigated whether providing a 

protein associated with CM-CM interactions, such as N-cadherin, further enhances 

hiPSC-CM structure and function. Here, we developed a novel dual-protein 

patterning process to geometrically control single-cell CM placement on deformable 

hydrogels suitable for traction force microscopy (TFM). The patterns were 

comprised of  rectangular laminin islands for attachment across the majority of the 
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cell area, with N-cadherin “end-caps” imitating cell-cell interactions. We first 

photopatterned two proteins on a glass coverslip using a two-step process with 

photomolecular adsorption of proteins. After both photopatterning steps were 

complete, we transferred the pattern from the coverslip to a physiologically relevant 

~10-kPa polyacrylamide hydrogel. We seeded α-actinin-tagged hiPSC-CMs on the 

dual-protein-patterned hydrogels and verified interaction between the hiPSC-CMs 

and the N-cadherin end-caps via immunofluorescent staining. We found hiPSC-

CMs on dual-protein patterns have a higher cell area and contractility in the 

direction of sarcomere organization than those on laminin-only patterns, but no 

difference in sarcomere organization or force production. While N-cadherin 

modestly improves the single-cell patterned hiPSC-CM model, it is not sufficient to 

replicate the role of cell-cell contacts in CM development for in vitro hiPSC-CM 

systems. 

4.3.2. Introduction 

Human induced pluripotent stem cell derived cardiomyocytes (hiPSC-CMs) are a 

promising model to bridge the gap between human heart function and the studies of 

the human heart in animal models [6, 22, 196, 231]. Developments in 

cardiomyocyte (CM) differentiation protocols have expanded the use of hiPSC-CMs 

in research [13] and engineering interventions have helped overcome limitations to 

the use of hiPSC-CMs as models for primary human CMs. These limitations include 

differences in structure and function between hiPSC-CMs and adult human CMs, 

such as CM morphology, sarcomere organization, and contractile force [6, 197]. 
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Cardiac organoids or engineered heart tissues (EHTs) offer one approach to 

improving hiPSC-CM structure and function on average [44-47]. EHTs are 

commonly composed of hiPSC-CMs supported via some scaffolding, often made of 

extracellular matrix (ECM) proteins with mechanical properties similar to the 

myocardium [44]. EHTs mimic the 3D, multicellular environment of human CMs, and 

exhibit improved structure and function in hiPSC-CM – with sarcomere length and 

alignment similar to adult human CMs [46, 47]. However, EHTs require large 

numbers of hiPSC-CMs and supporting cells, show considerable heterogeneity in 

cell size and shape, and their complexity impedes live-cell imaging of subcellular 

structures, preventing investigations of sarcomere dynamics [197]. 

While EHTs provide a more realistic tissue environment for hiPSC-CMs, single 

hiPSC-CMs are prominently used in studies that seek to investigate intracellular 

processes, including assessments of cardiotoxicity in pre-clinical drug studies [210, 

232-234]. These studies use single-cell hiPSC-CMs to assess changes in 

contractile dynamics and ion channel function to investigate common and 

dangerous side effects of drugs before entering into clinical trials [210, 232-234]. 

For this reason, developing better single-cell hiPSC-CMs is an important goal that 

could facilitate lower cost and higher throughput drug screening assays. 

Protein micropatterning on hydrogels mimicking the mechanical properties of the 

myocardium provides an engineering approach to improve the structure and 

function of hiPSC-CM for single-cell assays [15, 31]. Protein micropatterning allows 

for the control of hiPSC-CM morphology by culturing the cells on rectangular ECM 

protein patterns in aspect ratios greater than or equal to 5:1, similar to the aspect 
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ratio of adult human CMs [15, 22, 30, 31]. Patterned hiPSC-CMs present more 

highly aligned myofibrils and greater contractile forces than unpatterned hiPSC-CMs 

[15]. With these single-cell hiPSC-CMs, we have a high degree of control over the 

microenvironment and can study sarcomere dynamics and, by including fiducials in 

the deformable substrate, we can dynamically monitor force production. 

Protein micropatterning has been used with a range of cell types to control cell 

shape and to create organized arrays of cells that allow for high-throughput imaging 

and analysis [207, 235]. Additionally, patterned cells have been shown to be more 

highly reproducible, creating more consistent intracellular phenotypes [207, 235, 

236]. Thery and colleagues found that protein micropatterning of human retinal 

pigment cells created less intercellular variability and greater control over internal 

organization of the cells [207]. Tseng, et al. found that cell-cell junction positioning 

of mammary epithelial cells could be controlled by varying the spatial organization 

of ECM protein micropatterns [235]. Additionally, Rothenberg, et al. found that 

varying geometries of ECM protein micropatterns affected the number and 

organization of focal adhesions [236]. The reproducibility and higher control over 

subcellular organization are important benefits of the single-cell hiPSC-CM model, 

especially when screening for changing phenotypes, such as in drug studies [210, 

232, 233]. 

Previous studies have investigated the effects of protein micropatterning on 

hiPSC-CMs, primarily focusing on the ECM proteins. A few studies have 

investigated CM-CM interactions using N-cadherin-functionalized substrates, 

culturing rat CMs on N-cadherin-coated polyacrylamide (PA) hydrogels [18] and N-
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cadherin-patterned glass [49]. Chopra, et al. coated PA hydrogels with N-cadherin, 

using anti-Fc antibody as a linking protein and stabilizing the proteins on the 

hydrogel with the crosslinker sulfo-N-sulfosuccini-midyl-6-(4’-azido-2’-

nitrophenylamino) hexanoate (Sulfo-SANPAH) [18]. They then cultured single-cell 

rat CMs on the N-cadherin-coated hydrogels and found that the CMs produced 

traction force with a similar magnitude as single-cell rat CMs on ECM proteins [18]. 

Additionally, they showed that N-cadherin-mediated mechanotransduction is distinct 

from ECM-mediated mechanotransduction [18]. In another study, Chopra and 

colleagues patterned single-cell rat CMs on N-cadherin patterns on glass to learn 

that alpha-catenin serves as an adapter protein for N-cadherin-mediated 

mechanotransduction [49]. While these studies have provided useful insight into the 

role of N-cadherin in CM mechanotransduction, their translatability is limited 

because they are in rat CMs, which have key physiological differences compared to 

human CMs [4, 5]. 

Some studies have investigated the role of N-cadherin in the heart using single-

cell, multicellular, and whole animal models from rats, mice, cats, and chicks [222-

224]. Goncharova, et al. found that blocking N-cadherin inhibits the development 

and organization of sarcomeres in in vitro single-cell rat and chick CMs cultured on 

glass [222]. Additionally, Simpson and colleagues showed that cell-cell contacts are 

necessary for in vitro feline CMs cultured on laminin-coated petri dishes to stabilize 

myofibrils and to beat on their own [223]. In a whole animal study, Wu and 

colleagues showed that N-cadherin and integrin-mediated stabilization of myofibrils 

occur independently during development [224]. 
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These previous in vivo and in vitro studies suggest that N-cadherin is relevant to 

CM structure, function, and development [18, 49, 222-224]. These studies used 

cells from animal models, limiting the relevance to the human heart. Additionally, all 

but one [18] used non-physiologic stiffness substrates and could not monitor CM 

contractile dynamics. Here, we bridge these gaps using single-cell hiPSC-CMs on 

protein-patterned deformable hydrogels suitable for traction force microscopy 

(TFM). The single-cell hiPSC-CM model allows us to investigate the impact of N-

cadherin adhesions in human CM structure, including subcellular structures like 

sarcomeres, but also their contractile function. 

Here, we asked whether pattering both laminin (an ECM protein secreted by 

CMs and abundant in their native microenvironment) and N-cadherin improves the 

structure and function of single-cell hiPSC-CMs. To answer this, we developed a 

method for consistent and precise dual-protein patterning on deformable hydrogels, 

and tested the effects of these substrates on single-cell hiPSC-CMs. N-cadherin is a 

relatively short (130 kDa), asymmetric protein which requires rotational freedom for 

proper conformation and binding [237]. To ensure the covalent attachment of 

functional N-cadherin, we adapted a protocol from Sarker, et al. [33] for the covalent 

attachment of Protein A as a linker to bind N-cadherin with an Fc-domain [226]. We 

used our protein micropatterning method to imitate both CM-ECM and CM-CM 

interactions for single-cell hiPSC-CMs. We hypothesized that utilizing the dual-

protein patterning to imitate CM-ECM and CM-CM interactions would improve 

hiPSC-CM structure, e.g.,  cell spread area, sarcomere alignment, and contractile 

function, i.e., sarcomere contractility and force production. 
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4.3.3. Results and discussion 

We created two single cell patterns: i) single protein patterns consisting of 

laminin rectangles, and ii) dual protein patterns, consisting of laminin rectangles 

flanked by N-cadherin caps (Figure 4-10a). We patterned arrays of alternating 

single and dual protein patterns on each coverslip. We then transferred the protein 

patterns to a ~6.8-kPa polyacrylamide (PA) hydrogel. We verified the patterning and 

the pattern transfer to PA hydrogel using a laminin  antibody and a pan-cadherin 

antibody (Figure 4-10a). Finally, we seeded hiPSC-CMs on the patterns (Figure 4-

10b) and assessed their morphology, force production, and sarcomere organization 

and contractility on the laminin-only and dual-protein patterns. 

 
 

(a)  (b) 
Figure 4-10. Dual-protein and laminin-only patterns. (a) Schematics and representative images of 

fluorescently labelled laminin-only and dual-protein patterns on PA hydrogels. Green is laminin and 

red is N-cadherin. (b) Representative image of hiPSC-CMs on laminin-only (top) and dual-protein 

(bottom) patterns, with sarcomeres (green) and Protein A (orange) visible. 

 

4.3.3.1. Mechanical characterization of polyacrylamide hydrogels 

20 μm 
20 μm 

20 μm 
20 μm 
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 We used AFM to characterize four polyacrylamide hydrogels (Figure 4-11). 

Using the Hertz model (Figure 4-11a), we found the mean stiffness of the 

polyacrylamide hydrogels to be 6.8 kPa, with a standard deviation of 1.5 kPa.  

We used multiple AFM cantilevers due to PA hydrogel build-up on cantilever tips 

after ~10-20 measurements. The three cantilevers had the following properties: (1) 

rt = 10μm, kc = 0.184N/m, sensitivity = 0.047V/nm, (2) rt = 10μm, kc = 0.060N/m, 

sensitivity = 0.027V/nm, and (3) rt = 3.46μm, kc = 0.191N/m, sensitivity = 

0.042V/nm. 

We compared the data from each cantilever using a Kruskal–Wallis one-way 

analysis of variance test to ensure that the results were consistent. There was no 

statistically significant difference between any of the data sets, including the data 

set containing all of the datapoints together (p-values between 0.44 and >0.9999; 

Figure 4-11b). 
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Figure 4-11. Mechanical characterization of polyacrylamide hydrogels. (a) Representative 

example of a force-indentation curve for a hydrogel, with measured force (light blue circular markers) 

plotted alongside the Hertz model calculated force (teal line). (b) PA hydrogel stiffness 

measurements with each cantilever. For stiffness data, n = 31. In (b), centerlines indicate medians, 

dotted lines indicate 25th and 75th percentiles. 

4.3.3.2. Validation of hiPSC-CM interaction with N-cadherin on dual-

protein patterns 

We first sought to verify that the hiPSC-CMs were interacting with the N-

cadherin end-caps on the dual-protein patterns. We stained hiPSC-CMs on dual-

protein patterns with a pan-cadherin primary antibody and AlexaFluor-647 

secondary antibody. 
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We manually outlined each cell in FIJI (ImageJ) as described in Methods. We 

outlined the N-cadherin end-cap using the 647 channel (N-cadherin). We isolated 

the overlap between the cell outline and the N-cadherin end-cap and quantified the 

average fluorescence intensities in the overlap area and the N-cadherin end-cap 

area (Figure 4-12a). 

We compared the two conditions using a two-tailed Wilcoxon matched-pairs 

signed rank test, which is equivalent to a non-parametric, paired T-test. We 

observed a significant difference (p < 0.0001) between the intensity of N-cadherin 

signal where the hiPSC-CMs overlapped the N-cadherin patterns and the intensity 

of the N-cadherin patterns themselves (Figure 4-12a). This overlap confirms that the 

hiPSC-CMs localized endogenous N-cadherin on the N-cadherin pattern and were 

interacting with the N-cadherin patterns. 

 
Figure 4-12. Dual-protein-patterned hiPSC-CMs have greater cell area than those on laminin-

only patterns. (a) Verification of hiPSC-CM interaction with N-cadherin. hiPSC-CM stained for N-
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cadherin (red) and cell nucleus (blue). Overlap of cell and N-cadherin measured using the outlines 

shown and the resulting fluorescent intensities of the overlapping area and the end-cap area without 

the overlap are visualized in the plot to the right. For N-cadherin verification data, n = 62. (b) hiPSC-

CM cell area and aspect ratio and (c) attachment rates of hiPSC-CMs on laminin-only (right) and 

dual-protein (left) patterns. For cell area, aspect ratio, and attachment data, n = 116 for laminin-only 

patterned condition and n = 131 for dual-protein patterned condition. For all plots, centerlines 

indicate medians, dotted lines indicate 25th and 75th percentiles. P-values with significance at P<0.05 

are designated with (*), P<0.005 are designated with (**), P<0.0005 are designated with (***), and 

P<0.0001 are designated with (****). Scale bar is 20μm. 

 

4.3.3.3. hiPSC-CMs on dual-protein patterns have increased cell area and 

attachment rates 

To investigate the effect of dual-protein patterns on hiPSC-CM structure, we 

assessed cell area and aspect ratio, as well as the rate of attachment of hiPSC-

CMs to laminin-only and dual-protein patterns.  

Most studies that pattern hiPSC-CMs use rectangles with an aspect ratio of 5:1 

to 7:1, corresponding to the range of adult human ventricular CMs [15, 22, 30]. In 

early experiments, we used patterns with an aspect ratio of 7:1, but found most cells 

did not fill the entire pattern, meaning many did not reach the N-cadherin end-caps 

on the dual-protein patterns. We adjusted the length of the patterns to address this 

issue, bringing our pattern aspect ratio down to ~6:1. 

The cell area and aspect ratio of the hiPSC-CMs were assessed by drawing an 

outline of the cell in FIJI, as described in Methods. The areas of hiPSC-CMs on 

dual-protein patterns were larger than those of laminin-only patterns, with average 
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areas of 824.4μm2 and 739.9μm2, respectively (P = 0.0023; Figure 4-12b). For 

reference, the total pattern area is 1190μm2.  

The mean aspect ratios of hiPSC-CMs on the laminin-only and dual-protein 

patterns were 5.4 and 5.5 respectively (Figure 4-12b). The laminin-only-patterned 

hiPSC-CMs had a larger variance than the dual-protein-patterned hiPSC-CMs, with 

standard deviations of 1.21 and 0.96, respectively (F-test p = 0.0085). The mean 

aspect ratios were compared using an unpaired, two-tailed T-test with Welch’s 

correction and had no significant difference (P = 0.8705). These results confirm that 

both laminin-only and dual-protein patterns support spreading of hiPSC-CM near 

the patterned aspect ratio.  

In addition to hiPSC-CM area and aspect ratio, we considered whether the 

addition of N-cadherin end-caps influenced the rate of cell attachment. To 

determine attachment rates, we counted the number of single-cell hiPSC-CMs 

attached to each pattern type. For this data, we included all cells on dual-protein 

patterns, regardless of whether they overlapped an N-cadherin end-cap or not. We 

assessed the difference in attachment rates using a parametric, two-tailed, ratio 

paired T-test. The rate of attachment was higher on dual-protein patterns than 

laminin-only patterns, with average attachment rates of 5.5% and 4.3%, 

respectively, on seventeen total devices (P = 0.0441; Figure 4-12c). This increased 

attachment suggests that dual-protein patterns may promote increased hiPSC-CM 

attachment rates, even if the hiPSC-CMs didn’t overlap the N-cadherin end-caps at 

the time of fixation/imaging.  
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4.3.3.4. hiPSC-CMs on dual-protein patterns have increased contractility 

in the direction of sarcomere alignment 

To investigate the effect of dual-protein patterns on hiPSC-CM function, we 

analyzed the contractility of the hiPSC-CM sarcomeres. Sarcomeric contractility is a 

commonly used metric to compare hiPSC-CMs to adult human CMs, with adult 

human CMs exhibiting greater contractility than hiPSC-CMs [6, 15, 22].  

We analyzed sarcomere contractility and organization using a previously 

published, open-source program called Sarc-Graph [238]. Sarc-Graph segments 

videos of fluorescently-tagged sarcomeres in beating hiPSC-CMs and outputs 

parameters representing the orientation, spacing, and contractility of the 

sarcomeres, all of which are important metrics for hiPSC-CM structure and function 

[238].  

In overall sarcomere shortening, we did not see a significant difference between 

hiPSC-CMs on laminin-only vs dual-protein patterns (Figure 4-13a). The percent 

shortening is calculated by taking the difference between the maximum and 

minimum length for an individual sarcomere and dividing it by the average length of 

the sarcomere [238]. The percent sarcomere shortening for all of the sarcomeres in 

one cell are averaged to calculate a single percent sarcomere shortening for each 

hiPSC-CM. The mean percent sarcomere shortening for laminin-only and dual-

protein patterns were not significantly different, with values of 16.89% and 17.67%, 

respectively (P = 0.6273). To further investigate sarcomere contractility, we 

assessed C||, a parameter calculated by Sarc-Graph that relates sarcomere 
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contractility to sarcomere alignment and represents the shortening of the entire cell 

domain in the direction of dominant sarcomere orientation [238].  

To define C||, we first need to understand how Sarc-Graph defines sarcomere 

alignment. Zhao, et al. use a structural tensor to quantitatively assess the 

sarcomere orientation, defining the structural tensor with the equation 

𝕋 = 〈2 %
𝑟!"𝑟!" 𝑟!"𝑟#"

𝑟#"𝑟!" 𝑟#"𝑟#"
' − )1 0

0 1,
〉 

where r = [rix, riy] is a unit vector representing the orientation of the ith sarcomere 

[238]. The structural tensor has eigenvalues of amax and amin, with amax providing the 

magnitude of sarcomere alignment (OOP). The eigenvectors of the structural tensor 

are vmax and vmin, with vmax representing the direction of sarcomere alignment [238]. 

Now, to define the contractility, Zhao and colleagues define the deformation 

gradient Davg with the equation 

𝐃$%&𝚲' = 𝚲 

where Λ0 = [v01, v02,…, v0n], representing the vectors v that connect neighboring 

sarcomeres in the initial reference frame, and Λ = [v1, v2,…, vn], representing the 

vectors v connecting neighboring sarcomeres in the current deformed frame [238]. 

Zhao, et al. relate the deformation gradient back to the sarcomere alignment 

expressions with the equation 𝐯($) = 𝐃$%&𝐯' [238], where vmax is the eigenvector 

representing the direction of sarcomere alignment in the contracted (deformed) 

state and v0 representing the direction of sarcomere alignment in the relaxed (initial) 

state [238]. They then define C|| as 

𝐶|| =
|𝐯'| − |𝐯($)|

|𝐯'|
	, 
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representing the fractional shortening of the sarcomeres in the direction of 

sarcomere alignment [238]. 

We found that hiPSC-CMs on dual-protein patterns had larger C|| values, with 

an average of 0.041 compared to 0.029 for laminin-only-patterned hiPSC-CMs (P = 

0.0294; Figure 4-13a). This result suggests that the contractility of the sarcomeres 

along the long axis of the myofibrils is enhanced in hiPSC-CMs patterned with N-

cadherin end-caps mimicking CM-CM interactions. 

We determined the statistical significance with an unpaired T-test with a 

Welch’s correction for the unequal variance (F-test P = 0.0403) in the dual-protein-

patterned data (standard deviation = 0.026) compared to the laminin-only-patterned 

data (standard deviation = 0.019). 
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Figure 4-13. Dual-protein-patterned hiPSC-CMs have higher contractility in the direction of 

sarcomere organization, but no difference in sarcomere alignment compared to laminin-only-

patterned hiPSC-CMs. (a) Overall percent sarcomere shortening and fractional sarcomere 

shortening in the direction of sarcomere organization (C||) for hiPSC-CMs on laminin-only and dual-

protein patterns. (b) OOP and mean sarcomere length for hiPSC-CMs on laminin-only (right) and 

dual-protein (left) patterns. For both laminin-only and dual-protein patterned conditions, n = 39. For 

all plots, centerlines indicate medians, dotted lines indicate 25th and 75th percentiles. P-values with 

significance at P<0.05 are designated with (*). 

 

4.3.3.5. hiPSC-CM sarcomere organization is similar on laminin-only and 

dual-protein patterns 
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We further examined the impact of dual-protein patterning on hiPSC-CM 

structure by analyzing sarcomere structure and organization. Previous studies have 

suggested that adult CMs have average sarcomere lengths of ~2.2 μm, while 

immature CMs have average sarcomere lengths of ~1.6 μm [22]. 

To investigate sarcomere structure and organization, we assessed hiPSC-CM 

sarcomere lengths and the orientational order parameter (OOP), a metric commonly 

used to assess sarcomere organization in CMs that ranges from zero (random 

orientation) to 1 (perfectly aligned) [238]. We hypothesized that hiPSC-CMs on 

dual-protein patterns would have more highly organized sarcomeres because 

previous studies found that N-cadherin is important in sarcomere formation and 

organization [18, 41, 49, 222-224]. Surprisingly, sarcomeric organization, as 

assessed via the OOP, was not significantly different between hiPSC-CMs on 

laminin-only and dual-protein patterns, with average values of 0.6330 and 0.6254, 

respectively (P = 0.6205; Figure 4-13b). The lack of difference in sarcomere 

organization between laminin-only and dual-protein patterned hiPSC-CMs suggests 

that the patterned N-cadherin end-caps are not sufficient to increase organization.  

We also found no difference between the mean sarcomere lengths of hiPSC-

CMs on laminin-only and dual-protein patterns. Both groups had mean sarcomere 

lengths of 1.8 μm, with minimum and maximum sarcomere lengths of 1.7 μm and 2 

μm, respectively (P = 0.6193; Figure 4-13b). We assessed the statistical 

significance using an unpaired T-test with a Welch’s correction because the 

standard deviations of the laminin-only and dual-protein data, 0.10 μm and 0.14 μm, 

respectively, were significantly different (F-test p = 0.0408).   
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4.3.3.6. hiPSC-CM force production is similar on laminin-only and dual-

protein patterns 

To further investigate the impact of dual-protein patterning on hiPSC-CM 

function, we assessed force production of hiPSC-CMs with Traction Force 

Microscopy (TFM), using the streamlined TFM module of a custom, open-source 

code called CONTRAX [214, 239]. The streamlined TFM module of CONTRAX 

provides a user-friendly TFM analysis tool that reads in fluorescent microbead 

displacement videos and assesses a number of functional metrics, including traction 

force [214, 239, 240]. 

We looked at multiple parameters output by CONTRAX, including total force 

production, peak traction stress, average contraction displacement, and contraction 

velocity. We also assessed total contractile moment, which is a scalar value 

representing the sum of moments taken at the center of the cell [241], and total 

impulse, which is the integrated area under the curve from the force versus time plot 

[214]. 

Force production, average contraction displacement, and contraction velocity 

are all directly related to hiPSC-CM contractility and are commonly used to assess 

CM function [15, 242, 243]. The peak traction stress avoids the homogenization 

caused by integrating over the cell area, providing insight into the maximum stress 

produced by each cell.  

Total force production is calculated by integrating the traction stresses over the 

cell area at each time point, creating a trace of force versus time, and identifying the 

maximum amplitude of the trace peaks [214, 239, 240]. To assess average 
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contraction displacement, CONTRAX averages the displacement magnitudes over 

the cell area for each video frame. CONTRAX then creates a one-dimensional trace 

of average displacement over time and extracts the displacement between the fully 

contracted and fully relaxed states [214, 239]. CONTRAX calculates the contraction 

velocity using the same displacement versus time trace, dividing the contraction 

displacement by the time elapsed during contraction [214, 239]. Peak traction stress 

is extracted by identifying the timepoint with greatest traction stress and reporting 

the highest absolute value of traction stress within that timepoint. 

The total contractile moment provides information about the distribution of 

stresses by weighting the traction forces by their distance from the cell center. We 

hypothesized that the force production of hiPSC-CMs might be more concentrated 

at the N-cadherin end-caps compared to the hiPSC-CMs on laminin-only patterns. 

The contractile moments are calculated by multiplying the traction force by the 

distance from the cell center, using the equation 

𝑀"+ = 6
1
278𝑑

,𝑟 :𝑥"𝑇+(𝑟⃗) + 𝑥+𝑇"(𝑟)A = − 6
𝑖
27 C

𝜕𝑇-EF𝑘H⃗ I
𝜕𝑘"

+
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𝜕𝑘+

JK
𝑘H⃗ = 0

 

where 𝑇H⃗ (𝑟⃗) is the traction vector at point 𝑟 on the hydrogel surface [241]. The 

second expression represents the equation in Fourier space, which we operate in 

when using Fourier Transform Traction Cytometry (FTTC; see Methods). The tilde 

indicates the two dimensional Fourier transform with wave vector 𝑘H⃗   [241]. Using x 

and y for indices i and j, we have four possible equations representing scalar 

values: Mxx, Myy, Mxy, and Myx. Mxy and Myx represent torque on the substrate due to 

the traction forces, and Mxx and Myy represent contractile forces weighted by their 
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distance to the center of the cell [241]. To look at the weighted contribution of x- and 

y-forces to the cell contraction, we look at the total contractile moment by adding the 

x- and y-contractile moments together: 𝜇 = 𝑀!! +𝑀## [241]. 

The total impulse is calculated by calculating the area under the force versus 

time trace [214, 244]. It is equivalent to the tension-integral parameter used in a 

previous study that found that hypertrophic and dilated cardiomyopathies could be 

differentiated in hiPSC-CMs by the tension-integral magnitude [244]. We did not 

expect to see a difference in total impulse between our two conditions, but 

assessed the parameter to verify that there was no difference. 

For all of these parameters except for average contraction displacement and 

contraction velocity, we used the peak measurements, meaning the values 

calculated when the cell is either fully contracted or fully relaxed. Our analysis tools 

assume these are quasi-static states; however, we note this assumption is violated 

during active contraction or relaxation occurring across all frames of our ~800 frame 

videos. 

We did not find significant differences between total force, peak stress, 

average contraction displacement, contraction velocity, total contractile moment, or 

total impulse (Figure 4-14). This result is consistent with the overall contractility 

result, further indicating that the difference in functional outputs of hiPSC-CMs on 

laminin-only and dual-protein patterns are modest. 

Within both laminin-only and dual-protein pattern conditions, we saw a large 

variance in force production, as can be seen in Figure 4-14a. For the laminin-only-
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patterned hiPSC-CMs, the mean force was 104.1nN +/- 98.2nN, while the dual-

protein-patterned hiPSC-CMs had an average force of 118.3nN +/- 107.1nN. 

 
Figure 4-14. Dual-protein-patterned hiPSC-CMs demonstrate no difference in (a) total force, (b) 

peak traction stress, (c) total contractile moment, (d) total impulse, (e) average contraction 
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displacement, and (f) contraction velocity compared to laminin-only-patterned hiPSC-CMs. For all 

data in this figure, N = 81 with n = 35 for laminin-only and n = 46 for dual-protein condition. For all 

plots, centerlines indicate medians, dotted lines indicate 25th and 75th percentiles. 

All of the parameters reported by CONTRAX, including those assessed above, 

are single scalar values for each cell. These parameters allow for quantification of 

force production but result in the loss of spatial information of hiPSC-CM 

contractility. This flattening of spatially distributed forces into scalar values is 

necessary to quantify and assess data sets that consist of ~800 frames per video 

and hundreds of displacement data points in each frame of each video. While the 

scalar outputs provide quantifiable comparisons between cells, the spatial 

information can contain differences in force distribution that are not discernible in 

scalar variables. To investigate the spatial distribution of force production for each 

condition, we averaged the peak contraction traction stress heatmaps of all the cells 

in each condition (Figure 4-15), with 34 cells in the laminin-only condition and 46 

cells in the dual-protein condition. We visually see a difference between the traction 

stresses in the laminin-only and dual-protein-patterned conditions, with the peak 

stresses appearing to occur closer together in dual-protein-patterned hiPSC-CMs 

compared to laminin-only-patterned hiPSC-CMs. The inward shift in peak traction 

stress location for the hiPSC-CMs on dual-protein patterns could be reflecting the 

inward shift of the laminin pattern boundary compared to the laminin-only patterns. 

The red squares in Fig 4-15a indicate the location of the N-cadherin end-caps and 

the peak traction stresses occur within the laminin portion of the dual-protein 

patterns. This suggests that the focal adhesions still drive the traction force 

production in hiPSC-CMs on dual-protein patterns. Additionally, we see lower 
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traction stresses in the laminin-only-patterned hiPSC-CMs compared to the dual-

protein-patterned hiPSC-CMs. 

While the location of peak traction stress appears to have moved toward the 

cell center, the area of the peak traction stress is larger in dual-protein-patterned 

hiPSC-CMs compared to laminin-only-patterned hiPSC-CMs. The areas of peak 

traction stress for the laminin-only patterns on the left and right are 170 μm2 and 

155 μm2, respectively. For the dual-protein patterns, the areas of peak traction 

stress on the left and right are 310 μm2 and 292 μm2, respectively. This could 

suggest that while the mechanotransduction occurs near the boundary of the 

laminin pattern, the hiPSC-CMs on dual-protein patterns are establishing larger 

mechanical connections to the patterns. 

  

Figure 4-15. Spatial distribution of average traction stresses produced by hiPSC-CMs on 

laminin-only and dual-protein patterns. (a) Peak contraction traction stress heatmaps averaged 

over all cells in both laminin-only (n = 34) and dual-protein (n = 46) conditions. Green rectangles 

represent an estimation of the locations of laminin patterns, red rectangles represent an estimation of 

the locations of N-cadherin patterns. Color bars are in units of Pascals. (b) Mean traction stress 

distribution with respect to lateral distance, averaged over a ~10 μm width in the center of each 

heatmap. The shaded areas represent the standard deviations. Scale bars are 20 μm. 

 

20 μm 

20 μm 
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4.3.4. Conclusions 

In this work, we have developed a method for precise patterning of multiple 

proteins on a single device and applied this method to create patterns mimicking 

cell-cell and cell-ECM interactions for hiPSC-CMs. Our method applies a novel dual 

patterning method to functional cellular studies. We have demonstrated the use of 

the method by making dual-protein patterns to mimic cell-cell interactions for single-

cell hiPSC-CMs. Our results indicate that our dual-protein patterning increases 

hiPSC-CM attachment rates, spread area, aspect ratio, and the efficiency of 

sarcomere contraction along myofibrils. We found no significant difference in force 

production, overall sarcomere contractility, and sarcomere organization between 

laminin-only and dual-protein patterned hiPSC-CMs, suggesting that N-cadherin 

end-caps offer modest benefit alone. More complexity is likely necessary to improve 

hiPSC-CM structure and function beyond single ECM patterning alone. 

In addition to greater complexity in the patterning approach, more detailed 

spatial analysis of force production and sarcomere contractility could provide more 

insight into the differences between laminin-only and dual-protein-patterned hiPSC-

CMs. Detailed spatial analysis is made difficult by the high quantity of data – there 

are almost 2,000 data points per frame, 800 frames per cell, and ~40 cells per 

condition. In addition to the high volume of data, the data are heterogeneous, with 

variations in the time point of peak contraction for each cell as well as variations in 

cell area and cell location in relation to the pattern. 

In future work, it would be advantageous to write a script to process the 

corresponding 546nm fluorescence images along with the brightfield and microbead 
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TFM images, to determine the location of the cell with respect to the protein pattern. 

Additionally, a script could be written to isolate the traction stress data for one frame 

at peak contraction for each cell and further extract the average line profile of the 

center of the stress map to allow for comparison between multiple cells for each 

condition. These developments could allow for more detailed analysis of the 

distribution of force production with respect to the single- and dual-protein patterns, 

which would potentially illustrate differences in mechanotransduction of hiPSC-CMs 

on the dual-protein patterns. 

One potential target for improving this model would be including a desomocollin 

protein, a cadherin-family protein that occurs in desmosomes [245]. Lowndes and 

colleagues found that patterning a specific desmocollin, Dsc2a, on glass drove 

Madin-Darby canine kidney cells to recruit desmosome-specific intracellular proteins 

and create strong adhesive bonds [245]. Including a desmosome-specific protein, 

along with N-cadherin, could provide more cues mimicking CM-CM junctions to the 

hiPSC-CMs, improving structural and functional metrics more pronouncedly.  

Dual protein patterning improves our single-cell hiPSC-CM model by increasing 

cell area and cell attachment, as well as slightly improving sarcomere contractility. 

These moderate improvements suggest that more complexity is necessary to 

replicate cell-cell contacts for patterned single-cell hiPSC-CMs. The small 

improvements are promising indications that successfully mimicking cell-cell 

contacts for single-cell hiPSC-CMs could further enhance their structure and 

function, improving the hiPSC-CM model for future studies of the heart. 
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4.3.5. Methods 

4.3.5.1. Protein patterning glass coverslips 

N-cadherin is an asymmetric protein and a linking protein is necessary to ensure 

the extracellular binding site is available when patterning N-cadherin [226, 229, 

246]. In this work, we used an N-cadherin Fc chimera (R&D Systems, 1388-NC-

050) and a 546-nm fluorescently tagged Protein A (ThermoFisher, P11049) as our 

linking protein. Protein A is a protein with a high affinity to Fc-regions of IgG 

molecules [247]. It has been previously used to ensure the correct orientation of E-

cadherin [229, 248]. The Fc region of the N-cadherin chimera protein binds to the 

Protein A, ensuring the correct orientation of the N-cadherin on the device surface.  

To begin protein micropatterning, we activated 18mm diameter #1 glass 

coverslips with oxygen plasma  for 5 minutes at 18W (Harrick, PDC-32G). 

Immediately after plasma treatment, we sealed an 8mm inner diameter silicone ring 

(B&J Rubber Products) to the center of the glass coverslip. The silicone ring was 

cut from a Silhouette CAMEO 3 electronic desktop cutter (Silhouette America). We 

immediately pipetted a solution of 100 µg/mL of poly(l-lysine)-graft-poly(ethylene 

glycol) (PLL(20)-g[3.5]- PEG(2); SuSoS AG) diluted in phosphate buffered saline 

(PBS; Gibco, ThermoFisher, 10010049) within the ring and incubated for 1 hour at 

room temperature. We rinsed the PLL-g-PEG thoroughly (10x) with PBS prior to 

micropatterning. Following PLL-g-PEG incubation and rinsing, we pipetted 20μL of 

UV sensitive photoinitiator (PLPP; Alvéole) into the silicone ring on the glass 

coverslip. Then we placed the glass coverslip on the stage of a Leico Dmi8 

epifluorescence microscope equipped with a Fluotar 20x/0.40 NA objective and the 
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Alvéole Primo photopatterning system (Alvéole) with a 375 nm, 7.10 mW laser. We 

made digital masks for the protein A “end-cap” patterns as well as the main laminin 

patterns using the open-source software Inkscape (https://inkscape.org). We used 

the pixel-to-micron ratio generated by Primo calibration to define the geometries of 

all patterns. We defined two patterns for constraining the single-cell hiPSC-CM: 1) 

14 µm x 85 µm laminin-only patterns; and 2) 14 µm x 85 µm dual-protein patterns. 

Dual protein patterns are comprised of  Protein A end-cap patterns (14 µm x 10 µm) 

overlapped with laminin rectangles (14 µm x 69 µm) by ~10% to mitigate any 

alignment artifacts. 

We loaded the digital masks into the Leonardo plugin (Alvéole Laboratory) on 

Micro-Manager software [249], and made a 6 by 6 array with 150 µm spacing 

between each instance of the patterns. We illuminated the glass coverslip with the 

first digital mask for the Protein A end-caps at a dosage of 1,000mJ/mm2. Following 

micropatterning, we rinsed off the photo initiator with PBS and incubated the glass 

coverslip with 100 µL of a 100 µg/mL solution of 546-nm fluorescently tagged 

Protein A overnight at 4°C. We then thoroughly rinsed the Protein A from the glass 

coverslip using PBS and added another 20 µL of PLPP photoinitiator. We 

illuminated the glass coverslip with the second digital mask for the laminin 

rectangles at a dosage of 1,000 mJ/mm2. We designed the array of patterns to 

alternate between dual-protein and laminin-only patterns. Before UV illumination, 

we aligned the shortened laminin bodies within the digital mask to the already-

patterned protein A end-cap patterns using a Texas Red fluorescent excitation filter. 

Following this second UV illumination step, we rinsed off the photoinitiator with PBS 
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and incubated the glass coverslip with a 500 µg/mL solution of laminin (Corning, 

354232) for 2 hours at room temperature. For pattern verification experiments, we 

incubated the glass coverslip with a 500 µg/mL solution of green fluorescent laminin 

(Cytoskeleton, Inc., LMN02) for 2 hours at room temperature. Finally, we rinsed the 

patterns with PBS and removed the silicone containment ring prior to gel transfer. A 

schematic of the protein micropatterning process flow can be seen in Figure 4-16a. 

 
Figure 4-16. Dual-protein patterning of PA hydrogels. (a) Process flow of dual-protein patterning 

on a glass coverslip using photomolecular adsorption. (b) Process flow of transfer of dual-protein 

pattern from glass coverslip to PA hydrogel and incubation of N-cadherin. (c) Schematic of final 

result – alternating laminin-only and dual-protein patterns on PA hydrogel. 

 

4.3.5.2. Preparation of polyacrylamide (PA) hydrogels 
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In preliminary work, the Protein A—N-cadherin complex could not anchor 

hiPSC-CMs on unfunctionalized polyacrylamide (PA) hydrogels (see section 4.2, 

Figure 4-7), so we employed oxidized N-Hydroxyethyl acrylamide (oHEA) to create 

a covalent bond between the hydrogel and the Protein A. We transferred the laminin 

and Protein A patterns to a ~10kPa oHEA-functionalized PA hydrogel before adding 

N-cadherin, to ensure that the final hydrogel presented the N-cadherin binding 

domain on the hydrogel surface.  

We prepared the oHEA-functionalized PA hydrogels following a previously 

published protocol with some modifications [33]. Briefly, we began by oxidizing N-

Hydroxyethyl acrylamide (HEA; Sigma, 697931) by adding 0.01 g of sodium 

metaperiodate (Sigma, 71859) to 2.338 mL of HEA, then incubating in the dark on a 

shaker for 4 hours. To adhere the PA hydrogels to the glass bottom dishes used in 

this work, we treated the glass with bind-silane. We prepared a solution with 95 μL 

of 100% ethanol, 50 μL of acetic acid, and 3μL of 3-(Trimethoxysilyl)propyl 

methacrylate (Bind-silane; Sigma, M6514). Then, we treated the glass with oxygen 

plasma for 30 seconds at 18W (Harrick, PDC-32G). Directly after plasma treating 

the glass, we added ~50 μL of the bind-silane solution to the glass surface. We 

incubated the solution on the glass for 1 minute, after which we removed the excess 

bind-silane solution. We left the remaining solution to react for 10 minutes, after 

which we rinsed the glass twice with 1 mL of 100% ethanol and dried with nitrogen 

gas. 

To prepare the PA hydrogel solution, we combined 732 μL of 40% Acrylamide 

solution (Bio-Rad, 1610140) and 260 μL of 2% Bis-acrylamide solution (Bio-Rad, 
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1610142) with 4.008 mL MilliQ water. For experiments used in TFM analysis, we 

added 326μL of 1.0 μm-diameter blue fluorescent microbeads (ThermoFisher, 

F8814) and decreased the MilliQ volume to 3.682 mL to maintain the total volume of 

5mL. Finally, we added 200μL of oxidized HEA, bringing the total volume to 5.2 mL. 

Separately, we prepared a 10% weight by volume (w/v) solution of ammonium 

persulfate (APS; Sigma, A9164) in MilliQ water. 

To begin polymerization, we added 2.6 μL of N,N,N′,N′- 

tetramethylethylenediamine (TEMED; Sigma, 411019) and 260 μL of the 10% w/v 

APS solution to the PA solution. We gently mixed the solution with a P1000 pipette 

and then pipetted 35μL of the solution onto the bind-silane-treated glass surface. 

We then placed a protein patterned coverslip on top of the solution, sandwiching the 

PA solution between the bind-silane-treated glass and the protein patterned glass. 

After casting, the hydrogel polymerized in the dark for 30 minutes before we 

hydrated it with PBS and left it to fully polymerize at 4°C for 6-8 hours. After full 

polymerization, we removed and discarded the protein patterned top coverslip. A 

schematic of the protein transfer to oHEA-functionalized PA hydrogel can be seen 

in Figure 4-16b.  

Following the removal of the top coverslip, we aspirated the PBS from the dish 

and incubated each PA hydrogel with ~50 μL of 100 μg/mL N-cadherin (R&D 

Systems, 1388-NC-050) for 3 hours at 4˚C. After 3 hours, we washed the PA 

hydrogel three times with 1mL PBS and then stored it overnight at 4°C in PBS with 

10% Antibiotic-Antimycotic 100X (Anti-Anti; Gibco, ThermoFisher, 15-240-062) and 

1% bovine serum albumin (BSA; ThermoFisher, PI37525). The following day, we 
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washed the hydrogel three times with 1 mL PBS and then stored it in PBS + 10% 

Anti-Anti until cell seeding. A schematic of the final device can be seen in Figure 4-

16c. 

We verified the patterning and the pattern transfer to PA hydrogel using green 

fluorescent laminin (as described in Protein patterning glass coverslips) and a pan-

cadherin primary antibody (Sigma, C3678). We diluted the pan-cadherin antibody 

1:200 in PBS and incubated on the devices for 1 hour at room temperature. We 

washed the devices three times with PBS and then incubated the devices with anti-

rabbit AF-647 diluted 1:500 in PBS for 1 hour at room temperature. We rinsed the 

devices three times with PBS and then imaged (Figure 4-10a). 

4.3.5.3. Stiffness characterization by Atomic Force Microscopy (AFM) 

We characterized our PA hydrogel stiffness using AFM indentation based on a 

previously published protocol [35]. Briefly, we used a WITec AFM (Alpha300) and 

large tip cantilevers with tip radii of curvature (rt) of 3.46 μm and 10 μm and nominal 

spring constants (kc) of 0.191 N/m (3.46 μm tip – Bruker, SAA-HPI) and 0.184 N/m 

and 0.191 N/M (10 μm tip – Bruker, SAA-SPH-10UM and MLCT-SPH-10UM). We 

measured four hydrogels, assessing 3 locations per hydrogel with between 2-3 

measurements per location. Each hydrogel was measured 2 days after 

polymerization. 

The PA hydrogels were attached to a glass bottom dish and submerged in PBS. 

We measured Optical Lever Sensitivities [250] before each experiment by 

performing force-distance scans against the glass surface of a glass bottom plate 

using the following parameters: feedback control with 1.0 V set point, 1% p-gain, 



 

 128 

and 0.2% i-gain, force-distance using 0.2 μm pull and 0.6 μm push at 0.2 μm/s 

speed.  

After determining the Optical Lever Sensitivity, we loaded the PA hydrogel 

sample and centered the cantilever above a point on the hydrogel. We then 

approached the surface using the following parameters: 1.0 V set point, 1% p-gain, 

and 0.2% i-gain. We then performed the force-distance curve measurement using 

WITec’s Distance Curve mode with approach and retract distances of 20 μm and 10 

μm, respectively, at a speed of 3 μm/s. We analyzed the force-distance curves 

using the Hertz model [251], with the assumption that the PA hydrogel is linearly 

elastic. 

4.3.5.4. Stem cell culture and cardiomyocyte differentiation 

For this work, we used human induced pluripotent stem cell-derived 

cardiomyocytes (hiPSC-CMs). The hiPSCs were GFP-tagged alpha-actinin-2 (cell 

line 75) developed at the Allen Institute for Cell Science (allencell.org/cell-catalog) 

and available through Coriell (AICS-0075-085) [16, 20]. We cultured the hiPSCs on 

tissue culture plastic coated in Matrigel (Corning, 356252) using feeder-free culture 

conditions in standard conditions of 5% carbon dioxide at 37°C. The hiPSCs were 

cultured in Essential 8 Medium (Gibco, ThermoFisher, A1517001) which was 

changed daily. We passaged the cells with EDTA when confluency reached 75%. 

We differentiated the hiPSCs into cardiomyocytes (hiPSC-CMs) using a previously 

published protocol [218] and maintained the hiPSC-CMs until seeding in RPMI 1640 

Medium (ThermoFisher, 11875119) with B-27 Supplement (B27; ThermoFisher, 
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17504044). We seeded the hiPSC-CMs on devices at a density of ~100,000 

cells/cm2 between day 24-30 and imaged 3-4 days after seeding (day 27-34). 

4.3.5.5. Microscopy 

We performed all microscopy with a Zeiss Axio Observer 7 inverted microscope 

with a high speed camera (Photometrics Prime 95b) and a water immersion 40X 

objective (Plan Apochromat, 1.2 NA). The microscope was equipped with an 

incubation chamber (PeCon) that maintained a temperature of 37°C and 5% CO2 

during live-cell imaging. 

Before live-cell imaging, we changed the media from B27 to B-27 Supplement in 

RPMI 1640 Medium, no phenol red (ThermoFisher, 11835030) with 10mM HEPES 

and 1% Anti-Anti. For each cell, we took a still image in brightfield, 405 (fluorescent 

microbeads), 488 (alpha-actinin), and 546 (Protein A). We used the still images in 

the 546 channel to determine whether the cell was on a single- or dual-protein 

pattern. After the still images, we recorded ~10 second long videos of sarcomeres 

(488 channel) and fluorescent microbeads (405 channel). The frame rate was ~40 

frames per second for the sarcomere videos and ~80 frames per second for the 

microbeads videos. 

For the data presented in this work, unless otherwise noted, we included only 

cells that overlapped at least one N-cadherin cap in the dual protein datasets. 

4.3.5.6. Sarcomere contractility quantification 

We acquired sarcomere shortening videos using alpha-actinin-tagged hiPSC-

CMs (as described in Stem cell culture and cardiomyocyte differentiation). After 

collecting a video, we cropped it in FIJI (ImageJ) [220]  and applied the “Subtract 
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Background” tool with a rolling ball radius of 5 pixels. We then adjusted the 

brightness and contrast in FIJI using the “auto” option and saved the video as an 

AVI with a 40 frames per second frame rate. 

To quantify the average alignment, sarcomere length, sarcomere shortening, 

and radial contraction, we ran the videos through Sarc-Graph, a previously 

published, open-source code that segments the images and tracks sarcomere 

alignment and contraction [238].  

4.3.5.7. Traction force microscopy 

We utilized CONTRAX, a custom, open source workflow that acquires images 

and videos, then analyses fluorescent bead displacements using an Ncorr tracking 

module on pairwise frames from videos of beating hiPSC-CMs to generate matrices 

of spatiotemporal displacement field data [214, 239]. The traction force microscopy 

(TFM) module in CONTRAX uses the displacements to calculate traction stresses. 

The traction stresses are then integrated over the area of the cell to determine the 

total  traction force produced by the cell [214]. 

We first uploaded bead displacement videos (~800 frames each) and their 

corresponding brightfield still images into CONTRAX. For each video, we drew the 

outline of the cell in FIJI using a composite image of the brightfield and 488 still 

images of the cell. We saved the cell outline as an ROI and loaded it into 

CONTRAX with the corresponding bead displacement video (Figure 4-17a). 

CONTRAX uses the cell outline to isolate the forces produced by the cell from 

background noise. The size of the area around the cell included in the analysis can 

be set using the “mask parameters” in CONTRAX.  
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Force production is calculated from bead displacements, so we can expect to 

see forces slightly outside of the cell outline due to the cell deforming the gel at the 

cell boundary, causing bead displacements outside the cell outline, as can be seen 

in Figure 4-17a.  

To capture the forces at the cell boundary, while excluding background noise, 

we adjusted the “area factor” and “scale factor” in the “mask parameters” section of 

CONTRAX. After outlining the cell, CONTRAX calculates an ellipse that best fits the 

outline. The area included in the analysis is equal to the best fit ellipse times the 

“area factor”, so a larger “area factor” equals a larger analyzed area. The “scale 

factor” controls the aspect ratio of the analysis region ellipse, with a “scale factor” of 

greater than 1 increasing the aspect ratio and a “scale factor” of less than 1 

decreasing the aspect ratio. 

In this work, we chose an analysis region “area factor” of 3 and a “scale factor” 

of 0.75. The area factor of 3 allows us to capture the forces just outside the cell 

boundary as described above, while excluding much of the noise around the cell, as 

can be seen in Figure 8c. The “scale factor” of 0.75 ensures the analysis region 

stays within the frame, especially with long, thin cells. 

After loading the cell outline, we input the material properties for the PA hydrogel 

the cell was on. For this study, all the cells were cultured on PA hydrogels with a 

Young’s modulus of ~6.8 kPa. The Poisson’s ratio for PA hydrogels is generally 

accepted to be between 0.45 and 0.5 [145, 252, 253], and in this work, we used a 

Poisson’s ratio of 0.45. These parameters are used in the force calculation with the 

assumption that the gel is linearly elastic and homogenous, which is a generally 
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accepted approximation when the strain on the hydrogel is very small (less than 1), 

as it is in TFM [253]. Additionally, we assume that the gel is thick enough and wide 

enough to prevent the cells from experiencing any boundary effects of the gel and 

that all cell-produced forces normal to the hydrogel surface are negligible. These 

assumptions are approximately true given that the hydrogel is ~10 times as thick as 

the cell height [254] and are generally accepted assumptions for traction force 

microscopy [253-255]. 

After the video initialization, we set the displacement parameters for the Ncorr 

displacement tracking module. We used a subset radius of 30 px, spacing 

coefficient of 10 px, cutoff norm of 1e-6, and cutoff iteration of 20. These 

parameters are used to optimize the bead tracking in Ncorr, minimizing the 

amplification of noise and the loss of information due to over-smoothing.  

Using the resulting displacement maps at each timepoint (Figure 4-17b), 

CONTRAX calculates the regularization parameter, lambda, based on L-curve 

optimization [256]. The regularization parameter constrains the accepted force 

vectors, minimizing the error due to noise and the error due over-smoothing. Finally, 

using this regularization parameter, CONTRAX calculates the traction force 

heatmaps for each timepoint (Figure 4-17c) using Fourier Transform Traction 

Cytometry (FTTC) [241, 257]. 
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Figure 4-17. Intermediate steps of traction force microscopy. (a) Representative image of 

fluorescent microbeads when cell is fully relaxed (magenta) and fully contracted (green) state. 

Representative images of (b) displacement maps and (c) traction stress maps at relaxed (top) and 

contracted (bottom) states. Color bars in (c) are in units of Pascals. In all images, red elliptical shape 

is cell outline. In (c), green ellipse is the analysis region used by CONTRAX. 

4.3.5.8. Cell fixation and immunostaining 

Following live cell imaging, we fixed the hiPSC-CMs with 4% formaldehyde 

(ThermoFisher, 28908) for 10 minutes. Then we washed the cells with PBS three 

times and stored them in PBS at 4°C until immunostaining. Before antibody 

incubation, we incubated the cells for 5 minutes with a permeabilization solution of 

0.1% Triton X-100 (ThermoFisher, A16046.AE) in PBS. We then incubated them 

with a blocking solution of 0.3% Tween20 (ThermoFisher, 28352) and 2% BSA in 

PBS for 30 minutes. We diluted a pan-cadherin primary antibody (Sigma, C3678) 

1:200 in a solution of 0.1% Tween20 and 1% BSA in PBS (dilution buffer). We 

incubated the hiPSC-CMs with the pan-cadherin antibody solution for 1 hour at 

room temperature, then washed three times with dilution buffer. We diluted anti-

20 μm 

20 μm 20 μm 

20 μm 

20 μm 
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rabbit AF-647 secondary antibody (ThermoFisher, A-32733) 1:500 in dilution buffer 

and incubated on the cells for 1 hour at room temperature. We washed the cells 

three times with PBS and then stored in PBS at 4°C until imaging. 

4.3.5.9. Statistics 

Unless otherwise noted, we determined statistical significance of the data 

presented using parametric, unpaired, two-tailed T-tests. P-values with significance 

at P<0.05 are designated with (*), P<0.005 are designated with (**), P<0.0005 are 

designated with (***), and P<0.0001 are designated with (****). For all parametric T-

tests, we verified Normality and Lognormality and transformed data as appropriate. 

For all T-tests, we also performed F-tests to check differences in variance between 

the two samples. Unless otherwise noted, all F-tests came back non-significant. For 

data with significant differences in variance, we reanalyzed the data with a Welch’s 

correction to account for varying standard deviations. All statistical analyses were 

performed and visualized using Prism (GraphPad Software, Inc.). 
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5. Mimicking 3D CM Environment with Microwells 

5.1. Background and Motivation 

Patterning single hiPSC-CMs on two-dimensional rectangular patterns has been 

shown to improve hiPSC-CM structural and functional maturity [15, 31] (see 

Chapter 1 for more discussion). Two-dimensional patterning (2D) is useful and has 

improved the hiPSC-CM model, but it lacks the three-dimensional (3D) interactions 

with extracellular matrix (ECM) scaffolding present in native human heart tissue [17, 

258]. Tissue-level studies, which inherently have these 3D interactions, are limited 

by the low availability of human tissues for studying (see Chapter 1 for more 

discussion). Some studies have addressed these limitations by creating 3D cardiac 

tissues, often called engineered heart tissues (EHTs) [43-47].  

Eschenhagen and colleagues created some of the first EHTs by culturing 

embryonic chick cardiac myocytes in collagen scaffolding [44]. Boudou, et al. used 

microelectromechanical systems to create an array of 3D CM tissues in matrices 

with microcantilevers, allowing for real-time tracking of contractile force and 

frequency [43]. The study created a high-throughput method for creation and 

assessment of EHTs, but they used neonatal rat cardiomyocytes, limiting the scope 

of applications for studying the human heart [43]. With the development of multiple 

approaches for creating EHTs, along with the increased prevalence of hiPSC-CMs, 

more studies began making human EHTs [45-47]. Tulloch, et al. created EHTs with 

hiPSC-CMs and human embryonic stem cell-derived CMs to study the impact of 

mechanical loads on CM proliferation and hypertrophy [45]. Ronaldson-Bouchard, 

et al. made EHTs with hiPSC-CMs and found the tissues improved the hiPSC-CMs 
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maturity markers, including sarcomeric structure, force production, calcium 

handling, and t-tubule formation [46]. While the improvement of hiPSC-CM maturity 

and the ability to study hiPSC-CMs in these tissues was impressive, the complexity 

of the tissues means that the cells had to be fixed and sectioned to visualize 

subcellular structures [46]. These studies have provided great advancements to the 

field of human heart research, but the tissue-level complexity doesn’t allow for the 

study of live-cell subcellular structure and function. Additionally, the control over 

variables provided by the single-cell model is lost in these EHT studies. In this work, 

we aimed to create a 3D microenvironment for single-cell hiPSC-CMs that allows for 

live-cell imaging of subcellular structures and reductionist studies of individual 

variables. 

In previous work from the Pruitt lab, 3D microwells were created and used to 

pattern mouse myoblast cells [48]. The mouse myoblasts showed increased height, 

uniformity in shape, and greater actin alignment in the 3D microwells compared to 

those on 2D rectangular patterns [48]. In this work, we aimed to adapt this method 

to a human model, patterning hiPSC-CMs in 3D microwells. We hypothesized that 

the 3D, single-cell microenvironment would lead to improved cell morphology as 

well as increased sarcomeric organization and force production associated with 

improved hiPSC-CM maturity. 

 

5.2. Methods 

5.2.1. Creating PDMS microwell molds 
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Microwell molds were creating using a previously published protocol [48] with 

some modifications (Figure 5-1). Master molds were created via photolithography 

using SU-8 2010 (Microchem) photoresist on a silicon wafer. Once patterned, the 

wafer was silanized with trimethylsilyl chloride (TMCS; Sigma, 92361) for 1 hour to 

allow easy detachment of PDMS from the wafer. After silanization, we cast the thick 

mold by adding ~40g of Sylgard 184 PDMS (Dow, DC4019862) in a 10:1 ratio of 

base to curing agent and letting the PDMS cure at ~70°C for at least 8 hours. After 

curing, the PDMS was diced to create the thick molds and silanized again. For the 

thick mold silanization, we began by plasma treating the molds for ~1 minute at 

18W (Harrick, PDC-32G). Then we silanized with TMCS overnight (~12 hours). 

After overnight silanization, the thick molds were left in the fume hood for 10 

minutes and then baked for 30 minutes at ~70°C. 

 
Figure 5-1. Process flow for microwell fabrication. 
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After the thick molds were silanized, we cast the thin molds. For a more detailed 

protocol for thin mold casting with images for each step, see Appendix A. First we 

attached the silanized thick mold, patterned side up, onto a 25x25x1mm glass slide. 

We wrapped another glass slide with foil and wrapped a piece of tape around the 

foil-covered glass with the sticky side facing outward. We placed a #2 22mm round 

coverslip (VWR, 48382-063) on the tape so that it was secure on the foil-covered 

glass slide. Finally, we added a ~3in-long piece of tape to the back of the foil-

covered glass slide with the sticky side attached to the foil. After preparing the thick 

mold sandwiches, we mixed ~1g of PDMS in a 10:1 ratio of base to curing agent. 

We then applied a small droplet of the PDMS mixture, ~50-100μL, to the surface of 

the thick mold and placed the thick mold (still on the glass slide) on top of the 

coverslip attached to the foil-covered glass slide. The piece of tape was then used 

to secure the two glass slides together, with the thick mold and the uncured PDMS 

in between (Figure 5-2). Finally, this sandwich was placed into the PDMS oven, foil-

covered glass facing up, and a 50g weight was added on top. These molds were 

baked for at least 4 hours at ~70°C then removed to cool before demolding. After 

cooling, the tape surrounding the sandwich was cut and the glass slide attached to 

the thick mold was removed by inserting a tweezer tip between the PDMS and 

glass. Then, we peeled the thick mold off of the thin PDMS mold slowly to prevent 

the glass coverslip from breaking. Next, the tape around the foil-covered glass slide 

was cut and the foil was unwrapped and the glass slide set aside. Finally, the 

coverslip with the thin mold was carefully peeled off of the tape and foil. 
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Figure 5-2. Schematic of sandwich used to make microwells thin mold. 

 

Before casting polyacrylamide hydrogels on the thin PDMS molds, they were 

incubated with Matrigel diluted 1:10 in DMEM for 1 hour at room temperature. After 

an hour, the Matrigel solution was aspirated from the molds and the molds were 

dried with compressed nitrogen. 

5.2.2. Microcontact printing 

The 2D controls were made using microcontact printing, following a previously 

published protocol [29, 259]. Briefly, PDMS stamps were made by pouring PDMS 

(10:1) over a master mold. After baking, the PDMS was removed from the mold and 

cut into individual stamps. Stamps were incubated with Matrigel diluted 1:10 in 

DMEM for 1 hour at room temperature. After an hour, the Matrigel solution was 

aspirated from the stamps and the stamps were dried with compressed nitrogen. 

After drying, the stamps were placed patterned side down on top of a coverslip and 

a 50g weight was added on top of the stamp. The stamp and weight were left for 5 

minutes, after which the coverslip was carefully removed from the stamp and set 

aside for the next step. 

5.2.3. Polyacrylamide hydrogel fabrication 
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We followed a previously published protocol to prepare the PA hydrogels [35, 

48]. To adhere the PA hydrogels to the glass bottom dishes used in this work, we 

treated the glass with bind-silane. For more details, see the methods section of 

Chapter 4. We used a PA formulation with higher crosslinker concentration to 

reduce swelling [48]. We combined 161μL of a 0.025g/mL N,N′- 

Methylenebis(acrylamide) (bis-acrylamide; Sigma, 146072) solution, 152μL of a 

0.5g/mL acrylamide (Sigma, 01696) solution, 519.4μL of water, 140.5μL of 250mM 

N-2-hydroxyethylpiperazine-N-2-ethane sulfonic acid (HEPES; Thermo, 15630080), 

and 21.6μL of red fluorescent microbeads (diameter 0.5μm, Thermo, F8812). 

Separately, we prepared a 10% weight by volume (w/v) solution of ammonium 

persulfate (APS; Sigma, A9164) in MilliQ water. We degassed the PA precursor 

solution and the APS solution for 1 hour in a vacuum desiccator to remove bubbles. 

The polymerization process was the same as that used in Chapter 4 but with the 

Matrigel-functionalized PDMS thin mold placed on top of the PA solution, 

sandwiching the solution between the mold and the bind-silane-treated glass. After 

casting, the hydrogels polymerized in the dark for 30 minutes before being hydrated 

with PBS and left to fully polymerize at 4°C for 6-8 hours. After full polymerization, 

the PDMS thin mold was removed and discarded and the hydrogels were stored in 

PBS with 10% Pen-Strep at 4°C until cell seeding. 

5.2.4. Cell seeding 

For this work, we used GFP-tagged alpha-actinin hiPSC-CMs. For more details 

on the hiPSCs and hiPSC-CM differentiation, see Chapter 4. Cells were seeded on 

devices at a density of ~70,000 cells/cm2 between day 25-30 and imaged 3-4 days 
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after seeding (day 30-35). To begin seeding, we prepared replating media, 

previously described in Chapter 4. We lifted up the hiPSC-CMs using TrypLE 10X 

for 5-10 minutes at 37°C. After 5-10 minutes, we diluted the TrypLE 10X by adding 

1mL of replating media. The solution was triturated to further lift up the cells and 

then collected in a 15mL conical tube containing 3mL of replating media to further 

dilute the TrypLE 10X. The 15mL conical tube was spun in a centrifuge at 200g for 

3 to 5 minutes, until a pellet formed at the bottom of the tube. The supernatant was 

aspirated and the pellet was resuspended with 1mL of replating media. We stained 

a sample of the resuspended cells with Trypan Blue and counted cells on a 

hemocytometer to achieve the desired density of 250,000 cells per device. Then, 

we flooded the devices with the resuspended cell solution and centrifuged the entire 

plate, containing both 3D microwells and 2D stamped devices, at ~300g for 5 

minutes. Following the second centrifugation, we left them in the incubator at 37°C 

for 1 hour. After 1 hour, the PA hydrogel lids were added and secured to the PA 

hydrogel device using a laser-cut holder described in previous work [48]. After 

adding the lids, the devices were put back in the incubator at 37°C for 48 hours. 

After 48 hours, we changed the media in the devices to B27 with 1% Pen-Strep 

every two days. 

5.2.5. Confocal microscopy 

All images were taken on a Leica SP8 Resonant Scanning confocal microscope 

with a 40X water immersion objective (1.1 NA, 650μm WD). Z-stacks were taken of 

each cell in the 488 channel to capture the sarcomere structure throughout the cell. 
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Sarcomere shortening videos were taken at the top, bottom, and middle of the cell 

with a frame rate of ~30 frames per second. 

We acknowledge the use of the NRI-MCDB Microscopy Facility and the 

Resonant Scanning Confocal supported by the NSF MRI grant DBI-1625770. 

 

5.3. Results 

5.3.1. hiPSC-CMs Were Seeded in Single-cell 3D Microwells 

To investigate the effect of the 3D microenvironment on hiPSC-CMs maturity, 

we isolated single hiPSC-CMs in 3D microwells. Two different microwell designs 

were used for this work. The first consisted of groups of three different area 

rectangles - 750μm2, 1125μm2, and 1500μm2, all with an aspect ratio of 5:1 and 

height of ~10μm (Figure 5-3a). The second was uniform, with 1500μm2 patterns 

with an aspect ratio of 7:1 and height of ~10μm (Figure 5-3b). The first design was 

used in previous work by the Pruitt lab that used microwells to encapsulate mouse 

myoblast cells [48]. The first experiments were done with this design for 

consistency. The second design was created to match the 2D patterns most 

commonly used in the Pruitt lab. The data presented in this chapter is from 

experiments using the second design only. Figure 5-3c shows a confocal image of a 

15000μm3, 7:1 microwell, where the red dots are fluorescent microbeads embedded 

in the gel and the green signal is 488-tagged gelatin (ThermoFisher, G13186) that 

the microwells were functionalized with for imaging purposes. 
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(a)  (b) 

 
(c)  

Figure 5-3. Visualization of microwell thin molds and PA hydrogel microwells. Brightfield images of 

PDMS thin molds of (a) the first microwell design with 5:1 wells with volumes of 750, 11250, and 

15000μm3 and (b) the second microwell design with 7:1 wells with 15,000μm3 volume. (c) 

Fluorescent confocal image of second microwell design with 7:1 wells with 15,000μm3 volume. Red 

shows fluorescent microbeads embedded in the PA hydrogel, green shows 488-tagged gelatin 

protein.  

  

After creating the Matrigel-functionalized PA hydrogel microwells, we seeded 

hiPSC-CMs on the devices. In our first attempts, we seeded hiPSC-CMs using B27 

+ 1% Pen-Strep, with which we saw very poor attachment to the microwells To 

20 μm 

20 μm 

20 μm 

20 μm 

20 μm 

20 μm 

20 μm 
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improve hiPSC-CM attachment, we used replating media described in the methods 

of Chapter 4. In addition to using replating media, we also spun down the devices 

after seeding to encourage the hiPSC-CMs to go into the microwells, rather than 

staying on top of the device. With these adjustments, we were able to successfully 

seed hiPSC-CMs inside the microwells (Figure 5-4). 

 
Figure 5-4. Confocal image of an α-actinin-tagged hiPSC-CM patterned in a 3D microwell. 

Sarcomeres are green and fluorescent microbeads are red. 

 

While we were able to seed hiPSC-CMs in microwells, the process was low-

throughput. For each device with thousands of microwells, we typically saw about 

15 single hiPSC-CMs encapsulated in microwells. Very few microwells were filled 

with hiPSC-CMs and those that were often had multiple cells per well or attachment 

between the cell in the well and the cells on the top surface of the device, despite 

the lid in place. Additionally, after seeding, there was a small window of time in 

which the hiPSC-CMs were beating and happy before most of them died. This small 

window made it difficult to collect data from these devices, as the hiPSC-CMs often 

died before imaging was done. 

10 μm 

10 μm 

10 μm 
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5.3.2. Patterning hiPSC-CMs in 3D Microwells Improves Cell Morphology 

5.3.2.1. Patterning hiPSC-CMs in 3D Microwells Does Not Affect Cell 

Volume 

 After seeding hiPSC-CMs on our microwell devices, we expected to see 

greater cell height and volume in the 3D-patterned hiPSC-CMs compared to the 2D-

patterned controls, as was seen in previous work with C2C12 cells [48].  

 To estimate hiPSC-CM volume, we used an open-source machine learning 

image processing tool called ilastik [260] to determine the cell area for each frame 

of a z-stack. We did so by labeling what we considered part of the cell area (blue) 

and what was outside the cell (yellow) on training data and then processing the rest 

of the images (Figure 5-5a). After ilastik output the cell area estimates for each z-

position (Figure 5-5b), the cell volume could be calculated by summing the area 

measured for each z-position. 

For this process, we used the images of the sarcomeres to estimate cell volume. 

We chose the sarcomere images because the brightfield images had considerable 

out-of-plane signal, making it difficult to determine the cell boundary specific to each 

z-location. This is likely due to the pinhole being too wide, which could be adjusted 

in the future to solve this issue. The sarcomere images, while having little out-of-

plane signal, are not ideal for area/volume measurements as the sarcomeres are 

not on the perimeter of the cell. Background fluorescence makes it easier to identify 

some areas of a cell that don’t have sarcomeres, however we cannot be sure that 

the measurements are accurate without a cell membrane label or brightfield image. 
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(a)  

 
(c) 

 
(b)  

 
(d) 

Figure 5-5. hiPSC-CMs patterned in 3D microwells have greater cell height but not greater cell 

volume compared to hiPSC-CMs patterned in 2D. (a) Ilastik segmentation of cell volume on an 

image of sarcomeres. The bright blue indicates the areas of uncertainty, the blue area represents 

what ilastik identifies as the cell, and the yellow represents the area outside of the cell. (b) The 

output of ilastik volume segmentation which can be used to estimate the total cell volume. (c) Cell 

volume for 2D- and 3D-patterned hiPSC-CMs. (d) Cell height for 2D- and 3D-patterned hiPSC-CMs. 

In (c) and (d), centerlines indicate medians, dotted lines indicate 25th and 75th percentiles. 

Our results do not match our hypothesis, as there is not a significant difference 

between the volume of 2D- and 3D-patterned hiPSC-CMs (Figure 5-5c). This could 

be due to a number of factors, such as the error in the volume measurement 

method. It could also be due to the limited number of hiPSC-CMs in 3D microwells 

compared to those attached to 2D patterns. 

20 μm 

20 μm 
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As a more reliable proxy for volume, we estimated the height of the hiPSC-CMs 

using the sarcomere images. Again, using the sarcomere images to determine cell 

height introduces some error, but it is less than that of the volume measurement. 

For the height estimation, we measured the distance between the first and last z-

planes with sarcomeric signal. Though the cell could extend beyond where the 

sarcomeres are, we expect that there is a relationship between the height of the 

overall cell and the height of the collective myofibrils.  

We did see a difference in cell height for the 2D- and 3D-patterned hiPSC-CMs, 

confirming our hypothesis that the 3D microwells produce taller hiPSC-CMs. The 

average height of the 3D-patterned hiPSC-CMs was ~11.4μm, compared to ~6.3μm 

for 2D-patterned hiPSC-CMs (Figure 5-5d).  

5.3.2.2. Patterning hiPSC-CMs in 3D Microwells Increases Cell 

Myofibrillar Content 

 To measure the total myofibrillar content in 3D- and 2D-patterned hiPSC-

CMs, we again utilized ilastik. The sarcomere volume calculation from images of 

sarcomeres have less error than the volume estimations described above. Ilastik 

was more easily able to determine sarcomeres, as can be seen in Figure 5-6a,b. 

From ilastik’s estimation of the sarcomeric area, we were able to calculate the total 

sarcomeric volume by summing the areas from each z-plane. As hypothesized, the 

3D-patterned hiPSC-CMs had greater myofibrillar content, with a mean of 990μm3, 

compared to a mean of 454μm3 for the 2D-patterned hiPSC-CMs (Figure 5-6c). 



 

 148 

 
(a)  

 
(c) 

 
(b) 

Figure 5-6. hiPSC-CMs patterned in 3D microwells have greater myofibrillar content than those 

patterned in 2D. (a) Ilastik segmentation of an image of sarcomeres. In the top image, the bright blue 

indicates the areas of uncertainty. In the bottom image, the whitish blue area represents what ilastik 

identifies as sarcomeres, while the yellow represents non-sarcomeric areas. (b) The output of ilastik 

segmentation which can be used to estimate the myofibrillar content. (c) The myofibrillar content in 

terms of volume - centerlines indicate medians, dotted lines indicate 25th and 75th percentiles. 

The large range of myofibrillar content in 3D-patterned hiPSC-CMs compared to 

the smaller range in 2D-patterned hiPSC-CMs indicates greater variance in the cells 

in microwells than on 2D patterns. This could be due to the inconsistency in hiPSC-

CMs patterned in 3D microwells and the relative consistency of 2D-patterned 

hiPSC-CMs. 

5.3.2.3. Qualitative Observations of 3D- vs 2D-patterned hiPSC-CMs 

20 μm 

20 μm 

20 μm 



 

 149 

Along with greater myofibrillar content, we also observed differences in 

sarcomere organization throughout the z-direction in 3D-patterned hiPSC-CMs. In 

3D-patterned hiPSC-CMs, we saw varying sarcomere organization in different z-

planes of a single cell (Figure 5-7). In 2D-patterned hiPSC-CMs, we saw only planar 

sarcomere organization, which is also reflected in the cell height measurements 

described above (Figure 5-5d). This greater complexity in sarcomere organization 

suggests a higher number of sarcomeres, which could indicate greater potential for 

force production.  

  
(a)  (b) 

Figure 5-7. Sarcomeres organize along the z-axis in 3D-patterned hiPSC-CMs but are planar in 2D-

patterned hiPSC-CMs. Fluorescent confocal image of α-actinin-tagged hiPSC-CMs patterned in (a) 

2D and (b) 3D. Sarcomeres are in green.  

Though we observed these differences, we were unable to quantitatively 

describe the differences, as the confocal z-stacks were not compatible with any of 

the sarcomere organization analysis tools we have used.  

 

5.4. Conclusions 

In this study, we have shown that we can pattern hiPSC-CMs in single-cell, 3D 

microwells. We found that the 3D microwells led to hiPSC-CMs with greater height 

but not greater volume, matching some of the results seen in the previous study of 

3D microwells with mouse myoblast cells. The lack of difference in volume is likely 

20 μm 

20 μm 20 μm 

20 μm 
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due to the low number of cells patterned in microwells and the variability of the cells 

that were successfully patterned. With no difference between hiPSC-CM volume, 

the increase in myofibrillar content in 3D-patterned hiPSC-CMs compared to 2D-

patterned is even more pronounced. This increase in sarcomeres in 3D-patterned 

hiPSC-CMs suggests greater maturity of the hiPSC-CMs, as we expected. We also 

qualitatively saw that hiPSC-CMs patterned in 3D microwells had sarcomere 

organization that varied along the z-axis, as opposed to 2D patterned hiPSC-CMs 

that had planar sarcomere organization. These results indicate that 3D-patterned 

hiPSC-CMs could be an improved human CM model compared to 2D-patterned 

hiPSC-CMs. 

In addition to cell morphology, parameters such as force production and 

sarcomere organization and contraction would be useful for assessing the maturity 

of 3D-patterned hiPSC-CMs. However, these parameters are difficult to assess with 

the data we collected here. For force production, most of our current tools are 

designed for 2D systems, and do not work without assuming forces are produced in 

only two dimensions. Traction force microscopy has been done in 3D, but this is 

more complex, both experimentally and computationally [261-264]. Future studies 

on applying TFM to 3D-patterned hiPSC-CMs could be greatly beneficial to this 

work. As with force production, many of the tools used to assess sarcomere 

organization and contractility are designed primarily for 2D systems. Images from a 

confocal microscope, with signal limited to a specific z-plane, do not work with these 

tools. Additionally, not many tools are able to analyze sarcomere organization 

outside of an x-y plane. Future work in adjusting the available tools to work with 
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confocal data and organization along the z-axis would be advantageous for this 

platform.  

While 3D microwells replicate the 3D microenvironment of the heart and possibly 

improve the hiPSC-CM model, there are challenges that make 3D microwells 

difficult to implement. The low throughput nature of the devices and the difficulties 

analyzing hiPSC-CMs on the devices make them less practical as tools for high 

volume studies. Future work should seek to improve the efficiency of hiPSC-CM 

seeding on 3D microwells and work towards adapting tools for analysis of 3D-

patterned hiPSC-CMs.  
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6. Conclusions and Future Directions 

6.1. Wafer-Scale Protein Patterning to Scale Up Lift-off 

We developed a method for increased yield of glass templates for lift-off protein 

patterning. Our method produces up to 16 times the amount of pattern templates for 

a similar amount of work, increasing the availability and ease of use of lift-off protein 

patterning, a highly accurate and reproducible method for protein patterning. We 

showed that our pattern templates were compatible with PA hydrogel protein 

transfer and hiPSC-CM culture.  

This work improves the yield of the lift-off protein patterning method, which could 

expand the use of the technique. With greater yield, labs with photolithography 

abilities can make and share pattern templates with labs that do not have 

experience with or facilities for microfabrication, as many groups already do with 

microcontact printing master wafers. These advancements could make the lift-off 

method more of a standard in the hiPSC-CM field. The higher accuracy of the 

patterns allows for more reproducible patterning of hiPSC-CMs – with wide-spread 

use in the hiPSC-CM field, this method could greatly improve the single-cell, 

patterned hiPSC-CM model. 

 

6.2. Dual-Protein Patterned PA Hydrogels to Replicate Cell-Cell Interactions 

for hiPSC-CMs 

We developed a method for spatially accurate dual-protein patterning compatible 

with transfer to polyacrylamide hydrogels and cultured hiPSC-CMs on the resulting 

devices. Our method is consistent, highly reproducible, and applies a novel dual 
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patterning method to functional cellular studies. We have demonstrated the use of 

the method by making dual protein patterns to mimic cell-cell interactions for single-

cell hiPSC-CMs. Our results indicate that our reductionist model to mimic CM-CM 

junctions slightly improves hiPSC-CM structural and functional maturity, but fails to 

make significant changes in many crucial CM maturity markers. We conclude that 

the lack of significant difference in force production, overall sarcomere contractility, 

and sarcomere organization in single- and dual-protein patterned hiPSC-CMs 

indicates that N-cadherin caps are not sufficient to mimic cell-cell interactions 

between neighboring CMs.  

Our ultimate goal was to determine if interaction with N-cadherin is sufficient to 

replicate cell-cell contacts for hiPSC-CMs, with the hypothesis that replicating cell-

cell interactions would improve the maturity of the hiPSC-CMs. Our findings, which 

indicate that N-cadherin is not sufficient to replicate cell-cell contacts, are useful for 

future studies of reductionist hiPSC-CM models. It would be useful to do further 

studies to determine the intracellular response to the dual-protein patterns with N-

cadherin caps. Vinculin, a protein associated with the intracellular signaling pathway 

of N-cadherin, would be a good target to study – determining if vinculin is present in 

hiPSC-CMs patterned on dual-protein patterns could indicate whether the signaling 

cascade associated with N-cadherin attachment is actually activated by hiPSC-CM 

attachment to dual-protein patterns. 

In addition to determining the intracellular response of hiPSC-CMs to the N-

cadherin caps on the dual-protein patterns, it would be useful to do further studies 

patterning alternative proteins associated with CM-CM junctions. One target to 
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replicate desmosomes is desmocollin, a cadherin-family protein key in desmosome 

function [245]. Creating protein patterns with N-cadherin and desmocollin could 

create a more accurate model of a CM-CM junction. 

We have shown that the dual protein patterns improve our single-cell hiPSC-CM 

model by increasing cell area and cell attachment, as well as slightly improving 

sarcomere contractility. These moderate improvements suggest that more 

complexity is necessary to replicate cell-cell contacts for patterned single-cell 

hiPSC-CMs. The small improvements are promising indications that successfully 

mimicking cell-cell contacts for single-cell hiPSC-CMs could further enhance their 

maturity, improving the hiPSC-CM model for future studies of the heart. 

 

6.3. 3D Microwells to Replicate a 3D Microenvironment for hiPSC-CMs 

We adapted a method for single-cell 3D encapsulation to work with hiPSC-CMs. 

We have shown that we can pattern hiPSC-CMs in these 3D microwells and that 

hiPSC-CMs have greater cell height in the microwells compared to on 2D protein 

patterns. While we found that hiPSC-CMs in microwells have increased height 

comparted to hiPSC-CMs on 2D patterns, we did not see a significant difference 

between cell volume. While there was no difference in volume between hiPSC-CMs 

on 2D patterns and in 3D microwells, there was a difference in myofibrillar content, 

indicating that those hiPSC-CMs that survived in the microwells showed improved 

maturity, as we expected.  

The lack of difference in cell volume of hiPSC-CMs patterned on 2D patterns vs 

in 3D microwells reflects the difficulties in getting viable, single hiPSC-CMs in 
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microwells. The yield from each experiment was very low, with only about 10 single 

cells in microwells on each device, compared to over 1000 microwells per device. 

This is one of the major aspects for future improvement – improving viability for 

single hiPSC-CMs in 3D microwells. One potential reason for the low viability of 

hiPSC-CMs in 3D microwells could be nutrient transfer through PA hydrogel. Unlike 

the 2D patterned hiPSC-CMs, cells in 3D microwells are completely surrounded by 

PA hydrogel, making the diffusion rate of nutrients through the PA hydrogel 

incredibly important for hiPSC-CM viability. With some hiPSC-CMs surviving, it is 

likely that there is some nutrient diffusion through the PA hydrogels, but the low 

number of hiPSC-CMs indicates it might not be enough for most hiPSC-CMs to 

survive. Potential approaches for improving this could include attempting to adjust 

the PA hydrogel formulation to increase pore size, potentially allowing for greater 

diffusion of nutrients from media. Another potential approach to improving the 

nutrient concentration in the microwells could be to increase the concentration of 

nutrients in the media. 

In addition to difficulties in culturing viable, single hiPSC-CMs in microwells, 

there are also difficulties associated with analyzing the sarcomere organization and 

contractility and force production of hiPSC-CMs in 3D microwells. Many of the 

currently available and widely used tools for analyzing sarcomere organization and 

contraction are designed for 2D-patterned hiPSC-CMs. Analyzing sarcomeres that 

are organized in 3D, with variation along the z-axis, is not compatible with the 

sarcomere analysis software used in this work. The Allen Institute Cell Segmenter 

[265] software is a good candidate for this analysis, as it is designed to work with 
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confocal z-stacks. While there are available tools for 3D TFM, it is much more 

experimentally and computationally complex than 2D TFM [261-264]. Future work 

should determine if the available tools are compatible with single-cell 3D analysis, 

otherwise, new tools would have to be developed. 

In addition to limitations in analyzing sarcomere organization and force 

production, sarcomere contractility analysis software requires high frame-rate 

videos with high signal-to-noise ratio. These requirements make it difficult to use 

data taken on a confocal microscope, which is necessary to capture variance in 

sarcomere organization along the z-axis. In this work, I was able to take sarcomere 

contractility videos either at a high frame rate, but with low signal-to-noise ratio, or 

at a low frame rate, with moderate signal-to-noise ratio. Future work is necessary to 

find the right balance of frame rate and signal-to-noise ratio, and/or a higher 

resolution or higher speed confocal microscope, in order to capture varying 

sarcomere contractility along the z-axis in videos that can be analyzed by the tools 

available today.  

While 3D microwells replicate the 3D microenvironment of the heart and possibly 

improve the hiPSC-CM model, there are challenges that make 3D microwells 

difficult to implement. The low throughput nature of the devices and the difficulties 

analyzing hiPSC-CMs on the devices make them less practical as tools for high 

volume studies. Future work should seek to improve the efficiency of hiPSC-CM 

seeding on 3D microwells and work towards adapting tools for analysis of 3D-

patterned hiPSC-CMs. 
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6.4. Summary of Potential Future Directions 

The platforms we developed in this work move the hiPSC-CM field forward in 

improving the single-cell hiPSC-CM model by imitating cell-cell and cell-ECM 

interactions and by creating a 3D microenvironment. Here, we summarize potential 

future directions for development and improvement of these platforms and studies 

of single-cell hiPSC-CMs. 

Platform development: 

Dual protein patterning: 

- Testing alternative proteins for end cap patterns – e.g. desmocollin  

- Increasing complexity of protein patterning – e.g. multi-protein end caps 

Microwells: 

- Testing alternative PA hydrogel formulations to increase pore size 

- Improvement of microwell lid attachment to minimize hiPSC-CMs on top of 

microwells 

- Creating microwells with multiple proteins (dual protein patterns in 3D) 

hiPSC-CM studies: 

Dual protein patterning: 

- Watching and recording hiPSC-CMs as they attach to single- and dual-

protein patterns 

- Characterization of intracellular response to N-cadherin patterns 

- Testing dual protein patterns with HCM mutant hiPSC-CM lines 

Microwells: 

- Optimizing data collection for sarcomere contractility analysis 
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- Finding/developing program for 3D TFM of single-cell hiPSC-CMs 

- Testing microwells with HCM mutant hiPSC-CM lines 
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Appendix 

Appendix A – Oxidized HEA (oHEA) Polyacrylamide Hydrogel Protocol1 

Step 1: Oxidation of HEA (needs to be freshly prepared!) 
- Sodium Metaperiodate 

Form: solid/powder 
MW: 213.89 g/mol 

- N-Hydroxyethyl acrylamide (HEA) 
Form: liquid 

*collect waste from Sodium Metaperiodate and HEA in HEA waste bucket 
1. Oxidize HEA by adding 0.02 M sodium metaperiodate 

a. Ex.: 0.01 g of Sodium Metaperiodate in 2.338 mL of HEA 
2. Incubate HEA and Sodium Metaperiodate mixture at room temperature under 

dark conditions and continuously shaking for 4 hours to facilitate free 
aldehydes generation in HEA 

 
Step 2: Treat bottom coverslips with Bind-Silane 

1. Mix 950 μL Ethanol, 50 μL Acetic Acid, & 3 μL Bind-Silane (3-
(Trimethoxysilyl)propyl methacrylate) in a plastic tube 

a. Carefully mix by triturating with a 1000 μL pipette 
2. Plasma treat cleaned coverslips for 15 seconds on high power 
3. Pipette the bind-silane solution onto each coverslip 

a. ~30 µL for 18mm coverslip 
b. ~100 µL for glass-bottom 6-well plate 
c. Increase/decrease volume as necessary for your glass area 

4. Allow the solution to react for 1 minute 
5. Remove excess Bind-Silane by dabbing on clean KimWipe 
6. Allow the solution to react for 10 minutes 
7. Rinse twice with 1 mL of Ethanol 
8. Carefully dry with N2 gas 
9. Place in the bind-silane degasser and degas until ready for use 

 
Step 3: Prepare the precursors 

1. Label 1.5 mL and 15 mL plastic tubes 
a. 1.5 mL for APS, 15 mL for precursors 

2. Add MilliQ, Bisacrylamide, Acrylamide, and fluorescent beads (straight from 
the tube), into 15 mL tube (see table below for volumes) 

a. Carefully triturate with a 1000 μL pipette 
3. Make a 10% w/v APS solution 

a. Ex: weigh 0.060 g of powder and add 600 μL of MilliQ water 

 

1 This protocol was developed in collaboration with Erica Castillo 
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b. Triturate with a 1000 μL pipette to mix 
4. Add 200 μL of the freshly prepared oxidized HEA to PA precursor solution 

 

Formulation Bis-acrylamide 
(2%) 

Acrylamide 
(40%) 

Fluorescent 
Beads 

MilliQ 
Water 

Sarker paper (reported 
~7kPa, measured 

~25kPa) 
362.5μL 1500μL 108.5μL 3029μL 

10%T, 1%C 
(calc ~6kPa, measured 

~6kPa) 
260μL 732μL 108.5μL 3899μL 

 
Step 4: Polymerize the PA 

1. Wipe down benchtop with 70% Ethanol 
2. Remove Bind-Silane coverslips/plates from degasser and place on benchtop (Bind-

Silane treated side facing up) 
3. Rinse top coverslips if incubating with protein 
4. Dry the top coverslips 

Be quick about the process from the addition of TEMED onward! 
5. Add 2.6 μL of TEMED and 260 μL of APS (0.5% final APS concentration and 

0.05% final TEMED concentration) 
6. Slowly (to avoid bubble introduction) mix 3-4 times with a 1 mL pipet 
7. Pipette 40 μL precursor solution onto each Bind-Silane-treated coverslip  

a. Note: Volume of solution depends on the height you desire for the gel 
and the size of your top coverslip. Ex: for 18mm coverslip, 50 µL gel 
solution creates gel ~200 µm in height 

8. Quickly and carefully place the top coverslips on the gels before they 
polymerize 

9. Let the gels sit for 45 minutes in the dark while they polymerize 
10. Place the polymerized gels in PBS with 5% pen strep and store at 4°C 
11. Flush all gel components with N2 and wrap with parafilm 

 
Step 5: Block with BSA 

1. Pop off the top coverslip of the gel 
2. Wash 3 times with PBS 
3. Passivate unpatterned regions with BSA (1% by volume) overnight at 4°C 

a. Flood the well with PBS + 1% BSA 
4. Aspirate BSA and wash hydrogels 3 times with PBS 
5. Place gels in PBS with 5% pen strep and proceed to seed devices with cells  
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Appendix B – AFM Characterization of Polyacrylamide Hydrogels 
 

B-1. Pruitt Lab Reagents 

Polyacrylamide hydrogels made with the following reagents: 
 Acrylamide Bis-acrylamide HEPES 

Concentration 
(diluted in MilliQ) 0.5 g/mL 0.025 g/mL 250 mM 

Supplier, 
product number Sigma, 01696 Sigma, 146072 Thermo, 15630080 

 
Recipes for the formulations tested: 

 Acrylamide (0.5 
g/mL) 

Bis-acrylamide 
(0.025 g/mL) 

HEPES (250 
mM) MilliQ Water 

10% T, 1%C 
(expected ~6kPa) 198μL 40μL 140.5μL 616μL 

8% T, 5% C 
(expected ~10kPa) 152μL 161μL 140.5μL 541μL 

20% C, 0.2% C 
(expected ~10kPa) 400μL 16μL 140.5μL 438μL 

10% T, 2% C 
(expected ~14kPa) 196μL 80μL 140.5μL 578μL 

15% T, 1% C 
(expected ~32kPa) 297μL 61μL 140.5μL 496μL 

20% T, 3% C 
(expected ~100kPa) 392μL 161μL 140.5μL 301μm 

*note for measurements with beads, the only change to the recipe is adding 21.6μL 
of beads solution 
 
AFM measurement results: 

 10% T, 1%C (expected ~6kPa) 
Date of 

Measurement 8/17/20 8/19/20 9/17/20 9/23/20 4/26/21 
Gel age 6 days old 1 day old 1 day old 1 day old 3 days old 

Made by Orlando 
Chirikian 

Orlando 
Chirikian Cheavar Blair Kerry Lane Kerry Lane 

Average 
Stiffness (kPa) 8.0 6.0 5.6 7.8 9.5 

St. Dev (kPa) 1.7 0.8 0.7 1.5 0.6 
 
From all measurements of 10% T, 1% C gels, the average stiffness is 7.1kPa with a 
standard deviation of 3.1kPa. Excluding the data from 8/17/20 (because the gels 
were 6 days old) the average stiffness is 7.1kPa with a standard deviation of 
2.9kPa. 
 

 
8%T, 5%C 
(expected 
~10kPa) 

20%T, 0.2%C (expected ~10kPa) 10%T, 2%C 
(expected ~14kPa) 

Date 4/26/21 
8/19/20 

(w/ fluorescent 
microbeads) 

8/19/20 (w/o 
fluorescent 

microbeads) 
8/17/20 
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Gel age 3 days old 1 day old 1 day old 6 days old 
Made by Kerry Lane Orlando Chirikian Orlando Chirikian Orlando Chirikian 

Average (kPa) 12.9 10.8 6.6 13.0 
St. Dev (kPa) 5.2 1.0 0.9 0.4 

 
 15%T 1%C (expected ~32kPa) 20%T, 3%C (expected ~100kPa) 

Date 8/17/20 
8/19/20 

(w/ fluorescent 
microbeads) 

8/17/20 
8/19/20 

(w/ fluorescent 
microbeads) 

Gel age 6 days old 1 day old 6 days old 1 day old 
Made by Orlando Chirikian Orlando Chirikian Orlando Chirikian Orlando Chirikian 

Average (kPa) 22.0 20.0 73.0 91.6 
St. Dev (kPa) 3.9 1.2 10.9 22.9 
 
 

B-2. oHEA PA hydrogels with Bio-Rad Reagents 

Polyacrylamide hydrogels made with the following reagents: 
 Acrylamide – 40% 

solution 
Bis-acrylamide – 

2% solution oHEA 
Supplier, 

product number Bio-Rad, 1610140 Bio-Rad, 1610142 (see Ch 4 methods) 

 
Recipes for the formulations tested: 

 Acrylamide – 
40% solution 

Bis-acrylamide – 
2% solution MilliQ Water oHEA 

Sarker paper 
(reported ~7kPa) 1500μL 362.5μL 3137.5μL 200μL 

BioRad 10%T, 1%C 
(expected ~6kPa) 732μL 260μL 4008.5μL 200μL 

BioRad 15%T, 1%C 
(expected ~32kPa) 1375μL 390μL 3235μL 200μL 

BioRad 15%T, 4%C 
(expected ~69kPa) 1316.5μL 1560μL 2123.5μL 200μL 

 
AFM measurement results: 

 Sarker paper (reported ~7kPa) 
Date of 

Measurement Gel age Made by Average 
Stiffness (kPa) St. Dev (kPa) 

10/23/20 2 days old Erica Castillo 29.6 2.0 
4/26/21 3 days old Kerry Lane 27.4 1.3 
11/13/21 2 days old Kerry Lane 17.6 1.4 
10/28/20 6 days old Erica Castillo 20.4 1.8 
10/29/20 7 days old Erica Castillo 19.1 1.7 

 
From all measurements of Sarker paper gels, the average stiffness is 22.5kPa with 
a standard deviation of 5.4kPa. Excluding the data from 10/28/20 and 10/29/20 
(because the gels were 6 and 7 days old), the average stiffness is 24.1kPa with a 
standard deviation of 6.0kPa. 
 
 



 

 163 

 BioRad 10%T, 1%C (expected ~6kPa) 
Date of 

Measurement Gel age Made by Average 
Stiffness (kPa) 

St. Dev 
(kPa) 

9/23/20 1 day old Erica Castillo 6.6 1.7 
11/13/21 2 days old Kerry Lane 6.8 0.9 
2/18/22 2 days old Daniella Walter 7.3 0.3 
10/28/20 6 days old Erica Castillo 8.0 1.6 
10/29/20 7 days old Erica Castillo 9.1 2.6 

     
2/24/22 (normal 
HEA oxidation) 1 day old Kerry Lane 7.1 0.3 

2/24/22 (overnight 
HEA oxidation) 1 day old Kerry Lane 7.8 0.3 

 
From all measurements of BioRad 10%T, 1%C gels, the average stiffness is 7.3kPa 
with a standard deviation of 1.7kPa. Excluding the data from 10/28/20 and 10/29/20 
(because the gels were 6 and 7 days old), along with the overnight HEA oxidation 
data from 2/24/22, the average stiffness is 6.8kPa with a standard deviation of 
1.5kPa. 

 BioRad 15%T 1%C 
(expected ~32kPa) 

BioRad 15%T 4%C 
(expected ~69kPa) 

Date 2/18/22 2/18/22 
Gel age 2 days old 2 days old 
Made by Daniella Walter Daniella Walter 

Average (kPa) 18.5 81.1 
St. Dev (kPa) 0.7 4.2 
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Appendix C – PDMS-PDMS Molding Protocol2 

There are two items we need to mold PDMS from PDMS - thick and thin molds. 
This molding process involves three main steps: pouring the bulk PDMS mold, 
silanizing the bulk PDMS mold, and molding the thin PDMS mold.  

 
Materials: 
● SU-8 wafer with 3D microwell patterns 
● PDMS (Sylgard 184) 
● 25x25x1mm glass slides (can cut from 

glass slides using glass cutter) 
● Scotch tape 
● No.2 18mm coverslips 
● 50g weights 

 
SU-8 wafer with 3D microwell 

patterns 

 
Thick PDMS molds: 
1. Mix 20 g Sylgard 184 (PDMS) base + 4 g curing agent and degas. 
2. Pour PDMS on the microwell wafer in a foil boat, degas, and bake at 

60°C for at least 4 hrs. 
3. Remove PDMS from the oven, allow to cool, then carefully peel PDMS 

from the wafer. 
4. Dice PDMS into individual microwell thick molds with a razor blade.    

PDMS removed from wafer 

 

PDMS diced into individual thick molds 

 
 
Silane Treatment: see Appendix D 
 
Thin PDMS molds: 
1. Mix 1 g PDMS base + 0.1 g curing agent and degas for 5-10 minutes. 

 

2 This protocol was adapted from a PDMS-PDMS molding protocol developed by 
Dr. Robin Wilson 
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2. Place each silanized PDMS mold on a 
25x25x1mm glass slide (pattern side up). This 
glass slide will be referred to as glass slide 1. 

 

3. Wrap 25 x 25 x 1mm glass slides in foil to be 
placed on top of each mold, being careful to 
keep the foil flat and unwrinkled. 

 

4. Wrap tape around the foil-covered 25x25x1mm 
glass slides so that the sticky side of the tape is 
facing up. 

 

5. Place a No.2 22mm coverslip on top of the tape 
so that it is secure on the foil-covered glass 
slide. 

 

6. Put a piece of scotch tape (~3 in long) on the 
back of the foil-covered glass slide (sticky side 
facing the foil-wrapped glass). 

 

7. Apply a small droplet of PDMS (50-100 μL) in 
the middle of the silanized bulk PDMS mold 
using a wood rod or pipet tip. 

 

8. Flip the PDMS stack onto the foil-covered 
glass slide such that the coverslip is 
touching the uncured PDMS. 

 

a. Wrap the tape to secure the 
assembly. 
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b. Place the assemblies with foil-covered 
glass on top in a 60°C oven and put a 50 
g weight on top of each assembly to 
ensure a thin microwell mold.  

c. Bake for at least 3 hrs. 
 
9. Once baked, remove from oven, cool, then remove thin PDMS molds. 

a. First, cut the tape surrounding the glass slide sandwich. 
b. Then, remove uncovered glass slide by carefully inserting a tweezer 

between the thick PDMS and glass and slowly moving until the glass 
comes off.  

c. Next, peel off the silanized bulk PDMS mold. 
d. Cut the tape surrounding the foil-covered glass slide. 
e. Unwrap foil-covered glass slide, setting the glass aside. 
f. Carefully, peel the tape back from the coverslip to reveal the final thin 

PDMS microwell mold. 
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Appendix D – Protocol for Silanization of PDMS Molds3 

Step 1: Plasma activate the microwell bulk molds for (30 W for 45 – 60 seconds) 
 
Step 2: Immediately silanize the microwell bulk molds with TCMS 

Setup: 
1. Load molds into vacuum chamber 
2. Turn the selector valve to the OFF position (pointed up) 
3. Make sure the isolation and silane valves are OFF (horizontal) 
4. Turn the vacuum pump on 
5. Open (CCW) the fume hood Nitrogen valve 1-2 turns 
Test Vacuum: 
6. Turn the selector valve to VACUUM until pressure is about -25 inches 

Hg then turn the selector valve to OFF 
7. Wait 1-2 minutes; vacuum should not change. If the vacuum does 

drop there is a leak in the system 
Purge Chamber: 
8. Turn the isolation valve ON (vertical) 
9. Turn selector valve to NITROGEN until gauge pressure reads about 2 

inches Hg 
10. Turn selector valve to VACUUM until the pressure gauge reads about 

25 inches Hg 
11. Repeat filling the chamber with Nitrogen and evacuating 5 times 
12. Turn the selector valve to OFF when the pressure is 15 inches Hg 
Deposit Silane: 
13. Turn the silane valve ON (vertical), exposing the silane to the chamber 
14. Leave the mircowell molds in the silane chamber overnight (6+ hours) 
15. Turn the sign to the red side indicating that there is a run in progress, 

leave a note with your name and number 
Purge Chamber: 
16. Turn the silane valve OFF (horizontal) 
17. Fill the chamber with Nitrogen and evacuate with vacuum 5 times to 

remove the silane from the chamber 
Shutdown: 
18. Move all valves to OFF position (selector valve pointing up, isolation 

and silane valves horizontal) 
19. Remove molds from chamber 
20. Turn off vacuum pump and close the fume hood Nitrogen valve 
21. Turn sign to the green side (indicating no run in progress) 

 
Step 3: After silanizing, allow the molds to sit in the hood for 10 minutes, then 

bake for 30 minutes at 70°C.  

 

3 This protocol was adapted from a silane rig protocol written by Dr. Dave 
Bothman and a mold silanization protocol written by Dr. Robin Wilson 
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Appendix E – Photolithography Parameters for Microwells Wafers 
 

We sought to make our microwells wafer with ~10μm feature height. To do so, 
we consulted the datasheet for SU-8 2010 (from Kayaku AM), the photoresist used 
to make the microwells molds. We tested the following spin coating speeds (Table 
E-1), with all other parameters held the same. 

 
Table E-1: Adjusted lithography parameters for wafers with varying feature heights. 

 
Test #1 – 1100 RPM Test #2 – 1500 RPM Test #3 – 2000 RPM 

Spin coat 500 rpm for 10s,  
a = 100 rpm/s 
1100 rpm for 30s,  
a = 300 rpm/s 

500 rpm for 10s,  
a = 100 rpm/s 
1500 rpm for 30s,  
a = 300 rpm/s 

500 rpm for 10s,  
a = 100 rpm/s 
2000 rpm for 30s,  
a = 300 rpm/s 

Soft bake 2 min at 95°C 

Exposure 130 mJ/cm2 

Post-
exposure bake 

4 min at 95°C 

Development 2-3 mins in SU-8 Developer with agitation 

Hard bake Start spin coater hot plate at 120°C and set to 180°C 
When hot plate reaches 180°C, turn off and let wafer stay on hot plate and 

cool overnight 

 
Table E-2: Mean feature height of microwells molds made with the parameters listed in Table D-1.  

Test #1 – 1100 RPM Test #2 – 1500 RPM Test #3 – 2000 RPM 
12.44 +/- 0.1232 μm 10.61 +/- 0.1702 μm 8.679 +/- 0.2382 μm 

 

  
(a) (b) 

Figure E-1. Photolithography mold characterization. (a) Example trace of Dektak scan over 

microwells wafer mold. (b) Feature height for wafers with varying spin coating speed.  
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