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ABSTRACT OF THE DISSERTATION 

Develop an artificial lipid bilayer array platform 

and screen nanoparticle-membrane interactions 

by 

Bin Lu 

 

Doctor of Philosophy in Biomedical Engineering 

University of California, Los Angeles, 2014 

Professor Jacob J. Schmidt, Chair  

 

Artificial lipid bilayers have many uses. They are well established for scientific studies of 

reconstituted ion channels, used to host engineered pore proteins for sensing, especially DNA 

sequencing, and can potentially be applied in nanoparticle toxicity screening. To better explore 

these applications, we have simplified the formation and electrical measurement of the 

traditional method using an apparatus that only requires fluid dispensation. We achieved 

simultaneous bilayer formation and measurement over a 32-element array with ~80% yield and 
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no operator input following fluid addition. Cycling these arrays resulted in the formation and 

measurement of 96 out of 120 possible bilayers in 80 minutes, a sustainable rate that could 

significantly increase with automation and greater parallelization. We have also used this bilayer 

array platform to study nanoparticles. The platform was validated for this purpose through 

probing the interaction between amine or carboxyl modified polystyrene nanoparticles and 

bilayers in conditions of different ionic strength, particle concentration, bilayer charge, and pH. 

We discovered that NH2-NP ruptures bilayers by generating either transient or persistent pores 

on bilayers. Furthermore, we conducted nanoparticle toxicity screening with our bilayer array 

platform. For the first time we identified that CeO2, Co3O4, and In2O3 can damage lysosomal 

membranes, and that Fe3O4, HfO2, and TiO2 cannot. Our platform confirmed that ZnO, C60, 

CuO, Er2O3, Eu2O3, La2O3, and Gd2O3 disrupt lipid bilayers. The data from our bilayer array 

platform also indicated that the ability of nanoparticles to destruct membranes largely depends 

on the surface coating. In general, positive coating makes the particles more potent to 

membranes, and negative coating makes the particles safer. Our results about nanoparticles’ 

ability to rupture bilayers are highly correlated with the cytotoxicity data in the literature. 

Therefore, our bilayer array platform has a great potential of being used for nanoparticle toxicity 

screening.  
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Chapter 1  

1. Introduction  

    Artificial lipid bilayers are made of two lipid monolayers in vitro with a thickness of 5 nm to 

mimic cell membranes (Figure 1).The lipid molecules consist of a hydrophilic head and 

hydrophobic tail. When the bilayers are formed in solution, the hydrophilic head faces the 

aqueous phase and the tail is embedded inside the bilayers (Figure 1).  

 

Figure1. Diagram artificial lipid bilayers. The bilayers comprise two lipid monolayers with the 

hydrophilic head facing the aqueous solution and the hydrophobic tail embedded inside.  

    Since the introduction of free-standing artificial lipid bilayers over 50 years ago
1
, a variety of 

bilayer formation approaches have been developed which enable a high degree of control over 

the lipid composition and contents of the bilayer
2–6

. These approaches are painted, folded, tip-

dip, pore-spanning bilayer, or droplet interface bilayer formation techniques.  

1.1 Lipid bilayer formation techniques  

1.1.1 Painted bilayers 

    The painted bilayer technique was first introduced by Mueller and co-workers
1
in 1962,  and it 

Lipid bilayers 

Lipid monolayer 

Hydrophilic 

head 

Hydrophobic 

tail 
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was also the first approach for formation of artificial lipid bilayers. The bilayers are made by 

spreading lipid-oil solution across an aperture on a thin hydrophobic film, which divides a 

chamber into two compartments filled with electrolyte solutions (Figure2A). The lipids self 

assemble into bilayers after the organic solution is absorbed by the hydrophobic film. The 

formation of bilayers is monitored by measuring the bilayer capacitance
7
. Once the capacitance 

exceeds a certain value, it is determined that the bilayers have formed. This approach requires 

the operator to be experienced in applying lipid solution across the aperture and to be able to 

determine when the bilayers form 

 

Figure 2.Schematics of apparatus for forming painted bilayers. (A) The apparatus is divided into 

two compartments by a Teflon film with a pore of about 50~300 µm in diameter. The liquid level 

is above the level of the pore. Ag/AgCl electrodes connected to an amplifier are inserted into 

solution to measure the electrical property of the bilayers. (B) Cross section view of the bilayers 

formed across the pore. After the bilayers form, there is still solvent annulus at the boundaries 

between bilayers and the edge of the pore. Adapted by permission from Elsevier: [Biophysical 

Journal]
8
, copyright (2003).  

1.1.2 Folded bilayers 

    The folded bilayer technique was first introduced by Montal and Mueller in 1972
2
. With this 

Bilayers 

Solvent 

annulus 
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approach, the bilayers are formed by bringing pre-formed lipid monolayers together (Figure 3). 

The monolayers are formed by spreading a small amount of lipid-hexane solution over aqueous 

solution. After hexane evaporates, the two monolayers are brought into contact when the level of 

aqueous solution is raised via the movement of the trough or addition of more aqueous solution. 

Since there is no solvent left inside the bilayers, this method is also called solvent-free bilayer 

technique. This method has demonstrated great applications in the study of proteins that are 

sensitive to solvent. Another feature of this type of bilayers is that the lipid composition of the 

two monolayers could be different.  

 

Figure 3. Diagram of formation of folded bilayers. (A) Apparatus for bilayer formation. (B) 

Formation of bilayers by folding two monolayers. Drawings are not to scale. Adapted from 

PNAS
2
, copyright (1972).  

1.1.3 Dip-tip bilayers 

    The dip-tip bilayer formation technique was invented by Corondo and Latorre to form bilayers 

on the tip of a glass pipet
4
. As shown in Figure 4, liposome solution is added to a container, and 

a monolayer forms at the water-air interface. A glass pipette tip is dipped into the liposome 

A B 
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solution for a few minutes and then pulled up. As a result, a lipid monolayer forms around the tip 

once it is in the air. Finally, the tip is inserted into the liposome solution again, resulting in the 

two monolayers in contact forming a bilayer.  

 

Figure 4. Schematics of bilayer formation with the dip-tip technique.  (A)  Lipid monolayer 

forms at the water-air interface, and the tip of a pipette is inserted into liposome solution. (B) 

The tip is lifted into air, resulting in the formation of a lipid monolayer around the tip. (C) The 

tip is dipped into the liposome solution to bring the two monolayers into contact to form bilayers. 

Adapted by permission from Elsevier: [Biophysical Journal] 
4
, copyright (1983).  

1.1.4 Pore spanning bilayers 

    Researchers have also explored forming bilayers by spanning liposomes over nanopores
5,9,10

. 

With this techniques, liposomes are brought to close proximity of the pores on a solid substrate 

by electrical field
5
, UV light,  or gravity, and there they span over the pores. And then the 

liposomes are ruptured to form bilayers.  

 

 

A B 
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Figure 5. Process of forming pore spanning bilayers. (A) Span liposomes over the pores. (B) 

Liposomes are ruptured to form bilayers across the pore.  

1.1.5 Droplet interface bilayers  

    The technique of droplet interface bilayers was first introduced by Tsofina and co-workers in 

1966
6
. However, this method was not further pursued until the mid-2000s

11,12
. As shown in 

Figure 6
13

, the method starts with putting two separate water droplets into oil with lipids either 

inside or outside the droplets. After a few minutes, monolayers form at the water-oil interface. 

Bilayers are formed by bringing the two droplets together through the movement of the 

electrodes to which the droplets are attached. Such bilayers, commonly called ‘droplet interface 

bilayers’
6,12,14

, are attractive technologically because of the simplicity of bilayer formation, 

which can essentially be reduced to a problem of droplet positioning, achievable using 

micromanipulators
12,14,15

, microfluidic flows
16

, gravity
17,18

, or electric fields
19,20

, among others. 

Droplet bilayers are highly amenable to technological applications because these approaches can 

be automated and parallelized
18,21

.  

 

Figure 6. Formation of droplet interface bilayers. Two separate water droplets are attached to the 

end of two electrodes (not shown in the figure), respectively, and then they are immersed into oil 

A 

B 
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solution with either lipid outside (A) or inside (B) the droplets. Once the monolayers form on the 

droplet surface, they are brought into contact to form bilayers through the movement of 

electrodes. Adapted with permission from Asymmetric Droplet Interface Bilayers
13

. Copyright 

(2008) American Chemical Society. 

1.2 Lipid bilayer applications  

    Along the course of technology development, a lot of applications with artificial lipid bilayers 

have also been demonstrated. So far, those applications include ion channel study, stochastic 

sensing, nanopore DNA sequencing, and membrane-nanoparticle interactions.  

1.2.1 Ion channel study with lipid bilayers  

    The first ion channel measurement in lipid bilayers was conducted by Bean and co-workers in 

1969
22

. In this experiment, the bilayers were made with the painted method. The ion channel was 

called excitability inducing material (EIM), which was extracted from enterobacter cloacae. 

EIM was self-incorporated into bilayers shortly after it was added to the solution. Since then, 

more bacterial ion channels such as Alamethicin
23

, gramicidin A
24

, α-hemolysin
25,26

 were studied 

in lipid bilayers. Furthermore, a number of mammalian ion channels including potassium 

channels 
27–32

, sodium channels 
33–39

, calcium channels
40–46

, chloride channels
47–50

, and 

acetylcholine receptors
51,52

were incorporated into lipid bilayers to study their pore size, opening 

probability, gating behaviour, and even their responses to the change of factors like ionic 

strength, pH, and lipid compositions. Recently, lipid bilayers have also been used to investigate 

the response of ion channels to drugs
53,54

 in the hope of replacing the expensive patch clamp 

based ion channel drug screening technology
55–59

 someday. Despite that many mammalian ion 

channels have been successfully reconstituted into lipid bilayers, it is still premature to use lipid 

bilayer technology for ion channel drug screening. One of the biggest obstacles is the lack of an 
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easy, scalable, and automatable high throughput lipid bilayer array platform.  

1.2.2 Stochastic sensing and DNA sequencing with lipid bilayers  

Stochastic sensing is to use nanopores to detect analytes by monitoring the nanopores’ 

conductance change resulted from the interaction between analytes and nanopores
60–62

. Lipid 

bilayers come into play when protein pores are used
63–65

. In this case, single protein pore is first 

inserted into lipid bilayers (Figure 7). When the analytes bind to the protein pore, the current 

passing through the pore is reduced (Figure 7). The reduction of the current is proportional to the 

volume of the analytes. The frequency of the binding event is governed by the concentration of 

the analytes. So far, metal ions
66,67

, organic molecules
64

, nitrogen mustards
68

, neurotransmitters
69

 

and proteins
70,71

 have been detected using lipid bilayer based stochastic sensors.  

Among all the applications of lipid bilayer based stochastic sensing, DNA sequencing is of 

significant interest. The idea is to map out DNA sequence based on conductance change resulted 

from the presence of DNA in a nanopore. Because each DNA base has a different shape, it 

generates different current change when a base passes through the nanopore. As such, DNA 

sequence is derived from the change of currents. Since the first experiment of passing DNA or 

RNA through α-hemolysin pore conducted by Kasianowicz and co-workers
72

 in 1996, lipid 

bilayer based nanopore DNA sequencing has attracted a lot of attention
73–77

. After some 

challenges like fast DNA translocation
78

 and inaccuracy of sequence discrimination are gradually 

solved
79,80

, lipid bilayer based DNA sequencing has shown great promise in sequencing the 

whole genome under $1000 within a day
81–86

. To achieve the goal, a lipid bilayer array platform 

is a must. Based on the data from Manrao and co-workers
84

, we estimated that some 3000 

parallel lipid bilayers are needed in order to sequence the whole genome within a day.   
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Figure 7. Schematics of stochastic sensing with α-hemolysin (αHL) pore incorporated into lipid 

bilayers. When analyte binds to the pore, it reduces the magnitude of the current. Adapted by 

permission from Macmillan Publishers Ltd: [Nature]
87

, copyright (2001) 

 

1.2.3 Nanoparticle study with lipid bilayers  

    Recently, lipid bilayers have also been used to probe nanoparticle-membrane interactions. For 

this application, bilayers are made first and then nanoparticles are added to the solution, followed 

by the surveillance of any change to the bilayers
88

 (Figure 8A). The detection methods include 

both electrophysiological measurement
88–91

 and AFM imaging
92,93

. As shown in Figure 8, 

reported particle-bilayer interaction is either the change of bilayer capacitance or the change of 

conductance (pore formation). Through the bilayer-nanoparticle interaction study, the ultimate 

goal is to help determine the toxicity of nanoparticles
94

. Due to the low speed and low 

throughput, lipid bilayer experiments conducted at a single-plex level have only provided 

insightful information for a handful of nanoparticles such as amine or carboxyl modified 

polystyrene
90

, amine silica nanoparticles
89

, gold nanoparticles
93

 and few other cationic 
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nanoparticles
92

. On the other hand, there are safety concerns regarding hundreds of thousands of 

different types of nanoparticles resulting from both natural and human activities. Therefore, a 

lipid bilayer array platform is strongly needed to accelerate the screening of nanoparticles.  

 

Figure 8. Schematics of nanoparticle-membrane interaction studied with lipid bilayers. (A) 

Nanoparticles were added to the solution in which there is a bilayer. (B) Bilayer capacitance was 

increased by nanoparticles. (C) Pore formation on bilayers caused by nanoparticles (black trace). 

Grey trace represents the current passing bilayers without nanoparticles. Adapted with 

permission from Electrical method to quantify nanoparticles interaction with lipid bilayers
88

and 

Electrophysiological characterization of membrane disruption by nannoparticles
89

. Copyright 

(2013&2011) American Chemical Society. 

1.3 Existing lipid bilayer array platforms and their limitations 

As we discussed above, those aforementioned applications would strongly benefit from an 

artificial lipid bilayer array platform that is scalable, automatable, and requires minimal operator 

input and equipment. To advance those applications, there have been a lot of efforts in 

developing such a platform.  

A B 

 

C 
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Han and coworkers were able to make arrays of bilayers on nanopores based on the painting 

method
95

. Although the method significantly enhanced the stability of bilayers with life time 

over several days, its application was limited because of the challenges in determining membrane 

capacitance and inaccessibility to DC voltage. 

Kleefen and coworkers also utilized nanopores to form bilayer arrays by spreading liposomes 

over the pores
96

. The competitive advantage of this technique was its capability of making 

solvent-free bilayers. However, it seemed that it was only suited for fluorescence-based analysis 

but not for electrical measurement, which limited its applications in ion channel study, nanopore 

sequencing and nanoparticle-membrane study. Similar problems also hindered the application of 

the micropatterned lipid bilayer arrays made by flowing liposome solution to a silica substrate
97

 

and the droplet interface bilayer arrays patterned on hydrogel
98

.  

Baaken and coworkers also used the painting principle to form parallel bilayers over 16 

micropores on a so-called microelectrode cavities based device
99

. The device showed a 

reasonable yield of obtaining single channel recording of α-hemolysin. However, the yield of 

bilayer formation based on observed channel activities was only 50%. Also, only there were only 

16 pores for bilayer formation at a time and the solution on one side of the bilayers was not 

accessible (2011).  

Takeuchi and coworkers developed a microfabricated bilayer array chip with 96 bilayer 

formation sites with eight multiplexed fluidic and electrical connections
16,100

. Following 

sequentially pumped microfluidic flows of aqueous and lipid solutions, however, only 44 

bilayers out of 96 attempts were formed and four sites were electrically measured 

simultaneously. 
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Our group developed a high throughput droplet bilayer platform using robotic 96 well pipettes 

capable of producing >2200 bilayers in two hours
18

. However, bilayer measurement occurred at 

a conventionally slow rate because the electrodes required individual, manual positioning. 

1.4 The unmet need 

    In summary, despite all the endeavors, there is still a strong need to develop an artificial lipid 

bilayer array platform that is of high yield, scalable, automatable, accessible to electrical 

measurement, and requires minimal operator input and equipment in order to facilitate bilayer 

application in ion channel drug screening, nanopore DNA sequencing, and nanoparticle toxicity 

screening.  
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Chapter 2 

2. Development of automatable, scalable and cyclical lipid bilayer array 

platform 

2.1 Introduction  

In the past, we automated bilayer formation and measurement by robotically manipulating a 

measurement electrode containing a sessile aqueous droplet
15

. Programmed motion of this 

electrode resulted in droplet bilayer formation upon contact with a second aqueous solution. To 

reduce the sensitivity of bilayer formation on electrode position in this system, we implemented 

a masking aperture constraining the droplet contact area
101

.  

Although the masking apertures greatly enhanced the bilayer stability and constrained bilayer 

size, there were alignment challenges in forming arrays of bilayers in parallel. First, it was 

difficult to precisely position electrodes to the aperture area for multiple wells simultaneously. 

Second, maintaining all the droplets at the same vertical level was proven to be critical for 

achieving high bilayer formation yield, and it was difficult. 

To solve the alignment issues, we investigated the possibility of forming droplet interface 

bilayers without using the electrode pins to hang droplets (Figure 9B-E). In this method, the 

initial steps, including adding aqueous solution the bottom and lipid oil solution to the top, stay 

unchanged. Lipid monolayer (lower) forms at the water-oil interface. When the droplet is to be 

introduced, it is just added to the top well with a pipette instead of being hung from an electrode 

pin. Then, there is another monolayer (upper) forming at the new oil-water interface. The two 

monolayers are brought into contact to form bilayers by both gravity and hydrostatic pressure. 

Since no electrode pins are used, and therefore there are no alignment issues, the method is 
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highly compatible with parallelization. Bilayer arrays are easily formed simultaneously on four 

chips with each containing eight wells (Figure 9F-I).    
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Figure 9. Bilayer formation schematic and apparatus. (A) Exploded diagram of chip assembly. 

The small pore in the center of the partition connects the center well at the top and the bottom 

channel. Side wells access the bottom channel from the top, facilitating top-mounted fluid and 

electrode access. (B) To form bilayers, aqueous solution is first added to the bottom channel 

through the outer wells. (C) Then oil is added to the central well for lipid monolayer formation 

(inset) at the aqueous/organic interface, constrained by the masking aperture. (D) Aqueous 

solution is then added to the central well to form another lipid monolayer (inset). (E) Finally, 

bilayer formation begins (inset) after adding additional lower aqueous solution through the outer 

well. (F) Chip schematic in which the wells in (A) are arrayed eight times. (G) Side view of a 

printed circuit board (PCB) to which eight pairs of bleached silver wire electrodes are connected. 

(H) Close-up of the socket connections allowing the electrodes to be easily removed from the 

PCB. (I) Apparatus schematic for simultaneous bilayer formation and measurements in 32 wells. 

Four eight-well chips are first placed into four slots in the bottom of the acrylic plate. After 

adding aqueous and organic solutions, four electrode PCBs are placed between the posts, putting 

the electrodes into contact with the aqueous solutions in the wells. A connector (not shown) on 

the edge of each PCB mates with an amplifier cable for electrical measurement of eight wells.  

    We have partially characterized this system and demonstrated its technological potential with 

simultaneous bilayer formation and ion channel measurement in parallel in 32 wells with yield of 

~80%. Since preparation is simple and fast, the apparatus has the potential to be quickly cycled 

to measure additional multi-well arrays. To facilitate this, we also designed a modular system for 

array and electrode placement that allowed the measurement plates and electrodes to be quickly 

removed and accurately re-positioned. To demonstrate this, we manually cycled this apparatus 

four times (Figure 10), resulting in the formation and measurement of 120 wells at 80% yield in 
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approximately 80 minutes. Further scaling and use of automation hardware is straightforward 

and could further increase the measurement throughput. This platform has two benefits: the 

fluidic phases may be completely dispensed before electrode placement, and the electrodes may 

be imprecisely positioned into contact with the aqueous phases and still allow successful 

measurement. These benefits facilitate high throughput bilayer formation with parallel robotic 

fluid handling equipment and greatly increase measurement throughput without requirement of 

high precision motion control apparatus. 

 

Figure 10. Cycling of the high throughput artificial cell membrane system. Steps include: 
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loading solutions to the chips, forming bilayers, conducting electrical measurements and 

recycling the process.  

 

 

Figure 11. Microscopic images of partitions of different size or shape. (A) The size of the 

partition is about 200 µm in diameter and it is of good shape. (B) The size of the partition is 

about 500 µm in diameter and it is also of good shape. (C) The shape of the partition is abnormal 

and it is not used for chip assembly.   

2.2 Materials and methods 

2.2.1 Chip design and fabrication 

    The basic chip design (Figure 9A), which is similar to previous work
53,101

, was created in 

Rhinoceros (McNeel) and illustrator (Adobe). Briefly, a 75 µm thick Delrin partition (McMaster-

Carr) containing a central aperture 200-1000 µm in diameter and two outer circular openings 

collinear with the aperture was sandwiched between a 1/4” thick cast acrylic sheet (McMaster-

Carr) and a 1/16” thick acrylic sheet (Figure 9A). The top sheet contained three collinear circular 

openings centered on corresponding features in the Delrin. The bottom piece had a slot cut in it 

so that the three openings were connected below the Delrin film following assembly of the chip. 

Below the bottom piece another acrylic sheet was attached to seal the slot. This basic design was 
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repeated eight times to form an array (Figure 9F), which itself was repeated four times (Figure 

9I). The openings and slots in the acrylic sheets, as well as the apertures of different sizes in the 

delrin films, were laser cut (VersaLaser). The partition size was measured under microscope 

(Nikon). Only the partitions of good shape (Figure 11 AB) were used to assemble a chip for 

bilayer formation. The chip was assembled using VHB foam tape (McMaster-Carr). After 

assembly, 500 µl of decane (Sigma-Aldrich) was loaded to side wells of each unit of the chip and 

the entire chip with decane was left on the bench for about 30 mins. Then the chip was washed 

with methanol three times, followed by three washes with water. At last, the chip was dried 

under argon and stored in a desiccator for later use.   

2.2.2 Solution preparation   

    Liposome solutions were made as described previously
15

. Briefly, 10 mg of lipids (Unless 

mentioned otherwise, the lipid was usually 2-diphytanoyl-sn-glycerol-3-phosphocholine 

(DPhPC) (Avanti Polar Lipids)) in chloroform was dehydrated under argon then rehydrated in 1 

ml buffer B (1 M KCl, 10 mM HEPES, pH 8.0). The solution was then extruded through a 200 

nm filter (Avanti Polar Lipids) to form 200 nm diameter liposomes. In all liposome experiments, 

the lipid concentration was 250 µg/ml. Lipid in oil solutions were made by dissolving 10 mg of 

DPhPC into 1 ml of squalene:decane (2:1 v:v) (Sigma-Aldrich). Gramicidin A (Sigma) was 

dissolved in ethanol at 1 mg/ml and used in bilayer experiments mixed with Buffer B at 20 

ng/ml; α-hemolysin (Sigma) was prepared in buffer B at 0.5 µg/ml. In experiments measuring 

gramicidin and α-hemolysin, these channel-containing solutions were used as the aqueous 

solutions for bilayer formation. 

2.2.3 Bilayer formation     

Lipid bilayers were formed as shown in Figure 9B-9E. When liposomes were present in the 
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aqueous buffer, 400 µl of liposome solution was added to each of the outer wells of the chip, 

filling the lower channel, followed by addition of 50 µl decane:squalene to the central well. After 

waiting 5 minutes for monolayer formation, 50 µl of liposome solution was added to the central 

well for bilayer formation
12

and electrodes were placed into the aqueous solutions in the central 

and outer well for electrical measurement (described below). Finally, an additional 150 µl of 

liposome solution was added to the outer well.   

When bilayers were formed using lipids present in the decane:squalene, 400 µl of buffer was 

added to the outer well, followed by 25 µl of lipid/decane:squalene solution was added to the 

central well. After waiting for 40 minutes, 50 µl of buffer was added to the central well. 

Electrodes were then placed into the aqueous solutions in the central and outer well and an 

additional 150 µl of buffer was added to the bottom well.  

In some experiments, 1% agarose
98,102–104

 (Sigma-Aldrich) (mass/volume ratio) was also used 

to stabilize the sizes of bilayers. Briefly, 1% agarose was prepared in buffer and then boiled. 

Before the solution solidified, it was loaded to the bottom wells of the chip. After the solution 

gelled, lipid oil solution and other solutions were added as described above.  

2.2.4 Apparatus for multiple bilayer formation and measurement 

An 8-channel electrode array (Figure 9G) was made by connecting bleached silver wires (CC 

Silver and Gold, SFW22a) to a customized printed circuit board (PCB, ExpressPCB), which was 

designed to fit the electrode pairs at a spacing that matched the 8-well chip. The PCB contained 

female sockets (Newark, 86C2226)  into which male sockets (Newark, 87H9360) soldered to the 

silver wires could be inserted and removed, allowing easy replacement and conditioning of the 

electrodes (Figure 9H). The PCB routed electrical connections from the electrode pairs to a 

connector (Terrapin, Tecella Inc.) soldered on the edge of the board which connected to the 
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amplifier through a cable. 

A rectangular plate made out of acrylic was used to hold the electrode and chip arrays (Figure 

9I). There were four slots and four posts containing alignment blocks glued to the plate bottom. 

These elements formed cavities matching the chip arrays and PCBs precisely, allowing the plates 

and electrodes to be rapidly positioned and aligned without adjustment.  

To make and measure bilayers in 32 wells simultaneously, four 8-well chips were placed into 

the slots. After adding oil to the central wells, the four electrode PCBs were placed onto the posts 

between the blocks. The height of the posts, the location of the slots and the blocks and the 

length of the electrodes were designed so that with the chips and fluidic volumes used, electrical 

connection between the electrodes and aqueous solutions occurred 100% of the time.  

For measurements of single bilayers, an Axopatch 200B with a Digidata 1440A (Axon 

Instruments) was used. Measurements of multiple bilayer measurements used a multichannel 

amplifier (Apollo, Tecella Inc.). Bilayer formation was monitored capacitively
7
. 

2.3 Results and discussion 

2.3.1 Bilayer formation  

Bilayers were successfully formed and measured following simple solution dispensation with 

the lipid source present in either the oil or aqueous solution. Following addition of 400 µl of the 

lower aqueous solution and 50 µl of decane to the central well, no further solutions were added 

during the lipid monolayer formation time, conservatively 5 minutes when liposomes were 

present in the aqueous phases and 40 minutes when the lipid was in decane:squalene. When this 

waiting time was not observed, the subsequent addition of 50 µl of the aqueous solution to the 

central well sometimes resulted in fusion of the upper and lower aqueous solutions. However, 

with the waiting time, the upper aqueous solution was stably separated from the lower aqueous 
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solution (Figure 9B-9E). This was observed electrically using measurement electrodes in the 

outer and center wells; the fused solutions showed a very low resistance between the electrodes 

whereas the separated aqueous solutions showed high resistance (> 50 GΩ). The initial measured 

capacitance was about 40 pF, a background value from which increases indicated bilayer 

formation. To verify that the increase in measured capacitance corresponded with bilayer 

formation, α-Hemolysin or gramicidin A were added into the buffer in some experiments; pores 

were observed (Figure 12A-B) when the capacitance exceeded 40 pF.  

 

 

Figure 12. Ion channel recordings. Single channels of α-Hemolysin (A) and gramicidin A (C) 

measured in a single well. (B) and (D), histogram analysis of the single channels. Applied 

A B 

C D 
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voltage was 100 mV in (A) and -100 mV in (B).  

 

The capacitance usually did not change from the background values unless the final 150 µl of 

the aqueous solution was added to the outer well. The separate addition of the 400 µl and 150 µl 

solutions to the outer well was necessary; if 550 µl was initially added to the outer well, the 

lower and upper aqueous phases usually fused following addition of the 50 µl aqueous solution 

to the central well. We hypothesize that when the final 150 µl of solution is added to the outer 

well, the curvature of the lower lipid monolayer decreases as a result of the increase in pressure 

according to the Young-Laplace equation,   
  

 
 , where P is the pressure difference across the 

lipid monolayer, γ is the monolayer surface tension, and R is the radius of curvature
105

. This 

decrease in curvature raises the center of the lower monolayer, bringing it into contact with the 

upper monolayer for bilayer formation. The time it took to bring the two monolayers together 

varied, but generally ~10 minutes was required for maximum yield when the lipid was in 

aqueous solution and 30 minutes when lipid was in decane:squalene (Figure 13). This hypothesis 

is additionally supported by observations that the solution volumes resulting in successful and 

stable bilayer formation changed with aperture size.  
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Figure 13. Number of bilayers as a function of time in both (a) liposome and (b) lipid in oil 

methods. In liposome method, 32 wells were done at a time. In lipid in oil method, 31 wells were 

done at a time. In both methods, the time was set to zero after all the solutions were added.   

2.3.2 Screening of the aperture size  

To screen aperture sizes that provided the greatest yield, we measured capacitance and bilayer 

formation over 15 wells simultaneously. As described above, we observed that apertures of 

different sizes required different volumes of added solutions to facilitate bilayer formation. To 

simplify the screening measurement, a fixed 550 µl solution volume was used for all aperture 

sizes.  

Due to variations in the laser cut aperture sizes, the aperture diameters were measured 

microscopically and each size was averaged. For lipid present in the aqueous solution, the 

average aperture diameters tested were 318 ± 23 µm (n = 15), 398 ± 35 µm (n = 15), 596 ± 21 

µm (n = 15) and 829 ± 49 µm (n = 15). Bilayer formation and measurement proceeded as 

described above, and 10 minutes following the addition of the final 150 µl to the outer well, the 

capacitance and resistance were noted. If the resistance was small (< 1 GΩ), the result was 

categorized as a fusion of the aqueous phases. If the resistance was large but the capacitance 

stayed at a background value (< 40 pF), the result was categorized as an unformed bilayer. 

Finally, for high resistance and a capacitance greater than background value, the result was 

categorized as successful bilayer formation. As shown in Figures 14A, apertures of 400-600 µm 

in diameter resulted in a bilayer yield ~80% at 10 minutes following the final solution addition. 

This yield was lower for the smaller aperture size, with the bulk of the non-bilayer measurements 

being background events, whereas for large aperture size, the lower yield resulted from an 

increase in bilayer failure or fusion of the aqueous phases.  
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This experiment was repeated for lipid present in decane; in general, we found that when the 

lipid was present in decane, larger apertures were required to result in bilayer formation 

compared to measurements in which the lipid was present in aqueous solution for the same 

solution and chip volumes. Owing to the long bilayer formation time, the bilayer yield was 

assessed 30 minutes following final addition of solution to the central well. The general trends 

observed previously were seen again (Figure 14B), but for larger average aperture diameters 

(596 ± 21 µm (n=15), 680 ± 27 µm (n=15), 795 ± 22 µm (n=15) and 1032 ± 41 µm (n=15)). The 

maximum yield of 73% occurred with 795 µm diameter apertures. Again, there were more 

background events for smaller apertures and more fusion events for bigger apertures. 

 

Figure 14. Yield of bilayer formation as a function of aperture size in both (a) liposome and (b) 

lipid in oil methods. In liposome method, the maximum yield for each aperture was counted 10 

minutes after all the solutions were added. In lipid in oil method, the maximum yield was 

counted 30 minutes after all the solutions were added.  This experiment was repeated twice 

more, with similar results. Similar experiments to those shown in were repeated for two more 

times and similar trends were observed: apertures of 400-600 µm in diameter resulted in a 

bilayer yield ~80% in liposome method; the maximum yield occurred with 795 µm diameter 
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apertures in lipid oil method.  

     

In addition, we noticed that the volumes of solutions that resulted in successful and stable 

bilayer formation changed with aperture size. Specifically, for aperture diameters < 200 µm, > 

550 µl of lower aqueous solution was required to increase the measured capacitance past the 40 

pF background value. For aperture diameters > 600 µm, < 550 µl was required; for greater 

volumes, the aqueous solutions were observed to fuse. Since the same chips (apart from aperture 

size) were used in all experiments, increases in volume of lower aqueous solution resulted in 

larger heights of the fluid column in the outer wells. Since the volume and therefore height of the 

solutions in the center well remained unchanged, there was a hydrostatic pressure difference at 

the aperture, which formed the boundary of the aqueous and oil phases. As the pressure 

difference increases, the Laplace pressure would cause this interface to curve upwards. This 

would bring the lower interface closer to the upper interface, enhancing bilayer formation. For 

small apertures, the same curvatures result in a lower vertical increase of the lower interface, 

explaining why we needed more fluid to obtain bilayers in that case. For large apertures, the 

large vertical increase of the lower interface readily resulted in formation of large bilayers which 

were less able to sustain the pressure difference. This was similar to our previous work exploring 

bilayer area and stability as a function of hydrostatic pressure
105

.  

 

2.3.3 Parallel bilayer formation and ion channel measurement 

In the previously described experiments, bilayers were formed easily and in high yield 

following fluid dispensation with no other operator intervention, aside from coarse placement of 

the electrodes in the center and outer wells. As a result, this is highly amenable to parallelization 
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and automation. To explore this, we created an apparatus for parallel bilayer formation and 

measurement in multiple wells (Figure 9I). The bilayer array chips were made with aperture 

diameters previously identified with highest yields (400-600 µm for aqueous lipid and 800 µm 

for lipid in decane:squalene). The apparatus allows simultaneous formation of 32 bilayers in 

parallel and measurement using a Tecella multichannel amplifier. Solutions were added to each 

chip using an 8 channel pipette. Bilayer formation was again monitored through resistance and 

capacitance measurements. For lipid present in the aqueous solution, bilayers formed in 27 of 32 

wells (84%) after 10 minutes, with a simultaneous yield >80% at 20 minutes and >70% at 30 

minutes. For lipid in decane:squalene, yield was >50% after 22 minutes and >70% after 29 

minutes. In terms of overall yield, lipid in aqueous solution was slightly superior to lipid in 

decane:squalene.  

 

 

Figure 15. Ion channel recordings. Simultaneous recordings from 30 wells in which α-

Hemolysin was present in the surrounding solution. Traces shown are 20 minutes following final 
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solution addition (100 mV applied).  

 

Next, formation of bilayers from aqueous lipid in the presence of α-Hemolysin was measured 

in 30 wells simultaneously. Similar to the previously described experiments, stepwise increases 

in conductance resulting from α-Hemolysin insertions were observed following bilayer 

formation. These steps were observed to continue and therefore the measured current increased 

with increasing time from bilayer formation. Figure 15 shows conductance measurements 20 

minutes following final solution addition; α-Hemolysin steps were seen in 24 out of 30 wells 

simultaneously (80%), with bilayer failure (fusion of aqueous solutions) in the remaining wells. 

Repetition of this experiment was consistent, finding successful α-Hemolysin measurement in 26 

out of 32 wells and 25 out of 30 wells, with the bilayers in the remaining wells rupturing. The 

number of α-Hemolysin pores in each membrane varied, a consequence of the variable bilayer 

area (14000 – 38000 µm
2
 (measured capacitively), variable time of bilayer formation (2-10 

minutes following final solution addition), and stochastic insertion of the pores in each 

membrane
16,106

.  

 

2.3.4 Cycled, parallel bilayer formation and measurement 

Bilayer arrays have been described previously
18,21,96,97,99,100,107,108

; these arrays can increase 

efficiency by increasing the number of bilayers measured simultaneously, but to increase 

measurement throughput further, the array density must increase or the apparatus must be 

partially disassembled and prepared for another measurement cycle. Our apparatus was designed 

to decrease the effort and time required to cycle through repeated measurement of the arrays. To 

demonstrate this, we repeated the preparation of the chips for simultaneous formation and 



27 
 

measurement of 30 bilayers with lipid in aqueous solution, cycling the apparatus four times. In 

one experiment, 30 bilayers were simultaneously formed and measured in parallel, measured for 

10 minutes, discarded, and 30 new bilayers were freshly formed and measured, repeating this 

process four times sequentially for 120 total possible bilayers. While the electrical measurements 

were being carried out on one set of chips, the next set of chips were prepared by adding aqueous 

lipid solution to the outer well and the decane:squalene to the central well. When the next set of 

chips was to be measured, they were put in place and the central aqueous and final lower 

aqueous solutions were added to the chips, following which the monolayer formation time was 

observed. Aside from the 10 minute measurement time, approximately 10 minutes for solution 

loading and monolayer formation was also needed for each set, bringing the total process time to 

approximately 20 minutes per set. Bilayer formation was indicated once the capacitance 

exceeded 40 pF.  

As shown in Table 1, 96 bilayers were formed in 120 wells, an average yield of 80%, with a 

total time of 79 minutes to process four 30-well sets sequentially. Although in this experiment 

ion channels were not utilized, we saw similar bilayer yield with ion channels measured in the 

previous experiment (Figure 15). This yield is comparable to yields of 46%-56% in previous 

reports of bilayer arrays with integrated electrodes.[18, 28, 40] The throughput of this 

experiment could be easily increased with automated fluid handling, greater parallelization, 

shorter measurement time, or switching between two sets of measurement electrodes, which 

could effectively eliminate any non-measurement time.  

 

Table 1. Statistics of cycled bilayer formation in 4 sets of 30 attempts each 
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2.3.5 Stabilize bilayer size with agarose  

    One problem with the previously described bilayers was that the size of bilayers usually 

increased over time (Figure 16 A-B). To address this issue, we used agarose at the bottom to 

support the bilayer formation. Our results showed that agarose significantly stabilized bilayer 

size (Figure 16 C-F). The existence of bilayers was validated by the occurrence of Gramicidin-A 

and alamethicin activities (Figure 17). The yield of bilayer formation was 87.5%, or 28/32, 

which was comparable with the method without the use of agarose. Out of 28 bilayers, 24 

bilayers did not show significant increase in size, whereas all of the 26 bilayers out of 32 wells 

showed size increase when there was no agarose used. The size variance of bilayers with agarose 

support was also much smaller than that without agarose. We think this was due to the fact that 

the vertical position of the bilayers could not be changed once the agarose solution at the bottom 

solidified.  

 



29 
 

 

Figure 16. The change of bilayer size with/without the use of agarose. (A-B) Without the use of 

agarose, bilayer sizes of 32 bilayers were shown as a function of time. The bilayer size increased 

for most of the bilayers over time and more than half of the bilayers showed rapid increase in 

size within 10 minutes after bilayer formation. (C-F) The change of the sizes of 32 bilayers with 
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agarose support. The size did not change too much over time for most of the bilayers and the 

bilayer sizes were similar to each other.  

 

 

Figure 17. Ion channel recordings of Gramicidin-A (A) and alamethicin (B) in bilayers 

supported by agarose. For Gramicidin-A, the applied voltage was -100 mV. For alamethicin, a 

series of voltages from -100 mV to 100 mV with 20 mV increment were applied.  

2.4  Conclusion 

We present a very simple and user friendly platform for parallel formation and measurement 

of artificial lipid bilayers with highly repeatable yield of 80% in initial studies. The design of the 

apparatus enabled quick and accurate alignment of the electrode arrays with the wells so that 

electrical connection was guaranteed with minimal positioning precision required. More 

importantly, the design minimized time, effort, and training or expertise required for bilayer 

formation and ion channel measurement, potentially opening artificial bilayer measurements to a 

wider audience. Since each part is set, all that is required from the user is to place the chips and 

electrode arrays in position. The electrodes were also easily removable and replaceable from the 

PCBs for easy maintenance. The platform is highly automatable and scalable; if scaled for high 
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throughput operation, the platform may have potential for application to ion channel drug 

screening, nanopore-based DNA sequencing and nanoparticle-membrane study. 

 

Note: Chapter 2 is adapted with permission from John Wiley and Sons: [Lipid bilayer arrays: 

Cyclically formed and measured, Biotechnology Journal], Copyright (2013).  
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Chapter 3 

3. Validation of the lipid bilayer array platform for nanoparticle study with 

amine or carboxyl modified polystyrene nanoparticles  

3.1 Introduction 

Nanoparticles have attracted much attention because of their wide applications and existence. 

In biomedical applications
109

, nanoparticles are used for drug delivery
110

, therapeutics
111

, 

diagnostics
112

, and imaging
113

.There are also nanoparticles used in many other applications, such 

as paints
114

, sports equipment, sunscreens, cosmetics, cooking products and wound dressings
115

. 

Besides those applications, nanoparticles are also present in the environment resulted from both 

natural and anthropogenic activities
116

 including forest fires
117

, volcanoes
118

, desktop 3-D 

printers
119

, and vehicle and airplane engine exhaust
120

. As more and more nanoparticles are used 

and discovered, there are raising concerns regarding the impact of nanoparticles on human 

health
116

. Therefore, many in vitro and in vivo assays are conducted to assess the cytotoxicity of 

nanoparticles by exploring if and how nanoparticles affect cell viability and cellular processes 

including DNA synthesis, gene expression, immune response, and oxidative stress
121,122

. One 

aspect of the toxicity assessment is to examine the impact of nanoparticle on cell membranes, 

especially the likelihood of nanoparticles to damage the membranes
94

.  

Up to date, there are a number of techniques used in the nanoparticle-membrane interaction 

study. Through hemolysis or patch clamp
123–125

, it is easy to determine if a nanoparticle could 

rupture cell membranes. However, because of the use of live cells both techniques do not have 

too much freedom of changing conditions such as lipid type, ionic strength, and pH for further 

probing of the mechanism of interaction.  As such, artificial cell membranes combined with 
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AFM
92–94

, fluorescence imaging
126,127

, neutron reflectometry
128

, FRET
129

, or electrical 

measurement
88–91,130

 are utilized to investigate how nanoparticles interact with lipid bilayers 

under different conditions. Despite the significant amount of information regarding the 

mechanism of nanoparticle-membrane interaction provided by those methods, their applications 

are limited by the low speed and low throughput. Also, there are questions remaining such as the 

mechanism by which some positively charged nanoparticles induced lysosomal membrane 

damage
131

 and how nanoparticles interact with membranes under different physiological 

conditions, especially with artificial membrane systems. Therefore, there is a need to use a fast 

and high throughput lipid bilayer platform to investigate nanoparticle-membrane interaction in 

many different conditions in depth.   

In this study, we demonstrated the use of a parallel lipid bilayer array platform
132

 for the study 

of nanoparticle-membrane interaction. Amine modified polystyrene nanoparticles (NH2-NP) and 

carboxyl modified polystyrene nanoparticles (COOH-NP) were chosen as model particles to test 

our platform. Plasma membranes and lysosomal membranes were mimicked based on their lipid 

compositions and surrounding environment in mammalian cells. The effect of NH2-NP or 

COOH-NP on membranes was compared in different conditions. Factors like particle 

concentration, ionic strength, bilayer charge, pH, and serum were investigated as to how they 

regulate nanoparticle-membrane interaction. Extra efforts were also focused on how NH2-NP 

breaks lysosomal membranes by looking at the biophysical behaviors in interaction. To the best 

of our knowledge, it was the first time that we mimicked the mammalian plasma and lysosomal 

membranes with more than 90% similarity to study nanoparticle-bilayer interaction. It was also 

the first time that nanoparticle-membrane interaction was studied in lipid bilayer array system 

and that the results were derived collectively from statistical analysis of more than 1000 bilayers.  
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Figure 18. Schematics of bilayer formation, nanoparticle measurement, and measurement 

display. (A-D) Bilayer formation: (A) To form bilayers, aqueous solution is first added to the 

bottom channel through the outer wells. Oil is then added to the central well for lipid monolayer 

formation (inset) at the aqueous/organic interface, constrained by the masking aperture. Aqueous 

solution is then added to the central well to form another lipid monolayer (inset). Finally, bilayer 

formation begins (inset) after adding additional lower aqueous solution through the outer well. 

Nanoparticles were added to the central well after bilayer formation. (B) Apparatus schematic for 

simultaneous bilayer formation and measurement in 32 wells. (C) A typical display of 

simultaneous current recordings of multiple bilayers. Bilayer 1-7: currents induced by 100 µg/ml 

NH2-NP. Bilayer 9-21: half of the bilayers were tested with 100 µg/ml COOH-NP, and the other 

half with control buffer. There were 11 other bilayers which were not of high quality for use. 

Voltage protocol: for bilayer 1-4 and 9-21, 0 mV was applied for 3 s, followed by 70 mV for 25s 

A 

B 

C 
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and then -70 mV for 25 s; for bilayer 5-7, 0 mV was followed by -70 mV for 25 s and then 70 

mV for 25 s. Bilayer composition: POPC/POPE/Chol/ POPS CB/BMP (3:3:3:1:2:2, molar ratio). 

Buffer: 80 mM NaCl, pH 4.5.  

3.2 Materials and methods  

3.2.1 Nanoparticle characterization 

Amine polystyrene nanoparticles (NH2-NPs) and carboxyl polystyrene nanoparticles (COOH-

NPs) (Bang’s Laboratory) were gifts from Tian Xia’s lab at UCLA. The size of the particles and 

the zeta potential were measured with Zetasizer (Malvern).  

3.2.2 Solution preparation, chip fabrication and bilayer array formation  

Liposomes and lipid in oil solutions were prepared as described previously
132

. Usually one of 

or a combination of some of the following lipids was used to make liposomes and lipid oil 

solutions depending on the goal of the experiments: 1-palmitoyl-2-oleoyl-sn-glycero-3-

phosphocholine (POPC), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine (POPE), 

Cholesterol (Chol), 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine (POPS), Cerebroside 

(CB), sn-(3-oleoyl-2-hydroxy)-glycerol-1-phospho-sn-1'-(3'-oleoyl-2'-hydroxy)-glycerol (BMP), 

1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC), and brain lipid extract (Avanti Polar 

Lipids). The molar ratio of the lipids was specified in the result session. For any given bilayers, 

the lipid composition for both liposomes and lipid oil solution was the same. The chips for 

bilayer formation were also fabricated as described previously
132

.   

As shown in Figure 18A-D, bilayers were made by following the protocol described in 

previous work 
132

 with slight modification. Briefly, bilayers were formed by adding 450ul of 

250ug/ml liposome solution to the outer wells of the chip, followed by 25ul of 10mg/ml lipid 
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organic solution (decane) to the central well. After allowing 15 minutes for monolayer 

formation, 50ul of buffer solution without any lipid was added to the central well for bilayer 

formation and electrodes were placed into the aqueous solution in the central and outer wells for 

electrical measurement. After waiting an additional 15 minutes, 50~100 µl of liposome solution 

was added to each of the outer wells. To form bilayer arrays, two to four 8-well chips were used 

at a time (Figure 18F). The quality of bilayers was checked by applying 100/-100 mV for 10 

minutes and the bilayers were considered good only if there was zero current passing the 

bilayers.    

3.2.3 Electrical measurements of nanoparticle-bilayer interaction  

The same measurement apparatus used in the previous work
132

 was also used here as shown in 

Figure 18F. 5.5 µl of nanoparticle solutions (250 µg/ml~1 mg/ml) was added to the central wells 

with good bilayers (Figure 18E). The final concentration of the particles was in the range of 25 

µg/ml to 100 µg/ml as specified in the result session. The particles were sonicated and vortexed 

to ensure full dispersion before use. At the same time, a control experiment in which 5.5 µl of 

buffer was added to the central wells was also conducted. Once the particles were added, a 

periodic voltage sweep composed of 70 mV for 25 seconds followed by -70 mV for another 25 

seconds was applied to the bilayers and the conductance of the bilayers was monitored all the 

time for the next two hours unless the bilayers were ruptured earlier. There were multiple 

bilayers tested for each condition and the number was denoted as “n = #” in the result session.  

3.2.4 Data analysis  

The bilayer rupture percentage was calculated by dividing the total number of bilayers used by 

the number of bilayers ruptured.  The difference in the bilayer rupture percentage between two 
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experimental groups was analyzed using two-tail Fisher’s test. If the p value from the test for the 

two groups is less than 0.05, it is concluded that there is significant difference between the two 

groups, and vice versa.  

The recorded data by Tecella was converted into text files and then transferred into Matlab 

(MathWorks) for analysis. A baseline was chosen at a value which equals to the sum of lowest 

current for a given trace and the peak-to-peak noise level. Any current above the baseline was 

noted as the opening of pores. A transient pore event was defined as a time interval between the 

first time the current is above the baseline and the immediate next time the current is below the 

baseline. A matlab script was written to pick out the opening events, the magnitude of the peak 

current for each event, and the duration of each event. The average pore size was calculated by 

modeling the pores as electrolyte-filled cylinders.   

3.3 Results and discussion  

3.3.1 Interaction of NH2-NP or COOH-NP with bilayers of different lipid compositions 

    Nanoparticles first encounter cells through their plasma membranes
133

. We investigated the 

interaction between NH2-NP or COOH-NP and the lipid combination 

POPC:POPE:Chol:POPS:CB (molar ratio 3:1:1:1:1), which represents more than 90% of the 

total lipids on the plasma membrane
134

. Bilayers of these lipids were formed and measured in 

buffered 150 mM NaCl (pH 7) and tested for stability for 10 minutes under alternating +70 mV/-

70 mV potentials, following which NH2-NP or COOH-NP were added to the central wells to a 

final concentration of 100 µg/ml. The trans-membrane current was measured for two hours 

during application of ±70 mV potentials, and currents resulting from bilayer pore formation or 

rupture indicated nanoparticle-bilayer interactions. Concurrently, control experiments in identical 
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conditions were performed without nanoparticles present in several wells in each membrane 

array chip. 

    Representative data from measurements of control, NH2-NP, and COOH-NP with 

POPC:POPE:Chol:POPS:CB lipid bilayer membranes at in 150 mM NaCl (pH 7) is shown in 

Figure 19. Control experiments with no nanoparticles present and experiments with COOH-NP 

showed little to no current (Figure 19A). However, measurements with NH2-NP showed large 

current fluctuations (Figure 19C) and membrane rupture (Figure 19B) indicating that the NH2-

NP interacted with membranes in these conditions quite strongly. Many measurements showed 

that interaction took place instantly (Figure 19B), while others showed a prolonged interaction 

(Figure 19C). For observations of prolonged interactions, the transmembrane currents were 

greater for positive versus negative applied potentials (Figure 19D). This dependence on the sign 

of the applied potential suggests that the positively charged NH2-NP particles follow the 

electrical field, and more closely associate with the bilayer at positive potentials, increasing the 

magnitude of the interaction. This voltage dependence was also seen in the observations of 

instant rupture in that the ruptures were always observed when the membrane side on which the 

NH2-NP were present was at a higher electrical potential relative to the particle-free side.   
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Figure 19. Electrophysiology recordings of particle-bilayer interactions. (A) Bilayers with either 

control buffer or COOH-NP were stable and did not pass any current under +70/-70 mV. The 

bilayers were monitored for 2 hours after adding control buffer or particles. (B) Instant bilayer 

rupture caused by NH2NP. (C) Prolonged NH2NP-bilayer interaction. The particles started to 

interact with bilayers by generating pores, and then more currents passed through the bilayers. 

Eventually bilayers were also ruptured. (D) Voltage dependence of NH2NP-bilayer interaction. 

Bilayer composition: POPC/POPE/CHOL/POPS/CB (3:1:1:1:1, molar ratio); Buffer: 150 mM 

NaCl, pH 7; Particle concentration: 100 µg/ml. 

    These results were sustained over repeated experiments: COOH-NP did not interact with 

POPC:POPE:Chol:POPS:CB lipid bilayer membranes (N= 17) significantly different from the 

E 

G 
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control (N = 35), while NH2-NP (N = 11) showed interactions significantly greater than the 

control (Figure 20). Other bilayer compositions (POPC/POPE/Chol/POPS, 

POPC/POPE/Chol/CB, DPhPC, and brain lipid extract) were also tested with NH2-NP and 

COOH-NP in the same conditions (100 µg/ml in 150 mM NaCl at pH 7) with similar results: 

NH2-NP exhibited interactions while COOH-NP did not significantly different from the control 

(Figure 20). Between 0-20% of control bilayers ruptured over the two hour measurement time, 

and with redundant measurement we assessed that the membranes exposed to NH2-NP ruptured 

at a rate that was statistically significant compared to the control, while the COOH-NP results 

were statistically indistinguishable from the control.   

 

Figure 20. Interaction between NH2-NP or COOH-NP and different types of bilayers measured 

by the percentage of bilayers ruptured. The rupture percentage was counted as the ratio of the 

number of ruptured bilayers to the total amount of bilayers. NH2-NP interacted with all types of 

A 

F 

B 

D  
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bilayers with a rupture percentage of 100% for the bilayers made of 

POPC/POPE/Chol/POPS/CB, POPC/POPE/Chol/POPS, POPC/POPE/Chol /CB, or brain lipid 

extract and 87.5% for DPhPC bilayers. There was no difference between COOH-NP and control 

in terms of fusion percentage. Buffer: 150 mM NaCl, pH 7; Particle concentration: 100 µg/ml. 

The number of bilayers tried for each condition was denoted as “n=number”. “*”:Chi-squared 

test P>0.05; “**”:Chi-squared test P<0.05.  

    These results are consistent with other groups’ findings: Malmstadt’s group showed that 

COOH-NP had weaker interaction with liposomes compared to NH2-NP
126

; Granick’s group 

showed that COOH-NP did not induce any shape change on liposomes whereas NH2-NP induced 

tubular protrusions
127

; Negoda and coworkers found that COOH-NP are significantly less potent 

in inducing pores in lipid bilayers compared to NH2-NP
90

 

3.3.2 Effect of ionic strength, particle concentration, bilayer surface charge and pH 

    We also investigated the impact of ionic strength on NH2NP interactions with 

POPC/POPE/Chol/POPS/CB (3:1:1:1:1) bilayers and found, consistent with the results from 

other groups
126,127

, that the NH2NP- membrane interaction decreased with increasing ionic 

strength (Figure 21A). With 25 µg/ml particle concentration, the percentage of  ruptured bilayers 

decreased from 90% to 20% when the ionic strength increased from 5 mM to 150 mM. The high 

rate of bilayer rupture at 150 mM was restored from 20% to 100% by increasing the particle 

concentration from 25 µg/ml to 100 µg/ml. The time required for bilayer rupture was also much 

lower in lower ionic strength. For 25 µg/ml NH2NP, in 5 mM 9 out of 10 bilayers ruptured, with 

an average membrane lifetime of 10 minutes. But in 150 mM only 2 out of 10 bilayers ruptured 

over two hours of observation, with an average lifetime of 103 minutes. This average time to 



42 
 

rupture in 150 mM decreased from 103 minutes with 25 µg/ml NH2NP concentration to 13 

minutes with 100 µg/ml NH2NP. Similar results were also observed in measurements of NH2NP 

with POPC/POPE/Chol/POPS bilayers (Figure 21B).  

We also investigated the effect of membrane charge on NH2NP interactions at 150 mM (pH 7) 

(Figure 21C). Three different bilayer compositions were compared: neutral (POPC/POPE/Chol/ 

CB (3:1:1:1), negatively charged (POPC/POPE/Chol/POPS/CB (3:1:1:1:1)), and positively 

charged (POPC/POPE/Chol/DOTAP (3:1:1:1)). NH2-NP ruptured 100% of the neutral (N = 8) 

and negatively charged (N = 11) bilayers measured, but did not interact with positively charged 

membranes (N = 4). We also found that negative bilayer charge facilitated the interaction as it 

took less time on average for rupture of negatively charged bilayers (13 min) than neutral 

bilayers (47 min). The same positive, negative, and neutral bilayers were also tested with 

COOH-NP, but no interactions were observed different from control.  

We also studied the effect of NH2NP charge on membrane interaction by varying the solution 

pH in 150 mM NaCl. When the pH was at 4.5 or 7, NH2-NP interacted with the bilayers by 

breaking the bilayers instantly. In contrast, when the pH was at 10, there was no NH2NP-bilayer 

interaction (Figure 21D). We believed those interaction behaviors were caused by the change of 

the particle surface charge density on the particle as a result of the pH change. The zeta potential 

of the particles decreased from about 35 mV to 5 mV as increasing the starting pH from 7 to 10, 

which indicated that the density of positive charges decreased when increasing pH.   
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Figure 21. Impact of ionic strength, particle concentration, bilayer surface charge, and pH on 

NH2NP-bilayer interaction. (A-B) Ionic strength and particle concentration. 25 µg/ml NH2-NP 

interacted with the bilayers in 5 mM NaCl with a rupture percentage of 90%. On average, it took 

10 minutes for the bilayers to fail after the addition of the particles. For bilayers in 150 mM NaCl 

with the addition of 25 µg/ml NH2NP, the rupture percentage was 20% and it took about 103 

minutes. In 150 mM NaCl, 100 µg/ml NH2-NP fused 11/11 bilayers with an average time of 13 
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minutes. Bilayer composition: POPC/POPE/Chol/POPS/CB, 3:1:1:1:1, molar ratio; Buffer: pH 7 

with different ionic strength.  (B) Bilayer surface charge. NH2-NP interacted with both neutral 

and negative bilayers with a rupture percentage of 100%. On average, it took 47 minutes for 

NH2-NP to break the neutral bilayers and 13 minutes to break the negative bilayers. For the 

positive bilayers, NH2-NP did not show any effect. Buffer: 150 mM NaCl, pH 7; particle 

concentration: 100 µg/ml. (C) Effect of pH. NH2-NP interacted with bilayers made in pH 7 or 

pH 10, but not in pH 12. The pH indicated here was the starting pH of the solutions to which the 

particles were added. After addition of the particles, the pH decreased over time. Bilayer 

composition: POPC/POPE/Chol/POPS/CB, 3:1:1:1:1, molar ratio; Buffer: 150 mM NaCl with 

different pH; particle concentration: 100 µg/ml. The number of bilayers tried for each condition 

was denoted as “n=number”. “*”:Chi-squared test P>0.05; “**”:Chi-squared test P<0.05; “##”: 

student t-test P<0.05.  

    The modulation of the NH2-NP membrane interaction with particle charge, membrane charge, 

polarity of applied voltage, and solution ionic strength is consistent with an electrostatic 

interaction. However, the lack of interactions observed of COOH-NP with all bilayers measured 

indicates an asymmetry between positive and negatively charged particles. This is consistent 

with the findings of Granick and coworkers that positively charged nanoparticles induce the 

zwitterionic phosphocholine (PC) lipid head group to bend, while negatively charged 

nanoparticles keep the PC head group straight and induce gelation in fluid bilayers
129

. Li and 

Malmstadt confirmed this result, also finding that the key interaction is between the cationic 

nanoparticle and the phosphate group of the lipid
126

.  
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3.3.3 The presence of serum proteins attenuated the membrane activity of NH2-NP 

In physiological conditions, nanoparticles encounter cellular plasma membranes in an 

environment rich in serum proteins
133

. To investigate the effect of serum on particle-bilayer 

interactions, we repeated the previously described measurements of COOH-NP and NH2-NP 

separately in 150 mM NaCl (pH 7), pure αMEM medium, and αMEM medium with 10% FBS. 

We did not observe any interactions with COOH-NP. For NH2-NP, we observed 100% rupture in 

150 mM NaCl (N =19 ) and pure αMEM medium (N =11 ), but no interactions in the presence of 

10% FBS (N =9 ) (Figure 22A). We also observed that NH2-NP aggregated when incubated with 

the medium with 10% FBS and that aggregation did not happen without 10% FBS (Figure 22B), 

indicating that the serum proteins bind to NH2-NP, forming a protein corona, as observed 

previously
135,136

. This phenomenon was not observed for COOH-NP. Once the corona forms, 

NH2-NP does not break cellular plasma membranes
137

.  

However, endocytotic capture and transfer to the proteolytic-rich environment of lysosomes
138

 

of serum-coated NH2-NP can degrade the corona proteins and expose the particle surface
137

. To 

study the interaction of re-exposed nanoparticles with lysosomal membranes, we measured them 

with POPC/POPE/Chol/ POPS/CB/BMP (3:3:3:1:2:2, molar ratio) or POPC/POPE/Chol/CB 

(3:1:1:1,molar ratio) bilayers in serum-free 80 mM NaCl (pH 4.5) to mimic lysosomal membrane 

composition and solution pH
134,139

. Our experiments showed that NH2-NP damaged the 

lysosomal membranes and that COOH-NP did not (Figure 22C), similar to results from Dawson 

and coworkers
131,137

. Similarly, we observed pore formation before bilayer rupture and voltage 

dependence of the interaction.  
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Figure 22. Impact of serum on NH2NP-bilayer interaction (A and B) and interaction between 

NH2-NP or COOH-NP and lysosomal membrane (C). (A) The effect of serum. NH2-NP did not 

interacted with the membranes made in αMEM containing 10% FBS, but it did rupture bilayers 

made in the 150 mM NaCl buffer or pure αMEM medium. POPC/POPE/Chol/POPS/CB, 

3:1:1:1:1, molar ratio. (B) Images of NH2-NP or COOH-NP in pure αMEM medium or αMEM 

with 10% FBS. NH2-NP precipitated in αMEM with 10% FBS, but not in pure αMEM. COOH-

NP did not show any aggregation in either condition. (C) Interaction between NH2-NP or 

COOH-NP and lysosomal membranes. NH2-NP ruptured all 12 lysosomal membranes, whereas 

COOH-NP did not interact with the membranes at all. POPC/POPE/Chol/ POPS CB/BMP 

(3:3:3:1:2:2, molar ratio); Buffer: 80 mM NaCl, 5mM Tris-HCl, pH 4.5. Particle concentration: 

100 µg/ml.  The number of bilayers tried for each condition was denoted as “n=number”. 

“*”:Chi-squared test P>0.05; “**”:Chi-squared test P<0.05.  

3.3.4 Pore formation analysis 

    There have been questions about how NH2-NP breaks lysosomal membranes
131

. In addition to 

qualitative analysis of NP-membrane interaction and rupture, we also examined pore formation 

in detail. In general, there were two types of pores observed: transient (Figure 23A-B & Figure 
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24 A-B) and persistent (Figure 23C & Figure 24C). The transient pores formed and then closed. 

In some experiments, the pores showed two different kinds of closing behaviors: gradual closure 

(Figure 23A & Figure 24A) and sharp closure (Figure 23B & Figure 24B). There were also 

transient pores when persistent pores were formed. Usually, the transient pores lead to either 

bilayer rupture or persistent pore formation followed by bilayer rupture. The small size and 

discrete step changes of the currents suggest the opening or closing of a single pore. The size of 

these single pores was estimated by modeling the pores as electrolyte-filled cylinders with radius 

0.3-2.3 nm.   
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Figure 23. Representative traces of different pore formation and histogram analysis of the pores. 

(A) Transient pore formation with gradual closure and its histogram analysis. (B) Transient pore 

formation with sharp closure and its histogram analysis. (C) Persistent pore formation and its 

histogram analysis.  

 

Figure 24.Pore formation analysis. (A) Transit pore formation with gradual pore closure. (B) 

Transit pore formation with sharp pore closure. (C) Persistent pore formation.  

 



49 
 

 

Table 2. Comparison of average pore size and open probability under different conditions 

Factors 

Voltage (mV) Bilayer charge Voltage sign 

Ionic strength 

(mM) 

20 70 Neutral Negative Positive Negative 5  150  

Pore diameter 

(nm) 

0.45 0.42 0.29 0.42 0.52 0.38/0* 1.36 0.52 

Open 

probability 

51% 56% 70% 56% 58% 21%/0* 78% 58% 

Note: * Under negative voltage, in some experiments there was pore formation, and in other 

experiments there was no pore formation.  

 

Figure 25. The impact of voltage magnitude, bilayer charge, voltage sign and ionic strength on 

the pore size. The impact is quantified by the impact index, with 1 being no impact and 10 being 

the strongest impact. Voltage magnitude in the range of 20-70 mV does not affect the pore size. 

0

2

4

6

8

10

Voltage magnitude Bilayer charge Voltage sign Ionic strength

Im
p

ac
t 

in
d

e
x 



50 
 

Bilayer charge affects the pore size a little with slightly bigger pores on negative bilayers. 

Voltage sign significantly poses impact on the pore formation. There is no pore formation or 

smaller pores under negative voltage compared to that under positive voltage. Ionic strength 

dramatically affects the size of the pores with pores at 5 mM being about 2 times bigger than that 

at 150mM.  

The transient pores were also analyzed in depth to determine the impact of voltage magnitude, 

bilayer charge, voltage sign and ionic strength on the pore formation (Table 2). The four factors 

were quantified by the impact index to measure how they affected the pore formation (Figure 

25). The magnitude of the voltage in the range of 20-70 mV did not affect either the pore size or 

its open probability, with the pore size and open probability of being 0.45 nm and 51% at 20 mV, 

respectively, and 0.42 nm and 56% at 70 mV (Figure 26). The slight difference in the pore size 

and open probability could be caused by the voltage offset on the electrodes, which was 3-5 mV. 

The average radius of the pores on the negative bilayers seemed to be 1.4 times that on neutral 

bilayers (Figure 27). There were two possible causes. One explanation could be that the negative 

charge enhanced the particle-membrane interaction and ultimately generated bigger pores. The 

other could be that the concentration of cations in close proximity to the negative bilayers was 

higher than that to the neutral bilayers, which resulted in a higher conductivity and more currents 

passing the bilayers. In this scenario, the size of the pores may just stay the same as that with 

neutral bilayers.  

In general, there were more activities at the positive voltage than that at the negative voltage. 

In the traces analyzed (Figure 28), the average pore size at the positive voltage was about 1.4 

times that at the negative voltage. The percentage of total open time of all the pores was 58% at 
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the positive voltage and 21% at the negative voltage. In some other experiments (Figure 28B), 

there was no pore formed at the negative voltage, whereas there were transient or persistent pores 

at the positive voltage. We believe this phenomenon was due to the fact that the positive voltage 

drove the positively charged particles towards the bilayers while the negative voltage pulled the 

particles away from the bilayers.  

The average conductance of the pores at 5mM was about 2.6 times of that at 150 mM, with the 

open probability of being 78% at 5mM 58% at 150 mM (Figure 29). The data agreed with a 

hypothesis that the NH2-NP-bilayer interaction is electrostatic in nature. At lower ionic strength, 

the interaction was stronger, and therefore it caused bigger pores and longer interaction time.   

 

Figure 26. Impact of voltage magnitude. Representative traces at 70 mV (A) and 20 mV (C), and 

histogram of the transient pores at 70 mV (B) and 20 mV(D). 
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Figure 27. Impact of bilayer charge. Representative traces with negative bilayers (A) and neutral 

bilayers (C), and histogram of the transient pores with negative bilayers (B) and neutral bilayers 

(D).  
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Figure 28. Impact of voltage sign. A and B are representative traces with sequential application 

of both positive and negative voltages. C is the histogram of the transient pores under the 

positive voltage in A. D is the histogram of the transient pores under the negative voltage in A.  

 

Figure 29. Impact of ionic strength. Representative traces at 150mM (A) and 5mM (C), and 

histogram of the transient pores at 150 mM (B) and 5 mM (D).   

3.4 Summary and conclusion  

We demonstrated that our lipid bilayer array platform could be used for the study of 

nanoparticle-membrane interaction. We confirmed that NH2NP ruptured lipid membranes while 

COOHNP did not interact with membranes and that the NH2NP-membrane interaction was 

electrostatic. Furthermore, our results proposed a mechanism of the membrane rupture: there 

were two different types of rupture: instant rupture or observable pore formation before rupture. 
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In the latter case, transient and persistent pores were formed with size of 0.3 ~ 2.3 nm in 

diameter. Sometimes, the pores grew over time and suddenly died down.   
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Chapter 4 

4. Screening nanoparticle toxicity with lipid bilayer arrays  

4.1 Introduction  

    Since our bilayer array platform was successfully validated with NH2NP and COOHNP 

particles, we started to screen more nanoparticles against their abilities of interacting with 

membranes, further validating our bilayer array platform for the use of nanoparticle toxicity 

screening. A list of 16 nanoparticles (Table 3) was chosen for this study because of their 

industrial and biomedical applications.  

Table 3. List of nanoparticles and their applications  

Particle Applications/sources  

C60 MRI agent, drug delivery
140,141

  

Cerium oxide Industrial catalysts
142

, drug delivery
143,144

, cancer therapeutics
145,146

 

Cobalt oxide Pigments, catalysis, sensors, energy storage
147

 

Copper Inks
148

, cosmetics 

Copper oxide Antimicrobial activity
149

, semiconductor
150

, sensors
151,152

 

Erbium oxide Display monitors, optical communication, biomedical imaging
153

 

Europium oxide Phosphors, fluorescent Label
154

 

Gadolinium oxide MRI contrast agent
155

 

Hafnium oxide Refractory materials
156

, radiotherapy
157

  

Indium oxide Gas sensor
158,159

, nanoelectronics
160

, transistors
161

, photo detector
162
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Iron oxide Celluar therapy, tissue repair, drug delivery, MRI agent, hyperthermia
163

, 

wastewater purification
164

  

Lanthanum oxide Catalytic material, exhaust-gas convectors
165

, strengthening agent
166

, 

biological applications: imaging, protein and DNA detection
167

 

Platinum Catalysis, cosmetics
168

, DNA detection
169

 

Silver Antimicrobial activity
170

, wound dressings, medical instruments, paint, 

laundry detergent
171

 

Titanium oxide Food colorant, sunscreen, pharmaceuticals, cosmetics
172–174

  

Zinc oxide  Antibacterial activity
175

, semiconductor, sunscreen, facial cream, and 

anti-caner treatment
176

  

 

4.2 Materials and methods  

4.2.1 Materials  

    A list of nanoparticles (Table 3) were purchased from Nanocomposix, Inc (San Diego, CA) or 

NanoAmor, Inc (Houston, TX). 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), 1-

palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine (POPE), Cholesterol (Chol), 1-palmitoyl-

2-oleoyl-sn-glycero-3-phospho-L-serine (POPS), Cerebroside (CB), and sn-(3-oleoyl-2-

hydroxy)-glycerol-1-phospho-sn-1'-(3'-oleoyl-2'-hydroxy)-glycerol (BMP) were ordered from 

Avanti Polar Lipids, Inc (Alabaster, Alabama). Decane was from Sigma-Aldrich (St. Louis, 

MO). Acrylics, delrin films, andVHP tapes were purchased from McMaster Carr (Santa Fe 

Springs, CA). aMEM and FBS were from Life Technologies (Camarillo, CA).   
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4.2.2 Nanoparticle characterization 

    The size of the particles and the zeta potential were measured with Zetasizer. Briefly, the 

particles were prepared in the solutions which were used for bilayer experiments,  and 1 ml of 

the particle solution was transferred to a cuvette. Then the cuvette was loaded into the slot on the 

Zetasizer for measurement (Malvern). Triplicates of each measurement were conducted.  

4.2.3 Solution preparation, chip fabrication and bilayer array formation  

    Liposomes and lipid in oil solutions were prepared as described previously
132

. Usually, the 

bilayers were made in two different conditions: 80 mM NaCl, 5mM Tris-HCl, pH 4.5 or aMEM 

with 10% FBS. The bilayers were made of POPC, POPE, Chol, POPS, CB, and BMP with a 

molar ratio of 3:3:3:1:2:2. The chips for bilayer formation were also fabricated as described 

previously
132

.   

    As shown in Figure 18A, bilayers were made by following the protocol described in previous 

work 
132

 with slight modifications. Briefly, bilayers were formed by adding 450ul of 250ug/ml 

liposome solution to the outer wells of the chip, followed by 25ul of 10mg/ml lipid organic 

solution (decane) to the central well. After allowing 15 minutes for monolayer formation, 50ul of 

buffer solution without any lipid was added to the central well for bilayer formation and 

electrodes were placed into the aqueous solution in the central and outer wells for electrical 

measurement. After waiting an additional 15 minutes, 50~100 ul of liposome solution was added 

to each of the outer wells. To form bilayer arrays, two to four 8-well chips were used at a time 

(Figure 18B). The quality of bilayers was checked by applying 100/-100 mV for 10 minutes and 

the bilayers were considered good only if there was zero current passing the bilayers.    
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4.2.4 Electrical measurements of nanoparticle-bilayer interaction  

    The same measurement apparatus used in the previous work
132

 was also used here as shown in 

Figure 18B. 5.5 ul of nanoparticle solutions (250 ug/ml~1 mg/ml) was added to the central wells 

with good bilayers (Figure 18A). The final concentration of the particles was in the range of 25 

ug/ml to 1 mg/ml as specified in the result session. The particles were sonicated and vortexed to 

ensure full dispersion before use. At the same time, a control experiment in which 5.5 ul of 

buffer was added to the central wells was also conducted. Once the particles were added, a 

periodic voltage sweep composed of 70 mV for 25 seconds followed by -70 mV for another 25 

seconds was applied to the bilayers and the conductance of the bilayers was monitored all the 

time for the next two hours unless the bilayers were ruptured earlier. There were multiple 

bilayers tested for each condition and the number was denoted as “n = #” in the result session.  

4.2.5 Data analysis  

    The bilayer rupture percentage was calculated by dividing the total number of bilayers used by 

the number of bilayers ruptured.  The difference in the bilayer rupture percentage between two 

experimental groups was analyzed using two-tail Fisher’s test. If the p value from the test for the 

two groups is less than 0.05, it is concluded that there is significant difference between the two 

groups, and vice versa.  

The recorded data by Tecella was converted into text files and then transferred into Matlab 

(MathWorks) for analysis. A baseline was chosen at a value which equals to the sum of lowest 

current for a given trace and the peak-to-peak noise level. Any current above the baseline was 

noted as the opening of pores. A transient pore event was defined as a time interval between the 

first time the current is above the baseline and the immediate next time the current is below the 
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baseline. A matlab script was written to pick out the opening events, the magnitude of the peak 

current for each event, and the duration of each event. The average pore size was calculated by 

modeling the pores as electrolyte-filled cylinders.   

4.3 Results and discussion 

4.3.1 Interaction of nanopaticles with lipid bilayers  

    A library of 17 different types of nanoparticles (Table 3) was screened against their impact on 

the bilayer conductance. When a particle was screened, an equal amount of control experiments 

was also conducted. Any events including either pore formation on bilayers or membrane rupture 

that led to the bilayer conductance change were monitored for both experimental and control 

groups. A particle-membrane interaction was evaluated by comparing the difference between the 

experimental and control groups. If the difference was statistically significant and the majority of 

the control bilayers did not show change in conductance, the nanoparticle was determined as 

having interaction with lipid bilayers. As shown in Figure 30, indium oxide (In2O3), zinc oxide 

(ZnO), C60 fullerene, cobalt oxide (Co3O4), copper oxide (CuO), erbium oxide (Er2O3), europium 

oxide (Eu2O3), cerium oxide (CeO2), lanthanum oxide (La2O3), gadolinium oxide(Gd2O3) , and 

silver coated with branched polyethyleneimine (BPEI) nanoparticles interacted with bilayers, 

whereas Titanium oxide (TiO2), Hafnium oxide (HfO2), Iron oxide (Fe3O4), and Platinum and 

silver nanoparticles coated with citrate or polyvinylpyrrolidone (PVP)  did not. The interaction 

for each nanoparticle is described in detail in the following sections.  
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Figure 30. Interaction of different nanoparticles with lipid bilayers. In2O3, ZnO, C60, Co3O4, 

CuO, Er2O3, Eu2O3, CeO2, La2O3, Gd2O3, and BPEI-silver nanoparticles interacted with bilayers, 

but TiO2, HfO2, Fe3O4, PVP-Platinum, and citrate-silver nanoparticles did not. Both pore 

formation on bilayers and bilayer rupture caused by the particles were counted as particle-

membrane interactions. Bilayer composition: POPC, POPE, Chol, POPS, CB, and BMP (molar 

ratio, 3:3:3:1:2:2). Buffer: 80 mM NaCl, 5mM Tris-HCl, pH 4.5. Particle concentration: 20~500 

µg/ml. The number of bilayers tested for each particle was marked down on top of each bar in 

the graph. “X” denotes as no interaction.     
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4.3.2 Rare earth oxides (REOs) nanoparticles   

    Five different rare earth oxides: CeO2, La2O3, Gd2O3, Er2O3, and Eu2O3 were chosen in our 

study and all of them showed interactions with bilayers. The interaction was categorized into 

three types (Figure 31 & Table 4): 

Type I: Instant bilayer rupture. Bilayers were damaged instantly and no pore formation was 

observed (Figure 31B). 

Type II: Pore formation leading to bilayer rupture. Pores formed on bilayers first, and then the 

bilayers were ruptured (Figure 31C-D).  

Type III: Pore formation without leading to bilayer rupture. There were pore formation activities, 

but the pores disappeared over time and the bilayers did not get ruptured (Figure 31E-F).  
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Figure 31. Representative current recordings of bilayers without (A) and with (B-F) REOs 

nanoparticles. (A) Bilayers without nanoparticles showed 0 current under the applied voltage. 

(B) Instant bilayer rupture. (C-D) Pore formation leading to bilayer rupture. There was transient 

pore formation, followed by bilayer rupture. (E-F) Pore formation without leading to bilayer 

rupture. Transient pore formation did not lead to bilayer rupture, instead the pores were gone and 

bilayers regained high resistance. Applied voltage: 0 mV for 3 s, and then triangle wave for 180 
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ms, followed by 100 mV (A-D) or 20 mV (E-F) for 25 s and -100 mV (A-D) or -20 mV (E-F) for 

another 25 s.   

Table 4 Percentage of each interaction type for different REO nanoparticles  

Interaction type CeO2 La2O3 Gd2O3 Er2O3 Eu2O3 

I (instant rupture) 9/28, 32% 11/14, 79% 4/9, 44% 5/9, 56% 5/9, 56% 

II (pore + rupture) 15/28, 54% 2/14, 14% 5/9, 56% 4/9, 44% 4/9, 44$ 

III (pore + no rupture) 4/28, 14% 1/14, 7% 0/9, 0% 0/9, 0% 0/9, 0% 

 

 

Figure 32. Representative traces of pore formation in CeO2-bilayer interaction.  
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4.3.2.1 CeO2 

    When CeO2 was used at 500 µg/ml or 100 µg/ml, the particle broke all bilayers (n=8) 

instantly. At 20 µg/ml, CeO2 ruptured 28 out of 32 bilayers. Out of the 28 bilayers, 9 were 

ruptured instantly and 19 experienced transient pore formation (Table 4). For the 19 bilayers 

with transient pore formation, 15 were ruptured eventually while the other 4 were not (Figure 

31C-D). Instead, those 4 bilayers regained high resistance and showed zero current under the 

applied voltage (Figure 31EF). The transient pores (Figure 32) behaved like ion channels, with 

some sudden discrete step change of currents greater than 4 nA under 20 mV. If the pores were 

modeled as electrolyte filled cylinders, the diameter of the pores was estimated with the smallest 

being 1.9 nm and the largest being greater than 18.6 nm. The pore size is very close to that of 

CeO2 nanoparticles (15~30 nm). As such, we hypothesized that it was very likely that CeO2 

nanoparticles penetrate bilayers when the pores formed. Also, there was a possibility that CeO2 

nanoparticles came together on the bilayer surface and helped form pores.   

4.3.2.2 La2O3, Gd2O3, Er2O3, and Eu2O3 

    La2O3 nanoparticles also showed three types of interactions, with 11/14 or 79% for instant 

rupture, 2/14 or 14% for pore formation leading to rupture, and 1/14 or 7% for pore formation 

without leading to rupture (Table 4). Some transient pores behaved similarly to the ones in the 

CeO2 case, but the size was smaller (Figure 33). 
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Figure 33. Representative traces of pore formation in La2O3-bilayer interaction.  

Figure 34. Rerepresentative traces of pore formation in Gd2O3 ( A-B) and Er2O3 (C-D) bilayer 

interaction. Applied voltage:  (A-B), 0 mV for 3 s, and then triangle wave for 180 ms, followed 

by 70 mV for 25 s and -70 mV for another 25 s. (C-D), 70 mV for the first 22 s, followed by -70 

mV for another 23 s.  

A 

C D 

70 mV -70 mV 70 mV -70 mV 

B 
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    Gd2O3, Er2O3, and Eu2O3 only exhibited type I and type II interactions (Table 4). The bilayers 

were either ruptured instantly or damaged after showing pore formation (Figure 34). 

    Ruibin Li and coworkers recently showed that rare earth oxides including La2O3, Gd2O3, 

Er2O3, and Eu2O3 damaged liposomes by stripping the phosphate groups from lipid bilayers
177

, 

with which our results agreed. In their study CeO2 did not break the liposomes made of 

phosphatidic acid lipids in 60 mM NaCl, pH 7 buffer. In contrast, our results showed that CeO2 

interacted with 28/32 bilayers. 24/28 bilayers were eventually ruptured, while the other 4 

bilayers returned to normal after showing pore formation activities. We attributed the difference 

between our results and Li’s results to the fact that we conducted our experiments with a 

combination of 6 different lipids representing 95% of lysosomal membrane composition in 

lysosomal buffer condition: 80 mM NaCl, pH 4.5.  

4.3.4 Nanoparticles of different surface coating  

    Silver nanoparticles of either PVP or BPEI surface coating were used in our study. Our results 

showed that BPEI silver particles slightly interacted with bilayers whereas PVP silver particles 

did not (Figure 35A). 3 out of 9 bilayers interacted with both 50 nm and 100 nm BPEI particles, 

and 1 out of 9 with 10 nm BPEI particles. The particles interacted with bilayers by generating 

pores (Figure 35B), which was voltage dependent. There was pore formation under positive 

voltage but not under negative voltage. Those results were consistent with the fact that BPEI 

silver particles were positively charged and that PVP particles were negatively charged. We 

believed that the interaction between BPEI particles and bilayers was due to the electrostatic 

interaction between the positive charge on particle and the zwitterionic phosphocholine lipid 
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head. Our results also agreed with El Badawy and coworkers’ findings that the positively 

charged BPEI sliver particle was more toxic than the negatively charge PVP particles
178

.   

 

Figure 35. Interaction between bilayers and sliver nanoparticles of different surface coating. (A) 

Interaction rate of sliver-bilayer depends on the surface coating. Particles with citrate coating did 

not interact with bilayers, while particles with BPEI coating slightly interacted with bilayers. (B) 

Representative current recordings of BPEI silver particle with bilayers. The interaction was 

voltage dependent. Applied voltage: 0 mV for 3 s, and then triangle wave for 180 ms, followed 

by 70 mV for 25 s and -70 mV for another 25 s.  

    We also found that Platinum nanoparticles of 5 nm or 30 nm in diameter with sodium citrate 

coating did not interact with bilayers either (Figure 30). This result was not surprising given that 

the zeta potential of the nanoparticles is -42.2 mV, which is similar to that of COOH-NP.   

Chwalibog and coworkers discovered that platinum nanoparticles with diameter of 2-19 nm 

disintegrated the cytoplasmic membrane of Staphylococcus aureus (bacteria) and Candida 

albicans (fungi)
179

. We think the difference in nanoparticle surface coating contributed to the 

A B 
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variation of the results. In Chwalibog’s study, the nanoparticles were not coated, with a zeta 

potential of -9.6 mV. 

4.3.5 Cobalt oxide 

As shown in Figure 36, Cobalt oxide (Co3O4) nanoparticles interacted with bilayers in two 

different ways: the particles broke bilayers instantly (Figure 36A) or caused transient pore 

formation (Figure 36BC) on bilayers. Our results also showed that Co3O4 nanoparticles 

interacted with bilayers in a dose-dependent manner. When the particle concentration was at 500 

µg/ml, 90% or 9 out of 10 bilayers showed interactions with the particles. When the 

concentration decreased to 100 µg/ml, there was 20% or 2 out of 10 bilayers that were damaged, 

which was not significantly different from the control group without any particles. Therefore, 

100 µg/ml Co3O4 nanoparticles were not considered having interaction with bilayers. Among the 

9 bilayers ruptured by the particles, 7 of them were damaged instantly, with the other 2 showing 

transient pore formation before rupture. Since the transient pores opened and closed very sharply 

like ion channels, we believed that there was only one pore for each pore formation event. As 

such, the diameter of the pores was estimated at 5.4 nm (Figure 36B) or 7.8 nm (Figure 36C). 

To the best of our knowledge, there has not been any study investigating the interaction 

between Co3O4 and cell membranes or lipid bilayers although there are reports about Co3O4 

releasing cobalt ions which are more toxic to cells compared to the Co3O4 particles
180,181

. 

According to those studies, cells can uptake Co3O4 nanoparticles. Combined with our results, it 

is possible that Co3O4 particles can directly interact with intracellular membrane systems, which 

could be another aspect of the particles’ toxicity.  
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Figure 36. Representative current recordings of Co3O4-bilayer interaction. (A) Bilayers were 

ruptured by Co3O4 instantly. (B-C) Bilayers showed transient pore formation. (D) Rate of Co3O4-

bilayer interaction as a function of Co3O4 nanoparticle concentration. The interaction rate was 

90% when Co3O4 concentration was 500µg/ml, 20% at 100 µg/ml, and 3% at 0 µg/ml (control), 

respectively. The difference between 500 µg/ml and 100 µg/ml or control was statistically 

significant, whereas the difference between 100 µg/ml and control was not significant. The 

number of bilayers tested for each group was denoted as “n=number”. “**”p(Fisher’s test) < 

0.05, “*”p(Fisher’s test) > 0.05. Applied voltage: 0 mV for 3 s, and then triangle wave for 180 

ms, followed by 70 mV for 25 s and -70 mV for another 25 s.  

C D 

A B 
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4.3.6 Indium oxide  

    Research has been done to study the toxicity of Indium oxide (In2O3) nanoparticles in animal 

models and it showed that In2O3 was toxic to the lungs of Hamsters
182

. However, it is still not 

clear how In2O3 can be harmful, especially from the perspective of particle-membrane 

interaction. In our study, we tried to use our bilayer platform to probe possible interaction 

between indium oxide nanoparticles and membranes. Our results showed that In2O3 interacted 

with bilayers (Figure 37). Again, there were two different types of In2O3-bilayer interaction: 

instant bilayer rupture or pore formation followed by bilayer rupture (Figure 37). Compared to 

the control group, experimental groups with either 500 µg/ml or 100 µg/ml In2O3 showed 

significant particle-bilayer interaction. The interaction rate was 75% or 15/20 when In2O3 

concentration was 500 µg/ml, while it was 50% or 9/18 when the concentration was 100 µg/ml. 

However, there was significant difference between the two concentration groups in terms of 

particle-bilayer interaction. The pores that resulted from the interaction behaved like ion 

channels (Figure 37BD) with distinguished step changes of 4pA, 10 pA, 25 pA, and 40 pA, 

which correspond to pore size of 0.31 nm, 0.50 nm, 0.79nm, and 0.99 nm, respectively. The pore 

formation eventually led to bilayer rupture.  
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Figure 37. In2O3-bilayer interaction. (A) Rate of In2O3-bilayer interaction as a function of In2O3 

nanoparticle concentration. The interaction rate was 75% when In2O3 concentration was 

500µg/ml, 50% at 100 µg/ml, and 5% at 0 µg/ml (control), respectively. The difference between 

500 µg/ml or 100 µg/ml and control was statistically significant, whereas the difference between 

500 µg/ml and 100 µg/ml was not significant. The number of bilayers tested for each group was 

denoted as “n=number”. “**”p(Fisher’s test) < 0.05, “*”p(Fisher’s test) > 0.05. (B-D) 

Representative current recordings of pore formation in In2O3-bilayer interaction. Applied 

voltage: 70 mV. The three traces were from three different experiments.   

4.3.7 Zinc Oxide, Copper oxide, and C60 fullerene 

Zinc oxide (ZnO) also showed the ability to damage bilayers. At 100 µg/ml, ZnO broke 6 out 

7 bilayers instantly. When the concentration was reduced to 50 µg/ml, 10 out of 14 bilayers were 

A B 

C D 
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ruptured and 4 of the 10 bilayers showed pore formation prior to rupture (Figure 38). Again, our 

results agreed with multiple studies
183,184

 in which the capability of ZnO to disrupt cell 

membranes was assessed through the measurement of release of a cellular interior content, 

Lactate Dehydrogenase (LDH).   

  

Figure 38. Representative traces of pore formation in ZnO-bilayer interaction. Applied voltage: 

0 mV for 3 s, and then triangle wave for 180 ms, followed by 70 mV for 25 s and -70 mV for 

another 25 s.  

Copper oxide (CuO) showed great potency for bilayer rupture by breaking 18 out of 19 

bilayers instantly combined at 100 and 500 µg/ml. Our results also agreed with Karlsson and 

coworkers’ findings that CuO was able to induce particle-membrane interaction, possibly by 

absorbing lipids from the membrane
185

. Therefore, we hypothesize that CuO nanoparticles are 

capable of removing lipids from the membrane and generating pores that lead to membrane 

rupture.  

C60 damaged 10 out of 12 bilayers instantly. Previous work by Prylutska and coworkers also 

showed that C60 fullerenes induced pores on lipid bilayers
186

.  
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4.3.8 Titanium oxide, Hafnium oxide, and Iron oxide  

   Titanium oxide (TiO2), Hafnium oxide (HfO2), and Iron oxide (Fe3O4) were found not to 

interact with bilayers, even at a high concentration of 500 µg/ml. The results for TiO2 and Fe3O4   

agreed with Karlsson and coworkers’ findings that TiO2 and Fe3O4 did not decrease cell 

viability
187

. Researchers also found TiO2 did not strip lipids from liposomes
177

. There are also 

studies that show HfO2 is relatively non-toxic
188

.  

4.4 Conclusion 

With our lipid bilayer array platform, for the first time we have identified that CeO2, Co3O4, 

and In2O3 can break lysosomal membranes, and that Fe3O4, HfO2, and TiO2 can not. Also, our 

platform confirmed that ZnO, C60, CuO, Er2O3, Eu2O3, La2O3, and Gd2O3 can disrupt lipid 

bilayers. The data from our bilayer array platform also indicates that the ability of nanoparticles 

to destruct membranes largely depends on the surface coating. In general, positive coating like 

BPEI makes the particles more potent to membranes, and negative coating like citrate or PVP 

makes the particles safer.  

Furthermore, our results about nanoparticles’ ability to rupure bilayers are highly correlated 

with the cytotoxicity data in the literature. Therefore, our bilayer array platform has a great 

potential of being used for nanoparticle toxicity screening.  
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Chapter 5 

5. Conclusion and future plans  

5.1 Conclusion 

Firstly, we developed an artificial lipid bilayer array platform that is of high yield, scalable, 

automatable, accessible to electrical measurement, and requires minimal operator input and 

equipment. The platform has been validated with simultaneous bilayer formation and ion channel 

measurement in parallel in 32 wells with yield of about 80%. In addition, we designed a modular 

system for array and electrode placement that allowed the measurement plates and electrodes to 

be quickly removed and accurately repositioned. We manually cycled this apparatus four times, 

resulting in the formation and measurement of 120 wells at 80% yield in 80 minutes. Since 

invented in 2012, the platform has produced thousands of lipid bilayers.  

Secondly, we validated the application of our lipid bilayer platform in nanoparticle-membrane 

interaction study, using amine or carboxyl modified polystyrene nanoparticles. With our 

platform, lipid bilayers were made of lipids that represent 95% of the lipid composition of either 

mammalian plasma membrane or lysosomal membrane. Our results confirmed that in general 

amine modified polystyrene nanoparticle (NH2-NP) has the ability to damage lipid bilayers and 

that carboxyl modified polystyrene nanoparticles (COOH-NP) does not. Factors including ionic 

strength, particle concentration, bilayer charge, and pH were investigated regarding their impact 

on NH2-NP – bilayer interaction, which led to the conclusion that the particle-bilayer interaction 

is electrostatic. Our results also showed that NH2-NP does not break plasma membrane but 

lysosomal membrane because serum proteins outside plasma membrane bind to the 

nanoparticles. For the first time, we discovered that NH2-NP ruptures bilayers by generating 
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either transient or persistent pores on bilayers. Deep pore analysis showed that the pore size was 

significantly affected by the ionic strength and voltage orientation, modestly by bilayer charge, 

and slightly by voltage magnitude.  

Thirdly, we conducted nanoparticle toxicity screening with our bilayer array platform. For the 

first time we identified that CeO2, Co3O4, and In2O3 can damage lysosomal membranes, and that 

Fe3O4, HfO2, and TiO2 cannot. Also, our platform confirmed that ZnO, C60, CuO, Er2O3, Eu2O3, 

La2O3, and Gd2O3 disrupt lipid bilayers. The data from our bilayer array platform also indicated 

that the ability of nanoparticles to destruct membranes largely depends on the surface coating. In 

general, positive coating like BPEI makes the particles more potent to membranes, and negative 

coating like citrate or PVP makes the particles safer. Our results about nanoparticles’ ability to 

rupture bilayers are highly correlated with the cytotoxicity data in the literature. Therefore, our 

bilayer array platform has a great potential of being used for nanoparticle toxicity screening. 

In summary, we have invented an easy and high yield lipid bilayer array platform, successfully 

demonstrated its application in nanoparticle-bilayer interaction study, and finally discovered that 

some nanoparticles can damage lysosomal membranes.  

5. 2 Future plans   

Moving forward, there should be more efforts for both technology advancement and 

application demonstration. For the bilayer array platform, we plan to miniaturize the system 

based on our core principle of forming bilayers via simple fluid addition. To miniaturize the 

system, we would like to utilize fabrication technologies
189,190

 to make apertures less than 10 µm. 

Meanwhile, other elements of our normal chip for bilayer formation will also be scaled down 

using microfluidic technologies. The miniaturized system will potentially offer several benefits: 
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(1) Lower noise level; (2) Smaller working volume. The low noise is very critical for stochastic 

sensing, especially DNA sequencing
86

. Small working volume helps reduce the consumption of 

materials used for bilayer formation, especially for some precious chemical for ion channel drug 

screening. For nanoparticle study, we plan to screen more nanoparticles and meanwhile dig deep 

to probe the mechanism of particle-bilayer interaction. The nanoparticles for the next round of 

screening will include non-metal elements such as Si and SiO2. We discovered that CeO2, Co3O4, 

In2O3, ZnO, C60, CuO, Er2O3, Eu2O3, La2O3, and Gd2O3 damage bilayers. Next, we would like to 

investigate why they are potent to bilayers by varying conditions including ionic strength, bilayer 

charge, pH, and serum. In addition, we also want to use cell assays such as hemolysis and 

cellular content release to confirm the findings from our lipid bilayer arrays.  
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