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The advent of personalized medicine will require biosensors capable of reliably detecting

small levels of disease biomarkers. In microarrays and sensors for nucleic acids, hybridization

events between surface-tethered DNA probes and the nucleic acids of interest (targets) are

transduced into a detectable signal. However, target-binding ultimately occurs as a result

of molecular motions and interactions between the probe and target at the nanometer scale,

and common characterization methods either lack the resolution to characterize the sensors

at this scale or provide only limited information about their interactions with their nanoscale

chemical environment.

In this dissertation I argue that an impediment to the development of more reliable and prac-

tical biosensors is the lack of knowledge and control of the nanometer length-scale structure

of biosensor surfaces, which has a profound impact on molecular recognition and reactions

for detection. After reviewing the fundamental surface chemistry and structural motifs of

biosensors in Chapter 1, in Chapter 2 I use electrochemical atomic force microscopy (EC-

AFM) to characterize in situ a common class of model nucleic acid sensors—thiolated DNA

attached to a gold electrode which has been passivated by an alkanethiol self-assembled

monolayer—with single-molecule resolution. This level of detail allows me to observe both
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the conformations of individual probes and their spatial distribution at the nanoscale, then

determine how these are affected by assembly conditions, probe structure, and interactions

with co-adsorbates. I also determine how these nanoscale details affect the dynamic re-

sponse of probes to electric fields, which have been commonly used in sensing schemes, and

ultimately the ability of the surface-tethered probes to bind with target nucleic acids.

In Chapter 3, I demonstrate and optimize the nanoscale patterning of individual DNA

molecules into isolated, chemically well-defined niches on the surface, and the use of these

patterned probes as a single-molecule ‘nano-array’ able to bind with target nucleic acids.

Additionally, an outstanding issue is the expense of the high-quality substrates used in these

studies. In Chapter 4, I discuss the development of single-crystal gold micro-plates with

controllable surface chemistries as high-quality substrates for biotechnological platforms at

a fraction of the cost.
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Chapter 1

Underlying principles of biosensors,

their surfaces, and their

characterization

It is a good thing, therefore, to make short excursions now and
then to the bottom of the sea among dulse and coral,... or even
to creep like worms into dark holes and caverns underground,
not only to learn something of what is going on in those out-
of-the-way places, but to see better what the sun sees on our
return to common every-day beauty.

John Muir, In the Sierra Foot-Hills

1.1 Scope of the dissertation

A ‘biosensor,’ as used in this dissertation, is a two-dimensional device whose purpose is to

bind to a specific biological or bioactive molecule (target) from a liquid sample, then to

transduce the molecular recognition events between the targets and target-binding (probe)
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molecules on the device surface into a detectable readout [158, 283, 234]. Since the se-

quencing of the human genome, the ability to detect and quantify the presence of specific

oligonucleotides using nucleic acid sensors or microarrays has been the subject of an increas-

ing emphasis for their use in diagnostic and preventative medicine. However, their reliability,

sensitivity, and selectivity must be substantially improved before their widespread clinical

adoption [287]; over the course of this dissertation I will argue that nucleic acid sensors

with the ultimate sensitivity will require control over the nanoscale structure of the probe

molecules and their local chemical environments on the surface. Ultimately, the nagging

issues of biosensor reproducibility and lifetime are expected to be questions of the stability

of molecules on the surface, of prevention of fouling or non-specific interactions between

the surface and probes, and of heterogeneity in probe distributions and interactions at the

surface. Understanding the molecular-scale origin of these failings can provide new routes

to develop sensors with improved performance.

First, we have characterized surfaces of model nucleic acid sensors and the nanoscale and

with ‘single probe’ resolution (Chapter 2). Nucleic acid sensors had not been studied at this

scale before; this level of detail allows us to reexamine some of the proposed molecular-scale

mechanisms of how these sensors operate and provides new insights into how the devices may

be optimized. Building off these findings, we then devote our attention to the question of

how to engineer sensor surfaces with controlled nanoscale chemical environments around each

probe molecule on the surface (Chapter 3). This is achieved using a variation of scanning

probe lithography (described below), which allows us to generate ‘nano-arrays’ of individ-

ual probes patterned with nanometer resolution on the surface. Lastly, we then attempt to

improve the substrate of the biosensor itself by developing inexpensive and chemically well

defined gold microplates (Chapter 4). Applications and advantages of these plates will be

demonstrated below. All together, we seek to develop a ‘toolbox’ to characterize and ma-

nipulate individual biomolecules on sensor surfaces for the purpose of correlating predefined

nanoscale structure to biosensor performance.
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Organization of this chapter

The ability to detect oligonucleotides of a specific sequence or specific bioactive markers is

often achieved using some of the natural self-assembly and molecular recognition reactions

found in biological systems—such as oligonucleotide base-pairing, protein-protein interac-

tions, and antibody-antigen interactions [287, 82, 226] —by tethering biological molecules to

the sensor surface as the probes. In this dissertation I will focus my attention on nucleic acid

sensors based on DNA probes tethered to gold [100]. The purpose of this Chapter is to review

some of the background material which will inform our characterizations and engineering of

nucleic acid sensor surfaces at the nanoscale. Section 1.2 will discuss the fundamental chem-

istry and physical interactions at gold surfaces, and their implications and advantages in

biosensor devices. Section 1.3 will provide a more in depth look at the assembly, operation,

and function of biosensor surfaces, in particular those of nucleic acid sensors. In Section 1.4,

I discuss the operating principles and imaging techniques of atomic force microscope (AFM),

which will be used extensively throughout the dissertation, and discuss why AFM is uniquely

suited to characterize and manipulate biological molecules at solid-liquid interfaces.

1.2 The nature of the electrochemical interface of gold

electrodes

Gold as a substrate material has a number of practical advantages [165] over other com-

mon substrates (glass, Si, etc.) [287] in nucleic acid sensors: gold is relatively resistant to

oxidation; has desireable electrode characteristics over the potential window where many

biomolecules can be interrogated; and possesses a number of simple, strong and verstatile

chemistries to couple probe molecules to the surface. These exceptional properties have made

gold an attractive substrate in sensors based on electrochemical reporters. Gold can support
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surface plasmons and has been used in sensors based on surface plasmon resonance (SPR)

[97, 144, 195]. Thin (approximately below 30 nm) layers of gold are optically transparent

and sensors based on fluorescent readouts are also possible [269], if spacer molecules are

introduced to reduce quenching of fluorescence by the metallic surface [138]. We also note

that in addition to the surface of bulk gold metal, colloidal gold nanoparticles may be used

[190, 106], for example in colorimetric-based readout in sensors [148, 187, 268], which can

provide a significant cost advantage over what is otherwise an expensive substrate material.

Here I will briefly overview some of the fundamental aspects of the surface structure of gold,

the gold-electrolyte interface, and how different molecules adsorb onto the gold surfaces.

1.2.1 The atomic structure of a crystalline gold surface, particu-

larly the Au(111) facets

Gold possesses a face-centered-cubic crystal structure [235], and the Au(111) crystal plane

is the most thermodynamically stable [235, 88] surface plane. For use in practical devices,

rather than using a solid gold substrate often a thin layer of gold is evaporated onto a solid

support such Si or glass due to cost concerns. Individual grains of flat gold facets of Au(111)

from thin gold deposited onto Si or mica, for example, range from 10s - 100s nm in size [279].

While large (cm) single-crystal gold substrates are available, with the notable exception of

Chapter 4 for most of the dissertation we use a gold bead prepared by the method of Clavilier

et al. [44], where the end of the wire is melted and annealed to produce large Au(111) facets

10s - 100s of µm in dimension with few atomic steps. Our work in engineering high-quality

gold microplates possessing micron-scale Au(111) facets is described in Chapter 4 as an

inexpensive alternative to bulk single-crystal gold substrates.

Gold atoms at the surface find themselves in a significantly different chemical environment

than those in the bulk [132, 133]; they are not entirely close-packed along all sides, and the
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imbalance of stabilizing interactions results in a compression of the Au(111)(1 × 1) surface

phase to a reconstructed phase Au(111)(22×
√

3) which is 4.5% denser, with 23 gold atoms

along one axis rather than 22. The reconstructed phase consists of corrugated, alternating

stripes of hexagonal-close-packed and face-centered-cubic phases in a ‘herringbone’ structure

[11, 170]. The reconstructed phase can be lifted back to the Au(111)(1 × 1) phase by the

introduction of adsorbates [114, 171] or electrochemical potentials [132], upon which the

extra gold atoms are ejected to the surface and can laterally diffuse to form stable islands

one atom thick [235, 26].

1.2.2 The nature of the electrochemical interface of gold elec-

trodes

At a solid-electrolyte interface, ionic species in solution will rearrange in response to charges

on the surface. A surface charge can be induced by adsorption of charged species or electrode

potential. The structure of the electrolyte distributions near the interface can be described

by the Guoy-Chapman-Stern theory [111] at low ionic strengths: i) at the interface is a

compact layer (the Stern layer) of ions across which the potential at the electrode surface

(relative to the solution potential) decays sharply, then ii) a local enrichment of counter

electrolytes in the solution near the interface (relative to the bulk solution) across which the

surface potential decays more slowly. Hence this structure is referred to as ‘electric double

layer’. Above the Stern layer (in the ‘diffuse layer’), the ions are distributed at a distance

x above the compact layer according to the solution of the Poisson - Boltzmann equation,

balancing entropic and electrostatic considerations:

−ε0εs
d2ψ(x)

dx2
=
∑
i

nizie exp(−zeψ(x)/kBT ) (1.1)
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where ε0 and εs are the vacuum permitivity and relative permitivity of the solution, ψ is the

electrostatic potential, and ni is the number of ions of type i with charge zi · e, e being the

elementary charge. kBT is the thermal energy.

For low to moderate surface potentials the solution of the Poisson-Boltzmann equation can

be approximated by the Debye-Hückel theory [111]:

ψ(x) ≈ ψD exp(−κx) (1.2)

where ψD is the diffuse layer potential and κ−1 is the Debye length (defined in Equation 2.7

in Chapter 2). We note that as a result of the rapid decay of the potential, the magnitudes

of electric fields close to the surface can be quite large, on the order of 106 − 108 V/m

(i.e., see Figure 2.29) and that the behavior (adsorption, diffusion coefficient, or orientation)

of molecules close to the surface will be strongly influenced by the field. Applications of

Equation 1.1 will be discussed throughout to interpret the effects of applied potentials on

surface-tethered DNA.

1.2.3 Adsorption onto Au surfaces

A number of ions are known to spontaneously (specifically) adsorb onto an Au(111) sur-

faces when immersed in a solution containing that species [10, 235, 168]. In particular,

amines, phosphines, thiols, and halogens that are weakly solvated are known to form strong,

covalent-like interactions with the gold surface; the strength of gold-thiol interactions are

approximately 40 kcal/mol ([142], also reviewed in [165]). On the other hand, sulfate, chlo-

ride, and perchlorate interact more weakly with gold, depending on the surface potential.

Specific adsorption of ions is known to affect the potential of zero charge (pzc) and other

electrochemical properties of the surface [111, 205].
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The (non-specific) physisorption of larger molecules is largely governed by van der Waals or

entropic interactions and generally weaker (< 40 kJ/mol) [154]. Of particular concern, the

cores of many biomolecules (such as proteins or DNA) will adsorb onto gold via hydrophobic

interactions, denaturing the biomolecule in the process [202]. Passivation of gold surfaces

in sensor applications to prevent this occurrence is discussed later. Interactions between

adsorbed molecules as well as those between adsorbed molecules and the surface [251] will

also be discussed later.

Self-assembled monolayers (SAMs) of alkanethiols on gold

A particularly important case of adsorption onto gold within the context of biosensor appli-

cations is that of ω-funcationalized alkanethiol self-assembled monolayers (SAMs) (Figure

1.1); in this dissertation we focus entirely on ω-funcationalized alkanethiolates and the ‘ω’

is dropped for the sake of brevity. An ordered, dense layer at the gold interface where

the thiol head-groups of the alkanethiols forms a commensurate (
√

3 ×
√

3)R(30◦) struc-

ture [200, 201, 198] atop the gold while the alkane chains are oriented approximately normal

(≈30◦ off of the normal, depending on the functional ‘tail-group’) [58] and laterally stabilized

through (inter-alkane chain) van der Waals interactions [8]. By controlling the functional

group of the alkanethiol tail-groups at the interface with the solution, a number of surface

properties (charge, hydrophobicity, etc.) can be modulated and tailored to applications in

sensing. The assembly of alkanethiol self-assembled monolayers onto a bare gold surface has

been observed to occur in stages over the course of several hours when the gold is immersed

into micromolar solutions [199, 291]: i) strong bonds between the thiol head-groups and the

gold surface promote the initial adsorption of the alkanethiols lying flat on the surface; ii)

as the surface density increases, the alkane chains are forced up off the surface (though the

gold-sulfur bond is quite strong, it has also been found to be labile [223], allowing the alka-

nethiols on the surface to diffuse and form more thermodynamically stable structures); iii) as
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Figure 1.1: Schematic of an alkanethiol self-assembled monolayer. Individual alkanethiolate
molecules adsorb onto gold via strong Au–S bonds. As the concentration of alkanethio-
late molecules increases on the surface, a close-packed, crystalline monolayer is stabilized
by alkane-alkane interactions. The monolayer structure can provide a chemically well-
defined electode-solution interface by tailoring of the tail-group (terminal) of the alkanethiol.
Reprinted with permission from [165]. Copyright 2005 American Chemical Society.

the surface density is further increased, a dense and highly-ordered self-assembled monolayer

(SAM) is formed. Additionally, the formation of an ordered alkanethiol SAM from solution

requires significant restructuring of the gold surface in the process: reconstruction of the

bare gold surface is lifted, and as the surface density of alkanethiols increases —two thiol

molecules bind to a single gold adatom in a compact alkanethiol monolayer [171, 172] —the

gold surface is etched as additional gold adatoms are ejected to the surface [123, 122].

The inter-alkane chain interactions significantly increase the stability of the alkanethiol mono-

layer; measurements from temperature programmed desorption have estimated that the alka-

nethiols are stabilized on the surface an additional ≈ 1.5 kcal/mol for each methylene group

[143, 189]. In electrochemical desorption of SAMs, the desorption potentials depend on the

length of the alkane chain, as does the quality of the monolayer. The capacitance of the

SAM on the electrode provides a qualitative measure of the degree of order within the SAM.

For 11-mercaptoundecanol (C11OH) or 6-mercaptohexanol (MCH), two common alkanethi-

olates used in biosensing applications (discussed in the next chapter), the capacitances of
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the monolayers range from ≈ 2 – 4 µF/cm2 [279]; for comparison the differential capacitance

[111] of the electrical double layer of gold under 1 × 10−3 M KClO4 is ≈ 15µF/cm2 [266].

The SAMs are crystalline and largely impermeable to electrolytes [206], however, as a result

of mismatches between domains (tilted in the same direction) as well as the monoatomic

etch pits and islands on the underlying gold surface, defects have been observed to form

within the SAM (reviewed in [198, 43, 165]) (Figure 1.2). Individual alkanethiol molecules

may be missing from the SAM (pinhole defects), or at the boundary between alkanethiols

with different tilt angle linear defects may occur. The defects have been known to affect

electrochemical reactions at the surface as electroactive species may have direct contact with

the gold electrode at these sites rather than interacting through the monolayer [40]. These

defects can be minimized by annealing the SAM after growth. The role of defects in sensor

applications will be discussed in more depth in Chapter 2.

Figure 1.2: Representation of the varieties of defects known to form within alkanethiol
self-assembled monolayers as a result of mismatches in crystallinity of the monolayer and
imperfections on the gold surface. Reprinted with permission from [165]. Copyright 2005
American Chemical Society.
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1.3 The surfaces of biosensors and biotechnological sub-

strates

1.3.1 Biosensor function and operation, in particular nucleic acid

sensors

In microarrays, a micron-sized pattern containing probes of a specific sequence is ‘spotted’

onto a surface at a precisely known location [287]; several thousand spots containing probes of

different sequences can be deposited on the same surface to detect multiple oligonucleotides

from the same sample in parallel. To detect the presence of a target molecule, the oligonu-

cleotides in a sample are first chemically labeled with fluorophores, then exposed to the

microarray for several hours (Figure 1.3). The presence of a target oligonucleotide in the

sample is detected by an increased fluorescent signal at the spot with complementary probes.

There are several disadvantages to these ‘labeled’ nucleic acid detection schemes, notably

that they can often only allow the detection of the target in the sample, not a quantification

of the amount of target originally in the sample. Furthermore, the labeling steps can be

both time- and labor- intensive.

On the other hand, ‘label-free’ (target) sensing schemes can allow the direct detection of

a target molecule from the sample [158] without prior labeling of the target. While these

sensors are referred to as ‘label-free’, this aspect refers specifically to the target molecules;

however in some schemes the probe molecules may be labeled in a way to produce a signal

upon binding to the target. A common motif in ‘label-free’ sensors is the detection of the

structural differences between probes before and after it binds to a target; depending on

the sensitivity of the detection scheme, the probe may also be unlabeled as well. A second

common motif relies on the release of an ‘inhibitory’ label on the probe upon binding to the

target, allowing the detection of a readout from the ‘signaling’ label on that probe. Therefore,
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Figure 1.3: Schematic of the DNA microarray operation. Single-stranded DNA probe
molecules (green) are firmly attached to a surface at one end. Target molecules (orange)
which have been labeled with fluorescent molecules will bind to the probes on the surface if
the probes possess a complementary sequence. The presence of target strands in the sample
is determined by an increase of fluorescence at the sites where the probes were patterned.

prior to discussing the details of nucleic acid sensor operation in detail, we would be best

served by first discussing the physical properties and binding (hybridization) mechanisms

between nucleic acids.

Physical properties and structure of nucleic acids

Nucleic acids are hetero-polymers consisting of four nucleotides (nts)—adenine (A); thymine

(T); guanine (G); and cytosine (C)—in a specific sequence [19, 229]. For DNA (deoxyribonu-

cleic acids), the nucleotides are connected by a phosphoester bond from the fifth carbon of

the deoxyribose of one nucleotide to the third carbon of the deoxyribose of another; hence the

two ends of a DNA strand are referred to as the 5’- and 3’- ends. In standard Watson-Crick

base-pairing, apposed A and T as well as G and C will form strong non-covalent interac-

tions or base-pairs (bps). The resulting product of two anti-parallel olignucleotides with

many ‘complementary’ base-pairs is the formation of hybridized ‘double-stranded’ (B-form)

nucleic acids, which under common biological conditions predominantly will form a double

helix structure. The double helix possesses two hydrophilic, negatively-charged phosphate

backbones, with a hydrophobic interior. The width of the resulting double-stranded DNA is

11



2.5 nm, with a separation of approximately 0.3 nm between stacked base pairs [19]. Further-

more, the bases are exposed to solution along unequal (major and minor) grooves at either

side of the base-pair. The negatively charged phosphate backbone has a strong influence on

the resulting conformations of the DNA molecule. Double-stranded DNA remains a very

rigid polymer with a persistence length of approximately 50 nm under physiological ionic

strengths [65, 197, 281]. Single stranded DNA is much more flexible, with a persistence

length closer to 3 nm [184]; in the presence of divalent cations single stranded DNA is known

to condense into small bundled structures. The stark differences in backbone charge, rigid-

ity, and length of single and double stranded DNA is often exploited to determine whether

probes have hybridized in label-free sensors.

The thermodynamics of base-pairing of nucleic acids have been well-studied for the past

several decades [115, 105], such that for two oligonucleotides the temperature below which

the formation of double-stranded DNA becomes favored can be readily predicted. The

kinetics of nucleic acid hybridization reactions has also been characterized extensively [275].

However, the energetics [110, 227, 270] and hybridization rates [73] of target-binding has been

postulated to be perturbed by the adsorption of the probe to the surface. It is difficult to

experimentally determine the exact effects of tethering the probe to the surface or decouple

these effects from inter-probe interactions, for example, because the interactions between the

DNA and with the surface are not well characterized—we will explore these interactions and

the effects of the nanoscale environment around the probes on hybridization rates extensively

in Chapter 2.

1.3.2 How nucleic acid sensors are generally assembled

For microarrays [82, 98], the micron-sized patterns of probes can be spotted onto the surface

then dried in air. An alternative method involves the direct production of probes on the
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surface using optically-directed synthesis of oligonucleotides at different locations. In these

and the ‘label-free’ sensors described below, the probes must be strongly, often covalently,

attached to the surface to prevent their desorption during the washing steps that are per-

formed to remove non-specifically adsorbed targets. This is often achieved by first coating

the surface with a reactive (alkanethiol or silane, depending on if the substrate is gold or

glass, respectively) monolayer and functionalizing the probe strand with a moiety which will

covalently attach to the SAM; a common SAM-moeity coupling schemes includes reactions

between aminated DNA molecules with carboxylic acid terminated SAMs with 1-Ethyl-3-(3-

dimethylaminopropyl)carbodiimide (EDC) in the presence of succinimide ester (NHS) [226].

Probe molecules may also be biotinylated to bind tightly to non-specifically adsorbed strep-

tavidin molecules. The direct thiolation of the probes can result in strong attachment of the

probes to gold surfaces via Au-S bonds, which we use extensively in this dissertation.

A number of label-free methods detect the binding of probes to targets by observing the

resulting change in mass or surface charge density. Common detection schemes measure

the resonant frequency of surface plasmons of the gold, which is sensitive to the change in

the dielectric constant of the surface layer due to the binding of the targets [195, 102], or

changes in the resonance frequencies of quartz microbalances [284, 140] or microcantilevers

[70] coated with probe strands. Field-effect transistor-type devices can detect differences

in the charge density of probes at the device gate [238, 241]. Often label-free methods

rely on the detection of a structural change of the probe upon binding to a target [158].

The proximity of a fluorophore to a gold surface will quench fluorescent emission, and if

placed on a surface-tethered single-stranded probe, the fluorophore will remain close to the

surface; upon hybridization, the double-stranded probe-target complex forms a rigid double

helix structure which can increase the average distance of the fluorophores away from the

surface, resulting in an enhancement of fluorescent emission. Other sensors rely on the

distance-dependence of electron transfer rates of electrochemical moieties placed at the end

of a probe molecule, which can be monitored as a change in current as the targets bind
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to the probes [57]. Additionally, some label-free detection schemes rely on the controlled

release of a moiety which inhibits fluorescent emission or interferes with electron transfer

upon target-binding. This can be achieved by pre-hybridizing a fluorescently-labeled probe

to an oligonucleotide with the inhibiting molecule which possesses a lower affinity with the

probe strand than the target; the targets will displace the oligonucleotide and the fluorescent

emission increases. The hybridization between the probe and target can also be recognized

by an enzyme which can specifically cleave the molecules containing the quenching moiety

[159]. Often the detection sensitivity of these methods is reported to be approximately in

the pico- to femto- molar range [287].

Passivization of nucleic acid sensors

As mentioned above, the hydrophobic cores of biomolecules tend to adsorb and denature

on gold surfaces. This will also result in non-target oligonucleotides binding on the surface

of the device, which can decrease the signal-to-noise ratio. To prevent this, some groups

use a non-specifcally adsorbed ‘blocking proteins’ such as albumin to coat the surface and

prevent target adsorption. The surfaces may also be passivated by self-assembled monolayers

SAMs with hydrophillic tail groups. Two particular cases are those of hydroxyl-terminated

alkanethiols [100, 276] which are commonly used in nucleic acid sensors and those of oligo-

or poly-ethylene glycol (PEG) terminated monolayers [202]. The structure of hydroxyl-

terminated alkanethiol monolayers in nucleic acid sensor surfaces is characterized in detail

in Chapter 2. In Chapter 3 we opt to use PEG-terminated monolayers.

Characterization of nucleic acid sensor surfaces

While here we focus on nucleic acid sensors, many of our findings can be related to other

protein sensors for example, based on similar designs and with similar challenges [82]. In
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the next section we will discuss the atomic force microscope, which we argue is the ideal

instrument for examining these issues with molecular-level resolution.

1.4 Atomic force microscopy (AFM) to probe the nanoscale

structure of surfaces

1.4.1 What is atomic force microscopy, and what it can and cannot

reveal to the microscopist

Atomic force microscopy (AFM) is a scanning probe microscopy technique capable of pro-

viding real-space topographical images of a sample surface with (sub-)nanometer resolution.

The first demonstration of atomic force microscopy was reported by Binnig et al. [18] in

early 1986. The detection of forces by a scanning probe was first seen as an unintended

side effect of scanning tunneling microscopy (STM) studies. However, the direct detection

of forces between a sample and an extremely sharp tip (radius of curvature ≈ 3 − 20

nm) rather than detection of tunneling current through a sample has several advantages.

Most importantly, there is no requirement that the sample be conductive. This allows for

high-resolution imaging of biological materials which are often not conductive enough for

STM. AFM tips are also referred to as AFM probes (hence ‘scanning probe’ microscopy),

but to avoid confusion with the DNA probes on sensor surfaces we will attempt to avoid this

usage.

During operation of an atomic force microscope [116], a sharp AFM tip which has been

mounted on a short (microns long) cantilever of silicon, silicon nitride, or silicon oxide is

serially rastered across a sample surface by a piezoelectronic scanner, line-by-line (i.e. see

Figure 2.41). The axis of a single line scanned is referred to as the ‘fast scanning’ axis,
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and in the atomic force microscope used in this dissertation the rate of scanning along this

axis typically ranged from 0.5 - 2 lines/sec for lines between 100 nm and 2 µm. The ‘slow

scanning’ axis refers to the axis perpendicular to the fast scanning axis where the next line

is scanned; typically 256 to 512 lines are scanned in this direction, with the same number

of pixels in the fast scanning axis recorded. During scanning the deflection of the cantilever

is determined (often) by monitoring the deflection of a laser beam focused onto the back

of the cantilever (see Figure 1.4). Because the spring constant of the the cantilever can be

estimated (see below), the forces between the tip and the surface can be measured in this way.

During ‘contact’ or ‘constant force’ mode imaging [18], the tip is held in direct contact with

the surface; controlled by a feedback loop with piezoelectric control of the distance between

the cantilever and the surface, the piezoelectric scanner attempts to maintain a constant

deflection of the cantilever as it is rastered across the surface. The vertical displacement

of the scanner at a given point along the scan is indicative of the short-range forces felt by

the tip, often the result of changes within the topographical heights of the features on the

surface. Further, the torsion on the cantilever during scanning can reveal frictional forces

felt by the tip during scanning. During ‘tapping mode’ or ‘intermittent contact’ imaging

[204, 94], the cantilever oscillated by the piezoelectric scanner. During tapping mode, the

tip only comes into contact with the surface once an oscillation cycle, which is significantly

less perturbing to the sample than contact mode, and oscillation amplitude is damped by

both short-range and longer-range interactions with the surface. By attempting to maintain

constant cantilever oscillation amplitude by controlling the distance between the cantilever

and the sample the topographical height of the sample is can be obtained by the scanner

position. The phase [45] of the oscillating cantilever as it is rastered across the surface

can also reveal how energy is dissipated in the material, and therefore about the material

properties of the sample, although interpretation of this information is more ambiguous.

Despite the potential for high resolution imaging, there are a number of limitations to this

imaging technique. Except in specific cases of non-contact mode AFM [247], AFM provides
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Figure 1.4: Experimental setup for electrochemical atomic force microscopy used in most
experiments. The contents of the liquid cell can be controlled via fluid inlet and outlet,
and the surface potential controlled through connections to an external potentiostat. A
Pt/Ir counter electrode and a small low-leakage Ag/AgCl reference electrode (note: unless
explicitly stated, all potentials reported in this dissertation are relative to Ag/AgCl) are fit
within the fluid cell.

no chemical information about the sample being imaged, only the interactions between the

surface and the tip; additional clues must be obtained to unambiguously assign a topographi-

cal feature a chemical identity. The finite width of the tip will result in the apparent widening

of features (‘tip convolution’) so care must be taken in measuring the size of features on the

surface [116]. Furthermore, the interactions with tip during imaging may significantly per-

turb or deform the sample, particularly soft biological samples. The piezoelectric scanning

needs a finite period of time to respond to changes in topography as the tip is rastered across

the surface; artifacts may be produced or the sample damaged if the tip is scanned across the

surface too rapidly. As a result, AFM has in general been considered a slow imaging tech-

nique which can only resolve features which remain stationary over the time during which
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the tip passes over it.

Specific challenges stemming from these limitations in looking at biosensor surfaces and our

approaches to these problems will be discussed in Chapter 2.
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Chapter 2

The nanoscale structure and

dynamics of nucleic acid sensors

They grip the ground as though they liked it, and though fast
rooted they travel about as far as we do. They go wandering
forth in all directions with every wind, going and coming like
ourselves, traveling with us around the sun two million miles
a day, and through space heaven knows how fast and far!

John Muir, John of the Mountains

2.1 Molecular-level questions and challenges in the study

of nucleic acid sensors

In nucleic acid sensors and microarrays, hybridization events between surface-tethered DNA

probes and the nucleic acids of interest (targets) are transduced into a detectable signal.

While the thermodynamics and kinetics of nucleic acid hybridization in bulk solution are

well-established, hybridization on surfaces remains far less understood and controlled. On
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the surface, the probe molecules find themselves in a nanoscale chemical environment that

significantly departs from a homogeneous solution [110]. For example, in a common family

of nucleic acid sensors (Figure 2.1), thiolated DNA probes are attached to a passivating

hydrophilic alkanethiolate self-assembled monolayer (SAM) [100]. Significant inter-probe

interactions are not unexpected given the high local concentration of the immobilized probes:

30 to 300 mM (assuming a typical surface density of 1012-1013/cm2 and a layer thickness of

5 nm).

Figure 2.1: Schematic of the structure of a model nucleic acid sensor surface. DNA probes
are tethered by a hexanethiol linker (C6SH) to a gold electrode surface which has been
passivated by a 6-mercaptohexanol (MCH) monolayer.

A current bottleneck for a quantitative understanding of how the sensors function and can

be optimized is the reliance on surface characterization techniques that record averaged

properties over micron-scaled areas of the surface. While the binding of target molecules

to probes is a result of molecular motions and interactions at the nanoscale, many of the

common methods to characterize the structure of the surface, such as fluorescence [285]

[285], surface plasmon resonance [195] [195], second harmonic generation [21], quartz crystal

microbalance [32], and electrochemical methods [242, 57], do not have the ability to determine

the distribution of probes on the surface or their conformations at this resolution. As a result,

a clear picture relating the molecular-scale properties of nucleic acid sensors to their target-

binding or signaling function has yet to emerge. For example, considerable theoretical [285,

242, 35, 286] and experimental efforts have gone to improving the sensitivity and selectivity
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of the sensors by systematically modulating surface probe density [195, 242, 215, 276]; probe

structure [243, 167, 194]; and probe-surface coupling method and surface chemistry [276, 284,

78, 75, 183, 274]. The results of these alterations to the sensor assembly process are often

reported as changes in average probe densities, DNA monolayer thickness, and orientation

[207, 99, 285, 293, 119, 236] and their effect related to any observed changes in target-binding

or signaling. Inter-probe and probe-target interactions are expected to be highly sensitive

to the interactions with the local chemical environment around each probe [285], which may

be heterogeneous at the nanoscale, and the average properties are only crude indicators of

such interactions. Often, the molecular-scale structure of the probe surface is even inferred

by the resulting target-binding kinetics or sensitivity, rather than the other way around.

Hence, our ability to rationally design effective biosensors would be greatly improved if

we could (i) directly determine their nanoscale structure (distribution and conformations

of individual probes, and their interactions with their chemical environment), (ii) connect

how these nanoscale properties were affected by choices in sensor design (probe structure,

assembly method, etc.), and (iii) determine how they contribute to the ability of the probes

to operate (bind to targets or perform signaling reaction) effectively.

Goals and central hypothesis of this chapter

The purpose of this chapter is to perform a nano/molecular-scale characterization of a nu-

cleic sensor surfaces, then compare what is known about the macro/microscale-structure and

activity of nucleic acid sensors with nanoscale phenomena (summarized in Figure 2.2). To

do so, the challenges associated with locating DNA on a sensor surface with nanometer reso-

lution in situ and resolving the conformations and orientations of individual probes must be

overcome. We proposed that by carefully controlling the quality of the substrate, fine-tuning

the interaction of the probes with the surface, and judicious selection of surface chemistry,

probe structure, and sensor assembly method, we could directly observe the DNA molecules
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on the surface using electrochemical atomic force microscopy (EC-AFM) with single-molecule

resolution. Having demonstrated the resolution of individual DNA molecules on a model nu-

cleic acid sensor surface, we can then approach a number of questions (described below)

first relating sensor design choices to nanoscale properties on the surface and then to sensor

function. Such relations can not be determined using standard (ensemble) characterizations.

In this chapter we focus on a model nucleic acid sensor surface (Figure 2.1)—that of thio-

lated DNA on a gold electrode passivated by an alkanethiol self-assembled monolayer (SAM)

[100] —for several reasons (described above): briefly, because atomically flat, high-quality

substrates can be generated; well-defined surface chemistries are readily available and well

studied; electrochemical control of the surface allows us to dynamically modulate the in-

teraction between the probes and the surface on demand, and gold electrode surfaces are

often used in electrochemical-based biosensors; and the surface is commonly used as a model

substrate in the field and is expected to inform other classes of biosensors.

The chapter is organized as follows:

• Section 2.1 provides a background of the challenges associated with resolving individual

DNA molecules on sensor surfaces at the nanometer scale.

• Section 2.2 describes the materials and methods used in the experiments performed in

this chapter.

In the experimental sections of the chapter, we are guided by the following questions:

• What is the spatial distribution and arrangement of probes at the nanoscale, and how

are these affected by assembly conditions and probe structure? In Section 2.3 we resolve

individual DNA molecules using EC-AFM and directly investigate the effects of probe

structure, probe-coupling method method, and choice of alkanethiol on the resulting

nanoscale structure and stability of the passivating monolayer.
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• What are the conformations of the DNA molecules under sensor operating condi-

tions, and to what extent are these shaped by interactions with the surface or with

co-adsorbates? In Section 2.4 we describe the conformations of individual probes on

the surface and how they are perturbed by co-adsorbates, electric fields, and defects

within the passivating SAM. Defects in the SAM dominate the interactions between

the probes and the surface.

• How does the DNA respond to applied electric fields, which have been commonly used

for various sensing schemes, at the molecular scale and how does its nanoscale chemical

environment determine its response? In Section 2.5 we perform potentiodynamic AFM

and record the dynamic response of DNA to applied electrode potentials. From these

experiments we propose a test to estimate the extent of heterogeneity among probes

within their local chemical environment.

and, ultimately,

• How do these nanoscale details affect the ability of the surface-tethered probes to bind

with target nucleic acids? In Section 2.6 we extract higher order spatial properties

of the probe distributions on the surface, introduce a method to measure probe hy-

bridization at the single-molecule level, and correlate the two to determine the effects

of nanoscale molecular crowding on probe hybridization rates. We interpret these re-

sults from a proposed model of probe-target hybridization from the vantage of the

individual probe molecule.

• Section 2.7 contains conclusions and discussion of future work, including implications

for the engineering of more sensitive, robust, and effective nucleic acid sensors.
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Figure 2.2: Central hypothesis of Chapter 2: the quality of a nucleic acid probe surface (its
stability, target-binding rates, and likely its specificity) is ultimately dictated by the dis-
tribution, conformations, and interactions between probes at the nanoscale. Optimization
of these sensors for the ultimate sensitivity, selectivity, and reproducibility across samples
will require control over the probes bridging multiple scales. A) An example of microarray
during operation, where each spot contains a micron-scale patch of probes nucleic acids of
the same sequence. (Adapted with permission from [272]. Copyright 2012 Springer.) B)
High resolution fluorescence microscopy of an individual spots reveals heterogeneity at the
sub-micron scale. (Adapted with permission from [212]. Copyright 2012 American Chemi-
cal Society.) C) Using electrochemical AFM, in Sections 2.3 and 2.6 we resolve individual
molecules across the surface and investigate the long-range (100s of nm) distribution of
probes with nanoscale resolution. D) In Section 2.6, we consider how the local crowding
of probes over distances where probes can interact and observe widespread differences in
crowding on the same surface. E) In Sections 2.4 and 2.5, we characterize the structure of
the SAM and conformations of individual DNA molecules on the surface and how they are
affected by co-adsorbates or applied electric fields. F) In Sections 2.5 and 2.6, we investi-
gate how interactions with the surface and between crowded probes affects the functionality
(target-binding and potential-dependent orientational switching [209, 211, 239]) of nucleic
acid sensors.

24



Challenges in resolving the single DNA molecules at the nanoscale under oper-

ating conditions

There are few surface characterization techniques that can directly resolve complex, nanometer-

scale biomolecular structures on a sensor surface. However, there has been a recent effort

to determine how probe density might be heterogeneous at the micron scale and how these

local densities affect the rates of target-binding [213, 212] or orientational-switching [183]

(the dynamic change in probe orientation- lying flat on the surface or aligned to the sur-

face normal- in response to applied potential, used in a number of sensing schemes), using

high resolution fluorescence microscopy. However, at the probe densities used for sensing

applications, the average probe spacing (≈ 5–30 nm) is well below the diffraction limit of

many microscopes [244]. Super-resolution fluorescence microscopy has been performed in

exotic or specialized probe-capture systems [118], which are not directly applicable to sensor

surfaces described. Although single molecule fluorescence resonant energy transfer (FRET)

can measure the relative distances between a few points within a molecule [128], it remains

difficult to obtain the global structure of a biomolecule or interactions between the probes

and the surface. On the other hand, single-molecule force spectroscopy [237, 135, 217] can

provide the end-to-end distance of tethered molecules and insights into the strength of inter-

actions between strands of the double helix [152, 216], but this method is largely insensitive

to the internal conformations of the molecule. In addition, these techniques provide limited

information about the structure of the local chemical environment, i.e., the region of the

functionalized surface that is interacting with a probe molecule.

On the other hand, as mentioned in the previous chapter, scanning probe microscopy imag-

ing would appear to be well suited to characterize single DNA molecules on biosensor sur-

faces. Among the high-resolution scanning probe microscopy techniques, scanning tunneling

microscopy (STM), which has been used to image DNA adsorbed on bare metal surfaces

[153, 152, 300], cannot resolve DNA molecules adsorbed on top the passivating SAMs used
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in sensors due to the poor conductivity. Although single molecule AFM imaging of DNA

immobilized on mica has become routine [90, 91], resolving individual DNA probes on biosen-

sor surfaces in solution has not been successful for two reasons. First, unlike mica surfaces,

which electrostatically bind DNA in the presence of divalent cations [92], the passivation of

the sensor surface to reduce the nonspecific interactions with the surface leaves the tethered

DNA molecules too mobile to be clearly resolved by AFM under aqueous conditions. Second,

while mica presents an ultraflat surface for imaging, biosensor and microarray surfaces of-

ten possess nanometer-scale roughness and exhibit poor control over molecular aggregation,

further impeding single-molecule characterization of these systems by AFM. For all of these

reasons, recent ultrahigh-resolution AFM images of DNA adsorbed onto mica under water

(resolving the pitch of the double helix, for example) [146, 108] using nanoscale cantilevers

or frequency-modulation imaging modes can not be directly applied to resolve individual

DNA molecules on a sensor surface under liquid.

Additionally, AFM does not currently have sufficient resolution to resolve individual, fluc-

tuating DNA molecules in a dense DNA monolayer on a sensor [12]. Perturbations from

tip can deform the structure of the DNA molecules and lower the resolution of dense DNA

surfaces. Success has been reported in resolving single-molecule DNA features in low surface

density DNA monolayer in air with AFM [63, 107]. However, the resolution of the DNA

features is quite low (≈ 50 nm), allowing the microscopists to determine whether or not a

probe had hybridized with a target but little else with regards to the conformations of the

probes.
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2.2 Materials and methods

Materials

Gold wire (99.99%, 1 mm diameter) was purchased from Scientific Instrument Services, Inc.

6-Mercapto-1- hexanol (MCH) was purchased from Santa Cruz Biotechnology, Inc. Tris-

acetate-EDTA (TAE), 10× solution, and dithiothreitol (DTT), 99%, were purchased from

Fisher Scientific. The synthetic oligonucleotides were purchased from IDT Technologies and

used without further purification. Only ultrapure water (>18 MΩ·cm) generated from a

Barnstead Diamond Nanopure water purification system was used.

Preparation of the Gold Surface

For AFM experiments, a gold bead containing single-crystal facets was made by melting a

gold wire in the manner of Clavilier et al. [44] and then mounted on a platinum foil. For

cyclic voltammetry, an Au(111) disk (MaTeck, Gemany) was used instead.

Preparation of the Thiolated DNA

DNA probes (and model probes) were prepared as follows (using the nomenclature in of

the respective sections where they are used). See Figure 2.5 for schematic depictions of the

tertiary structure of the most-often used DNA structures used in this study.

DNA derived via polymerase chain reaction (PCR):

First, 105 bp (short, used in Sections 2.3, 2.5, and 2.6.1) and 503 bp (long, used briefly

in Section 2.3, and in Section 2.4) double-stranded DNA molecules which contained a thiol
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group connected by a hexyl chain (a thiol tether) to the 5-end of one of the DNA strands were

prepared by PCR using OneTaq kit (New England Biolabs). M13mp18 RF I DNA (New

England Biolabs) was used as the substrate and oligos C6SH-A and C6SH-B or oligos C6SH-

A and C6SH-C were used as primers for the 105 bp DNA or the 503 bp DNA, respectively.

The product was purified via agarose gel electrophoresis and Qiagen Gel Purification kit.

Next, 50 µL of the purified PCR product was mixed with 15 µL of 1 M reducing agent DTT

in Tris-EDTA buffer under nitrogen for > 1 h, then washed using a illustra NAP-5 column

(GE Healthcare) and re-eluted in 1× Tris-acetate-EDTA solution (40 mM Tris-acetate, 1

mM EDTA) to a final concentration of 5 nM. DNA was stored in aliquots at -20 or -80 ◦C

(long-term) until prior to assembly on surface.

Primer C6SH-A: 5’- /5ThioMC6-D/ TTT TTG ACC AAC TTT GAA AGA GGA CAG ATG AAC GG

-3’

where /5ThioMC6-D/ is the thiol tether.

Primer C6SH-B: 5’- AAT GAA TAT CCG GTT CTT GTC AAG ATT ACT -3’

Primer C6SH-C: 5’- CCC TCT GGC AAA ACT TCT TTT GCA AAA GC -3’

Sequences of the completed structures: C6SH ds DNA (105 bp DNA prepared by PCR with

primers C6SH-A and C6SH-B): 5’- /5ThioMC6-D/ TTT TTG ACC AAC TTT GAA AGA GGA

CAG ATG AAC GGT GTA CAG ACC AGG CGC ATA GGC TGG CTG ACC TTC ATC AAG AGT AAT CTT

GAC AAG AAC CGG ATA TTC ATT -3’

503 bp (long) DNA prepared by PCR with primers C6SH-A and C6SH-C: 5’- /5ThioMC6-D/

TTT TTG ACC AAC TTT GAA AGA GGA CAG ATG AAC GGT GTA CAG ACC AGG CGC ATA GGC TGG

CTG ACC TTC ATC AAG AGT AAT CTT GAC AAG AAC CGG ATA TTC ATT ACC CAA ATC AAC GTA

ACA AAG CTG CTC ATT CAG TGA ATA AGG CTT GCC CTG ACG AGA AAC ACC AGA ACG AGT AGT

AAA TTG GGC TTG AGA TGG TTT AAT TTC AAC TTT AAT CAT TGT GAA TTA CCT TAT GCG ATT

TTA AGA ACT GGC TCA TTA TAC CAG TCA GGA CGT TGG GAA GAA AAA TCT ACG TTA ATA AAA
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CGA ACT AAC GGA ACA ACA TTA TTA CAG GTA GAA AGA TTC ATC AGT TGA GAT TTA GGA ATA

CCA CAT TCA ACT AAT GCA GAT ACA TAA CGC CAA AAG GAA TTA CGA GGC ATA GTA AGA GCA

ACA CTA TCA TAA CCC TCG TTT ACC AGA CGA CGA TAA AAA CCA AAA TAG CGA GAG GCT TTT

GCA AAA GAA GTT TTG CCA GAG GG -3’

For hybridization studies (Section 2.6.2 and in Chapter 3), probe strands used were:

Sf-ProbeAmine3: 5’- GCTACCTCGTGAGCAGTCAGTACGTTTTT/ Amine/ -3’

or Sf-ProbeThiol3: 5’- GCT ACC TCG TGA GCA GTC AGT ACG TTT TT/ Triethylene glycol

spacer/ C3 spacer + thiol/ -3’, depending on surface preparation method, (see below).

The target strands (containing either 396 bp (Section 2.6.2) or 204 bp (Section 3.5.1) ds

segments and a complementary ss tail) used for hybridization studies were prepared by PCR

on a M13mp18 single-stranded template using primers Sf-A and Sf-B or Sf-A and Sf-C,

respectively:

Sf-A: 5’- 5’-CGT ACT GAC TGC TCA CGA GGT AGC /C3 spacer/ TCT GAA CTG TTT AAA GCA

TTT GAG GG-3’ -3’.

Sf-B: 5’- GCT ACC TCG TGA GCA GTC AGT ACG TTT TT/ Triethylene glycol spacer/ C3

spacer + thiol/ -3’.

Sf-C: 5’- AAC ACT ATC ATA ACC CTC GTT TAC CA -3’.

Probes of short, hybridized oligoucleotides:

The T5C6SH ss/ds probes (used in Sections 2.3 and 2.6.1, as well as Chapter 3; see Section

2.3.1) were prepared by mixing 0.1 mM solutions of appropriate strands (see Figure 2.3)

were mixed in equivolume aliquots in 1×TAE to a volume of 40µL. Solutions of A1-B-C-D

(thiolated DNA structure) and A2-B-C-D (unthiolated DNA structure) were annealed at

95◦C then cooled to room temperature over 24-36 hours in an insulated box. The DNA
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was then placed in a refrigerator at 4◦C overnight. DNA structures were then purified using

gel electrophoresis (3% agarose in 1×TBE and 1×SYBR Safe DNA gel stain) at 18V/cm

for 15 minutes. To reduce the thiolated DNA structures, 10µL of 1M DTT was added to

90µL of recovered A1-B-C-D solution and left overnight at room temperature. The solution

of thiolated DNA was then purified and resuspended in 1×TAE using an illustra NAP-5

column (GE Healthcare). The concentration of purified A1-B-C-D (thiolated) and A2-B-

C-D (unthiolated) was measured using a NanoDrop spectrophotometer (Thermo Scientific).

Gel electrophoresis confirmed that the dsDNA structures were stable at ionic concentrations

(0.01× to 1×TAE) used in experiments.

Figure 2.3: Secondary structure of assembled T5C6SH ss/ds probe structures (see below)

Oligo A1: 5’- /5ThioMC6-D/TTT TTC ATG CAG GCA GCA GTC CTG TGA AGT G -3’

Oligo A2: 5’- TTT TTC ATG CAG GCA GCA GTC CTG TGA AGT G -3’

Oligo B: 5’- AGC CGC ACC CTC TGG AGA CCG TCA TTC ATG TCC GAT GGC ACT GGC TGC CG
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-3’

Oligo C: 5’- GAT TTG ACT GTC TCC GGC CTT TTT TTG GCC GGA GAC AGT CAA ATC CGG CAG

CCA GTG CCA TCG GAC AGG CTA GCT ACA ACG AGA ATG AC -3’

Oligo D: 5’- GGT CTC CAG AGG GTG CGG CTC ACT TCA CAG GAC TGC TGC CTG CAT G -3’

where /5ThioMC6-D/ implies a 5 dithiol modification attached to the end of the oligonu-

cleotide by a 6 carbon alkyl chain. Strands were ordered from IDT Technologies, and received

standard purification, with the exception of C1, which was PAGE purified.

DNA tetrahedrons:

DNA tetrahedrons (Section 2.3.6) were folded by mixing 10 µL of each strand, Tet-A, Tet-B,

Tet-C, Tet-D, which had been diluted to 100 µM in 50 mM MgAc2 +1×TAE, and brought to

15 mM TCEP in pure H2O. The mixture was heated to 95◦C for 2 minutes, then dropped 3

degrees per second until 4◦C. To place the tetrahedrons on the surface, a clean gold bead was

immersed in the solution for 1 h, then washed with 50 mM MgAc2 +1×TAE. AFM imaging

was performed under 50 mM MgAc2 +1×TAE with an open-loop AFM scanner. To purify

misfolded or unfolded structures, the mixture was purified using agarose gel electrophoresis

(1%) at 90V for 30 minutes. The darkest, slowest band was cut out, soaked in 300 uL 1×TAE

+ 50 mM MgAc2 and the supernatant removed after 2 days. 50 uL supernatant was mixed

with 400 uL 1×TAE + 50 mM MgAc2 and 50 µL 15 mM TCEP. A clean gold bead was

then immersed in solution for ≈ 1 hour, washed with 1×TAE + 50 mM MgAc2, then imaged

under 1×TAE + 50 mM MgAc2 with an open loop AFM scanner.

Oligo Tet-A: 5’- ACA TTC CTA AGT CTG AAA CAT TAC AGC TTG CTA CAC GAG AAG AGC CGC

CAT AGT A -3’

Oligo Tet-B: 5’- /5ThioMC6-D/ TAT CAC CAG GCA GTT GAC AGT GTA G CA AGC TGT AAT

AGA TGC GAG GGT CCA ATA C -3’

Oligo Tet-C: 5’- /5ThioMC6-D/ TCA ACT GCC TGG TGA TAA AAC GAC ACT ACG TGG GAA TCT
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ACT ATG GCG GCT CTT C -3’

Oligo Tet-D: 5’- /5ThioMC6-D/ TTC AGA CTT AGG AAT GTG CTT CCC ACG TAG TGT CGT TTG

TAT TGG ACC CTC GCA T -3’

DNA monolayer preparation

See Figures 2.4 and 2.60 for schematic depictions of different monolayer assembly methods.

Preparation for DNA monolayers via the ‘back-filling’ method: The gold substrate

was cleaned in hot nitric acid then annealed with an H2 flame immediately prior to immersion

in 100× diluted solutions of either C6SH ds probe DNA or T5C6SH probes in EDTA-

supplemented 1×TAE for lengths of time as described in the main text (10 s to 75 min),

rinsed with 10× Tris-acetate-EDTA (400 mM Tris-acetate, 10 mM EDTA, TAE) buffer then

immersed in a solution of 1:1 EtOH/H2O with 1×TAE containing a few drops of MCH (1-10

mM) for 60 min, then rinsed a second time with 1×TAE and imaged immediately afterward.

Preparation for DNA monolayers via the ‘insertion’ method: The gold substrate was

cleaned in hot nitric acid then annealed with an H2 flame immediately prior to immersion

in the alkanethiol solution of 1:1 (by volume) 1×TAE:ethanol containing a few drops of neat

MCH (10-100 mM) under a nitrogen atmosphere. The bead was left overnight or up to

a few days in the solution, rinsed with 1×TAE, and then immersed into a shallow beaker

containing 5 nM solution of 503 bp DNA or 100× diluted 105 bp DNA for 1-5 min. The

beads were rinsed copiously with 10× concentrated TAE solution (400 mM Tris-acetate, 10

mM EDTA) to reduce nonspecific adsorption, dried with a stream of filtered air, then loaded

immediately into the AFM liquid cell.

Preparation of ‘switchable’ surfaces for probe hybridization studies: Either the

clean gold beads or gold microplates after reductive desorption of the iodide adlayer (see
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Chapter 4) were prepared either by coupling of aminated probes to a surface of 11-mercaptoundecanoic

acid (MUDA) or coupling to the surface. While both approaches are effective in immobiliz-

ing probes that are isolated from each other, amide coupling yields more reproducible probe

densities and hence is more suitable for studies of hybridization kinetics.

• Insertion of thiolated probes: the monolayer was assembled from a 0.5-1.0 mM

ethanolic solution of 11-mercaptoundecanoic acid (MUDA) containing 10% acetic acid

by volume. The assembly time was reduced to 10 minutes in order to ensure the

presence of some monolayer defects, into which probes could insert and react to form

gold-thiol bonds with the substrate. After monolayer assembly, the substrates were

removed from the solution and immediately rinsed and sonicated for 10 s in a 9:1

ethanol:acetic acid solution, then rinsed with pure ethanol and gently blowdried with

filtered air. They were then placed in a custom-built PTFE fluid cell and rinsed several

times with a TAE buffer. The insertion was then carried out by immersing the car-

boxylic acid-terminated gold substrates in an aqueous TAE buffer solution containing

2.0 µM thiolated DNA probe (sequence Sf-ProbeThiol3) and 50 mM NaCl for 20-30

minutes. Following the insertion step, the surfaces were repeatedly rinsed with TAE

and then placed under an aqueous Ni(II) imaging buffer consisting of 5 mM Ni(II)

acetate, 4 mM Tris acetate, and 0.1 mM EDTA.

• Coupling of aminated probes to MUDA the monolayer was assembled from a

0.5-1.0 mM ethanolic solution of 11-mercaptoundecanoic acid (MUDA) containing 10%

acetic acid by volume. Assembly times were typically between 16 and 20 hours, with

no observable difference in monolayer quality for longer growth times. After monolayer

assembly, the substrates were removed from the solution and immediately rinsed and

sonicated for 10 s in a 9:1 ethanol:acetic acid solution, then rinsed with pure ethanol and

gently blow-dried with filtered air. They were then placed in a custom-built PTFE fluid

cell and rinsed several times with 1×PBS (phosphate-buffered saline: 137 mM NaCl,
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2.7 mM KCl, 11.9 mM phosphate buffer, pH 7.4). DNA probes were then attached

to the surface using an EDC-activated amide coupling reaction [137]. The carboxylic

acid-terminated gold substrates were immersed in an aqueous solution containing 20

mM EDC activator (1-ethyl-3-(3-dimethylaminopropyl) carbodiimide), 20 nM amine-

labeled DNA probe (sequence Sf-ProbeAmine3), and 0.1PBS for a reaction time of 5-10

minutes. The probe coverage was found to increase roughly linearly with reaction time

in this range. Following the coupling reaction, the surfaces were repeatedly rinsed with

PBS, then TAE, and finally placed under an aqueous Ni(II) imaging buffer consisting

of 5 mM Ni(II) acetate, 4 mM Tris acetate, and 0.1 mM EDTA.

In Situ Electrochemical AFM

Tapping-mode AFM imaging was performed with a Agilent 5500 atomic force microscope

under aqueous 0.5×TAE solution (20 mM Tris-acetate, 0.5 mM EDTA) using a custom-built

fluid cell. Within the fluid cell we placed a Pt/Ir wire that was used as a counter electrode

and a small Ag/AgCl reference electrode, which has a low leakage junction formed by the

gap between a Pt wire and glass. The counter and reference electrodes as well as the fluid

cell itself were cleaned in piranha solution (1:3 H2O2: H2SO4) prior to use and copiously

rinsed with water. CAUTION: Piranha solution can react violently with organic materials,

and should be handled with personal protective equipment. Piranha solution should not be

stored in tightly sealed containers. For experiments under N2, AFM was performed in an

environmental chamber. N2 was purged into the chamber for several minutes prior to and

during imaging, and N2 bubbled into the 0.5× TAE solution for several minutes prior to use;

during the experiments presented here (with the exception of those involving the use of gold

etchants in Chapter 4) no qualitative difference was found between these experiments and

those performed without the environmental chamber.

SNL-10 (Bruker) probes were used for all experiments; the shorter two of the four cantilevers

34



(spring constants of approximately 0.2-0.4 N/m) were used. The spring constant of the AFM

cantilevers used can be determined by its power spectrum of thermal noise [147], and were

nearly always found to be within the manufacturer’s specifications. Additionally, to prevent

cantilever drift caused by different thermal coefficients of expansion between the silicon or

silicon nitride cantilevers and the gold-coated backing layer of the cantilever (which is used

to improve reflection of the laser), we often stripped the gold layer off using aqua regia

(independently reported in Ref. [42]) prior to usage.

A potential was applied to the surface (the gold bead used as the working electrode) from the

integrated potentiostat in the AFM controller. During imaging, topographical, amplitude,

and phase channels were recorded as well as applied potential and current. Imaging was

generally performed with a scan rate of 1-1.5 lines/s at 512 pixels/line.

Analysis of AFM data

Image processing was performed using Gwyddion SPM image visualization software —and

generally only used for line-by-line or plane flattening. Additional data analysis was per-

formed using MATLAB; in general, protocols for specific analyses (for example, maximum

likelihood estimations, calculations of adsorbed DNA contour lengths, or kinetic Monte Carlo

simulations) will be described in their sections where applicable.

Probe hybridization with targets (Section 2.6.2)

Prior to all hybridization experiments, the monolayer surfaces were repeatedly rinsed with

an STAE buffer (saline Tris-acetate-EDTA: 200 mM NaCl, 40 mM Tris acetate, 5 mM

EDTA, pH 8.3) to remove any Ni(II) ions that were bound to the surface. Substrates

were then exposed to the target DNA in a hybridization buffer containing 1.0 M NaCl,

1×TAE, and 1.0 mM SDS (sodium dodecyl sulfate) for a predetermined amount of time,
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after which the substrate was gently rinsed three times with STAE and placed under Ni(II)

imaging buffer. To determine the fraction of DNA hybridized, the maximum heights of the

individual probes, z, were recorded relative to the mean height of a ten pixel halo immediately

surrounding that molecule obtained using MATLAB for features between 0.4 and 2.4 nm

tall. To determine Γ, the fraction of probes that had hybridized with a target at a given

time point, the molecule heights from all images for each time point were aggregated, and

a threshold height was set such that any molecule whose height exceed the threshold is

considered to be hybridized at that time, and any remaining molecules. are considered to be

unhybridized. This analysis was applied to a minimum of N = 750 molecules for each time

point to determine Γ(t). The time points were then plotted, and the best fit for a simple

Langmuir adsorption model was used to determine the rate constant k. This approach may

results in some error in Γ due to the incorrect assignment of some molecules whose height

is close to the threshold. Therefore, an alternative approach which utilizes a maximum

likelihood estimate was also used to ascertain the level of error [4]. To assign the probability

that an observed molecule was hybridized, two Gaussian curves, Nt(z) with taller mean and

Ns(z) with shorter mean, were fit to the histogram of the heights of the probes observed

for each time or concentration value; probes with height above the mean of Nt(z) were

labeled as hybridized (hybridization probability ph = 1), probes with height shorter than the

mean of Ns(z) were labeled unhybridized (ph = 0), and probes with height h between the

means of the two Gaussians were given hybridization probability ph = Nt(z)/(Nt(z)+Ns(z)).

Hybridization was assumed to behave as an irreversible Poisson process (probability of a

probe remaining unhybridized at time t, S(t) = exp(−k · t)), and the hybridization rates

obtained by minimizing the negative log-likelihood function − log(L(k | Θ)):

− log(L(k | Θ)) =
∑
i

(1− ph,i)kti + ph,i log(1− exp(−kti)) (2.1)
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When this second approach was applied to a large subset of the data, the rate constant found

was nearly identical to the constant found using the first approach.

2.3 Resolving individual DNA molecules in situ us-

ing electrochemical AFM: the nanoscale effects of

DNA structure and DNA-surface coupling method

In Section 2.1, we outlined the motivations and challenges inherent in resolving individ-

ual DNA molecules on a model sensor surface with AFM. Briefly, in contrast to the well-

established route to imaging DNA adsorbed on mica with AFM under liquid environments

[90, 91, 92, 93] the surface of a typical sensor is significantly rougher and the hydrophilic

monolayers used to passivate the surface against non-specific adsorption of target molecules

also impart significant mobility to the tethered DNA probes. However, using an atomically

flat gold substrate, careful preparation of the surface chemistry and incorporation of DNA

to isolate the molecules—strategies adapted from STM studies of individual surface-tethered

rotaxane molecules in aqueous environments [245]—and modulating the length of the probes

to increase their adsorptive energy with the surface or slow their diffusive motion, we hy-

pothesized that we could resolve individual DNA molecules tethered to a passivating surface

in a buffered liquid environment similar to those used for sensing applications.

Additionally, an advantage of DNA immobilization on conductive surfaces is that the charged

molecules such as DNA can be manipulated by applying an electrode potential. Applied elec-

tric fields have been used to aid in hybridization or melting of probe DNA and in mismatch

discrimination [119, 97, 285, 286, 99, 169]. However, due to the complex nanoscale structures

that may affect the local electric fields, the mechanisms in which DNA molecules respond to

electric fields are not well understood. The research of Rant et al. [208, 207] that described
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the development of biosensors which operated by orientational switching of tethered nucleic

acids, i.e., the use of applied electrode potentials to rapidly attract or repel the tethered

probes toward or away from the surface, suggested to us that we could use applied electrode

potentials to electrostatically ‘pin’ the probes to the surface to aid in their resolution.

Making use of these strategies, in this section we investigate, in situ and with nanoscale

resolution, the effects of DNA probe structure (described in Section 2.3.1) and probe-surface

coupling method on the resulting distribution and orientation of probes on the surface,

as well as the stability of the monolayer. Each has been implicated as having dramatic

effects on probe hybridization rate [163, 215, 195, 249, 80]; however, in the past it had been

difficult to obtain high resolution images of surfaces prepared in these ways so that the

molecular-scale structure could be connected to connected to these effects. We focus on two

common methods of probe-surface coupling (Figure 2.4, described in more detail below):

the ‘back-filled’ method [100], where thiolated DNA molecules are exposed to a bare gold

surface, which is then immersed in a solution of alkanethiols to passivate the surface; and the

‘insertion method’ [183], where DNA thiolated probes in solution exchange with alkanethiols

in a pre-formed alkanethiol monolayer on the gold surface. The stability of the monolayer is

probed by applying moderately positive applied potentials to the surface, below the onset of

significant oxidation of alkanethiol SAMs and within the range used in electrically controlled

biosensors, and monitoring real-time changes in the monolayer topography.

Our real-space, nanoscale measurements show that the thiolated DNA monolayers prepared

by the popular ‘back-fill’ method may not be optimal due to the tendency for probe molecules

to cluster and the limited stability of the passivating SAM. By contrast, the ‘insertion’

method yields a more uniform distribution of the DNA and we can reproducibly resolve

individual probes on surfaces prepared in this way. Furthermore, when the more dilute

monolayers are subjected to applied electric potentials, the alkanethiol SAMs are more stable

and only small defects near the DNA probes are formed, enhancing the local electric fields
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Figure 2.4: Schematic of different assembly methods for probe capture surfaces. A) ‘Back-
filling’ method of sensor surface assembly. i) A gold surface is first exposed to thiolated
DNA, and ii) then immersed in a solution of MCH, which lifts the DNA off the surface.
B) ‘Insertion’ method of assembly. A gold surface first passivated by MCH is exposed to
thiolated DNA, which preferentially attach to the surface at defect sites in the monolayer.

near the probes and allowing us to reversibly control the orientations of the probes with

applied fields. We will exploit this orientational control of the DNA in later chapters where

they will help us to understand the interactions between the probes and the surface and how

they respond dynamically to electric fields (Sections 2.4 and 2.5).

Unless explicitly stated, all potentials applied to the surface are reported relative to a

Ag/AgCl reference electrode.
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2.3.1 Structure of different probes and their potential effects on

assembly

The probes are anchored via an Au-S bond between the gold surface and the probes 5’ hex-

anethiol tethers (C6SH), whose length matches that of the commonly used passivating SAM

of 6-mercaptohexanol (MCH) (Figure 2.4A) [100]. A diverse array of probe structures have

appeared in the nucleic acid sensor literature, and they are often selected to optimize both

sensor readout and target binding rate or selectivity. Two broad classes of probe structures

which are used in nucleic acid sensors were used in throughout this chapter to determine how

probe structure affected single probe resolution and underlying structure of surface; we clas-

sify them by their preparation method: those prepared by polymerase chain reaction (PCR)

and those by direct hybridization of individual strands. In this Section, both to optimize

imaging quality by AFM and determine how sensor assembly is affected by choice of probe

structure, we use one from each class of probe designs in this study (Figure 2.5); each is

described below and named according to (i) presence of double-stranded or single stranded

DNA and (ii) the structure of the tether.

Figure 2.5: Schematic of DNA probe structures assembled on surface for this study (not to
scale). A) Double-stranded DNA (the C6SH ds probe) anchored to the surface by the C6SH
linker (inset). B) The T5C6SH ss/ds probe with both single-stranded (gray) and double-
stranded (green) DNA segments (see text). Five unpaired thymine bases are incorporated
between the C6SH linker and a double-stranded segment (T5C6SH, inset).
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Probes prepared polymerase chain reaction (PCR)

While, at the moment, oligonucleotides for purchase become exceedingly expensive and lack

purity as the length increases (roughly for strands longer than 50 bases), polymerase chain

reactions (PCR) provide a convenient method to generate double-stranded segments of DNA

with the length of our choosing up to kilo-basepairs. The resulting DNA molecules consist of

two long, hybridized strands. PCR produces high yields of probes relatively inexpensively;

moreover, by using PCR primers (short single-stranded DNA molecules approximately 20-

30 bases which can be easily synthesized) that have been chemically functionalized at their

5’-ends, we can attach different functional groups (in this case, C6SH linkers) to one or both

ends of the resulting DNA molecules. A disadvantage of this method is that modifications

to the interior nucleotides of the probe are more difficult to include. However, we note

that single stranded DNA regions can be added to the 5’-ends of the probes by inserting

an ‘extension blocker’, such as a methylene group within the middle of the primer. The

resulting DNA molecule will still have unpaired bases at the 5’ segment beyond the blocker

(this strategy will be used in the hybridization studies of Sections 2.6.2 and 3.5).

In this and later sections we use what we call the ‘C6SH dsDNA’ probe (Figure 2.5A).

For these molecules, a C6SH tether is directly attached to 105 bp double-stranded DNA.

Surface-anchored dsDNA, which can be denatured under mild conditions [195], are precur-

sors to single-stranded probes in some studies; hence their locations on the surface can serve

as a proxy for single-stranded probes which are more difficult to resolve with AFM. More-

over, dsDNA probes have also been directly used in biosensors based on electric-field induced

orientational switching [209, 259].
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Probes prepared by direct folding of individual oligonucleotides

On the other hand, a number of novel signal transduction mechanisms rely on DNA probes

that have both double-stranded and (internal) single-stranded segments [209, 211, 283, 167,

249]. Single-stranded DNA (ssDNA) has a higher affinity with gold than dsDNA [227]. These

structures are difficult to generate using PCR, and to understand how such probe designs

influence SAM stability as well as the spatial distribution and orientation of the probes,

we also prepared what we term the T5C6SH ss/ds DNA (Figure 2.5B) which is prepared

by direct folding of four individual oligonucleotides. All of the short, component strands

are mixed together under high salt concentration, the brought nearly to a boil, then slowly

cooled to 4◦C over the course of several hours. The yield of these structures tends to be

lower as the number of component strands increases, and because the structures rely on

the shorter overlap of base-pairs between multiple strands they are less stable than PCR

generated probes composed of two contiguous DNA strands. However, this strategy allows

us insert chemical functionality or single-stranded DNA regions at different locations along

the body of the probe.

The T5C6SH ss/ds DNA probe we use in this Section (and the beginning of Chapter 3) is

an analog of a catalytic beacon probe [274, 249] that possesses a single-stranded region (a

DNAzyme) capable of catalyzing a self-cleavage reaction in the presence of an analyte, which

then triggers an electrochemical or fluorescent signal [39, 38]. The probe used here is rendered

inactive by the lack of ribonucleotides [38]. In addition to the single-stranded DNAzyme

region, a sequence of five unpaired thymine bases (a poly-T linker, or T5C6SH, Figure 2.5B

inset) is positioned between its 5’ hexanethiol tether and the first double-stranded segment

to help separate the active region of the probes from the MCH SAM, a commonly used

strategy to facilitate target-binding or signaling reactions [274, 294, 193, 277].

Additionally, we investigate how ‘DNA tetrahedrons’ [194, 273], a DNA structure composed
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of four oligonucleotide strands with three C6SH linkers located at the three bases of the

tetrahedron-shaped structure, assemble on the surface. We discuss this probe in more detail

in Section 2.3.6.

2.3.2 A note on the assignment of probe orientation based on

recorded topographical heights

The expected heights of DNA probes based on their measured topographical heights are

summarized in Table 2.1, assuming a DNA double helix width of 2.5 nm. It may appear

counter-intuitive that DNA molecules that are weakly adsorbed or lifted up off the surface

do not appear as tall as molecules adsorbed flat on the surface. The apparent contradiction

can be readily explained by the contrast mechanism of tapping-mode AFM: in order for a

structure to be resolved, it must remain immobile during the time scale at which the tip

traverses over the molecule. Structures that move rapidly in and out of the tip - surface

junction, such as the solvent molecules, are not imaged. The lifted molecules, if they are

not tightly packed, are expected to diffuse rapidly about their tether in response to any

perturbation from the AFM tip. In that case, we would only reasonably expect only the

segment closest to the tether to be resolved by the AFM.

However, DNA that is densely clustered on the surface has also been found to lift up off the

surface [12, 24]. In this case, the lifted structures possess significant mechanical stability and

can resolved by AFM (i.e. see Figure 2.6 and discussion below). Previously, AFM studies

have shown that densely - packed DNA monolayers will possess a thickness approaching the

expected length of the DNA molecules [149, 180, 24].
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Alkanethiol

DNA
orienta-
tion Schematic

Expected
height
recorded
(A)

Monolayer
thickness
(B)

None

Adsorbed
onto
surface 2.5 nm

MCH

Atop,
adsorbed
onto
monolayer 2.5 nm 1.0 nm

Embedded
within
monolayer 1.5 nm

Lifted ≈ 0.5 nm

C11OH
Lifted in-
side defect ≈ 0.5 nm 1.6 nm

Embedded
within
monolayer 0.9

Table 2.1: Assignment of orientations and adsorption sites of DNA relative to passi-
vating SAM according to apparent heights. MCH: 6-mercaptohexanol. C11OH: 11-
mercaptoundecanol.
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2.3.3 Probe surfaces prepared by the ‘back-filling’ method are

covered with aggregated DNA probes.

The method of ‘back-filling’ with alkanethiols (Figure 2.4A) remains the most prevalent

method to prepare thiolated DNA sensor surface [100, 66, 195, 80, 274]. In principle, by first

controlling the exposure of DNA on the surface and then using 6-mercaptohexanol (MCH) to

displace the physisorbed segment of the DNA to lift the molecules off the surface, the density

of the DNA can be controlled (the surface density of sensors prepared in this way typically

ranges from 1011-1014 probes/cm2 [183]). Although it was initially assumed that the DNA

molecules are uniformly distributed, the precise molecular structure of the DNA monolayer

has been difficult to determine [100, 195, 242]. In particular, it has been postulated that

the hydrophobic SAMs lift the DNA up, the molecules are disaggregated, and the SAM is

largely intact.

However, a number of ensemble studies suggest that the surface may in fact be heteroge-

neous in probe orientation and surface density. It was noted that the orientational switching

is highly sensitive to sample preparation history [208, 6]. For example, controlled desorp-

tion of immobilized DNA, which was proposed to reduce the aggregation of adsorbed probe

molecules, was required to activate switching. A recent fluorescence microscopy study of

DNA orientational switching revealed heterogeneity even at the micrometer scale [183], al-

though light microscopy does not have sufficient resolution to pinpoint the molecular-scale

origin of this phenomenon.

Back-filled with 6-mercaptohexanol (MCH)

To understand the molecular scale origin of the heterogeneity, we performed in situ tapping

mode AFM of a DNA monolayer surface that was prepared by exposing a gold surface first

to a 5 nM solution of C6SH probes for 1 hour and then to an aqueous solution of MCH
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(Figure 2.6). Because of our gold bead contains different crystalline facets, it can be difficult

to quantify the average density of DNA on the (111) facet (which is characterized by AFM)

using standard electrochemical techniques [242]. Nevertheless, based on the estimates of

bulk surface concentrations from surfaces where we could directly resolve individual molecules

(i.e., Figures 2.8 and 2.9), the surface concentration of this surface is estimated to be between

1012−1014/cm2. The features observed, with apparent heights of several nanometers, cannot

be individual DNA molecules that adopt an upright orientation, as such molecules would

be too mobile and flexible to resolve by AFM. Rather, as previously described near Table

2.1, these features correspond to aggregated clusters of probes where the tightly-packed

molecules are forced off the surface (Figure 2.6B). Higher local densities of aggregated probes

result in taller features in AFM images (ranging over nanometers, significantly larger than

normal roughness of our single crystal surface). Thus we can qualitatively assess the local

density of molecules in a region by its apparent height even though individual molecules

are not resolved. The topographical images reveal lateral heterogeneity on the scale of

tens of nanometers in the DNA layer, in marked contrast with those surfaces of pure DNA

monolayers [12], which display much lower roughness (< 1 nm). Therefore, the back-filling

of MCH is responsible for the aggregated DNA structures observed in Figure 2.6A: due to

the labile nature of the thiol-gold bond at low surface coverages [291], upon the addition of

MCH, the thiolated DNA molecules likely diffuse laterally to form aggregates that minimize

energy.

On the other hand, lower-density surfaces of C6SH ds probes (prepared via a shorter (5

minute) exposure prior to back-filling with MCH, Figures 2.6C) appeared significantly more

uniform: due to the reduced roughness of the monolayer, even the atomic steps of the

gold substrate are clearly resolved. Hence high densities of probes on the surface promote

aggregation during back-filling. A number of protrustions are visible. The short protrusions

are likely the segment of the probe closest to the anchor point (Table 2.1); that segment is

relatively stationary due to constraint by the tether, while the rest of the probe remains too
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Figure 2.6: A) Tapping mode AFM under 0.5×TAE buffer of a high probe density surface
prepared by ‘back-filling’ C6SH ds probes DNA with MCH (after 1 hour exposure to a 5 nM
probe solution). Topographical imaging reveals heterogeneity in probe density on the scale
of tens of nanometers. Scale bar is 100 nm, with range of topographical heights to the right.
B) Clustering of DNA results in apparent differences of topographical heights on the DNA
surfaces. C) Lower density surface of C6SH ds probes surfaces prepared by back-filling with
MCH after a shorter exposure to DNA. The surface appears smoother (note the step edge of
the gold surface is resolvable) than the dense monolayer and similar to that of the T5C6SH
probe surface (Figure 2.7), but slightly rougher than the T5C6SH surface as a result of the
constrained flexibility of probes near the tether sites (inset), indicating their presence above
the MCH monolayer. The absence of taller clusters of DNA on the surface implies that a
high surface density of DNA promotes the aggregation of DNA upon back-filling.

mobile to resolve clearly, and we attribute these features to the segments of the DNA probes

closest to the surface (Figure 2.6C inset). If the DNA on the surface are not tightly packed,

most segments of the molecules are too mobile to image. This observation is corroborated

by images of C6SH ds probes inserted into MCH monolayers (see below).

High-density surfaces prepared (by backfilling) with T5C6SH ss/ds probes (Figure 2.7) were

similarly uniform but no features indicative of DNA could be initially resolved, suggesting

that the poly-T linker significantly decouples the probe from the surface such that the probes

are too mobile and flexible to resolve clearly by AFM. If the ssDNA segments of the ss/ds

probes had not been displaced by the MCH and had become embedded within the monolayer,
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Figure 2.7: A) Tapping-mode AFM images of a high-density surface of T5C6SH ss/ds probes
and MCH at higher probe densities (exposed to probe solution for 75 minutes prior to back-
filling). No distinct features are visible because the beacons are lifted off the surface by the
MCH and possess significant flexibility as a result of the poly-T linker (inset). Scale bar is
100 nm.

these features likely would have been visible by AFM either by direct observation of the

embedded probes or by the appearance of large defects in the SAM (as we see in Sections

2.4). The presence of the T5C6SH probes on the surface was confirmed by applying a +600

mV (vs Ag/AgCl) potential to pin the DNA to the surface (see discussion on stability).
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2.3.4 Individual probes can be reliably and reproducibly resolved

by AFM on surfaces prepared by the ‘insertion’ method.

Insertion into 6-mercaptohexanol (MCH)

A dilute monolayer of C6SH DNA supported by a MCH background was prepared by the

‘insertion’ method (Figure 2.4B, [183]), in which a pre-formed alkanethiol monolayer was

exposed to thiolated DNA. The insertion method can anchor isolated DNA molecules to a

SAM surface under kinetic control; by exposing a preformed MCH monolayer to the thiolated

DNA, the DNA molecules must then exchange with MCH molecules in the SAM in order to

chemisorb onto the electrode. The ‘insertion’ method has been used to dilute, isolate, and

control the orientation of small molecules on gold surfaces as revealed by STM studies [231,

27, 56], and it has been proposed that exchange occurs preferentially at defect sites within

the monolayer (which are, in general, separated by tens of nanometers). The fluorescence

microscopy study by Bizzotto et al. [183] showed that DNA surfaces prepared using the

insertion method resulted in lower surface densities of DNA yet greater uniformity in their

spatial distribution at the micron scale. In addition, insertion is known be more effective in

preserving the order of the host SAM structure than other coadsorption methods; because

of the match in length of the thiol tether to the MCH molecules, it is assumed that the DNA

molecules are able to anchor to the surface at the defects without significantly disrupting

the background monolayer.

Isolated protrusions 0.50 ± 0.14 nm high appeared in the AFM image at the open-circuit

potential, -80 mV vs Ag/AgCl (Figure 2.8) via tapping mode AFM under buffer. The mor-

phology again suggests that only segments close to the tethers were resolved due to reduced

mobility (as in Table 2.1). The protrusions suggest that the insertion approach we adopted

produces DNA molecules separated from each other. Indeed, the isolation of molecules likely

resulted from preferential adsorption of DNA into SAM defects and the electrostatic repul-
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sion between the DNA molecules. The MCH molecules surrounding a defect prevent the

anchored DNA molecule from diffusing along the surface to form aggregated domains. Using

the insertion method we can consistently generate surfaces with isolated and individually

resolvable DNA molecules. From these images we expect that the probe density of the sur-

face prepared by insertion of C6SH in Figure 2.8A was 9.5 × 1010/cm2. The well-defined

DNA/SAM surface with minimal aggregation not only facilitates single-molecule studies but

also should allow more efficient hybridization and predictable orientation switching on sensor

surfaces. Both T5C6SH (Figure 2.9) and C6SH probes on surfaces prepared with the inser-

tion method appeared isolated and evenly distributed on their respective surfaces, except

that there were several circular regions 10s-100s of nanometers in diameter where no DNA

could be observed. Such heterogeneity would be difficult to discern using existing ensemble

techniques or light microscopy. Molecular resolution scanning tunneling microscopy (STM)

studies of the MCH SAM have revealed that ordered and disordered domains of the thiol

molecules coexist on the same surface and that the SAM possesses a large number of defects

in the crystalline monolayer structure [201]. Because the alkanethiols at SAM defect sites

are more likely to be exchanged with thiolated DNA in solution, we attribute the regions

free of DNA molecules to highly-ordered SAM domains that contain few, if any, defects.

If the MCH SAM is exposed to a ≈ 500 nM C6SH probe solution, which is one hundred times

as concentrated as before, the surface density increases and the empty circular regions are

no longer observed, suggesting significant exchange with MCH molecules has occurred across

the surface (Figure 2.8B). The taller features are likely to be aggregated DNA molecules,

though they make up only a small fraction of the surface coverage (approx. 4 percent). We

estimate the average surface density of (non-aggregated) probes to be 2.2×1011 probes/cm2,

about twice that in Figure 2.8A, even though the surface was exposed to DNA solutions that

are 100× more concentrated. The sub-linear dependence on the concentration of thiolated

DNA solution suggests that when the concentration of thiolated DNA is sufficiently high,

the insertion process is limited by the number of available defects in the SAM.
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Figure 2.8: A) A probe surface prepared by the insertion method, i.e., exposing an MCH
SAM to a 5 nM solution of C6SH probes. The surface was imaged by tapping mode AFM
at OCP. Note the large circular regions with low DNA density in 2.8A which are similar to
those found in Figure 2.9A. B) A surface prepared by the insertion method using an increased
concentration of 500 nM C6SH probe. Some taller aggregated features are observed. Scale
bars are 100 nm.

After insertion of T5C6SH ss/ds probes into MCH, no DNA could initially be observed using

the same imaging conditions as for the surface with C6SH, however, unless the negatively

charged molecules could be pinned to the surface at +600 mV (see below and discussion

on stability of SAM). If we instead used a stiffer AFM cantilever and imaged at lower (less

perturbing [74]) amplitudes we could resolve isolated protrusions corresponding to individual

DNA molecules dispersed across the surface (Figure 2.9A). The sensitivity to tip perturbation

suggests that the T5C6SH probes are still quite mobile and decoupled from the surface.

When the surface was brought to +600 mV, the protrusions could be resolved by AFM

(Figure 2.9B, a discussion of the globular morphology of the DNA at +600 mV appears in

the section on the stability of the inserted DNA monolayers). No DNA molecules could be
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observed during a control experiment where a pre-formed MCH SAM had been exposed for

2 hours to a solution containing unthiolated DNA, which were likely washed away during

rinsing (Figure 2.10). In this case, the MCH monolayer was stable at this potential, as

evidenced by the DNA remaining in the same locations over the course of the experiment.

From the large area image in Figure 2.9B, we estimate that the average surface density of

the inserted T5C6SH surface was about 1.3× 1011/cm2.

Figure 2.9: A) A close-up image of T5C6SH probe surface at open-circuit potential. B) Tap-
ping mode image of T5C6SH ss/ds DNA probes in MCH under sodium acetate-supplemented
(25 mM) 1×TAE buffer (at +600 mV) prepared by the insertion method. Note the large
circular regions with no protrusions. Scale bars are 100 nm.
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Figure 2.10: A pre-formed MCH monolayer is exposed to a solution containing unthiolated,
T5C6SH probes for 2 hours. The surface was rinsed with copious amounts of TAE solution
to remove non-specically adsorbed DNA, then subjected to +600 mV for several scans. (A)
At OCP, the surface appears empty except for a few small protrusions. (B) After three scans
while being held at +600 mV, the surface still appears undecorated, with no new protrusions
visible, and no noticeable structural changes. MCH SAM resists non-speficic adsorption of
unfunctionalized DNAs. The lack of adsorbed T5C6SH probes is sufficient to confirm that
unthiolated dsDNAs do not interact strongly with an -OH terminated SAM and are washed
away during rinsing. Image is 1 µm across.
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Insertion of DNA into 11-mercapto-undecanol (C11OH)

While we noticed no qualitative differences in the spatial distribution or monolayer stabilities

between C6SH and T5C6SH probes when inserted in MCH, we hypothesized that the larger

mismatch between a longer alkanethiolate (11-mercapto-undecanol, C11OH) and C6SH ds

DNA tether would result in larger disruptions of the SAM during insertion. Furthermore, we

suspected that use of a the thinner (poly-T + C6SH) tether of the T5C6SH probe (Figure

2.11) could ameliorate the disruption of the SAM. Because of their stronger inter-alkane

chain interactions provides additional stability [165], C11OH monolayers have be previously

used as the background SAM in nucleic acid sensors [79, 121] even when the DNA possesses

a C6 tether. Plaxco et al. [276] found that compared to MCH, a C11OH passivating layer

improved the lifetime of electrochemical DNA sensors. A prior study using ensemble methods

investigated the hybridization efficiency of single-stranded DNA (ssDNA) with a C6 tether.

The authors found reduced hybridization efficiency for the DNA surface with a C11OH

background SAM than that with the MCH background [284]. Yet no significant disruption

of the C11OH layer was observed. This was attributed to steric hindrance of the DNA by the

taller background molecules; however, the mechanism has not been verified at the molecular

scale.

Figure 2.11 shows tapping-mode images under buffer and at OCP of (i) bare C11OH, (ii)

C11OH after insertion with 503 bp variant of C6SH ds probe (503 bp variants of C6SH

probes are used in Section 2.4) possessing a poly-T tail, and (iii) C11OH after insertion

with 503 bp variant of C6SH. The inserted probe possessing the T5C6SH tether is observed

as small protrusions localized at defect sites and minimally perturbs the structure of the

monolayer. On the other hand, the C11OH SAM with inserted C6SH ds probes shows a

significant increase in roughness and larger defect sites. We will discuss the implications of

the large defect sites in C11OH on the interaction between probes and the surface in Section

2.4.
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However, this suggests that the the monolayer may be disrupted by interactions with the

DNA during the insertion process. For the thiol tether to make contact with the gold,

either large defects a few nanometers in diameter, which are unlikely to form during SAM

growth as C11OH monolayers possess significant inter-alkane chain interactions, must be

present or the DNA may need to melt close to its thiolated end to transiently form a short

segment of single-stranded DNA to fit into smaller defect sites. The insertion into the defect

sites may also be facilitated by the stabilization of exposed nucleobases by the exposed

hydrophobic hydrocarbon chains. Later, in Section 2.6 when we perform more sophisticated

statistical analyses of probe locations on the surface, we find some evidence that even the

MCH monolayers may also be locally disrupted during the insertion process.

Figure 2.11: Top) AFM image and Bottom) Schematic of DNA monolayer surface. A) A
C11OH monolayer. B) A C11OH monolayer with a 503 bp DNA molecule with a C6SH
tether (such as those used in Section 2.4) that has been inserted into the monolayer. C)
A C11OH monolayer with a 503 bp DNA molecule with an ssDNA/C6SH tether (see text)
that has been inserted into the monolayer.
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2.3.5 The stability of the probe surfaces when subjected to ap-

plied potentials is determined by probe density and assem-

bly method.

The stability of ‘back-filled’ probe surfaces

As electric fields are commonly present in biomolecular sensing schemes, a concern is the

integrity of the DNA monolayer surface under applied potentials. To test the stability of

the DNA-MCH monolayer assembled by ‘back-filling’, we applied a +600 mV (vs Ag/AgCl)

potential to the gold surface. Further, this may serve as a proxy to test the long-term

stability of the surface, as sensors in the real world will be exposed to mildly oxidizing

environments (at least). While +600 mV does approach the regime where degradation

of the SAM may occur, this value is within the potential window used for electric field-

aided nucleic acid hybridization [97], orientational switching biosensors [207], and in some

coulometric DNA sensors [54, 53]. We will see below that in a dilute MCH/DNA monolayers

formed by the insertion method, the MCH monolayer remains largely stable and intact

for at least a half hour at +600 mV and in the 0.5×TAE buffer solution, despite local

disruptions of the monolayer near defect sites. This was estimated via AFM and using CV

to approximate the capacitance of the monolayer, a measure of the order and completeness of

the SAM (Figure 2.12). Initially, the capacitance of an MCH monolayer on single-crystal gold

substrate was 2.5 µF/cm2 and matched that of Ref. [279] for a well-formed monolayer. After

application of +600 mV, the capacitance was measured every 5 minutes for 25 minutes, when

a maximum capacitance of 3.1 µF/cm2 was recorded. This indicates that the vast majority

of the monolayer was not oxidatively desorbed at these potentials as the capacitance is

significantly lower than that of bare gold [133].

We applied +600 mV to the C6SH probe surface prepared by the ‘back-filling’ method and
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Figure 2.12: Capacitance of MCH monolayer during treatment at +600 mV (top) during
prolonged treatment of +600 mV (middle). Measurements were performed on a single crys-
tal Au(111) surface under 0.5×TAE with MCH monolayer prepared as in the main text.
Capacitance was derived from the charging current at 0 mV during a cyclic voltammogram
(CV) between +200 mV and -200 mV at 100 mV/s, as in Ref. [279]. CVs taken at t = 0
(blue) and t = 35 min (red, after being held at +600 mV for 25 minutes) are included at the
bottom; moderate binomial smoothing was applied (Igor Pro 6 Wavemetrics) to filter out
the current noise and clarify the trend. Diameter of working electrode was 0.756 cm.

the surface appeared to roughen within minutes (Figure 2.13). Eventually features approxi-

mately 2 nm in height (the width of dsDNA) became resolvable on the surface, indicating that

the DNA were either lying flat on the MCH or on bare gold. However, the DNA immediately

began aggregating, which indicated the loss of barrier to lateral diffusion due to significant

desorption of the MCH monolayer (Figures 2.14 and 2.15) (in contrast, DNA attached to

ordered MCH SAM remain at the same locations over many AFM imaging frames). These

disruptions were likely caused by a combination of partial molecular desorption or mechani-

cal displacement by the DNA; see Section 2.4 for direct evidence of mechanical disruption of

the SAM by inserted DNA molecules in response to an applied potential. No disruption was
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observed on MCH SAM surfaces with DNA prepared by the ‘back-filling’ method with lower

probe densities (exposure to thiolated probes for 10 seconds prior to back-filling) (Figure

2.16) or plain MCH SAM (2.10). However, at higher probe surface densities, which are more

common in sensing applications, disruption of the MCH SAM may be more significant.

Figure 2.13: Stability of a back-filled surface under applied +600 mV (vs. Ag/AgCl) poten-
tials. A) Originally at +200 mV, a lower-density surface (5 min exposure) with C6SH ds
probes (from Figure 2.6C), is covered with small protrusions indicative of DNA. The sur-
face is more uniform than the dense surface from Figure 2.6A. Scanning up, the potential is
stepped to +600 mV (at dotted line) and roughness of the surface increases slightly on the
timescale of image acquisition (≈ 5 minutes). B) Zooming in and scanning down, the surface
is covered with more defined protrusions, which were not visible prior to the potential step
to 600 mV. C) A number of small features, with topographical height approximately the
width of DNA, appear on the surface, indicating the molecules are now lying flat on surface.
The probes immediately begin to aggregate (see Figure 2.15), indicating the MCH SAM has
been entirely disrupted.

SAM disruption was also observed on a surface with T5C6SH probes after +600 mV potential

was applied for approximately 30 minutes (Figure 2.14). It is likely that the probes with the

flexible poly-T linker are less damaging to the MCH SAM, though future studies are needed

to verify the effect. The rapid degradation of the MCH SAM in all of the surfaces prepared
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Figure 2.14: A dense, back-filled surface of T5C6SH probes subjected to applied potential
(the same sample as in Figure 2.7. A-D) After +600 mV the surface, the surface begins
to roughen and degrade, as in Figure 2.13, over the course of 30 minutes and individual
protrusions begin to appear on the surface. Scale bars are 400 nm.

by the back-filling method with conditions commonly used in thiolated DNA sensors show

that the presence of DNA probes negatively impacts the durability of the DNA sensors

under applied potentials. As independent electrochemical methods found that back-filled

MCH SAMs, particularly those with higher probe concentrations, are more defective [126],

the desorption of the MCH molecules are likely accelerated by the presence of defects.
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Figure 2.15: Aggregation and dispersion of probes under applied potentials. A) After ap-
plication of +600 mV and the degradation of the MCH monolayer in Figure 2.7 (rotated
90 degrees), T5C6SH probes appear in aggregated features on the surface (below) approx-
imately 2.5 nm above the surface, which matches the width of double stranded DNA and
implies that the DNA are lying flat on the surface. Scale bar is 400 nm. B) Same location
after a few more frames of imaging ( 10 minutes). The aggregated features have increased
in size and some of them have become taller, as aggregated DNA molecules are forced off of
the surface. These both further imply that the DNA molecules are mobile on the surface. C)
Imaging left to right at the same location immediately following Figure 2.15A, while cycling
the applied potential (below) between +600 and -400 mV, the aggregated features are no
longer observed at negative potentials (they lift off the surface). Upon re-application of the
positive potentials, the features associated with probes initially are dispersed but quickly
aggregate. D) C6SH probe surface after prolonged exposure to +600 mV (same sample as in
Figure 2.7A but later time point), similarly shows large aggregated features 2 nm in height.
Scale bar is 400 nm.
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Figure 2.16: A lower density surface of C6SH probes prepared by immersing a gold electrode
into a solution of C6SH for 10 seconds (compared with 1 hour in Figure 2.6A or 5 minutes
in Figure 2.6C) then backfilling with MCH. Images were acquired A) before and B) after
holding the surface at +600 mV and repeatedly cycling the potential between +600 mV and
0 mV, showing no significant degradation of the surface. Scale bars are 400 nm.
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The stability of ‘inserted’ probe surfaces

As mentioned, initially the C6SH probes appeared as short protrusions on the surface. After

the potential was increased to +600 mV, a potential which we have verified does not signifi-

cantly desorb the monolayer through oxidation of alkanethiols (Figures 2.10, 2.16, and 2.22,

and see below), taller, well-defined protrusions appeared (Figures 2.17 and 2.18). These

protrusions persisted even when the potential was reduced to +200 mV (Figure 2.19). The

height, 2.74 ± 0.25 nm, close to the diameter of double-stranded DNA, suggests that the

molecules were pinned down onto the SAM by positive surface charges. Even when immobi-

lized, the 105 bp (contour length lc ≈ 33 nm) DNA appears globular instead of rod-like under

AFM. Similar morphology has been observed for short oligonucleotides immobilized on and

can be attributed to the residual conformational fluctuation of the immobilized DNA and

the tip convolution effect, which may broaden the feature by 17 nm assuming a tip radius

of curvature of 15 nm.

The protrusions switched reversibly between the two morphologies when the potential switched

between +200 and 200 mV (Figures 2.19, 2.20, and see Section 2.5 and Figure 2.46). A ques-

tion arises whether the changes in the apparent height in Figure 2.19 could be attributed

to imaging artifacts due to potential-dependent change in double-layer forces. Barton et al.

[12] have convincingly argued that the contribution is rather minor for DNA tethered to an

electrode surface. First, the change in the double-layer force is at most 10 pN, much smaller

than the nN peak force exerted by the tapping-mode AFM. We found the morphology to be

insensitive to the tapping amplitude set-point. Second, the double-layer force is a continu-

ous, approximately linear function of the electrode potential [10]. However, we find the DNA

switch discretely between the amorphous and taller/globular features: the transition from

the amorphous features to taller protrusions occurs over just 100 mV when the potential is

swept from 200 to +200 mV (see Section 2.5); and the heights of the taller features at +200

mV are approximately the same as those at +600 mV (Figure 2.21). Third, the time scale of
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Figure 2.17: Evolution of an inserted MCH surface. All images are 1 µ in width. A) At
OCP, only the base of the ‘lifted’ DNA are visible. B) Even upon cycling the potential
between +200 mV and -200 mV, no apparent change in DNA orientation was observed. C)
Upon application of 600 mV to the surface, the monolayer appeared stable for 1 frame of
AFM imaging (≈ 5 minutes). D) Scanning left, we see the gradual appearance of ‘adsorbed’
(appearing taller, see text) DNA molecules. E) After a few more frames scanned (≈ 15
minutes) the surface appears steady, with no more adsorbed DNA appearing. These features
remain adsorbed even when the potential is brought back down to +200 mV.

change in the double-layer force is related to the RC (double-layer charging) time constant,

on the order of milliseconds [210]. Therefore, any change due to the double-layer force should

be almost instantaneous under AFM. However, the potentiodynamic images obtained while

cycling the potential exhibited a hysteresis between the potential where the DNA become

taller/globular (strongly immobilized) and the potential where the features are amorphous

(lifted) 2.47 (see Section 2.5), which indicates that the time scale of these processes is on

the order of seconds. Therefore, we conclude that the change in morphology originated from

molecular scale structural changes instead of an imaging artifact due to contrast changes
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Figure 2.18: Evolution of surface of C6SH probes inserted into an MCH monolayer at +600
mV. All images are 1 µ in width. No changes are observed before the increase of potential
to +600 mV.

Figure 2.19: Tapping-mode AFM images of thiolated 105bp DNA on an MCH background
at different electrochemical potentials. Scale bars are 100 nm. (A) At open-circuit potential
(OCP ≈ 80 mV vs Ag/AgCl), only 0.5 nm high protrusions, attributed to the anchor point,
were observed. (B) At +200 mV, protrusions approximately 2.7 nm tall, close to the diameter
of dsDNA, were visible. (C) Height histograms of protrusions at OCP and +200 mV.
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Figure 2.20: Schematic of an electrically switchable DNA monolayer in Figure 2.19, with
thiolated 105 bp DNA that is covalently attached to an Au(111) electrode atop an alka-
nethiol monolayer. A) At a negative potential, the tethered, negatively charged DNA is
electrostatically lifted off the surface, making it too mobile to resolve clearly. B) Application
of a positive potential pins the DNA to the surface, limiting DNA mobility on the surface
and allowing accurate measurement of the topographical heights by AFM.

when the potential is varied.

Figure 2.21: Height histogram of DNA molecules held at +200 mV (from Figure 2.46) and
at +600 mV.

Although the tethered DNA molecules are found to lie down on the surface at positive poten-

tials using fluorescence spectroscopy, they were not clearly resolved by AFM until a potential

of +600 mV was first applied, and cycling between +200 and 200 mV did not result in the

switching of morphology if +600 mV was not first applied (Figure 2.17). The strong im-

65



mobilization after the treatment at +600 mV indicates that there are also some permanent

structural changes to the SAM. We propose that small defects in the SAM immobilize DNA

molecules form in the immediate area of the DNA molecules at these potentials. Neither

significant defects in the SAM nor apparent heights of DNA noticeably lower than 2.5 nm

after the treatment were observed in Figure 2.19; this suggests that the treatment produced

pinhole defects smaller than 2.5 nm. Defects larger than the diameter of the DNA are ex-

pected to reduce the apparent height of the adsorbed DNA to below 2.5 nm. Because the

height of the DNA immobilized at positive potentials is measured relative to the background

substrate, it is possible that MCH monolayer and thiol tethers of the DNA are oxidatively

desorbed at +600 mV and the features we observe are DNA lying directly atop the gold

as in [153]. However, this possibility is inconsistent with results from several experiments

that probe the stability of the SAM. The capacitance of the MCH monolayer held at +600

mV under 0.5×TAE increased only modestly (Figure 2.12); had the monolayer been entirely

oxidized, we would expect a capacitance that was at least 10-fold larger [133]. This result

suggests that the surface coverage of MCH remain close to a full monolayer and the surface

coverage of defects induced at +600 mV is small. If we intentionally exposed the surface to

harsh electrochemical conditions (rapid cycling between 0 and +800 mV), we could resolve

a dramatic increase in monolayer roughness by AFM (Figure 2.22). Therefore, +600 mV

remains below the potential range that leads to significant oxidative desorption at the ex-

perimental time scale. We find additional evidence that the MCH monolayer remains mostly

intact in Section 2.5 as the orientation of the inserted DNA molecules could be repeatedly

switched by changing the applied potential—had the monolayer been disrupted, we would

expect the probes to aggregate as they did in Figure 2.15.

Lifted molecules (from Figure 2.19) can be observed at the precise location where a strongly

immobilized molecule had been previously observed at +200 mV, on a one-to-one basis

(Figure 2.23); we could observe both during the same image by cycling the potential during

the acquisition of the image (see Section 2.5). This strongly implies that not only are the
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Figure 2.22: Evolution of switchable monolayer of 503 bp DNA on MCH subjected to harsh
electrode potential cycling from 0 mV to 800 mV and back. Scale bar is 100 nm. In-
set:enhanced images of MCH monolayer from their respective frames. Inset images have
the same height contrast, and width of inset images is 100 nm. (A) After briefly applying
+600 mV, tethers are still visible across the surface. (B) After repeatedly cycling with harsh
potentials, the integrity of the monolayer begins to degrade with a coincident increase in
the number of amorphous particles. (C) As the monolayer degrades futher with continued
cycling the number of particles remains the same. (D) As defects begin to dominate the
surface we see a sharp increase in the number of small particles but only in the area sur-
rounding where amorphous particles had previously been imaged, which suggests that the
DNA molecules might be making multiple, yet strong, contacts with the surface through
defect sites. Depths of the pits in the monolayer are as large as 0.8 nm, which is signicantly
larger than the 0.23 nm vacancy islands in the gold substrate and suggests that the MCH
molecules are oxidatively desorbed in these regions. Such morphological changes do not
appear to be a roughening of the gold because the gold step edge in the frame undergoes
no structural transformations. This experiment proves that signicant oxidative desorption
should be observable by AFM.

DNA molecules lifting and rotating about their thiol tethers in response to the applied

potentials, but that the MCH monolayer is largely stable and capable of serving as a barrier

to surface diffusion of the DNA molecules. Because the Au S bond is known to be labile
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at room temperature, individual alkanethiol molecules on gold surfaces at low coverages

diffuse rapidly and cannot be resolved by AFM or STM until they are confined in crystalline

structures or cooled down to cryogenic temperatures. Had the MCH monolayer oxidatively

desorbed, the lifted DNA molecules, with only the thiol tether in contact with the surface,

would have been unlikely to be observable under AFM.

Rather, we propose that pinhole defects are formed near DNA molecules within a mostly

crystalline SAM at +600 mV. The exact mechanism of defect formation remains unclear: the

defects could result from a small amount of desorption; the defects may be directly formed

through an interaction with the electric field in a phenomenon similar to electroporation, in

which small pores in lipid membranes open up in response to the strong fields applied across

the membranes; alternatively, the DNA, attracted by the positive surface charges, may exert

a local pressure that disrupts the SAM, especially at the tether point. Such a disruption

would concentrate the electric field and further allow the DNA to be pinned to the surface

for imaging at positive potentials, while leaving the majority of the monolayer intact. Clear

evidence of the SAM disruption directly induced by DNA can be found in our investigations

of MCH monolayers with longer DNA molecules in Section 2.4. An in situ STM study of the

MCH SAM may be needed to elucidate the origin and the structure of the defects. It should

be pointed out that the treatment at +600 mV may not even be necessary for defect-mediated

conformational switching of DNA on the rougher polycrystalline gold substrates often used as

biosensor surfaces (Figure 2.12), as SAM defects on these surfaces are more abundant [165].

As achieving unambiguous, molecular resolution on the polycrystalline surfaces with AFM

is difficult, the MCH SAM on a single-crystal Au(111) surface, with controllably introduced

defects, can serve as a model system to understand DNA electrode interactions on realistic

biosensor surfaces at the molecular level.

However, we do note that at higher surface probe densities (Figure 2.24), upon application of

a +600 mV potential, the DNA strongly adsorbed onto the surface significantly more rapidly
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Figure 2.23: DNA molecules remain at the same location during potential cycling. Images
are originally of square regions 1 µ in width. The surface was first scanned while held at +200
mV (red, from Figure 2.46A, cropped at the gold step edge along the bottom of the figure),
then immediately scanned in the opposite direction while cycling the potential between +200
mV and -200 mV at 25 mV/sec (high contrast grayscale, from Figure 2.46B). The outline
of the strongly adsorbed molecules observed in Figure 2.46A (red) are then aligned with
the desorbing/readsorbing molecules in Figure S5B after compensating for microscope drift.
Both the strongly adsorbed (brighter) and lifted (darker, see main text) molecules from
2.46B appear at the same position where hey were initially imaged in Figure S5A, even after
8 potential cycles (far left). This indicates that even when electrostatically lifted, and only
in contact with the surface at their thiol tether, the DNA are not diffusing along the surface.
Scan directions (arrows) and concurrently applied potentials indicated for Figure 2.46A and
2.46B below and above the figure, respectively.

then aggregated, suggesting that the monolayer is again disrupted. This finding additionally

supports our conclusion that higher surface densities of DNA reduce the stability of the

MCH monolayers in response to applied potentials.
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Figure 2.24: Upon application of +600 mV, the high probe density surface immediately
begins to degrade, in contrast to that of the lower density surfaces. Later imaging reveals
the DNA has aggregated. Images are 1 micron across.
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2.3.6 DNA Tetrahedrons can uniformly and densely cover a gold

surface if purified

While here we showed that the ‘insertion’ method of DNA molecules in MCH is able to

generate isolated probes on the surface, the goal of preventing probe aggregation has lead

to a number of different strategies to control the orientation and distribution of probes on

the surface using exotic probe designs. A promising example is that of a DNA tetrahedron

[194, 273], where four 20 base oligonucleotides have been folded into a tetrahedral structure

approximately 6 nm along each edge. A probe strand designed to hybridize with a target

extends out of the top vertex, while the other vertices posses C6SH thiol anchors to chemisorb

the structure to gold (Figure 2.25).

Figure 2.25: (Left) Schematic of DNA tetrahedron structure. (Right) Secondary structure
of the four oligonucleotides which compose the DNA tetrahedron structure. In our AFM
experiments our tetrahedrons do not possess the poly-T or target-binding regions.

The tetrahedral structure is believed to be rigid: the purpose of this design is to sterically

inhibit interactions between probes with their bulky tetrahedral structures and to prevent

non-specific adsorption of the single-stranded probes onto the gold by anchoring the probe

to the top of tetrahedrons. The structures could be folded very quickly and assembled

without purification onto the gold surface though they formed properly with 85% yield

(it was postulated that the three thiols on each probe displaced non-specifically adsorbed

strands from partially folded structures) into high quality sensors. The sensor was found
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to function with approximately the same rate and specificity with or without purification

of un- or partially- folded oligonucleotides, as well as with or without a mercapto-hexanol

backfill [194]. Based on estimates of probe densities via electrochemical methods, it was

estimated that the probes were close-packed at approximately their steric limit (≈ 4 nm).

Previous attempts to resolve their nanoscale distribution on the surface via AFM had proven

unsuccessful [personal communication].

We imaged a single crystal surface which had been exposed to unpurified tetrahedrons (≈

µM) for 1 hour, then backfilled with MCH. The surface was highly heterogeneous (Figure

2.26); small discrete protrusions did appear across the surface with uniform (2 – 3 nm)

heights which we presume are (at least partially folded) tetrahedral structures. However, an

amorphous layer atop those features was resolved across much of the surface. Furthermore,

we observed circular regions where no protrusions appeared.

Figure 2.26: Unpurified tetrahedron structures backfilled with MCH.

We imaged the surface prior to addition of the MCH (without passivating monolayer)(Figure

2.27 top), and found that the surface still possessed large, amorphous features across the

surface. If we removed the unfolded or mis-folded tetrahedron structures via agarose gel

electrophoresis prior to assembly on the surface, the discrete particulate features appear much

more uniformly distributed and no amorphous features are resolvable. As it was earlier in

this section, the decreased roughness of surface features even permits us to resolve individual
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step edges. It is worth noting however, the appearance of several small circular regions with

no apparent features —the depth of these circular regions relative to the particulate features,

which are presumably the tetrahedrons, was 2 nm. If we assume that at these circles occur

where there are no tetrahedrons, then the their unexpectedly short heights would imply that

either the tetrahedrons had in fact collapsed onto the surface or were significantly perturbed

during imaging.

Based on these observations it would appear that the three thiol groups are not sufficient

to remove the partially folded or misfolded tetrahedrons from the surface. However the

fact that ensemble measurements of target-detection sensitivities were similar despite wildly

different nanoscale structures underscores the importance of characterizing the structure of

the devices at the nanoscale rather than postulating a structure from device performance.
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Figure 2.27: Unpurified (top) and Purified (bottom, with misfolded and excess oligonu-
cleotides removed) DNA Tetrahedrons assembled on a bare gold surface.
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2.3.7 Conclusions

In this section we demonstrated that by using atomically flat gold surfaces and controlling

the assembly of DNA on model sensor surfaces we can resolve individual molecules that

are analogs of probes used in DNA sensors. Our study clarifies a number of outstanding

questions concerning the spatial distribution of the DNA molecules and the stability of the

passivating SAM in thiolated DNA monolayers. The results provide direct evidence that the

DNA molecules on the surface prepared by the backfilling method have the tendency to form

aggregates. By contrast, the insertion method yields surfaces that are more uniform at the

molecular scale. These surfaces will be useful in examining the conformations of individual

probes on the surface. The presence of single-stranded segments in the thiolated DNA

does not significantly reduce the quality of the monolayer surfaces during surface assembly,

as MCH is sufficient to lift non-specifically adsorbed probes off the gold. Additionally we

remind the reader that on the polycrystalline gold surfaces often used in biosensors, the pre-

treatment to induce defects may not be necessary, as SAMs formed on polycrystalline gold

are in general more defective [47]. Hence these surfaces may be used as a model to investigate

the properties of more common biosensing surfaces where atomic force microscopy may be

made more difficult by the roughness of the polycrystalline gold.

However, it remains difficult to controllably achieve the high probe density needed in practical

sensors through insertion because the insertion process is limited by the intrinsic defects in

the host SAM. Furthermore, the SAMs with higher probe densities are less stable when

subjected to applied potentials. Incorporation of novel probe structures such as the DNA

tetrahedron, or direct covalent coupling (as in Section 2.6.2) of the probes atop a pre-formed,

high-quality monolayer, rather than insertion of thiolated DNA or back-filling, may help to

overcome these issues of SAM stability and probe aggregation.
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2.4 The conformations of tethered DNA on passivated

sensor surfaces are electric field-dependent and dom-

inated by interactions with defects.

Having demonstrated that we can resolve individual DNA on the surface of model nucleic

acid sensors under buffer (similar to operating conditions) using EC-AFM, we sought to

investigate the interactions between the probes and the surface as well as with the co-

adsorbed alkanethiols by observing their effects on the conformations and orientation of the

probes on the surface. The conformations of a probe are expected to affect its ability to

bind targets. For example, probes which are strongly adsorbed onto the gold surface may

be inhibited from binding to target molecules [100]. Additionally, the conformations of the

probes may affect their abilities to signal that they have bound to a target [274], particularly

in the case of electrochemical or fluorescent readout; the distance of an electroactive moiety

or fluorophore from a gold surface will affect electron-transfer rates [5] or fluorescent emission

[71].

Along these lines, a characterization of probe interactions with the surface should include

the effects of an applied electrode potential and how they affect the conformation of probes

under operating conditions. Understanding the details of the how the DNA interacts with

the electric field at the nanoscale presents a challenge. Nanoscale defects in the passivating

SAM may generate complex electric field distributions at the defect sites, which we expect

will dramatically affect the conformations of the negatively charged DNA. In fact, while the

defects in the passivating SAMs have generally been considered of little consequence, we

have found that defects will form near the DNA molecules upon application of the same

potentials as used in many sensors; these defects alter the sensitivity of the DNA to the

applied potentials and allow their orientations to be manipulated electrostatically.
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After briefly describing previous work investigating the interactions of DNA with alkanethiol

co-adsorbates and electric fields, in Section 2.4.1 we estimate the effects of defects within

the passivating SAM on the local electric field distribution and the implications of this on

the orientational switching of the short (105 bp C6SH probes) described in Section 2.3.

In section 2.4.2, we study the conformations of longer (503 bp) DNA on the surface how

and the presence of these defects within the SAMs affects the conformational response of

tethered DNA to applied potentials. The longer DNA, expected to adhere to the surface

more strongly than the 105 bp DNA, may provide additional insights into the interaction

between the DNA and the SAM (we will investigate the orientational response of the 105 bp

DNA in Section 2.5). We show that by fine-tuning both the charge density of the electrode

surface as well as the intermolecular interactions of the SAMs by using different alkanethiols,

surface tethered double-stranded DNA (dsDNA) molecules can be driven into conformations

that depart significantly from those commonly observed on mica: an extended conformation

exhibiting anomalously large correlation lengths, as well as a tightly coiled conformation

with radii of curvature as small as 10 nm. The results here reveal the extent to which the

chemical environment may perturb the structure of DNA molecules and provide structural

details of biosensor surfaces not easily obtained from ensemble measurements, findings that

represent a step toward elucidating how the nanoscale conformations of DNA on surfaces

can be correlated with device function.

The response of (tethered) DNA to applied (interfacial) electric fields

Under an electrolyte, the metal surface is positively charged when the potential is above

the potential of zero charge (pzc, ca. 100 mV vs Ag/AgCl for 6-mercapto-1-hexanol (MCH)

on Au(111) [205]) and negatively charged when below. The response of DNA, an anionic

polyelectrolyte, to interfacial charges has been exploited in a variety of nucleic acid sens-

ing methods detailed above. Barton et al. [12] have studied the deformations of the layer

77



thickness of DNA monolayers in response to applied potential, and Rant et al. [119] have

used the quenching of a fluorophore at the end of a tethered DNA molecule to approxi-

mate the mean surface-to-end distance for single stranded and double stranded DNA under

different potentials and ionic strengths. Demaille et al. [5] have also investigated the flexibil-

ity of suface-tethered DNA probes used in electrochemical-based biosensors using scanning

electrochemical microscopy.

The potential-dependent interactions between DNA and a bare electrode [68] as well as

between DNA and alkanethiol SAMs [60] have been investigated using single-molecule force

spectroscopy by Gaub et al. The adsorptive forces of double stranded DNA onto surfaces

has been experimentally found to agree with the model derived by Netz et al. [188, 69] under

assumptions of low ionic strength and weak (for which the Debye–Hückel approximation is

valid) surface potentials (see Equation 2.19 in Section 2.5).

2.4.1 DNA interacts strongly with the electrode through defects

in the passivating SAM, which dominate the response to the

electric field.

In Section 2.3.5, we showed that short DNA inserted into MCH, after a period of applying

600 mV vs. Ag/AgCl to induce a number of small defects, could be made to adsorb strongly

or lift up off the surface in response to applied potentials (see Figures 2.19 and 2.46). We

first propose a model with which to interpret the orientational switching of DNA, then see

how defects in the monolayer will affect this interpretation.
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A model of orientational switching of DNA

Previously Rant et al. [208], had proposed a model to estimate the average orientation of

the lifted DNA 〈φ〉 in response to applied potential—they could estimate this angle with

reasonable accuracy, according to later fluorescence spectroscopy studies. Their model did

not explicitly consider an adsorbed state, rather a continuum of azimuthal orientations the

DNA could be expected to attain from 0 to π in response to the applied potential.

In Figure 2.46, we note that during the sweep potential sweep from +200 to 200 mV at 25

mV/s, during which DNA should lift from off the surface, the potential of lifting did not

coincide with the potential of the readsorption, which suggests that the transition to the

lifted state is slow on the time scale of the sweep (see Section 2.5 for a more quantitative

description). This is in contrast to fluorescence spectroscopy studies of Rant etal. showing

that tethered DNA switched within milliseconds between a surface-bound state and a lifted

state [210]. This discrepancy can be resolved if we invoke a weakly surface-bound state

(W), which is oriented close to the surface but remains too mobile to be resolvable by AFM

(Figure 2.28). From the AFM images and existing fluorescence experimental data we expect

that the conversion between a strongly adsorbed state (A) and W is slow, but between W

and a lifted state (L) conversion is rapid. Assuming a quasi-equilibrium between W and L

(state W∗), the time dependence of the fraction of molecules in the A state can be described

by Equation 2.2, in which ĝ(V ) is the potential-dependent Boltzmann factor describing the

fraction of W among the combined population of W and L (in other words, DNA probes

that are close enough to the surface to adsorb strongly), and θa and θT represent the surface

coverage of strongly adsorbed DNA and all DNA species on the surface, respectively:

dθa
dt

= −kd(V )θa + ka(V )ĝ(V )(θT − θa), (2.2)

where ka and kd are the rates of transition to strongly adsorbed and weakly adsorbed/lifted
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states, respectively. In this Section we will discuss the effects of applied potential on the

fraction of adsorbed DNA. We will discuss the kinetic aspects of this model later in Section

2.5.

Figure 2.28: Proposed mechanism of DNA switching. DNA can only be imaged when in a
strongly adsorbed state A, which is possibly a result of hydrophobic interactions between
the grooves of the DNA and the alkanethiol defect sites, and appears as the taller/globular
features with the AFM. The DNA may extract itself from its adsorption to the defects but
remain weakly adsorbed to the surface through electrostatic interactions, gaining sufficient
mobility as to no longer appear as a globular feature (state W). The DNA can be further
repelled away from the surface by electrostatic forces and be mostly decoupled from the
surface except near its tether (state L). The rapidly equilibrated states W* appear as the
amorphous features in AFM images.

The diffuse layer potential ψD(V) above a perfectly crystalline alkanethiol monolayer at

electrode potential V can be found under conditions of charge balance (assuming no charges

on the alkanethiol tail-groups) in Equation 2.3 between the metal surface and the surface of

the monolayer and by treating the monolayer as an ideal capacitor in Equation 2.4 [10, 233].

σm = σs (2.3)

σm is the charge density of the metal surface:

σm =
ε0εr,m
d

(V − Vpzc − ψD) (2.4)
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where ε0, εr,m, d, and Vpzc are the vacuum permittivity, the relative permittivity of the

monolayer (2.25), the thickness of the monolayer (1.02 nm), and the pzc. The surface charge

density σs of the monolayer can be determined by the Grahame equation (Equations 2.5 and

2.6) for n species of electrolytes with charge zi [111].

σs =

√√√√2ε0εskBT

(
n∑
i

c0,i −
n∑
i

c∞,i

)
(2.5)

c0,i = c∞,i exp(−ziβψD) (2.6)

where εs, kBT , β, and c∞,i are the relative permittivity of the electrolyte solution (80.1), the

thermal energy, the reciprocal of thermal energy, and the bulk number density of electrolyte

species i, respectively. The diffuse layer potential can then be found numerically. Solving

the Henderson-Hasselbalch equation to determine the concentrations of charged species in

0.5×TAE yields 11.5 mM Tris+, 10 mM Ac−, 0.5 mM EDTA3− at pH 8.13, giving a Debye

length [111]:

κ−1 =

√
ε0εskBT

NA(Σn
i=1c

2
∞,i)

= 2.7 nm (2.7)

NA and n are Avogadro’s number and the number of different charged species in solution,

the bulk concentration of each of those species, and the charge of each of those species,

respectively.

At 200 mV above pzc in 0.5×TAE, a pristine (perfectly crystalline) MCH monolayer has

ψD ≈ 15 mV. Under these moderate potentials, the Debye - Hückel approximation can be

used to estimate the potential in the solution, and the electric field near the interface has a

maximum value of ψD/κ = 5.6 MV/m. To estimate the effect of this potential on ĝ(V ), or
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Figure 2.29: Calculated diffuse layer potential. (left) diffuse layer potential ψD, (middle)
surface charge density σ, and (right) estimated fraction of adsorbed DNA ĝ(V ) at different
applied potentials, above a monolayer of MCH in 0.5×TAE solution. For ψD and σ, dotted
lines are calculated values and red lines are linear t between +200 mV and -200 mV. For
ĝ(V ), the dotted black line shows the fraction of DNA molecules whose free end is within one
Debye length (2.7 nm) of the surface, while the red shows the fraction of molecules whose
free end is within 0.311 nm of the surface.

the population of lifted probes very close to the surface, we follow Rant et al. [208]. More

specifically we model the DNA as a series of point charges periodically spaced along a line

with distance between base-pairs bd, whose azimuthal angle φ is dominated by the balance

between electrostatic and entropic forces; because the persistence length of double stranded

DNA is ≈ 50 nm and 105 bp DNA is ≈ 33 nm long a rigid rod should be an appropriate

simplification. This angle was found to be dependent only on solution Debye length κ−1

and diffuse layer potential ψD(V )—and following their derivation we assume that the DNA

behaves as a charged, rigid rod attached at one end to a surface. ĝ(V ), the fraction of DNA

molecules at orientation φ −→ 0 (the original state W) on MCH at voltage V can be

estimated by the equation:

ĝ(V ) =

∫ ε
0

cos(φ) exp
(
−E(φ,ψd(V ))

kBT

)
dφ∫ π/2

0
cos(φ) exp

(
−E(φ,ψd(V ))

kBT

)
dφ

(2.8)

E(φ, ψd(V )) =

`c/bd∑
j=0

zMψD(V ) exp(−κ−1jbd sin(φ)) (2.9)

`c, bd, and zM are the contour length of the DNA, distance between charges along the rep-
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resentation of the molecule (assumed to be distance between base-pairs), and the effective

(compensated) charge along the backbone of the DNA at each base-pair from Manning con-

densation [174], respectively. ε is the (small) maximum angle for which we take the DNA to

be close enough to the surface to be able to transition to the strongly adsorbed state; the

red line in Figure 2.29 assumes ε = 1.09o, so that the free end is within 0.311 nm from the

surface (assuming the DNA acts as a rigid rod) and within the range of van der Waals forces

along its entire length. ĝ(V ) was estimated numerically by calculating E(φ, ψd(V )) for φ

from 0 to π/2 at every 0.01 degrees, then numerically integrating according to Equation 2.8

for applied potentials from -0.2 to 0.2 V versus Vpzc. This estimation of ĝ(V ) ignores the

attractive effects of non-electrostatic terms, but shows that ĝ(V ) most likely behaves as a

step function: for V > Vpzc, ĝ(V ) approaches 1 very quickly (all the DNA lie flat on the

surface), while for V < Vpzc, ĝ(V ) falls to 0 (none of the DNA being in the original W state).

To explore the sensitivity to the choice of angle, we calculated the fraction of DNA whose

free end remains within 1 Debye length off the surface (the dotted line in Figure 2.29), and

we see that the sensitivity of ĝ(V ) to changes in ε manifests itself mostly when V > Vpzc,

and any reasonable choice of epsilon would result in a very sharp transition from the lifted

state to the mobile state (within 50 mV). This estimation calculates the electric fields atop a

pristine MCH monolayer. One complication is that the defects in the SAM may significantly

alter the electric field distribution. Nevertheless, the stronger electric fields are expected to

result in a sharper transition and hence do not affect our overall conclusion.

Estimates of electric field strength near defects

The presence of a defect near a DNA molecule is expected to dramatically affect the lo-

cal electric field distribution to which the molecule is subjected. We numerically solved a

modified Poisson–Boltzmann equation (Equations 2.10 and and 2.11) using a finite element

analysis with the pdetool package in MATLAB. This modified Poisson-Boltzmann equation
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[23] which takes into account the size of the counter-ions in conned spaces was used for

0.5×Tris acetate, where the size of the counter electrolyte was used to determine the electric

field in solution. The two-dimensional models of a monolayer with a 2.0 nm-wide or 2.5

nm-wide defect was input according to the parameters in Figure 2.30 through the mid-point

of a defect in the monolayer. The electric field in the monolayer was determined by the

solution of the modified Poisson–Boltzmann equation, assuming relative permittivity of 2.25

and a thickness of 1.02 nm for MCH.

ε0εs∇2ψ =
8πcb sinh(βeψ)

1− ϕ0 + ϕ0 cosh(βeψ)
(2.10)

ϕ0 = 2a3cb (2.11)

where a is the size of the ionic species. Within a 2 nm wide defect we find the electric field

has a maximum strength of 50 − 60 MV/m, an order of magnitude larger than above a

pristine monolayer. While the potential drop in an ordered monolayer decreases the diffuse

layer potential and electric field, defect sites are able to maintain higher electric fields.

Although more sophisticated molecular-scale simulations of SAM defect sites may be needed

to account for solvation within the hydrophobic defect and obtain a more accurate electric

field distribution, our estimate nevertheless showed that stronger electrostatic interactions

within the defects, in effect increasing ĝ and making strong adsorption more likely. The

increased electric fields at the defect sites may sufficiently hinder rotational diffusion of the

tethered molecules and ‘trap’ the DNA at the surface, allowing for clear resolution by AFM.
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Figure 2.30: (left) Schematic of 2-dimensional configuration making use of the bilateral
symmetry of the system. Larger area corresponds to area used to model potential distribution
used in Figure 2.31C. Dashed lines correspond to a cropped area for which the electric field
distributions are displayed. (middle) Electric field distribution at 2.0 nm-wide defect site in
a MCH monolayer at +200 mV (discussed in text for 105 bp DNA). Each line inward from
the marked equi-field line represents an increase of 10 MV/m in magnitude. (right) Electric
field distribution at 2.5 nm-wide defect site in a MCH monolayer at +200 mV. This is the
electric field distribution of the model shown in Figure 2.31C

Figure 2.31: Calculation of potential distribution near a 2.5 nm wide defect site in (A)
MCH or (B,C) C11OH using modified Poisson-Boltzmann equation. Each equipotential
line toward the defect represents an increase (decrease) of 1 kBT/e for the different applied
positive (negative) potentials; far from the surface the potential drops to 0V. Above a defect
in the SAM, the potential gradients arefar greater than those above a pristine monolayer.
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Approximate mechanical forces applied by the DNA to the SAM

At these large electric fields, an important question to consider for the stability of the sensor

is whether the DNA subjected to these high fields may directly disrupt the monolayer via

mechanical forces. Forces on the DNA were estimated by integrating the electric field in the

area of a 0.25 nm ring of inner radius 1.00 nm (Figure 2.30 left), an approximation for the

backbone of a B-DNA double helix, and multiplying by the effective (compensated) charge

along the backbone of the DNA at each base-pair from Manning condensation per unit length

[174]. This was performed in the case where the DNA is laying atop or within an MCH defect

2.5 nm wide, as in Figure 2.30 with the electrode surface at +200 mV, as well as atop a

pristine monolayer (no defects) of MCH with the electrode surface also held at +200 mV. We

recognize that the presence of the DNA within the defect will dramatically affect the electric

fields and distribution of ions in solution, but this exercise is meant as a first approximation

to get a rough estimate of the effect of defects on the attractive electrostatic forces applied

by the potential; we expect this largely underestimates the electric fields exerted on the DNA

in the defect. We find that the forces per unit length felt by the DNA within the defect is

22.8 pN/nm (toward the electrode), while atop a pristine MCH monolayer the forces fall to

1.8 pN/nm. For the 105 bp DNA, taking the cross-sectional width of DNA as 2.5 nm, we see

that at +200 mV the pressure applied by the DNA is 700 kPa, far less than the GPa pressure

required to restructure a highly-ordered alkanethiol monolayer by applied mechanical force

[156].
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2.4.2 The electric field-dependent conformations of long, tethered

DNA molecules depend on the choice of passivating SAM.

503 bp DNA with a C6SH tether in 6-mercaptohexanol

Here we examined a surface decorated with thiolated 503 bp DNA on MCH. The longer

DNA, expected to adhere to the surface more strongly than the 105 bp DNA, may provide

additional insights into the interaction between the DNA and the SAM. After pre-treatment

of the monolayer at +600 mV as before, at +200 mV, several protrusions appeared whose

average height, 3.6 nm, notably exceeds the diameter of a double-stranded DNA, suggesting

that the 503mer is not parallel to the surface (Figure 2.32). The stability of the protrusions

suggests that the molecules are immobilized by strong interactions with the surface, probably

in direct contact with gold at multiple points, producing segments tilting away from the

surface and leading to heights exceeding 2.5 nm (Figure 2.32A).

Figure 2.32: Schematic of adsorbed 503bp DNA on MCH SAM after pre-treating the surface
at +600 mV. (A) At 200 mV, the segments of the DNA may be trapped and some others
may tilt away from the surface, producing features 3 - 4 nm tall above the background SAM.
(B) Tapping mode image of 503 bp DNA at +200 mV. Scale bar is 100 nm.

Applying a potential cyclically while imaging, we are able to reversibly switch the mor-

phology of the protrusions (Figure 2.33); however, after prolonged cycling of the potential,
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Figure 2.33: Scanning the surface left to right while cyclically varying the applied potential
between 0 mV and 200 mV vs. Ag/AgCl, we resolve the reversible conformational switching
of 503 bp DNA on MCH from more strongly adsorbed (Figure 2.32) to a moile (lifted) state
where the molecules can not be well-resolved. Scale bar is 100 nm.

imaging the surface between successive series of potential sweeps revealed that the protru-

sions gradually converted to rods that were 1.5 nm high (Figures 2.34, 2.35, and 2.37), which

we did not observe with the 103 bp DNA. The average height suggests the molecules are

in direct contact with gold (Table 2.1). DNA molecules of this length have significantly

curved conformations when adsorbed on mica. By contrast, the rods observed here are lin-

ear and exhibit a marked preference at discrete orientations 60◦ apart (Figure 2.34). Using

the method of Ref. [281], we found the lengths of the DNA on the surface (Figure 2.36) to

range from 10 to 50 nm, significantly shorter than the expected contour length of 166 nm for

a 503 bp ds DNA, implying that the rods represent only the segments of the DNA molecule

which are strongly adsorbed onto the surface while the rest of the molecule is too mobile

to be resolved (Figure 2.35D). The average topographical height of the rodlike features is

1.43 nm, which is consistent with DNA lying down directly on gold and embedded in SAM

defects (Figure 2.35Aii and Figure 2.35C, and Table 2.1); however the distribution of the

heights (standard deviation σ of 0.34 nm) implies that some of the DNA molecules may be

adsorbed atop disordered regions of the MCH SAM.

The transformation suggests that the 503 bp DNA, attracted by the surface charges, dis-

placed the MCH molecules underneath and became embedded in the line defects of the SAM
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on Au(111). We extracted an orientational order parameter 〈2 cos2(3(θ1 − θ0)) − 1〉 [48]

using the angle θ1 of the first 2.5 nm segment of each DNA molecule relative to the AFM

scanning x-axis, where denotes the mean value of observed rodlike features, where a value

of 1 indicating complete alignment at discrete 60◦ intervals and 0 indicating complete orien-

tational randomness. Analysis of the rods in Figure 2.35B yielded an orientational order of

0.43, indicating significant angular alignment on the surface with an offset angle θ0 of 21.2◦.

Strikingly, incorporation of the DNA along the defects of the SAM results in very straight

segments of DNA observed with AFM, particularly when compared to DNA adsorbed onto

mica. DNA adsorbed onto mica behaves as wormlike chain (WLC) [65] and exhibits an

exponential decay of expected cosine of angular difference along its backbone with a char-

acteristic persistence length (Figure 2.36B). In sharp contrast, the mean cosine of angular

difference along the backbone of the DNA in MCH does not appear to decay with distance

along the molecule.

These structural characteristics are all consistent with DNA being adsorbed at linear defects

in the MCH monolayer (Figure 2.35D), which also occur at discrete 60◦ angles relative to

each other [201]. The shortness of the rods and the fact that they predominantly extended

in only one of the two possible directions (Figure 2.38) indicated that adsorption of the

DNA (and possibly displacement of the SAM) likely initiated from one point (such as the

tether) and propagated along the length. The 503 bp DNA more readily induces larger SAM

defects that allow it to be adsorbed on gold. Although the pressure exerted by DNA due

to electrostatic attraction is estimated to be on the order of MPa, orders of magnitude (see

above) below the GPa pressure required to displace an crystalline SAM, the MCH SAM

is known to be defective and mobile [198], due to the weaker interchain interactions. The

MCH molecules may then rearrange to accommodate the DNA. We do not expect the DNA

is breaking the Au-S bond of the MCH molecules to release the thiolate, as it is energetically

favored for MCH to diffuse laterally to accommodate the DNA so long as there are some

vacancy defects in the SAM. In addition, repeated desorption of MCH due to DNA switching
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over the potential cycles would have resulted in a highly defective monolayer, which we did

not observe. Drawn by strong electric fields from a transient defect, the DNA may displace

the MCH molecules and enlarge the defect. By cycling the potential, the MCH molecules

at the end of the defect site may be displaced, extending the linear defect and the DNA

feature. Because these molecules are embedded within a crystalline MCH monolayer, the

DNA molecules are prevented from diffusing laterally on the surface, allowing for high-

resolution imaging. The unique surface structure, containing extended, highly linear DNA

molecules embedded in a monolayer, may be useful, for example, for nucleic acid sequencing

[252] or protein binding studies by scanning probe microscopy [65, 173]. We note that often

nucleic acid sensors or microarrays lose the ability to hybridize effectively with their target

when the probes are adsorbed directly onto gold. Hence, our results here suggest that care

must be taken when cycling the applied potential in sensors with MCH SAMs.

Figure 2.34: Switchable monolayers of long (503 bp) DNA on MCH before and after potential
cycling between +200 mV and -200 mV. Letters correspond to tracked features in Figure
2.37. Images are 1 µm by 1 µm. (A) After initial application of +600 mV, at +200 mV the
long DNA initially appear tall and rounded. (B) After cycling the potential several times
between +200 mV and -200 mV, long DNA molecules appear on the surface at the heights
expected for DNA lying at atop the gold electrode but embedded within the monolayer.
(Right) Angular distribution of extended DNA molecules on the surface.
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Figure 2.35: 503 bp DNA inserted in MCH monolayers after repeated potential cycling.
Schematic of tethered DNA on an electrode surface. (A) The thiol tether at one end of the
DNA molecule is the same length as the passivating 6-mercaptohexanol (MCH) monolayer
(i), so that DNA molecules may covalently attach to the surface at defect sites without
disrupting the structure of the MCH layer. After pre–treatment of the monolayer and re-
peatedly cycling the potential, the DNA molecules disrupt the MCH monolayer preferentially
along line defects in the monolayer and lie directly on the gold surface (ii), leaving the rest
of the MCH structure undisturbed. (B) Topographical image of DNA taken by tapping
mode AFM in 0.5× TAE at +200 mV after cycling the potential between +200 mV and
200 mV. The rod–like protusions appear elongated and preferentially oriented at discrete
60◦ intervals. Larger amorphous protrusions are likely DNA molecules that have not yet
inserted into the line defects. (C) Maximum observed height of each rodlike protrusion on
the surface and likely model of DNA adsorption consistent with the observed height. (D)
Proposed model of the DNA in MCH, lying flat on the gold surface in a line defect within a
mostly ordered MCH monolayer. Segments not adsorbed within the defect are too mobile to
resolve. (Behind) Numerical solution of the modified Poisson-Boltzmann equation [23] for
a 2.5 nm defect in a MCH monolayer under 0.5×TAE. Each equipotential line represents 1
KbT/e (far away this voltage approaches zero) and the distribution shows stronger electric
fields which attract the DNA into the defect site. The potential gradients are far greater
than those above an ideal monolayer.
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Figure 2.36: DNA length and bending along backbone in MCH from Figure 2.35B. (A)
Observed length d of adsorbed DNA molecules on the surface. (B) Mean cosine value of the
angle between the first (discrete 2.5 nm length) segment of each DNA molecule (chosen to
be one end at random) and a segment at distance d along backbone of molecule (solid blue).
For comparison with double-stranded DNA randomly adsorbed on to a surface, dotted line
is expected values for a wormlike chain with persistence length 53 nm. Error bars are the
standard error of the mean (σ/

√
n, where n is the number of samples of length equal to or

greater than d). (Inset, upper right). DNA adsorbed onto mica observed with tapping mode
in air. The DNA match the expected contour length of 166 nm for the 503 bp DNA and
appear significantly more flexible than in MCH. (Inset, lower left) Schematic illustration of
how length d and angular difference θ were measured using an algorithm based on [281].
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Figure 2.37: DNA molecules tracked and aligned between 9 consecutive AFM scans between
which the potential was repeatedly cycled between +200 mV and -200 mV between frames.
Nearby letters refer to the DNA molecules in the frames below corresponding to those features
in Figure 2.37.
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Figure 2.38: Aligned, overlaid frames of the locations of 503 bp DNA molecules in the
middle of cycling sessions (Figure 2.37 frame 5) and after cycling sessions (Figure 2.37 frame
9) which demonstrate that extension of DNA mostly occurs in a single direction along the
surface. Turquoise marks the location of DNA from the middle frame, yellow the location
of the DNA features after cycling, red where the two overlap and dark blue is where no
features were found. Arrows along the direction of growth were placed where growth in one
direction coufld be unambiguously assigned. An asterisk was placed next to features showing
convergent or divergent growth from smaller molecular features. Note that some intraframe
drift prevents perfect alignment between the two images and shifts yellow features at the top
of the frame in the down-right direction while those on the bottom are shifted in the up-left
direction. Only DNA molecules which were located on the same level and were rod-like (not
tall and rounded) were included in each frame.
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503 bp DNA in 11-mercaptohexanol

To further understand how the SAM influences DNA conformations, we used a background

monolayer of 11-mercaptoundecanol (C11OH), which is similar to MCH but, as a result of

the five additional methylene groups, possesses significantly stronger intermolecular interac-

tions and fewer defects in the monolayer [165]. As described above, a mismatch between the

length of the DNAs six-carbon (C6) thiol tether and the alkane chain of C11OH disrupts

the structure of the C11OH SAM near the sites of DNA insertion, resulting in large defects

(Figure 2.11). These defects were likely initiated during the insertion process, when a length

mismatch between the DNAs C6 tether and the surrounding C11OH disrupted the surround-

ing SAM structure and caused partial desorption to accommodate the large footprint of the

double helix. The insertion into the defect sites may also be facilitated by the stabilization

of exposed nucleobases by the exposed hydrophobic hydrocarbon chains.

As we have seen above, after insertion of the double-stranded DNA (dsDNA) with the

C6 tether into the C11OH SAM the morphology of the surface was revealed to be quite

different from that of the MCH surface. While the C11OH SAM was mostly of high quality

and crystalline, we observed large, monolayer-deep pits (see Table 2.1). Within the pits,

we observed protrusions attributed to the DNA thiol tethers. After applying +600 mV,

the defects become occupied with donut-like structures decorating the perimeters (Figures

2.39A,C, and 2.40). The height of the features was observed to be 0.91 ± 0.31 nm above

the 1.6 nm thick C11OH background SAM, consistent with DNA adsorbed directly on gold.

Because the AFM records images line by line, we could sweep the potential from +600

to 400 mV during image acquisition and the slow scan axis could be considered a time

axis; thus we can observe the response of the DNA molecules to different potentials within

the same AFM image (Figure 2.39D). Around −100 to 200 mV we found a sharp transition

between defects with the donut-like structures and the vacant defect sites originally observed

before application of the positive potential. The DNA molecules remained lifted when the
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Figure 2.39: Tethered DNA in C11OH monolayer. (A) Proposed schematic of DNA at
positive potentials, where the DNA appears coiled around the edge of large defects (B inset)
formed as a result of the mismatch between the tether length and C11OH. (B) At negative
potentials, the DNA is lifted out of the defects, and only the thiol tether can be imaged. The
defect sites maintain their structure. (C) Topographical image of DNA at positive potentials.
The heights of the donut-like structures are consistent with DNA lying directly onto the gold
surrounded by an ordered C11OH monolayer. Scale bar is 100 nm. (D) Imaging the surface
left to right while scanning the applied potential from +600 to 400 mV the DNA appears
lifted at around 200 mV (able to overcome adsorptive forces). Dotted line is the 0 mV line.
(E) At 0 mV, the molecule remains lifted, and large defects maintain their shapes. Small
spots in the middle are assigned to be the tether. (F) As the potential returns to +600 mV,
the DNA readsorbs into the defect sites.

potential was raised back to 0 mV, while the defects retain contours similar to the donut-like

structures (Figure 2.40A, and compare Figure 2.39C,E). Returning the potential to +600

mV resulted in the occupation of the defect sites with the donut-like structures again (Figure

2.39E), indicating that these structures are stable and reversible. Close-ups of the donut-

like conformations at positive potentials (Figure 2.40A) reveal a number of novel structural

features that are distinct from the extended linear shapes commonly observed with dsDNA

immobilized on mica surfaces.

DNA deposited on mica surfaces often assume conformations that reflect either their struc-

ture in solution projected onto a surface or one in which they have equilibriated in two-
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Figure 2.40: Close-up of six donut-like DNA structures from Figure 2.39. (A) The 50 nm
closeups of the same defect sites occupied by DNA at (upper) +600 or (lower) 0 mV. (B)
Three-dimensional rendered image to highlight the variations in height along the edge of the
defects. Maximum height above the background monolayer is 1.2 nm, consistent with DNA
lying directly on the gold in that instance.

dimensions [65, 197]; both these classes of conformations appear elongated with persistence

length ρ approximately equal to 53 nm (e.g., Figure 2.36B inset). The donut-like features

we observe sometimes have diameters approaching 10-20 nm. A careful comparison of the

shape of the defect sites before and after lifting and of the donut-like structures topographi-

cal heights reveal that these donut-like structures are actually buckled, making intermittent

contact with the gold surface and extending slightly beyond the perimeter of the defect

(Figure 2.40). The significant curvature of the donut-like structures requires a significant

bending energy E to overcome the natural stiffness of the double helix. The energy to

coil a DNA molecule of length d into a circle in two dimensions can be approximated by

E = kBTρθ
2/(2d) = (2πρ/r)kBT for a radius r [65, 203]. For a radius of curvature of 10 nm

(Figure 2.40Ai), the energy required to coil the DNA around the defect is 33 kBT . However,

a highly charged surface has been observed to increase the flexibility of adsorbed DNA by

helping to neutralize the charges along its backbone [197]. At the extreme, DNA with a fully

charge-compensated (neutral) backbone has a persistence length of 7 nm and the bending

energy of the donut-like structure would drop to 4.4 kBT . From our numerical calculations,

we find that the electric fields are even more highly concentrated within a C11OH defect

97



than within a defect in MCH, and the difference in the electric field strengths above the

defect and above a pristine monolayer is even greater (Figure 2.31B). These high-curvature

conformations within or in close proximity to the opening of the defect can be rationalized

by the positive surface charges that minimize electrostatic repulsion between the negatively

charged segments within a DNA molecule as well as the interactions with gold and alkyl

chains. Upon reversal of the potential, the electrostatic repulsion is no longer screened and

stabilizing interactions with the gold or the alkane chain are no longer sufficient to hold the

molecule in place. The pit-like defects in the C11OH SAM (Figure 2.40A) are markedly dif-

ferent from the linear defects found in MCH. Because C11OH is long and more hydrophobic,

formation of linear defects in the C11OH SAM under aqueous conditions requires a higher

energy cost, i.e., line tension [13]. Therefore, more circular defects, which can reduce the

energy cost, may be favored.
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2.4.3 Conclusions and future work

High-resolution imaging of DNA on model surfaces (gold with hydroxyl-terminated mono-

layers) using electrochemical AFM has provided novel real-space details of the conformations

of the molecules and their local environment, which would be difficult to discover using en-

semble studies. By changing the background SAM, the DNA on the surface could be driven

to conformations that appear either significantly stiffer or more flexible than DNA adsorbed

on mica. Our studies suggest that much of what is learned about the nanoscale conforma-

tions of adsorbed DNA by AFM studies on mica may not automatically translate to DNA

adsorbed on biosensor surfaces. Additional studies will be needed to understand the detailed

roles of heterogeneous surface chemical functionalities and electric fields. Our observation

of the prominence of defects in the passivating background has intriguing implications in

the design of biosensors that utilize shorter DNA molecules and interfacial electric fields.

A significant limitation of the alkanethiol background in sensors that utilize electric fields

is that the electric fields are significantly diminished on ordered SAMs (often by an order

of magnitude or more) due to the large potential drop across the dielectric layer [10]. The

controlled introduction of defects in the SAM may enable sensors demanding greater sen-

sitivities to the applied potential. The large defects in the C11OH SAM (Figure 2.39C-F)

and their highly concentrated electric fields suggest that the C11OH SAM may in fact be

more suitable for these devices than the commonly used MCH SAM. A possible concern

for defect-mediated switching (lifting and adsorption) is the nonspecific interactions on the

exposed gold. However, the application of a negative potential may repel nonspecifically

adsorbed nucleic acids as shown in Figure 2.39E. We will investigate the kinetic response of

shorter DNA in C11OH in the next section.

Future studies using in situ electrochemical AFM will help to elucidate the role of back-

ground SAM, solution ionic strength, and assembly conditions in guiding the spatial or-

ganization and conformations of DNA on surfaces. Combining these measurements with
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single-molecule studies of hybridization ([86] and see Section 2.6) or catalysis [128] will ulti-

mately allow us to correlate the performance of a biosensor with the nanoscale conformations

of the DNA and SAM structure to gain a truly molecular-scale view of nucleic acid sensors

and devices.
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2.5 The potentiodynamic response of DNA to applied

potentials is heterogeneous across the surface as

a result of differences in the nanoscale chemical

environment around each DNA molecule.

While in Sections 2.3 and 2.4 we focused on the conformations of DNA at different applied

potentials, here we wish to examine the potentiodynamic response of the shorter (105 bp).

The potentiodynamic response of single stranded tethered DNA is expected to be different

than double-stranded DNA [210], and sensors based on this phenomenon have been demon-

strated [295]. Extraction of the kinetic rates of this the adsorptive/desorptive response of

DNA is also an important tool in understanding the energetics of the interactions between

DNA and electrode surface. However, we have previously observed that the nanoscale sur-

face morphology can cause local distributions in the electric field strength, and how defects

in the monolayer will impact this switching behavior is unknown. By imaging the sensor

surface during potentiodynamic switching, we are able to extract heretofore obscured details

about how the local chemical environment on the surface affects the response of individual

molecules to the applied potentials under conditions similar to those used to detect nucleic

acids.

Because AFM does not obtain a measurement of the surface topology all at once, as in

optical microscopy—rather line-by-line (Figure 2.41) —we first discuss how kinetic rates can

be extracted from AFM images, and propose a method to extract the rates of potential

induced adsorption/desorption from data within a single AFM image. We then observe

the orientational switching of DNA in response to cyclically varying applied potentials and

compare the results with Monte Carlo simulations of the experiment. We find evidence

that the response of the DNA to the electric fields on electrochemical interfaces is highly
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heterogeneous between probes, which is likely to affect not just dynamic biosensors but also

sensors based on electrostatic or electrochemical measurements as well. Methods to quantify

this heterogeneity are then proposed.

Figure 2.41: AFMs acquire image of a surface by rastering a sharp tip across the surface,
line-by-line. What is often neglected is that this implies that an AFM image contains spatio-
temporal information: the image is acquired at a pixel only at the time at which the probe
is scanned over it.

2.5.1 The extraction of kinetic rates from intra-frame AFM im-

ages allows us to characterize faster dynamics of molecular

features

Because AFM can provide real-space, topographical images of biomolecules with nanoscale

resolution, there has been a desire to use the instrument to observe dynamic biological

systems [219, 89]; AFM would appear to be the ideal instrument to investigate how spatial

relationships between molecules and interactions within the context of their environment

affect structural transitions or reaction kinetics at the nanoscale, something fluorescence

spectroscopy, for example, is not easily able to do. However, because AFM image acquisition
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occurs line-by-line and tends to be slow (orders of magnitude slower than fluorescent signals),

its utility within these contexts has been limited. On the other hand, what is often overlooked

is that an AFM image contains both spatial and temporal information; the AFM image is a

record of the forces felt by the probe, but only at the time the AFM tip passes over that exact

location. By exploiting this property of the imaging mechanism, we will propose a method

to utilize this information to extract rates of dynamic molecular features from within a single

AFM image. First we will review the more common methods for extracting kinetics from

AFM images and discuss relative advantages and disadvantages of each (Figure 2.42).

Figure 2.42: Traditional methods to extract kinetic rates of dynamic features with AFM, for
example, here we watch a series of particle transition irreversibly from state A (red) to state
B (blue). Left) In the line-by-line method, the same line is scanned repeated, and a few
features are watched with relatively rapid frequency of observations. Right) On the other
hand, in the frame-by-frame method, which has been common and is increasingly so with
the advent of high speed AFMs, features over the entire surface are imaged; however, each
frame takes significantly longer (often 256 lines/frame) than the line-by-line method.
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Comparison of AFM-based estimations of kinetic rates

Traditionally, in scanning probe microscopies, kinetic rates of molecular transitions have

been extracted by comparing the state of molecular features as they change between frames

(‘frame-by-frame’ analysis) [175, 253, 254]. However frame-by-frame analysis of biological

molecular features with AFM is often considered too slow as each image is generally acquired

over the course of several minutes (each fast scan is on the order of 1-10 lines/sec), and the

phenomena that can be accurately characterized are limited by this slow frame acquisition

rate. We note that many of techniques available to non-biological systems (using cryogenic

temperatures, e.g.) used to slow reaction rates to the time-scale of imaging can not be used

in biological systems [250, 251]. Recent development in high-speed atomic force microscopy

[2], with sub-second frame acquisition times, has been used to image dynamic equilibriums

in protein binding, diffusion and kinetic rearrangements of membrane proteins [33, 46, 34,

292, 3], and the movement of motor proteins [131]. However, often the imaging areas must

be quite small (on the order of 10s of nanometers), and we have noticed that while the image

acquisition is fast, on occasion high speed AFMs have been used to characterize systems

where the reaction rates were on the same order as the image acquisition time [3], which can

introduce bias if accounted incorrectly. Furthermore, the current cost of these instruments

serves as a barrier to their usage.

An alternative method to observe dynamic nanoscale systems using AFM relies on disabling

the imaging along the slow scanning axis. This ‘line-by-line’ acquisition continuously scans

the same biomolecules as they undergo dynamic transitions at the rate of the imaging along

the fast-scanning axis [278, 3]. While able to observe the state of the biomolecules at signif-

icantly higher frequencies than the frame-by-frame imaging, this process can be particularly

perturbative to the molecules under examination, and much of the spatial information re-

garding the biomolecule is lost. Furthermore it is not well-suited to long-term studies as

instrumental drift in the AFM scanner may cause the tip to move away from the particular
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biomolecules under examination (over the course of seconds to minutes).

Rather, we consider an intra-frame kinetic analysis, where the information on the state of

a each molecule across the surface is used at the time it was imaged. Afterwards the times

at which each the molecule was imaged and their respective states can be aggregated; the

rates of transitions can then be estimated from this data. Conceptually, this is similar to

single-molecule fluorescence spectroscopy studies within a confocal volume, where the states

of a single molecule within the confocal volume are only observed for a short period of time

before the molecule diffuses out of that range [52]; an advantage of the method using AFM

is that we can unambiguously assign signals to different molecules. In this sense we would

expect that as the number of particles on the surface increases, the effective ‘sampling’ rate

will increase so that we can characterize dynamic processes much faster than the frame-by-

frame imaging rate, while retaining the spatial information. As a preliminary experiment to

determine the feasibility of this analysis and whether it introduces any biases, we consider an

idealized experiments (point particles, perfect resolution, no noise) on an irreversible kinetic

transition from state A to B.

A
k→ B (2.12)

where k is the transition rate scaled to the imaging rate ν (rate of imaging an entire frame

for frame-by-frame or intra-frame analysis, or rate of imaging a single fast-scan line for

line-by-line analysis) to simplify comparisons of frame-by-frame and intra-frame analysis.

To compare the accuracy and time resolution of the three different analytical techniques,

we then performed a Monte Carlo experiment approximating the estimated rates we would

recover from a set of particles on a surface starting in state A then transitioning to state

B irreversibly. For a given k, we generated a set uniformly random locations for the point

particles as well as a set of times at which each molecule transitioned to B [77]. To model
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frame-by-frame and line-by-line analysis, we recorded the start time of the frame (or line)

at which each probe was last observed in state A (tA, which = 0 if it was never observed

before the its transition) as well as the start time of the frame or line at which the particle

was first observed in state B (tB, which =∞ if the transition was never observed before the

end of the experiment); we know the transition for that molecule occurred between those

two times. To model the intra-frame analysis, rather than using the start time of the frame,

we use the time at which the particle was last observed (determined by its position in the

frame) in A for ta and the first time when that particle was observed in state B as tB. For a

given k, the rate was estimated by maximizing the logarithm of the likelihood L(k | Θ) (the

log-likelihood) [59, 4, 176] of obtaining a set of observations of the particles Θ, which for

the irreversible zeroth order reaction above with n particles is (in practice, by equivalently

minimizing the negative of the log-likelihood):

log(L(k | Θ)) =
n∑
i=1

−ktA,i + log(1− exp(−ktB,i)) (2.13)

The results for different scaled k and number of particles is shown in Figures 2.43 and 2.44.

While the while the line-by-line and frame-by-frame analysis are limited by the scan rate, as

expected, by taking into account the intra-frame data the maximum rates which could be

accurately estimated scales with the number of particles. Therefore on surfaces with high

densities of particles we can characterize kinetic rates much faster than the frame acquisition

rate by taking note of the temporal information encoded within an AFM image, while being

less perturbative to the particles and retaining spatial information.
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Figure 2.43: Simulated estimated kinetic rates for line-by-line or frame-by-frame techniques
(compare with Figure 2.43). The color represents the estimated kinetic rate (while the
actual kinetic rate used in the simulation is colored along the far right axis). From left
to right within the graphs, the number of particles observed ranges from 10 to 10000 (25
experiments averaged to smooth out the noise). As we see, from the line-by-line or frame by
frame estimates, the ability to accurately estimate rates drops precipitously as the reaction
rate approaches the scan rate (the line scan rate or frame scan rate, respectively).
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Figure 2.44: Simulated estimated kinetic rates for rate estimation based on the time where
a particle was observed (from a single AFM frame) (compare with Figure 2.43). The color
represents the estimated kinetic rate (while the actual kinetic rate used in the simulation is
colored along the far right axis). From left to right within the graphs, the number of particles
observed ranges from 10 to 10000 (25 experiments averaged to smooth out the noise). The
maximum rates which are able to be estimated accurately grows with the number of molecules
in a frame (the effective sampling rate). There were no apparent biases and the uncertainty
in the measurement was consistent with the line-by-line/frame-by-frame measurements.
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A Particle Counting Projection (PCP) or Voltammogram (PCV) allow us to es-

timate the survival probability of irreversible reactions with temporal resolution

comparable to ‘line-by-line’

Conceptually, the previous tests demonstrated that examining intra-frame AFM data across

multiple particles within the same image can increase the range of kinetic events we can

study; in practice it may be difficult to apply this technique in the presence of finite particle

sizes and imaging noise. In an alternative approach that we have found to be more robust,

we combine the best attributes of the line-by-line (increased rate of sampling) and frame-

by-frame (retention of spatial information and less perturbation to the molecules). In what

we term a ‘Particle Counting Projection’ (PCP) (Figure 2.45), we aggregate the number of

molecules in state A observed during a given ‘fast-scan’ line at time t. Later we describe an

similar ‘Particle Counting Voltammogram’ (PCV) because the analysis will be applied to the

orientational switching of DNA under cyclically varying potentials and has analogies with a

cyclic voltammogram; an analysis of the transition rates in terms of the applied potential

simplifies the interpretation.
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Figure 2.45: Schematic of a Particle Counting Projection. Within the same AFM image,
the number of particles in state A during a fast line scan are counted. All particles observed
during a ‘fast line’ scan that are in a given state are aggregated and ‘projected’ onto the
time of the line scane. If the particles are dense and randomly distributed, the technique
provides the sampling rate of a line-by-line measurement, while retaining spatial properties
of a frame-by-frame analysis and perturbing the molecules less.
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From the images of sensor surfaces from in Section 2.3, the individual DNA molecules appear

dense in the frame and isotropically distributed (in the regions between the empty circular

zones). Indeed, a histogram of the inter-molecular distances between nearest molecules along

individual lines reveals that an exponential distribution of intermolecular spacing, which

implies that the distribution of molecules on the surface is a realization of a spatial Poisson

process. The survival probability S(t), or the probability of observing m different molecules

in state A out of n total molecules on a single line scanned at time τ (PCP(m, τ)), when the

expected number of molecules per line is λd:

PCP(m, τ) =
∞∑
n=0

(
n

m

)
S(τ)m(1− S(τ))n−m

λnd exp(−λd)
n!

(2.14)

PCP(m, t) = exp(−λd S(t))
(λd S(t))m

m!
(2.15)

That is, from the expected value of m observed per line we find that we can use the mean

m observed (〈m〉(t)) to estimate the survival probability, or the probability that a molecule

remains in state A at time t:

〈m〉(t)
λd

= Ŝ(t) (2.16)

The instantaneous mean of a time series 〈m〉(τ) can be estimated from a time-indexed data

set or, as in our case, repeatedly measuring the system after resetting the DNA to their

original adsorbed state and taking the average value of molecules adsorbed at a specific

time (or applied potential). This provides a way to estimate the survival probability of

the molecules undergoing an irreversible transition (see below) in a model-independent way,

which can be connected to a kinetic model later as we desire.
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2.5.2 Dynamic switching of DNA in MCH with a cyclically vary-

ing applied potential and proposed model of switching mech-

anism

Figure 2.46: Switchable monolayers of short (105 bp) DNA before and during operation.
Each image is 1 µm across and the arrows above each figure represent the slow-scanning
direction. A) After holding at +600 mV (see Figure 2.17), the switchable monolayer is held
at +200 mV during the entire scan (uncropped version of Figure 2.19B). B) The monolayer
is then immediately imaged again while the applied potential is cycled between +200 mV
to -200 mV at 25 mV/sec. Time axis increases proceeding left. Figure 2.46A and 2.46B
were overlaid in Figure 2.23 to reveal a molecule-to-molecule correspondence of switching
features. (C) Surface is held at +600 mV pprior to scan from right to left, then potential
is stepped down to +200 mV. Electrode potential is then scanned once from +200 mV to
-200 mV and back at 25 mV/sec, then four more times after a short pause. (D) Switchable
monolayer with applied potential cycled between +600 mV to 0 mV and back at 5 mV/sec.
Note that lift and re-adsorption do not occur at the same potential, as is the case when
cycling at faster rates.
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Particle counting voltammogram of potentiodynamic switching of DNA

To quantify the kinetic response of the DNA to the applied electrode potentials we exam-

ined the potentiodynamic image obtained during simultaneous imaging and potential sweeps

(Figure 2.46). As the DNA molecules on the surface are individually resolvable, isolated, and

isotropically distributed, but sufficiently dense, we were able to study the switching kinetics

with a higher time resolution (seconds) by constructing a particle-counting voltammogram

(PCV) from intraframe data. In this experiment, the potential applied to an electrode V (t)

is linearly swept from an initial voltage V 0 at rate λ = 25 mV/sec during imaging by AFM.

The number of strongly adsorbed molecules (taller/globular with height > 1.5 nm, see Figure

2.19) observed during a single line scanned by the AFM is then determined for that given

applied potential. As an AFM records images by rastering serially (line by line) across a sur-

face, the slow scan axis also represents the time axis. While a PCV experiment does provide

a means to probe processes that are too fast for frame-by-frame analysis, a consequence is

that we cannot keep track of a specific molecule for a long period of time. Instead, we must

(initially) assume that the behavior of the molecules imaged during a single line scan at the

concurrent potential is indicative of the behavior of all of the molecules on the surface and

interpret our data from an ‘ensemble’ point of view assuming homogeneous kinetics. Later

we examine the validity of this assumption with a kinetic Monte Carlo simulation of the

experiment.

Interpretation of kinetic rates

We can see from Figure 2.46 that the ‘lifting’ and ‘adsorption’ curves of the PCV do not

overlap, which provided evidence for our quasi-two state model posited in Section 2.4. Our

model of the potential-dependent orientational switching of DNA is described by Equation

2.2 in the previous Section. We assume the voltage dependence in the rates of the transition
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Figure 2.47: Particle counting voltammogram (PCV) from potentiodynamic AFM images.
Left) Strongly adsorbed particles observed in Figure 2.46B (red) are projected onto the
potential applied during that image scan. Right) PCV of the taller/globular (strongly ad-
sorbed) protrusions observed during a line scan versus the potential applied. Blue data
points were observed while the potential was being swept in the negative direction (DNA
lifting) at sweep rate λ = 25 mV/s, while the red data points were taken during the positive
direction sweep (DNA readsorbing) at λ = 25 mV/s. Black data point and error bars are
the mean and standard deviation of number of particles >1.5 nm tall observed/line at a
constant potential of +200 mV.

to ‘strong adsorption’ (ka(V )) and of transition to ‘lifted’ states (kd(V )) can be described

by Butler-Volmer-like kinetics. That is, while we are not describing an electron-transfer

reaction, we expect that the electrostatic forces which ‘push’ the DNA off the surface will

be an exponential function of the electrode potential:

k(V ) = α exp

(
−δV (t)

kBT

)
(2.17)

We justify this expression as follows: we assume the electrostatic ‘pushing’ of DNA can be

described similarly to the mechanical pulling of adsorbed DNA off of a charged surface using,

for example, an AFM tip [64]. In other words, we assume the lifting of ‘strongly adsorbed’

DNA behaves as an escape over an energy barrier (∆G‡, also referred to as the desorption

activation energy), and the energy landscape is warped as the DNA molecules are subjected
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to a ‘pushing’ force F along its reaction coordinate. kd is defined as in Equation 2.18,

where ν is an Arrhenius-type prefactor and ∆x‡ is the distance from the adsorbed state to

the transition state along the reaction coordinate, which we assume remains approximately

constant under the applied forces [30].

k(V ) = ν exp

(
−∆G‡ + F∆x‡

kBT

)
(2.18)

The force per unit length required to desorb a charged polymer on a charged surface (or

electrode), which has been investigated theoretically [188] and demonstrated experimentally

[69, 60] by single-molecule force spectroscopy, has been found to follow Equation 2.19, where

F0 is the desorption force deriving from non-electrostatic terms (van der Waals forces, en-

tropic forces, etc.), lB is the Bjerrum length, τ is the line charge density of the polymer,

σs(V ) is the surface charge density, and κ−1 is the Debye length of the solution.

F = F0 + 4πkBTκ
−1τ lBσs(V ) (2.19)

At moderate ionic strengths and low potentials, σs(V ) is a linear function of the applied

potential, σs(V ) = (V − pzc)ε0εr/d (see above), where d is the thickness of the SAM. Mul-

tiplying by the adsorbed length of the DNA and inserting this into Equation 2.19 and then

Equation 2.18 yields the desired form of Equation 2.17. A similar expression can be derived

for ka (as the escape ‘back over’ the energy barrier). In Equation 2.17, α is a pre-exponential

factor that includes the attempt frequency as well as the non-electrostatic component of the

absorption energy, and δ represents the voltage dependence of the adsorption energy.

Extracting ka and kd by fitting Equation 2.2 to our experimental data is not yet possible

given the uncertainty in Boltzmann factor ĝ(V) (the fraction of lifted molecules near the

surface) in the differential equation. Nevertheless, we have estimated ĝ(V) in Figure 2.29

and observe that when V < pzc, ĝ(V) rapidly approaches 0. During the negative potential
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sweep (λ < 0) used for lifting of the DNA, we observe desorption when V decreases below

100 mV, and thus we can simplify our treatment of the desorption process as irreversible

during the negative potential sweep; when a DNA molecule transitions from state A to

state W* on a negative charged surface, there is a significant driving force to reorient the

molecule away from the surface to minimize electrostatic repulsion. The transition from A

to a mobile state (W*) is rather broad, occurring over 200 mV. By fitting the desorptive

sweep of the PCV (blue) to Equation 2.2 assuming negligible readsorption (ĝ(V) = 0), the

apparent voltage dependence of the activation barrier is found to be about 1 kBT/100 mV,

which appears small given the expected strong role of the electric field on desorption. An

alternative explanation is that heterogeneous interactions experienced by adsorbed molecules

in different chemical environments caused the molecules to desorb at different potentials.

Similar effects have been observed in electrochemical kinetics, where a distribution of the

standard rate constants of the electroactive molecules can lead to lower apparent charge

transfer coefficient during a potential sweep experiment [192, 221]. A PCV experiment

observing DNA with a distribution of the non-electrostatic term α could appear the same

as a PCV measuring DNA with homogeneous adsorption energies and a weaker response of

the lifting rate to an applied potential.

Kinetic Monte Carlo of Potentiodynamic Switching

To examine the effects of kinetic heterogeneity on the resulting PCV experiment, we per-

formed a kinetic Monte Carlo (Figure 2.48B-D) simulation of a PCV experiment during

the lifting (‘desorption’) phase that takes into account the discrete nature of our molecular

imaging. The derivation and algorithm used to perform these experiments is described in

Appendix A.

We were able to reproduce similar PCV results in both the case of DNA with homogeneous,

weak sensitivity to the electric field (Figure 2.48B) and the case of DNA with a reasonably
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high sensitivity to the electric field (δ) but heterogeneous non-electrostatic components of

the desorption activation energy (parameter a, which is approximately the mean potential of

DNA lifting and a function of the non-electrostatic components to the desorption activation

energy) (Figure 2.48D, see Appendix A for details). These results of the kinetic Monte Carlo

simulation suggest that a distribution in the non-electrostatic contributions to desorption

activation energy, which arise out of local defects and differences in the nanoscale chemical

environment, may in fact dominate the kinetics of DNA desorption. We propose a test for

this kinetic heterogeneity in Section 2.5.5.

Figure 2.48: (A)PCV from Figure 2.47, for comparison. (B-D) Kinetic Monte Carlo simu-
lations of the PCV data from the lifting sweep from +200 to 200 mV using parameters in
the inset, with parameter δ as the voltage dependence of the activation barrier to lifting (see
text) and parameter a approximately the mean voltage of DNA lifting, which is a function
of the nonelectrostatic components of the lifting activation barrier. N(µ,σ2) is a Gaussian
random variable with mean µ and standard deviation σ. See Appendix A for details.

2.5.3 Potential-induced readsorption kinetics implies that the DNA

is largely decoupled from the surface while lifted.

In the case of the lifting phase of a PCV, we have argued based on our estimations of ĝ(V )

that lifting could be treated as irreversible to aid in our analysis. We can no longer argue

that the process is irreversible when examining the re-adsorption kinetics during a PCV (we

perform a positive potential sweep from a very negative potential at which all DNA begin

lifted). As a result, we describe the readsorption kinetics beginning with Equation 2.2 from
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Section 2.3, after change of variables:

dθa(V )

dV
= −kd(V )

λ
θa(V ) +

ka(V )

λ
ĝ(V )(θT − θa(V )) (2.20)

The ĝ(V ) term complicates extraction of true rate constants (and perhaps attempts to relate

these terms to free energy differences in adsorption) from the PCV data of readsorption. The

sharpness of the readsorption transition relative to that of the desorption PCV suggests that

the weakly-bound state W may be decoupled from the heterogeneous chemical environment

on the surface. This may also be understood in terms of ĝ(V ): because of the narrowness of

the range where we observe the transition to re-adsorption, it may be that the main factor

preventing re-adsorption is the low population of DNA near the surface. At potentials where

it is more energetically favorable for the DNA to finally approach the surface, the transition

rate to strong adsorption at those potentials may already be very large and overwhelm any

effects we see from heterogeneity in the surface.

We can still estimate the readsorption rate from the PCV data. We assume that, even while

we argue that our interpretations of specific parameters are complicated by heterogeneity of

the parameters in the previous section, in the ensemble the first half of the right side of Equa-

tion 2.20 (the desorption rate) is still well-described using the parameters extracted from the

fit of the desorptive PCV data. Thus by fitting the θa we observe during the ‘readsorption

phase’ of the PCV with an empirical sigmoidal function θa(V ) = c0+c1/(1+exp(V1/2−V )/r))

(and rate dθa(V )/dV = c1/(2r(cosh((V1/2 − V/r) + 1))) we can estimate the readsorption

rate by rearranging Equation 2.20:

λ
dθa(V )

dV
− α exp(−δV )θa(V ) = ka(V )ĝ(V )(θT − θa(V )) (2.21)
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We refrain from over-interpreting this fitting of our limited data in this initial study. Nev-

ertheless, we can compare this term with the desorption rate and justify our ‘irreversible

desorption’ assumption in the previous sections. We find that the desorption rate is 10× the

readsorption rate at 108 mV, 100× at 38 mV, and over 1000× at -30 mV, and since from

the DNA desorption PCV we do not see significant desorption at potentials > 38 mV our

simplifying assumption of irreversible desorption is justified to a reasonable degree.

2.5.4 Potentiodynamic Switching of DNA in C11OH

We previously hypothesized that because of the concentrated electric fields within the de-

fects, C11OH may be the superior alkanethiol for sensitive potentiodynamic switching. After

insertion of the 103 bp C6SH DNA, the DNA would settle into the defects upon application

of +600 (Figure 2.49 A). However, we noticed that it took several minutes before the DNA

would adsorb strongly in the defects (this was also observed in Section 2.4). This is likely

a manifestation of the energetic barrier in order for the DNA to be incorporated into the

defect, but it makes PCV analysis less practical; for example, in Figure 2.50 we perform a

sweep experiment between +600 mV to -200 mV and find that the DNA have not readsorbed

by the return sweep, in fact requiring several frames of imaging. When stepped the potential

to -200 (Figure 2.49C) the DNA lifted rapidly, following an exponential decay in the PCP

and mostly entirely lifting after a few lines scanned. However, an expansion of the defect

sites, was noticible upon lifting, and during repeated sweeping and stepping experiments the

defects expanded. As a result, we could not reliably perform PCV analysis since there were

obvious changes in the surface morphology between repetitions. Because of the slow switch-

ing kinetics (even with the shorter DNA) and the degradation of the monolayer, C11OH

is likely unsuitable or orientational switching applications despite the more concentrated

electric fields.
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Figure 2.49: A) At +600 mV, the 100 bp DNA reside adsorbed on the gold within defects
in the C11OH monolayer. B) After repeated potential cycling, the defects in the monolayer
appear to enlarge. C) Scanning down and stepping the potential to -200 mV (dashed line)
the DNA lift over the course of a few lines scanned, however the defects appear to have
enlarged in that time.

Figure 2.50: A) Held at +600 mV. The figures are 1 micron across. B) During potential
cycing from +600 mV to -200 mV and back at 10 mV/sec, the DNA lift but to not readsorb
within the same AFM frame.

120



2.5.5 Changing the rate of potential sweep, and a proposed test

of kinetic heterogeneity

The kinetic Monte Carlo studies of DNA in MCH suggested two possibilities consistent

with the kinetic response of the DNA to applied potentials: there may be a significant

differences between molecules in their responses to applied potentials, or the DNA may only

be weakly influenced by the potential. Is it possible to experimentally differentiate between

the two using PCV analysis? Because we can not directly observe the defects in MCH

(as we could in the C11OH) that we suspect would be the cause of any heterogeneity, we

note an interesting connection to the theory of ‘unobserved heterogeneities’ or ‘frailty’ from

survival analysis in biostatistics and medical studies [280]. In their case, it is not possible

to unambigously distinguish the presence of an unobserved heterogeneity, or random factor

among a population which may alter the mortality rates in patients but is not measured,

from a different model (with lower mortality rate) without a third covariate in the study.

If we reformulate our probability density function of DNA lifting (Appendix A) into the

framework of survival analysis, we find that the potential sweep rate can naturally serve as

this covariate.

We therefore propose a test based on the change of the PCV at different potential sweep

rates. From the probability density function of our (Butler-Volmer-like) model of DNA des-

orbing, we find that there should be no dependence on the variance of lifting times with

different sweep rates. However, from our numerical studies we found that if there is a nor-

mal distribution (with variance z2) of lifting rates between heterogenous DNA molecules,

the variance in lifting times grows with the z (i.e., see Figure 2.51). Therefore, we would

suspect that if the DNA lifting rate is Butler-Volmer-like and the heterogeneity approxi-

mately normal, then if we increase the sweep rate, the PCV will ‘stretch’ (increased variance

of lifting times) and decay more slowly. We performed this analysis with the cycling rates

that we have obtained from the DNA on MCH and found that this was indeed the case when
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comparing the PCVs of 5 mV/sec and 25 mV/sec sweep rates, suggesting that the kinetic

responses to potential are heterogeneous between different probe molecules (Figures 2.16).

Figure 2.51: Numerical simulation of sweep rates on homogeneous and heterogeneous ki-
netic potentiodynamic lifting shows that, under assumption of Butler-Volmer-like kinetics in
desorption, change in sweep rate should not change the slope of the PZC.

Figure 2.52: PCVs (fit to sigmoidal curves, see above) for sweep rates λ = 25 mV/sec (red)
and 5 mV/sec (blue) from Figure 2.46. The stretching of the PCV may be indicative of
heterogeneity in the nanoscale chemical environment around each probe.

A disadvantage of this technique is that it requires a large number of samples and potential

sweeps for unambiguous determination of heterogeneity in the kinetic response. However,

when we attempted to perform this experiment repeatedly over multiple sweep rates, we

found that the morphology of the particles changed (became flattened) and the monolayer
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began to degrade. Like the DNA in C11OH or the longer DNA in MCH after repeated

potential cyclings, it appears that the shorter DNA also disrupts the MCH monolayer as

well after prolonged potential cycling. We likely require a more stable system (or a faster

AFM to obtain more data before degradation) to first confirm our model of DNA desorption

and then determine more soundly how well this test of kinetic heterogeneity works. One

possibility is to assemble the DNA monolayer atop an electroactive SAM [103], so that the

DNA molecules remain above a crystalline SAM to and prevent any DNA induced damage

as was observed in Sections 2.3 and 2.4.

2.5.6 Conclusions

As static surfaces that can controllably interact with biomolecules become established, in-

creasing attention has been paid to active biofunctional surfaces whose binding affinity or

catalytic activity can be dynamically switched [177, 182]. The dynamic nature imparts novel

functionalities that may be exploited for more sophisticated biosensors [209, 211, 239]. The

application of electric fields provides an especially powerful route in the operation of these

systems as electronic signals can be rapid and localized to within a few nanometers from the

electrode surface, and many biomolecules possess a net charge which may be acted upon by

the field [10].

However, as we have seen, the stability of the SAM remains an issue. As many electrochemi-

cal nucleic acid sensors perform long-term experiments where the potential is rapidly cycled,

care must be taken in the interpretation of currents as the signal for target-binding from

an ensemble of probes, as they may be in heterogeneous and time-varying electrochemical

environments.
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2.6 The rate of target binding is sensitive to the nanoscale

crowding around each probe

While in the previous sections we tended to focus on the DNA probes as individuals (chang-

ing their conformations in response to stimuli, etc.) here we examine how probes on the

surface interact and how this affects their (target binding) behaviors. The hybridization rate

and binding affinity of probes tethered to a surface are notably lower on surfaces compared to

those in bulk solution, particularly at common probe densities (1011−1014) probes/cm2 [80].

This inhibition of hybridization, which has been a key factor in inconsistent device perfor-

mance, has been attributed to the electrostatic and steric repulsions that reduce accessibility

of the target molecules to the surface probes (the ‘crowding effect’). A molecular-level un-

derstanding of how probe crowding affects hybridization rates and what can be done to

ameliorate these effects is a promising route toward engineering more sensitive and reli-

able nucleic acid sensors. Making use of our ability to resolve individual DNA molecules

on the surface of a nucleic acid sensor, we sought to directly investigate—at the molecular

scale—how the distribution of probes across the surface affected the hybridization of individ-

ual probes. The challenge becomes how to interpret probe crowding at the molecular scale to

distinguish between possible mechanisms responsible for the crowding effect. In Section 2.6.1

we develop and demonstrate the utility of a spatial statistical analysis of the probe surfaces

observed in Section 2.3. Here we can determine the local densities of DNA molecules around

each probe over the distances at which probes can be expected to interact. We can also

identify different sub-populations with dramatically varying levels of probe crowding on the

surface. These spatial statistics, which have not appeared in the biosensing literature to the

best of our knowledge, provide a more natural framework for elucidating the molecular scale

mechanisms of sensor performance, such as density-dependent effects of probe target-binding

or activity.
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With an appropriate framework with which to understand probe crowding, we next seek

to determine its effect on the hybridization rate of probes under different crowding envi-

ronments, requiring us first to resolve whether or not a probe has been hybridized at the

single-molecule level. However, while hydroxyl-terminated SAMs used in the previous sec-

tions are often used in hybridization studies, the mobility of single-stranded DNA under

these conditions, purposely done to aid in target-binding, makes the resolution of individ-

ual single-stranded DNA difficult and inconsistent. Therefore in Section 2.6.2 we develop

a modified surface using a carboxyl-terminated SAM which allows us to reversibly switch

the single-stranded probes between ‘lifted’ to ‘strongly adsorbed’ states—i.e., between ‘able

to bind to targets’ and ‘able to be resolved by AFM’, respectively—simply by changing the

ionic content of the solution. This new surface allows us to identify not only the location of

probes across the surface but also whether or not the probe has hybridized with its target.

In Secton 2.6.3, we determine how the local probe crowding affects hybridization rate, pro-

viding the first nanoscopic evidence of the local environment affecting hybridization rates.

In Section 2.6.4, we derive a probabilistic model of target-binding from the perspective of

a single probe, and suggest a physical interpretation to explain the origin of the crowding

effect under (target) surface-enhanced target-binding conditions [35].

2.6.1 Spatial statistics of probes on sensor surfaces: Nearest-Neighbor

Distances (n.n.d.) and the Local Crowding Index (LCI)

The effects of probe crowding on target-binding are expected to be dominated by local effects,

and it has been proposed that the nearest neighbor distance is a determining factor for the

activity of a probe molecule. Because only the number of probes (n) and total surface area

(A) of the sample can be measured using common ensemble techniques, the mean nearest-

neighbor distance (〈n.n.d.〉) is often estimated as (A/n)1/2 [80, 215, 276, 286]. However, this

is only the expected mean n.d.d. if the probes are arranged in a square lattice E(〈n.n.d.〉)Lat.,
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and will overestimate the 〈n.n.d.〉 if there is any aggregation or randomness in the spatial

distribution. An alternative estimate for 〈n.n.d.〉, which to the best of our knowledge has not

appeared in the biosensor literature, assumes that the distribution of probes on the surface

exhibit complete spatial randomness (CSR) [55] and is estimated by

E(〈n.n.d.〉)CSR = 0.5 (A/n)1/2 + (0.051+0.042/n)(P/n) where A is the area of the imaged

region, n is the number of probe molecules in that region, and P is the perimeter of that

region. That is, E(〈n.n.d.〉)CSR ≈ 1
2
E(〈n.n.d.〉)Lat.. However, this value may underestimate

the 〈n.n.d.〉 if the distribution is not completely random. The molecular resolution AFM

images from Section 2.3 enable the direct measurement of the distribution of nearest neighbor

distances (Figures 2.53C and 2.54C). For the probes immobilized using the insertion method,

the E(〈n.n.d.〉)CSR is closer to the experimental means (Table 2.2), regardless of density or

probe type, while E(〈n.n.d.〉)Lat. overestimates the experimental < n.n.d > by nearly 100%.

The fact that E(〈n.n.d.〉)CSR is slightly smaller than the experiment value implies that the

distribution of probes is not completely random (see below).
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Figure 2.53: A) Tapping mode image of T5C6SH ss/ds DNA probes in MCH under sodium
acetate-supplemented (25 mM) 1×TAE buffer (at +600 mV) prepared by the insertion
method. Scale bar is 100 nm. Note the large circular regions with no protrusions. B)
A close-up image of T5C6SH probe surface at open-circuit potential. C) Histogram of dis-
tances from each DNA molecule to its nearest neighboring probe (n.n.d.) from Figure 2.53A.
Green and red arrows indicate expected mean n.n.d. based on estimated average surface
density and an assumption of either complete spatial randomness (E(〈n.n.d.〉)CSR) or a per-
fectly ordered lattice spatial distribution (E(〈n.n.d.〉)Lat.). D) A histogram of the crowding
distribution function N(d,#), the number of probes with # other probes within a distance
d (see text). Dark line is the mean #(d)(〈#(d)〉), dashed lines indicate 〈#(d)〉 ± std. dev.
if > 0.
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Figure 2.54: Tapping mode images of C6SH ds DNA inserted into MCH (A) prepared with
5 nM probe solution and (B) prepared with 500 nM probe solution (see Section 2.3). Scale
bar is 100 nm. (C) Histograms of n.n.d. (aggregated features in 2.54B were excluded from
analysis). Green and red arrows indicate E(〈n.n.d.〉)CSR or E(〈n.n.d.〉)Lat., respectively (see
Figure 2.53).(D) Histograms of crowding distribution functions N(d,#) for the surfaces in
Figures 2.54A (left) and 2.54B (right). Dark line is the mean #(d) (〈#(d)〉), dashed lines
indicate 〈#(d)〉 ±std. dev. if > 0.
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Sample

Expected
average sur-
face density /
(molecules/cm2)

〈n.n.d.〉 ±
std. dev.

(A/n)1/2 =
E(〈n.n.d.〉)Lat. E(〈n.n.d.〉)CSR

Figure 2.53A
(n = 3003) 1.3 × 1011

17.1 ± 5.3
nm 27.4 nm 13.8 nm

Figure 2.54A
(n = 951) 9.5 × 1010

22.1 ± 6.5
nm 22.1 nm 32.4 nm

Figure 2.54B
(n = 1909,
non-aggregated) > 2.2 × 1011

12.1 ± 4.9
nm < 21.2 nm < 13.8 nm

Table 2.2: Experimentally measured and expected nearest-neighbor distances (n.n.d.) from
estimated bulk densities of thiolated DNA

Other higher-order spatial statistics can provide a measure of the molecular-scale distribu-

tion and clustering of DNA molecules beyond the distance of the nearest neighbors. A 2D

autocorrelation function (ACF) can provide some information concerning nanoscale probe

crowding (Figure 2.55)—indeed a radial minimum is observed in each ACF slightly closer

than the respective mean n.n.d., indicative of the lack of probes around each molecule at

that radius. However, the 2D ACFs can obscure how the density of probes locally varies in

the absence of longer-range correlations. To characterize the local variation of the probe den-

sity, we define a ‘crowding function’ Ni(d) as the edge-weighted number of others molecules

within a radius d of the molecule of interest, i:

Ni(d) =
∑
j 6=i

w−1ij I(d− dij) (2.22)

dij is the distance between probes i and j, wij is a factor which compensates for probes near

the edge of the image (see below)[76], and I(d − dij), is an indicator function (equals 1 if

d− dij ≥ 0 and 0 otherwise). Effectively, wij can be considered as following: if circle W is

defined within an AFM image by its center at probe i and its radius the line joining probes

i and j, then wij is the fraction of the circumference of circle W that lies within the image.

Therefore, for these figures, wij = 1 for probes on the surface which are greater than 60 nm
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away from the edges of the image. Summarizing from Refs. [55] and [76], wij is calculated

as follows: for a rectangular image with corners at (0, 0), (a, 0), (a, b), and (0, b), probe i at

position (xi, yi), dij = distance between probe i and probe j, and the minimum distances

from probe i to the horizontal and vertical edges of the image dx = min(xi, a − xi) and dy

= min(yi, b − yi), respectively.

• If d2ij ≤ d2x + d2y

then wij = 1 − π−1[cos−1[min(dx, dij)/dij] + cos−1[min(dy, dij)/dij]]

• if d2ij > d2x + d2y

then wij = 0.75 − (2π)−1[cos−1(dx/dij) + cos−1(dy/dij)]

The ‘crowding distribution’ N(d,#) is the total number of observed probes that have #

other probes within a distance, d. 〈#(d)〉/(n/A), the density-normalized mean number of

other probes around each probe, is also known as Ripley’s K function K(d) [218], which is

commonly used in spatial statistics because of its ability to preserve both long- and short-

range information and in tests of complete spatial randomness (K(d) ≈ πd2 for CSR

processes).

Graphs of N(d,#) can be used to directly visualize the local densities surrounding each

probe molecule and how crowding varies across the surface. Figures 2.53D and 2.54D show

the two-dimensional histograms for N(d,#) for each probe from Figures 2.53A, 2.54A, and

2.54B with d = 0 to 60 nm (approximately twice the contour length of the C6SH ds probes).

In all cases, the probes rarely have a neighboring probe less than 10 nm away and the vast

majority has less than two other probes within 20 nm, except in the cases of the aggregated

features in Figure 2.54B. Additionally, the local density around each probe is remarkably

homogeneous. In other words, at the nanoscale, each probe within the same image tends

to be surrounded by a similar number of other probes. The standard deviations in the

distribution of the number of other probes within 60 nm are all < 5 probes. For comparison,
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Figure 2.55: 2D Autocorrelation function (ACF) and (right) radial autocorrelation function
(rACF) for the probe surfaces in A) Figure 2.53A and B) Figure 2.54A. A minima is observed
slightly below their respective mean n.n.d., as expected, indicating a lack of other probes
within this radius. The 2D ACF can provide a sense of the nanoscale probe crowding on
average; however, in the absence of longer-range correlations, ACFs can obscure how the
probes locally vary. The autocorrelations were calculated using only binary images of probe
surfaces- only topographical features which were part of the probes where considered.

surfaces with completely randomly distributed probes all have larger standard deviations

of #(d) (Figure 2.56) [55]. Both the narrow distributions of the crowding functions and

the fact that the experimental nearest-neighbor distances are larger than E(〈n.n.d.〉)CSR

imply some level of molecular-scale ordering. This ordering may be a result of the ‘insertion’

method used to immobilize the probes, where DNA are preferentially incorporated into SAM

defects that cannot accommodate multiple DNA molecules in the same site. The electrostatic

repulsion between probes may also play a role. During immobilization of the surface probes,

the ionic strength is often kept relatively high to maximize probe densities and increase the

probe attachment rate (i.e. Debye length ≈ 0.3 nm); the Debye length of the solution we

used during insertion of probes was ≈ 1.1 nm, less than half the steric width of a DNA
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double helix. Therefore we would expect this ordering is largely a result of the underlying

distribution of defect sites on the surface available for insertion, rather than electrostatic

repulsion, except in cases of very close approach.

Figure 2.56: Standard deviations of #(d), the distribution in the number of other DNA
molecules within a distance d of the probes. Blue lines are extracted from the crowding
distribution functions of Figures 2.53A, 2.54A, and 2.54B. The dotted lines are the upper
and lower envelopes from ten sets of randomly generated probe locations (twenty sets of
randomly generated probe locations were used for that of Figure 2.54A).

The homogeneity in probe distribution becomes more apparent if the local crowding index,

i.e., the number of probe molecules that can potentially interact with a particular probe

molecule (LCI, defined here by N(60 nm) for each probe i), is displayed along with probe

locations (Figure 2.58). We initially hypothesize that the probes can not interact at a

distance greater than twice their individual contour lengths (each ≈ 30 nm). In general no

spatially varying trends are observed. Sub-populations of probes with lower LCIs from can

be identified by inspection as those rare probes within the mostly-empty circular regions

from Figures 2.53A and 2.54A. Figure 2.54A also possesses bands of probes with alternating

higher and lower LCIs around the circular regions. While Figures 2.53A, 2.54A, and 2.54B

all show regions with relatively homogeneous probe density over sub-micron scales, the image

in Figure 2.57 is of a surface with T5C6SH probes (1 µm × 1 µm, n = 618) inserted into

an MCH SAM that exhibits large areas with high and low probe densities. It is likely

that the heterogeneity in probe density observed is related to the micron scale fluorescence

intensity variations observed on labeled DNA monolayers in the study by Bizzoto and co-
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Figure 2.57: (A) Tapping mode image of T5C6SH probes inserted into MCH SAM. Two
populations (‘high density’ and ‘low density’) of probes are apparent. The dashed white
circle highlights a ‘low density’ region of probes with nearest-neighbor distances similar to
those in the ‘high density’ regions. Scale bar is 100 nm. (B) A histogram of the crowding
distribution function N(d,#) for the surface in 2.57A. Lines with dots are the means from
fitting the N(d,#) at each d as the mixture of two Gaussian distributions. (inset) A plot
of N(60 nm) vs. n.n.d. for each probe shows that probes in both the high-density and
low-density regions may have similar nearest neighbor distances despite large differences
in overall crowding.(C) Local crowding index, defined here as N(60 nm) (see text), and
(D) nearest neighbor distance graphed at the respective location of the probes from Figure
2.57A. The local crowding index is able to differentiate between sub-populations of probes
in high-density and low-density regions, but n.n.d. is less sensitive to higher-order spatial
information.

workers [183]. In this case, the heterogeneity leads to a distinctly bimodal N(d,#) and the

resulting crowding distribution can be well-fit as the mixture of two Gaussian distributions

(Figure 2.57B). A graph of the LCIs of the probes at their respective locations (Figure 2.57C)
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provides an additional measure of the crowding environment within both the high-density

and low-density regions: the LCIs are uniform within those respective regions; the LCIs in the

high-density region are similar to those of Figure 2.53A (Figure 2.58); a distinct interfacial

region between the two can also be discerned. Graphs that map how nearest-neighbor

distances vary across the surface, on the other hand, do not discriminate as well between

sub-populations of probes in the ‘high-density’ and ‘low-density’ regions and are much less

sensitive to higher order spatial structures than the LCIs (e.g., compare Figure 2.58 and

2.59). Therefore the LCIs may be a more natural descriptor to quantify probe density on

sensor surfaces and test molecular-scale mechanisms of sensor assembly and performance.

In fact, many probes among the sub-population corresponding to the low-density regions

of Figure 2.57 were arranged in locally-dense configurations with nearest-neighbor distances

similar to those within the high-density regions (Figure 2.57B inset). The results raised the

possibility that insertion events into the SAM may not be as random as commonly assumed:

probe incorporation into larger defects may in turn disrupt the local SAM and create more

opportunities for other probes to attach nearby. Future in situ studies will be necessary to

observe how probes insert into MCH SAMs.

Figure 2.58: Local crowding index (LCI), which is estimated by the number of other probes
within 60 nm of each probe (N(60 nm), see main text), plotted at the corresponding location
of the probe. This allows direct comparisons of probe crowding and crowding heterogeneity.
Figures are scaled to their corresponding sizes: from left to right: Figure 2.53A is 1.5 µm ×
1.5 µm, Figure 2.54A is 1 µm × 1 µm, Figure 2.54B is 1 µm × 1 µm, Figure 2.57A is 1 µm
× 1 µm.
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Figure 2.59: Probe nearest-neighbor distances (n.n.d.) plotted at the corresponding location
of the probe, for comparison with Figure 2.58A. Figures are scaled to their corresponding
sizes: from left to right: Figure 2.53A is 1.5 µm × 1.5 µm, Figure 2.54A is 1 µm × 1 µm,
Figure 2.54B is 1 µm × 1 µm, Figure 2.57A is 1 µm × 1 µm. n.n.d. appear less sensitive to
higher-order arrangements of probes on the surface than LCI.

2.6.2 A switchable surface enables detection of single DNA hy-

bridization events with atomic force microscopy

DNA probes attached atop a carboxyl-covered surface allows us to switch the

surface-probe interactions by controlling the solution divalent cation concentra-

tion.

With this framework with which to understand probe crowding, we wish to determine how

the hybridization rate of probes depends on its environment. The nanoscale visualization of

hybridization reactions has proven to be significantly more challenging than imaging static

structures deposited on mica [51, 301, 162, 125, 136, 232, 107] owing to an apparent paradox

[100]: to achieve a high AFM imaging resolution, the biomolecule must be strongly bound to

the surface and remain stationary as the tip traverses over the molecule; however, to allow

for hybridization or other reactions, the surface must be passivated with inert molecules that

reduce the nonspecific interactions with the biomolecules. Due to the rapid fluctuation of

surface-anchored DNA probe [301, 136, 101], most AFM studies rely on contrast changes of

135



bundles of DNA on patterned surface [51, 162, 232]. Individual molecules in the patterns

were not resolved in these studies. Yan and coworkers could resolve the hybridization of

individual molecules immobilized on DNA origami tiles [125]. A complication is that the

interactions with the DNA tiles perturb the hybridization of the probes. In addition, the

tiles are unstable when subjected to annealing, which is needed to improve the specificity

of hybridization. The stiffness mapping by Husale et al. achieved label-free AFM detection

of the hybridization of single molecules on a solid surface for the first time [107]. However,

the spatial resolution achieved, ≈30–50 nm, remains inadequate for single-molecule readout

on nanoarrays in which the probe molecules of a single sequence are localized to spots as

small as a few hundred nanometers [51], or for fundamental studies of surface hybridiza-

tion [35]. Here we demonstrate that the hybridization of individual DNA molecules can be

visualized with an unprecedented imaging resolution (as high as 3 nm) on a novel capture

probe surface. The self-assembled monolayer surface allows us to switch interactions that

can satisfy the contradicting demands for facile hybridization and high-resolution imaging.

Non-specific adsorption was negligible due to the short-range repulsive surface interactions

that are present during hybridization. The significantly improved imaging resolution may

allow AFM to serve as a readout mechanism for DNA nanoarrays and will allow us to address

fundamental questions concerning surface hybridization.

The capture probe surface consists of single-stranded DNA probes that are covalently an-

chored to a carboxyl-terminated self-assembled monolayer (SAM) on gold via one of two

different methods (Figure 2.60). The carboxyl terminal groups under a saline Tris-acetate-

EDTA (STAE) buffer are ionized at pH 8.0 [261]. The negative surface charges are expected

to lift the tethered probes away from the surface and allow them to recognize targets with

minimal non-specific adsorption (Figure 2.60A–B). The electrostatic repulsion by the sur-

face, confined to within a few Debye lengths (0.3 nm), is not expected to hinder hybridization

significantly. Upon addition of divalent nickel cations, the DNA becomes strongly adsorbed

on the surface and can be repeatedly imaged by AFM (Figure 2.60C). Thus the surface
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Figure 2.60: Schematic and AFM images of novel capture probe surface. (top) The surface,
consisting of DNA probes (blue) covalently anchored to a carboxyl-terminated self-assembled
monolayer on gold, is exposed to complementary single-stranded DNA targets (purple) in a
saline TAE buffer. Under this condition, the monolayer is negatively charged, minimizing
nonspecific surface interactions. (middle) After hybridizing for a predetermined time, the
surface is rinsed with excess buffer to remove any unbound targets, and (bottom) placed
under a buffer containing Ni2+. In the presence of Ni2+, the DNA is strongly bound to the
surface and can be imaged by the AFM.

interactions can be switched on demand: hybridization is carried out when the surface has

short-range repulsive interactions with DNA; imaging is carried out in the presence of Ni2+

that functions as a salt bridge that pins the DNA to the carboxylate surface.

To test our hypothesis that Ni2+ may function as salt bridges that immobilize the DNA

to the carboxyl SAM surface in a fashion similar to immobilization of DNA on mica, we

imaged a capture probe surface that had been exposed to 372 bp double-stranded targets

possessing a single-stranded 24 nt. sticky-end that is complementary to the probes. The

chain-like features show that the DNA molecules are effectively immobilized by Ni2+ with the

long axes parallel to the surface (Figure 2.61A). When the same area was imaged under the

STAE buffer, point protrusions were observed instead (not shown). When an anchored DNA

molecule is lifted off the surface, only the segment close to the surface anchor contributes
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to AFM topography, and the rest of the molecule becomes too mobile to resolve. When

the surface was imaged under the Ni2+ buffer again, the molecular features were found to

have rotated around fixed points, confirming that the targets indeed were anchored due to

base-pairing with the probes and became mobile in STAE buffer (Figure 2.61B).

Figure 2.61: Switching of DNA-surface interaction. AFM images acquired under Ni(II)
imaging buffer show the same 500 nm area containing 400 bp dsDNA targets hybridized to
24 nt surface probes both before (a) and after (b) rinsing the surface with an STAE buffer
solution that did not contain DNA. During the rinsing step, the DNA strands are no longer
electrostatically bound to the surface and are free to rotate around the end that is hybridized
to the surface probes. When the Ni(II) buffer is replaced, the DNA readsorb on the surface
in new conformations. Scale bar is 50 nm.

While targets with a double-stranded segment were useful in validating the working principle

of our switchable surface, it is important to detect short, single-stranded targets for practical

purposes [101]. Figure 2.62A shows that before hybridization, the individual 24mer probes

appear as protrusions that are ≈0.6 nm high. The features were elongated, and the contour

lengths were about several nanometers. Short, single-stranded DNAs are more challenging for

AFM due to their higher mobility on the surface [90]. Even in the few studies that detected

single hybridization events with AFM imaging [125, 101], the probes could not be resolved.

The effective immobilization on our SAM surface allows us to resolve probes separated by

a distance as small as 3–5 nm, which will help understand how the inter-probe interactions

impact hybridization. After hybridization with single-stranded 50mer targets, some of the
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Figure 2.62: AFM images of the same area of the capture probe surface before (a) and
after (b) hybridization with a 50 nt. single-stranded target. Individual DNA probes initially
appear as ≈ 0.6 nm tall protrusions. Some of the probes (green arrows) are seen to increase
significantly in height to ≈ 1.2 nm after exposure to the target DNA, indicating that they
have hybridized. Other probes (blue arrows) show little or no height change, indicating that
they did not capture a target. Scale bar is 50 nm.

features became ≈1.2 nm high (Figure 2.62B). The fraction of the higher features clearly

grows with increased hybridization time (Figure 2.64). Hence, these higher protrusions are

attributed to target-probe duplexes and lower protrusions are probes that remain single-

stranded. In different images, the average height of unhybridized probes may vary from 0.6

to 0.8 nm depending on the AFM tip used. Despite the variability, within the same image,

hybridized probes display apparent heights that are slightly more than twice the apparent

heights of unhybridized probes and hence can be distinguished (Figure 2.64A).

Compared to hybridization in solution, surface hybridization typically involves DNA probes

at much higher local concentrations [195]. Surfaces with very low probe densities are model

systems that offer unique insights into intrinsic hybridization kinetics as the inter-probe inter-

actions are eliminated and the impact of target transport is lessened [195, 80]. Most existing

ensemble methods [195, 80], such as electrochemical detection and surface plasmon reso-

nance, do not have the sensitivity to study surface hybridization with probe densities much

lower than 1012/cm2, a density that still leads to significant inter-probe interactions [80].
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Figure 2.63: Control hybridization experiment with no probes. Both images are represen-
tative of an MHDA surface without any DNA probes after it has been exposed to a 10 nM
concentration of 50 nt ssDNA targets in hybridization buffer for 10 minutes. The almost
total lack of molecular-sized surface features indicates that nonspecific adsorption of DNA
is negligible. Scale bar is 50 nm.

This AFM study allows us to investigate the hybridization kinetics on a surface with expect-

edly negligible inter-probe interactions, i.e., with a probe surface density of 1010-1011/cm2

or even lower. Figure 2.64 shows that both the time dependence and target concentration

dependence of hybridization can be described by simple Langmuir kinetics of irreversible ad-

sorption, with each target (T ) binding to a single probe (P ) to form a target/probe duplex

(TP ):

T + P
ka−→ TP (2.23)

The rate constant of hybridization, ka, on our DNA probe surface is found to be (2.47±0.15)×

104 M−1 sec−1, which is higher than that observed for thiolated DNA probes on gold,

≈103 − 104 M−1 sec−1. The higher ka may be a consequence of the lack of steric hin-

drance or probe-probe interactions on the surface; we investigate this hypothesis in the next

subsection. Even on our unoptimized surface, targets at the pM level (Figure 2.64) can be

readily detected. Additional optimization of surface interactions, probe densities, and probe

design should improve target capture and allow detection at the fM level.
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Figure 2.64: (a) Histograms showing topographical heights of single-molecule features in the
AFM images at 3 different hybridization times. (b) Plot of the fractional coverage of DNA
probes that have hybridized with a target, i.e., the ratio of the number of hybridized probes
to the total number of probes, as a function of hybridization time. A surface functionalized
with 24 nt. probes was exposed to a hybridization buffer solution containing 10 nM of 50
nt single-stranded DNA targets. Once the designated time was reached, the surface was
rinsed with STAE buffer and imaged by AFM under an aqueous Ni2+ solution. Note that
unlike Figure 2.62, a fresh surface was used for each data point. Each data point represents
at least N = 750 probes; red diamonds are the fractional coverages, Γ, extracted from the
AFM images. The solid line represents a best-fit to a Langmuir adsorption model. t is
hybridization time, [T ] is target concentration and the second-order rate constant is ka =
(2.47±0.15)×104 M−1sec−1. (c) Plot of fractional coverage of hybridized probes as a function
of target concentration at a fixed hybridization time of t = 180 min. The dots were the
observed fractions and the solid curve was calculated using the rate constant extracted from
(b).
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2.6.3 The nanoscale proximity of nearby probes dramatically al-

ters the rate of probe-target hybridization

Using the switchable probe coupling surface—which allowed us not only to directly locate in-

dividual probes with nanometer resolution but also to determine whether or not the probes

had hybridized with their targets—we sought to identify the effect of nearby (≈ 50 nm)

probes on the rate of target-binding and hybridization. Excluding works which relied solely

on probe density to estimate the nearest neighbor distributions of probes, such efforts have

only been previously attempted using high-resolution fluorescence spectroscopy which still

did not have the resolution to observe the crowding around individual probes or if an in-

dividual was hybridized [212]. The (nearly) random distribution of probes on the surface

generated by the preparation of the switchable probe capture surface provides a convenient

‘natural’ experiment where we can see how the rate of hybridizes changes for probes which

happen to have greater or lesser nanoscale crowding.

An initial examination of the probe distribution across all samples and all times points

from the single-molecule hybridization study from Section 2.6.2 revealed nearest neighbor

distances of the probes to be 27.7 nm ± 11.7 nm, with the histogram of crowding distribution

N(#, d) in Figure 2.65. As an initial test, we sorted probes into groups with similar nearest

neighbor distances (n.n.d., each 2.5 nm) then used a maximum likelihood estimation (MLE)

(by minimizing the negative log-likelihood, see Materials and Methods and above) to estimate

the hybridization rate kCT (Figures 2.66 and 2.68), where CT is the concentration of targets

in solution (10 nM) and assuming an irreversible binding kinetics (see above). The plot of

estimated rates vs. n.n.d. does reveal a dependence on the nearest neighbor distance. We

then performed a MLE across all the probes, assuming a ‘proportional hazard’ model, i.e.,

ki = k0 CT exp(βnnd (n.n.d.)i) [280]. According to the Bayes-Schwarz criterion [59], the

addition of a new parameter will decrease the negative log-likelihood by log(n)/2, where n is

the number of samples; in order for the addition of βnnd to be justified, the log-likelihood must
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be about 4.2 less than that of the null hypothesis (βnnd = 0). We find k̂0 = 1.7× 104 M−1

sec−1 (compare with second order rate constant ka = 2.47×104 M−1sec−1 in Section 2.6.2)

and β̂nnd = 1.8×10−2 nm−1, with a negative log-likelihood having a value of 40 less than the

log negative likelihood of the null hypothesis, justifying its appearance in the rate equation

and further supporting the hypothesis that the proximity of a probe to its nearest neighbors

in a key factor in slowing the hybridization rate.

Figure 2.65: Histograms of the nearest neighbor distances (n.n.d.s) and crowding distribution
(see Section 2.6.1) from probe capture surfaces. 5003 probes were observed in total.

Figure 2.66: Maximum likelihood estimates of the probe hybridization rates for probes of
different left) n.n.d.s and right) LCIs (N(27 nm)). Error bars are the estimated standard
deviations obtained by inverting the second-derivative of the log-likelihood with respect to
k [224].

However, solely using the n.n.d. to describe the spatial distribution tells an incomplete story

regarding the local environment around the probe. We were interested in how the ‘local
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Figure 2.67: Effects of crowding on hybridization rate are long ranged. The negative log-
likelihood for an LCI-dependent hybridization rate for different crowding radii is displayed
above, where minimizing the negative log-liklihood is equivalent to maximizing the likelihood.
Red spot is the log-likelihood for crowding radius = 0 (i.e., no effect of neighboring molecules
on the rate of probe hybridization). The likelihoods lower than the solid line represent
significant evidence for including the LCI-dependence (a difference greater than 4 times the
Bayes-Schwarz criterion).

Figure 2.68: Alternative representation of the fraction of hybridized molecules at different
hybridization times (like Figure 2.64), separated into probes with similar nearest neighbor
distances (at intervals of 2.5 nm).

crowding’ also affected hybridization rate. However, rather than selecting the crowding

radius (xc, as the value of x in Ni(x) from Section 2.6.1) based on likely steric effects as

before, we performed multiple MLEs based on ki = k0 CT exp(βLCI Ni(xc)) for different
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values of xc. As is shown in Figure 2.67, β̂LCI satisfies the Bayes-Schwartz criterion and

has a maximum likelihood at crowding radius 27 nm (k̂0 = 3.2 × 104 M−1 sec−1 and

β̂LCI = − 0.1390 molecule−1). The effects of LCI on the rate of target-binding are

visualized in Figure 2.69.

Figure 2.69: Left, the fraction of probes hybridized at a given time, broken up by probes
with different LCIs. Blue line is the average fraction hybridized which was used in Section
2.6.2 (Figure 2.64). Right) Alternative representation of the fraction of hybridized molecules
at different hybridization times, split by different nearest neighbor distances.

These results provide the first single-molecule evidence of the ‘crowding effect’ on a probe

surface based on nanometer-scale positions of the probes. However, the length of the crowd-

ing radius is longer than what one would expect if considering only steric considerations (the

expected length of the hybridized probe-target strcuture is expected to be slightly larger than

7.5 nm, while that of the unhybridized probe should be significantly shorter). This long-

rangedness is also seen in the left side of Figure 2.66, where n.n.d.’s far beyond this steric

distance still appear to have a clear effect on hybridization. The origin of this unexpectedly

long range of interactions may be explained by considering that target molecules may also

adsorb onto the surface and diffuse laterally long ranges to hybridize with the targets. In

the next section, we interpret these results using a model of probe hybridization that takes

these diffusion effects into account and propose a physical interpretation of the LCI.
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2.6.4 A model of the ‘crowding effect’ from the vantage of the

individual probe

The expansion of the radius of interaction between probes beyond their contour lengths can

be explained by the presence of target molecules which adsorb then diffuse on the surface

and contribute significantly to the rate of target capture. Such a mechanism, combined with

direct hybridization with targets from solution, had been previously proposed to explain

enhanced hybridization rates on nucleic acid sensors [35, 61] (i.e. see Figure 2.70). The

rate enhancement incurred by this additional hybridization channel can be seen as a result

of the reduction of dimensionality on the part of the target molecules in the search for

unhybridized probes and understood using earlier biophysical works modeling chemotaxis

and ligand-receptor models on cells [16, 1, 265, 7]. In other words, an adsorbed target

molecule can explore a wider two dimensional range of the surface to find a probe faster

than a target molecule in solution can collide directly with a probe, as the solution volume

is a much ‘larger’ region to explore. Therefore, targets which first adsorb nonspecifically

onto the surface then diffuse laterally into the probe can potentially collide and hybridize

with probes in less time than if no such adsorption occured. Chan, Graves, and McKenzie

[35] had previously adapted these models to target-capture on a nucleic acid sensor surface

and attempted to optimize the rate of target capture within the context of their model, and

more sophisticated models have been derived through the years [61, 22, 72, 95].

However, these models tend to be quite complex and, more importantly, tend to be derived

in terms of the bulk concentrations of free or hybridized target molecules (which we do not

direct measure) or the rate of target capture, rather than the rate of probe hybridization.

Such models, therefore do not take differences between probes into consideration; in fact

many explicitly describe the probes as equally spaced on a lattice on the surface [35, 61]. To

interpret the crowding-dependent behavior of probes at the single molecule level, we recast

this theory in terms of a probabilistic model of probe hybridization from the vantage of an
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individual probe molecule in the (target) diffusion-limited kinetic regime. This will allow us

to propose a physical description of the ‘local crowding,’ how the local crowding index alters

the hybridization rate, and how we can optimize nucleic acid sensors from the molecular

perspective. We note that this model is quite general and based almost entirely on consider-

ations of target adsorption/desorption rates, surface diffusion, and collision probability with

the probe.

If we consider an isolated probe anchored to a surface (we define what we mean by ‘isolated’

later) and immersed in a solution of targets, the rate of hybridization with the targets kh is

kh = p3,hk3,c + p2,hk2,c (2.24)

I.e., the rate of collision with a molecule directly from solution times the probability that the

collision results in a hybridization event, plus the rate that a target molecule first adsorbs

onto the surface then diffuses laterally into the probe times the probability this 2D collision

results in a hybridization event. The derivation of k3,c is straight-forward but useful in

defining parameters which will show up later. k2,c is derived mostly in Appendix B and C

(based on [134, 214]) and its applications discussed below. (For simplicity, here we assume

the probability of hybridizing upon collision is the same for targets in solution and targets

surface [62], and no interaction between target molecules).

Rate of direct collision between targets from solution and the probe (k3,c)

Because the dimensions of target-containing solution are much larger than that of an indi-

vidual probe, we consider collision between a target in solution with a probe to be described

by that of collision with a circular region on the surface of area πr2c , where rc is the capture

radius of the probe. We assume hybridization occurs with uniform rate within the capture

radius, however in practice this value is likely distance dependent. Nondimensionalizing this
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Figure 2.70: A probabilistic model of 2D and 3D target-binding from the perspective of
a single probe. A target can potentially collide with a probe directly from solution (with
probability P3,c), or via 2D collision (with probability P2,c) by first adsorbing onto the surface
(with probability Pa) and diffusing into the probe (PTc) before the target would desorb from
the surface. We are interested in the distance from the probe β where targets can initially
adsorb and still collide with the probe at a rate comparable to those targets directly colliding
with the probe from solution; this will define the effective crowding radius within which other
probes may have an impact on the rate of probe hybridization (the ‘crowding effect’).

distance with R = 2√
〈x2〉

rc = rc
√
kd/D, with D is 2D diffusion coefficient and kd is the rate

of desorption from the surface [61]– effectively scaling the probe capture radius by half the

root-mean-squared displacement
√
〈x2〉 of an adsorbed target molecule before desorption–

the probability density function that a target has collided with a probe at time t is:

P3,c(t) = kAπR
2 exp(−kAπR2t) (2.25)

kA is the rate of collisions with the surface per (nondimensionalized) unit area; for a Brownian

particle this value is proportional to the three-dimensional solution diffusion coefficient and

the concentration of the targets [62]. The rate of collisions with the probe from solution is

therefore:

k3,c =
1

〈t3,c〉
= kAπR

2 (2.26)
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Direct measurements of target interaction with nucleic acid sensor surfaces have been rare

[36]: previous measurements on target adsorption and diffusion on silanized monolayers

provided values of R on the order of 10−4 to 10−2, for a probe capture distance rc of 5 - 10

nm.

Rate of target adsorption onto the surface and lateral diffusion into the probe

(k2,c), and effects of Probe Crowding on the 2D Rate of Collisions

For surface-mediated collisions, a target molecule first lands at distance r0 from the probe,

and collides with the probe at time Tc. The adsorbed target molecule also may desorb

with rate kd, and so for 2D collisions with the probe to occur Tc < Td (2.70. First we

consider the range of distances r0 where the targets can potentially collide with the probe

before desorption. The extent of these distances effectively the extends the probe capture

radius (r∗c ) where other probes may interfere with target binding, either by binding to target

molecules first or by inhibiting 2D diffusion into the probe (Figure 2.72). The probability

that a molecule which landed at distance β0R, where β0 is defined here as r0
rc

, will collide

with the probe before desorbing (derived in Appendix B):

P (Tc < Td) =
K0(β0R)

K0(R)
(2.27)

Ky(x) is the modified Bessel function of the second kind with order y.

Therefore, in Figure 2.71 we see that target molecules may actually diffuse from quite long

ranges before desorbing, if there are no other probes within that region. However, Equation

2.27 defines the maximum distances at which target molecules can be expected to interact

(have any possibility of collisions); an ‘absolutely isolated’ probe therefore has no additional

probes within this radius. In practice the ‘crowding distance’ is the distance on the surface

within which other probes can interfere with the target-binding rate and an ‘effectively
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Figure 2.71: Probability that a molecule which lands at r0 will eventually collide with the
probe before desorbing, for R = 0.1 (green) to R = 2 (red).

isolated’ probe will be defined by the distance at which targets can land and collide with the

probe at a rate comparable to kh,3. If we only consider target molecules that land within

the annular region between R and βR, we can determine the ‘truncated k2,c,β’ (derived in

Appendix C). By comparing the truncated k2,c,β to k2,c, we can determine the distances

around each probe which contribute most significantly to surface-enhanced target-binding.

The relationship between k2,c,β and k2,c (derived in Appendix C, with γβ a function of β and

R, kA, and kd and stated in Appendix C):

k2,c,β =
K1(R)−K1(βR)

K1(R)γβ
k2,c = fβk2,c (2.28)

We propose that the scaled crowding radius xc/rc = βLCI is defined by the distance beyond

which the presence of another probe would not significantly affect the enhancement of the
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collision rate between a target and the probe. In the case of k2,c � k3,c:

k2,c − fβLCIk2,c
k3,c

= 1 (2.29)

In other words, by solving Equation 2.29 for βLCI the crowding radius can be derived from

considerations of collisions between targets and the probe and is defined by the relative rates

of collision from targets diffusing on the surface, which is a function of kd, D, and ka, to

those from solution, which is a function of ka (or concentration of targets in solution). Future

experiments to test this model of probe-target binding can be based on a changing of the

concentrations of target molecules and observing how the experimental crowding radius (as

in Figure 2.67) changes as a result.

Figure 2.72: Schematic of the ‘crowding effect’ form the point of view of a single probe. (Left)
An effectively isolated probe. While some target molecules which land within the r∗c will
desorb before colliding with the probe, others can collide with the probe before desorbing
and at a rate of success comparable with those making collisions directly from solution,
effectively increasing its target-binding rate. (Right) If other probes lie within r∗c , targets
which may have ordinarily collided with the probe instead may bind to the other probe or
must diffuse around that probe, decreasing the probability that the target will collide with
the probe of interest before desorption.

This provides a model for the probe crowding effect at the nanoscale. Not only does another

probe within xc occupy area within r∗c where a target could potentially adsorb, but also serve

as an obstacle or even as an potential hybridization site for targets which land beyond or

nearby that second probe 2.72. This is reminiscent of recent work in ‘geometry-dependent

kinetics’ [20] where the choice of the initial location of a ligand in a complex space for diffusion
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(for example the ribosome within a crowded cellular environment, or in our case the location

where a target adsorbs on a sensor surface), can alter the expected time before collision with

a receptor by several orders of magnitude. The existence of a ‘crowded’ molecule environment

around a probe may translate to a number of targets which land behind a different probe,

and which may normally collide with the probe of interest at a reasonable rate, but now are

highly unlikely to collide with the probe before desorbing. An increase in LCI will further

create a more complex area for the targets to navigate within xc, decreasing its effective

target-binding hybridization rate to k3,h.

kd and D both are determined by the (specific and nonspecific) interactions of the target

molecules with the surface. Fine-tuning these respective properties by control over the

surface chemical groups and ionic strength to minimize R (for increased probe densities and

homogeneity) but increasing k2,c (to improve target rates) may provide a promising route to

improve the performance of target-binding in nucleic acid sensors.
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2.7 Conclusions and future work: implications for nu-

cleic acid sensor design

In this chapter, we were able to interrogate the surface of a model nucleic acid sensor at

the molecular scale and finally test many of the assumptions made regarding the stability,

conformations of probes, and distribution of molecules on the surface. We found evidence of

heterogeneity in both probe-surface and inter-probe interactions and proposed new methods

to quantify their effects on device performance. Some of the key findings in this section

are the 1) nanoscopic evidence that local probe crowding, which is determined by assembly

conditions, can dramatically affect the rate of probe hybridization, 2) the passivating mono-

layer is not static as is often assumed but is perturbed and can be affected over time by the

introduction of DNA molecules. The lack of stability of the monolayer, in particular when

subjected to electrode potentials which had been considered harmless, may explain some of

the lack of consistency between reports in sensor performance among labs or samples. We

further note that under these conditions the SAM appears to degrade in a way that will

make its detection difficult with common surface-sensitive techniques such as Fourier trans-

form infrared (FTIR) spectroscopy or other ensemble techniques; much of the monolayer

remains intact and upright, yet the local regions around the DNA, which is the most impor-

tant region for sensing applications, are rapidly degraded. Future studies will be needed to

further elucidate how the nanoscale conformations of the probes, adsorption directly on the

gold, or orientation, all of which are also dependent on the electric field and co-adsorbates,

affect probe hybridization rate; however their direct adsorption onto the gold surface through

defects is expected to alter both target-hybridization kinetics and the ability to signal. Care

must therefore be taken in interpretation of electronic nucleic acid sensors, in particular.

After the results of the previous chapter, we note that nucleic acid sensors are generally

optimized for the rate of target binding as well as for the density of probes, which allows for
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a greater output signal. For a given density, we would like to keep the probes separated by at

least xc. An interesting design problem emerges when we consider nucleic acid sensor surfaces

with
√

A
n
< xc. Previously it has been assumed that the next best alternative in this regard

would be to maximize the mean nearest neighbor distance, i.e., distribute the molecules in a

more densely-packed lattice structure. However, it is possible to imagine different distribu-

tions of probes where LCI of the probes is optimized at the cost of a few closer neighbors, or

mean path length for targets to easily visit multiple probe sites should many be already occu-

pied. Computer aided design of the distribution of probes on the surface appears promising

for both the design of optimized structures and in the interpretation of the single-molecule

hybridization results; for a distribution of probes on the surface, explicit enumeration of all

the different diffusion times and pathways at different starting target adsorption locations

can allow for rational design of sensors with optimized two dimensional collision rates. These

designs could potentially be translated into devices with prescribed nanoscale distributions

of probes using top-down patterning with UV light to introduce defects into the monolayer

[9], application of dendrimers [178] or block copolymers to precisely control inter-molecular

spacing, or direct patterning of the molecules with nanoscale precision and control using

scanning probe lithography (described in Chapter 3).
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Chapter 3

Nanoscale chemical patterning of

single DNA molecules

Only by going alone in silence, without baggage, can one truly
get into the heart of the wilderness.

John Muir, Letter to his wife

3.1 Tailoring surface chemical properties with molec-

ular resolution

Goals and central hypothesis of this chapter

Earlier we noted that while previous efforts to improve biosensor performance have focused on

modulating ‘macro-scale’ properties (such as mean nearest-neighbor distance), the results of

the previous Chapter suggest that control over the higher-order, local spatial properties of the

biomolecular probes on the surface may provide a route to more reliable, faster, and sensitive
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sensors. However, obtaining this level of control over biomolecular patterns has been difficult

to achieve at the nanoscale (methods of patterning biomolecules on surfaces briefly reviewed

below). The goal of this chapter is thus to develop a method which allows us to position

individual oligonucleotides with nanoscale precision into chemically-well defined patterns on

the surface (Figure 3.1). First we review common methods to pattern biomolecules. In par-

ticular, we consider the scanning probe-based lithographic technique known as ‘nanografting’

[157], which is among the highest resolution chemical patterning techniques available. Sec-

tion 3.2 contains Materials and Methods. In Section 3.3, we demonstrate and confirm that by

using nanografting we are able to pattern individual, surface-tethered DNA molecules atop

co-patterned regions of high-quality alkanethiol self-assembled monolayers (SAMs) (Figure

3.1C). These co-patterned alkaenthiols possess positively charged tail-groups that immobi-

lize the DNA molecules for single molecule imaging by AFM. We then sought to optimize

this technique for integration for sensing applications in Section 3.4 with two improvements:

first by patterning the DNA onto gold surfaces passivated with a SAM which strongly re-

sists non-specific adsorption and by using a ‘switchable’-type co-patterned alkanethiol (see

Section 2.6.2); then by determining the effects of nanografting solution composition, ionic

strength, and co-patterned alkanethiol charge on the resulting yield and quality of the pat-

terned DNA. Finally, in Section 3.5 we demonstrate that these single molecule structures

are functional and we can hybridize and resolve individual target-bound DNA probes within

the patterns.

The ability to position individual DNA into chemically well-defined nano-environments on

the surface represents a step towards engineering more sophisticated nucleic acid sensors with

designed and optimized higher order spatial properties. Additionally, we note that these

individually patterned DNA with controllable interactions with the surface are also ideal for

single molecule biophyiscal studies. The atom-by-atom or molecule-by-molecule assembly

of artificial nanostructures using a scanning probe microscope has revealed unprecedented

details of atomic-scale surface chemistry and physics under ultra-high vacuum [246]; the
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Figure 3.1: Placement of single chemisorbed DNA molecules on top of a self-assembled
monolayer (SAM). (A-C) Protocol for patterning individual DNAs by nanografting. (A)
The surface of a pre-assembled monolayer surface is scanned at low force using an AFM. (B)
Application of high force by the AFM tip in the presence of a solution containing 10000:1
AUT:thiolated DNA molecules results in the local desorption of the SAM and replacement
with a monolayer of the solution molecules. (C) The surface may then be immediately
imaged using tapping-mode AFM. (D) Expected height profile of DNA assembled atop the
AUT patches.

ability to manipulate single biomolecules promises to enable analogous insights at biologically

relevant interfaces, as the nanometer-scale arrangement of molecular components in a living

cell underpins an enormous spectrum of biological functions.

Methods of patterning specific molecules and biomolecules on the surface at the

nanoscale

A desire to position specific biomolecules on the surfaces for purposes of multiplexing has

lead to a number of different techniques to pattern biomolecules on at microscale/nanoscale

areas on the surface. Nucleic acid microarrays can be produced by the ink-jet printing which

produces micron sized patterns and can be used to place several hundred probe sequences

within centimeter areas [287]. The number of probes in each spot tends to be up to 1012 [287];

from recent high-resolution microscopy studies, it has been found that the distribution of
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probes is non-uniform across the spot and not easily controlled [212]. Micro-contact printing

[139, 17], where a polymer stamp soaked in a solution containing biomolecules is pressed

against a surface, can deposit biomolecules at the locations where the stamp contacts the

surface on the scale of 100 of nanometers to microns. The resolution of the stamps is limited

by their deformation upon contact with the surface.

The question of how to pattern biomolecules with single-molecule precision remained largely

unaddressed until a novel work by Kufer et al. [136]. The authors used an atomic force mi-

croscope (AFM) to pick up single oligonucleotides from a depot area and deposit them onto

a target area. This manipulation relies on a clever use of the complementary base-pairing in-

teraction between a DNA strand attached to the tip and the DNA strand to be manipulated.

However, due to the roughness of the glass surface used and the conformational flexibility of

the strands, the transferred oligonucleotide strands could not be imaged directly by atomic

force microscopy. Individual nucleic acids and biomolecules have also been positioned across

the surfaces by coupling the molecules to gold regions which themselves had been patterned

to sub-10 nm dimensions using standard clean-room techniques [81]. In addition to the costs

associated with a clean room, the biomolecules are again anchored to a rough surface that is

not well characterized or controlled (and which can lead to significant non-specific adsorp-

tion of targets), and this technique is not compatible with the ability to multiplex probes on

the surface. To the best of our knowledge there has been only one report of using dip-pen

patterning to position a single biological molecule, a ferritin protein [15], using a very dilute

coating of the AFM tip; the resulting proteins were deposted within large spots several µm

in radius. However, it is not known if the protein maintained its function and the proteins

were essentially physisorbed onto an unpassivated surface.

158



Nanografting and biomolecular patterning with nanografting

Nanografting is another scanning probe based patterning technique capable of producing

kinetically-trapped patterns of alkanethiol monolayers with sub 10-nm feature sizes [157, 290,

289, 161, 254]. These patterns are produced by using an AFM tip to mechanically desorb

thiol molecules with large local forces (nanoshave) from within a pre-formed alkanethiol

self-assembled monolayer (SAM); a second thiol from solution (µM) then rapidly forms an

ordered and compact structure on the exposed gold surface [290]. A remarkable phenomenon

in nanografting is the accelerated self-assembly of thiol molecules: the ordered patterns of

the second alkanethiol typically form within the desorbed regions before the surface can be

imaged again by AFM. By contrast, the formation of a SAM on an unpatterned gold surface

requires hours at similar alkanethiol concentrations [289]. It has been proposed that the

accelerated assembly is a result of a ‘confinement effect’ in the gap between the tip and the

SAM that is trailing the tip [289, 296, 222]: during nanografting, the incoming thiol molecules

are forced into an upright, oriented and compact structure, bypassing the time-consuming

‘lying-down’ phase of SAM growth from solution and kinetically trapping the alkanethiols .

To ensure that the gap is small enough to restrict the molecular orientation, the new thiol

molecules must be incorporated within a few milliseconds at a typical tip writing speed of

hundreds of nm/sec. Nanografting has been used to pattern complex nanoscale structures,

and because the composition of the pattern molecules depends only on the alkanethiol in

solution at the time of nanoshaving, nanoscale patterns containing multiple alkanethiols

[302, 262] can be reliably produced at unprecedented resolutions.

The resulting chemical patterns are kinetically trapped on the surface. For example, if

two alkanethiols are in the solution to be patterned, the resulting structure will exhibit

significantly more mixing than the segregated domains formed during SAM growth of mixed

alkanethiols from solution [296, 25]. Several models have been proposed to explain this

behavior, relying on the flux of alkanethiols towards the nanoshaved regions, the ‘stickiness’
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of alkanethiols on the surface based on thiol-gold, and inter-alkane chain interactions which

stabilize the alkanethiols in an upright orientation and hinder their diffusion towards more

thermodynamically favorable domains [222]. Despite the studies that rely on the effect to

regulate the molecular scale structures of nanografted patterns, a detailed understanding

of local interactions responsible for the many orders of magnitude acceleration and mixing

remains to be achieved; later we will examine the ‘confinement’ effect and its implications

on the nanografting mechanism.

Nanografting has been used to pattern biomolecules directly on the surface. Early studies

nanografted single stranded DNA probes [149, 162, 180], and while individual molecules could

not be resolved, a change in pattern height associated with increased crowding within the

pattern was observed when target molecules were introduced. The behavior of DNA-binding

proteins has also been studied using AFM by observing changes in heights of confined DNA

molecules which have been nanografted [240]. Proteins have also been nanografted directly

or adsorbed onto charged patterns [263, 155]; the orientations of the proteins have been

proposed to be controlled by careful spatial positioning of chemical patterns which favor

contact with the proteins at particular points. However, prior to the work in this chapter,

the patterning of individual biomolecules which are covalently tethered to the gold surface

via nanografting had not been demonstrated.

3.2 Materials and Methods

Materials

The gold wire (99.99% pure 1 mm diameter) was purchased from Scientific Instrument Ser-

vices, Inc. 11-Amino-1-undecanethiol, hydrochloride (AUT) and octadecanethiol (C18) were

purchased from Asemblon Products. Tris-Acetate-EDTA (TAE), 10× solution; Tris Borate
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EDTA (TBE) Buffer, 10× solution (Molecular biology grade); and dithiothreitol (DTT),

99%, were purchased from Fisher Scientific. SYBR Safe DNA gel stain (10,000× concen-

trated in DMSO) was purchased from Invitrogen. DNA was purchased from IDT Technolo-

gies and used without further purification.

Preparation of electrode surface

A gold single crystal bead was made by melting a gold wire in the manner of Clavilier et al.

[44] Briefly, a gold wire was cleaned in aqua regia (3:1 hydrochloric acid:nitric acid) for 15

minutes and melted at one end onto platinum foil using an H2 flame. While suspended upside

down, the free end of the wire was melted with an H2 flame into a bead approximately 5

millimeters in diameter and the flame slowly withdrawn until sub mm scale Au(111) facets

spontaneously formed. The wire was then bent so that the bead was supported on the

platinum foil.

Preparation of DNA probes

DNA used were either the T5C6SH probes (Section 3.3) or thiolated Sf-probe3’ (Section 3.4)

from Chapter 2, or Sf-probe3’ which had been hybridized with its complementary strand

(Sections 3.4 and 3.5). T5C6SH probes used in this chapter were prepared as described in

Chapter 2. Sf-probe3’ was hybridized with its complement by mixing 45 microliters of each

in a small vial (100 micromolar in 1×TAE), heating the vial in 1 liter of water to 90◦C

then allowing the mixture to cool to room temperature on the lab bench. 10 microliters of

DTT was added to the mixture, and purified as described before. We note here that while

referred to in the text as 24 nt probes, Sf-probe3’ possesses an additional poly-T tail near

the thiol tether to reduce any ‘mismatch’ effects, e.g. observed when inserting into C11OH

(see Section 2.3).
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Electrochemical atomic force microscopy

Atomic force microscopy (Agilent 5500) of surfaces prior to nanografting and after assem-

bly of DNA was performed in contact and tapping mode, respectively, using Si3N4 tips

(NanoWorld, PNP-TR or Veeco DNP-S10) in a custom-built 1 mL liquid cell with an at-

tached fluid pump. The fluid cell was cleaned by sonication in ultrapure (>18.0 ΩM·cm−1)

water and a detergent then methanol prior to each experiment, and nanografting and imag-

ing solutions were prepared prior to each experiment after copious rinsing of the container

with ultrapure (>18.0 ΩM·cm−1) water and detergent. Prior to experimentation, the gold

bead was cleaned in hot nitric acid for ≈20 minutes, washed in copious water, then flame

annealed. The bead was then placed in an ethanolic solution of 1 - 2 mM C18 for at least

12 hours. A Ag/AgCl reference electrode and Pt/Ir counter electrode were positioned inside

the fluid cell, and connected along with the platinum foil of the gold bead to a BAS Electro-

chemical Workstation (Epsilon, Bioanalytical Systems). Prior to experiments, the fluid cells

were flushed with 0.01×TAE in 1 : 1 EtOH: H2O solution (referred to as 0.01TEH). Imaging

of assembled DNA was performed under an applied +200 mV potential, though absence of

the potential resulted in little difference in image quality.

Single-molecule nanografting protocols

Nanografting protocol was performed similarly as to what has been previously described

[160]; briefly, a flat facet was scanned under contact mode AFM at low force. Selected

regions of the C18 self-assembled monolayer were removed by applying high forces using the

AFM probe (spring constant 0.48 N/m); nanografting was performed using PicoLith module

of PicoView with the lowest possible force to achieve repeatable, high quality patterns into

C18. Because the contact area of the AFM tip varies from probe to probe, and hence

the pressure applied to the SAM during nanografting will likewise vary, this force must be
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determined individually for each cantilever. Generally, forces between 100 and 200 nN were

applied by the tip during nanografting. Passivating (background) monolayers of C18 or

(PEG)3-(CH2)11-SH were prepared as described in Chapter 2.

Initial experiments (Section 3.3)

Single-molecule nanografting experiments were performed using the following conditions:

• For preliminary experiments containing 1 µM DNA (Figure 3.1A and B), nanografting

was performed in 1.0×TAE in 100 µL 1:1EtOH: H2O solution containing 1 µM of 50bp

thiolated dsDNA and either 0 µL, 4.4 µL, 21.4 µL, or 87.4 µL aliquots of 230 µM

ethanolic AUT for 1:0, ≈1:1, ≈1:5 and ≈1:20 DNA-SH:AUT ratios for nanografting.

• For experiments to determine the effect of nanografting speed (Figure 3.5 and 3.4A) on

the number of DNA assembled, the solution in the fluid cell was replaced by 930 µL of

0.01TEH, 50 µL of 700 µM ethanolic AUT, and 20 µL of 6.9 ng/µL thiolated T5C6SH

DNA in H2O. Nanografting was performed by patterning 100 50 nm × 50 nm squares

(experimentally 3040 ± 326 nm2 from 9 squares) each at nanografting speeds of 200

nm/sec, 300 nm/sec, and 400 nm/sec. Nanografting was performed at open-circuit

potential.

• For experiments to determine the effect of applied potential during nanografting (Fig-

ure 3.9 and 3.4b) on the number of DNA assembled, the solution in the fluid cell was

replaced by 930 µL of 0.01TEH, 50 µL of 700 µM ethanolic AUT, and 20 µL of 6.9

ng/µL thiolated T5C6SH probes in H2O. Nanografting was performed by patterning

100 50 nm × 50 nm squares at each of -200 mV, 0 mV or 200 mV (vs. Ag/AgCl

reference). Writing speed was at 400 nm/sec.

• Control experiments (Figure 3.6) were performed by first patterning 75 AUT patches

in a solution of 80 µL of 625 µM ethanolic AUT and 920 µL of 0.01TEH. The fluid cell

was then flushed with 0.01TEH, replaced with a solution containing 2 µL of 56 ng/µL
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(unthiolated) DNA, 40 µL of 625 µM ethanolic AUT, and 958 µL 0.01TEH and 75

more patches were patterned. The fluid cell was then flushed with 0.01TEH, replaced

with a solution containing 40 µL of 4.3 ng/µL thiolated T5C6SH DNA, 40 µL of 625

µM ethanolic AUT, and 920 µL 0.01TEH and 75 more patches were patterned.

After nanografting, the cell was flushed with 0.01TEH while a -600 mV potential was applied

for at least 3 minutes. This was followed by flushing with the imaging solution, 0.1×TAE in

H2O (referred to as 0.1TH). Imaging of the nanografted patterns and DNA was performed

with a closed-loop scanner in tapping mode under 0.1TH using the PicoView software (Ag-

ilent).

Optimization experiments (Section 3.4)

Optimization experiments were performed using the same nanografting protocol under the

‘nanografting solution’ conditions described in the section. We note that when referring to

concentrations of mercaptoundecanoic acid (MUDA), solutions were prepared from 25 mM

stock solutions of MUDA solutions in ethanol containing 10 percent by volume concentrated

acetic acid to inhibit the formation of MUDA bilayers during patterning [127].

Nanografting sodium dodecyl sulfate under potential control

Protocol for nanografting sodium dodecyl sulfate under potential control is described within

that subsection.

Analysis of nanografted patterns

Initial experiments (Section 3.3) Images were analyzed using the Gwyddion software

package, and were plane- and line- leveled with scratches removed. At least three AFM

images were recorded for each set of 25 rectangles patterned under a given experimental

condition. For Figure 3.3A, particles on AUT were identified by inspection and heights of
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DNA were measured by comparing the maximum height of a noise-filtered image of the

particle and the height of a noise-filtered image of the underneath monolayer of AUT. Quan-

tification of molecules as in Figure 3.5 and 3.9 was performed by first identifying particles

on the AUT by inspection. Particles were counted as DNA assembled atop AUT if their

maximum height in at least two of the recorded images was found to be between 2 and 3 nm

taller than the AUT layer, which was measured to be approximately 1 nm lower than the

C18 matrix.

Optimization experiments (Section 3.4) The areas of all patterns were highlighted in

the Gwyddion image analysis software as were suspected DNA molecules. DNA molecules

were identified as such if their heights were found to be > 3 times the RMS roughness taller

than the median height of the remaining patterned alkanethiol.

Hybridization with isolated probe DNA

Hybridization was performed as described in the previous chapter (Section 2.6.2), using

long (200 bp) DNA targets which contained a 24 nt single stranded overhang to aid in the

identification of hybridized vs. unhybridized probes.

3.3 Tailoring surfaces with ‘single molecule’ patterns

In this section, we present a new approach to achieve the goal of positioning individual

oligonucleotide strands. The approach builds on nanografting of alkanethiol solutions con-

taining thiolated DNA molecules. Although in the past, only bundles or clusters of DNA

and protein molecules were patterned using this method, we hypothesized that by diluting

the DNA with another alkanethiol molecule, aminoundecanethiol (AUT), individual DNA

molecules can be patterned in a way that permits in situ verification and quantification of
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the patterned molecules. We find that the density of DNA molecules in nanografted patterns

of mixed molecules can be controlled by varying the ratio of DNA to a secondary alkanethiol

in the nanografting solution. Our ability to resolve individual DNA under these conditions

derives from the design of the nanostructures (Figure 3.1C), which limits the mobility of

the 5’-thiolated DNA molecules (DNA-SH, or T5C6SH ss/ds probes from Chapter 2) on the

surface both through direct chemisorption of the thiol to the gold substrate and by electro-

statically ‘pinning’ the DNA atop the positively charged AUT SAM, permitting molecular

resolution of the DNA using AFM. Moreover, we are able to modulate the average number

of DNA per patch by applying an electrochemical potential during nanografting. Our tech-

nique provides for improved control over DNA-surface interactions due to the significantly

more uniform morphology and chemical functionality afforded by SAMs.

3.3.1 Nanografting under solutions of highly dilute DNA and a

secondary alkanethiol results in patterns possessing isolated

protrusions.

Patterning of DNA-SH molecules onto a pre-formed SAM of octadecanethiol (C18) by an

AFM was performed in a fluidic cell as described in Figure 3.1A-C. Previous reports showed

that nanografting with sub-10 µM concentrations of DNA-SH results in sub-monolayer de-

position [160]. When we nanografted with 1 µM DNA-SH in 1× Tris acetate EDTA (TAE)

solution, no individual DNA structure was resolved by AFM, although the depth of the

hole (1.5 nm) was smaller than the thickness of C18 SAM, 2.2 nm (Figure 3.3A), which

indicates a sub-monolayer coverage of DNA molecules [280]. However, the DNA had too

much conformational freedom to be individually resolved by AFM. Yet when nanografted

in a solution containing an additional equimolar concentration of AUT, a filled-in structure

could be imaged (Figures 3.2 and 3.3B) with heights greater than expected for AUT mono-
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layers alone. Adding 20 times more AUT than DNA resulted in protruding features 0.5 nm

above the background C18 region, which indicates that the DNA was lying directly on the

Au(111) surface and embedded within the AUT SAM (Figure 3.2). Due to the high DNA

concentration and ionic strength, these DNA molecules are not dispersed enough to be indi-

vidually resolved. By decreasing the concentration of the TAE buffer to 0.01× and changing

the concentrations of AUT:DNA to 10 µM:3 nM, we were able to resolve individual rod-like

features localized on the 50 nm × 50 nm AUT region (Figures 3.3C,D and 3.4).
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Figure 3.2: Nanografting with 1 µM concentrations of DNA. A and B) Topographical image
(left), height trace(middle) and model of patches nanografted in solutions containing (A) 1
µM DNA-SH and (B) 1 µM DNA-SH with 20 µM AUT. A) The height of the patch containing
no AUT would suggest sub-monolayer coverage with DNA-SH, as reported by Liu et al. B)
That the height of the patch nanografted in a solution containing both DNA-SH and AUT
is ≈0.5 nm above the C18 background suggests that the patch does not contain purely
AUT (which would appear shorter), but rather DNA lying on the surface as well with AUT
located interstitially. This arrangement would allow the DNA to assemble more closely and
keep the DNA conformationally constrained. Taller regions could result from DNA bunching
and standing up, as previously reported. C) Nanografting DNA:AUT patterns with 1 µM
DNA-SH at increasing write speeds. All images are on the same height scale. There is
no significant effect in the heights of the patches as a function of write speed. Note that
increasing the concentration of AUT makes the patches more closely approach the height of
DNA laying on the surface, rather than the height of an pure AUT patch (shorter than C18)
as would be expected. This supports our model of DNA laying flat on the surface with AUT
positioned in between strands, as increased AUT concentration in solution could increase
interstitial concentration between DNA, both shielding electrostatic repulsion (and allowing
increased concentration of DNA) and further reducing conformational freedom.

168



Figure 3.3: (A-C) Representative images of patches nanografted in solutions containing (A)
1 µM DNA-SH in 1× TAE, (B) 1 µM DNA-SH and 20 µM AUT in 1×TAE, and (C) 3
nM DNA-SH and 10 µM AUT in 0.01X TAE. Individually resolvable DNA molecules are
observed within an array of 50 nm × 50 nm AUT patches by tapping-mode AFM. (D) Single,
patterned DNA molecule and height cross-section.
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Figure 3.4: Representative images of surfaces after nanografting individual DNA molecules
and AUT. Dilution of the DNA-SH by larger concentrations of AUT resulted in individual
rod-like particles that were resolvable and highly localized within the AUT patches. Ab-
normally large features are residual contamination believed to be caused by poor solubility
of C18 in nanografting and imaging solution or contamination from a reagent. They may
also be ‘nano-bubbles’ which have been observed on hydrophobic surfaces under aqueous
conditions under tapping mode AFM [256]. These features are unlikely to cause false posi-
tive identification of DNA, as determined by control experiments (Figure 3.6). Furthermore,
while we noticed different coverage of contamination on the surface across experiments, we
found consistency among similar experimental conditions in the number of DNA molecules
per patch as well as distributions. a) A representative image of the experiments to determine
the effect of nanografting speed (Figure 3.5) on the number of DNA assembled. Particles
within the AUT patches mostly appear rod-like, as expected for DNA molecules, though
some may appear rounded as a result of pH of our imaging solution (pH 8.3), which leaves
the AUT layer weakly charged. DNA with weaker interactions with the surface will be more
mobile and susceptible to perturbation by an AFM tip. b) A representative image of the
experiments to determine the effect of applied potential during nanografting (Figure 3.9) on
the number of DNA assembled. c) Topographical image of a single DNA molecule patterned
within a 25 nm × 25 nm AUT patch, with height trace. Because DNA must be patterned
within the area of a nanografted patch, patterning individual DNA by nanografting exhibits
very high precision which is limited by the resolution of nanografting. An individual DNA
patterned within a 25 nm × 25 nm patch demonstrates that we can achieve at least 10 nm
precision in patterning, though these structures had a markedly lower yield than the 50 nm
× 50 nm AUT patches.
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3.3.2 The isolated protrusions atop the nanografted chemical pat-

terns correspond to individual DNA molecules.

Within the AUT patches, a majority of the protrusions were found to be 2.13 ± 0.44 nm

above the AUT layer (Figure 3.5A), consistent with DNA lying atop the positively charged

monolayer (Figure 3.1D) ([90] and Table 2.1). Control experiments performed by nanograft-

ing in a solution containing AUT and DNA with no thiol tether produced only depressed

AUT regions, with no protrusions of appropriate heights and lateral sizes (Figure 3.6 and

Table 3.1). It appears that under these conditions, the electrostatic attraction alone is not

sufficient to immobilize DNA and covalent attachment of the thiolate headgroup to the un-

derlying gold is necessary for surface immobilization. Apart from abnormally large features

which were observed in the C18 region due to residual contamination (Figures 3.4 and 3.6),

we observe very few molecule-sized protrusions in the C18 matrix. However, we also note

that when we switch to a hydrophilic background monolayer in the next section, as well as

improve the protocols for cleaning solutions and glassware used in the experiments, the rate

of false positives is actually reduced. The minimal molecular exchange with the C18 can

be attributed to the facts that (i) the DNA concentration is 1000 times lower than the mi-

cromolar concentration typically used for nanografting [161], providing a significantly larger

time window to perform nanografting without significant exchange, and (ii) due to the cross

section of the oligonucleotide, the DNA-SH does not fit easily into common defects in the

C18 SAM such as small single-molecule defects or domain boundaries, reducing the exchange

rate [198]. Hence, we conclude that these protrusions correspond to surface-tethered DNA-

SH, with the thiol portion anchored to the Au surface and the DNA portion on top of the

AUT SAM.
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Figure 3.5: (A) Histogram of the heights of 100 rod-like particles observed on AUT patches,
with Gaussian fit. µ = 2.13 nm, σ = 0.44 nm. (B) Histogram of the number of DNA
molecules per AUT patch as a function of write speed. Number of DNA per patch follows a
Poisson distribution.
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Figure 3.6: Control experiments using thiolated or unthiolated DNA and AUT during
nanografting. A sequential patterning of 1) AUT alone, 2) AUT and unthiolated DNA,
then 3) AUT and thiolated DNA at nearby locations allowed us to determine whether DNA
was covalently attached to the surface and assembling atop the AUT layer or simply ad-
sorbing electrostatically onto pre-formed AUT. a) Representative topographical images of
patterns nanografted in a solution with AUT and unthiolated DNA. The depressions corre-
spond to purely AUT patches. Protrusions within the patches which resembled DNA were
rare and generally not rod-like, but were measured to determine if they would have been
counted as DNA during nanografting experiments under our height requirements. DNA-like
objects satisfying these criteria were found at a rate of 8.55 × 10−6 DNA-like objects for
every 1 nm2 nanografted; expected false positives as a result of non-specifically adsorbed
DNA or contamination is displayed in Table 3.1 below for all other experiments. b) After
imaging the patches nanografted under unthiolated DNA and AUT, we could image nearby
patches that had been nanografted in a solution containing thiolated DNA and AUT in
order to ensure that the paucity of non-specifically adsorbed DNA was not a result of poor
AFM resolution. This is a representative topographical image of patterned DNA molecules
on AUT patches that were obtained immediately before and after images in (a). Several
protrusions that are of heights consistent with DNA are visible in the patterns, even though
a significantly smaller patches and a smaller area had been nanografted. These findings
would suggest that thiolated DNA molecules are covalently attached to the surface and are
not simply electrostatically adsorbed to the AUT layers, and that the contamination would
very rarely contribute to error in quantifying the number of DNA per patch.
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Experiment Patch size

Number
of
patches
observed

Total DNA
molecules
observed

Expected false
positives

Nanografting
write speed
(Figures 3.5 and
3.4A)

3040 ± 326 nm2

(from 9 patterns) 223 57 6.68
Applied voltage
(Figures 3.9 and
3.4B)

2790 ± 519
nm2 (from 20
patterns) 287 113 7.89

Table 3.1: Expected number of false positives, based on the rate of DNA-like objects observed
during control experiment (Figure 3.6) with unthiolated DNA (8.55× 10−6 DNA-like objects
for every 1 nm2 nanografted)

To understand the strength of the DNAsurface interaction, we calculate the degree of ion-

ization (1 − β) of the AUT [228]:

log

(
β

1− β

)
= pH∞ +

ψ(0)

2.303RT/F
− pKsurf

a (3.1)

where β is the degree of deprotonation of the amine molecules, pH∞ is the pH of the bulk

solution (pH 8.3 in TAE buffer solutions), ψ(0) is the surface potential, R is the ideal gas

constant, T is temperature, and F is Faradays constant. Various measurements have shown

that the pKsurf
a , the surface acid dissociation constant, of an amine SAM like AUT is only

6 to 6.5 [67, 264], significantly lower than that in the solution. The surface potential is

found by using the Gouy - Chapman theory for a charged planar surface, assuming that the

monolayer coverage of AUT is 4.55 × 1014/cm2 [228]:

ψ(0)

2.303RT/F
= 0.863 sinh−1

(
7.27(1− β)√
8kTε0εrNAC

)
(3.2)

where k is the Boltzmann constant, NA is Avogadros number, C is the ionic concentration,

and ε0 and εr are the permittivity of a vacuum and the dielectric constant of the imaging

solution, respectively. From Equations 3.1 and 3.2, we estimate that the AUT layer is less

174



than 0.1 percent charged at pH 8.3. While additional theoretical studies are required to model

the interaction energy between DNA and a nanosized AUT patch, clearly the low degree of

ionization contributes to the fact that non-thiolated DNA molecules are not immobilized

during nanografting. However, during imaging, the small amount of positive charges reduces

the mobility of the covalently tethered DNA, allowing us to verify individual short DNA

stands patterned.

We further considered the possibility that the protrusions we observed were actually clusters

of DNA packed closer than the resolution of our AFM imaging. We consider this event

highly unlikely because of the significant energy cost required for a second DNA to assemble

within 10 nm (a worst-case scenario of the AFM resolution) as a result of the electrostatic

repulsion between DNA. Under the low ionic concentration used for nanografting DNA, the

Debye length was approximately 14.7 nm. We calculated the potential induced by a DNA

assembled atop an AUT layer on a grounded gold surface (Figure 3.7) and determined that

the electrostatic repulsion energy to assemble a second DNA within 10 nm of the first. We

numerically evaluated the electrostatic potential induced by a previously-assembled DNA

(DNA 1), and Boltzmann factor for the placement of another DNA at a distance r from

DNA 1. The electrostatic potential induced by a DNA on a surface was evaluated numerically

MATLAB. A matrix was created with each element representing a 0.46 nm × 0.46 nm and

a single DNA (DNA 1) was modeled in two-dimensions by having occupying a rectangular

region of 5 elements by 65 elements, corresponding to the width and length of a 94 bp double-

stranded DNA molecule. A charge value eDNA of 94 bp × (−0.48e−/(5× 65), was assigned

evenly to each element of the DNA, 0.48 e− being the effective charge of a base pair in charge-

screened dsDNA in a solution of monovalent electrolytes [174]. The potential ϕ(r) (Figure

3.7a) at a distance r due to DNA 1, assuming a Debye - Hückel distribution of electrolytes

in the solution, is where the second term in the expression arises from the presence of an

image charge induced by the DNA in the gold electrode below the AUT layer [83]. εs is the

dielectric constant of the AUT SAM (taken to be 4),[31] and t is the thickness of the SAM.
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The Boltzmann factor p(r) was calculated as p(r) = exp(−E(r)/kT ), where E(r) was the

energy required to place a test DNA at a distance r from DNA 1, assuming ϕ(∞) = 0 V.

For a single DNA placed on the surface, we assume that the DNA 2 will approach DNA 1 to

minimize its energy—in a straight line along the axis of DNA 1. Thus the energy required

to place a second DNA with an anchor thiol at distance r E(r) was calculated by placing a

5 × 65 element test DNA 2 at that distance r, and summing over the total charge along the

DNA at each potential at that element (Figure 3.7B). When there were two DNA previously

assembled on the surface, we assumed the DNA maintained their energy minimizing collinear

conformation, and assumed the third DNA would enter perpendicular to the first two DNA.

The E(r) for a DNA approaching a second perpendicular DNA was shown in Figure 3.7C,

and the combined effects of the two perpendicular DNA on the prospective third was used

to calculate the Boltzmann factor. Three or more DNA on a surface occurred rarely (never

for conditions of 0.01TEH), and in those instances the Boltzmann factor was calculated as

the sum of the collinear energy Boltzmann factor between each of the assembled DNA and

the prospective DNA. We found that the energy to adsorb a second DNA within 10 nm of

a first DNA molecule is 7.3 kT if the second molecule is adsorbed at a angle of 180◦ with

respect to the molecule on the surface. At any other angle, the repulsive energy will be

significantly higher, e.g, 17.4 kT at 90◦. As no dependence on the nanografting speed in

the number of individual DNA molecules patterned at 3 nM DNA-SH concentrations was

observed (Figure 3.5B), we concluded that at this regime, the nanografting process was not

diffusion limited. Hence, we assume that the probability of DNA adsorption is controlled by

the local concentration of DNA, which is affected by the local electrostatic interaction.

To examine the kinetic effects of electrostatic repulsion between DNA in solution and as-

sembled DNA, a Monte Carlo simulation of nanografting mixed AUT:DNA patches was

performed in MATLAB. A 174 × 115 element matrix was generated with each element

representing a 0.46 nm × 0.46 nm (0.21 nm2, or size of alkanethiol footprint on Au(111))

vacancy to be filled by an alkanethiol. To emulate the sequential nature of nanografting,
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Figure 3.7: Electrostatic potential induced by an assembled DNA on the surrounding
medium, and resulting Boltzmann factor terms for Monte Carlo simulation of nanograft-
ing AUT:DNA structures. a) Electrostatic potential in the 0.01TEH (nanografting) solution
surrounding a 94 bp DNA placed in the bottom center of the figure. b) Boltzmann factor for
collinear DNA (when there is 1 previously-assembled DNA) for an approaching prospective
candidate DNA, as a function of distance between candidate location and ionic concentra-
tion. A collinear arrangement minimizes the energy cost to assemble the DNA, while the
perpendicular arrangement maximizes the cost. The collinear arrangement was used for the
Monte Carlo simulation to determine the cost of assembling a second DNA near a first.
c) Boltzmann factors for a perpendicular DNA (as when there are 2 previously-assembled
DNA) for an approaching prospective candidate DNA in a 0.01TEH solution.

where a probe begins at the top of a pattern and shaves line-by-line downward, the elements

of the first 23 rows (corresponding to a AFM probe width of 9.4 nm) were filled with ran-

dom numbers from 0 to 1. Each of the elements were then evaluated from left to right to

determine if any of the elements contained numbers that were less than a base probability

177



P0 of a molecule of DNA assembling into a vacancy, which for conditions modeling a solution

containing to average one DNA molecule per patch was 1/20010. We evaluated each element

to determine if their random number was less than the base probability of a DNA molecule

assembling into a location P0 multiplied by a Boltzmann factor p(r) that was dependent on

the distance between that prospective element and any other elements containing a DNA

that has already been placed (Figure 3.7, and derived below). If the random number of

that prospective element satisfied was less than P0 · p(r), a DNA anchor thiol was placed

at that location. Otherwise an AUT was placed at that location. This was repeated over

all the elements and each block of 23 rows in turn until the entire matrix (patch) had been

nanografted. The total number of DNA placed within the pattern was then counted, and the

simulation repeated 100,000 times for Figure 3.8. For simulations to determine the proba-

bility of a second DNA would assemble within 10 nm of an already assembled DNA on the

surface, this simulation was repeated 107 times. From these simulations we were able to

recreate the roughly Poissonian distribution of the number of DNA per patch we observed

experimentally (Figure 3.8) and found that less than 6 × 10−4% of the patterned DNA ap-

peared within 10 nm of another DNA at the ionic concentration used for nanografting, even

if we assume the lower limit of the repulsive energy. The Poisson distribution suggests that

the adsorption of DNA is random and that there is no interaction between adsorbed DNA

molecules, which seems to contradict the long Debye length. However, the Monte Carlo

simulations suggests the average number of DNA per patch remains too small to show a

significant effect of repulsion between molecules. Simulation suggests that when the average

number of DNA is increased beyond one DNA/pattern, significant deviation from Poisson

statistics will be observed. The results further support that the protrusions we observed

were single molecules instead of clusters of DNA.

There are two sources of surface charges: first, the ionization of the AUT SAM and second,

the potential-dependent charging of the electric double layer. Hence, we also investigated

the effect of surface charges on the assembly of DNA molecules by applying an electrode

178



Figure 3.8: Results of Monte Carlo simulation of AUT:DNA nanografting without (left)
and with (right) electrostatic repulsion modeled in a 0.01TEH (nanografting) solution. The
legend in the upper right corner is in units of DNA/patch, which we mean to be expected
incorporation of DNA per pattern, i.e., the ratio of DNA:dilutant alkanethiol concentrations
times the number of available ‘sites’ for a molecule to incorporate in the pattern. Note that
the higher the average number of DNA (effective concentration), the larger the deviation
from Poisson distribution in cases of lower ionic strength. At concentrations any repulsive
effects between DNA is difficult to distinguish.

potential to the Au(111) surface during nanografting (Figure 3.8). The application of a

200 mV potential (vs Ag/AgCl) resulted in a significant increase in the number of patches

observed without DNA. An applied potential of +200 mV (vs Ag/AgCl) conversely increased

the number of patches with individual DNA. For the moment, we do not have a quantitative

explanation for the surprising linear dependence average number of molecules per patch

on the electrode potential (Figure 3.9, inset). Possible reasons are (1) the electric field

at the site of nanografting is highly nonuniform due to the nanoscale geometry and (2)

complex kinetics during nanografting is involved. Additional theoretical and experimental

investigations are necessary to achieve more quantitative insight. Nevertheless, the results

demonstrate that the electrode potential can serve as a convenient handle to modulate the

nanografting density without having to change the DNA concentration of the solution. The

role of local electrostatic interaction further suggests that a previously assembled DNA would

reduce the probability of a second DNA to chemisorb nearby. Monte Carlo simulation results
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suggest that these electrostatic interactions may be used to optimize the patterning of a

single DNA molecule in each nanoscale patch (Figure 3.8), which is ideal for single-molecule

biophysical experiments.

Figure 3.9: Experimental effects of applied potential during nanografting. Applied negative
potential (black) during nanografting results in an increase in DNA squares with no DNA
molecules, while application of a positive potential (red) results in an increase of patches
with DNA. (Inset) Expected number of DNA per patch (λ) as a function of applied voltage.
Error bars were determined by uncertainty of the Poisson fit.

Here we showed by diluting thiolated DNA with a co-patterned alkanethiol that we can

reproducibly achieve nanoscale chemical patterns containing a single DNA molecules which is

covalently attached to the gold surface, but lies atop the co-patterned monolayer. In the next

section we will optimize this chemical patterning technique for more practical implementation

in devices; furthermore using the single DNA molecules as a ‘tracer’- like particle, we will also

unravel some of the details of the nanografting mechanism to potentially extend its ability

to pattern a wider variety of biologically important molecules with nanoscale resolution.
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3.4 Optimizing single molecule nanografting for biosens-

ing applications

We wished to make our method of chemically patterning single DNA molecules compat-

ible with potential future biosensing applications and single molecule biophysical experi-

ments. While we previously chose background and co-patterned alkanethiols based on the

ease at which we could confirm and quantify the presence of individual DNA molecules,

future studies will require that we can obtain precise control over both the probe-surface

and target-surface interactions (Figure 3.10). Hence several modifications to the original

methodology are in order: first, target nucleic acids will not hybridize with probes that are

strongly adsorbed onto a surface [100]; to facilitate target-binding, we substitute the strongly

- binding AUT with the switchable MUDA surface introduced in the previous chapter. This

adjustment will allow us to not only resolve individual probe molecules, but also allow the

probes then to hybridize with targets. As in Section 2.6.2, we can then determine whether

the probes have been hybridized with single-molecule resolution. Second, the background

monolayer must resist non-specific adsorption of target molecules, therefore the hydrophobic

C18 monolayer is undesirable for target binding [202]. Rather we choose a monolayer of

tri(ethylene glycol)-(CH)2-SH (PEG), which was selected because of its well-known ability

to prevent non-specific adsorption of a host of biological molecules. From a practical point

of view, PEG SAMs have a different apparent height relative to AUT and MUDA (while

another hydrophilic monolayer, C11OH for example, does not) that will assist in finding the

same micron-scale areas via AFM on a surface which requires multiple changes of solutions

and sometimes entire removal of the substrate from the AFM apparatus.

Third, we would like to increase the yield of patterns possessing single DNA molecules

(from the approximately 1 in 3 yield reported above). In doing so, we would be well-served

to determine the relative effects of the patterning conditions on the assembly of single-
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Figure 3.10: Single-DNA nanografting optimized for integration into a nucleic acid sensor:
DNA molecules nanografted atop the switchable MUDA pattern within a PEG-passivated
background monolayer. Note the higher yield of patterns with probes relative to the previous
section, a result of increasing the concentration of DNA in the nanografting solution.

molecule structures. We previously observed changing concentration altered the relative flux

of AUT to DNA, ultimately resulting in structures consisting of mostly AUT and a single

DNA molecule. Additionally, based on electrostatic arguments and numerical simulations

we hypothesized that electrostatic effects could be used to prevent the incorporation of

many DNA molecules nearby; however the concentrations of DNA we used were too low to

unambiguously confirm or exclude this. Considering solely these effects, we would expect to

find a ‘sweet spot’ where the the flux of DNA is maximum, yet the electrostatic repulsion

favored the formation of patterns possessing only a single molecule. This example is clearly

a simplification of a much more complicated system, and such a model neglects to take into
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consideration interactions with between the DNA and co-patterned alkanethiols as well as

with the gold surface.

In this section we use higher (10×) concentrations of DNA and modulate the charge and

concentration of the co-patterned alkanethiol, as well as ionic strength, to help us elucidate

the effects of DNA-DNA as well as DNA-surface interactions. Furthermore, as we have

seen, the application of electric fields may also serve a useful handle to dynamically control

the number of DNA in patterns on demand, perhaps to improve writing resolution with

fast/on off switching; we further investigate the effects of applied electric fields in order

to determine the effects of interactions of the DNA with the surface. Lastly, we perform

a more in-depth study of how the molecular ‘stickiness’ of an alkane affects the kinetic

assembly of ordered structures during nanografting, i.e., how the head-group, inter-chain

interactions, and surface structure affect the ability for ordered molecular patterns to form.

This study, rather than with DNA and alkanethiols, is performed using negatively charged

sodium dodecyl sulfate (whose charge allows us to tune the interactions between the head-

group and the gold) and provides some unique insights into the nangrafting mechanism.

Furthermore, the study suggests potential routes for patterning single protein molecules or

other biologically relevant material using nanografting. Taken together, the results of this

section provide new functional details into the nanografting mechanism and steps forward to

permit single molecule nanografting of nucleic acids for sensing applications with high yield

(see next section).

3.4.1 A kinetic model of nanografting

Because incorporation of DNA into the patterns was rare (relative to the incorporation of the

co-patterned alkanethiol, e.g.), we initially hypothesized that the number of DNA molecules

incorporated into probes would follow a Poisson distribution. However to develop a more
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quantitative understanding and optimize this system, we need to determine the relative

effects of the following parameters:

1. the rate of collision between the probes and the surface. The rate of probes incorporated

into a given area possesses some baseline rate of collision, which we hypothesize does not

depend entirely on the concentration probes in solution but will also depend on the flux

of the co-patterned alkanethiol which will compete with probes for sites to bind on the

surface. Similar competitive effects have been used to explain the patterns formed while

nanografting under solutions containing molecules of different sizes (an alkanethiol and

an alkane dithiol) [25]; yet differences between the molecules in hydrodynamic radius

(affecting size of bare gold required to adsorb) and diffusion coefficients were not so

large as they are between DNA and an alkanethiol.

2. the interactions between the probes and the co-patterned alkanethiol tail-group, as

well as interactions between the probes and the electrode surface. These may affect

the local concentrations of DNA molecules at the location of nanoshaving and alter

the number of DNA molecules incorporated into pattern

3. electrostatic (repulsive) interactions between probes on the surface that will affect

whether or not additional probes that have collided with the surface will chemisorb

(stick) within the pattern [117].

To this end, we examine two properties of large sets of patterned DNA probes and how

they are affected by changing ionic strength, charge of the tail-group of the co-patterned

alkanethiol, molar ratio of probes vs. co-patterned alkanethiol, as well as electrode potential

and nanografting speed. These properties are:

1. the fraction of patterns with at least one DNA molecule (the ‘occupancy’ of a set of

patterns). Assuming the incorporation of DNA into the patterns are rare, Poissonian
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events, determining the occupancy will provide an estimate of the ‘baseline’ DNA in-

corporation rate, i.e., in the absence of interactions with other DNA molecules. If

the occupancy of DNA scales linearly with the area, then this provides strong evi-

dence supporting our hypothesis. We expect the fraction of patterns with no DNA to

decrease with increasing probe concentration relative to MUDA concentration and pos-

itive applied electrode potentials. The interactions with attractive (positively charged)

tail-groups are expected to make the incorporation of DNA into the patterns more

likely under lower ionic strengths (less screening), while interactions with repulsive tail

groups are expected to reduce the likelihood of DNA incorporation.

2. the ratio of patterns with only one DNA molecule to those with more than one (the

‘single molecule yield’ or SMY of a set of patterns). Using the baseline rate described

above, if DNA incorporation into the patterns was uncorrelated then we would again

expect a Poissonian distribution in the number of DNA per pattern. However, as we

observed with regards to the Monte Carlo simulation of the probe incorporation (Figure

3.8), if the DNA possess strongly repulsive interactions we expect that the SMY to

increase because the rate of incorporation of a single probe will be much higher than

the rate of incorporating a second or third, e.g. As mentioned above, we expected

the single molecule yield to be determined by electrostatic effects which will be more

pronounced at lower ionic strengths. If the effects are determined solely by steric

effects, however, no change is expected if the ionic strengths are modulated. Charged

alkanethiol tail-group- or electrode potential- mediated interactions are expected to be

subtler, yet provide increased ‘shielding’ of the interactions when the surfaces are more

positively charged and lower the ratio. However, if the occupancy is too low (approx.

< 30 percent), it becomes difficult to unambiguously conclude that there has been shift

in the SMY of the patterns because the numbers of patterns with > 1 probe become

low.
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Ultimately, we wish to optimize the patterning methodology so that we can consistently

generate high percentages of patterns which contain a single molecule.

3.4.2 Modulating patterning solution, co-grafted alkanethiol, and

ionic strength

Before switching to MUDA, we first sought to more precisely determine effects of ionic

strength on patterning DNA using the positively charged AUT monolayer (Figure 3.11). We

also note that minor adjustments dramatically improved imaging quality relative to those in

Section 3.3:

• Switching to PEG background from than C18 led to a significant decrease in the

nonspecific adsorption on the backgrounds, and the large nonspecific adsorbates dis-

appeared. Therefore we conclude these features were hydrophobic contamination, pos-

sibly generated by the nanoshaving of C18 which is likely mostly insoluble under the

1:1 EtOH:H2O solvent used for nanografting DNA.

• Optimizing the imaging conditions to increase the strength of interactions between the

DNA and the AUT by supplementing the solution under which we imaged with acetic

acid to a pH of 7, increasing the charge atop an AUT layer. This is further evidence,

as mentioned above, that the features are in fact (negatively-charged) DNA molecules.

This allowed us to pattern smaller probe DNA; the DNA in Figure 3.11 is 24 bp long.

We produced a series of DNA/AUT patterns using 1:1 EtOH:X×TAE in H2O(TEH), where

X was 0.1×TEH, 0.5×TEH, and 1.0×TEH at OCP and when the surface was held at 0

mV relative to Ag/AgCl. We also increased the solution concentration of DNA to 90 nM

(a ≈ 1000 : 1 ratio of AUT : DNA). The area of the patterns ranged from ≈ 1 × 103 nm2

to ≈ 7 × 103 nm2. In Figure 3.12 we divided the patterns into sets of 10 or 20 similarly-
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Figure 3.11: Representative image of 24 bp ds DNA co-patterned with AUT in a PEGylated
SAM background

sized patterns and graphed the DNA occupancy of the patterns vs. mean pattern area of

the set. The occupancy increases linearly with area, supporting our hypothesis that initial

incorporation rate of the DNA is a Poisson random event. The rates determined using a

maximum likelihood estimation with initial incorporation rate (≈ 1.1 × 1014 m−2) were

all within the estimated standard deviations (≈ 1 × 1013 m−2) regardless of different ionic

strengths or surface potential, therefore we can not reject the null hypothesis that interaction

with the gold or AUT has no effect on the initial rate of incorporation.

To discern the inter-DNA effects on probe incorporation, we determined the single molecule

yield (SMY) of the patterns and how they were affected by ionic strength. To do so, we com-

pared the SMY of the patterns with a Monte Carlo experiment that used the experimentally

measured patterned areas to generate 100 sets of probe distributions within those patterns.

The rate of probe incorporation in the simulation was the initial incorporation rates from

the occupancy experiments; therefore this simulation generates the hypothetical results of a
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Figure 3.12: Occupancy of DNA/AUT patterns vs. pattern area at different ionic strengths.
(Top) Surface at OCP, under (green) 1:1 EtOH:1.0×TAE (1.0×TEH) and (blue) 0.1×TEH.
Each point represents 10 similarly sized patterns graphed at their mean area. (Right) Surface
at OCP, under (green) 1:1 EtOH:1.0×TAE (1.0×TEH) and (blue) 0.5×TEH. Each point
represents 20 similarly sized patterns graphed at their mean area.

patterning experiment where there is no interaction between DNA molecules. The results of

these simulations were plotted in Figures 3.13 and 3.14, where the red dots are the simulated
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mean fractions of patterns with that occupancy number and the black dots the maximum

and minimum envelopes from the 100 simulations. The experimental data is connected by

blue lines.
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Figure 3.13: Distribution of occupancy numbers for DNA/AUT patterns produced with the
surface held at 0 mV under (top) 1.0×TEH and (bottom) 0.5×TEH. Blue lines connect
experimental distributions; while red and black dots are the mean and maximum/minimum
values from 100 simulations assuming no DNA-DNA interactions (see text). Because the
effects of crowding can be obscured at low occupancy levels, only patterns in the top 1/3
largest areas were used (1.0×TEH, n = 73 patterns, 5.9×10−15 m2±1.1×10−15 m2; 0.5×TEH,
n = 74 patterns, 4.2×10−15 m2 ± 8.6×10−16 m2). However, because the simulation uses the
experimentally obtained pattern areas, the results were robust even when using all of the
patterns from the experiments.
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Figure 3.14: Distribution of occupancy numbers for DNA/AUT patterns produced with the
surface at OCP under (top) 1.0×TEH and (bottom) 0.1×TEH. Blue lines connect experi-
mental distributions; while red and black dots are the mean and maximum/minimum values
from 100 simulations assuming no DNA-DNA interactions (see text). Because the effects
of crowding can be obscured at low occupancy levels, only patterns in the top 1/3 largest
areas were used (1.0×TEH, n = 50 patterns, 4.8×10−15 m2 ± 9.4×10−16 m2; 0.1×TEH, n
= 48 patterns, 5.0×10−15 m2 ± 5.7×10−16 m2). However, because the simulation uses the
experimentally obtained pattern areas, the results were robust even when using all of the
patterns from the experiments.
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While the experimental distributions for patterns produced in 1.0×TEH all lie close to the

mean distributions generated from the simulation, the SMY of patterns produced under

0.5×TEH and particularly 0.1×TEH lies outside the maximum envelopes from the simula-

tions while the number of patterns with > 1 DNA are underrepresented. This implies that

there is in fact an electrostatic repulsion between probes as they incorporate into the patterns

as we suspected, which may be exploited to isolate individual probes in the patterns.

Patterns of MUDA with thiolated single-stranded DNA probes

We then substituted the co-patterned molecule for MUDA, whose charge, as discussed, de-

pends on the presence or absence of divalent cations and will allow probe molecules to hy-

bridize on the surface. This property also allows us to tune the charge on the co-patterned

alkanethiol more sensitively to observe how attractive or repulsive interactions with the

monolayer may affect probe incorporation. In Figures 3.15 and 3.16, we patterned the thi-

olated ss DNA probes along in solutions of (i) 1×TEH, (ii) 1×TEH supplemented with 2.5

mM MgAc2, and (iii) 1×TEH supplemented with 12.5 mM MgAc2. We find that while the

addition of MgAc2 does increase the number of probes incorporated relative to those pat-

terned under only monovalent cations, the addition of too much MgAc2 results in no DNA

observed within the patterns. The total lack of observed DNA at high magnesium concen-

trations is somewhat suprising, as the concentration of magnesium is sufficiently lower than

those which would cause charge inversion of the DNA and desorption from mica surfaces

(around 800 mM) [191]. It is possible that at this higher magnesium concentration the

carboxyl-terminated alkanethiols are more likely to form dimers on the surface, which could

interfere with the ability of the DNA to contact the surface. Alternatively, we can consider

that the single molecule nanografting is a non-equilibrium process where DNA must com-

pete with MUDA for available locations on the surface; even mild charge inversion of the

DNA (which would normally not be sufficiently repulsive to desorb a molecule from mica)
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could reduce the flux of DNA towards the nanoshaved regions enough such that MUDA

will be increasingly favored to fill into the nanoshaved region, effectively lowering the DNA

concentration in solution.

Figure 3.15: Same patterns of single-stranded probe DNA in MUDA patterns imaged while
the probes were lifted or adsorbed under (top) patterning (1×TEH+2.5 mM MgAc2) or
(right) imaging (0.1×TAE+5 mM NiAc2) solutions, respectively.
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Figure 3.16: Single stranded DNA patterned with MUDA at different ionic concentra-
tions. Left) Patterned in 1×TEH. DNA-like protrusions circled in red. Right) Patterned at
1×TEH+12.5 mM MgAc2. No DNA-like protrusions were observed when patterned under
these conditions.
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We also can observe solution-dependent adsorption behavior with the single stranded DNA

probes in the MUDA patterns. In Figure 3.15, we observe 24 nt single-stranded DNA probes

patterned with MUDA and observed lifted under the patterning solution (1×TEH+2.5 mM

MgAc2, which we have determined does not sufficiently immobilize ssDNA for imaging) and

imaging solution (adsorbed, 0.1×TAE + 5 mM NiAc2). DNA were strongly adsorbed under

Ni2+ solutions and could even be resolved under contact-mode AFM (i.e. see Figure 3.19).

That the adsorption of the probes can be modulated by controlling the divalent cations in

solution implies that many of the probe molecules are, as before, covalently attached to the

gold yet lifted above the MUDA layer. However, we found that single-stranded DNA without

thiols would still incorporate within patterns (Figure 3.17). This would imply that several

bases are adsorbed directly on the gold or that the DNA bases interacted too strongly with

the carboxyl groups on the MUDA during patterning. Either explanation would diminish

the ability of the probe to bind effectively with its complementary target.

Figure 3.17: Unthiolated ssDNA with MUDA patterned in (1×TEH+5 mM MgAc2) and
and imaged under (0.1×TAE+5 mM NiAc2) after washing with 1×TAE.
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Patterns of MUDA with thiolated double-stranded DNA

We instead used double-stranded DNA precursors, which interact more weakly with the gold

surface than single-stranded DNA, and which could be melted to single stranded probes after

nanografting. The use of double stranded DNA appeared to reduce the amount of DNA non-

specifically adsorbed onto surfaces (see below, i.e. Figure 3.32). However, double-stranded

probes appeared shorter on MUDA than on AUT via AFM, with mean heights of 1.1 ± 0.44

nm. We had observed a similar reduction in the apparent height of DNA which was coupled

to a pre-formed MUDA layer from Section 2.6.2, where in that case it was unlikely that the

DNA was in direct contact with the gold. This is likely a result of the presence of divalent

cations which screen the negative charges on the DNA. Therefore we can not unambiguously

determine whether or not a DNA is atop or embedded within the layer. We will see in Figure

3.32 that there is a mixture of probes which are likely embedded within the monolayer and

those atop the MUDA; however, those embedded are less prevalent than when patterning

single stranded DNA. For experiments using MUDA, a particle was assigned to be a DNA

molecule if its topographical height was < 3 nm and > than 3 times the RMS roughness of

the rest of the co-adsorbed pattern.

We first optimized the number of DNA molecules incorporated into the pattern by modu-

lating the concentration of MUDA in solution. To maximize the occupancy and SMY of

double-stranded DNA on MUDA, we altered both the ionic composition of the solution as

well as the ratios of DNA : MUDA. We first patterned 90 nM DNA with 25.5 µM MUDA

in 1×TEH with either 2.5 mM or 5 mM MgAc2 (Figure 3.18). While before the initial in-

corporation rate in AUT was apparently independent of the ionic strength, here we observe

that a slight decrease in MgAc2 results in a dramatic increase (of about 3× and at least an

order of magnitude larger than the approximated standard deviation) of the incorporation

rate. Furthermore, while the solution containing 5 mM MgAc2 has too low of an occupancy

for useful information from the measurement of the pattern SMY, for the nanografting so-
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lution containing 2.5 mM MgAc2 we actually observe a non-Poissonian distribution of the

occupancy numbers of DNA in the patterns, where patterns with single DNA molecules

are favored (Figure 3.20). Taken together with the experiments modulating the magnesium

concentrations in single stranded DNA, they suggest that incorporation of DNA into pat-

terns is quite sensitive to the interaction between DNA and MUDA. It is possible that a

mechanism similar to what was proposed for surface-enhanced target binding (Section 2.6.4)

is also occuring here. Rather than relying solely on DNA from solution to impinge upon

with the nanoshaved regions before the arrival of MUDA molecules (where, because of the

vast differences in hydrodynamic radius, DNA would be at a significant disadvantage), the

rate of DNA incorporation may include a contribution of DNA which had adsorbed onto

co-patterned MUDA then diffuses laterally into newly nanoshaved regions. Along these

lines, when a DNA molecule incorporates into the pattern, the pattern becomes more ‘lo-

cally crowded’ and may inhibit lateral diffusion of the DNA to the exposed nanoshaved gold.

Above a certain magnesium concentration, DNA molecules may have been more attracted

to the already-patterned MUDA than to the newly-nanoshaved region, effectively decreasing

the local concentration of DNA and preventing incorporation into the pattern. Additional

tests of the diffusion coefficient and interaction energy between DNA and MUDA at dif-

ferent ionic strengths and magnesium concentrations, in conjunction with the experiments

described in the previous Chapter, may help to elucidate the role of transient and mobile

DNA on the surface in nanografting (as well as in hybridization experiments).

197



Figure 3.18: Occupancy of DNA/MUDA patterns vs. pattern area at different concentrations
of magnesium. With the surface at OCP, nanografting solutions are under (green) 1.0×TEH
with 5 mM MgAc2 and (blue) 1.0×TEH with 2.5 mM MgAc2. Each point represents 20
similarly sized patterns graphed at their mean area.

198



Figure 3.19: Example contact mode images showing size-dependent occupancy of DNA in
MUDA patterns. Nanografting solutions are under 1.0×TEH with 2.5 mM MgAc2 and
imaged under the Ni(II) solution. DNA remain strongly attached even when imaged under
contact mode. Right) Friction mode imaging reveals the location of MUDA patterns on the
surface (to enhance visibility).
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Figure 3.20: Distribution of occupancy numbers of patterns generated with MUDA under un-
der 1.0×TEH with 2.5 mM MgAc2. Blue lines connect experimental distributions; while red
and black dots are the mean and maximum/minimum values from 100 simulations assuming
no DNA-DNA interactions (see text).

Effects of applied potentials during patterning

As the incorporation of DNA was highly sensitive to the magnesium concentration in so-

lution and, presumably, the surface charge, we explored the use of the electrode potential

to dynamically modulate the occupancy of DNA. We expected that the applied potentials

might affect the local concentration or the flux of the DNA molecules towards the surface.

At the same time, we also wished to confirm the effect of the concentration of MUDA, the

hypothesis being that, as before, an increase in the flux of MUDA towards the nanoshaved

regions at higher solution concentrations would decrease the occupancy of the DNA in the

patterns. Initial experiments to determine whether or not the applied potentials would

disrupt the MUDA layer of the patterns did not reveal significant structural differences if

patterned at OCP or under applied potentials; this is in contrast to what we observe in
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Estimated initial
incorporation rates
(from pattern oc-
cupancy and sizes)
×10−4 nm−2

-200
mV (vs.
Ag/AgCl) 0 mV 200 mV 400 mV

12.75 µM MUDA
2.9 ± 0.56
(n = 48)

9.1 ± 5.2 (n
= 57)

5.4 ± 2.1 (n
= 49)

2.6 ± 0.48
(n = 53)

25.5 µM MUDA
9.1 ± 5.3 (n
= 57)

3.5 ± 0.98
(n = 57)

5.4 ± 1.7 (n
= 50)

12.9 ± 8.0
(n = 51)

51 µM MUDA
1.3 ± 0.18
(n = 52)

1.3 ± 0.15
(n = 52)

1.6 ± 0.42
(n = 50)

1.3 ± 0.15
(n = 51)

Table 3.2: Estimated initial incorporation rates (×1014 m−2) ± the estimated standard
deviation (as calculated in section 2.6.3) of DNA probes co-patterned with MUDA at different
potentials. Patterned in 1×TEH with 2.5 mM MgAc2 and 90 nM DNA-SH (number of
samples in parentheses).

the next Subsection, where rather than using a thiol we use sodium dodecyl sulfate so that

the interaction between the ‘head-group’ of the alkane and the gold are dominated by the

electrode potential. In Table 3.2 we show the estimated initial incorporation rates (from the

occupancies of the patterns) vs. the applied potential at different MUDA concentrations.

From this experiment we find that increasing the MUDA did inhibit the incorporation of

DNA; as expected the DNA can not incorporate fast enough to compete with MUDA in

higher concentrations. However, we observe no clear trends for the effects of applied potential

on the incorporation of DNA, in contrast to what we observe with the AUT. This may stem

from the fact that applying a positive potential to the DNA/AUT system during nanografting

had dual effects to increase DNA incorporation (increasing the local density of DNA and

decreasing the local density of positively-charged AUT); in the DNA/MUDA system positive

potentials MUDA may be attracted to the surface as well. While this has some implications

for other scanning probe lithographies under potential control (see next subsection), for the

purposes of patterning nucleic acids for sensing applications it is not a useful parameter to

control during nanografting.
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3.4.3 Modulating stickiness: insights into the nanografting pro-

cess by nanografting of sodium dodecyl sulfate at different

applied potentials

In this subsection, we seek to elucidate additional mechanistic details of the nanografting

process by modulating the ‘stickiness’ of the incoming molecules by performing nanograft-

ing under controlled electrode potentials. We noted above that the accelerated assembly

kinetics of nanografted patterns has been proposed to be a result of the ‘confinement effect’:

during nanoshaving, nanoscale confinement between the matrix SAM, adsorbed molecules,

and the AFM tip bias the incoming alkanethiols into an upright orientation. The incoming

alkanethiols are stabilized more readily on the surface through a combination of interaction

between the thiol head-group and the gold surface and through inter-chain interactions with

matrix alkanes, resulting in ordered, compact, and kinetically-trapped chemical structures in

non-equilibrium arrangements. Based on this proposed ‘confinement’ effect, we hypothesized

that a charged, unthiolated alkane, which would not ordinarily be able to form an ordered

SAM under thermal growth conditions, could also be nanografted into a pre-formed alka-

nethiol matrix when an attractive potential is applied to the surface during shaving. Such

a process could be used to dramatically expand the repertoire of functional molecules able

to be patterned with nanoscale precision, such as lipids or other biologically/technologically

important amphiphiles, without the need for prior thiolation.

By electrochemical nanografting as we have above, we can modulate the interactions between

the head-group of the adsorbate (negatively-charged sodium dodecyl sulfate, SDS) and the

gold substrate. In contrast to past studies that rely on thiols, the sulfate groups used allow us

to gain new insights into the roles of the head-group/surface interactions in tip directed self-

assembly. We found that we were able to nanograft ordered, long-lived structures of SDS that

are laterally stabilized within an alkanethiol matrix. These ordered patterns are only formed
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during nanoshaving under positive applied potentials (Figure 3.21), enabling dynamic control

of the structure of the patterned molecules with time-varying applied potentials. However,

in sharp contrast with alkanethiols, we are also able to ‘nanograft’ SDS patterns that are

not confined by and entirely unconnected to the matrix SAM. The results presented here

suggest important mechanistic details about the role of the matrix SAMbeyond confining and

orienting incoming moleculesas well as the structure of the underlying gold surface during

nanografting ordered chemical patterns. Further, dynamic control of head-group/surface

interactions during tip-directed assembly can potentially permit the facile generation of

other higher-resolution chemical structures or nanoscale chemical gradients.

Figure 3.21: Schematic of potential-controlled nanografting of sodium dodecyl sulfate (SDS)
(inset), which has a negatively charged head-group attached to the alkyl chain. A) A selected
nanoscale region of a preformed alkanethiol self-assembled monolayer (SAM) is mechanically
desorbed (nanoshaved) by the AFM probe in the presence of a SDS. B) If the SAM is
nanoshaved while the surface is held at 800 mV (vs Ag/AgCl), an ordered bilayer of SDS
forms. However, if the SAM is nanoshaved at 0 mV, no ordered SDS layer forms, even if the
surface potential is later raised to 800 mV.

SDS was selected as a model molecule for nanografting because it only differs from a regular

alkanethiol by the sulfate head-group (Figure 3.21), whose interactions with the gold surface

can be modulated by applying potentials to the electrode surface [29, 37, 196]. SDS can
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form a number of ordered structures at the gold-water interface [37, 28], such as hemispher-

ical domes, half-cylinders, or condensed bilayers (i.e. interdigitated bilayers films of SDS

molecules with melted alkane chains) [145] depending on the electrode potential applied–

even if the concentration is below the critical micelle concentration (cmc). As the solubility

of alkanethiols in pure water is too low to allow tip-induced desorption of the SAM, 1 : 1

mixture of ethanol : water was used instead to improve the solubility. At the SDS concen-

trations in the patterning solution we use, 5 mM to 10 mM SDS in 1 : 1 ethanol : water

solutions, no formation of ordered structures on bare gold was observed via AFM over the

course of ≈1 hour. The concentrations are higher than the micromolar concentrations of

alkanethiols generally used for nanografting, but below the cmc of SDS. [113, 181]

Under the open-circuit potential (OCP, ≈280 mV vs Ag/AgCl), a pre-formed monolayer of

C18 was nanoshaved at a tip velocity of 800 nm/sec. We observed features that are 1.2 nm

lower than the surrounding monolayer (Figure 3.22A). The depth is smaller than 2.2 nm,

which one would expect for bare gold, but notably larger than the depth of an area with an

ordered SDS monolayer, which should be only 0.5–0.6 nm. Therefore, we assume that the

shaved areas are covered with a disordered layer of SDS.

As the electrode potential was raised to 800 mV, no change in the height of the regions shaved

at OCP was observed (Figure 3.22B)–the SDS did not spontaneously form ordered structures

within nanoshaved pits even at positive potentials. However when we then nanoshaved

nearby regions at 800 mV, the newly nanoshaved regions were 0.4 nm taller than the matrix

C18 SAM (Figures 3.22 and 3.23). That these features are resolvable via contact-mode AFM

suggests a significant measure of mechanical stability and orientational order. Condensed

bilayers of SDS have previously been observed to form at gold-water interfaces when the

electrode potential is higher than 450 mV [37]. These bilayers have recorded heights of 2.05

nm in water [37, 29, 145], but the thickness of surfactant bilayers has been found to be

highly sensitive to solvent and it would be unsurprising for SDS bilayers to appear thicker
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Figure 3.22: Nanoshaving a matrix C18 SAM in the presence of a SDS solution. A) (left)
Contact mode AFM image of regions nanoshaved when the surface was at open-circuit
potential (OCP), no ordered chemical patterns are formed. (right) Height profiles show
that the nanoshaved regions are not as deep as expected given the thickness of a C18 SAM,
suggesting that there is a disordered layer of SDS. B) At 800 mV (vs. Ag/AgCl), regions
nanoshaved at OCP appear the same (top) while regions nanoshaved at 800 mV appear
occupied with ordered layers of SDS molecules (bottom), whose height relative to the C18
SAM corresponds to that of a SDS bilayer. C) These SDS patterns are stable even when a
negative potential (-400 mV) is applied to the surface.

within a C18. No qualitative differences were observed with a higher tip writing velocity

(up to several m/sec, Figure 3.24), suggesting that the assembly is not diffusion limited,

unlike the nanografting of thiols, which is carried out at lower concentrations [289]. SDS

patterns remained in the nanoshaved regions with no observable change as the potential was

brought to -400 mV (Figure 3.22). By contrast, SDS on bare gold is completely desorbed at

potentials as negative as -200 to -300 mV [29]. The remarkable stability indicates the degree

to which alkane-alkane interactions stabilize the patterns in the matrix. The potential-
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induced desorption process likely requires structural defects in which the sulfate groups are

exposed to water and high electric fields. Therefore unlike SDS layer on unpatterned gold,

the SDS layer trapped in C18 is significantly more ordered and its desorption incurs a high

kinetic barrier.

Figure 3.23: Nanografting of SDS into C18 SAM. The features in the top row were
nanoshaved at 0 mV. The features in the bottom row were generated at 800 mV. Imaged at
0 mV.

Figure 3.24: Effect of A) applied potential and B) tip writing speed (in nm/sec) on nanograft-
ing of SDS. During tests of different applied potentials, tip speeds for each potential were
(from left to right): 10 nm/sec, 50 nm/sec, 100 nm/sec, 200 nm/sec, 400 nm/sec, (800
nm/sec).

To determine the onset potential at which ordered SDS patterns could form, we nanoshaved

a large square region while cyclically modulating the electrode potential between 0 mV and
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800 mV (Figure 3.25). Initially sweeping the potential downwards from 800 mV to 0 mV

at 25 mV/sec, we observed a very sharp, discrete transition between ordered SDS pattern

formation and disordered SDS at approximately 600 mV, close to the onset potential observed

during step-wise tests of potential-dependent SDS patterning (Figure 3.24). Similar sharp

potential-induced phase transitions in SDS layers on bare gold have been reported [28]. The

potentials of both the order → disorder transition (Vo→d) and that of the disorder → order

transition (Vd→o) appear to be the same. Moreover the ordered patterns remained even

while the potential was lowered below that threshold, which implied that the SDS structures

were stabilized even when not confined on all sides by the ordered matrix. The heights of

the ordered SDS patterns appeared smaller in these experiments (approximately the same

height the C18 layer) than those embedded within the C18 matrix. When not completely

surrounded by an ordered alkanethiol matrix, the bilayer patches may deform in response

to pressure from the AFM tip during imaging or compress slightly to minimize the exposed

area of the hydrophobic alkane chains.

Figure 3.25: A) Nanografted patterns of SDS obtained by cyclically varying the potential
between 0 mV and 800 mV during shaving (below). B) Potential applied during nanoshaving
for the respective patterns.

The previous experiment suggested that total confinement might not be necessary for ordered

SDS patterns to nucleate on the surface during tip-directed assembly; as the applied potential

was swept above the Vd→o during the nanoshaving process, SDS still formed well-ordered
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structures even though no vertically-aligned thiol or SDS molecules were present along the

trailing side of the pattern to orient the incoming SDS. To test the extent of confinement

by the (oriented) matrix SAM necessary for AFM-directed assembly of the bilayer SDS, we

attempted to nanograft a ‘free-standing’, ordered SDS pattern that did not have any contact

with the C18 matrix (Figure 3.26A): first by nanoshaving a 300 nm × 300 nm region at 0 mV

to create a region that contains a disordered SDS layer, then nanoshaving a 100 nm × 100

nm area within that pattern at 800 mV. Within the 300 nm × 300 nm region, we observed an

ordered pattern (100 nm × 100 nm) that was disconnected from the matrix C18 SAM (Figure

3.26B left and 3.27). The pattern appeared stable over several frames, did not grow in lateral

dimensions, and did not spread out or diffuse [50]. To our knowledge, such free-standing

structures have not been reported in nanografting literature. The SDS pattern desorbed

from the surface as the potential was lowered to 0 mV (Figure 3.26B right). The ordered

structures did not form if, instead, the 100 nm × 100 nm region was also nanoshaved at 0 mV

(Figure 3.28). However, when we attempted to shave under the SDS solution on a bare gold

surface with no pre-formed SAM at 800 mV (Figure 3.29) only local surface roughening was

observed (≈0.3 nm) in the nanoshaved regions and ordered SDS patterns were not formed.

In addition, we also applied high local pressure under a dodecanethiol/ethanol solution on

an area that had been nanoshaved (Figure 3.30). No features that were indicative of a

nanografted SAM could be observed, confirming that in sharp contrast to the nanografting

of SDS, confinement between the tip and an ordered SAM is necessary to form ordered

nanostructures of alkanethiol. The results above raise the questions of: 1) how the ordered

SDS patterns are able to first form or nucleate on the surface without confinement, and

2) why the formation of the patterns requires both an applied potential and simultaneous

nanoshaving (implying there are time-sensitive effects), and reveal unique roles for each of

the following elements of nanografting under potential control: the electrode potential, the

AFM tip, and the matrix SAM. Understanding their interplay and respective contributions

can shed light on the molecular mechanism for nanografting without the ‘confinement effect’.
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Figure 3.26: A) Schematic of ‘nanografting’ ordered, free-standing (un-confined) SDS struc-
tures. (left) A large region (300 nm × 300 nm) is nanoshaved at 0 mV then (right) a 100
nm × 100 nm region inside that area is nanoshaved at 800 mV (disordered SDS not shown).
B) An ordered, nanografted SDS pattern that does not contact the C18 monolayer (left)
imaged at 800 mV. (right) Imaged afterward at 0 mV.

The electrode potential modulates the interaction between the surface and the sulfate head-

group, and in this case also helps to reduce repulsion between the charged sulfate head-

groups and allows them to pack closer together [29]. While alkanethiols form a commensurate

structure of which the lattice constant closely matches the van der Waals radius of the alkane

chain [109, 200], these potentials may be necessary to achieve surface densities needed to

promote chain-chain interactions that stabilize the SDS pattern. The positive potential may

help to orient the sulfate groups toward the surface during nanoshaving. In addition, the

potential allows water to displace physisorbed alkane chains [96, 154, 48]. Hence, compared

to alkanethiol molecules that undergo slow transition from the lying down phase to the

ordered stand-up phase, SDS molecules in lying down phase can more readily adopt an

upright orientation that is needed to form a compact molecular layer. Therefore, nanoscale

confinement by the tip and an ordered SAM may not be needed for nanografting SDS.
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Figure 3.27: Additional examples of potential-controlled nanografting of SDS without con-
finement by a preexisting SAM. A) A large region of C18 was nanoshaved three consecutive
times at 0 mV in an attempt to remove as many alkanethiols as possible. Then smaller
regions were nanoshaved with the surface at 800 mV, and imaged at 800 mV. B) The same
region imaged at 0 mV. Both the SDS patterns desorb from the larger nanoshaved region,
even the pattern of SDS which appears close to the edge. C) Sequential assembly of un-
confined SDS patterns by first nanoshaving a large region with the surface at 0 mV (left),
then nanoshaving again at 800 mV (middle- pattern exposed on three sides, and right-
pattern exposed on four sides).

Nanografting of SDS with control over the rate of potential cycling during nanoshaving

as well as the concentration of SDS (or similar molecules) may help to further elucidate

the kinetics of the assembly process and the respective contribution of each aspect to the

accelerated assembly during nanografting.

The tip remains critical in nucleating and directing self-assembly of ordered SDS layers, as

ordered SDS layers do not appear without tip writing even after the potential is raised to

+800 mV. Primarily, the tip can mechanically remove transiently-adsorbed, disordered SDS

layers that prevent the formation of ordered SDS layer to enable the access of new molecules

to bare surface. We have considered another possible role for the tip in nucleating ordered

210



Figure 3.28: Simultaneous nanoshaving and applied potential (though not contact with the
pre-formed SAM) are required for the nanografting of a well-formed SDS pattern. A large
region of C18 was nanoshaved at 0 mV. Then smaller regions were nanoshaved with the
surface at 0 mV, and imaged at 800 mV. No ordered SDS structures can be resolved by
AFM.

Figure 3.29: A) Bare gold (with no C18 SAM) held at 800 mV. No strongly adsorbed SDS is
visible. B) After nanoshaving the surface at 800 mV, no patterning of ordered SDS occurs.
The increased height (≈ 0.25 nm) of the surface is consistent with roughening of gold atoms
at the nanoshaved regions.

SDS structures: during nanoshaving, the flux of incoming molecules towards the nanoshaved

regions may be augmented by a dip pen- like transfer of SDS molecules adsorbed on the

AFM probe to the gold [186]. However, the coverage of SDS on the AFM probe under liquid

is much lower than the coverages of ink molecules in DPN, and the concentration of SDS

in the solution ensures a sufficient flux to the nanografted area, transfer of the molecules

through the tip surface is unlikely to be significant.
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Figure 3.30: Control experiment of unconfined nanografting of dodecanethiol (C12). A) A
large region of C18 was nanoshaved three consecutive times in ethanol, and exposed to 2 M
C12 ethanol solution. Then smaller region inside the red square were shaved again in the
presence of C12. In contrast to the case of SDS, no new monolayer structure was formed.
B) Nanografting in the same C12 solution generates an ordered C12 monolayer inside the
C18 matrix. C) Cross section profiles showed that the nanografted pattern was 0.5nm deep,
consistent with the formation of an ordered layer of C12. On the other hand, the large region
in A was 1.2nm deep, indicating a disordered layer of C12 is within the pattern. The smaller
region that was nanoshaved again was 0.2 nm deeper, which is possibly due to removal of
gold adatoms during nanoshaving.

The need for a pre-formed alkanethiol matrix for the nanografting SDS structures, even when

the matrix was not connected to the SDS structure, is surprising and remains to be under-

stood. One possible reason is that residual thiol molecules may remain in the nanoshaved

regions and serve as seeds for nucleating ordered SDS growth. This scenario appears unlikely,

as we could pattern bilayer SDS into regions that had shaved three consecutive times at 0

mV to remove as many C18 molecules as possible (Figure 3.27). Another plausible explana-

tion for the need of a nearby SAM is that the exposed gold within the nanoshaved regions

possesses a different surface structure than bare gold that entirely lacks a C18 matrix. The

formation of an ordered alkanethiol SAM from solution requires significant restructuring of

the gold surface in the process: reconstruction of the bare gold surface is lifted, and as the

surface density of alkanethiols increasestwo thiol molecules bind to a single gold adatom in

a compact alkanethiol monolayerthe gold surface is etched as additional gold adatoms are

ejected to the surface [123]. As a result, a gold surface with an alkanethiol SAM which

has been nanoshaved may possess a different structure than a gold surface where the recon-

struction has been lifted electrochemically. A more favorable surface structure within the

nanoshaved regions may be required for other molecules such as SDS, which does not bind
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to gold strongly enough to lift reconstruction on its own, to form ordered patterns at the

gold-solution interface in the first place. Kolb et al. [196] found that the electrochemically-

induced adsorption of SDS was highly sensitive to the state of the gold surface. While SDS

would form ordered structures at potentials above 230 mV when the (bare) electrode surface

was unreconstructed, on a bare, reconstructed gold surface ordered SDS structures would not

form until the (SDS-stabilized) reconstruction lifted at 410 mV. Hence a unique structure

of the gold surface within the nanoshaved regions of the matrix SAM, and not necessarily

confinement by the SAM, could be a necessary component for the (accelerated) tip-directed

assembly of bilayer SDS during nanografting. Scanning tunneling microscopy of the gold

within the nanoshaved regions may be required to determine the atomic scale structure of

the surface in the nanoshaved regions. Potential-controlled nanografting using other unthi-

olated molecules may help determine how the surface structure may accelerate the assembly

of SDS and whether this phenomenon is unique to SDS.

While in traditional nanografting experiment, the interactions between gold and the thiol

headgroups are not easily varied, the electrostatic control of the interactions between a

charged headgroup and the surface provides a convenient handle to help to differentiate

the relative contributions of the inter-chain (or inter-molecular) interactions and head-

group/surface interactions. Determining how differences in molecular structure of the pat-

terned molecule affects the resulting structure of the nanopatterned region, and how the

ordered structure of the patterned molecules are dependent on pattern molecule concen-

trations or applied surface potentials, can provide valuable insights into both the kinetics

and thermodynamics of these non-equilibrium nanostructures. Moreover, the results raised

new questions concerning the role of the Au-S interface during nanografting. Future high-

resolution studies that provide an atomic-scale understanding of the nanoshaved gold surface

may reveal new roles of unusual surface structures, adatoms, or residual alkanethiols in the

tip-directed assembly.
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Our ability to nanograft ordered, kinetically-trapped structures using unthiolated molecules

may also allow the generation of more complex molecular nanosystems. While here we have

focused on SDS, the ease at which these structures were patterned suggests that nanograft-

ing is a promising method to pattern other molecules bearing a charged headgroup, such

as phospholipids. Additionally, dynamic control of the surface potential during nanoshav-

ing provides a convenient second handle for controlling surface order. With nanografting

solutions containing mixtures of molecules that respond differently to surface charges, the

dynamic modulation of the potential during patterning may provide a facile route towards

generating precise nanoscale chemical gradients that remain difficult to generate with current

techniques [29].
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3.5 A single molecule nano-array, and Conclusions

The results of the previous section provide new insights to the nanografting mechanism

and ways to optimize DNA nanografting for single molecule nanoarrays. The DNA pat-

terning experiments suggest a profound sensitivity to ionic strength and composition of the

nanografting solution. We found that by fine-tuning these parameters, we could achieve non-

Poissonian distribution of the number of DNA molecules patterned with large percentatges

of patterns containing a single DNA molecule. We further note that the composition of the

nanografted patterns depends on the composition of thiolated species in solution only at the

time of nanoshaving. Therefore, by washing out the solutions within the AFM cell, this

process can be used to easily pattern a series of patterns containing isolated probes of dif-

ferent sequences —in effect, a DNA ‘nano-array’. For example, in Figure 3.31 we patterned

one DNA probe molecule along with AUT, replaced the solution to one containing a second

probe and produced inter-digitiated patterns of probes of a second sequence.

3.5.1 Multiplexed patterning and target-binding with single, pat-

terned probes

To test the target-binding ability of individual DNA probes nanografted with MUDA, we

generated a simple, multi-component single-molecule nano-array. The nano-array consisted

of two patterns: i) the first patterned with thiolated, 24 bp ds DNA molecules and 25 µM

MUDA under 1×TEH with 2.5 mM MgAc2, ii) then, 2 microns away on the same surface,

we performed nanografting in the presence of control unthiolated ds DNA molecules and 25

µM MUDA under 1×TEH with 2.5 mM MgAc2. After patterning, the sample was immersed

in pure water for a half hour to melt the double-stranded DNA probes, then immersed in

a solution of target molecules (200 ds DNA with 24 nt single-stranded target sequence at

the 5’ end). This will allow us to determine first if the probes are specifically incorporated,
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Figure 3.31: Multiplexed nanografted single-molecule DNA patterns within the same image.
First DNA molecule A was patterned with AUT; the fluid cell copiously flushed; and then
replaced with a nanograftign solution containing DNA molecule B and AUT, which was
nanografted in the regions between patterns of DNA molecule A.

i.e. covalently achancored to the gold and laying on top of the MUDA, or non-specifically

adsorbed, and second, whether these probe molecules can bind to targets. The results are

shown in Figure 3.32.

We find that the thiolated probes are able to bind to targets, with long (approximately

60 nm) target probes readily differentiated from the unhybridized probes. Heights of the

long, hybridized targets are approximately 2 nanometers above the MUDA pattern. Many

of the shorter, unhybridized probes have heights above the background of approximately

1 nm, implying that they may have been embedded in the pattern. This is also the case

for the control patterns generated using unthiolated DNA; some short protrusions within

the pattern may be non-specifically adsorbed DNA embedded within the MUDA, however

none of them appear to have hybridized with any of the targets. Therefore we conclude that

isolated DNA probes can be patterned into controlled nanoscale environments such that they

can hybridized with targets and the hybridized targets can adsorb onto the surface strongly
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Figure 3.32: Target-binding on a DNA nanoarray. (Top) Contact mode images of a PEG
monolayer where 24 bp double-stranded probes had been patterned atop MUDA. The ds
probes were melted in pure water the exposed to a 5 nM solution of 200 bp DNA with a
complementary 24 nt tail in 1×TAE. (Bottom) A control set of patterns produced 2 microns
away using unthiolated DNA probes (image width is 1 micron). The small protrusions are
approximately 1 nm in height, implying that they have embedded within the pattern, and
no long, hybridized probes are visible. Both images are the same width (1 micron across)
and have the same heights.

in the presence of Ni2+ to allow AFM visualization. In other words, the target-binding

and detection can be considered a simple example of a multi-component, ‘single molecule

nano-array’

3.5.2 Conclusions: implications for future nucleic acid sensors

Here we present a method to pattern individual DNA molecules with nanometer resolution.

By diluting DNA molecules with another alkanethiol molecule, DNA can be positioned on a
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chemically well-defined, atomically flat surface and be imaged in situ. Additional control of

the local interaction and further reduction of the feature size will likely increase the proba-

bility of single-molecule placement. Furthermore, this approach should retain the versatility

of nanografting, such as in situ detection of errors or error correction of misplaced DNA

molecules, as well as the capability of producing multiplexed molecular patterns that are

desirable in many studies. Integration of AFM with more advanced fludic systems could

potentially allow rapid, automated placement of DNA approaching the rates and versatility

of ‘printed’ microarrays.

Since the DNA molecule is confined within a nanografted area, and because both the size,

location, and sequence of the DNA can be controlled with nanometer resolution, this method

would allow for the assembly of complex biochemical structures on surfaces. The individual

DNA molecules on the surface can serve as seeds for complicated DNA nanostructures or

templates for nanoparticles [229]; along these lines while we have primarily used square

patterns, we note however that nanografting can be used to generate any arbitrary shape

(i.e., see Figure D.14 in Appendix D). Patterned structures of SDS suggests that nanografting

may be applied to a number of biologically-important molecules, and we can envision single-

molecule nanografting of individual biomolecules within lipid bilayers, for example, under

potential control.
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Chapter 4

Engineering chemically well-defined

gold substrates for biosensor surfaces

The fertile clouds, descending, glide about and hover in
brooding silence, as if thoughtfully examining the forests and
streams with reference to the work before them; then small
flakes or single crystals appear, glinting and swirling in
zigzags and spirals...

John Muir, Our National Parks

4.1 What is the ideal biosensor substrate?

To generate nanoscale biochemical patterns for fundamental biophysical studies as well as

practical biosensors, there remains a need for a high quality and versatile substrate. We

show that chemically synthesized gold microplates supported by a conductive indium tin

oxide (ITO) are an ideal substrate that combines several desirable characteristics, including

low cost, single crystallinity, optical (semi-)transparency, electrical conductivity, and ease

in chemical functionalization. In this chapter, we develop an inexpensive alternative to a
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bulk single-crystal gold substrate: a convenient one-pot method that allows us to synthesize

gold microplates, i.e., anisotropic gold particles which are several microns wide but only

tens of nanometers thick, of desired dimensions and surface coverage directly on indium

tin oxide. The surfaces of the gold plates, which are prepared by ‘capping’ the growth of

the Au(111) facets during formation, are atomically flat. Because the ITO substrates are

conductive we have used electrochemical desorption to strip the capping agents, allowing

reliable functionalization with alkanethiol self-assembled monolayers. Although such plates

are not yet suitable for applications that require millimeter or larger active areas, they

can serve as a versatile nanoscale ‘lab bench’ that enables combinations of high-resolution

nanoscale patterning and imaging with scanning probe techniques, electrical manipulation of

the surface properties, and potentially sensitive optical measurements. Two applications of

the advantages conferred by the substrate are demonstrated are demonstrated here: the use

of the microplates an a substrate for DNA hybridization studies, and use of the microplates

in facilitating a nanoscale electrochemical etching process (which may be used to develop

more complex, plasmonically enhanced biosensors).

Figure 4.1: Summary of Chapter 4 goals and findings: Atomically flat gold microplates
were grown on indium tin oxide (ITO) in such a way as their surface chemically can be
carefully controlled. High-quality alkanethiol self-assembled monolayers can be formed on
the plates, making them suitable for integration into biosensor devices. The image shows the
nanoscale chemical patterning of an alkanethiol monolayer on a large, flat plate, implying
that the plates are compatible with single-biomolecule patterning techniques (Chapter 3) or
in high-resolution AFM studies (Chapter 2, and see applications below).
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The adoption of these substrates is expected to dramatically reduce the cost of gold substrates

for biosensing while maintaining exquisite flatness, chemical functionality, and integration

with numerous detection schemes.

Supported gold microplates as the proposed solution: prior arts and challenges

in the growth of microplates

Single crystalline, micrometer-sized plates can be formed by reducing Au(III) in the pres-

ence of surfactants [150, 257, 267]. In most existing studies, the solution-synthesized plates

are purified by precipitation and resuspension before they are cast onto indium tin oxide

(ITO) substrates for subsequent characterizations [87, 248]. A few studies have used a

two-step nucleation and growth procedure to directly grow nanoplates on ITO [258, 297],

which eliminates the precipitation step that often causes unwanted aggregation due to strong

adhesion between the plates [248]. Despite numerous studies devoted to the synthesis, struc-

tures, and optical properties of these plates, chemical/biochemical patterning on these plates

[41, 120, 104], which can impart sophisticated functions, has remained unexplored. Potential

challenges in addressing the issue include convenient, reliable growth of plates of desired size,

thickness, and surface coverage directly on surfaces as well as thorough removal of capping

agents that impede reliable surface functionalization and patterning.

It is advantageous to grow plates directly on surfaces to overcome the potential issue of

ill-defined morphology due to aggregation of plates synthesized in solution. A few studies

succeeded in synthesizing mainly nanosized plates directly on ITO using a two-step process

(nucleation and growth) [258, 297]. There remains need to develop a convenient one-pot

method that produces a large number of 20-60 nm thick plates whose lateral dimensions are

several micrometers or larger. Anisotropic gold micro/nanoplates are synthesized by reducing

gold in the presence of capping agents. We chose to use CTAB and KI [179, 297], which may
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be easier to remove than common polymer capping agents used, such as polyvinylpyrrolidone

(PVP) and poly(ethylene glycol) to allow the formation of high-quality SAMs [258, 49].

Iodide is known to strongly adsorb on the Au(111) facets [220, 255]. Working in concert

with CTAB, iodide is believed to suppress the growth in [111], the direction normal to the

top and bottom surfaces of a plate, while allowing for the incorporation of the gold atoms

to the edges [258, 260].

4.2 Materials and Methods

Au Microplate Growth Solution

All water used was produced by a Barnstead NANOpure Diamond analytical laboratory

water purification system (18.2 MΩ·cm). In a clean 10 mL glass vial with a Teflon-lined cap,

a yellow-gold translucent aqueous growth solution of 30 mM KI, 0.50 mM chloroauric acid

(99.999% HAuCl4·3H2O, Aldrich), and 20 mM cetyltrimethlyammonium bromide (99+%

CTAB, Aldrich) was prepared at 70◦C. Added last to the 10 mL solution to initiate reduction

was 18 µL of 0.47 M reagent grade l-ascorbic acid (Aldrich). The vial was then immediately

capped and then shaken to produce a colorless solution instantaneously, after which the vial

was placed in a heat bath at 70◦C.

Au Microplate/ITO (AMI) Synthesis

An ITO (Aldrich)-coated microscope slide with a surface resistivity of 70-100 Ω/sq was cut

to 7 mm by 25 mm rectangular pieces and then cleaned by sonicating in acetone, ethanol,

and then water for 15 min each before use. After drying the cleaned ITO under a stream

of high-purity nitrogen gas, it was immersed into a freshly prepared Au microplate growth

solution at 70◦C for 5 h. Once the AMI synthesis is complete, it was rinsed with acetone and
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then sonicated in water briefly (1-2 min) to remove the particles that were loosely bound to

the surface.

SAM Preparation of Au Microplates

Before forming an alkanethiol SAM on Au microplates, the electrode potential of a cleaned

AMI was held at −800 mV in a 0.10 M KClO4 solution for 2 min to ensure complete

iodide desorption. When removing the AMI electrode from the electrolyte solution, we

maintained the potential at 800 mV. The surface was then immersed into piranha solution

(3:1 H2SO4:H2O2) at room temperature for 1-2 min to remove potential residual physisorbed

contamination. After the surface was rinsed with water and dried under nitrogen gas, a

SAM was formed on Au microplates by immersion into 1.0 mM ethanolic solutions of an

alkanethiol for 24 hours at room temperature. All electrochemical methods were performed

with a BASi Epsilon potentiostat (Bioanalytical Systems, Inc.) using a conventional three-

electrode electrolytic cell. The working electrode has an exposed area of 0.46 cm2. A looped

platinum wire was used as the counter electrode and a small Ag/AgCl 3 M KCl electrode,

which has a low leakage junction, was the reference electrode. A 0.50 M KOH electrolyte

was used as the supporting electrolyte. All other electrochemical methods in this paper used

the same conditions presented here unless stated otherwise.

Sample Characterization

Au Microplates

Au microplates grown on ITO are characterized with an FEI Quanta 200 scanning elec-

tron microscope (SEM) equipped with an Everhart Thornley-SE detector and a tungsten

filament as an electron source at a high voltage of 20 kV and a filament current of 2.04 A

in a high-vacuum environment (10−6 Torr). All AFM measurements were performed with
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an Agilent 5500 or NT-MDT Solver-Next atomic force microscope under contact mode or

tapping mode using SNL-10 (Bruker) or NS-G10 probes (NT-MDT). Because the coverage

of the microplates on ITO is too low for electrochemical or IR characterization, we used

evaporated Au films to model the adsorption/desorption processes on our Au microplates.

Although the Au films are polycrystalline, they have a predominantly (111) texture and have

been used as a convenient substrate to model single crystalline Au (111) surface in ensemble

average measurements such as infrared spectroscopy.

Au Films

The gold films on silicon (Platypus Technologies, LLC) were treated in freshly made piranha

solution (3:1 H2SO4:H2O2) for 20 min, rinsed, and then dried under a stream of nitrogen.

Caution: piranha solution can react violently with organic materials and should be handled

with personal protective equipment. Piranha solution should not be stored in tightly sealed

containers. The Au films were then lightly annealed with a hydrogen flame immediately

before the surface modification procedures. SAMs formed on Au films were characterized

by infrared reflectionadsorption spectroscopy (IRRAS) using a Nicolet 380 (Thermo Scien-

tific) with p-polarized light at an incident angle of 84◦ from the surface normal. A gold

film substrate cleaned with the piranha solution was used as the reference. A cleaned Au

film was immersed into a solution consisting of 0.10 M KI and 0.50 M KOH for 20 min for

the adsorption of iodide. After rinsing the iodide-treated Au film (IAu), i.e., the working

electrode, cyclic voltammetry (CV) was performed under a 0.50 M KOH electrolyte solution

(IAu/KOH). As will be shown later, this electrode is compared to bare Au under other elec-

trolyte solutions. All the voltammograms performed with Au films were acquired at a scan

rate of 100 mV/s after purging with nitrogen for 20 min.
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Chemical Patterning and Pattern Transfer

After an octadecanethiol SAM is formed on an Au microplate, we used AFM to selectively

desorb the SAM (nanoshave) under ethanol to expose specific gold regions. The threshold

of force required for AFM lithography was determined by progressively increasing the force

until selective desorption was observed. Typical threshold forces applied, which depend on

the sharpness of the AFM tip, range from 10 to 75 nN. Nanografting was performed under

a 50 µM ethanolic solution containing the thiol to be grafted, 11-mercaptoundecanol or

11-mercaptoundecanoic acid. Pattern transfer of the nanoshaved SAM resist was achieved

under an oxygen-saturated aqueous gold etchant solution containing 60 mM thiourea and 10

mM H2SO4. The depth changes were monitored by AFM. The method of electrochemically

controlled etching of gold is described within that section.

4.3 Large, flat gold microplates can be prepared with

controlled surface chemistries after electrochemi-

cally stripping the capping iodide layer.

ITO substrates were directly immersed into a mixture of chloroauric acid, ascorbic acid,

CTAB, and KI at an elevated temperature, 70◦C. SEM images (Figure 4.2AC) showed that

micrometer-sized plates were formed on ITO, and the sizes increased as the reaction time

increased. To understand the role of the ITO substrate in the growth of the microplates,

we immersed the substrate into an aged (4 or 9 hours) growth solution for an hour. We

chose the short 1 hours immersion time because the growth on the surface is relatively

insignificant at this time scale. Hence, the SEM images of the substrates after immersion,

which only showed smaller plates at a lower surface density, reflect the morphology of the

plates that were freshly deposited from the aged solutions. The absence of large plates (>20
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µm) in Figure 4.2E showed that the growth of the large plates observed in Figure 4.2B,C

predominantly occurred on the surface rather than in the solution.

Figure 4.2: SEM images of Au microplates grown on ITO by immersing the substrate into
a freshly prepared growth solution for (A) 1, (B) 5, and (C) 10 h. The inset of (A) shows a
zoom-in image of the plates. (D) and (E) are control experiments probing the contribution
of surface growth. The substrate was immersed into an aged growth solution for an hour.
The solutions for (D) and (E) were aged for 4 and 9 h, respectively. All unlabeled scale bars
are 100 µm.

Figure 4.3: Au microplate thickness distribution obtained by using tapping mode AFM
to scan 100 × 100 µm2 areas (inset) on samples prepared under optimized AMI synthesis
conditions.
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Because iodide is spontaneously discharged to form zero valent iodine when adsorbed on gold

[220], the resulting monolayer, often mentioned as iodide adlayer in other studies, is referred

to as iodine adlayer here. While the physisorbed CTAB is readily removed by sonication in

an organic solvent, the chemisorbed iodine adlayer is more difficult to remove.

4.3.1 High quality alkanethiol SAMs can be grown on the gold

microplate surfaces.

Initially attempts to displace the iodide layer by immersion in an alkanethiol solution failed.

AFM images of an C18 SAM formed on iodine-covered Au microplates revealed many SAM

defects that are ca. 1 nm deep (not shown). After we nanoshaved an area of the SAM, the

height of the entire area was reduced to the level of the SAM defects. Therefore, the higher

features correspond to patches of C18 SAM that are readily desorbed under pressure and

the SAM defects correspond to the iodine adlayer. The depth of the holes is smaller than

the physical thickness of an ordered C18 SAM, 2.1 nm. The difference may be attributed to

the compressibility of a small SAM domain during imaging and/or higher chain tilt angles in

the domain [157]. Grain analysis of the image shows that the coverage of the SAM prepared

for 24 hours is about 40%. Prolonged exposure to the thiol solution, e.g., 48 h, does not

increase the SAM coverage notably. The results above showed that the thiol molecules could

only partially displace the chemisorbed iodine adlayer.

This led us to explore electrochemical desorption that may be minimally perturbative to

gold surfaces. Consistent with other studies, [220, 168], a cathodic peak at -450 mV and two

anodic peaks at −400 and −350 mV were observed in the CV of a bare Au film under 1.0 mM

KI and 0.50 M KOH, (Au/KOH + KI) (not shown). The CV is qualitatively similar to that

obtained from the Au (111) surface [168], confirming that the Au film has a predominantly

(111) texture. Figure 4.4A shows an AFM image of the alkanethiol SAM formed on the
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AMI substrate subjected to reductive iodine stripping. The surface morphology is consistent

with a highly ordered SAM, with rms roughness of 0.11 nm. The highly ordered SAM is

only possible when the chemisorbed iodine is completely removed and the flatness of the

gold surface is preserved during the treatment. To demonstrate the presence of a high-

quality SAM and its suitability in high-resolution chemical patterning using fscanning probe

lithography, we performed nanoshaving on the surface. Because the micrometer sized plates

are visible through the optical viewfinder of AFM (Figure 4.7), the tip can be positioned on

specific plates for lithography. Nanoshaving on the SAM produced line widths as narrow as

30 nm (Figure 4.4C, top). Cross-sectional analysis over two relatively large 100 nm × 50 nm

nanoshaved rectangles provides a more accurate depth of nanoshaved pattern than thin lines

(Figure 4.4C, bottom). The depth, 1.8 nm, is slightly smaller than the physical thickness of

the C18 SAM (2.1 nm). The small difference, commonly observed in nanoshaving, can be

attributed to the compression of the alkyl chains by the AFM probe or a residual amount of

thiol molecules adsorbed in the shaved area.

To further probe the quality of the SAM and demonstrate the utility of the nanoscale patterns

on the AMI, we used the patterned SAM as an etching resist for the underlying gold mi-

croplate. After producing monolayer deep holes in the C18 SAM supported on a microplate,

we subjected the substrate to an etching solution of thiourea saturated with atmospheric

oxygen [104, 84]. AFM images in Figure 4.8 show that after exposure to the etching solution

the nanoshaved holes became deeper with only a minimal amount lateral expansion, less

than 5 nm. The actual depth of the etched holes may be significantly greater than indicated

by AFM, which introduces artifacts when probing high aspect ratio features due to the finite

tip size [129]. For a 30 nm diameter hole, the maximum depth that can be reached by an

AFM tip with a radius of curvature of 20 nm is only 13 nm. Etching is found to exclusively

occur at the nanoshaved region. Figure 4.6 has an example showing two nanoshaved areas

that are overetched; i.e., all the gold under the exposed areas had been removed, and signif-

icant sidewall etching occurred. Remarkably, even at this harsh condition, etching at areas
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Figure 4.4: Contact mode AFM images of nanoshaving in ethanol of (A) filled rectangles of
increasing sizes and (B) unfilled rectangles after a well-ordered densely packed C18 SAM is
formed on gold microplate treated with reductive desorption. (C) Numbered height profiles
corresponding to numbered lines drawn in (A) and (B). Profile 1 shows line spacings as small
as 28 nm have been generated. Profile 2 shows that the plate is 60 nm thick. Profile 3 is
drawn over larger nanoshaved areas to obtain more reliable thickness of the C18 SAM. White
arrow in (A) indicates the microplate edge.

protected by the C18 SAM was not detected by AFM. The selective etching demonstrated in

this study confirms that the SAM formed on the microplate of which the iodine adlayer had

been removed electrochemically was ordered, compact, and largely impermeable to etchants.

We demonstrate that isolated microplates with controlled sizes and thicknesses can be syn-

thesized with a convenient one-pot method. We have developed reliable chemical functional-

ization that is essential for nanoscale chemical patterning. Requiring only a few milligrams

of gold per microscope slide, our AMI substrate is inexpensive compared to evaporated gold

thin films. Although the AMI substrate is not suitable for applications requiring working

areas larger than 100 µm × 100 µm, it is particularly useful for those requiring molecular

scale uniformity in chemical functionalization and sub-100 nm chemical patterns. A 10 µm
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Figure 4.5: AFM image of patterned pits through nanoshaving of an C18 SAM on an Au
microplate (A) before and (B) after exposure to an oxygenated thiourea etchant solution.
(C) Histograms of pit depths.

Figure 4.6: C18 SAM etch resist formed on a Au microplate followed by nanoshaving small
squares (inset) to expose the gold surface to excessive etching using oxygenated thiourea.
(B) Numbered height profiles (1, 2) corresponding to numbered lines drawn over AFM
topography images in (A). Note the absence of etching away from the nanoshaved areas.

× 10 µm area can easily accommodate tens of thousands features, more than sufficient for

most experiments requiring nanoscale patterns.
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4.3.2 Gold microplates for single-molecule biophysical studies

Gold microplates allow the simple registration of the nanoscale features with

AFM

For biophysical studies of surface and in some biosensing application, the long-term moni-

toring of a specific set of molecules is often desirable. However, because AFM microscopes

possess an intrinsic drift in their piezoelectronics as well as drift in the AFM cantilever as

a result of different thermal coefficients of expansions of materials, it can be challenging

to register the same location, and hence the same biomolecules over longer periods of time.

Furthermore, because of limited sample volumes, for example, or other treatments, it is often

necessary to remove a sample entirely from the AFM to be returned later to observe the

effect of the treatment ex situ on the original sample. Finding the same nanoscale regions is

possible (for example, this was performed for several of the experiments for single molecule

nanografting, including the hybridization with target molecules), however it is technically

challenging and the large area scans of the surface occasionally needed to find the same

location on the surface can dull the AFM tip [49].

The use of gold microplates intrinsically provides a simple solution to the long-term mon-

itoring of nanoscale chemical reactions and of finding the same nanoscale locations on the

surface with minimal effort and degradation of the AFM tip. Because the plates can reach

several (> 5 – 10 microns) and are only semi-transparent at their most thin, the plates

themselves can be observed via an integrated optical camera often included within AFM

setups. In this way, an AFM probe can be directly positioned atop the surface of a specific

plate (Figure 4.7).

For example, Figure 2.62 (images of the same region of DNA probes on a MUDA surface be-

fore and after exposure to target strands) was performed atop a gold microplate to record the
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Figure 4.7: Optical viewfinder image of microplates on ITO under an AFM cantilever. The
AFM probe can be positioned directly on a specific microplate to perform nanolithography
and imaging.

same nanoscale region with high resolution. The use of these plates in this way significantly

reduces the potential areas in which to look for the specific nanoscale regions/biomolecules,

and because of their size assuaged the difficulties [49] associated with positioning the tip

atop smaller gold nanoplates (which often resulted in dull tips).

Gold microplates permit nanografting on their surfaces

Furthermore, we would desire that the substrates be compatible with the nanoscale chemical

patterning techniques we have developed earlier. Figures 4.8 and 4.9 exhibit examples of

nanografting atop these gold microplates.

The substrate should be compatible with the single molecule nanografting technique we

developed recently, opening the intriguing opportunities in placing individual molecules on

well-defined chemical environments on a nanoscale benchtop as well as manipulating and

probing the molecules with single molecule techniques, such as AFM and fluorescence mi-

croscopy.
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Figure 4.8: AFM image of nanografted pattern of 11-mercapto-1-undecanoic acid in C18
SAM on an AMI substrate. (B) Side-view schematic of the proposed nanografted structure.
The cross-sectional profile (C) shows that the nanografted areas are 0.7 ± 0.1 nm deep.

e

Figure 4.9: AFM image of nanografted pattern of 11-Mercapto-1-undecanol in C18 SAM on
AMI. The cross sectional profiles on the right show that the nanografted areas are 0.6 ± 0.1
nm deep.
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4.3.3 Electrochemically controlled nanolithography on plates

The ability to concentrate, guide and modulate electromagnetic energy at the nanoscale

using surface plasmons has found numerous applications in biosensors [130, 71], but crucially

depends on the shapes and sizes of noble metal nanostructures [112]. While relatively simple

metallic structures are produced with chemical synthesis [85, 282] or template stripping

[299, 185], more complex structures, particularly those useful for plasmonic circuits, are

commonly fabricated with focused-ion beam (FIB) [104, 164] and electron beam lithography

(EBL) [130]. A potential alternative that is inexpensive, convenient, and less damaging

to immobilized biomolecules in plasmonics-based biosensors [299, 14] is wet etching with

patterned self-assembled monolayers (SAMs) [288, 225, 271, 166].

To understand and control the etching process for faithful pattern transfer on gold, we

herein report the first in situ AFM study of electrochemical etching within a patterned

SAM resist. This study was made possible by addressing numerous technical barriers to

in situ imaging: 1) by using the gold microplates (supported by experiments on single-

crystal Au(111) substrates), we avoid the variability of etch rates of polycrystalline gold

films [288, 225, 271]; 2) the gold microplates permit nanoshaving, and thus offers us a

patterning resolution as high as 10 nm (Figure 4.10). As before the intact SAM serves

as an etch resist while etching only occurs in the exposed regions (see above); while the

introduction of a chemical oxidant into the liquid cell may perturb in situ imaging and

allow for limited control over the etching process, we applied an electrochemical potential

to initiate the etching so that AFM could track the evolution of the nanoshaved area; 4)

while traditional frame-by-frame imaging is too slow, we instead configured the AFM to

scan the same line across the nanoshaved shapes repeatedly (Figure 4.10A). The topography

profiles of the scanned line at different time points were stacked to form what we called

AFM kymographs (as shown in Figures 4.10B and 4.11), with the topography profile of the

scanned line shown along x axis and the y axis representing time. The kymographs provided
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a convenient and intuitive method to quantify vertical and lateral etching with sub-second

time resolution.

Figure 4.10: Schematic of in situ characterization of gold etching in nanopatterned SAM
resist. a) Octadecanethiol (C18) SAM on Au (111) is patterned by nanoshaving. Etching at
the nanoshaved area is triggered by applying a positive potential to the gold substrate, and
AFM is used to image the nanoshaved area during etching. b) 3D view of an AFM kymo-
graph, which shows a nanoshaved region being gradually etched in both vertical and lateral
directions. AFM repeatedly images the same line as etching proceeds and the topographical
profiles are stacked together to form the AFM kymograph, with the Y axis representing the
time axis.

Real-time measurements of nanoscale etching

We used octadecanethiol (C18) as the etch resist, as C18 SAMs have been previously shown

to serve as a robust and high-quality wet etch resist [298]. Then, using nanoshaving, we

exposed nanoscale regions in the C18 SAM formed on the Au (111) substrate. The sample

was then exposed to the etchant 40 mM thiourea in 10 mM sulfuric acid solution [151, 124].

The reaction describing the etching of gold by thiourea in acidic solutions is:

Au(s)+2TU(ad) ↔ AuTU+
2 (aq)+ e−

where TU represents the thiourea SC(NH2)2 and AuTU+
2 represents the gold-thiourea com-

plex. Thiourea must diffuse and adsorb onto the gold surface to form the aqueous species

AuTU+
2 with the aid of oxidant, which leads to etching of gold. We used the electrochemical

potential to initiate the oxidation/etching on demand so that the progression of etching at
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the bare gold region could be tracked in situ by AFM (Figure 4.10a). As will be shown

later, potential control also offers a unique opportunity to facilitate anisotropic etching.

To study the etching kinetics with kymograph, we configured the AFM to scan the same

line across the nanoshaved region repeatedly. This approach, which allows us to determine

etching anisotropy with sub-second time resolution, represents an optimum balance between

temporal resolution and topographical information needed to understand the nanoscale etch-

ing process. There was no observed depth difference between the AFM scanned line and the

rest of the shaved area. In addition, the shapes that were imaged by the tip and those

that were not imaged were etched to the same depth. These observations suggest that the

tapping mode imaging used to characterize the etching minimally perturbs the electrode

reactions. To determine the onset potential of etching in the nanoshaved area, we applied a

linear potential sweep from 85 ± 10 mV to 255 ± 10 mV at 2 mV/sec to the nanoshaved

surface under thiourea solution. The onset of vertical etching (red symbols) occurred at 150

± 10 mV , while lateral etching (blue symbols, error bars indicate errors due to AFM pixel

resolution) occurred at 200 ± 10 mV. A discussion of the anisotropy of the etching reaction

is reserved for Ref.

In order to understand etching at specific potentials in greater detail, we applied potential

steps, 95 ± 10 mV, 109 ± 10 mV and 172 ± 10 mV, respectively, (shown in Figure 4.11A-C).

The fact that in the potential step experiment, the etching begins below the onset potential

determined in the potential sweep experiment can be attributed to the time required to

reach a steady-state etch rate after the potential is changed to a new value. Lateral etching

was significant at all three potentials. However, a pronounced induction period for lateral

etching was observed in these experiments. Hence, significant lateral etching occurred af-

ter the onset of vertical etching. The time lag is consistent with previous observations in

the linear potential sweep experiment. Interestingly, the etch depth beyond which lateral

etching becomes significant was dependent on the step potential (Figure 4.12). At 95 mV
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and 109 mV, lateral etching began at a much smaller depth, 5 nm and 12 nm, respectively.

By comparison, at 172 mV, lateral etching was undetectable (within the measurement error

≈4 nm) until the depth of nanoshaved area exceeded 40 nm. However, the significant and

potential-dependent anisotropy in the etching revealed by these experiments would be diffi-

cult to unravel using the standard electrochemical techniques to study etching. A proposed

mechanism and additional real-time traces of the etching depth are found in Ref. [230].

Figure 4.11: In situ measurement of patterns under different step potentials. a-c) AFM
kymographs of nanoshaved squares that were identical to Figure 3a and subjected to low (95
± 10 mV), medium (109 ± 10 mV) and high (172 ± 10 mV) potential steps respectively.
As etch rate is relatively low at low and medium potentials, two consecutive AFM images
are combined to analyze the kinetics. Scale bars are 400 nm.

Figure 4.12: Width vs. depth plot at the three different step potentials.
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4.3.4 Conclusions and future work

Our in situ approach may be readily used to study and control nanoscale etching kinetics

with alkanethiol SAM resists to produce more complex, structures. Figure 4.13 shows the

AFM images of fabricated nanoholes near a corner of a gold plate after a step potential

was applied to the substrate. Etching was carried out at 170 ± 10 mV to minimize lateral

etching. The nanoholes generated this way were etched to 15 nm deep with lateral etching

less than 5 nm. Due to the effective passivation of the SAM, the top surface remains atom-

ically flat after etching, which should reduce the dampening of surface plasmons due to the

roughness of polycrystalline thin films. With new insight of the nanoscale etching kinetics

Figure 4.13: Application of electrochemical etching for fabrication of nanosized patterns. a)
AFM image of micron size single crystalline gold plates synthesized on top of ITO. The C18
SAM on the gold plates is patterned and etched. b) AFM images showing circular nanoholes
created by nanoshaving before and after etching.

and inexpensive single crystalline Au microplate substrates, wet etching with SAM resists

could be a viable method to produce metal nanostructures with high precision. For example,

with further optimization the electrochemically controllable etching technique may allow the

production of complex, high-resolution plasmonic nanostructures on the gold plates that al-

low selective immobilization of biochemical ligands in hot spots.” This study also showcases

the ability to track nanoscale and dynamic features atop plates, which can serve as versatile,
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chemically-well defined substrates for a number of potential sensors, biophysical studies, or

nanoscale chemisry. Further work is needed to improve their density on the surface and

reduce their thickness so that they may be transparent enough to allow through-substrate

fluorescent microscopy for combined optical/scanning probe experiments. Along these lines,

further development of the nanoscale etching technique may allow the careful crafting of

these plates into ultra-sensitive plasmonic sensors, with better controlled surfaces less per-

turbing to biomolecules (as mentioned above). The size of these plates at their largest also

approaches the size of a cell [182], so they may potentially serve as platform where the

individual biological molecules at the cell-surface can be tailored beforehand using single

molecule patterning.
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Appendices

A Derivation of kinetic Monte Carlo experiment of

a particle counting voltammogram of potentiody-

namic orientational switching

In Section 2.5, we performed a kinetic Monte Carlo simulation to model the particle counting

voltammogram of potentiodynamic orientational switching during the desorptive (‘lifting’)

sweep using the following algorithm:

1. Generate the number of DNA that are present on a ‘line’ (which would be scanned by

an AFM) from a random number N(µ0, σ
2
0), a Gaussian random number with mean

µ0 and standard deviation σ0 equal to that of the DNA observed per line when the

electrode potential was held at +200 mV during the entire scan (Figure 1D and A),

rounded to the nearest integer.

2. For each DNA molecule, generate the voltage at which the DNA lifts VL from a random

number generated according to the probability density function (pdf) f(V ). f(V ) is

the pdf of the ‘lifting voltage’, or the probability that during a PCV experiment where,

if the voltage is set to V0 and then is swept at rate λ V/s, the DNA lifts between V

and V +dV . This was accomplished by generating for VL from a uniformly distributed
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random number r between 0 and 1 for each molecule (see derivation below):

VL = a− b ln(− ln(r)), (A.1)

where parameters a and b are defined below in Equations A.13 and A.14.

3. The voltages were then sorted and displayed as a PCV, i.e. starting from +200 mV

then going to -200 mV at 25 mV/s, displaying the total number of DNA which would

be visible on that line at that potential.

The whole process was performed using MATLAB then repeated to simulate multiple ‘lines

scanned’. This simulation differs slightly from the actual implementation of PCV in that

it follows a single line of discrete molecules from the beginning of the experiment until all

the molecules have lifted, while in practice we do not observe the same molecule for very

long. By aggregating multiple runs of these time courses and ‘jumping’ from one time course

to another one at random every ≈ 10 mV can be considered approximately what the PCV

would look like using a point-like AFM probe.

To generate the probability density function of ‘lifting voltages’ for individual molecules, we

note that rather than using the ensemble kinetics from the previous section, we begin by

analyzing the equivalent probability density function of an individual DNA molecule being in

state A at time t Pa(t) (during a negative potential sweep starting at positive V0) is (scaling

δ by kBT to simplify notation):

dPa(t)

dt
= −kd(t)Pa(t) = −α exp(−δ(V0 + λt))Pa(t), (A.2)

We again assume irreversibility of the desorption process from our estimate of ĝ(V ) and

assume a Butler-Volmer-like rate function based on an appeal to the Bell-Evans model (see

above). Both should remain valid in the single-molecule analysis at the voltages where the
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DNA lift. Following Laviron’s treatment [141] for Butler-Volmer kinetics, the solution to

Equation A.2 is (noting that λ is negative):

Pa(t) = C2 exp
( α
λδ

exp(−δ(V0 + λt)
)

(A.3)

where

Pa(0) = 1 (A.4)

Rearranging Pa(t) and substituting:

at =
1

λδ
ln

(
−α
λδ

)
− 1

λ
V0 (A.5)

and

bt =
1

λδ
, (A.6)

we find:

Pa(t) = C2 exp

(
− exp

(
−t− a

b

))
(A.7)

The probability density function of ‘lifting times’ (time from the start of the experiment

to the time the DNA lifts) is f(t); following Kou et al., the probability that the DNA lifts

between t and t + ∆t is f(t)∆t, which is equivalent to finding the change in probabilities

that the DNA is in the ‘lifted’ states (Pw∗(t) = (1 − Pa(t))) between t and t + ∆t (∆Pw∗)
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over time ∆t:

f(t) =
(1− Pa(t+ ∆t))− (1− Pa(t))

∆t
=
Pa(t)− Pa(t+ ∆t)

∆t
(A.8)

Taking the infinitesimal limit (with b < 0):

f(t) =
−d(Pa(t))

dt
(A.9)

f(t) =
−1

b
exp

(
−t− a

b

)
exp

(
− exp

(
−t− a

b

))
(A.10)

Note that f(t) takes the form of a Gumbel distribution, often encountered in extreme value

theory, and as such the mean time of lifting and variance of the lifting times are:

〈t〉 = a+ Γ0b (A.11)

〈t2〉 =
π2b2

6
(A.12)

where Γ0 is the Euler-Mascheroni constant (≈ 0.577). To generate the lifting voltages ac-

cording to f(t) we change variables to f(V ) and integrate to get the cumulative distribution

function, which is then set equal to a uniformly distributed random number r between 0 and

1. Solving for VL yields Equation A.1. Note that after change of variables:

av = a =
1

δ
ln

(
−α
λδ

)
(A.13)
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and

bv = b =
1

δ
, (A.14)

Thus, assuming heterogeneity in a while holding b constant is equivalent to assuming a

distribution in the values of α = ν exp(−(∆G‡ + F0`c∆x
‡)), and thus a distribution of

the non-electrostatic component of adsorption energy. Additionally note that in effect (from

Equations A.11 and A.12), a change in a results in a linear change in the mean lifting voltage

for that individual DNA (for large δ, a ≈ 〈VL〉) as a result of non-electrostatic factors (its

local chemical environment), while a change in b (1/δ) is a change in the standard deviation

of the lifting voltages (how sharp the transition between A and W* is). Figures 2.48B-D each

contains 100 runs of the simulation overlaid using different magnitudes and distributions of

free energies for each DNA as described in the figure.
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B Derivation of Target Adsorption Radius vs. Collision

Probability

We wish to determine the probability that a target molecule landing at r0 (given the capture

radius rc of an isolated probe) will collide with the probe before the target desorbs from the

surface. The Laplace transform of the probability density function (pdf) of collision times

Tc for a target molecule initially at a distance r0 with a probe with capture radius rc 2D

diffusion PTc(t, r0, rc) is [134, 214]:

P̃Tc(s, r0, rc) =
K0(r0

√
s/D)

K0(rc
√
s/D)

(B.15)

K0(x) is the modified Bessel function of the second kind. The probability that the adsorbed

target molecule has not desorbed by time t − t0 (or t < Td; we take t0 = 0 with no

loss of generality), is STd(t) = exp(−kdt). The probability that a target molecule has not

desorbed by the time it collides with the probe P (Tc < Td) is found by integrating this

survival probability over the pdf of Tc’s, which is equivalent to taking the Laplace transform

of the pdf of Tc evaluated at s = kd [280], giving Equation 2.27.
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C Derivation of k2,c, Rate of Surface-Mediated Colli-

sions between Targets and a Single Probe, and Trun-

cated 2D Collision Rate k2,c,β

The Laplace transform of the probability that a target molecule lands between R and βR at

time t, for brevity referred to as P2,β(t) is:

P̃2,β(s) = P̃a,β(s) ·
∫ β

1

P̃2,C,β0(s)dP (β0) (C.16)

That is, the Laplace transform of the probability that a target which will collide with the

probe lands on the surface (from solution) at a point between R and βR at time τ (Pa,β(τ))

times

the Laplace transform of probability that a target at a distance β0 will collide with the probe

at time t − τ given that the target collides before it desorbs from the surface (P2,C,β0(t − τ)),

integrated over the probability of that the target landed at β0 given that it collides with the

probe before desorbing (P (β0)).

The rate of adsorption of a target molecule that will collide with the probe to a random

point within concentric circles of radius R and βR (ka,β) is:

ka,β = kAπR
2(β2 − 1)2π

∫ β

1

R2β0
πR2(β2 − 1)

K0(β0R)

K0(R)
dβ0 (C.17)

ka,β = 2kAπR
2K1(R)− βK1(βR)

K0(R)
(C.18)

269



Therefore:

P̃a,β(s) =
ka,β

s+ ka,β
(C.19)

P (β0) is found by application of Bayes’ theorem and Equations 2.27 and (the same reasoning

behind) C.17, and reduces to:

P (β0) =
K0(β0R)β0R

(K1(R)− β0K1(β0R))
(C.20)

P̃2,C,β0(s) is also found by application of Bayes’ theorem and Equations B.15 and 2.27:

P̃2,C,β0(s) =
K0(R)

K0(β0R)

K0(β0rc
√

(s+ kd)/D)

K0(rc
√

(s+ kd)/D)
(C.21)

where rc, kd, and D are capture radius, desorption rate, and surface diffusion coefficient.

The integral on the right side of
∫ β
1
P̃2,C,β0(s)dP (β0):

∫ β

1

P̃2,C,β0(s)dP (β0) =
RK0(R)(K1(rc

√
(s+ kd)/D)− βK1(βrc

√
(s+ kd)/D))

K0(rc
√

(s+ kd)/D)(K1(R)− βK1(βR))rc
√

(s+ kd)/D
(C.22)

Combining Equations C.19 and C.22 to get P̃2,C,β0(s), (−dP̃2,C,β0
(s)

ds
|s=0)

−1 = k2,c,β. Taking

the limit of k2,c,β as β −→∞ gives k2,c, which differs from k2,c,β by a factor of fβ. γβ can be

seen to be:

γβ =

(
1− πkAR(βK1(βR)(2K0(R)−RK1(R)) + 2Rβ2K0(βR))

πkAR(K1(R)(2K0(R)−RK1(R)) + 2RK0(R)) + kdK0(R)2

)
(C.23)
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D Nanografting thiolated DNA and co-patterned AUT

into arbitrary shapes

Figure D.14: An AFM topographical image of the iconic ”Steal Your Face!” logo of the
San Francisco-based band The Grateful Dead that had been patterned on a Au(111) surface
coated with a self-assembled monolayer (SAM) of hydroxy-terminated hexa(ethylene glycol)
undecane thiol. The logo itself (diameter ≈750 nm) created by nanografting both short,
thiolated DNA and 11-aminoundecane thiol molecules. Surface topography rendered in
three-dimensions using the SPM data visualization software Gwyddion. False coloration was
added with Adobe Photoshop.

When the smoke has cleared, she said,
that’s what she said to me:
You’re gonna want a bed to lay your head
and a little sympathy.

The Grateful Dead, Althea
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